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Abstract. Although nanotherapeutics offer a targeted and potentially less toxic alternative to systemic
chemotherapy in cancer treatment, nanotherapeutic transport is typically hindered by abnormal charac-
teristics of tumor tissue. Once nanoparticles targeted to tumor cells arrive in the circulation of tumor
vasculature, they must extravasate from irregular vessels and diffuse through the tissue to ideally reach
all malignant cells in cytotoxic concentrations. The enhanced permeability and retention effect can be
leveraged to promote extravasation of appropriately sized particles from tumor vasculature; however, ther-
apeutic success remains elusive partly due to inadequate intra-tumoral transport promoting heterogeneous
nanoparticle uptake and distribution. Irregular tumor vasculature not only hinders particle transport but
also sustains hypoxic tissue kregions with quiescent cells, which may be unaffected by cycle-dependent
chemotherapeutics released from nanoparticles and thus regrow tumor tissue following nanotherapy. Fur-
thermore, a large proportion of systemically injected nanoparticles may become sequestered by the reticulo-
endothelial system, resulting in overall diminished efficacy. We review recent work evaluating the uptake
and distribution of gold nanoparticles in pre-clinical tumor models, with the goal to help improve nanoth-
erapy outcomes. We also examine the potential role of novel layered gold nanoparticles designed to address
some of these critical issues, assessing their uptake and transport in cancerous tissue.

Introduction

Nanotechnology has garnered tremendous research attention in the past two decades. In particular, gold nanoparticles
(NPs) have been extensively studied for targeted cancer diagnosis, imaging, photohermal therapy, and drug delivery.
Gold NP shape configurations have been various, including nanospheres, nanorods, nanocages, and nanoshells. Issues
such as tumor targeting efficacy, pharmacokinetics and pharmacodynamics, toxicity, and biocompatibility have unfor-
tunately hindered clinical application. Even if these issues were resolved, however, the abnormal structure of cancerous
tissue presents serious challenges to effective nanotherapy. We review recent studies specifically focusing on overcoming
tumor tissue transport barriers, first summarizing the main biological and physiological barriers to NP transport, then
giving a brief overview of gold nanospheres and nanoshells and their construction, followed by a description of in vitro
and in vivo experimental techniques to evaluate NP uptake and distribution in cancerous tissue. We then review gold
NP uptake and distribution in 3D cell culture and in vivo animal studies, as well as recent computational modeling
designed to complement the experimental analysis of NP transport in cancerous tissue.

Biological and physiological barriers to nanoparticle transport

Upon systemic injection, NPs first have to navigate the body’s circulation while avoiding sequestration by the retic-
uloendothelial system (RES), which as part of the immune system is designed to remove pathogenic entities from
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the body. The RES, first reported by [1], comprises a network of cells and tissues throughout the body, including
in the blood, lymph nodes, liver, spleen, lungs, bone marrow, and connective tissue. Surface modifications are typ-
ically applied to NPs to minimize RES sequestering while pursuing passive and active targeting to tumor cells. In
particular, coating with the hydrophilic polymer poly(ethylene)-glycol (PEG) has been shown to prolong circulation
and avoid RES uptake [2,3], while promoting extravasation from tumor capillaries and diffusion in tumor tissue [4,
5]. PEG is currently the most widely employed FDA-approved polymeric platform for treating various cancers and
related diseases, including Oncaspar for acute lymphoblastic leukemia, Genexol-RM for metastatic breast cancer, and
Neulasta for chemotherapy-associated neutropenia [6]. While PEGylation enhances drug delivery, adverse effects have
included potential immunogenicity, which is still controversial [7]. Coating of NPs with ligands specific for receptors
over-expressed in cancer cells (such as the high-density lipoprotein receptor, HDLR) has also been shown to enhance
NP uptake and accumulation in tumor tissue [3].

Cancer cells typically exhibit unscheduled proliferation resulting in tissue growth with inadequate vascular supply.
The resulting hypoxia triggers angiogenesis [8–10], which is malfunctional due to uncoordinated stimulation from tumor
cells [11,12], leading to irregular and leaky vessels [13], with pore sizes larger than normal (typically ∼ 400 nm [14,15]).
Consequently, appropriately sized NPs administered systemically can preferentially leak out of tumor vessels through
the enhanced permeability and retention (EPR) effect [16–19]. NP transport and accumulation can be further affected
by NP surface charge, morphology, and size [20,21].

The irregular tumor vasculature hinders therapeutic efficacy even if NP systemic travel and targeted accumulation
were successful [22]. Tumor cells distant from vasculature are exposed to lower levels of diffusible substances (such as
glucose, oxygen, NPs, and drug molecules) [23–27]. Hypovascularization promotes cells that invoke survival mechanisms
to overcome low nutrient and oxygen conditions, including cell cycle arrest (quiescence) leading to cell cycle-dependent
chemotherapeutic resistance [23,28–30]. Transport may be further hindered by an acidic microenvironment, increased
interstitial fluid pressure (IFP), and a dense and disorganized extra-cellular matrix (ECM) [4,22,31–33]. As a result,
cancer tissue may have almost twice the volume of interstitial space compared to normal tissue [23,26]. These biological
and physiological barriers, coupled with intrinsic cellular resistance mechanisms, are a major reason underlying NP
inefficacy to treat tumor tissue.

Gold nanoparticles as therapeutic agents

Physics- and engineering-based approaches have been applied to help address NP transport barriers. NPs can be
constructed of inorganic or organic materials, or a combination of both. In particular, metallic NPs have been shown
useful in various applications including in vivo imaging, photothermal therapy, and drug delivery. NPs have been
synthesized from metals such as gold [34–39], silver [40–43], copper [44–46], palladium [47], ruthenium [48], or nickel [49–
51]. Gold NPs have undergone extensive research, and they have been shaped in various ways and functionalized with
moities for targeting cancer cell-specific receptors [52–54]. Previous studies have shown cellular uptake of gold NPs to
be proportional to NP size [55–57]. Accordingly, NP size and surface modifications have been modulated in the quest
to overcome transport barriers and deliver NPs more homogeneously into tumor tissue. Gold is an inert material, with
NPs larger than 5 nm exhibiting little cytotoxicity [58,59] depending on the surface charge. Systemic toxicity can be
further alleviated by coating with PEG, which can help hide the NPs from sequestering by the RES [20,59].

The clinical use of gold NPs has been hampered by poor biocompatibility and uncertain fate in vivo [60]. In lung
cancer, for example, it was shown that gold NPs coated with 1-stearoyl-2-oleoyl-sn-glycero-3-phospho-(1′-rac-glycerol)
were readily uptaken by lung adenocarcinoma cells, but they also seemed to induce lamellar bodies which could export
the NPs out of the cell, thus generating acquired cell resistance [61]. Gold NPs have been effective in diagnosing
lung cancer in exhaled breath by detecting elevated concentrations of volatile organic compounds [62] and through
histological classification by binding to biomarkers of various lung cancer types [63].

Nanoshells are a special case of gold NP [64], composed of an outer metallic shell coating an inner core of a material
such as silica, polystyrene, poly (lactic-co-glycolic) acid, or Fe3O4. In particular, silica-gold nanoshells have an outer
gold shell with a dielectric silica core, and have been extensively studied for cancer applications [65,66]. Varying the
thickness of the metallic shell enables optical tuning of nanoshells through their extinction spectra and hydrodynamic
size. They can be designed to exhibit maximum absorbance in the near infrared (NIR)-spectral range, thus providing
potential use for both photothermal therapy and multi-modality imaging. NIR-absorbing gold nanoshells have proven
effective at reducing cell viability in solid tumors via hyperthermia when exposed to laser radiation [67,68].

Construction of gold NPs

To illustrate the physical process of gold NP construction, we describe as an example the methods employed in our
previous work [69,70] to synthesize nanospheres and nanoshells.
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Synthesis of gold nanospheres

Citrate-stabilized gold NPs are typically synthesized using a method in which chloroauric acid is reduced by trisodium
citrate [71]. For example, 2.2–2.4mL 1%wt/v citrate and 200mL 0.01%wt/v HAuCl4 are mixed and boiled for 10min.
The solution is then concentrated using a rotovapor to ∼ 20mL. Although citrate-stabilized gold NPs may be easier
for designing a system for transport modeling studies, they cannot be used for thermal ablation since the wavelength
of light (∼ 540 nm) required for activation will cause injury to live tissue. Their application is thus limited compared
to silica-core gold nanoshells, which exhibit tunable optical properties and provide energy absorption in the NIR range
required for photothermal ablation.

Synthesis of silica gold nanoshells

The synthesis of nanoshells consists of four steps: production of a colloid of small gold particles (2–4 nm) through
reduction and aging of gold colloid following the recipe of Vogel et al. [72], fabrication of monodispersed silica cores
via the Stöber method [73,74], attachment of the seeds to the silica surface, and gold shell growth via reduction of
additional gold. The gold colloid solution is created using the THPC (Tetrakis(hydroxymethyl)phosphonium chloride)
method [68]. Growth of the silica cores can be achieved via the combination of 7.5mL tetraethyl-orthosilicate (TEOS),
225mL absolute ethanol, and 12.5–13.5mL ammonia. The ammonia is adjusted to achieve the desired silica core sizes.
After removal of the paraffin cover and evaporation of the ammonia, the cores are coated with 3%–4% aminopropy-
ltriethoxysilane (APTES). This allows for slightly positive cores for deposition of small colloidal gold particles, thus
forming a seed particle. The seeds are washed and a 10% gold solution is added to complete the shell. After reaction
time, the seeds are washed and re-dispersed in distilled water. The seeds are diluted to 0.3–0.5 optical density (OD) at
530 nm. A sweep is performed to optimize the chemical ratio between the seeds, K2CO3-HAuCl4, and formaldehyde.
Limiting the concentration of gold in the final reduction determines the thickness of the shell.

Functionalization of gold nanoparticles

In [69], gold nanospheres (45–60 nm) and silica gold nanoshells (160–175 nm) were functionalized with phosphatidyl-
choline (PC) and alkanethiol (two-layer), or high-density lipoprotein (HDL) and phosphatidylcholine/alkanethiol
(three-layer), in the formation of layered NPs. The uptake and distribution of the layered NPs was evaluated in
3D cell cultures of various cancer cell lines, and their performance was compared to PEGylated NPs. PC is the most
abundant phospholipid in the body and is a component of cell membranes, thus presenting less immunogenicity and
offering an alternative to PEG. For example, PC has been used as a passivating agent for gold nanorods, significantly
reducing their cytotoxicity [75]. Previous work has shown that thiol groups can help stabilize gold NPs due to the strong
binding affinity between thiol and gold in comparison to the electrostatic binding with citrate [76–78]; a comprehensive
review regarding the covalent interaction between gold and sulfur can be found in [78]. This functionalization creates
a hydrophobic particle, with the thiol hydrocarbon chains pointing away from the core. Layering with the PC then
yields a properly oriented layer surrounding the core as the hydrocarbon chains interact with the fatty acids of the PC.
Such a two-layer approach may yield better biocompatibility as well as improved penetration into under-vascularized
tumor tissue when compared to PEGylated particles. Additionally, the hydrophobic region between the PC and the
thiol could potentially hold hydrophobic drugs.

In [69], the first layer applied to the gold nanospheres and silica-gold nanoshells was 1-Hexadecanethiol dissolved
in ethanol. While stirring, 20mL pure ethanol was placed in a beaker followed by 60μL 1-Hexadecanethiol. The NPs
were added to the sample slowly over the next few minutes. The sample was sonicated for 2 hours, and then placed
for 12 hours on an orbital rocker. The sample was spun down at 5000× g for 15min, and the pellet was washed twice
with ethanol and sonicated before resuspension in 9mL chloroform. The second functionalization was the addition of
L-α-Phosphatidylcholine (PC). The stock solution was made by diluting the PC in chloroform (2mg/mL), and 100μL
(molar ratio 2000 PC: 1 nanoparticle) was added to the particles coated with thiol and allowed to set for 12 hours on
an orbital rocker. The solutions were transferred to glass tubes and the chloroform evaporated at ambient temperature.
After removal of chloroform, PC-coated gold nanospheres and silica-gold nanoshells were reconstituted in ddH2O to
2 OD. Three-layered particles were created by optimizing the ratio of HDL to NP optical density via an overnight
reaction after 2 hours sonication. PEGylated NPs and nanoshells were created to compare their efficacy to the two-
and three-layer NPs. To this end, 2000 MW PEG was added to gold nanospheres or nanoshells at a molar ratio of
2500:1. The solution was set on a rocker and allowed to react for 12 hours. Excess PEG was removed by centrifugation
at 13000 × g for 20min, followed by resuspension in phosphate buffered saline (PBS).
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Table 1. Layered Gold NP Characteristics (data from [69]). Two-layer includes coating with phosphatidylcholine (PC) and
alkanethiol, while three-layer additionally includes high-density lipoprotein (HDL). Maximum wavelength was obtained using
UV-Visible Spectroscopy, while size was evaluated via Scanning Electron Microscopy (SEM) and Dynamic Light Scattering
(DLS, with hydrodynamic diameter representing z-average of the intensity distribution). Parentheses denote S.D. (n = 3).

Nanoparticle type Functionalization Max. wavelength Diameter (nm) Diameter (nm)

(nm) (via SEM) (via DLS)

Gold nanospheres

PEGylated 533 52.6 (15.4) 82.81 (13.4)

Two layer 540 47.1 (12.6) 74.91 (13.3)

Three Layer 541 62.8 (14.9) 85.26 (18.7)

Silica gold nanoshells

PEGylated 820 146.2 (9.1) 161.82 (12.2)

Two layer 855 144.9 (6.5) 155.11 (13.9)

Three layer 860 158.1 (4.6) 169.41 (11.8)

Characterization of gold NPs

Gold NP surface modifications are typically assessed via optical, charge, and extinction spectra measurements (see
table 1 for an example dataset). In [79] gold nanospheres had a peak absorbance in the range 533–541 nm, consistent
with previous studies [80]. Size measured via scanning electron microscopy (SEM) was ∼ 55 nm, while hydrodynamic
size measured via DLS was ∼ 80 nm. It has previously been shown that NPs sized ∼ 50–60 nm can optimally recruit
sufficient cellular receptors to induce cell internalization [81]. Further, gold NPs of this size have shown high uptake
in orthotopic in vivo tumors [82]. In [79] silica-gold nanoshells had a peak absorbance in the range 820–860 nm, which
corresponds to nanoshells with 110 nm diameter silica cores and ∼ 15 nm gold coating [83]. With this set of parameters,
the nanoshells exhibited ideal optical properties for NIR application [68,84].

The zeta potential of the NPs is measured in order to evaluate surface modifications. In [79], PC and thiol additions
decreased the charge compared to PEGylated particles. In contrast, HDL increased the zeta potential to yield slightly
negatively charged particles. PEGylated nanospheres had a zeta potential of −9mV, while the two-layer version had
−20mV and the three-layer had −2mV. In general, the nanoshells had higher surface charge than the nanospheres,
due to the larger size of the nanoshells. The PEGylated versions had a zeta potential of −18mV, the two-layer version
had −29mV, and the three-layer had −6.8mV. These measurements were in agreement with previous studies [85–87].

Fourier Transform Infrared (FTIR) spectroscopy can be performed to ensure the presence of NP surface modifica-
tions. In [79], PEGylated NPs showed a C-O-C stretch of the PEG ether at ∼ 1050 cm−1 and vibration at ∼ 1350 cm−1,
with -CH2 and -CH3 bending vibrations at ∼ 1450 cm−1. This stretch was smaller than previously observed [88], pos-
sibly due to the coating with PEG onto the silica-core nanoshells. The two-layer version with an outer layer of PC had
PO4

3− group vibrations between ∼ 820–1000 cm−1, C-O-C stretch ∼ 1100 cm−1, with the largest band corresponding
to the asymmetric and symmetric -CH2 (2880 cm−1) and -CH3 (2950 cm−1) stretch and vibration, respectively. The
HDL-coated versions had asymmetric and symmetric -CH2 (2880 cm−1) and -CH3 (2950 cm−1) stretch and vibration,
with C=O from the lipid ester ∼ 1750 cm−1, amide bonds in the range 1600–1700 cm−1, and a phospholipid P=O2

stretch ∼ 1250 cm−1. The two and three layers showed overlapping spectra possibly due to the layering process.
NP size and morphology can be determined via SEM (table 1). NP uptake into tissues has been shown to depend

on particle shape [59]. In [79], nanoshells were observed to be spherical, as were most of the nanospheres, which is a
desirable attribute to attain optimized optical properties for potential NIR therapy. PEGylated versions were mostly
spherical measuring ∼ 150–170 nm in diameter. Hydrodynamic size influences NP performance in vivo. Accordingly,
dynamic light scattering (DLS) values are also usually measured. In [79], nanospheres were substantially smaller than
nanoshells, measuring ∼ 50 nm in diameter (table 1). Addition of hexadecanethiol and PC adds ∼ 5–7 nm to the
diameter due to the size of PC (∼ 2.5–3 nm) and the –thiol (∼ 2.5 nm) [89,90], while HDL adds ∼ 10 nm [91].

Setup for experimental evaluation

The following provides examples of in vitro cell culture and in vivo animal experiments that have been typically used
to assess gold NP uptake and distribution in tumor tissue. The detection of NPs using hyperspectral imaging is also
described.

Cell culture and nanoparticle experiments in vitro

In [69], the gold NP performance was evaluated with three different types of cancer cell lines in tumor spheroid 3D
cell culture: liver hepatocellular carcinoma (HEPG2), human lung adenocarcinoma (A-549), and pancreatic adenocar-
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cinoma (S2VP10). The spheroids ranged between 0.5 and 2mm in diameter, while the S2VP10 cells formed smaller,
grape-like tumors. The spheroids were incubated with 40μL NPs at 25 OD for 6 hours. Spheroids were allowed to set
for 2 hours in cryomolds made of tissue freezing medium, and then sectioned in 5μm slices for histological analysis.

Mouse model experiments in vivo

For the study in [70], severe combined immunodeficiency (SCID) female mice received an orthotopic pancreatic injection
of S2VP10 metastatic pancreatic adenocarcinoma cells expressing luciferase, resulting in pancreatic tumors within 7
days. An intravenous (tail vein) injection of 200μL 2 OD NP solution was given to each mouse 9 days after tumor
cell implantation. As there were five mice in each cohort, the first cohort received an injection of PC-coated gold
nanospheres; the second cohort received an injection of PC-coated silica-gold nanoshells, and the third cohort received
no injection (negative control). NPs were allowed to circulate for 48 hours before mice were euthanized. The pancreatic
tumor, liver, and spleen were removed from each mouse for histological processing, with the liver and spleen providing
a measure of NP uptake by two major components of the RES.

NP detection using hyperspectral imaging

Silver enhancement staining can be used to detect gold NPs in tissue samples using brightfield microscopy, although
the staining intensity also depends on particle size and shape in addition to particle number, thus providing a qual-
itative assessment. A more quantitative evaluation can be performed via scanning electron microscopy (SEM) or
transmission electron microscopy (TEM); however, these techniques by themselves cannot conclusively detect NPs.
Elemental analysis in combination with other techniques (such as energy dispersive X-ray (EDX) microanalysis) pro-
vides further confirmation of NP identity [92]. Other techniques for gold NP detection in tissue have included confocal
microscopy [93], atomic force microscopy (AFM) [94], fluorescence microscopy [95], dark-field microscopy [96], re-
flectance imaging [93], photothermal interference contrast [97], and micro computed tomography (micro-CT) [98].
Recently, hyperspectral imaging in combination with dark-field microscopy was used in [69,70,99] to assess NP uptake
and distribution within histology tissue sections. In this approach, spectral libraries of known NPs are created to
enable their detection in tissue. The combination of hyperspectral imaging with dark-field microscopy thus enables
automated NP detection. Previous work illustrates the use of this technology for NP detection in biological tissues.
For example in lung cancer, the deposition patterns of cisplatin aerosol therapy in surgically resected stage II lymph
nodes was analyzed using hyperspectral imaging [100]. Hyperspectral imaging was also used to analyze the morphology
and particle distribution of liposomes encapsulating recombinant human epidermal growth factor [101]. This type of
imaging has also been utilized in patients for rapid histological classification of lung cancer type [102].

The CytoViva Hyperspectral Imaging System uses a Dage camera with a microscope with dark-field capability.
Hyperspectral profiles are acquired using a Pixelfly camera and visualized using ENVI 4.8 software. To confirm the
identity of NPs, spectral libraries are created using z-spectral profiles and compared to the tissue samples. The spectral
mapping is able to detect and confirm the NPs within tissue samples by using multiple tissue images (> 10) containing
either NPs or no NPs. Data analysis can be performed with ImageJ. NPs are counted in various regions of tissue (e.g.,
tumor spheroids [69,70] or multilayered cell cultures [99]) to determine concentration. However, light scattering from
different components in dense tissue samples may hinder detection. Thus, to computationally extract the NPs, spectral
matching should be mapped for each image to provide a clear identification of pixels associated with NPs. NP spectral
profiles may be altered by backscatter from other sources, agglomeration status, and other mechanisms. For the tissue
obtained from in vivo experiments, regions of interest can be randomly determined and particles within these regions
counted to determine concentration. In this case, a sufficient number of regions should be evaluated to ensure an
acceptable level of accuracy (e.g., based on stereological analysis).

Evaluation of gold NP uptake in cell culture

Small gold NP uptake by cancer cells in monolayer, 3D cell culture, and tumors in vivo was assessed in [76]. Two
NP sizes (50 and 100 nm) were coated with tiopronin, a thiol drug used to control the rate of cysteine precipitation
and excretion in patients suffering from cystinuria [103]. Tiopronin can be used as a stabilizing agent for metal NPs
because its thiol groups prevent NP agglomeration [104], while its carboxyl groups can be modified with peptides,
molecules, or drugs. It was previously shown that tiopronin-coated NPs functionalized with targeted and therapeutic
peptides evinced enhanced NP uptake and distribution in 3D cell cultures of MCF-7 human breast cancer cells and in
mice in vivo [105].

Exposure to the tiopronin-coated NPs for 24 hours was not toxic to the MCF-7 cells, indicating good biocom-
patibility [76]. Human breast cancer MCF-7 cells were then treated with 50 and 100 nm NPs at a concentration of
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Fig. 1. Uptake of gold NPs in 3D cell culture measured via silver enhancement (data from [69]). Top: gold nanospheres; bottom;
silica gold nanoshells. ROI intensity measurements are shown for peripheral (black bars) and inner regions (grey bars) of A549
(non-small cell lung cancer), S2VP10 (pancreatic), and HEPG2 (liver) 3D cell cultures. Peripheral regions generally showed
equal or higher number of NPs than the interior. Error bars represent standard deviation from n = 3 measurements; asterisk
indicates statistically significant difference (p < 0.05) evaluated with Student’s t-test with α = 0.05.

1 nmol/L for 24 hours. Comparison of the number of NPs in each cell versus NP size indicated that cellular uptake
occurred in a size-dependent manner. More than 5× uptake was observed for the 50 nm compared to the 100 nm NPs,
in agreement with a previously reported maximum uptake of 50 nm citrate-stabilized gold NPs [106]. The intracellular
distribution of NPs after treatment was assessed by Bio-TEM, showing that both NP sizes localized in the cellular
cytoplasm in an aggregated state. The density of 50 nm NPs was significantly higher than that of 100 nm NPs, which
was in accordance with results from inductively coupled plasma mass spectrometry (ICP-MS).

In the 3D cell culture spheroid model, positively charged NPs were taken up mostly by proliferating cells [76],
while negatively charged NPs were able to deliver their payload deeper into tissue due to fast diffusion [107]. Arginine-
glycine-aspartic acid peptide-conjugated dendrimers were developed to enhance NP delivery into tissue. These den-
drimers exhibited significantly enhanced penetration of dendrimer/siRNA NPs into U87 malignant glioma 3D cell
cultures. The mechanism seems to be based on decreased integrin-binding affinity [108,109]. Accordingly, 50 and
100 nm tiopronin-coated gold NPs with the same surface properties were prepared, in order to assess the effect of
size on tissue penetration. The 3D cell cultures were exposed to the NPs at a concentration of 1 nmol/L for 3 and 24
hours. Evaluation of HE staining with dark-field microscopy showed that at 3 hours the NPs were primarily located
at the periphery of the spheroids [76]. The penetration of the 50 nm NPs increased with extended incubation time
from 3 to 24 hours, the amount being about 4× higher than that of the 100 nm NPs. A corresponding size-dependent
differential in NP concentration was also observed. These results are in agreement with previous work showing that
NP penetration into spheroids is limited to NP sizes smaller than 100 nm [110]. Similarly, NPs sized ∼ 20 nm showed
better penetration into spheroids than larger NPs [110].

In another study [111], ultra-small gold (2 and 6 nm) NPs were shown to have superior uptake and penetration
of MCF-7 breast cancer cells in monolayer, 3D cell culture, and tumors in vivo compared to larger (15 nm) NPs.
The NP uptake in cells in monolayer and their penetration in tumor spheroids was inversely proportional to the NP
size. Intriguingly, 2 and 6 nm NPs were found in both cell cytoplasm and nuclei in vitro and in vivo, while 15 nm
NPs aggregated in the cytoplasm. The gold content increased significantly with incubation time from 3 to 24 hours
for both 2 and 6 nm NPs, but not for the larger 15 nm NPs [111]. The 2 and 6 nm NPs were distributed throughout
the spheroids, suggesting deep penetration by the smaller particles, while the 15 nm NPs were found mostly at the
spheroid periphery. ICP-MS analysis demonstrated that the number of NPs detected in 3D cell culture was inversely
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proportional to their size. This observation is consistent with previous work showing that NPs smaller than 20 nm
have superior tissue penetration compared to larger (40, 100, or 200 nm) NPs [110].

In [69], tumor spheroid sections representing hypo-vascularized tumor tissue from three different cell lines (A549
non-small cell lung cancer, S2VP10 pancreatic adenocarcinoma, and HEPG2 liver cancer) were treated with silver
enhancement staining to assess NP uptake and distribution after exposure to layered nanospheres or silica gold
nanoshells. Region of interest (ROI) measurements were taken at the periphery and center of the spheroid cultures.
Samples exposed to two- and three-layer nanoshells had higher ROI intensity than PEGylated versions for all three cell
lines. For the A549 cell line, the three-layer nanospheres had more uniform distribution compared to the PEGylated
version (fig. 1, top left). In contrast, an increased accumulation of two-layer compared to PEGylated nanoshells
was observed for the A549 cell line (fig. 1, bottom left). The two-layer nanoshells had more of a differential between
periphery and tumor interior compared to the three-layer case (fig. 1, bottom left). For the S2VP10 cells, all of the two-
and three-layer particle versions had significantly higher ROI in the interior than the PEGylated versions, suggesting
increased penetration (fig. 1, middle). A more uniform particle distribution was suggested by the two- and three-layer
nanospheres, which presented similar ROI intensity values between spheroid periphery and interior compared to the
PEGylated versions (fig. 1, top middle). Two- and three-layer nanoshells had ∼ 2× the ROI intensity values at the
periphery for the S2VP10 cell line compared to the PEGylated version (fig. 1, bottom middle), with the three-layer
showing ∼ 50% higher values in the interior compared to the two-layer.

For the HEPG2 cell culture, the two-layer nanospheres attained a peripheral ROI intensity almost 2× that of the
interior, indicating a steep diffusion gradient into the 3D culture (fig. 1, top right). In comparison, the three-layer
nanoshells showed similar intensities between periphery and interior, and at similar values than the nanospheres,
indicating more uniform but poorer penetration (fig. 1, right). The two-layer nanoshells had ROI intensity values
statistically the same between the periphery and interior of the HEPG2 cell culture, indicating uniform distribution
into the tissue. The particles had an ROI intensity nearly 2× that of the three layer and 3× that of the PEGylated
versions (fig. 1, bottom). The PEGylated version had higher ROI intensity at the periphery than the interior while
having the lowest particle uptake (fig. 1, bottom). The ROI intensities recorded for the HEPG2 cell line were higher
than both the S2VP10 and A549 cell lines, indicating a higher number of particles uptaken in the HEPG2 cell culture
for all particle types.

Application of spectral libraries for the detection of gold NPs

In [70], spectral libraries were created of PC-coated silica-gold nanoshells and nanospheres before detection in tissue
samples. These libraries could later be matched to the tissue images for NP detection. In fig. 2, visible color changes
(green to yellow to red) illustrate the shift of the maximum absorbance wavelength. The majority of nanospheres in
solution exhibited green color, indicating maximum absorbance values within the lower range (500–600 nm) of the
spectrum (fig. 2A). This was confirmed through the z-profile spectra mapping showing a maximum band at ∼ 550–
570 nm. The nanoshells contained a significant concentration of red NPs, indicative of absorbance at higher wavelengths
(> 700 nm) (fig. 2B).

Dark-field microscopy enables observation of the NPs within tumor spheroid histology sections [70]. The light re-
flected by the particles provides sharp contrast with the surrounding tissue, enabling counting of the particles. Figure 3
shows a representative image, displaying small red-orange dots indicating particles within the tissue. Hyperspectral
mapping was used to filter out the tissue to highlight the NPs [112]. NPs were thus identified, and their uptake and dis-
tribution assessed within the samples (fig. 4). The three-layer nanospheres in the A549 tumors and the two-layer silica
gold nanoshells in the HEPG2 tumors showed the best performance, in agreement with silver staining measurements.
Both particle types behaved similarly in the S2VP10 tissue, evincing steeper diffusion gradients and lower uptake.
The three-layer formulation showed slightly higher uptake in the S2VP10 tumors, possibly due to a looser morphology
and to other pancreatic cell cancer-specific interactions with the HDL layer. Overall, the PEGylated particles had
poorer penetration and lower uptake. Comparing the nanoshell performance across 3D cell cultures, the three-layer
formulation exhibited an average 50% lower uptake compared to the two-layer [70]. The nanospheres had ∼ 30% higher
penetration at the spheroid periphery compared to the nanoshells, which may be mostly attributed to the larger size
of the nanoshells (3× that of the nanospheres).

The penetration and uptake dynamics of gold NPs has very recently been studied using a Multilayered Cell Culture
Model (MCL) [99], showing that NP transport and uptake are highly dependent on the tumor cell type. Gold NPs
sized 20 nm were able to penetrate deeper into tissue composed of MDA-MB-231 cells than of tissue of MCF-7 cells,
both human mammary carcinoma cell lines. The intracellular and extracellular spatial distribution of the NPs was
mapped using hyperspectral imaging, illustrating the differential NP uptake between monolayer and tissue-like MCL
models.
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Fig. 2. Hyperspectral imaging of PC-coated gold NPs [70]. (A) Gold nanospheres were primarily green, with a spectral profile
indicating a maximum wavelength of 570 nm. (B) Silica-gold nanoshells displayed an abundance of red and yellow, with a
spectral profile maximum of 700 nm. While the actual maximum wavelength of silica-gold nanoshells in solution is 820–860 nm,
hyperspectral imaging is known to underestimate entities containing higher wavelength maxima. Bar, 20 μm. Reprinted from
England et al., PLoS One 10, e0129172 (2015); used in accordance with Creative Commons Attribution (CC BY) license.

Evaluation of gold nanoparticle uptake in vivo

Accumulation of NPs in an organ is primarily a function of the associated tissue vasculature. Both the spleen and liver
are highly vascularized tissue and thus offer a high number of extravasation sites, while tumors with impaired vascular
development offer limited extravasation sites. The accumulation of 50 and 100 nm gold NPs was evaluated in mice
in vivo in [76]. The pharmacokinetic behavior was first investigated after a single 5mg NP/kg intravenous injection,
with the results showing that the NPs were rapidly eliminated from circulation: the NP concentration decreased to
11.0μg/mL at 10min and 1.9 and 0.2μg/mL at 8 and 24 hours for the 50 nm NPs, respectively [76]. The 100 nm
NPs were cleared faster from circulation than the 50 nm NPs. The pharmacokinetic behavior is affected by many
variables, including NP size and surface properties influencing the extent of opsonization and clearance. Since the NPs
were coated with tiopronin, they were easily opsonized and cleared from circulation. A higher amount of gold was
detected at 24 hr post injection for the 50 nm NPs (0.42μg/g) and less for the 100 nm NPs (0.14μg/g) [76]. The NPs
accumulated predominantly in the spleen and the liver, uptaking more than 80% of the injected dose. The spatial
distribution of the NPs was observed to be heterogeneous within the tumor tissue, with most of the NPs apparently
remaining in the vicinity of the blood vessels after extravasation.

Gold NP pharmacokinetics was investigated after a single intravenous dose of 5mg NP/kg in mice in vivo [111],
finding that the NPs were rapidly eliminated from circulation. The concentration of gold in the blood for 2 nm
NPs was 26.2 μg/mL at 10min post injection, 7.57μg/mL at 8 hr, and 0.94μg/mL at 24 hours. For 6 nm NPs, the
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Fig. 3. Representative dark-field microscopy to assess gold NP uptake in 3D cell culture tissue histology, with hyperspectral
imaging used to confirm particle identity (data from [69]). Image (60×) shows increased particle concentration around periphery
of HEPG2 histology section (upper left), with a decreasing number towards the interior. Inset: Image of A549 histology section
(100×) shows particles (arrows) distributed through the tissue.

corresponding levels were 9.0μg/mL, 2.8μg/mL, and 0.51μg/mL. The larger 15 nm NPs were cleared even faster, since
the coating with tiopronin enhanced opsonization and clearance from circulation. These results indicate that smaller
NPs extravasate from circulation and diffuse in tissue easier than the larger NPs. It has been shown that NPs with
the capability to “shrink” from 100 nm to 10 nm exhibit deep tumor penetration and high accumulation in tumors
in vivo [113]. In another study, the delivery of NPs with 12 nm diameter was enhanced by vascular normalization
in mammary tumors, whereas larger 125 nm NPs were hindered [114]. The 2 and 6 nm NPs were widely distributed
in different organs of the body, accumulating preferentially in the kidneys and with smaller amounts detected in the
spleen and the liver. This is consistent with the distribution of 1.9 nm NPs [115,116]. In contrast, > 70% of the injected
dose of 15 nm NPs was found in the spleen and the liver [111].

Systemic gold NP uptake in vivo based on NP size was evaluated in [117]. The NPs were traced after 1, 4 or
24 hours post intravenous (IV) (2 or 40 nm NPs) or intraperitoneal (IP) (with 40 nm NPs) injection. The NPs were
primarily detected in macrophages only, and at moderate exposure mainly in the Kupffer cells in the liver. The IV
injections yielded rapid NP uptake by the Kupffer cells, followed by slower uptake by macrophages in the spleen. In
contrast, the IP injections yielded delayed uptake in the liver along with a moderate uptake in macrophages at the
spleen, small intestine, and mesenteric lymph nodes. The NPs were not found in other organs, including lungs, brain,
adrenal glands, kidneys and ovaries, and placenta and fetal liver for pregnant subjects. The results indicate that inert
gold NPs penetrate cell membranes by endocytosis. Further, independent of size, the NPs were mainly uptaken by
Kupffer cells in the liver and secondarily by macrophages in other organs. The blood-brain barrier apparently prevents
the NPs from penetration into the central nervous system. The 2nm NPs also seemed to be removed through urinary
excretion via filtration in the renal glomeruli.

The uptake of a delivery system composed of 5 nm gold NPs loaded with cetuximab (C225) as a targeting agent,
and gemcitabine as a chemotherapeutic drug was evaluated with an orthotopic pancreatic tumor growth in vivo using
metastatic AsPC-1 cells [118]. Cetuximab is a monoclonal antibody that inhibits EGFR expressed on the cell surface of
some cancers. The growth was monitored non-invasively via bioluminescence measurements, showing the advantage of
a targeted system. Uptake of gold in various tissues was measured via inductively coupled plasma (ICP) analysis. The
gold content in the tumor indicated that C225 was an efficient targeting agent, and showed that the loading with gemc-
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Fig. 4. Gold NP penetration and distribution in 3D cell cultures measured by dark-field microscopy (data from [69]). Particle
uptake was measured as a function of distance from the tumor spheroid periphery for gold nanospheres (top) and silica gold
nanoshells (bottom) for A549 (non-small cell lung cancer), S2VP10 (pancreatic), and HEPG2 (liver), 3D cell cultures. The
three-layer gold nanospheres in the A549 tumors and the two-layer silica gold nanoshells in the HEPG2 tumors had the best
performance, while both of these particle types behaved similarly in the S2VP10 culture, with steeper diffusion gradients and
lower uptake. The PEGylated particles showed poorer penetration and lower uptake. All error bars represent standard deviation
from at least n = 3 measurements.

itabine did not affect this targeting. Gold uptake by the liver and kidney was minimal, further highlighting the targeting
efficacy. Treated tumors showed significant regression compared to untreated controls, with volumes reduced by ∼ 75%.
These results were confirmed in vitro with three pancreatic cancer cell lines (PANC-1, AsPC-1, and MIA Paca2) having
variable epidermal growth factor receptor (EGFR) expression [118]. The testing showed that gold uptake correlated
with EGFR expression, while evaluation of efficacy indicated significant inhibition of cell proliferation in vitro.

The biodistribution and uptake of PC-coated gold nanospheres and silica gold nanoshells in vivo was examined
in [70]. The NPs were tail-vein injected into mice bearing orthotopic pancreatic tumors to enable systemic evaluation.
Using dark-field microscopy in combination with hyperspectral imaging applied to histology samples, NP counts
were obtained in the vicinity of extravasation sites to assess the distribution and uptake in various organs and tissues,
including liver, spleen, and tumor. For nanospheres, the spleen exhibited a higher uptake of 35.5±9.3 particles/100μm2

within 10μm of the source, followed by an exponentially decaying penetration pattern which was limited to ∼ 50μm
(fig. 5). The liver and pancreatic tumor displayed a linear decline in concentration, with 26.5 ± 8.2 and 23.3 ±
4.1 particles/100μm2, respectively, within 10μm of the source and few NPs penetrating beyond 50μm (fig. 5). NP
concentration was highest in the liver (1.09± 0.14NPs per μm2) in comparison to the spleen (0.74± 0.12NPs per μm2)
and pancreatic tumor (0.43 ± 0.07NPs per μm2).

In this same study [70], silica-gold nanoshells exhibited limited penetration beyond 30μm in the spleen and pan-
creatic tumor (fig. 5), with uptake of 22.1 ± 6.2 and 15.8 ± 6.1 particles/100 μm2, respectively, within 10μm. The
nanoshells were uptaken mostly within the liver and displayed on average 31.1±4.1 particles/100μm2 within 10μm of
the nearest source, with penetration hindered beyond 30μm (fig. 5). The nanoshells exhibited a decaying exponential
pattern in the liver, spleen, and pancreatic tumor, implying limited diffusion possibly due to size. NP concentration
in the liver was 0.43 ± 0.07NPs per μm2, and 0.30 ± 0.06NPs per μm2 and 0.20 ± 0.04NPs per μm2 in the spleen and
the pancreatic tumor, respectively.

Evaluation of nanotherapy using computational modeling

In general, the large number of parameters available to tune NP performance coupled with the variability in tumor
tissue makes it challenging to evaluate these complex interactions solely through experimental observation. Hence,
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Fig. 5. Penetration of PC-coated gold NPs in liver, spleen, and pancreatic tumor tissues [70]. Particles were visualized us-
ing hyperspectral imaging, and their distances measured from nearest source points. In the liver and pancreatic tumor, gold
nanospheres had linear diffusion, while in the spleen it was an exponential decline. Silica gold nanoshells had an exponential
decline for all tissue types, suggesting limited diffusivity. Their extravasation was highest in the liver, while for gold nanospheres
it was highest in the spleen. All error bars denote standard deviation (n = 3). Reprinted from England et al., PLoS One 10,
e0129172 (2015); used in accordance with Creative Commons Attribution (CC BY) license.

mathematical modeling and computational simulation have been applied to complement the empirical effort in order
to gain further insight into these phenomena. Nanotherapeutic response can be simulated by describing tumors as
physical objects subject to physical laws, such as conservation of mass and momentum. Extensive modeling work
studying tumor growth as well as angiogenesis has been published in recent years, as reviewed in [119–137] and
associated references, with a subset of studies focusing on nanotherapy [24,27,138–148]. For example, the interaction
between NP vascular extravasation, uptake, and distribution with heterogeneous tumor interstitial, vascular, and
lymphatic conditions was studied in [140], finding that an elevated interstitial hydraulic conductivity leads to low
NP accumulation regardless of NP capacity for vascular extravasation. The results further showed that an elevated
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Fig. 6. Example of computational modeling to assess generic NP uptake in heterogeneously vascularized tumor tissue [139].
The columns denote three different NP sizes (100, 600, and 1000 nm), while the rows denote three different values for the model
parameter α, related to NP vascular affinity. The color scale provides a measure of fraction of injected NPs adhering at blood
vessel walls at ∼ 100 minutes after injection upstream of the tumor mass (bottom left corner in each panel). The tumor lesions
(∼ 750 μm diameter) have distinct regions denoting viable, hypoxic, and necrotic tissue, respectively represented by red, blue,
and brown colors. Pre-existing capillary vessels, shown as straight lines, are laid out in a regular grid establishing normoxic
conditions in the surrounding tissue. Angiogenesis-induced capillaries (irregular lines) sprout from the pre-existing vessels in
response to pro-angiogenic factors produced by the hypoxic tissue. Field of view is 2 × 2mm. Reprinted from Frieboes et al.,
PLoS One 8, e56876 (2013); used in accordance with Creative Commons Attribution (CC BY) license.

vascular hydraulic conductivity modulates NP accumulation in a manner inversely proportional to the capacity for
extravasation.

Some modeling studies have examined how tissue biological factors, including tumor size and vascularity, as well as
NP physiochemical properties, such as size and surface modifications, affect NP performance [27,139,140,143,147,149].
The models may provide insight into NP uptake and distribution in vivo, which could help define NP and therapy
parameters. In particular, a mathematical model was developed in [143] to predict NP diffusive transport and spatial
distribution in 3D cell culture representing under-vascularized tissue, based on NP parameters measured from mono-
layer cell culture including diffusivity, cell surface binding capacity, and rate constants of association, dissociation,
and cellular internalization. In [142], in vitro experiments were combined with mathematical modeling to study the
synergistic effect of nanoparticle geometry (size, shape) and molecular targeting on specificity of delivery to tumor
vasculature. An integrated approach was proposed in [144] for the rational design of NPs for intravascular delivery
of imaging contrast agents and therapeutics. The approach combines in vitro experiments and in vivo intravital mi-
croscopy (IVM) with mathematical modeling to identify combinations of NP size, shape, and surface properties that
maximize nanoparticle uptake within diseased vasculature.

The transport and accumulation of NPs targeted to tumor vasculature has recently been modeled based on size,
surface density and molecular affinity of surface ligands, and the expression of surface receptors on tumor endothe-
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lium [139]. The simulations showed that with higher vascular affinity, smaller NPs (100 nm) exhibited a more uniform
distribution within tumor tissue, while larger NPs (600 and 100 nm) distributed inhomogeneously as their larger size
with increased vascular affinity hindered their diffusivity (fig. 6). In contrast, smaller NPs with lower vascular affinity
did not accumulate in the tumor. Low vascular affinity for larger NPs increased their accumulation and more homoge-
neous distribution. Optimal distribution and uptake were achieved for medium vascular affinity and intermediate-sized
particles (600 nm), for which vascular and receptor affinity synergistically combined to yield higher accumulation and
more homogeneous distribution [139].

Conclusion

We have reviewed recent work studying the uptake and distribution of gold NPs in solid tumors, and examined in
detail the performance of gold nanospheres and nanoshells in tissue in vitro and in vivo. The goal of these efforts is
to evaluate how gold NP design in terms of size and surface modifications can help to overcome transport barriers in
the tumor microenvironment in order to improve nanotherapy efficacy, and thus ultimately improve patient outcomes.
Results in vivo illustrate the sequestering by the RES, with a high concentration of NPs uptaken in the spleen and the
liver. Smaller gold NPs overall had enhanced tumor tissue accumulation compared to larger NPs. Functionalization
of gold NPs has been shown to possibly improve targeting, transport, and uptake. As would be expected, low tissue
vascularization hinders NP uptake regardless of size, e.g., as in pancreatic tumors [70].

3D cell culture offers the possibility to study diffusion into under-vascularized tumor tissue, as occurs locally in
tumors. As reviewed here, the uptake and distribution of NPs within avascular/hypoxic regions of solid tumors has
been studied using such in vitro models [69,70,99]. However, tissue within live subjects is more complex than that
formed in 3D cell culture, typically having a fully developed ECM and multiple cell types (including immune system
cells) in proximity of blood and lymph vessels, which may affect the deposition patterns and uptake of NPs beyond the
mere effects of diffusion in 3D space. NP extravasation in tumor tissue in vivo is affected by interstitial fluid pressure,
as evidenced in experimental and modeling studies [22,32,140]. The RES and other systemic factors in vivo may also
significantly affect NP performance beyond what can be discerned from these experimental models.

Electron microscopy techniques (TEM, SEM, STEM) have traditionally been employed to detect NPs in tissue
samples [150]. Other techniques including confocal microscopy have also been employed to assess NP translocation
in co-culture cancer models [151]. Newer NP detection methodologies present opportunities for improved detection.
In particular, hyperspectral imaging has shown the feasibility of determining particle size, wavelength differentiation,
spatial location, and agglomeration status of NPs in solution [152]. In [70,99], dark-field microscopy in combination
with hyperspectral imaging was used to evaluate NP uptake and distribution within tissue samples harvested from mice.

Further elucidation of gold NP uptake and distribution in tumor tissue could advance the potential for photother-
mal and targeted drug delivery therapies [153], as well as novel diagnostic imaging techniques such as multispectral
optoacoustic tomography (MSOT) [154–157]. In combination with mathematical modeling, the experimental efforts
could thus provide a suitable progression towards systematic development of more effective cancer nanotherapy.
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