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Abstract—Review focuses on the modern applications of bacterial lipolytic enzymes in biotechnology and
covers the scope of their properties including their activity and functional stability at different temperatures,
pH, substrate specificity, and activity in the presence of different chemicals. The recent data on the produc-
tion of genetically engineered strains producing the bacterial lipolytic enzymes and approaches to improving
their productivity are presented. The applications of bacterial lipases in biotechnological processes used in the
production of biofuel, chemicals and detergents, in the food industry, and in wastewater treatment are con-
sidered.
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INTRODUCTION
The 21st century has been marked by the rapid

development of biotechnology. Enzymatic catalysis
has a special place in this field, due to the diversity and
specific properties of enzymes [1–3]. The most
important enzymes for chemical, food, pharmaceuti-
cal and fuel industries include hydrolases (lipases and
esterases) that are used in hydrolysis and esterification
reactions, especially in the immobilized form. The sig-
nificant progress has been achieved in application of
lipases and esterases as the part of biocatalysts for the
synthesis of optically pure compounds, in biofuel pro-
duction, and as the detergent additives [7, 8].

Lipases belong to the superfamily of α/β hydrolases
with the active center formed by Ser-His-Asp/Glu
amino acid residues and covered with the lid-domain.
It has been shown that thermostable lipases have the
large lid-domain with two or more α-helices, while the
mesophilic lipases are characterized by smaller struc-
tures consisting of a loop or an α-helix [9]. This
domain allows lipases to exist in two conformations:
open and closed. At an oil–water interface, the
enzyme is activated through the conformational
changes accompanied by a shift of the lid-domain,
resulting in opening of the substrate-binding pocket
[10]. During the substrate hydrolysis, serine residue
acts as a nucleophilic donor of hydroxyl groups and
chemical compounds act as the donors of the acyl
groups. This explains the broad substrate specificity of
168
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these enzymes, including specificity to the hydrolysis
of ester bonds in the certain positions of triacyl-
glycerides [11].

In contrast to lipases, esterases have higher speci-
ficity to the residues with the length of less than C10 [12]
and do not require interface activation. Most of the
known esterases are carboxylesterases with α/β-struc-
ture. The enzymes consist of six α-helices surrounded
by loops and eight β-folds. The active center of the
enzymes is formed by the Ser, Asp and His residues; in
addition, there is a specific structure referred to as a
“nucleophilic elbow,” which contains a nucleophilic
group. Meanwhile, the neighboring amino acid resi-
dues participate in the formation of other structures:
oxyanion holes, whose main function is to stabilize the
negative charge of the substrate during the nucleop-
hilic attack [13].

The diverse properties of lipolytic enzymes gener-
ally allow classifying them according to their origin,
structure, and the catalyzed reactions. They are cur-
rently classified as: carboxylesterases (EC 3.1.1.1),
galactolipases (EC 3.1.1.26), triacylglycerol lipases
(EC 3.1.1.3), acylglycerol lipases (EC 3.1.1.23), sterol
esterases (EC 3.1.1.13), arylesterases (EC 3.1.1.2), and
a number of other enzymes [12].

NATIVE PRODUCERS OF LIPOLYTIC 
ENZYMES

Lipolytic enzymes are widespread in nature; they
are found in bacteria, archaea, plants, and fungi [12].
Extracellular lipases are used most extensively, since
they can be easily isolated from the culture medium.
Although lipolytic enzymes are produced by many
microorganisms, the recombinant strains are predomi-
nantly used for their production as they satisfy the
requirements of the manufacturing processes. Improved
native producers are used at a low expression of lipolytic
enzymes of one organism in the cells of another organ-
ism (heterologous expression) [14, 15].

Industrial lipolytic enzymes are now derived
mainly from the filamentous fungi, due to the suffi-
cient levels of expression attained for some strains. For
example, Aspergillus oryzae has been modifyed to pro-
duce the sn-1,3-specific thermostable lipase from
Thermomyces lanuginosus. If the producer strain is a
native bacterial strain, its properties (including recom-
binant enzyme production) are first improved through
selection. Under both laboratory and industrial condi-
tions, lipolytic bacterial enzymes are now derived from
native producers belonging to the genera Bacillus,
Geobacillus, Achromobacter, Burkholderia, Pseudomo-
nas, Chromobacterium, Streptomyces, and Arthobacter
[4, 16, 17]. The most commonly used bacteria belong
to the genus Bacillus, which is widespread in nature
and produce lipases and esterases used for the produc-
tion of biodiesel fuel [18] detergents [19], chemical
synthesis [20] and water treatment for of insecticides
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degradation [21]. These enzymes have high functional
stability at high temperatures in a wide range of pH,
and in the presence of various chemicals. The proper-
ties and applications of some lipolytic enzymes from
bacteria of the genus Bacillus are listed in Table 1.

The enzymes of g. Bacillus have high functional
stability and temperature optimum at 55–70°С,
allowing to use them in different processes. For exam-
ple, the n-hexane and tret-butanol tolerant lipase from
the Bacillus sp. with an optimum temperature of 55°C
has been used for the production of biodiesel from lip-
ids of the microalga Oedogonium sp. with a 76% yield
of fatty acid methyl esters (FAMEs) after 40 h [26].
The high functional stability and stereospecificity of
bacterial lipases toward chemicals makes them suit-
able for application in chemical synthesis. The inten-
sive studies on the properties of bacterial enzymes in
reactions of stereospecific synthesis has been on the
hydrolysis of (R,S)-2-(3-benzoylphenyl)propionic
and (R,S)-2-(4-isobutylphenyl)propionic acid ethyl
esters. Lipolytic enzymes of the bacteria A. flavithermus
and B. gelatini KACC 12197 (Table 1) provide highly effi-
cient chiral resolution of the products of hydrolysis of
ketoprofen and ibuprofen. It should also be noted that
only one bacterial lipolytic enzyme (recombinant car-
boxylesterase D1CarE5 from A. tengchongensis) has been
successfully used for the biodegradation of insecti-
cides, e.g., malathion [27].

PROPERTIES OF BACTERIAL
LIPOLYTIC ENZYMES

Activity and Stability of Bacterial Lipases 
and Esterases at Different Temperatures

High temperatures are often used in industrial pro-
cesses, since they increase the rate of reaction and
improve product yield by shifting the balance in endo-
thermic reactions. The high temperature also reduces
the contamination of culture medium with the meso-
philic bacteria (the associated microflora) [30]. High-
temperature reactions require use of enzymes with
high activity and functional thermostability. The cur-
rently produced commercial thermostable lipolytic
enzymes of filamentous fungi T. lanuginosus, Rhi-
zomucor miehei and Pseudozyma antarctica (Candida
antarctica) have optimum activity at 37–50°С. On the
contrary there are the thermostable bacterial lipases of
Burkholderia cepacia and Pseudomonas fluorescens
with higher temperature optimum (above 50°С) [12].
Thermostable lipolytic bacterial enzymes from other
microorganisms are used less frequently, though they
might have much higher functional thermostability.
Bacteria isolated from extreme environment (includ-
ing hot springs with temperatures of 50–100°С) pro-
duce enzymes under laboratory conditions that are
active at temperatures of up to 110°С [31]. Among the
thermostable lipases functionally stable at 50–75°С
the enzymes of the thermophilic bacteria of the genera
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Table 1. Properties of lipolytic enzymes produced by bacteria of the genus Bacillus

Producer Enzyme properties Application Reference

Bacillus licheniformis B42 
(lipase)

pH 9–9.5; 50–60°С Production of detergents  [22]

Anoxybacillus flavithermus
(recombinant lipase/esterase 
Est/Lip)

25 kDa; pH 6.5–8; 60–65°C.
At pH 8.0 and 60 °С, t1/2 ≈ 5 h. Enzyme is 
active in the presence of DMSO, acetonitrile, 
and methanol. Substrate specificity: pNPC4.
Enantioselective to S-enantiomers of (R,S)-1-
phenylethyal acetate and (R,S)1-(benzofuran-
3-yl)-3-ethyoxy-3-oxopropyl decanoate

Chemical synthesis  [23]

Bacillus gelatini KACC 12197 
(recombinant lipase)

42 kDa; pH 10; 65°C. Retains more than 90% of 
its initial activity at 65°C, pH 10, for 180 min.
Substrate specificity: pNPC2, pNPC4. 
Enantioselectivity towards (S)-ketoprofen 
ethyl ester

Chemical synthesis  [24]

Bacillus sp. 
(recombinant lipase L2)

43.2 kDa; pH 9; 70°C.
At pH 9.0 and 60°С, t1/2 ≈ 2 h

Detergent production, 
food industry

 [25]

Bacillus sp. (lipase) 45 kDa; pH 7; 55°C. Active 
in the presence of n-hexane and tret-butanol

Biodiesel fuel production  [26]

Alicyclobacillus tengchongen-
sis (recombinant carboxyles-
terase D1CarE5)

58 kDa; pH 7; 60°C Biodegradation of insecticides 
(malathion)

 [27]

Bacillus thuringiensis No data Biodegradation of insecticides 
(malathion)

 [28]

Bacillus sp.S23 (lipase) 45 kDa Biodiesel fuel production  [29]
Bacillus and Geobacillus are extensively studied [32].
The recently isolated bacteria belonging to Geobacillus
kaue and Geobacillus kaustophilus have an optimum
temperature of 80°С and are stable at 90°С for 30 min
[33]. Thermostable esterases LipA and LipB of the
thermophilic bacterium Thermosyntropha lipolytica
have maximum activity at 96°С, which is currently the
highest for the lipolytic enzymes [34]. Lipase of the
bacterium T. lipolytica also has a high functional ther-
mostability. In [35], it was shown that the enzyme
retained 100% of its initial activity for 180 min at 70°С;
53.5% and 36% lipase activity was maintained for
120 min at 80°С and for 60 min at 90°С, respectively.
Computer analysis of the structure of thermostable
lipases from bacteria of the genus Geobacillus revealed
the presence of coordinated amino acid substitutions
in a group of lipases with high functional thermostability
(with a half-inactivation time of more than 1000 min):
V198A, Q203E, V204I, Q217E and V294I, P306A,
T307A, D312S, R313H, E316G, V324I, S334N, A343T.
Stabilization of the lid-domain in the 198А-217Е
region is observed in lipases with the maximum func-
tional thermostability [36].

The optimum activity of bacterial lipases predomi-
nately lies in the range of 30–60°С [37]. It has been
shown that the thermostability of bacterial lipolytic
enzymes increases after addition of various chemicals.
For example, the activity of lipases of some bacteria of
the genus Bacillus in the presence of ethylene glycol,
sorbitol, or glycerol is retained at 70°С after 150 min of
incubation [38].

Activity and Stability of Bacterial Lipases 
and Esterases at Different pH

Enzymes with neutral or alkaline optimum are
commonly used for the production of biodiesel fuel
and modified fats. It has been shown that the bacterial
lipases have maximum activity in neutral [26] or alka-
line [39] media (pH 6.0–11.0). For example, alkaline
lipases isolated from B. licheniformis [40], Bacillus
stratosphericus L1 [39] and Bacillus sp. L2 [25] have
optimum pH in the range of 9.0 to 11.0. Lipases of the
bacteria Bacillus stearothermophilus SB-1, Bacillus
atrophaeus SB-2 and B. licheniformis SB-3 are active at
pH 3.0–12.0 [41]. Lipases with the optimum activity
in acidic media are less frequent. For example, the
optimum pH in the range of 3.5–4.8 is typical for
lipases of Pseudomonas gessardii [42] and P. fluorescens
SIK W1 [43]. The diversity of lipolytic enzymes pro-
motes their application in the various reactions requir-
ing different pH.
CATALYSIS IN INDUSTRY  Vol. 11  No. 2  2019
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Stability of Bacterial Lipases and Esterases
in Organic Solvents

Functional stability is an important property of
enzymes in organic solvents, since the presence of
organic solvents in a reaction mixture can shift the bal-
ance of reaction toward the formation of products like
fatty acid esters during oil methanolysis. Addition of
organic solvents increases the solubility of substrates
(e.g., plant oils), reduces formation of by-products, and
prevents microbial contamination of the product [44].

A number of studies have shown that with the few
exceptions bacterial lipases are highly stable in aque-
ous media containing organic solvents (e.g., metha-
nol, ethanol, isopropanol, and n-hexane). For exam-
ple, addition of methanol at the concentration of 30%
(v/v) increases the activity of the lipase of the bacte-
rium Bacillus thermocatenulatus by 18% [45], while
addition of n-hexane (up to 60% (v/v) decreases the
activity of the lipase of Bacillus sp. [46]. It was shown
that the activity of lipase of strain Bacillus sphaericus
205y in the presence of n-hexane and p–xylene
increases by 3.5 and 2.9 times, respectively, as com-
pared to the enzyme activity without solvents [47].
The activity of the lipase TSLip1 of the bacterium
T. lipolytica decreases in the presence of organic sol-
vents: the enzyme retains more than 80% of activity in
the presence of 10% (v/v) methanol, but its activity is
almost completely inhibited in the presence of 30%
(v/v) methanol or 20% (v/v) ethanol [48].

Effect of Metal Ions on the Properties of Bacterial 
Lipases and Esterases

It was shown that divalent cations (e.g., Ca2+) can
increase the activity of lipases and esterases, due to the
formation of calcium salts of long-chain fatty acids
[49]. Ca2+ ions increase the activity of lipases of Geo-
bacillus thermodenitrificans IBRL-nra [50], Pseudo-
monas aeruginosa [51], and T. lipolytica [34]. On the
other hand, it was shown that calcium ions can reduce
lipase activity, as was observed for the lipase of P. aeru-
ginosa 10145 [52]. In addition to Ca2+ ions, lipase activity
is reduced by Co2+, Hg2+, and Sn2+ [52]; and to a lesser
extent by Mg2+ and Zn2+ [53]. Fe3+ ions have the
opposite effect: they increase the lipase activity of
A. calcoacelicus LP009 by 20% [54].

Substrate Specificity of Bacterial Lipases and Esterases
Substrate specificity is one of the most important

properties of enzymes. According to this, bacterial
lipases are classified as nonspecific, regiospecific, and
specific to fatty acid with different lengths of residues
(short-chain C2–C7, middle-chain C8–C12, long-
chain >C12). Nonspecific lipolytic enzymes, including
those produced by Chromobacteriuin viscusum, Staph-
ylococcus aureus, Staphylococcus hyicus [55], and
Corynebacterium acnes [56], hydrolyze triacyl-
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glycerides, to mono- and diglycerides, fatty acids, and
glycerol. The strains producing sn-1,3-specific lipases
which hydrolyze ester bonds at positions sn-1 and sn-3 of
triacylglycerides were found among the bacteria of the
genera Bacillus and Pseudomonas, e.g., Bacillus mega-
terium, P. aeruginosa, P. fluorescens and Pseudomonas
myxogenes [57]. Lipase C-4 of the bacterium Bacillus
amyloliquefaciens PS35 has a specificity to long-chain
(C16) substrates [58], while the lipase TSLip1 of T. lipo-
lytica more effectively hydrolyzes substrates with the
short alkyl chains (C4) [48]. In addition, lipolytic
enzymes have various stereospecificity. For example, the
esterase of the bacterium B. megaterium selectively
hydrolyzes racemic mixture of 4-chloro-3-hydroxyethyl-
butyrate to (S)-3-hydroxy-γ-butyrolactone [59].

PRODUCTION OF RECOMBINANT 
BACTERIAL LIPOLYTIC ENZYMES

Production of industrial enzymes often involves
their heterologous expression in well studied strains.
These strains can produce proteins that cannot be
manufactured in significant quantities with the native
strains. It refers to genes of enzymes isolated from
metagenomes containing the DNA of uncultured
microorganisms. In addition, heterologous expression
is used not only for production of native enzymes, but
also for bioengineered ones [60].

Both prokaryotic (bacteria) and eukaryotic (yeast,
mycelial fungi) hosts are used for heterologous expres-
sion [61]. Prokaryotic hosts have a number of disad-
vantages and are used mainly for laboratory studies.
Bacterial strains often cannot provide correct folding,
glycosylation, formation of disulfide bonds, and other
modifications necessary for functioning of some
recombinant proteins [60, 62]. The most frequently
used host is E. сoli, which can produce recombinant
proteins with high efficiency (up to 30% of the total
cell protein) in an inexpensive cultural media [39]. A
major drawback of E. coli is its inability for extracellu-
lar secretion of recombinant proteins. Fusion of pro-
tein with the signal peptide (PelB, OmpA) promotes
its secretion into the periplasmic space and its
extraction requires the destruction of the cells with
ultrasound or with the excessive pressure [60]. It has
been shown that the high level of expression of recom-
binant protein in E. coli cells often results in its aggre-
gation and accumulation as the inclusion bodies [63],
which prevents its isolation and lowers its yield. E. coli
is currently used for production of a number of recom-
binant thermostable bacterial lipases, e.g., from P. flu-
orescens [63], B. licheniformis [40], and Geobacillus
stearothermophilus [18].

One of the approaches to increasing the yield of
soluble recombinant proteins of E. coli is their co-
expression with molecular chaperones. Chaperones
are a group of proteins which classification is based on
their size, structure, and function. Their main func-
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tion is the effective formation of tertiary structures of
polypeptide chains in cellular proteins. Chaperones
not only promote the correct folding of polypeptide
tertiary structures but also participate in proteins [64],
refolding of incorrectly folded or aggregated proteins
[65], preparation of such aggregates for proteolysis,
and induction of apoptosis in damaged cells [66]. It
was shown that the co-expression of recombinant pro-
teins and molecular chaperones increases solubility
and reduces the aggregation of recombinant proteins
in E. coli. The correct folding of recombinant proteins
requires different systems of chaperones and chapero-
nin proteins (e.g., GroES, GroEL, ClpB). Chaper-
ones from native enzyme producers can also be used;
for example, the co-expression of the lipase of Pseudo-
monas cepacia and the chaperones of this bacterium in
E. coli produces a highly active enzyme with a specific
activity 4850 U/mg and a yield of 314000 mg/g of
E. coli cells [67]. The co-expression of recombinant
enzymes with proteins of the folding system of E. coli
is often used. For example, the co-expression of lipase
Lip-948 of the bacterium Psychrobacter sp. and the
DnaK-DnaJ-GrpE/ GroES-GroEL chaperone sys-
tem in E. coli BL21(DE3) increases the yield of the
soluble protein fraction with the expressed enzyme by
18.8% [68].

BIOTECHNOLOGICAL APPLICATIONS 
OF LIPOLYTIC ENZYMES 

AND BIOCATALYSTS
Bacterial lipases and esterases are frequently

applied in biotechnology, due to diversity of their
properties and catalyzed reactions. In addition, bacte-
rial lipolytic enzymes are usually more resistant to dif-
ferent factors of target processes, e.g., temperature,
pH, and the presence of different chemicals in solu-
tion [12].

In industry, lipolytic enzymes are used in both the
soluble and immobilized forms. Enzyme immobiliza-
tion produces biocatalysts that can be easily separated
from the reaction products and reused [5]. The need to
purify reaction products from enzymatic catalysts of
the reaction can therefore be avoided. Immobiliza-
tion often increases the functional thermostability of
an enzyme, along with its tolerance to pH and chem-
ical reagents, thereby extending the possibilities of its
application [69]. Immobilized bacterial lipolytic
enzymes are preferably used in organic synthesis in the
food and fuel industries; recently, however, the scope
of their application has been greatly extended. Some of
the most important industrial applications of lipolytic
enzymes are considered below.

Production of Biodiesel Fuel
Fatty acid methyl esters as the main component of

biodiesel fuel are preferable produced through the
chemical esterification of plant oils with methanol in
the presence of homogenous inorganic catalysts
(NaOH, KOH and H2SO4). Even though chemical
esterification ensures high yields of FAMEs, the pro-
cess is accompanied by high energy consumption (the
reaction proceeds at 50–90°С). It is also difficult to
separate the catalyst from the reaction products. The
glycerol that forms as a side product must be removed,
so as the large amounts of wastewater. Enzymatic
esterification under mild conditions is therefore an
alternative to the conventional processes of biodiesel
fuel production [6, 70]. The reactions are performed at
low temperatures, including study [71], where the
enzymatic esterification of saturated fatty acids with
primary aliphatic alcohols (C4–C18) was carried out at
20–22°С. The reaction of methanolysis is usually
conducted with a plant oil/alcohol mixture at a molar
ratio of 1 : 3, reflecting the stoichiometry of esterifica-
tion. The change in this ratio toward higher or lower
values usually results in a lower yield of FAMEs [18].
Alternative acyl group acceptors (e.g., methyl acetate
and ethyl acetate) are used to prevent the denaturation
of enzymes during their interaction with alcohols. It
has been shown that when these compounds are used
in methanolysis, the yield of FAMEs is 92% at a
methyl acetate/oil molar ratio of 12 : 1, with the
absence of loss of enzyme activity [72]. The reaction
temperature also has a substantial effect on enzyme
activity. In contrast to catalytic methanolysis, which
proceeds at temperatures below 60°С, the enzymatic
methanolysis of oils is most efficient at temperatures
below 40°С [73]. At this temperature, protein denatur-
ation is prevented and enzyme activity is retained. The
optimum temperature range for the enzymatic esteri-
fication of plant oils with methanol is 30–45°C [74].
In addition to plant oils, lipids for esterification can be
obtained from microalgae [75, 76]. The authors of [8]
described the enzymatic esterification of lipids of the
microalga Micractinium sp. IC-76 with the Burkholde-
ria cepacia lipase immobilized as the cross-linked
enzyme aggregates with FAMEs yields of 92.3 ± 1.5%.

Esterification reactions are now performed mainly
with the fungal lipase biocatalysts (Novozyme 435,
Lipozyme TL IM, Lipozyme RM IM) resulting in
FAMEs yields of 90–98% [6]. High yields of FAMEs
can also be achieved with immobilized bacterial
lipases. In [77], FAMEs were produced using the
immobilized (via the inclusion in hydrophobic sol-
gel) lipase of the bacterium P. cepacia. The optimum
reaction conditions were as follows: soybean oil, 10 g;
biocatalyst, 475 mg; oil/methanol molar ratio, 1 : 7.5;
35°С; and water, 0.5 g. After 1 h of the reaction, the
yield of FAMEs was 67%. The study in [78] was per-
formed with the recombinant lipase of Staphylococcus
haemolyticus L62, expressed in E. coli BL21(DE3) and
immobilized on a methacrylic acid–divinylbenzene
copolymer through hydrophobic adsorption/inclu-
sion (H-L62 biocatalyst) and hydrophobic adsorp-
tion/inclusion with covalent cross-linking (HC-L62
biocatalyst). Both biocatalysts proved to be stable at
CATALYSIS IN INDUSTRY  Vol. 11  No. 2  2019
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high temperatures and in the broad pH range; how-
ever, the HC-L62 biocatalyst was more effective in
thereuse.

For the biodiesel fuel production, it is highly
important to use lipases tolerant not only to high tem-
peratures but also to high concentrations of organic
solvents. The study performed in [79] with the lipase
of the bacterium Acinetobacter baylyi (ABL) immobi-
lized on Sepabeads EC-OD showed that immobiliza-
tion resulted in the increased pH and storage stability
of the enzyme. The optimum conditions for esterifica-
tion of palm oil with methanol for 24 h at 40°C were as
follows: oil/methanol molar ratio, 1 : 4; 20% (w/v)
biocatalyst, 4% water. Under these conditions, the
yield of FAMEs was 93%. Lipase of the bacterium
Bacillus aerius immobilized on silica gel showed high
operational stability during the esterification at high
temperatures. When the castor oil and methanol were
used at a molar ratio of 1 : 4 at 55°С for 96 h, the yield
of FAMEs for this enzyme was 78.13% [80]. The high
yield of FAMEs (100%) was achieved in the reaction of
esterification of olive oil with methanol at a ratio of
1 : 3 at 35°С for 18 h using recombinant lipase LipBA
from B. amyloliquefaciens immobilized on sodium
alginate and expressed in E. coli BL21(DE3) with the
pET-28a plasmid [81].

In addition of the high yields of reaction products,
application of immobilized enzymes for esterification
allows the biocatalysts to be easily separated from reac-
tion products and reused. In the study [82], B. cepacia
lipase immobilized in n-butyl-substituted hydropho-
bic silica monoxide retained about 80% of the initial
activity during 49 days of continuous esterification at
40°С of jatropha seed oil with methanol at a molar
ratio of 1 : 3 and 0.6% water. In another work, the
same lipase was immobilized through cross-linking
with glutaraldehyde followed by inclusion in a hybrid
matrix consisting of the alginate/κ-carrageenan mix-
ture. The biocatalyst was used for esterification of
jatropha seed oil under the following conditions: oil,
10 g; oil/methanol molar ratio, 1 : 10; water, 1 g;
immobilized lipase, 5.25 g. The yield of FAMEs under
these conditions was close to 100%, and the biocata-
lyst retained 73% of its activity after six cycles of opera-
tion [83]. The high operating stability of the B. cepacia
lipase was also shown after its immobilization on ami-
nated magnetic nanoparticles. Under the optimal con-
ditions, the yield of FAMEs was 96.8% after 12 h and
the biocatalyst retained more than 60% of its activity
after 15 reaction cycles [84].

In addition to the lipase of B. cepacia, the proper-
ties of immobilized thermostable lipases produced by
bacteria of the genus Geobacillus have been studied.
The authors of [85] achieved 62–76% immobilization
of the recombinant lipase of Geobacillus thermocatenu-
latus (BTL2) on glyoxyl agarose using dithiothreitol as
an additive. The resulting biocatalyst was active at a
high temperature (70°C) with a half-inactivation time
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of 54.5 h and was applied for esterification of cod liver
oil. The lipase of strain G. stearothermophilus G3
immobilized on silica gel was used as a biocatalyst for
sunflower oil methanolysis (methanol/oil molar ratio
of 3 : 1) with4% (w/v) water at 40°C [18]. The yield of
FAMEs under these conditions was 40–43% after 96 h.

Due to the high activity and functional stability in
the presence of alcohols and other organic solvents,
lipolytic enzymes of bacterial origin are used in bio-
diesel fuel production. Biocatalysts based on bacterial
lipases demonstrate high performance characteristics
and high yields of FAMEs.

Production of Aromatic Compounds

Application of bacterial lipolytic enzymes in food
industry is limited mainly to the production of esters
and alcohols as f lavoring agents. Lipase of Lactoba-
cillus plantarum, immobilized in a 3% sodium algi-
nate suspension, catalyzes the synthesis of short-
chain fatty acid esters including hydroxybenzyl ace-
tate and triazole ester derivatives (yields of 70–78.7%
and 16.66%, respectively) [86]. The resulting product
(4-hydroxybenzyl acetate) is also used in cosmetic
industry as sunblock. Another bacterial lipase, isolated
from Staphylococcus simulans and adsorbed on
CaCO3, was used as a biocatalyst for the production of
ethyl valerate and hexyl acetate. These short-chain
esters with fruit f lavor are used in the food, cosmetics,
and pharmaceutical industries [87]. Reaction between
valeric acid and ethanol at a molar ratio of 1 : 1, with
the addition of 20% (w/v) water and 200 U of immo-
bilized lipase produced ethyl valerate at a yield of 51%
at 37 °C. The biocatalyst activity remained unchanged
over 10 reaction cycles. The reaction between acetic
acid and hexanol (molar ratio, 1 : 1) at 37°C, with the
addition of 10% (w/v) water and 100 U of immobilized
lipase, resulted in an hexyl acetate yield of 41%. The
biocatalyst remained stable over five reaction cycles.

L-menthol is a cyclic monoterpene alcohol and
one of the most widely used components of drugs and
flavoring agents in tobacco and confectionery prod-
ucts and is mainly produced from natural sources
(peppermint oil). Since the production of natural
menthol cannot fully satisfy needs of the food and
pharmaceutical industries the chemical and biological
synthesis is also used for its manufacturing. The cross-
linked aggregates of recombinant esterase BsE from
the bacterium Bacillus subtilis 0554 were applied as a
biocatalyst for (D,L)-menthyl acetate hydrolysis for
L-menthol production with >40% conversion and an
enantiomeric excess eep > 97% [88].

Production of chemicals used in the food and phar-
maceutical industries requires the development of new
ecologically pure technologies that have no negative
effects on human health. The production of different
aromatic substances through biocatalytic synthesis is
therefore a promising approach due to high enzyme
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activity and specificity, mild reaction conditions, and
the high purity of products.

Organic Synthesis
Bacterial esterases are widely used in organic syn-

thesis, due to their ability to provide stereo- and regi-
oselective catalysis [20] in addition to their high resis-
tance to organic solvents. The resulting products with
a high purity, are used in the chemical synthesis of
pharmaceutical substances.

Carboxylesterase NP produced by B. subtilis, is one
of the best-studied bacterial enzymes used for the syn-
thesis of optically pure organic chemicals. This
enzyme is used for the enantioselective hydrolysis of
derivatives of 2-arylpropionic acid, including nonste-
roidal anti-inflammatory drugs naproxen and ibupro-
fen, which R- and S-enantiomers with substantially
different pharmacological activities. The carboxyles-
terase NP from genus Bacillus originally can be effec-
tively applied for selective separation of enantiomers of
(R,S)-2-(6-methoxy-2-naphthyl)propionic acid methyl
ester (naproxen methyl ester), with a 95% yield of its
S-enantiomer with high optical purity (enantiomeric
excess eep = 99%) [89]. Enzyme inactivation as a result
of interaction between carbonic acid products and the
amino groups of essential amino acids (e.g., lysine)
[90], is prevented by preliminary modification of car-
boxylesterase with chemical reagents. It was shown that
carboxylesterase NP pretreated with formaldehyde at a
concentration of 2300 ppm can be used for the labora-
tory-scale production of naproxen S-enantiomer [91].

Ketoprofen (2-(3-benzoylphenyl)propionic acid)
is the widely used drug and is synthesized an a mixture
of two enantiomers. It has been shown that the S-enan-
tiomer of ketoprofen is more pharmacologically
active. A mixture of these enantiomers was separated
in [17] using a recombinant esterase of Pseudomonas
sp. KCTC 10122BP, with a 99% enantiomeric excess
of the S-form during hydrolysis.

In addition to the synthesis of substances used as
nonsteroidal anti-inflammatory drugs, bacterial lipo-
lytic enzymes are successfully applied in other reac-
tions. Recombinant esterase ybfF, isolated from E. coli
K-12 PA340/T6 and expressed with pET26b plasmid
in E. coli BL21(DE3), exhibits high enantioselectivity
in the hydrolysis of (R,S)-1-phenyl ethyl acetate
resulting in enantiomeric excess eep > 99% of (R)-1-
phenylethanol [92]. This enzyme also shows high
selectivity with respect to butyl and capryl isopro-
pylidene glycerol esters with enantiomeric excesses of
R-enantiomer of 72 to 94%.

The enantioselectivity of enzymes can be improved
in several ways, including enzyme immobilization and
addition of surfactants, ionic liquids and organic sol-
vents to reaction mixture. For example, ibuprofen
(another derivative of propionic acid) was produced in
the presence of ionic liquids using thermostable ester-
ase EST10 from the bacterium Thermotoga maritima
[93]. The S-enantiomer which was produced after
hydrolysis of (R,S)-2-(4-isobutylphenyl)propionic
acid ethyl esters in the presence of [OmPy][BF4], had
eep = 96.6%, enantiomeric ratio E = 177.0. The enan-
tioselectivity of thermostable bacterial esterase EST10
was higher than the immobilized lipase from Candida
rugosa (E = 19; eep = 83%) [94] and the time of reac-
tion reduced from 24 to 10 h. In [95], the lipase of the
bacterium B. cepacia G63, immobilized on ion-
exchange resin, was used to separate a racemic mix-
ture of ketoprofen ethyl esters with enantiomeric
ratio E = 10.01.

Bioengineering is widely used to improve the enan-
tioselectivity of enzymes include substituting amino
acids in protein via random and site-directed muta-
genesis. In [96], the enantioselectivity of esterase
Est25 was enhanced by substituting amino acid L255W
(E = 18) as compared with initial esterase (E = 1) for res-
olution of a racemic mixture of ketoprofen ethyl esters.
At the same time, adding polar solvent as methanol
(20% (v/v)) and ethanol (4–20% (v/v)) to the reaction
mixture increased the enantioselectivity of mutant
esterase Est25 by 10 times (E > 200). Enantioselectiv-
ity of enzymes can be enhanced through mutagenesis
resulting in two, three, or more amino acid substitu-
tions. Two amino acid substitutions that affect
enzyme specificity, V138G (E = 3.0 ± 0.1) and
L200R (E = 4.8 ± 0.1), were identified for the Est-AF
esterase isolated from Archaeoglobus fulgidus DSM
4304 (enantioselectivity of the initial esterase was E =
0.7 ± 0.0). The enzyme with both substitutions
(V138G/L200R) had high level of enantioselectivity:
E = 19.5 ± 0.5. Addition of various surfactants
(1% (w/v) EDTA, Triton X-100, Tween 80) and
organic solvents (20% (v/v) n-hexane, methanol) to
the reaction medium resulted in a higher enantiomeric
ratio: E = (21.8 ± 0.1)–(37.7 ± 0.3) [97].

The enantioselectivity of enzymes can be increased
by random mutagenesis. In [98], it was shown that
application of the UV mutant of Trichosporon brassi-
cae CGMCC 0574 in the separation of ketoprofen
ethyl esters resulted in enantiomeric ratio increase up
to 21.1–31.0, while the unmodified strain had no
appreciable enantioselective activity.

Application of bacterial lipases and esterases in the
production of optically pure compounds is one of the
most important industrial applications of enzymes.
These enzymes have a diverse substrate specificity
with the possibility of their modification, in this
respect allowing to use them for production of high
purity products.

Biodegradation of Pesticides in Wastewater

In addition to the conventional ways of pesticide
detoxification (mineralization) in wastewaters (e.g.,
chemical oxidation [99], ultraviolet radiation [100]
CATALYSIS IN INDUSTRY  Vol. 11  No. 2  2019
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and nanofiltration [99]) the biological treatment with
bacteria [101], fungi [102], and algae [103] are applied.
Biological treatment has recently become preferable
approach due to its relatively low cost and labor inten-
sity; in addition, biological treatment in most cases
provides the complete hydrolysis of pesticides. Pesti-
cides such as malathion [102], pendimethalin [104],
profenofos [105], parathion [106], cyhalothrin [107]
in aqueous solutions are usually biodegraded by bacte-
rial strains of the genera Bacillus, Pseudomonas, Acine-
tobacter and Serratia [101, 107]. These bacteria pro-
duce lipolytic enzymes that hydrolyze the ester bonds
in molecules of pesticides. The biodegradation of mal-
athion in aqueous solutions with the participation of
lipolytic bacteria of the genus Bacillus takes from sev-
eral hours to several days. For example, the strain
B. licheniformis ML-1 ensures 78% removal of mala-
thion from aqueous solutions over 5 days at 32 °C and
pH 7.5, and an initial malathion concentration of
25 mg/L [108]. It was shown that the efficiency of pes-
ticides removal increases with the immobilization of
bacteria [105]; however, the degree and rate of pesti-
cide hydrolysis remain insufficient.

Application of purified bacterial enzymes increases
the degree of malathion removal. Carboxylesterase
D1CarE5 from A. tengchongensis was cloned in the
pET28(+) vector and expressed in E. coli BL21(DE3)
can effectively hydrolyze malathion (by 89%) in a
25 mM phosphate buffer at pH 7.0 over 100 min [27].
The authors [21] studied the application of biocatalyst
based on cross-linked aggregates (CLEA-estUT1) of
recombinant thermostable esterase estUT1 of the bac-
terium Ureibacillus thermosphaericus for malathion
degradation [109]. The possibility of directly applica-
tion of the lipolytic enzyme-based biocatalyst for
malathion removal from wastewater was demon-
strated for the first time. The degree of malathion
removal was 99.5 ± 1.4% after 14 h of the reaction at
37°C, with an initial malathion concentration of
27.5 mg/L. CLEA-estUT1 catalyst remained stable in
the reaction of malathion hydrolysis: the extent of
malathion removal (25 cycle) was 55.2 ± 1.1%.

Production of Detergents

One of applications of bacterial lipases is enhance-
ment of synthetic detergents effectiveness against fat
stains when used in combination with amylases and
proteases [19]. Due to the diverse properties of bacte-
rial lipases (thermostability, functional stability at
alkaline pH, water solubility, and resistance to surfac-
tants and proteases), they can be used as components
of both liquid and solid detergents [110]. Application
of the cold-active enzymes reduces the temperature
and energy consumption during the stain removal
[111]. Commercial bacterial lipase Lipomax (Pseudo-
monas alcaligenes) and Lumafast (Pseudomonas men-
docina) are aimed to be used in detergent formulations
[44]. Stable lipases can also be found in bacteria of the
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genera Bacillus and Burkholderia [112]. In [113], alka-
line lipase of bacterium B. cepacia RGP-10 exhibited
high resistance to ionic and nonionic surfactants, and
to commercial detergents. This lipase retained 100%
of its activity in the presence of strong oxidants as
H2O2, sodium perborate, and sodium hypochlorite
after 1 h of treatment at a room temperature. The
enzyme was also stable in the presence of commercial
proteases, retaining 100% of its activity after 1 h of
incubation at 50°C.

Bacterial lipases can effectively clean fabrics with-
out detergents. The authors of [114] reported the immo-
bilization of lipase from the bacterium P. fluoresces on
woolen fabric according to a protocol that included fab-
ric chlorination, polyethylenimine adsorption, and
adding glutaraldehyde, followed by enzyme adsorp-
tion. Immobilized lipase proved to be effective for
removing of oil stains, which were easily eliminated
from the fabric without detergents after 24 h of storage
at room temperature. It was noted that the lipase
immobilized on the fabric remained stable up to
80 days when stored at lower temperatures. Enzyme
immobilization on fabrics is thus a step toward making
fabrics with improved cleaning properties.

CONCLUSIONS
Analysis of properties and applications of hydro-

lytic enzymes is an important biotechnological task.
The diverse properties of bacterial lipases and ester-
ases (broad substrate specificity, stability at high tem-
peratures and different pH, resistance to metal cations
and organic solvents) reveal their prospective applica-
tion in various biotechnological processes. Current
studies are therefore aimed at screening, isolating, and
study of properties new bacterial lipolytic enzymes;
bioengineering of enzymes with improved activity and
selectivity; and developing immobilization techniques
in order to obtain more active and stable biocatalysts.
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