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Abstract—In the first part of this review (Biophysics, 63, 858 (2018)), the structure of H1 family linker his-
tones, their posttranslational modifications, as well as the role of H1 histone in the formation of compact
transcriptionally inactive chromatin, were considered. The second part is devoted to the role of H1 family
linker histones in the structural organization of chromatin at different levels: from nucleosomes to metaphase
chromosomes. The mechanisms of interaction of H1 histone with other elements of chromatin, including
with DNA and nuclear proteins, are discussed.
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In recent years, a large number of works devoted to
the study of the structural organization of chromatin
and based on a combination of various molecular bio-
logical, biochemical, physical, and mathematical
approaches have been published [1–11]. Data on elec-
tron and atomic force microscopy [12–14], X-ray
analysis [3, 15–18], methods of molecular spectros-
copy [19–24], including circular dichroism [25–33],
fluorescence spectroscopy [34, 35], methods of bioin-
formatics [11], etc. are among them. According to
modern ideas, DNA–protein and protein–protein
interactions play a key role in the structural organiza-
tion of chromatin. In the first part of the review [36],
we addressed issues regarding the structure of linker
histones, posttranslational modifications of H1 his-
tone, and their role in the functioning of chromatin.
Special attention was paid to the peculiarities of the
structure of H1 linker histones in nuclei of transcrip-
tionally inactive cells characterized by a high degree of
DNA compaction. In the second part of the review, we
made an attempt to reflect the most interesting (from
our point of view) results illustrating the role of H1
family linker histones in the formation of different lev-
els of the structural organization of chromatin.

NUCLEOSOME

The chromatin structure is characterized by fairly
complex multi-level organization, which is provided
by various DNA–protein and protein–protein inter-
actions (Fig. 1). The proteins of the histone group,

which are characterized by a high content of positively
charged amino-acid residues of lysine and arginine,
are the most numerous of the nuclear proteins
involved in the formation of chromatin structure. The
proteins of this type are divided into two functionally
different groups: so-called core (H2A, H2B, H3, and
H4) and H1 family linker histones (a variant called H5
exists in red blood cells of birds). The interaction of
histone proteins with nuclear DNA provides the for-
mation of the first and best-studied level of the struc-
tural organization of chromatin, that is, nucleosomes,
which are traditionally considered elementary struc-
tural units of chromatin.

Significant progress in the study of the mechanism
of DNA packaging in chromatin was made as far back
as 1974 after the discovery of the subunit structure of
the chromatin fibril. Using the method of electron
microscopy it was established that the elementary
chromatin fibril in all eukaryotes is a linearly ordered
chain of periodically repeating subunits (nucleo-
somes) that are connected by linker DNA [12]. DNA
localization in the nucleosome outside the protein
particle was then demonstrated by the neutron diffrac-
tion method.

The nucleosome consists of a core that resembles a
cylinder with a diameter of 11 nm and a height of
5.7 nm, around which a 146 bp DNA fragment is laid
in a spiral (Fig. 1) [17]. DNA on the surface of a pro-
tein particle is stabilized by multiple electrostatic
interactions and hydrogen bonds [15]. The protein
core is formed during the interaction of H2A, H2B,
202
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Fig. 1. Levels of the structural organization of chromatin.
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H3, and H4 histones with each other [3, 5, 6, 15, 38]
from which the term “core histones” originates. The
core histones are small (102–135 aa) highly conserved
globular proteins with a molecular weight of 11–
16 kDa [3, 15, 38, 39]. The core particle contains two
molecules of each of four histones: the central
tetramer (H3/H4)2 and two H2A–H2B heterodimers
located on the periphery. X-ray analysis data with a
resolution of 1.9 Å [40] and 2.8 Å [15] confirmed that
the 145–147 bp double-stranded DNA region is
wound onto a protein particle with the formation of a
left-handed superhelix (80 bp per turn); at the same
time, the side groups of amino-acid residues of core
histones interact with DNA.

Experimental confirmation of the possibility of
structural rearrangements inside the core particle [41–
43], which play a key role in the processes of chroma-
tin remodeling, was recently received. Some plasticity
of the H2A–H2B dimer is needed for unfolding a
DNA molecule during transcription and for the stabil-
ity of the nucleosome itself. When winding DNA onto
the surface of the histone octamer, 121 and 146 base
pairs that are part of the nucleosome bind to globular
domains of histones. The remaining 25 bp interact
with elongated N-terminal regions of core histones
that travel to the surface of the nucleosome through
turns of DNA approximately every 20 bp [15, 38. 44–
47]. The high level of evolutionary conservation of the
amino-acid sequences of core histones provides,
among other things, efficient self-assembly of nucleo-
somes, while multiple posttranslational modifications
of core histones make this process reversible and con-
trolled [4, 10, 48, 49].

In all eukaryotic cells nucleosomes are intercon-
nected with a short DNA fragment, a so-called
“linker” region that forms a “bead-on-a-string”
structure [38]. The nucleosome with linker DNA
forms a complete nucleosome. Unlike the invariant
structure of the nucleosome, which is identical in the
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chromatin of all eukaryotes, complete nucleosomes in
the nuclei of cells of different species can differ signifi-
cantly, both due to differences in the length of linker
DNA and in the structure of H1 histone bound to it.
The length of a DNA fragment in the composition of
the complete nucleosome can vary in the cells of dif-
ferent tissues from 195–200 bp in active chromatin to
230–270 bp in its transcriptionally inactive regions.
Recently, it was found [50] that it is possible to obtain
two new intermediate particles when treated with exo-
nuclease III; the authors called them “proto-chroma-
tosomes”; these contain 7 bp linker DNA, respec-
tively, from one or both ends of the nucleosome.
According to the authors of [50], these particles can
determine the properties of the histone H1 binding
site; however, the role of the proto-chromatosome
particle in the structural organization of chromatin is
not yet clear.

Compared with core histones, the structural and
functional peculiarities of the H1 interaction with
other chromatin elements, as well as the structural
characteristics of this protein in a free state, have been
significantly less studied [36]. The interaction of H1
histone with linker DNA at the entrance/exit of the
nucleosome [47] leads to stabilization of the nucleo-
some complex by the “contraction” of adjacent nucle-
osomes [51, 52] and contributes to the formation of
higher (supranucleosomal) levels of the structural
organization of chromatin, such as the 30-nanometer
fibril [40].

THE POST-NUCLEOSOME LEVEL 
OF THE STRUCTURAL ORGANIZATION 

OF CHROMATIN

The following level of structural organization of
chromatin (the formation of the 30-nanometer fibril)
provides an additional decrease in linear DNA sizes by
40–50 times. The formation of a 30-nanometer fibril
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occurs in two stages: the formation of a nucleosome
chain with a diameter of 10 nm (10-nanometer fibril)
due to their contraction by H1 histone [6, 7] and sub-
sequent folding of this 10-nanometer fibril to more
compact supernucleosome structures with a diameter
30 nm [2, 5, 6, 53]. At the same time, the processes of
fibril formation are reversible, and in fact chromatin is
a system, which is in dynamic equilibrium between an
“open” “bead-on-a-string” type conformation and a
compact 30-nanometer fibril [54]. Different variants
(subtypes) of histones, their posttranslational modifi-
cations, as well as different non-histone chromatin
proteins, have a significant effect on the formation of
these proteins. The chromatosome, which contains a
histone octamer and a single H1 histone molecule
bound with 165 DNA nucleotide pairs, is the funda-
mental structural unit of the 30-nanometer fibril [55].

Despite the fact that the structure of the nucleo-
some was solved years ago, the question of chromato-
some structure is still open. In 2015, the first crystal
structure of a nucleosome complex with the globular
domain of the H5 histone and 167 bp DNA [56] was
obtained with near-atomic resolution, which clearly
demonstrates H1 histone binding to DNA at the
entrance/exit from the nucleosome. The interaction of
the linker histone with the nucleosome occurs due to
the binding of Lys and Arg of the protein globular
domain with phosphate groups of the main DNA
chain. At the same time, DNA remains in the B-form
[25, 56]. In addition, five key Ile amino-acid residues,
which are responsible for the binding of this region
with the nucleosome, are located in the globular
domain of the H5 histone [57]. The use of the nuclear
magnetic resonance method and cryoelectron micros-
copy allowed the determination of the fact that the ter-
minal domains of H1 histone are not involved in direct
interaction with the nucleosome [57, 58].

In recent years, such methods as numerical simula-
tion and small angle X-ray and neutron scattering
(SAXS and SANS) are also successfully used for the
study of the nucleosome structure. The small angle
scattering method is a powerful instrument for study-
ing the spatial structure of chromatin and mitotic
chromosomes, which allows the detection of periodic
structures in biological samples and solutions. The use
of new tool made it possible to question the hypothesis
about the presence of stable levels of the structural
organization of chromatin of a higher order than the
30-nanometer fibril. Using this method, it was
recently demonstrated that the chromatin in inter-
phase nuclei and mitotic chromosomes mainly con-
sists of irregularly folded fibers without a strict struc-
ture of the 30-nanometer fibril [59]. Thus, the authors
concluded that the compaction and irregular folding
of the chromatin fibril in interphase and mitotic chro-
matin can occur without the formation of structures
with a diameter of 30 nm. These issues were discussed
in recently published reviews on the chromatin struc-
ture (for example, [1, 2, 9, 11, 60–62].
At present, two types of models of the secondary
chromatin structure are considered in the literature
[13]: a solenoid model (the “one-start” helix) and zig-
zag model (the “two-start” helix). In the first case,
nucleosomes in the fibril interact with the fifth and
sixth adjacent nucleosomes, while linker DNA bends,
forming a helix [62, 64]. In the zigzag model, the
nucleosomes are located in the form of a zigzag so that
linker DNA region remains straight [2].

The length of the linker DNA, which varies from
20 bp in yeast to 35–50 bp in somatic cells of verte-
brates [2, 5] and to 70–100 bp in echinoderm sperm
[5, 6], plays a primary role in the formation of the 30-
nanometer chromatin fibril. Variation in the length of
linker DNA provides the diversity of chromatin struc-
ture in cells of various types.

Comparative analysis of chromatin in transcrip-
tionally inactive and active cells indicates that the
presence of arginine-enriched linker proteins and the
large length of linker DNA provide dense packing of
nucleosomes and a supercompact state of chromatin
in transcriptionally inactive cells. In contrast, short
linker DNA is responsible for the less compact loca-
tion of DNA in the nucleosome chain, which supports
the chromatin of neurons in a state capable of tran-
scription. Thus, the length of linker DNA is an
important parameter that significantly affects higher
levels of the organization and functional activity of
chromatin. Variation in the length of linker DNA pro-
vides the diversity of the chromatin structure in cells of
various types.

There is still no clear idea about the structure of
higher levels of chromatin organization. The role of
the 30-nanometer chromatin fibril in the nucleus is
not limited to DNA compaction. It can also modulate
the accessibility of specific DNA sequences for regula-
tory factors. It is considered that the 30-nanometer
fibril is organized in loop domains (50–150 kb) that
are fixed on the nuclear matrix. At the same time, each
domain is a cluster of genes that are functionally linked
between themselves. The nature of such domains is
not yet completely clear; however, they are apparently
built on the principle of a superhelix of higher order.

PECULIARITIES OF THE INTERACTION 
OF H1 LINKER HISTONE WITH DNA

The interaction of DNA with H1 family histones
occurs first of all between the negatively charged sugar
phosphate backbone and the positively charged
amino-acid residues of the protein [19, 20, 65]. At the
same time, interaction of the globular domain of the
H1 histone and DNA bases in the major groove has
been observed in some experiments [14, 20–22, 24]. It
has been demonstrated that H1 histone binding leads
to some violation of the conformation of the DNA
double helix [25, 26, 28, 32]. However, there is no
direct structural data to characterize H1 histone com-
BIOPHYSICS  Vol. 65  No. 2  2020
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plexes with linker DNA. Indirect structurally sensitive
methods (such as circular dichroism in the ultraviolet
region) are not informative when studying supramo-
lecular structures due to the high level of scattering of
the solutions of such complexes, which is manifested
in the form of the so-called ψ-type (polymer and salt
induced, PSI) spectra of DNA circular dichroism [14,
19–24, 66]. Such a state of DNA occurs when binding
not only to lysine-rich H1 histones, but also to cat-
ionic polypeptides and some other nuclear proteins [5,
14, 24–26, 28–30, 32, 67]. In the case of the interac-
tion of DNA with nuclear proteins, the emergence of
ψ-type spectra of DNA in circular dichroism is caused
by the formation of supramolecular structures and the
effects of polarized light scattering on large condensed
particles. At the same time, experiments on X-ray
scattering demonstrated that DNA in this cases
remains in the B-form [25, 68, 69].

The H1 and H5 histones are able to interact selec-
tively and with high affinity with DNA regions that
already have structural violations: various cross struc-
tures [70], Holliday junction type structures [71],
DNA binding sites with drugs [72, 73], etc. The degree
of preference of H1 histone to binding to nucleosome
DNA is higher compared with its affinity to free DNA,
according to various sources, from two to ten [74] to
150 [1] times. Such significant variation can be
explained by the fact that different authors used DNA
regions with different lengths as a model binding target
in their studies. Thus, the affinity of H1 to 4H/4WJ
(four-way junction) type DNA cross structures is
approximately 100 times higher than to linear
DNA [1].

The positively charged C-terminal region of H1
histone plays an important role in the interactions with
DNA [1, 75]. As noted previously, the main functional
differences between H1 protein subtypes, according to
a number of authors, are caused by variability of the
primary structure of their C-terminal fragment. This
was confirmed based on the example of the interaction
of DNA with sperm specific H1 family histones [26–
28, 32, 67]. The fact that the C-terminal region also
persists in proteins related to H1 histone that lack the
canonical globular domain, appears to be important
[81]. A large number of lysine residues fairly evenly
distributed along the polypeptide chain is a character-
istic of the C-terminal fragment [81, 82]; this contrib-
utes to the stabilization of DNA–H1 complexes in the
chromatin. According to the literature data, H1 his-
tone devoid of its N-terminal sequence condenses
DNA in the same way as in the intact molecule [83].
This is an indirect confirmation of the fact that it is the
C-terminal H1 region that is actively involved in chro-
matin condensation [36]. This is the protein fragment
that interacts with DNA and is required for strong
binding of linker histones to the nucleosome [84, 85].
At the same time, two regions separated by a short
linker are found within the C-terminal fragment of the
H1 molecule [51, 78, 79]: region I, from the 97th to
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121st aa (which is located directly behind the H1 glob-
ular domain), and region II, from the 145th to the
169th aa. It is interesting to note that deletion of the
122–144 and 170–196 aa fragments does not lead to
changes in the functions of C-terminal domain. In
addition, the study of mutant proteins, in which the
substitution of amino acids from the 122nd to 144th
and from the 170th to 196th amino acids with the 97–
121 sequence was performed, demonstrated that the
modified protein behaves in the same way as the wild
type protein [51, 76].

Recent studies demonstrated that the DNA-bind-
ing properties of H1 histone also persist with a change
in the order of the amino-acid location in the C-ter-
minal domain [84, 86, 87]. Thus, specific amino-acid
residues in this region are the main factors in the reg-
ulation of the interaction of the H1 C-terminal
domain with linker DNA (that is, a specific set of
amino-acid residues that form it, but not any specific
amino-acid sequence) [51, 75–77, 84, 85, 88]. This
means that the presence of certain amino acids, but
not their location, is important for DNA compaction.

In addition to the C-terminal region of H1, the
globular domain is also involved in the interaction
with DNA. Based on the conducted experiments, sev-
eral models of binding of linker histones to the nucle-
osome were suggested (Fig. 2). All of the suggested
models can be divided into models of symmetrical and
asymmetrical binding. These models differ from each
other by the globule position relative to the nucleo-
some axis of symmetry and the length of DNA region,
which is protected by the protein from the effect of
micrococcal nuclease. In the symmetrical model [89],
the globular domain is located in the center of the
nucleosome from the outside, while N- and C-termi-
nal fragments of the protein interact with nucleosome
DNA and protect 10 bp from each side of the location
of its entrance/exit from the nucleosome (Fig. 2).
According to the asymmetrical model [90, 91], DNA
is protected at the axis of symmetry by 15 and 5 bp
from each side at the location of DNA entrance/exit
from the nucleosome. At the same time, the globule is
located at a distance 70 bp from the axis of symmetry
so that it connects two turns of a DNA helix (Fig. 2a).
According to the alternative variant of the asymmetri-
cal model [92, 93], the globular domain is located
between DNA and the nucleosome (Fig. 2b). In this
model, 20 bp are protected only from one side of the
axis of symmetry.

Based on the latest structural studies using the
methods of cryoelectronic microscopy and nuclear
magnetic resonance, it was possible to confirm the
existence of chromatin elements that satisfy the asym-
metrical model of binding [84]. In addition to previ-
ously described variants of the asymmetric binding
model, the globular domain of the linker histone,
DNA, and core particle are connected in this case by
bridges and are also protected asymmetrically by 10 bp
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Fig. 2. A schematic presentation of the models of the possible location of the globular H1 domain on the nucleosome: symmetric
(a) and asymmetric (b, c) models; (1) globular domain of H1 histone; (2) DNA; (3) histone octamer.
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DNA (the so-called “off–dyad” model, Fig. 3b). In
the globular domain, three protein–DNA binding
sites are found, whose exact position has not been
determined thus far [84, 94]. However, it was demon-
strated that Arg74 is present in each of them [95]. In
addition, it was demonstrated that the C-terminal
domain of the H2A histone is also involved in the for-
mation of the H5 histone complex with the nucleo-
some [84].

Thus, multiple studies devoted to the interaction of
H1 histone with the nucleosome indicate that the exis-
tence of different alternative structures of such a com-
plex is possible. In particular, these configurations dif-
fer in the position and orientation of the globular
domain of linker histone relative to the nucleosome
itself. Recently, the interaction of a 165 bp nucleosome
DNA with the H5 histone globular domain isolated
from chicken red blood cells [56] was described using
X-ray analysis and nuclear magnetic resonance with a
resolution of 3.5 Å. It should be noted that this model
does not contradict the models described previously.
The authors demonstrated that the H5 histone globule
is located on the axis of the nucleosome and overlaps
both arms of linker DNA, demonstrating symmetrical
(“on–dyad”) binding (Fig. 3a) [56].

The authors of the models of symmetrical “on-
dyad” (Fig. 3a) and asymmetrical “off-dyad” (Fig. 3b)
binding suggest that the first type relates to a loose
state of chromatin, while the second describes con-
densed chromatin [56].

The structures of the H1 and H5 histones are very
similar (the homology of chicken H5 with mouse H1.0
is ~88%) and it can be expected that the binding of
these proteins to DNA will be similar. Despite the fact
that terminal regions of linker histone do not play an
important role in globule positioning in the chromato-
some, the high positive charge of the N-terminal
domain can stabilize protein binding with DNA. Most
likely, there are several different mechanisms (similar
to those described above) by which linker histones
form chromatin structures of a higher order.
Despite the fact that both the globular domain of
H1 histone and its C-terminal region are responsible
for binding to DNA, their functions are completely
different. The globular domain is an anchor during the
BIOPHYSICS  Vol. 65  No. 2  2020
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interaction of the histone with linker DNA. This
domain has at least two DNA binding sites: the main
site is located on the side of the major groove of the
DNA superhelix; the second is located on the inside of
the minor groove close to the axis of symmetry. The
presence of such DNA interaction sites separated in
space is clearly manifested upon binding of H1 histone
to cross or deformed DNA regions [70–73], as well as
upon binding of linker histone at the point of
entrance/exit from the nucleosome. S/TPKK motifs
(Ser/Thr–Pro–Lys–Lys) found in C-terminal
sequence are responsible for the ability of this region
to bend DNA during its interaction with H1 and thus
modulate the geometry of the DNA double helix in
the chromatin. Apparently, the globular domain can
be considered as an independent nucleosome-binding
domain.

INTERACTION OF THE LINKER H1 HISTONE 
WITH OTHER PROTEINS

In addition to histones, a large number of diverse
non-histone proteins are part of chromatin. The H1
histone is sometimes considered as a naturally disor-
dered protein [36, 69, 82] that is capable of interacting
with many diverse partners. The interactions of H1
with other proteins are significant for the formation of
higher levels of the structural organization of chroma-
tin [63, 96]. The proteins that interact with the H1 his-
tone can be conditionally divided into several catego-
ries. Among them are proteins involved in splicing, in
the processes associated with DNA damage recogni-
tion, in transcription and translation; and those that
act as chaperones for core histones during the assem-
bly/disassembly of the nucleosome particle [77].

A specific binding of H1 with the proteins was
demonstrated using different methods. A combination
of immunoprecipitation method and mass spectrome-
try analysis allowed us to detect proteins specifically
interacting with H1 [97]. The components of the 40S
and 60S ribosomal subunits, as well as some nuclear
ribonucleoproteins, are among them. It was demon-
strated that the interaction of the histone with these
proteins causes the suppression of the transcription of
some genes. More than 100 proteins that directly or
indirectly interact with H1.0 were detected in the
nucleus and nucleolus using mass spectrometry [77].
It was established that H1 histone is a key protein that
is required for the formation of the canonical structure
of the nucleolus and for its functioning [98]. In addi-
tion, H1 can be involved in larger macromolecular
protein–protein complexes.

It is well known that the linker H1 histone can be a
mediator of transcription [77, 99]. At the same time, it
is able to act both as a repressor of transcription of spe-
cific genes [96, 97, 100, 101] and as an activator of
transcription processes [77, 80, 102, 103]. Recent
studies demonstrated that H1 plays an important role
in epigenetic processes [104]. As an example, a
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decrease in the level of H1.2, H1.3, and H1.4 expres-
sion in the cells leads to a decrease in the DNA meth-
ylation level [62, 104]. According to the literature data,
H1.0 binds to a number of proteins that are directly
involved in the processes of DNA repair [62, 77].
These include the Ku70 and Ku86 proteins and the
vasoline-containing VCP protein. The interaction of
H1.0 histone with these proteins leads to strong chro-
matin compaction and thus contributes to the protec-
tion of damaged regions.

The members of a large family of nuclear proteins
with high electrophoretic mobility (high mobility
group (HMG) proteins) are among the first proteins
for which the ability to interact with linker histones
was demonstrated. The first group includes HMGN
(previously known as HMG14/17) proteins. In form-
ing a heterodimeric complex, these proteins interact
with the nucleosome and facilitate transcription; at
the same time, they are not a part of the transcription
complex [105]. The close proximity of the globular
domains of HMGN and H1 contributes to the interac-
tion of linker H1 histone with the proteins of this
group in the processes of remodeling chromatin struc-
ture [106]. It is possible that there is a competition
between HMGN proteins and H1 for the DNA bind-
ing site [107]. In particular, it was demonstrated that
the competition between H1 histone and HMGN pro-
teins for binding to AT-rich regions affects the chro-
matin compaction [108]. In actively transcribed genes,
the enrichment of some regions with the HMGN pro-
tein is accompanied by H1 depletion [109, 110]. The
HMGN protein decreases the level of chromatin com-
paction caused by H1 histone and stimulates tran-
scription [111]. Recently, it was established that the
proteins of the HMGN group have a direct effect on
the stabilization of highly ordered chromatin structure
and on the interaction of terminal regions of histones
with DNA [112].

The second group of HMG proteins that interact
with linker histones includes the most common and
the most studied non-histone proteins of chromatin
(HMGB domain proteins, HMGB1/2) [113–115].
HMGB proteins are composed of homologous struc-
turally conserved DNA binding domains (so-called
HMGB domains). The TCF and LEF-1 transcription
factors [116], SRY and SOX sex-determining proteins
[117–120], BAF57 and PB1 chromatin rearrangement
factors [121–123], etc. are site-specific single domain
HMGB proteins. Among multi-domain proteins of
this family, the HMGB1–4 proteins [113–115, 122,
124, 125], mtTF1 and ABF2 mitochondrial factors
[122], UBF RNA polymerase I transcription factor
[126], etc. can be allocated.

As well as H1 histones, the HMGB1 and HMGB2
proteins interact with the linker DNA region [113, 127]
at the point of its entrance/exit from the nucleosome
and can act both as competitors and as partners when
binding to DNA [128]. The available experimental
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data indicate that binding of one protein to DNA stim-
ulates binding of the second protein with it [14, 20, 22,
24, 66]. With their simultaneous presence in complex
with DNA, the positively charged H1 histone mainly
interacts with phosphate DNA groups and the C-ter-
minal HMGB1 domain, screening their negative
charges and stabilizing the formed supramolecular
DNA–protein complexes [14, 24]. Studies on the
structure of the complex formed by DNA with H1 his-
tone in the presence of HMGB1 [14, 24, 66, 130]
observed binding of individual proteins both to the
sugar phosphate backbone and to DNA bases [14, 19,
66]. Using the method of atomic force microscopy it
was demonstrated that the formation of fibril-like
structures, each of which is formed by several DNA
molecules, is observed in the complex of HMGB1/H1
with DNA [14, 66, 131]. At the same time, the protein
molecules bind individual DNA molecules in the fibril
with each other. Multiple protein–protein and DNA–
protein interactions make these structures quite stable.

The interaction of H1 with HMGB1 (in the
absence of DNA) in vitro was demonstrated in other
works [130, 132, 133]. The direct interaction of two
proteins was also demonstrated by circular dichroism
and dynamic light scattering methods [134], as well as
fluorescent methods [34, 35]. The interaction of two
proteins leads to a change in the structure of at least
one of them: the α-helix regions increase, which
causes slight changes of the tertiary structure [35, 134].
The possibility of interaction between H1 histone and
HMGB1 protein by their C-terminal regions was also
demonstrated using small angle X-ray scattering and
the nuclear magnetic resonance method [130]. Some
works indicate that the result of interaction of two pro-
teins can depend on the redox (reduction/oxidation)
state of cysteine residues of the HMGB1 protein [114,
135]. The reduced form of HMGB1 easily displaces
H1 histone from DNA, while binding of the protein in
the oxidized state noticeably limits the mobility of
both proteins in the chromatin [114].

The experimental data indicate that the interaction
of H1 histone with other proteins mainly occurs due to
its C-terminal region [60, 77, 97, 136]. In recent
experiments it was demonstrated that deletion of the
C-terminal region leads to the loss of approximately
25% of the H1.0 interactions with other proteins
detected in the nucleus [60]. It is believed that in bind-
ing to other proteins, H1 histone screens the negative
charge of a partner molecule and thus facilitates its
interaction with DNA. Recent studies of the H1.0 pro-
tein demonstrated the possibility of the involvement of
its globular fragment in interaction with other proteins
[60]. The authors suggest that the effect of each of
three functional H1 domains on its binding to other
proteins is responsible for a specific interaction with
most of them. The structural disorder of the N- and
C-terminal domains can facilitate specific protein–
protein interactions. However, in general, questions
about the effects of these regions on H1 interaction

with different proteins remain open.

The binding of various subtypes of H1 histone with

chromatin is dynamic. The length of the C-terminal

fragment of the protein is the main factor that deter-

mines the nature of this binding: the shortest duration

on the nucleosome was detected for H1 with the short-

est C-terminal region [87]. The magnitude of the time

period when H1 is bound to the nucleosome regulates

the degree of chromatin condensation and its avail-

ability for other proteins, as well as the possibility of

chromatin remodeling processes [137]. In addition,

the time of the H1 binding to the nucleosome also

affects the possible access of transcription factors and

other nuclear proteins to DNA [138]. HMGB proteins

are also mobile, the time these proteins stay on the

nucleosome (as well as H1 histone) is short [128].

However, H1 is located on the nucleosome much lon-

ger compared with all of the members of HMG family

proteins [139–141]. Taking the fact into account that

the interaction between H1 and HMG occurs in a

fairly short time, it is quite difficult to establish what

biological significance the specific interaction of

HMG proteins with H1 histone has. It is likely that

these interactions also have a certain effect on a spe-

cific gene or tissue [139, 140]. It has been suggested

that a number of biological effects are directly associ-

ated with interactions between the H1 and HMG pro-

teins [128]. However, the question of how the binding

between specific variants of H1 and HMG proteins

affect the structure and biological functions of the

genome remains open.

We do not forget posttranslational modifications of

H1 histone that can also modulate DNA–protein and

protein–protein interactions (for details, see the first

part of the review [36]). In addition, reversible changes

in the states of histone modifications affect the chro-

matin structure in general [142]. As an example,

methylation of lysine 26 in H1.4 contributes to its

interaction with heterochromatin HP1 protein, which

leads to the formation of chromatin regions with a

reduced level of transcription [143]. Demethylation of

lysine 26 in H1.4 contributes to blocking this protein–

protein interaction and, consequently, leads to the

activation of transcriptional activity, while the simul-

taneous phosphorylation of adjacent serine residue in

27th position nullifies it [144].

In terms of functional significance, the issues of H1

histone interaction with other proteins remain poorly

studied and require further thorough study. Multiple

contacts with other chromatin proteins suggest that

the functions of H1 histone in the nucleus are much

wider than only DNA compaction [60]. We can say

with confidence that the multifunctionality of the

linker histone is at least partially due to its interaction

with many nuclear and nucleolar proteins.
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CONCLUSIONS AND PROSPECTS

Despite the intensive studies on chromatin struc-
ture conducted over the past decades, we can say that
a fairly clear idea has been formed only about the
structure of the nucleosome (the first level of chroma-
tin compaction). Current information about the struc-
ture of chromatin at the higher levels of structural
organization are often quite controversial and still do
not allow one to form an unambiguous picture. With
the advent of new methods of studying biological mol-
ecules (f luorescence resonance energy transfer [145,
146], high-speed atomic force microscopy, spectros-
copy of absorption and optical activity in the infrared
region (vibrational circular dichroism and Raman
optical activity) [88, 131, 147–150], small angle X-ray
and neutron scattering [59, 145, 146, 150–152] and
many other methods), the amount of structural infor-
mation that is available is increasing rapidly. Some
previous hypotheses require revision and additional
experimental verification. In our opinion, this is most
clearly illustrated by recent data on the structure of the
30-nanometer fibril [3, 56, 152–157].

The 30-nanometer fibril is one of the most inten-
sively studied forms of compact chromatin in vitro
[158]. According to generally accepted ideas, a 10-
nanometer chain of nucleosomes is folded into helical
structures with a diameter 30 nm and then is com-
pacted until it reaches a size from 120 to 300–700 nm;
as a result, mitotic chromosomes are formed. The
authors of a number of works [17, 63, 159] have indi-
cated that the formation of a 30-nanometer fibril is a
necessary condition for the assembly and stabilization
of condensed interphase and mitotic chromosomes.
Clearly distinguishable 30-nanometer fibrils were
detected in the nuclei of some terminally differentiated
cells [160–162], which indicates the role of such struc-
tures in transcriptionally inactive chromatin. How-
ever, it should be noted that such fibrils have still not
been described directly in vivo in many nuclei of
eukaryotic cells [163–165], particularly, in intact
mammalian cells [152, 163, 164]. The nucleosomes
cannot be folded into a fibril with a strict structure
with a diameter 30 nm and the interactions between
distant nucleosomes can lead to the formation of less
regular polymeric structure [41–43, 153, 165–168].

It is possible that 30- and 120-nanometer struc-
tures are specific to certain cell types. Recently, some
authors have demonstrated that the chromatin of
some cell types exists mainly in the form of fibers with
a diameter of 10 nm [169] or heterogeneous groups of
nucleosomes that are bound to linker histones [167].
In 2015, studies of chromatin fibrils were conducted in
vivo at the level of a single cell with a resolution of
20 nm using the stochastic optical reconstruction
microscopy method [167]. The authors demonstrated
that nucleosomes assemble into groups of different
sizes (“nucleosome muffs”). At the same time,
approximately eight nucleosomes in the “muff” were
BIOPHYSICS  Vol. 65  No. 2  2020
found in human differentiated fibroblasts, while
approximately four nucleosomes were found in stem
cells. Thirty-nm-thick chromatin fibrils probably exist
as short fragments [62], which is consistent with the
results of studies of some authors that demonstrated
that there are no regular 30-nanometer chromatin
fibrils in natural chromatin [168–171]. Different inter-
actions, including nucleosome–nucleosome, have a
significant effect on the organization and dynamics of
such a group of nucleosomes [8]. Interphase chromo-
somes can be organized in globular structures (topo-
logically associating domains, TADs) that persist
throughout the cell cycle [166]. A model according to
which chromatin is in a “liquid drop” state in meta-
phase chromosomes has been considered in literature
[166]. However, such a model cannot explain the exis-
tence of a structured metaphase chromosome. As an
alternative to the existing ideas, a model of two-phase
chromatin fractal structure, which allows one to
describe both DNA compaction and chromatin
dynamics, was recently suggested ([172], see details in
the review [11]).

Based on the results obtained using the electron
microscopy-assisted nucleosome interaction capture
(EMANIC) method, it was concluded that there is no
single type of helical organization of the 30-nanome-
ter fibril in chromatin. This can be due to the fact that
the structure of a chromatin fibril depends signifi-
cantly on the length of linker DNA [3, 173]. Regular
zigzag structures (a two-start helix) are formed in the
case of short and medium-sized lengths of the linker
DNA region (173–209 bp). At the same time, a sole-
noid model better corresponds to the structure of the
30-nanometer fibril in chromatin with a longer linker
(218–226 bp). In the model of the heteromorphic 30-
nanometer fibril discussed in the literature, alterna-
tion occurs of regions with a solenoid structure with
the elements of the zigzag model [3, 63]. Thus, the
problem of adequate description of higher levels of the
structural organization of chromatin is still far from
being solved and requires further thorough study.
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