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Bacteria are widely distributed in the soil, ocean, and
atmosphere, as well as in symbiotic communities in eukaryotic
organisms (Flemming and Wuertz, 2019). They play an
important role in human health, soil quality and fertility, and
pollution remediation, among other important areas (Stewart,
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A B S T R A C T

Microfluidics confers unique advantages in microbiological studies as these devices can accurately
replicate the micro- and even nano-scale structures of soil to simulate the habitats of bacteria. It not
only helps us understand the spatial distribution of bacterial communities (such as biofilms), but also
provides mechanistic insights into microbial behaviors including chemotaxis and horizontal gene
transfer (HGT). Microfluidics provides a feasible means for real-time, in situ studies and enables in-
depth exploration of the mechanisms of interactions in the soil microbiome. This review aims to
introduce the basic principles of microfluidic technology and summarize the recent progress in
microfluidic devices to study bacterial spatial distribution and functions, as well as biological
processes, such bacterial chemotaxis, biofilm streamers (BS), quorum sensing (QS), and HGT. The
challenges in and future development of microfluidics for soil microbiological studies are also
discussed.
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H I G H L I G H T S

•Basic principles of microfluidics are intro-
duced.

•Microfluidics to study bacterial spatial dis-
tribution and functions.

•Challenges of microfluidics for soil micro-
biome in future.
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2012; Zhu et al., 2017). Current methods of bacterial
cultivation primarily include shake-flask (Koffler et al., 1945;
Wu et al., 2010), 96-well plate (Miyake et al., 1992; Singh
et al., 2017), and microfluidic devices. Among these cultiva-
tion methods, microfluidic devices have advantages of
miniaturization, automation, and low reagent consumption.
Additionally, when combined with other advanced instru-
ments, such as the confocal laser scanning microscope,
atomic force microscope, and other analytical methods (e.g.,
Raman spectrometry, mass spectrometry, and thermogravi-
metric analysis), these devices can be used to visualize and
analytically characterize the dynamic processes of bacteria
(Feng et al., 2015; Deng et al., 2015; Borer et al., 2018; Pousti
et al., 2018). Since the beginning of the application of
microfluidics in microbiology, great progress has been made
in many aspects of the field, such as observing the dynamic
process of biofilm formation (Feng et al., 2015; Mukherjee
et al., 2016), screening soil microorganisms (Toju et al., 2018),
and analyzing the effects of extracellular polymeric sub-
stances (EPS) on soil moisture (Deng et al., 2015). In recent
years, manufacturing techniques like photolithography (Has-
sanpourfard et al., 2014) and etching (Borer et al., 2018) have
allowed accurate fabrication of spatial features of bacterial
habitats, including the adjustment of parameters such as
volume, geometry and surface properties (Karimi et al., 2015).
These fabrication techniques have enabled to create micro- or
even nano-scale structures (such as micropillars) which have
greatly improved the application of microfluidic technology in
bacterial research.

1 Introduction of microfluidic technology

Microfluidics, is known as lab-on-a-chip technique. It is a
miniaturized experimental platform which can be used for
sample preparation, reaction, separation, and detection
(Karimi et al., 2015). Microfluidics can integrate and automate
multiple laboratory techniques into a system, which can be
fitted on a chip up to a maximum of a few square centimeters
in size. It is well-known that spatial characteristics (e.g.,
volume and geometry) and chemical heterogeneity of
bacterial habitat play an important role in the growth and
behavior of bacteria. Microfluidic devices can simulate these
physical and chemical conditions associated with microorgan-
isms allowing researchers to study the complex interactions
between bacteria and their growing environment. For exam-
ple, these devices can accurately mimic the environmental
habitats of bacteria at the micro- or nano-scale for in-situ
visualization and analysis. As shown in Fig. 1, the fluid flow
can be precisely controlled by a syringe pump or constant
pressure pump. The device is equivalent to a microreactor in
which bacteria are cultivated and undergo various biochem-
ical reactions (Qiu et al., 2018). While the bacterial growth
dynamics can be directly observed in the device, at the same
time, the effluent could be connected to an additional
instrument (e.g., mass spectrometer) to perform metabolic
analyses.

Currently, materials used for microfluidic chips fabrication
include inorganic materials (e.g., glass), polymers (e.g.,

Fig. 1 The system of microfluidics. The images obtained with the microscope can be analyzed by computer.
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polydimethylsiloxane, PDMS), and paper (Karimi et al., 2015).
Among them, PDMS is commonly used for microbial
researches. The production of microfluidic device requires
templates. To create templates, technologies such as 3D
printing, glass etching, or soft lithography are often used. The
accuracy of 3D printing and glass etching technologies is
generally at the micrometer level, while the accuracy of soft
lithography technology is higher and can reach the nanometer
level. For example, the channels designed by Männik et al.
(2009) are up to 300 nm. After the creation of the template,
PDMS is then poured on the developed template structure to
fabricate the microfluidic chip. These devices have been
widely used in microbial studies. For example, micropillars
and porous micromodels have been used to study biofilms
and simulate soil micropores as obstacles to investigate
chemotaxis of bacteria (Kim et al., 2010; Singh and Olson,
2012). In addition, a “T-maze” microfluidic device has been
designed to generate a concentration gradient for studying
chemotaxis of bacteria (Salek et al., 2019). Also, long
continuously curving structures (Drescher et al., 2013) have
been used to mimic pipes in industrial or residential settings to
study the shape of biofilm streamers and pipe blockages.

2 Application of microfluidics on
bacteria-environment interaction

Soil has a complex internal environment with high hetero-
geneity and opacity, which limits the in situ visualization of soil
microorganisms. Previous studies, which have used glass
beads or artificial soil model systems to simulate the spatial
structure and chemical complexity of soil or used digital image
mosaics of soil thin sections to analyze microbial activities and
hotspots have provided important insights into the distribution
and functions of soil bacteria (Nunan et al., 2003; Gutiérrez
Castorena et al., 2016; Wu et al., 2019; Zambare et al., 2019;
Cai et al., 2019). However, they have not been able to
simulate the spatio-temporal heterogeneity of soil at micro-
and nanoscale. The microfluidic technology can address this
problem. Microfluidics has been successfully employed in
biomedicine, and the same principles can also be employed in
soil science to simulate the micro-scale habitat structures
(such as micropillars) and the chemically heterogeneous
environment (such as signal molecules with different con-
centration gradients) of microorganisms to achieve in situ
visualization and analysis, to understand the internal world of
soil bacteria more intuitively (Aleklett et al., 2018).

Since microfluidics provides a powerful tool to control,
shape, and manipulate the habitat of individual cells, it is
increasingly used for studying microorganisms. In this section,
we summarized the studies of bacterial spatial distribution and
functions, bacterial chemotaxis, biofilm streamers, quorum
sensing, and horizontal gene transfer conducted in micro-
fluidic chips that simulate soil environments.

2.1 Simulation of soil structure to study bacterial functions

Microfluidic devices can be used to study the growth and
movement of bacteria via simulation of soil pores. As shown in
Fig. 2, Männik et al. (2009) designed a microchip with
progressively narrower channels which connect chambers to
explore the morphology of Escherichia coli and Bacillus
subtilis in soil spatial structure at the submicron level. They
found that both organisms could pass through the 0.4-mm
channel during cell division. Additionally, E. coli could pass
through the channel that was less than half its own diameter,
however, after passing through the channel, the morphology
of the bacteria underwent various abnormal changes. The
study suggested that there exists a diversity of bacterial
morphologies in the submicron structure of soil. Kim et al.
(2010) studied the morphology of Pseudomonas putida
biofilm in a porous medium of glass microbeads. They found
that the biofilm could easily detach at high flow rates,
accelerating pore blockage. They also observed that under
high substrate concentration the biofilm was denser and did
not detach easily. Coyte et al. (2017) used microfluidic device,
mechanistic models, and game theory to study the effect of
porous media hydrodynamics on competition between bac-
terial genotypes. Their result illustrated that hydrodynamic
properties profoundly affect the competition and evolution of
bacteria in the porous environments. Aufrecht et al. (2019)
mimicked the pore structure of sand particles on a two-
dimensional platform to explore the spatial evolution of
Pantoea sp. YR343. It was observed that the fluid shear

Fig. 2 Use of time-lapse fluorescence microscope for imaging

bacteria in a microfluidic device. (A) Scheme of a microfluidic

structure with bacteria (green) in the loading channel moving

toward the feeding channel. (B) A narrow channel connects two

adjacent chambers. (C–G) Fluorescence micrographs of bacteria

with different aberrant shapes (Männik et al., 2009). https://doi.

org/10.1073/pnas.0907542106
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force had the greatest effect on the initial spatial distribution of
bacteria, however, the ability to produce EPS and biofilm
expansion played a major role on the spatial distribution of
bacteria over time. Huang et al. (2017) developed a SoilChip
method by assembling soil suspension onto homogeneous
microarray chips, which was then submerged in dissolved
organic matter to initiate soil biogeochemical interfaces
processes. The SoilChip combined with X-ray photoelectron
spectroscopy, called SoilChip-XPS, has also been applied to
study the metabolism of carbon, oxygen, nitrogen, and other
elements in situ in soil-microbial complexes. Based on
SoilChip, Huang et al. (2020) found that the transformation
and accumulation of organic matter mediated by microorgan-
isms preferentially attach to the existing organic-inorganic
complexes. This discovery provides direct evidence for
thickening nanoscale organic films at the soil micro-interfaces.
Borer et al. (2018) developed an experimental platform based
on glass-etched micrometric pore networks to simulate
resource gradients in soil aggregates to investigate the
distribution of aerobic P. putida and a facultative anaerobe
Pseudomonas veronii. They found that P. putida accounted for
95% of the total population under the aerated conditions, while
P. veronii accounted for 99.9% of the total population under
anoxic conditions. The platform enabled direct visualization
and quantification of bacterial spatial organization at the
aggregate scale in pore networks.

EPS have strong water retention properties, being able to
absorb amounts up to 10 times its weight (Roberson and
Firestone, 1992). Thus, EPS play a significant role in
improving water retention capacity of soil. Several studies
have explored the effect of EPS on soil moisture in microfluidic
devices. For example, Deng et al. (2015) simulated sandy
loam soil to study the effects of EPS on pore water holding
capacity. EPS-producing Sinorhizobium meliloti (EPS + ) and
EPS-free S. meliloti (EPS-) were used in their model. The
drying rate of EPS + was 1.1–2.5 times slower than that of
EPS-. The experimental device allowed direct observation of
the effects of EPS on water retention at soil pore scale for the
first time. Guo et al. (2018) studied the effect of EPS produced
by S. meliloti Rm1021 on moisture retention in simulated soil
(1.2 mm macropore and sandy loam soil structure). EPS
concentration had no effect on water retention in macropores,
but had a strong effect on water evaporation rate and range in
micropores. The water content tended to be stable at the later
stage and the water retention increased with the increase of
EPS concentration in micropores.

2.2 Microfluidics in biofilm studies

Biofilms provide numerous competitive advantages for
bacteria to resist adverse external environments; these
advantages include strong water retention capacity, promot-
ing surface adhesion, and acting as a barrier against toxic
substances. Biofilm streamers, a type of filamentous biofilm
structure formed in porous habitats, are found widely in
natural, industrial, and living environments. Normally, one end

of a streamer is fixed to the surface while the other end is
suspended in fluid. During the initial stage, bacteria adhere to
the surface to form discrete colonies and then a biofilm. Under
fluid shear, the biofilm grows linearly and a visible biofilm
streamers will form over time (Valiei et al., 2012; Karimi et al.,
2015).

The devices for studying biofilm streamers often have
microporous or curvy structure. Marty et al. (2012) designed
micropillars of different sizes and different array structures to
study biofilm streamers and demonstrated that the largest
streamers formed in the staggered square array of micro-
pillars spaced 10 mm apart. Valiei et al. (2012) showed that
biofilm streamers of Pseudomonas fluorescens formed at a
range of flow rates (8, 12 and 20 µL h–1), but the morphology
of the streamers changed with the flow rate and only transient
streamer formation was observed at 80 mL h–1. In the vertical
structure of the fluid, secondary flow played a major role in
biofilm development. To better understand the role of fluid-
induced stress on biofilm formation, Weaver et al. (2012)
studied biofilm by using microfluidics that could generate
different pressures. The biofilm biomass of Staphylococcus
epidermidis 35984 (containing ica gene, i.e., able to form
polysaccharide intercellular adhesin-based biofilms)
increased bymultiple times at 0.1–1.2 Pa, while S. epidermidis
12228 (lacking ica gene) could not produce biofilms at any
rate. Using a microfabricated pseudo-porous platform con-
taining a channel with micropillars, Hassanpourfard et al.
(2016) demonstrated that mature biofilm streamers of P.
fluorescens and Pseudomonas aeruginosa moved forward in
the direction of flow in a nonlinear stick-slip manner. Biofilm
structure remained dynamic even after clogging of the device
containing micropillars. These findings have implications for
design and fabrication of biomedical devices and membrane-
type systems, as well as understanding bacterial growth and
proliferation in natural porous media such as soil and rocks.
Biswas et al. (2018) visualized the development of biofilm
streamers with 200 nm fluorescent polystyrene beads in a
microfluidic device. Biofilm streamers exhibited instantaneous
movement and long-term movement along the direction of the
flow. There were multiple periods of stagnation and fracture
during the movement process, and, eventually, the entire
streamer structure would detach. Using a microporous device
Scheidweiler et al. (2019) found that multi-species biofilms
differentiated into basal biofilm and streamers that had similar
community compositions. This highlighted the plasticity of the
biofilm communities. Multi-species biofilms increased their
carrying capacity and improved space utilization in porous
environments (Fig. 3).

Yazdi and Ardekani (2012) placed a horseshoe-shaped
structure in a micro-chamber and applied radio frequency
signal to generate a pair of vortices at the air-liquid interface.
E. coli accumulated in the vicinity of these vortices in seconds,
and formed biofilm streamers in minutes. The results provided
an example for developing disposable and portable micro-
fluidic devices to be used in microbiological tests and as
environmental diagnostic chips. Drescher et al. (2013) studied
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the biofilm streamers of P. aeruginosa PA14 in a microfluidic
device and showed that biofilm streamers acted as bridges
around obstacles in uneven environments, and that the
internal structure of the device formed a “mesh” to capture
and retain loose cells or EPS that had detached from the basal
biofilm. The biofilms formed on the surfaces had little effect on
flow, but the pipeline could unexpectedly be blocked by biofilm
streamers, highlighting the need to investigate bacterial
behavior in realistic industrial and clinical settings where
biofilm prevention is critical. Kim et al. (2014) also used a
continuous flow device to study biofilm streamers. Staphylo-
coccus aureus formed biofilm streamers quickly, and when the
channel surface was coated with blood plasma, a streamer
would appear within minutes and quickly block the channel.

In addition, other types of microfluidic devices have been
developed. For instance, Kumar et al. (2013) were inspired by
shark skin to design a chip that could generate a secondary
flow to study biofilms. When the flow rate exceeded 4 µL h–1

(Reynolds number or Re = 2 � 10–3), biofilm streamers
decreased with the increase of flow velocity. This chip has
potential value in industrial settings as antifouling technology

in the pipes. Paquet-Mercier et al. (2016) applied a
microfluidic system with straight microchannels to investigate
the viscosity change of P. fluorescens CT07 biofilms. They
showed a rapid increase in biofilm viscosity, increasing by an
order of magnitude in less than 10 h. This system, which
combined video tracking with a semi-empirical viscous flow
model, enabled continuous measurements of intact biofilms
under low unchanging laminar flow conditions and could be
further used for exploring the response of biofilm viscosity
under well-controlled physical, chemical, and biological
growth conditions.

2.3 Bacterial chemotaxis

Swimming bacteria can sense chemical signals and migrate
along a concentration gradient, which is known as chemo-
taxis. To study the chemotactic response of bacteria to organic
matter in the underground environment, Singh and Olson
(2012) used a microfluidic device that simulated a two-
dimensional dual-permeability groundwater pollution sce-
nario. When DL-aspartic acid was used as an attractant, the

Fig. 3 The growth of multi-species biofilms in a porous environment. (A) Schematic of the microfluidic device. (B) Distribution of flow velocity

in a porous environment. (C) Biofilm differentiation into streamers (cyan) and base biofilm (red) at 220 h, which improved space utilization in

porous environments. White arrow shows flow direction. (D) The growth dynamics of total biofilm (black circles), base biofilm (red circles) and

streamers (blue circles) integrated in the fluidic device (Scheidweiler et al., 2019). https://doi.org/10.1038/s41396-019-0381-4
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total number of E. coli HCB33 increased by 1.09 to 1.74 times
in the low-flow area. The chemotactic reaction decreased
linearly with the increase of flow rate, and there was no
chemotactic reaction at the highest flow rate (Darcy velocity =
0.22 mm/s). Wang et al. (2012) used a “T”-type microfluidic
device to simulate chemotaxis in an underground environ-
ment. The microchip had two inlets: the narrow slanted
channel was used as a side channel for nonaqueous phase
liquid injection and the wide horizontal channel was the main
channel for bacterial suspension. At a flow velocity of 0.5 m
d–1, the concentration of P. putida F1 was 25% higher than the
concentration of non-chemotropic mutant bacteria near the
organic/water interface, and the amount of E. coli was 60%
higher than the control group. Wang et al. (2015) utilized a
multilayer microfluidic device to generate stable linear
concentration gradients of attractants to characterize bacterial
chemotaxis for model fitting and parameter evaluation. Their
study yielded the chemotactic sensitivity coefficient (χ0 = 2±1
� 10–4 cm2/s) and the chemotactic receptor constant (κc =
0.12±0.05 mM). Wang et al. (2016) further designed a
heterogeneous porous device to simulate heterogeneous
features of contaminated groundwater aquifers, in which
toluene was confined in a network of fine pores and P. putida
F1 was injected through an adjacent macropore. Chemotaxis
preferentially promoted bacterial migration to chemokines in
low conductivity areas, resulting in the accumulation of
bacteria in these spaces. However, chemotaxis was reduced
when simulated groundwater flow exceeded the critical rate (5
m d–1).

While previous studies mainly considered cell migration in
response to chemoattractants, relatively few studies have
focused on how the physical environment influences the
collective migration of bacterial cells, including when faced
with obstacles and noise. Rashid et al. (2019) used a
microfluidic device containing obstacles of different physical
sizes to study the response of E. coli to chemoattractants. The
average swimming rate of E. coli to an attractant did not
change when pillars were uniformly spaced. In the case of the
chemokine gradient, E. coli changed its swimming pattern,
and actively secreted a strong chemoattractant to the
medium, thus enhancing migration. In the device utilized by
Zhang et al. (2019), bacteria moved toward the attractant in
the other end, initially gathering around the strong attractant.
However, when the cell density reached a critical value, the
cells formed an “escape band” and moved to the nutrient
source which was chemotactically weaker, but metabolically
richer. de Anna et al. (2020) designed a microfluidic device
consisting of a random distribution of cylindrical obstacles with
circular and crescent-shaped cross-section. The device could
simulate the natural soils to captures flow disorder and
chemical gradients at the pore scale to quantify the transport
and dispersion of B. subtilis. They found that chemotaxis
consumingly modulates the bacterial movement in the area of
low-flow, resulting in a 100% increase in bacterial dispersion
coefficient.

2.4 Quorum sensing of bacteria

Bacteria can secrete specific chemical signals, such as acyl-
homoserine lactones (AHLs) (Tecon and Or, 2017; Yang et al.,
2020) to the surrounding environment. When these signal
molecules reach a threshold concentration, they can stimulate
the expression of specific genes that enable bacteria to better
adapt to the changing environment and resist adverse
conditions. This phenomenon is called bacterial quorum
sensing. Microbes share their habitat with many other species
who may respond to these signals as well, leading to
interactions not only between members of the same species,
but also interspecies interactions (Bassler and Losick, 2006;
Sahari et al., 2014).

Microfluidic devices have been used to simulate different
spatial structures to study QS of bacteria. Park et al. (2003)
used topological structure which simulated soil and found that
in a closed system starved cells sensed, and were attracted
to, metabolic end products and lysate of other cells. These
stressed bacteria formed solitary waves and populations that
collapsed into small, enclosed structures. Burmeister et al.
(2018) physically separated L-lysine-producing Corynebac-
terium glutamicum from an L-lysine auxotrophic mutant in a
way that allowedmetabolic cross-feeding. L-lysine was shown
to promote the growth and development of the nutrient-
deficient strain through a nano-channel.

The shape of channels and chambers can also affect the
bacterial behavior. As show in Fig. 4, Cho et al. (2007)
designed microfluidic devices with chambers of various
shapes, and observed growth and organization of confined
E. coli cells. It was found that the cell arrangement, growth,
and collective movement direction were correlated to the
shape of the confining chamber. Under the influence of QS, E.
coli formed a highly steady-state which was more conducive
to the escape of cells from the chamber, and increased access
of nutrients into and evacuation of waste out of the chambers.
Ribbe and Maier (2016) designed a microfluidic device
composed of a main channel and multiple branches, which
could capture cells at the end of each branch. This device
simulated the effect of different diffusion rates (strong,
medium, weak, and very weak) on QS in open systems
such as the soil rhizosphere. The local capture of bacteria
promoted their density-dependent differentiation in structured
environments. Nadell and Bassler (2011) studied the interac-
tion between EPS-producing and non-EPS-producing Vibrio
cholerae in a simple single-chambered microfluidic device.
EPS-producing bacteria regulated the production of EPS
through QS and gained a significant advantage. However,
EPS-producing cells were damaged when they spread to new
sites. This study showed there was a basic balance between
local competition and diffusion among bacteria.

Other types of microfluidic systems have also been used to
study QS. Jeong et al. (2015) used a microfluidic static droplet
array, which could generate a series of droplets with opposite
densities of two bacteria to study QS. The system was used to
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study the effects of co-culturing AHLs-producing and AHLs-
receiving bacteria at different ratios. As the proportion of
signal-producing bacteria decreased and the signal receiving
bacteria increased, more green fluorescent protein (GFP) was
produced. Also Nagy et al. (2015) studied the interactions
between bacterial QS and chemotaxis in microfluidics. Their
device could quickly form a linear concentration gradient. The
results indicated that signal molecules and secondary
metabolites secreted byP. aeruginosa affected the distribution
of E. coli. Hong et al. (2012) studied the interactions between
an E. coli biofilm and the concentration of signal molecules
using a two-layer microchip. The setup generated indepen-
dent bacterial and signal molecule concentration gradients. It
was observed that the amount of biofilm decreased with the
decreasing signal molecule concentration. Underhill et al.
(2018) explored whether Streptococcus mutans UA159
required extracellular XIP (sigX-inducing peptide) to induce
comX in the ComRS group sensing system. The microfluidic
device they used allowed to generate different concentration
gradients after introduction of XIP (0, 600 nM and 6 mM).
Results showed that ComRS control of comX did not require

XIP in the absence of lysis. Leaman et al. (2018) studied QS of
E. coli in a microfluidic device that was symmetric on both
sides and enabled generation of concentration gradients. The
QS activation time followed a power law with respect to
bacterial population density. However, population structure
and the gene loop noise significantly influenced this relation-
ship.

2.5 Horizontal gene transfer of bacteria based on fluorescent
labeling

Bacteria can expand their environmental niche by HGT,
acquiring genes which are beneficial for their survival and
reproduction. Under strong selection conditions (e.g., heavy
metals or antibiotics), horizontally transferred genes will be
quickly fixed within a bacterial group (Heuer and Smalla,
2012; Tecon and Or, 2017; Wu et al., 2020). Microfluidics
devices used with appropriate fluorescent labels can provide
unique insights into HGT in natural environments. Qiu et al.
(2018) simulated an open environment biofilm and used GFP-
tagged plasmids to quantify the plasmid transfer frequency.

Fig. 4 Colony self-organization in microfluidic device with chambers of different shapes. Colony self-organization in (A) a rhombus and (B) a

circle with square in the middle. (C) The histograms of the steady-state cell orientations in the selected regions based on horizontal direction.

(D) The fraction of cells oriented within±45° at the peak of the eventual steady-state histogram (Cho et al., 2007). https://doi.org/10.1371/

journal.pbio.0050302
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The results indicated that the conjugative potential of Gram-
negative bacteria was higher, with the phyla Proteobacteria
and Firmicutes more prone to HGT than Bacteroidetes. Li et
al. (2019) also used a microfluidic device and a fluorescent
labeling technique similar to Qiu et al. (2018) to study the
ability of bacteria to spread antibiotic resistance genes. They
quantified the transfer frequency between E. coli and bacteria
from activated sludge and found the transfer frequencies were
between 1 � 10–3–4.3 � 10–2 per recipient. HGT mainly
occurred in Gram-negative bacteria, which is consistent with
the results of Qiu et al. (2018). Labeling with fluorescent
proteins has also enabled to demonstrate that direct contact
between bacteria is the key to gene transfer. For example,
Zhu et al. (2019) used a microfluidic device to coculture E. coli
with recipient bacteria isolated from activated sludge. HGT
occurred at the early stage, and the frequency increased as
the possibility of contact between bacteria rose after
emergence of the community. Cooper et al. (2018) designed
a monolayer device to coculture bacteria and found that the
plasmid pBAV1k-GFP of E. coli transferred to Acinetobacter
baylyi after they came in contact with each other. Burmeister
et al. (2018) found that P. putida was not able to produce
yellow fluorescence when bacteria were cocultured in a
space-separated device, while contact between the cells
caused a change in the fluorescent signal from red to yellow,
indicating the occurrence of HGT. Pivetal et al. (2015)
designed a new microfluidic system composed of micro-
magnets to monitor HGT. Magnetic nanoparticles were used
to label plasmid DNA molecules and magnetic microfluidic
devices were then employed to capture and separate the
recombinant cells with nanoparticle signals. The study
provided a novel alternative method for studying the extent
of HGT occurring in the natural environments.

3 Outlook

The introduction of microfluidics has significantly advanced
the opportunities for dynamic visualization and analysis of
bacteria, which greatly promotes future research in a range of
areas including the morphology and function of soil micro-
organisms, soil biofilm formation, bacterial chemotaxis, QS,
and HGT. It also brings new opportunities for microbiology by
simulating soil structure to study the effects of microbial EPS
on soil water retention and bacterial distribution, the hydro-
dynamic mechanisms of biofilm streamers, and the rapid
detection of environmental microorganisms. These research
topics can help us better understand the nature of bacteria,
and the ways they are engaged in a variety of biochemical
reactions with other bacteria and the surrounding environ-
ment. The study of these interactions is essential for under-
standing and regulating bacterial behaviors.

However, the application of microfluidics in microbial
research faces several challenges. (1) The habitat of bacteria
is often extremely complex, in both spatial structure and
chemical conditions (e.g., soil). Current microfluidic devices

can only simulate relatively simple soil structures. Therefore,
microchips that are closer to natural bacterial habitats need to
be developed to better reveal the interactions between
bacteria and their environment. (2) Bacterial screening,
including the screening of unknown microorganisms in the
environment and “core microorganisms” in the rhizosphere, is
one developing trend in microfluidics. Core microbial commu-
nities can “recruit”microorganisms which are beneficial for the
plant growth and can effectively inhibit the growth of
pathogens. Research in this area is still limited. So far,
microfluidic technology has been utilized mainly for studying
isolated and cultured bacteria, but there are many barriers to
the isolation and culture of the remaining 95%. Therefore, the
development of micro-droplet and other microfluidic devices
will be beneficial in accelerating the separation, cultivation,
and screening of these organisms. (3) To date, most
microfluidics studies have focused on the mechanisms of
bacteria, but only a few studies have explored microfluidic
devices for applications, such as environmental diagnostic
systems. To overcome these challenges, it is necessary to
increase the connections between microfluidics and other
technologies, including not only microscopy, spectroscopy,
and electrochemistry, but also the soft photolithography and
etching technology for device fabrication. The integration of
multiple technologies is expected to become the defining
trend of microfluidics.
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