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Abstract
Attached cultivation system has emerged as a cost-effective approach for the cultivation of microalgae. However, fewmicroalgae
species are still restricted to grow as biofilm due to the lack of adhesive element known as extracellular polymeric substance
(EPS). The main objective of our study is to develop a novel attached cultivation strategy for EPS-lacking microalgae,
Scenedesmus sp. DDVG I. We also aimed to identify cost-effective substratum showing good performance for biofilm growth.
The approach was experimentally studied by conditioning a variety of substrata with EPS derived on varying days from
cyanobacteria, Limnothrix sp. DDVG II. The EPS-coated substrata were used for the attached cultivation system of
Scenedesmus sp. Additionally, we compared the biochemical properties of the EPS matrix derived on varying days using
different extraction methods, their performance on adhesion strength, and microalgal growth. As a result, rough substrata were
highly prone to the colonization of the EPS matrix than the normal one. The EPS derived from 12-day-old Limnothrix sp. culture
(EPS-12) showed the highest potential on adhesion strength. Rough substrata coated with EPS-12 showed the maximum growth
of Scenedesmus sp. DDVG I as a biofilm. Among the rough substrata, rough polylactic acid (rPLA) sheet coated with EPS-12
was found to be the best substratum showing the highest adhesion capability of 94.60 ± 4.2% and the maximum aerial biomass
productivity of 31.6 ± 1.20 g/m2/day. The results indicate that EPS-lacking Scenedesmus sp. can be cultured with the attached
cultivation technique to improve its biomass productivity.
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1 Introduction

Microalgae are emerging as the most versatile biomass for
numerous applications such as biofuel production [1–3]
wastewater treatment [4, 5], animal feed [6], and pharmaceu-
tical and cosmetic industries [7]. There are still limitations for
commercial production of microalgal biomass among which
harvesting is a challenging task involving high capital cost and
extra operational cost [8]. Generally, microalgae are cultivated
in either open pond or photobioreactors in which the cells are

in a suspended condition. At the time of biomass recovery, the
conventional harvesting techniques viz. centrifugation, filtra-
tion, flocculation, and floatation are used [9]. These tech-
niques are very expensive, and 30% of the total capital cost
is still spent on harvesting [10]. To address this issue, the
attached cultivation system has recently emerged as an alter-
native approach for biomass harvesting as well as wastewater
treatment. In these systems, microalgal biomass is grown as a
thin biofilm on supporting substrata wherein the biomass is
more concentrated to 18% (g/g) [9] as compared to 0.4% (g/g)
[11] for the suspended condition. The development of
microalgal biofilm depends on several factors such as extra-
cellular polymeric substance (EPS) matrix, substrata including
polyethylene [9], cardboard and glass [10], loofah sponge, and
polyurethane foam [11], and types of microalgal species de-
pending on the presence and absence of EPS. According to
Flemming et al. [12], the substratum is initially conditioned
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with adhesive mucilage called EPS. EPS matrix is a biopoly-
mer which is predominantly comprised of various proteins,
polysaccharides, lipids, uronic acids, and ionizable functional
groups like carboxylic, phosphoric, amino, sulfate, and hy-
droxyl groups [13, 14]. Cyanobacteria, fungi, and some
microalgal species are the major EPS producer [15, 16]. The
components of EPS favor the site for colonization and multi-
plication of microalgal cell as a biofilm. For instance, the ethyl
cellulosic backbone and cationic groups of polysaccharides
present in the EPS matrix promote its adherence to the sub-
stratum and accelerates microalgal growth [12]. EPS produc-
tion can be influenced by age of the culture that can signifi-
cantly affect the adhesion strength and biofilm growth.
Besides, suitable and effective substrata or supporting mate-
rials can induce good adhesion strength for EPS [17]. Yuan
et al. [18] suggested that the physicochemical properties (sur-
face texture, hydrophobicity, and surface free energy) of the
substratum may influence the EPS-substratum interaction.
Zhang et al. [19] demonstrated that the cracks and crevices
created on rough substrata could provide a greater area for
attachment and thus resulting in higher cell attachment and
greater biomass production. Roostaei et al. [20] concluded
hydrophobic substrata to be more favorable for cell adhesion
than a hydrophilic one. The probable reason may be that the
EPSs are mostly hydrophobic in nature which have greater
affinity towards hydrophobic substrata to reduce their contact
with water [21]. While Ozkan and Berberoglu [22] reported a
hydrophilic substratum is more susceptible to adhesion than a
hydrophobic substratum, however, Genin et al. [23] found no
correlation between adhesion and surface hydrophobicity.
Thus, the selection of effective materials is still a challenging
task to enrich the research on the attached cultivation system.

Johnson and Wen [24] cultivated Chlorella sp. on polysty-
rene foam as attached cultivation, resulting a significant bio-
mass accumulation (25.65 g m−2day−1) with efficient removal
of 79% total nitrogen and 93% total phosphorus from dairy
manure wastewater. A pilot scale rotating algal biofilm reactor
using cotton duct as attaching material produced 8–14 g
m−2day−1 biomass of Chlorella vulgaris [25]. Christenson
and Sims [9] found the cotton cord as an effective substratum
for the growth of algal-bacterial consortium, resulting in bio-
mass productivity of 20–31 g m−2 day−1. Recently, Zhang
et al. [26] found non-woven fabric to be a good substratum
for the cultivation of filamentous algae, Tribonemaminus, and
the average biomass productivity obtained was 9.73 ± 2.19 g
m−2 day−1. Lignocellulosic material such as pine sawdust
could also support the algal attachment with the maximum
biofilm productivity of 10.9 g m−2 day−1 [27]. Despite all
these extensive efforts, some microalgal species which are
high-value feedstock for biodiesel production have been re-
stricted from growing as a biofilm due to the lack of EPS
production. For example, according to the finding of
Gaignard et al. [16], microalgae such as Nannochloris sp.

(21–23% lipid content) [28], Tetraselmis striata (30–31% lip-
id content) [29], and certain strains of Scenedesmus sp. (18–
20% lipid content) [30] were identified as non-EPS producer.
To address this gap, our study was primarily focused on the
attached cultivation of EPS-lacking microalgal species,
Scenedesmus sp. with an aid of EPS derived from cyanobac-
terium, Limnothrix sp. Selection of the microalgae strain was
based on its fast growth rate, high biomass, and oil production
[3, 30], while the cyanobacterium was chosen because of its
high EPS production [16]. We also aimed to identify cost-
effective substrata showing good performance for the biofilm
growth. The approach was experimentally studied by condi-
tioning a variety of substrata with cyanobacterial EPS pro-
duced on varying days. Additionally, we compared the bio-
chemical properties of those EPS using different extraction
methods and their performance on adhesion strength and the
microalgal growth.

2 Materials and methods

2.1 Strains and medium

Wild-type microalgae strains, Scenedesmus sp. DDVG I (ac-
cession no. MN630585) and cyanobacterium Limnothrix sp.
DDVG II (accession no. MN630310), were isolated from the
local waterlogged area of the Indian Institute of Technology
Guwahati, Assam, India (26° 11′ N, 91° 41′ E). The strains
were cultivated in a modified BG11 medium (pH = 7.4) [31]
consisted of the following ingredients (g/ L): NaNO3, 1.5;
MgSO4.7H2O, 0.075; K2HPO4, 0.04; CaCl2, 0.036; citric ac-
id, 0.006; ammonium ferric citrate, 0.006; Na2EDTA, 0.001;
Na2CO3, 0.02; ZnSO4.7H2O, 0.22; MnCl2.4H2O, 1.81;
CuSO4.5H2O, 0.08; Co (NO3)2.6H2O, 0.05; H3BO3, 2.86.
The cultures were maintained using Erlenmeyer flasks at 25
°C in an orbital shaker (150 rpm) under a light intensity of
40.5 μmol m−2 s−1.

2.2 Fabrication of substratum

In this study, four different substrata were tested: glass slide
(GS), polylactic acid (PLA) sheet, millipore filter membrane
(FM), fiber-reinforced plastic (FRP). The substrata were mod-
ified with sandpaper Grit-100 to represent rough surfaces, i.e.,
rough glass slide (rGS), rough polylactic acid (rPLA) sheet,
rough filter membrane (rFM), and rough fiber-reinforced plas-
tic (rFRP). The dimension of the substrata was length ×
breadth = 7 × 2 cm.

2.3 Experimental setup and procedure

All the cultivations were conducted at 27 ± 1 °C under a light
intensity of 40.5 μmol m−2 s−1 with 12 h:12 h (light:dark)
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under white fluorescent lamps. Scenedesmus sp. DDVG I and
Limnothrix sp. DDVG II (initial inoculum of 0.2 g/L in both
conditions) were cultivated in 500-mL Erlenmeyer flasks con-
taining 300-mL BG11 media. EPSs produced by both the
species were begun to be analyzed periodically after 4 days
of the culture growth. Here, the types of EPS produced were
named according to days of culture. For instance, EPSs pro-
duced on days 4, 8, 12, 16, and 20 were represented as EPS-4,
EPS-8, EPS-12, EPS-16, and EPS-20, respectively. For the
attached cultivation system, the reactor was set up in jam
bottles (total volume = 500 mL) with 300 mL of BG11 medi-
um in different batches. Briefly, the substrata were immersed
vertically inside the jam bottles by an initial inoculation of
Limnothrix sp. culture. These substrata coated with EPS were
removed from the jam bottles periodically after 4 days.
Routine analysis of substrata was done to investigate their
performance for EPS adhesion. Subsequently, these substrata
coated with EPS-4, EPS-8, EPS-12, EPS-16, and EPS-20
were transferred into other jam bottles by an initial inoculation
of Scenedesmus sp. culture. The systems were operated for at
least 20 days and harvested after reached a steady-state.
Scenedesmus sp. biofilm was harvested from the substrata
through scrapping. All experiments were performed in tripli-
cates for each system. The overall experimentation is also
illustrated in the schematic diagram (Fig. 1)

2.4 Analytical method

2.4.1 EPS extraction

Since there is no particular standard protocol for EPS extrac-
tion, EPS yield could not have relied on a single extraction
method. Hence, two chemical methods i.e. Methods A and B
were adopted according to conditions referred by Kawaguchi
and Decho [13] and Klock et al. [32] with slight modifica-
tions. Method C was also carried out as a control. The EPS
extraction procedures are summarized in Fig. 2. Briefly, the
cell suspension was treated with different reagents: (Method
A) 0.05-mM EDTA for 30 min at 40 °C, (Method B) 4-mM
EDTA with 10% NaCl for 15 min at 40 °C. In Method C
(control condition), the cell suspension was treated only with
distilled water for 20 min at 50 °C. In the separation step, the
EPS was separated by ultracentrifugation at 4 °C at different
speeds: (Method A) 12,000 rpm for 15 min and followed by
precipitation with ice-cold ethanol, (Method B) 10,000 rpm
for 20 min and followed by precipitation with ice-cold etha-
nol, (Method C) 10,000 rpm for 20 min. Furthermore, the
extracted EPS was purified using a dialysis membrane
(Sigma-Aldrich, USA). Finally, the EPS was lyophilized and
stored at − 20 °C for further characterization. The quantifica-
tion of EPS was done bymeasuring the initial and final weight
after drying in an oven at 70 °C overnight. The EPS with the

highest concentration was further qualitatively analyzed for
the biochemical composition.

2.4.2 Characterization of the chemical composition of EPS

Total protein content was estimated by the Lowrymethod [33]
using bovine serum albumin (Sigma-Aldrich, USA) as the
standard. Polysaccharides were determined by the phenol-
sulfuric method using D-glucose (Sigma-Aldrich, USA) as
the standard [34]. The monosaccharide composition of the
EPS was further analyzed according to the method of Comte
et al. [35]. The lyophilized EPS was methanolized in 0.4-mL
2-M HCl in methanol (14 h at 85 °C). It was subsequently
hydrolyzed with 2-M trifluoroacetic acid (TFA) in a sealed
glass test tube (1 h at 121 °C). Before analysis, the sample
was filtered through a 0.22-μm Nylon syringe filter (Axiva,
India). The monosaccharide compositions of the hydrolysate
were determined by HPLC (Perkin Elmer, Series 200, USA)
equipped with an RI detector using a carbohydrate analysis
column (Agilent Hi-Plex series, USA) and eluted with the
solvent system 0.0008-N H2SO4 at a flow rate of 0.5 mL/min.

The lyophilized EPS was further ground to a powder using
a mortar-pestle to identify its functional groups. One milli-
gram of EPS powder was mixed with 180 mg of KBr and
compacted to form a pellet. The transmission spectra from
4000 to 500 cm−1 were acquired using an FTIR spectrometer
(Shimadzu IRAffinity-1, Japan). Powdered EPS samples were
analyzed directly on marked glass slides through a 100× water
immersion objective with an exposure time of 100 s.

2.4.3 Physiochemical characterization of substratum

Substrata were screened for their hydrophobicity through con-
tact angle measurements. It was performed using Drop Shape
Analyzer (KRUSSDSA25, Germany). The probe liquids used
were Milli-Q water and diiodomethane (non-polar solvent).
FTIR spectroscopy was performed using an ATR spectropho-
tometer (Shimadzu IRAffinity-1, Japan). The texture and to-
pography of the surfaces were investigated by atomic force
microscope (Agilent 5500 series, Model: Cypher, Oxford) on
a quartz substrate in acoustic mode (non-contact) using a sil-
icon cantilever with a force constant of 33 N/m and a reso-
nance frequency of 304 kHz. The roughness of the substrata
was analyzed by using WSxM 5.0 Develop software.

2.4.4 Microalgae cell harvest

Biomass of Scenedesmus sp. DDVG I in the biofilm was de-
termined by calculating the difference between the total dry
weights of the biomass scrapped off from the substrata and the
weight of the EPS. The percentage of adhesion capacity is the
amount of microalgal cell attached to the substrata over the
total algae biomass produced in suspension which is
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demonstrated in Eq. (1). Confocal laser scanning microscopy
(CLSM) was used to analyze the pattern of Scenedesmus cells
developed within the EPS matrix. Images at discrete focal
planes (z-stack) were taken using the microscope (JSM-
7610F Jeol, USA). Chlorophyll within the cells was excited
using an argon laser with a wavelength of 488 nm and emitted

fluorescence was observed using a 505-nm long-pass filter
and a 20 Kx magnification objective lens.

Adhesion capacity %ð Þ ¼ Bb

Bs
� 100 ð1Þ

Fig. 1 Schematic diagram of
experimentation conducted under
three-phases using 500-mL jam
bottles at 40.5 μmol m−2 s−1 light
intensity with 300-mL BG 11. a
Substratum (length × breadth = 7
× 2 cm) is immersed vertically
inside the jam bottle with initial
inoculation of Limnothrix sp.
DDVG II (red dashed arrows
represent adhesion of EPS from
Limnothrix cells on substratum. b
EPS-coated substratum is used for
the attached cultivation of
microalgae, Scenedesmus sp.
DDVG I (black dashed arrow
represents an accumulation of
cells as biofilm). c Microalgae
cultivation in suspension
condition

Fig. 2 Procedures for the
extraction of EPS. Chemical
methods are represented as
Method A and Method B while
the control as Method C
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where Bb is the microalgal biomass accumulated as a biofilm
on substratum and Bs is the total biomass produced in the
suspension culture condition.

2.5 Statistical analysis

All the quantitative data were represented as mean and stan-
dard deviation. The difference in the means of two groups was
analyzed by Welch’s two-sample t test. Multiple groups were
analyzed by one-way analysis of variance (ANOVA) follow-
ed by Tukey’s HSD. All the statistical analyses were per-
formed using the R-statistical package. In all the statistical
tests, p < 0.05 was considered significant.

3 Results and discussion

3.1 Growth and EPS production

The result in Fig. 3a shows the biomass growth curve of
Limnothrix sp. DDVG II over cultivation period of 24 days.
Limnothrix sp. achieved its exponential state after day 4 where
the biomass concentration increased from 0.32 ± 0.037 to 0.69
± 0.05 g/L. The maximum biomass concentration reached up
to 1.82 ± 0.06 g/L in 10 days. The culture did not show further
increase in biomass concentration after 10 days which marked
the beginning of the stationary state. Meanwhile, the produc-
tion of EPS and the yield were determined periodically using
three different extraction methods. Results in Fig. 3b show
that during the initial 4 days of Limnothrix sp. growth, EPS-
4 concentration was very low with the yield of 1.5 ± 0.05 mg/
L (for Method A), 0.9 ± 0.02 mg/L (Method B), and 0.72 ±
0.00 mg/L (Method C). The EPS concentration was signifi-
cantly increased (p < 0.001) over 12 days of growth where the
culture Limnothrix sp. reached an early stationary state. The
yields of EPS-12 extracted using Methods A, B, and C were
21.5 ± 1.5 mg/L, 21.0 ± 1.1 mg/L, and 18.1 ± 1.0 mg/L,
respectively. After day 12, there was an insignificant increase
in EPS concentration. Moreno et al. [36] demonstrated that
Anabaena sp. could produce 17 mg/L of EPS during the sta-
tionary phase. Likewise, Trabelsi et al. [37] also reported that
the maximum EPS yield (120 mg/L) from Arthrospira
platensis was obtained during the stationary phase. A study
by De Philippis and Vincenzini [38] reported that
cyanobacterial EPS are the specialized metabolites released
by the organismwhen its growth is limited by different factors
such as temperature, nitrogen concentration, or irradiance.
Mainly during the late exponential or stationary phase, EPS
provides a protective shield for the physiological adaptation to
external changes [38]. On the other hand, when we quantita-
tively analyzed the EPS produced from Scenedesmus sp.
DDVG I, the yield was almost negligible.

Overall, by comparing the EPS yield, we observed that the
extraction methods, Methods A and B, were more efficient
when compared with Method C (control condition).
However, the yield obtained from Methods A and B did not
differ significantly from each other. The reason for higher
extraction yield through chemical methods may be influenced
by the use of chemical solvents. The metal ions such as NaCl
and EDTA from the reagents form strong interchain linkages
and chelate divalent ions present within the EPS [35]. They
form EPS complexes that loosen EPS from cell surfaces and
also reduce the strength of the EPS matrix [39]. The motive of
the addition of NaCl in Method B was that the sodium salts
such as NaCl, NaOH, and CH3COONa would increase the pH
of the system. Hence, the dissociation of acidic groups in EPS
would take place and cause repulsion between the negatively
charged moieties. Thus, the solubility of EPS might increase
in the solvent and facilitate the extraction process [13].
Furthermore, ethanol precipitation and dialysis are common
techniques for isolation and purification of the EPS against the
solvent [40]. The present study also showed the effective iso-
lation and purification of the polymeric fraction of EPS
through ethanol precipitation in combination with dialysis.

3.2 Biochemical composition of EPS

Cyanoba c t e r i a l EPS a r e ma i n l y compo s ed o f
heteropolysaccharides consisting of monomer units like neu-
tral sugars (glucose, galactose, mannose, arabinose, and xy-
lose) and at least one uronic acid [41]. Results from Table 1
clearly show the presence of polysaccharides (489.1–829.4
mg/g) and proteins (17.45–29.36 mg/g) abundantly in the pu-
rified EPS. While, the monomer units of the polysaccharides
were rich in neutral sugars specifically glucose (15.2–
29.74%), galactose (14.61–21.25%), xylose (12.85–24.6%),
and uronic acid (0.6–2.5%) (Table 1). The variations in the
compositions of polysaccharides, uronic acids, and proteins in
the EPS are due to the influence of centrifugation, incubation
time, and the solvents (NaCl, EDTA, acetone, ethanol, etc.)
[32]. According to Higgins and Novack [42], varieties of pro-
tein moieties and hexose sugar present in the EPS matrix play
a major role to signify the hydrophobic and hydrophilic be-
havior of EPS.

3.3 FTIR spectroscopy

The FTIR spectra of EPS are shown in Online Resource 1 and
band assignments corresponding to the IR spectra are repre-
sented per literature (see Online Resource 2) [35, 43]. The
spectral band at 3750–3747 cm−1 attributed to the vibrational
stretching of OH– group of the polymeric compounds. The
intense band at 3290–3288 cm−1 represents NH– stretching
vibrations of amide and amine. The broad absorption peak at
2977–2950 cm−1 was assigned to asymmetrical stretching
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vibrations of C–H from an aliphatic CH2 group, which reveals
the presence of lipids and proteins. Peak intensity at 2877–
2870 cm−1 attributed to the asymmetrical stretching of CH3

from the lipids. The peak observed at 2380–2300 cm−1 could
be due to the presence of –C=O– group and asymmetrical
vibrational stretching of the C=N group. The asymmetrical

Fig. 3 Biomass growth of a
Limnothrix sp. DDVVG II
(presented as mean ± standard
deviation of triplicate
experiments). b EPS yield (mg/
L) extracted during specific
cultivation period of Limnothrix
sp. DVVG through the different
extraction methods. Bars
represent the average values over
three replicates; error bars depict
standard error of the mean (n = 3).
Data were analyzed by ANOVA
and Tukey’s HSD (***p < 0.001,
**p < 0.01, *p < 0.05)

Table 1 Biochemical composition of EPS-12 extracted through three different methods

Extraction method Dry weight of EPS (mg/g) Monosaccharide percentage of EPS (%) Glucuronic acid (%)

Proteins Polysaccharides Glucose Galactose Xylose

Method A 29.36 ± 1 829.43 ± 15 29.74 21.25 24.6 2.5

Method B 27.43 ± 1.5 779.67 ± 10 28.89 20.5 23.74 1.8

Method C 17.45 ± 1.1 489.10 ± 12 15.2 14.61 12.85 0.6

2976 Biomass Conv. Bioref. (2023) 13:2971–2983



absorption peak at 1760–1746 cm−1 represents the stretching
vibration of C=O of esters. The intense broad peak at 1680–
1670 cm−1 corresponds to the stretching vibration of the C–N
and deformation vibration of N–H of the amide group. The
peak at 1540–1523 cm−1 represents C–Hbends and side-chain
stretching of C–N of the amide group. The intense peak at
1377 cm−1 reveals the phosphorylated protein. The stretching
of C–O–C and C–O at 1236 cm−1 corresponds to the presence
of carbohydrates and the peak at 1125–1000 cm−1 confirms
the presence of uronic acids (O-acetyl ester linkage bonds).
Furthermore, several visible bands obtained at 1000–600
cm−1 correspond to the presence of phosphate and sulfur func-
tional groups. Many studies documented that uronic acids and
sulfated sugars in EPS have an affinity towards substratum
and support in initial immobilization [34]. Domozych et al.
[44] reported the presence of xylose, fucose, and glucuronic
acid after analyzing different functional groups in EPS of
Penium margaritaceum [44]. It was also confirmed that the
presence of varieties of biochemical contents in EPS could aid
in forming a cross-bridge between cells and the solid surface.

3.4 FESEM and EDX analysis

The morphology and the major elemental composition of EPS
were analyzed through FESEM and EDX respectively. The
EPS was observed as ribbon, cross-linking, and mesh-like
structures because of the richness in polysaccharides (Online
Resource 3 (a)). The observed morphology of EPS was com-
parable to the typical structure of EPS obtained from
cyanobacteria and bacteria (such as Gluconacetobacter
xylinus) [45, 46]. A high distribution of carbon (C) and oxy-
gen (O) was detected in the EPS. A mixture of minerals such
as calcium (Ca), phosphorus (P), sodium (Na), and sulfur (S)
was detected in low quantities. Silicon (Si), magnesium (Mg),
chloride (Cl), and other trace minerals namely sulfur (S) were
also detected in the EPS (Online Resource 3 (b)). According to
Rossi and De Philippis [47], the distribution of cations such as
Na and Ca in the EPS enhances its binding capacity with the
negative charges of the sulfate groups. The advantage of hav-
ing elements in EPS is that EPS could provide a mini-
environment by harboring these elements as mineral salt
which is essential for the growth and development of
microalgae [47].

3.5 Evaluation of the appropriate substratum

3.5.1 Surface hydrophobicity and texture

The physicochemical properties of the substrata including wa-
ter and diiodomethane contact angle, the free surface energy
of the substrata, and the textures are summarized in Table 2.
The static water contact angle, θ of rPLA, PLA rGS, GS, FRP,
and rFRP were measured as 53.0, 67.4, 20.7, 72, and 81.3,

respectively, showing slightly hydrophilic, while of FM
showed a higher θ of 122 being more hydrophobic. [48]. Ji
et al. [49] observed that attachment of Pseudochlorococcum
was stronger on the hydrophilic fiberglass than the hydropho-
bic surfaces. However, Sekar et al. [40] observed that hydro-
phobic surfaces favor higher attachment of bacterial EPS and
microbial cells, which is mediated by the water exclusion
mechanism. In this study, all the substrata were prone to the
colonization of EPS, resulting in a significant accumulation of
EPS (p < 0.001) (Fig. 4). Furthermore, the result in Table 2
shows the surface energy of the substrata to be in the range of
39.3–70.7 mJ/m2. Gross et al. [25] suggested that substrata
like metals, plastics, rubbers, having surface energy in the
range of 20–60 mJ/m2 provide a site for adhesion of
microalgae or cyanobacterial EPS.

Results in Fig. 5 demonstrate the formation of
micropatterns over the substrata after modification with sand-
paper grit-200 when compared to normal substrata. The sur-
face of rPLA, PLA, and rFRP becamemore irregular that their
roughness increased to 82 ± 25 nm, 79 ± 21 nm, and 72 ± 19
nm, respectively. However, the roughness of FM was unable
to be analyzed as the surface roughness was beyond the de-
tection limit. According to Characklis et al. [51], rough sur-
faces favor more attachment of EPS because of the increased
convection associated with rough surfaces.

3.5.2 FTIR of substrata

FTIR spectra of the normal and modified substrata are repre-
sented in Online Resource 4 and the spectral bands have been
assigned according to documented literature [52, 53]. FTIR
spectra indicated the presence of carboxyl, hydroxyl, and car-
bonyl groups on the surface of the substrata spread from the
400 to 4000-cm−1 regions. We observed that there was no
significant difference in peak distribution of normal and rough
substrata. The intense peak at 905 cm−1 and 740–770 cm−1

was attributed to Si–OH and silicon oxides, respectively. In
PLA, the peaks at 1747 cm−1, 1180 cm−1, and 1080 cm−1

confirmed the presence of C–O bond, C–O–C bond, and C–
C–(O)–O bond, respectively. FRP also showed the presence
of carbonyl group (C=O bond) at 1713 cm−1, methyl group at
1381 cm−1, and hydroxyl group (O–H bond) at 3518 cm−1.
These functional groups (carboxylic, O-acetyl, O-methyl)
have binding potential with the water and small ionic com-
pounds (salts) present in the media and form a layer of ions
known as the “conditioning layer.” Thereby, this layer helps
in the initial adhesion of the EPS and microalgae [54].

3.6 Effect of substrata on EPS adhesion

The substrata immobilized with EPS derived on different cul-
ture periods represented as EPS-4, EPS-8, EPS-12, EPS-16,
and EPS-20. The EPS-4 which was secreted during the initial
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four days of Limnothrix sp. growth was very less, thus the
yields of EPS-4 accumulated on the substrata were not report-
ed. The substratum was covered with a thin film of EPS-12
significantly (p < 0.001) over the 12 days. Among the sub-
strata, the rough substrata showed higher adhesion for EPS-12
than the normal one. rPLA with EPS-12 showed the highest
aerial EPS yield (2.25 ± 0.02 g/m2/day) followed by rFRP
(2.24 ± 0.02 g/m2/day), rGS (2.08 ± 0.04 g/m2/day), and FM
(2.01 ± 0.1 g/m2/day). Figure 6a also confirms the proper
immobilization of EPS-12 on the rPLA with thickness ~ 2
μm. However, all the substrata showed an insignificant in-
crease (p > 0.3) in coverage of aerial yield of EPS-14, EPS-
16, and EPS-20 over 20 days of operation. Overall, the find-
ings showed that rough substrata were ideal for adhesion.
Gross et al. [50] found a rough surface to be more suitable
for biofilm formation than normal substrata. Characklis et al.
[43] found the increased biofilm formation on rough surfaces
due to the increase in the surface area for the attachment.
Moreover, we observed that EPS-12 produced during the ear-
ly stationary phase of the culture showed good adhesion
strength on substrata. We have discussed earlier in the

previous section about the correlation between the biochemi-
cal composition of EPS and its adhesion properties.
Characklis et al. [51] found deterioration in adhesion strength
of EPS with an increase in culture age [51].

3.7 Microalgal accumulation on substrata

Results in Table 3 show that rough substrata coated with EPS-
12 exhibit a high adhesion rate of Scenedesmus cells. The
accumulation of Scenedesmus cells on different substrata is
also illustrated in Online Resource 5. Among the substrata,
rPLA with EPS-12 showed the highest adhesion capacity
(94.6 ± 4.2%) for microalgae accumulation with maximum
biomass productivity of 31.6 ± 1.2 g/m2/day (p < 0.001).
The pattern of biomass accumulated over rPLA coated with
EPS-12 was observed through confocal microscopy. In Fig.
6b, we observe red fluorescence with a thickness of ~10 μm
developed over the substratum. The red fluorescence was
emitted by the chlorophyll content of the microalgal biomass,
which showed proper accumulation of cells. EPS-12-coated
rFRP, rGS, and FM showed the adhesion capacity of 87.6 ±

Table 2 Physicochemical
properties of the substrata Substratum Liquid contact angle (°) Surface energy

(mJ/m2)

Roughness

(nm)
Water Diiodomethane

Polylactic acid (PLA) 67.4 44.8 39.3 79 ± 21

Glass slide (GS) 32.6 47.4 65.9 7 ± 3

Filter membrane (FM) 122 35.5 37.5 *NR

Fiber-reinforced plastic (FRP) 72 45.8 43.5 50 ± 14

Rough polylactic acid (rPLA) 53.0 41.9 42.0 82 ± 25

Rough glass slide (rGS) 20.7 49.1 70.7 20 ± 6

Rough fiber-reinforced plastic (rFRP) 81.3 21.3 49.5 72 ± 19

*NR, not reported

Fig. 4 Aerial EPS productivity
(mg/m2/day) developed on
different substrata due to adhesion
of EPS produced from Limnothrix
sp. over 20 days of the culture
growth. Bars represent the
average values over three
replicates; error bars depict
standard error of the mean (n = 3).
Data were analyzed by ANOVA
and Tukey’s HSD (***p < 0.001,
**p < 0.01, *p < 0.05)
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2.8%, 79.28 ± 2.8%, and 88.9 ± 2.2%, respectively, achieving
algal biomass productivity of 30.9 ± 1.20 g/m2/day, 29.8 ±
1.10 g/m2/day, and 27.6 ± 0.90 g/m2/day, respectively.
However, all the substrata without EPS showed a negligible
amount of Scenedesmus sp. cell accumulation. The adhesion
capacity and the biomass productivity for the substrata with-
out EPS were significantly very low (p < 0.0001). Even the

aerial biomass productivity accumulated over rPLAwith EPS-
4 was higher (1.20 ± 0.02 g/m2/day) significantly (p < 0.02)
when compared with aerial biomass productivity (0.90 ± 0.00
g/m2/day) over rPLA without EPS (Table 3). This suggested
that the presence of EPS as a film on substrata induced the
microalgal attachment. It was also confirmed that
Scenedesmus sp. DDVG I is a type of species that does not

Fig. 5 AFM analysis of a PLA, b rPLA, c FRP, d rFRP, e GS, and f rGS

Fig. 6 Confocal Z-stack images. a EPS colonization on rPLA with a
thickness of ~2 μm. b Accumulation of Scenedesmus cells on rPLA
with EPS-12. Red fluorescence is emitted from the chlorophyll

content of algal biomass that is distributed over the rPLA with thickness
of ~10 μm (excitation and emission wavelength of 488 and 505 nm,
respectively)
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Table 3 Percentage adhesion
capacity of Scenedesmus sp.
DDVG I on different types of
substrata which were attached
with different duration of EPS and
without EPS and its biomass
productivity being scrapped off
after 20 days

Substratum Nature of substratum Percentage adhesion capacity (%) Biomass productivity

(g/m2/d)

PLA Without EPS 0.01 ± 0.00 0.20 ± 0.00

EPS-4 0.09 ± 0.00 0.13 ± 0.00

EPS-8 27.21 ± 1.4 1.47 ± 0.01

EPS-12 63.5 ± 1.70 18.5 ± 0.02

EPS-16 58.9 ± 1.20 17.4 ± 0.02

EPS-20 41.5 ± 1.40 16.7 ± 0.08

rPLA Without EPS 0.19 ± 0.01 0.90 ± 0.00

EPS-4 9.40 ± 0.09 1.20 ± 0.02

EPS-8 44.30 ± 2.1 10.5 ± 0.20

EPS-12 94.60 ± 4.2 31.6 ± 1.20

EPS-16 82.10 ± 2.1 30.5 ± 1.80

EPS-20 55.4 ± 3.20 29.9 ± 0.90

FRP Without EPS 0.06 ± 0.00 0.15 ± 0.00

EPS-4 0.07 ± 0.00 0.12 ± 0.00

EPS-8 26.4 ± 1.10 1.04 ± 0.00

EPS-12 62.9 ± 1.60 17.9 ± 1.50

EPS-16 55.1 ± 1.40 16.5 ± 1.10

EPS-20 42.0 ± 1.30 15.7 ± 1.20

rFRP Without EPS 0.17 ± 0.00 0.70 ± 0.01

EPS-4 7.60 ± 0.07 1.18 ± 0.00

EPS-8 43.8 ± 2.30 9.90 ± 0.02

EPS-12 87.6 ± 2.80 30.9 ± 1.20

EPS-16 82.5 ± 2.50 29.1 ± 1.10

EPS-20 52.0 ± 2.20 28.4 ± 1.10

GS Without EPS 0.05 ± 0.00 0.10 ± 0.00

EPS-4 0.06 ± 0.00 0.70 ± 0.00

EPS-8 26.1 ± 1.70 0.90 ± 0.00

EPS-12 61.5 ± 1.90 16.5 ± 0.60

EPS-16 56.1 ± 1.60 15.2 ± 0.60

EPS-20 33.5 ± 1.60 13.5 ± 0.20

rGS Without EPS 0.16 ± 0.00 0.60 ± 0.00

EPS-4 6.8 ± 0.070 0.05 ± 0.00

EPS-8 41.2 ± 1.80 9.50 ± 0.00

EPS-12 79.0 ± 2.80 29.8 ± 1.10

EPS-16 77.6 ± 2.40 27.6 ± 1.10

EPS-20 48.5 ± 1.90 25.8 ± 1.30

FM Without EPS 0.17 ± 0.00 0.60 ± 0.00

EPS-4 7.75 ± 0.09 0.90 ± 0.00

EPS-8 40.5 ± 2.30 8.72 ± 0.05

EPS-12 88.9 ± 2.20 27.6 ± 0.90

EPS-16 65.7 ± 2.20 26.8 ± 1.00

EPS-20 33.2 ± 1.80 26.2 ± 1.20

Biomass productivity

(mg/L/d)

Suspension cultivation *ND *ND 22 ± 1.01

*ND, not detected
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secrete its EPS but it somehow can grow on substrata with the
aid of EPS derived from other sources. In suspension cultiva-
tion, Scenedesmus sp. cells did not show adhesion even on the
jam bottles over 20 days of cultivation. The culture in the
suspension medium took more than 36 h to settle down.
Hence, the biomass was harvested through centrifugation,
resulting in biomass productivity of 22 ± 1.01 g/L/day.
According to documented literature, the adhesion strength of
EPS is not dependent on the amount of EPS; rather, the age of
EPS and its varieties of biochemical composition play a major
role in adhesion (EPS [55]). In another study, Wagner et al.
[56] reported that with increasing EPS age, the chemical di-
versity of EPS changes tremendously. The mesh-like inter-
crossed structure of EPS provides the sites for entrapment of
microalgae cells, and thereby the biomass accumulation oc-
curs. In this study, 12-day-old EPS showed the highest poten-
tial of microalgae adhesion. However, some studies reported
that the EPS content does not influence adhesion [12]. There is
no good reason to believe that adhesive properties and the
attraction of microbial cells are related. These conflicting re-
sults may be explained by the complexity of EPS and its
structure [57]. Overall, rPLA would be ideal for attached cul-
tivation and its performance is also compared with the docu-
mented literatures in Table 4.

4 Conclusions

The present study established an ideal technique for the culti-
vation of Scenedesmus sp. in a cost-effective way aiming at
easy harvesting. This work demonstrated the possibilities of
growing non-adhesive microalgal as a biofilm on substrata
coated with EPS. The study reported an inclusive study for
the extraction of EPS during different stages of the
cyanobacterial growth and the effect of the physicochemical
properties on the initial colonization. Chemical extraction was
found to be a good method for quantitative and qualitative
analysis of EPS. Rough substrata showed to be effective for

the adhesion of EPS. Among them, rPLA coated with EPS-12
showed the maximum algal accumulation of 31.6 ± 1.2 g/m2/
day. For scaling up the system, we should need to emphasize
on the total cost. The total capital cost for all the substrata in
this study did not exceed $30. They are easily available in the
local market. Moreover, the substrata can be either reused
several times after scrapping off the biofilm.

Supplementary Information The online version contains supplementary
material available at https://doi.org/10.1007/s13399-021-01432-x.
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