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Abstract
Yarrowia lipolytica lipase obtained by solid-state fermentation was characterized and
applied in the synthesis of esters with commercial value in the food industry. The effect
of different conditions on the hydrolysis activity of this biocatalyst was evaluated in the
presence of metal ions, solvents, detergents, several pH and temperature parameters, and
different substrates. Storage stability was also studied. The solid biocatalyst produced in
soybean meal was used in synthesis reactions aiming to produce short-, medium-, and
long-chain esters. Results showed that the best fermentation condition to produce the
biocatalyst was using soybean oil (3% w/w), moisture content (55% w/v), and inoculum
of 2.1 mgdry biomass/gsoybean meal at 28 °C for 14 h. High substrate conversion for ethyl
octanoate, cetyl stearate, and stearyl palmitate synthesis was achieved in the presence of
non-polar solvents in less than 6 h using a substrate molar ratio of 1:1 at 38 °C with 10–
15% (w/v) of biocatalyst. This work showed the high potential of Y. lipolytica lipase to
be used in the synthesis of different esters. Also, that it can be considered an attractive
and economical process alternative to obtain high-added value products.
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Introduction

Several types of esters are employed daily in different food industry sectors, being directly used
in food or beverage formulations or even indirectly as adjuvants in food-packaging materials.
Short and medium alkyl esters present high relevance as flavoring and aroma enhancers once
they confer fruity or herbal flavor to food products and can be applied to formulate confec-
tionery and dairy products, ice creams, cakes, alcoholic, and soft drinks, for example. These
molecules are usually synthesized by acids and alcohols with two to eight carbon atoms [1, 2].

The global market of flavors and fragrances is constantly growing, being valued in 2015 at
US$26.0 billion with perspectives to reach US$37.0 billion in 2021, at a compound annual
growth rate of 6.4% for 2016–2021. Moreover, it has been pointed out that the beverage sector
was the largest global end-use market for flavors in 2015 with a share of 34%, followed by the
dairy industry with 13% [3, 4]. Considering the high demand for these compounds, a search
for eco-friendly production might aid to decrease the carbon footprint in the synthesis process.

Currently, most synthesized flavor esters are obtained by a chemical pathway that uses toxic
solvents and catalysts and presents lack of substrate selectivity with formation of by-products
that must be removed, increasing downstream steps. These flavors are also labeled as Bartificial
esters^ [5, 6]. The extraction of flavor esters from vegetable sources is another option, but it
needs a high amount of raw materials, which depends on seasonal and climatic conditions,
making it expensive for industrial applications on a large scale [7, 8]. As defined by US and
European legislation, a natural flavor can be considered Bnatural^ if obtained from a natural
source using a physical process or by microbial transformation or enzymatic synthesis
employing precursors isolated from nature [9, 10].

Wax esters are constituted by long-chain fatty acids and alcohols linked by an ester bond and
are found in natural sources such as beeswax, sperm oil, jojoba oil, carnaubawax, and sheepwool,
for example [11]. These compounds are composed of unsaturated or saturated wax esters that are
highly hydrophobic and neutral lipids [12, 13]. They have high economical relevance since they
can be applied in several fields of industry including cosmetics, printing inks, lubricants, and food.

Concerning the use of wax esters in the food industry, specific ones (stearyl palmitate and
cetyl stearate [14]) can be used as plasticizers or lubricants and adjuvants in food-packaging
materials and their use is regulated by the Food and Drug Administration (FDA) and according
to the Code of Federal Regulations (CFR), title 21, part 178, §178.3450.14. Furthermore, wax
esters are mainly obtained by chemical synthesis and extraction from natural sources, sharing
the same disadvantages and barriers found in the production of flavor esters by these traditional
ways. As an alternative, enzymatic synthesis could be an interesting option to lead natural wax
ester production [15, 16]. Moreover, lubricants derived from renewable sources present rapid
biodegradability, low eco-toxicity, and can be labeled as biolubricants, increasing consequently
the added value [17, 18].

The enzymatic synthesis of flavor and wax esters is accelerated by lipases (triacylglycerol
hydrolase, E.C. 3.1.1.3). This biocatalyst is largely employed in esterification reactions in non-
aqueous medium presenting high specificity and selectivity for the substrate [19]. Several
works about the production of these molecules have been reported in literature. Garlapati and
Banerjee [20] showed the production of flavor esters using lipase from Rhizopus oryzae NRRL
3562 covalently immobilized on activated silica. Ghamgui et al. [21] studied the production of
isoamyl acetate (banana flavor) using lipase from Staphylococcus simulans in a solvent-free
system. Another work carried out by Grosso et al. [22] showed the high catalytic activity of
lipase from R. oryzae and immobilized in polyurethane foams.
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Other studies also demonstrated the production of wax esters using lipase as a biocatalyst. Li
et al. [23] used lipase from Candida sp. 99–125 on cetyl oleate synthesis in a solvent-free
medium which shared similar physical and chemical characteristics with jojoba oil, an impor-
tant substitute of spermaceti oil once it presents similar properties. Cetyl octanoate, a 24-carbon
wax ester, was synthesized using Novozyme 435 from Candida antarctica in supercritical
carbon dioxide achieving a yield of 99.5% [24]. In a work developed by Guncheva et al. [25],
stearyl stearate was produced by an immobilized lipase fromBacillus stearothermophilusMC7,
being one of the few works reporting a wax ester possible to be used in the food industry as an
adjuvant with the purpose of lubrication or plasticizing allowed by FDA.

Most studies on the synthesis of flavor and wax esters have been performed using
extracellular lipases due to their easy recovery after production and because they are more
extensively studied. However, the use of whole cells displaying lipases on their surface
presents advantages since they are naturally immobilized and steps of isolation and purification
are not necessary, reducing production costs [26, 27]. Several studies have used whole cells as
biocatalysts for ester production, demonstrating their efficiency [6, 28, 29].

Lipases can be obtained by submerged fermentation (SmF) or solid-state fermentation
(SSF) and one of the advantages of SSF in lipase production is the possibility to use
agro-industrial wastes and co-products as a support and a substrate for microbial growth.
Since this process uses low-cost materials and is conducted in the absence or low content
of free water, its cost is lower than that of SmF [30]. Several studies have reported lipase
production by SSF using agro-industrial feedstocks by different microorganisms such as
Aspergillus ibericus [31], Yarrowia lipolytica [32], Penicillium simplicissimum [33],
Burkholderia cenocepacia [34], and Penicillium camemberti [35]. However, few works
were on ester flavor and wax ester synthesis, most of them focused biodiesel production.
Boratyński et al. [36] also showed the application of SSF using several lipase-producing
filamentous fungi aiming at the production of enantiomerically enriched and pure aroma
compounds used in the food industry based on kinetic resolution. The microbial kinetic
resolution of racemic lactones and a volatile racemic ester (1-phenylethyl acetate) in the
SSF medium was obtained, showing the potential of SSF to be applied in biotransfor-
mation processes using alternative feedstocks.

In the present study, a lipase from Y. lipolytica produced by SSF using soybean meal
was applied to perform the synthesis of several flavor esters and biolubricant wax esters
such as stearyl palmitate and cetyl stearate. Y. lipolytica is a non-conventional yeast with
generally regarded as safe (GRAS) status and intense secretory activity, where lipase is
one of most important products [37, 38]. To our knowledge, there are no reported works
using lipase of Y. lipolytica produced by SSF aimed at the production of these kinds of
esters. Furthermore, an extensive biochemical characterization of the biocatalyst was
carried out for a better comprehension of its activity.

Materials and Methods

Microorganism and Inoculum Preparation

The Y. lipolytica IMUFRJ50682 wild strain used in this work was previously isolated from an
estuary in Guanabara Bay, Rio de Janeiro, Brazil [39]. It was stored at 4 °C on YPD (w/v: yeast
extract 1%; peptone, 2%; glucose, 2%) agar medium. For the pre-inoculum, cells were
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cultivated at 28 °C in a rotary shaker at 160 rpm for 72 h, in 500 mL flasks containing 200 mL
YPD medium.

Production of a Solid Biocatalyst by Y. lipolytica in Soybean Meal

The soybean meal used in the solid-state fermentation was obtained from soybean oil
extraction with hexane. This feedstock was initially grounded in a laboratory mill and then
separated in a sieve where only particles presenting size ≤ 1.18 mm were recovered. Cylin-
drical polypropylene bioreactors containing 10 g of soybean meal covered with hydrophobic
fabric were used to carry out fermentation. Bioreactors were sterilized at 120 °C for 20 min and
then moisture was adjusted (w/v). In the present work, the fermentation process was performed
as follows: 14 h of fermentation, 55% of moisture (w/v), 1.5% soybean oil (w/w), and
inoculum concentration of 0.7 mgdry biomass/gsoybean meal. All fermentations were performed in
an incubator chamber with saturated humidity at 28 °C [32]. After the fermentation process,
the fermented solids were submitted to a lyophilization process for 72 h to remove all water
content from the feedstock, thus obtaining the solid biocatalyst. In this work, all assays of
biochemical characterization and ester syntheses were carried out using the dry solid fermented
soybean meal rich in Y. lipolytica lipases.

Lipase Activity Determination

Lipase activity was determined according to the method proposed by Freire et al. [40]. Olive
oil was used as substrate (5% w/v) and was emulsified with Arabic gum (5% w/v) in phosphate
buffer (100 mM, pH 7.0). The lipase solid biocatalyst (0.5 g) was added to 19 mL of emulsion
and incubated for 20 min and 200 rpm in a rotatory shaker at 37 °C. Reactions were stopped
using 20 mL of acetone-ethanol solution (1:1 v/v) and 0.04 mol/L NaOH was applied to titrate
the free fatty acids released in an automatic titrator (Metrohm 916 Ti-Touch) up to a final pH
value of 11.0. The enzymatic activity was defined as the amount of enzyme that produces
1 μmol of fatty acid per minute, under the assay conditions. Enzyme activity was expressed as
units per gram of initial dry weight of soybean meal. Control assays (blanks) were carried out
adding the acetone-ethanol solution (1:1 v/v) prior to the enzyme extract for its inactivation.
The following equation (Eq. 1) was used to calculate relative lipase activity (%) of the solid
biocatalyst:

Relative lipase activity %ð Þ ¼ Reaction activity U=gð Þ � 100

Control reaction activity U=gð Þ

Effect of Metal Ions and Inhibitors

The influence of cations (Na+, Ca2+, Mn2+, Hg2+, Mg2+, and Fe3+) and inhibitors such as
phenylmethylsulfonyl fluoride (PMSF), ethylenediamine tetraacetic acid (EDTA), and β-
mercaptoethanol (β-met) were investigated on the lipase activity of the solid biocatalyst in
different concentrations. All these additives were added during the hydrolysis reaction de-
scribed in the BLipase Activity Determination^ section to measure lipase activity. A control
without these additives was carried out and defined as 100%.
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Effect of Organic Solvents and Detergents

Various organic solvents (9% v/v) were tested to measure the lipase activity of the solid
biocatalyst. Detergents in three different concentrations were also used to study their influence
on solid biocatalyst hydrolysis reaction. All organic solvents and detergents were added during
the hydrolysis reaction described in the BLipase Activity Determination^ section to measure
lipase activity. A control without organic solvents was carried out and defined as 100%.

Effect of Temperature and pH

Lipase activity of the solid biocatalyst was evaluated in different conditions of temperature (25,
37, and 50 °C) and pH. Acetate buffer (pH 3), potassium phosphate buffer (pH 4 to 8), and
glycine buffer (pH 9) were used at a concentration of 100 mM. Olive oil was used as a
substrate and the hydrolysis reaction was performed as described in the BLipase Activity
Determination^ section to measure lipase activity.

Biocatalyst Thermostability

Solid biocatalyst thermostability was determined by incubating this biocatalyst in the presence of
100 mM potassium phosphate buffer and ethanol for up to 48 h at 37, 50, and 70 °C. After
incubation time, lipase activity wasmeasured as described in the BLipase Activity Determination^
section. Control was performed by mixing the biocatalyst with ethanol or phosphate buffer and
without submitting to the incubation time evaluated. It was defined as 100%.

Solid Biocatalyst Storage Stability

Storage stability of the solid biocatalyst was determined at three different temperatures (− 10,
4, and 28 °C), for a period of 330 days. Samples were evaluated for their lipase activity in
different periods of time. Olive oil was used as a substrate and the hydrolysis reaction was
performed as described in BLipase Activity Determination^ section to measure lipase activity.
Lipase activity of the biocatalyst before the first day of storage was defined as 100%.

Substrate Specificity Using Different Vegetable Oils, Animal and Vegetable Fat,
and Synthetic Triacylglycerols

Awide range of different substrates was evaluated to study the enzyme activity of Y. lipolytica
lipase. Natural sources of triacylglycerols (TAGs) (vegetable oils and lard 5% w/v) were
evaluated. Olive oil was used as control and defined as 100%. Tributyrin (C4:0), tricaproin
(C6:0), tricaprylin (C8:0), tripalmitin (C16:0), tristearin (C18:0), and triolein (C18:1) (Sigma-
Aldrich) at 5.6 mM in potassium phosphate buffer (100 mM) were used as synthetic substrates
[41]. Tricaprylin (C8:0) was used as control and defined as 100%. Lipase activity was
measured according to the method described in the BLipase Activity Determination^ section.

Ester Synthesis

Ester syntheses were performed in sealed bioreactors with a temperature control water jacket
attached to a water bath set at 38 °C. Substrate molar ratio in the presence of organic solvents
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was 1:1 at a molar concentration of 500 mM for flavor ester and 375 mM for wax ester
reactions at a final volume of 15 and 20 mL, respectively. Solid biocatalyst amounts of 15%
and 10% (w/v) were employed in the synthesis of flavor and lubricant esters, respectively.
Moreover, synthesis reactions of wax esters were also evaluated in the presence of heptane and
tert-butanol. Periodically, samples (100 μL) in triplicate were withdrawn and diluted in ethanol
to study the progress of esterification reactions by acid consumption measurement by titration
using 0.02 M NaOH in an automatic titrator (Metrohm 916 Ti-Touch). The percent of acid
conversion (%) was measured using a relation between the number of moles of acid reacted
(consumed) and the initial number of moles of acid in the reaction.

The titration method accuracy was tested and confirmed by the determination of ester
conversion on gas chromatograph (Shimadzu, gas chromatograph mass spectrometer
(GCMS)-QP2010 Ultra) for the chosen esters studied in the preliminary analyses and
for the best reaction conditions found. Furthermore, synthesis reactions in the absence of
organic solvents were evaluated for the selected esters at a molar ratio of 1:1 at 38 °C for
ethyl octanoate and 55 °C for stearyl palmitate and cetyl stearate.

Improvement in Solid Biocatalyst Production Aiming to Optimize Ester Synthesis

Aiming to reduce the time of ester synthesis and maintaining high yield esterification, five
different approaches were evaluated to produce the solid biocatalyst as evidenced in Table 1.
All assays were initially tested under cetyl stearate production. Each assay had the objective to
observe in which conditions high amount of lipases could be produced with the promotion of a
rapid ester synthesis.

Assays 1 and 4 tested different solid biocatalysts produced with an exogenous cell
load from SSF and SmF, respectively. The solid biocatalyst produced in Assay 1
received, after its fermentation, a load of Y. lipolytica cells (5 g/L) previously grown in
SSF carried out in the same conditions described in control. These cells were extracted
using potassium phosphate buffer (50 mM) and concentrated until reaching a suspension
of 5 g/L. Then, this cell suspension was added with the fermented soybean meal
produced as described in Assay 1 and homogenized. Thereafter, the homogenized
material was lyophilized for 72 h.

Table 1 Fermentation conditions of control and Assays 1 to 5 and other production characteristics of different
solid biocatalysts

Fermentation
time (h)

Soybean oil
% (m/m)

Inoculum concentration
(mgdry biomass/gsoybean meal)

Y. lipolytica cells added to fermented
soybean meal previous to lyophilization

Control 14 1.5 0.7 –
Assay

1
14 1.5 0.7 5 g/L, produced by FES for 14 h

Assay
2

14 3.0 2.1 –

Assay
3

14 1.5 2.1 –

Assay
4

14 1.5 0.7 10 g/L, produced in YPD for 72 h

Assay
5

18 1.5 0.7 –

Applied Biochemistry and Biotechnology (2019) 189:933–959938



In Assay 4, Y. lipolytica cell suspension (10 g/L) was obtained after recovering cells from
YPD medium (w/v: yeast extract 1%; peptone, 2%; glucose, 2%). Cells were grown in YPD
medium for 72 h at 28 °C in a rotary shaker at 160 rpm in 500 mL flasks. These cells were
obtained by centrifugation (3000 rpm for 3 min) and concentrated until reaching a suspension
of 10 g/L. Posteriorly, cell suspension was mixed to the fermented soybean meal and
lyophilized for 72 h for solid biocatalyst production.

Assays 2 and 3 were performed varying the inoculum and soybean oil concentration of SSF
using soybean meal. Fermentation control assay was prepared as described in the BProduction
of a Solid Biocatalyst by Y. lipolytica in Soybean Meal^ section. All fermentations performed
in this work were carried out using 55% of moisture (m/v) and temperature of 28 °C.

Reutilization of Biocatalyst in Ester Synthesis

In the best reaction conditions found, the solid biocatalyst was evaluated considering its
consecutive reutilization in ethyl octanoate, stearyl palmitate, and cetyl stearate synthesis.
The reutilization was conducted by direct removal of the reaction medium from the bioreactor
and thereafter a new load of substrate at the same molar ratio (1:1) was employed to perform a
new reaction. All reactions were conducted using hexane.

Gas Chromatography/Mass Spectrometry

A Shimadzu (GCMS-QP2010 Ultra) gas chromatograph equipped with a hydrogen flame
ionization detector (FID) and a non-polar Restek RTX-1 silica capillary column (internal
diameter, 0.25 mm; length, 30 m) was used to evaluate ester synthesis reactions.

The synthesis of ethyl octanoate was monitored analyzing the amount of octanoic acid
consumed during the reaction time. Ethyl decanoate was used as internal standard to
calculate the concentrations of the consumed octanoic acid. Temperature of injector and
detector was set at 250 °C, and a split ratio of 1:20 was applied. Initially, the oven
temperature was set at 50 °C and then increased up to 180 °C at a rate of 15 °C/min, held
for 5 min, and then increased to 250 °C at a rate of 20 °C/min. The carrier gas was
helium. Retention times of octanoic acid and ethyl octanoate were 8.4 and 8.8 min,
respectively. All analyses were performed in triplicate.

To evaluate the synthesis of stearyl palmitate and cetyl stearate, the amount of alcohol
consumed during the reaction time was considered. Ethyl decanoate was used as internal
standard to calculate the concentration of the alcohol consumed. Temperatures of injector and
detector were set at 300 and 320 °C, respectively. Splitless mode was employed. Initially, the
oven temperature was set at 120 °C, then increased up to 280 °C at a rate of 15 °C/min and
held for 5 min, and then increased to 295 °C at a rate of 2 °C/min and held for 60 min. The
carrier gas was helium. Retention times of cetyl alcohol and stearyl alcohol were 10.2 and
11.9 min, respectively, and for stearyl palmitate and cetyl stearate, they were 65.5 and
65.7 min, respectively. All analyses were performed in triplicate.

Product formation from esterification reactions (ethyl octanoate, stearyl palmitate, and
cetyl stearate) was confirmed by mass spectrometry analysis in a Shimadzu (GCMS-
QP2010 Ultra). Compound identification was performed comparing their mass spectra
with those of NIST library. Mass spectrometer ion source was set at a voltage of 70 eV
and mass spectral ionization was set at 300 °C. The other analysis parameters were the
same as described above.
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Native-PAGE and Zymogram

Native-PAGE and zymogram were performed using the lipase crude extract obtained from the
fermented soybean meal according to the method used by Souza et al. [32]. Polyacrylamide gel
electrophoresis was conducted with known protein concentrations previously determined by
Bradford [42] protein assay in a non-denaturing gel according to Laemmli [43] using a 12%
separating gel and a 4% stacking gel. Zymogram was carried out using as substrate α-naphthyl
acetate, a non-specific substrate able to be hydrolyzed by esterases and lipases. After native-
PAGE, electrophoresis gels were incubated in a solution (100 mM phosphate buffer) of α-
naphthyl acetate and Fast Blue RR, where naphthol compound released from enzymatically
hydrolyzed substrate formed a complex with Fast Blue RR revealing brown bands in the gel.
After this step, the gel was stained with Coomassie Blue R-250 to reveal other protein bands.

Scanning Electron Microscopy

The fermented soybean meal in different times and conditions and the non-fermented soybean
meal were evaluated for fungal growth using a scanning electron microscope (Quanta FEG
250) at 15 kV. Samples were previously lyophilized for 72 h to remove all water content. After
this process, they were placed on a double-sided conducting adhesive tape, fixed in aluminum
stubs, and metalized with platinum for 180 s in high vacuum. Scanning electron microscopy
was conducted in the Laboratory of Scanning and Transmission Electron Microscopy from the
Military Engineering Institute (Rio de Janeiro, Brazil).

Results and Discussion

Influence of Metal Ions and Inhibitors on Solid Biocatalyst Activity

The lipolytic activity of the solid biocatalyst was investigated in the presence of several metal
ions since it is known that they might influence the hydrolysis ability of several lipases and
also esterases. According to Table 2, the solid biocatalyst was not affected in the presence of
Mg2+ and NaCl in none of the concentrations tested. On the other hand, it was highly affected
by1 mM Hg2+. Fe3+ (1 and 10 mM) also negatively affected lipase activity. Similar character-
istics have been reported in other studies where Rhizopus chinensis lipase presented total
inhibition by 10 mM Hg+2 and was strongly affected by Fe2+ and Penicillium sp. DS-39 lipase
was significantly affected by 1 mM Hg2+ with relative activity of 26.8%, similar to reported in
the current work, and it can be attributed to the reduction of key cysteine residues that are
strongly oxidized by metal ions such as Fe2+/3+, Zn2+, Hg2+, Cd2+, and Cu2+ which could lead
to an alteration of enzyme conformation [44–46].

In contrast, Sheng et al. [47] showed a psychrotrophic Y. lipolytica lipase which conserved
74% of activity in the presence of 5 mM Hg2+ and had its activity enhanced by 5 mM Fe3+. In
the same way, Pseudomonas aeruginosa PseA lipase also showed 32% higher relative activity
compared to control when exposed to 1 mM of Fe3+ [48]. Mn2+ and Ca2+ at 10 and 100 mM
concentrations showed a reduction of lipase activity. However, 1 mM Ca2+, among all metal
ions tested, provided a slight lipase activity increase of solid biocatalyst. Some authors have
reported the activation of Y. lipolytica lipases in the presence of Ca2+. It has been shown that
many lipases have a Ca2+ binding motif around the catalytic site and distinct role can be
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attributed, as a complex formation of enzymes-calcium ion, leading to more rigid and stable
structure changes in reaction equilibrium by interacting with the organic acids [49, 50].

The inhibitors tested, PMSF and β-mercaptoethanol, did not affect lipase activity or slightly
affected it. Lipases produced by Y. lipolytica present a serine residue at the active site.
However, PMSF, a serine inhibitor, did not affect the solid biocatalyst activity. Some authors
attribute this characteristic to the lid present in lipases, a hydrophobic domain that covers the
active site and protects it from PMSF inhibitory effect [51]. Nevertheless, there are reports of
negative influence of PMSF on lipase activity of Thermosyntropha lipolytica [52] and
Y. lipolytica MSR80 (LIP9), indicating the bound of this inhibitor to serine residue in the
catalytic site of these enzymes which consequently leads to its inactivation [53].

Y. lipolytica lipases are composed of cysteine residues that maintain their tridimensional
structure, according to Fickers et al. [54]. LIP2, LIP7, and LIP8 proteins contain eight
conserved cysteine residues, which may form disulfide bridges, but β-mercaptoethanol was
unable to interfere on solid biocatalyst activity. This lipase activity could be preserved because
of the environmental protection provided by soybean meal, since it was produced by SSF, or
because disulfide bonds would be inaccessible to the reducing agent. Chelating agent EDTA at
1 mM did not affect lipase activity but at 10 mM reduced it to 41.2 ± 4.4 of relative activity
(%). Since the solid biocatalyst is formed by a pool of lipases secreted and attached to the cell
wall, it is possible to have metalloenzymes and other non-metal-dependent enzymes. Syal and
Gupta [55] demonstrated that Y. lipolytica LIP7, LIP13, and LIP15 showed activity reduced by
the chelating agent, whereas LIP4 and LIP5 were stable. However, further studies should be
carried out to identify which lipases are being expressed by Y. lipolytica IMUFRJ 50682 when
it is grown in SSF medium.

Table 2 Influence of several additives on lipase activity of solid biocatalyst produced by Y. lipolytica in SSF
using soybean meal

Variable Relative lipase activity (%)

Control 100.0 ± 7.2
Metal ions 1 mM 10 mM 100 mM
MnCl2 98.2 ± 2.9 64.5 ± 4.4 61.8 ± 1.7
CaCl2 115.2 ± 2.0 75.5 ± 7.6 50.6 ± 1.1
MgCl2 106.9 ± 2.1 98.8 ± 2.9 102.9 ± 1.6
HgCl2 21.5 ± 6.9 0.0 ne
FeCl3 66.4 ± 0.3 40.3 ± 1.8 ne

50 mM 100 mM 200 mM
NaCl 103.0 ± 1.4 109.0 ± 3.5 95.7 ± 2.9

Detergents 0.001% 0.01% 0.1%
Triton X-100 89.3 ± 0.3 97.8 ± 2.4 27.3 ± 0.4
Tween 80 110.8 ± 5.8 84.1 ± 7.9 14.9 ± 2.2
Tween 20 106.1 ± 2.4 87.3 ± 5.8 21.2 ± 1.9

0.01% 0.1% 1%
SDS 90.6 ± 2.7 91.1 ± 1.8 17.0 ± 1.4

Inhibitors 1 mM 10 mM
EDTA 92.3 ± 1.7 41.2 ± 4.4
PMSF 93.5 ± 0.5 103.7 ± 2.7

10 mM 100 mM
β-mercaptoethanol 102.1 ± 8.0 104.1 ± 2.80

All assays were performed in triplicate

ne not evaluated
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Effect of Detergents on Solid Biocatalyst Activity

In the presence of detergents, lipase solid biocatalyst showed slight activation by Tween 80
and Tween 20 at 0.001%, but when 0.01% of Triton X-100 was used, similar activity was
found compared to the control (Table 2). Since this value represents 0.17 mM of Triton X-100,
it is possible to note it is slightly below the critical micellar concentration (CMC) value of this
detergent (CMC: Triton X-100 = 0.22–0.24 mM) contributing to lipase stability. Some authors
have reported lipase stability in the presence of Triton X-100 as showed by Yu et al. [56] using
Lip2 from Y. lipolytica which presented stability when 0.1% of this detergent was evaluated.
Furthermore, in previous works, Triton X-100 was able to enhance lipase activity as demon-
strated by Glogauer et al. [57] using 0.1% of this detergent reaching relative lipase activity
14.1% higher than control.

The solid biocatalyst lipase activity was drastically affected by the higher concentration of
detergents assayed in this work. It should be attributed to detergent concentration above of its
CMC (CMC: SDS = 8.2 mM, Tween 80 = 0.01 mM, and Tween 20 = 0.06 mM). In the same
way of the results presented in this work, Aloulou et al. [58] showed for Y. lipolytica and
Thermomyces lanuginosus lipases a decrease or inactivation of their hydrolytic activity in the
presence of Triton X-100 and SDS when using detergent concentration above its CMC. It
could be related to bind preventing between the lipase and the lipid substrate interface where
micelle formation could avoid the complex enzyme-substrate formation. Yu et al. [56] showed
a decrease of approximately 50% of relative activity in the presence of 1 mM SDS.

Glogauer et al. [57] also presented lipase activity inhibition by Triton X-100 at 1% and
Tween 20, 40, and 60 at 0.1%. Golaki et al. [59] showed that Triton X-100 and Tween 20, 40,
65, and 80 at 1% were able to decrease the activity of a thermophilic lipase produced by
Cohnella sp. A01 and suggested that probably the long acyl chains of these detergents could be
acting as competitive inhibitors of lipase substrate.

Effect of Organic Solvents on Solid Biocatalyst Activity

The effect of organic solvents on solid biocatalyst activity is presented in Table 3. The
biocatalyst showed promising results in the presence of the solvents tested, since most of
them were able to activate lipase activity, mainly non-polar such as hexane and heptane and
also polar solvents such as acetonitrile, dimethyl sulfoxide (DMSO), and acetone. On the other
hand, lipase activity was negatively influenced in the presence of alcohols with more than two
atoms in the carbon chain and chloroform. Some authors reported that solvent polarity can
directly influence the relative activity of lipase, since the thin layer of water molecules
necessary in the catalytic site can be stripped by polar solvents [45, 60]. However, in the
present study, it was not possible to observe a direct relation between the organic solvent
polarity and lipase activity of the biocatalyst in the concentrations tested, since aprotic polar
solvents and hydrophobic alkane solvents were able to increase lipase activity.

Substrate Specificity

The ability of hydrolysis of several substrates (Table 4) demonstrated high preference for
coconut oil and palm kernel oil achieving 164 ± 1.7 and 173.3 ± 1.1 of relative lipase activity,
respectively. It is known that these oils have high content of medium-chain fatty acids in their
composition. High lipase activity towards coconut oil was also reported by Syal and Gupta
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[55] using several lipases from Y. lipolytica. Furthermore, the solid biocatalyst showed high
lipase activity for all vegetable oils tested, but its activity was reduced to approximately 30%
when lard was used. Other works have demonstrated the ability of several Y. lipolytica lipases
for vegetable oil hydrolysis. Kumari and Gupta [61] using three different lipases (LIP8, LIP14,
and LIP18) showed high activity on ground nut oil mainly by LIP18. Yu et al. [56] using LIP2
demonstrated the ability to hydrolyze olive oil, soybean oil, and others. These results corrob-
orated the production of true lipases by Y. lipolytica by SSF using soybean meal, but it is
important to mention that this work did not explore which lipases were being expressed and
produced by Y. lipolytica IMUFRJ 50682 since the biocatalyst used in hydrolysis reactions
was composed of a pool of enzymes. When synthetic triglycerides were used (Table 4), the
solid biocatalyst showed similar hydrolysis for C4:0, C6:0, and C8:0 and lower activity for the
long-chain synthetic triglycerides.

Thermostability and Storage Stability

Thermostability is a desirable characteristic to be found in biocatalysts since several industrial
applications could be carried out at high temperatures. In this work, two different environments
were evaluated to observe the effect of aqueous medium (phosphate buffer) and organic
medium (ethanol) on solid biocatalyst thermostability at three different temperatures (Fig. 1).
Stable lipases at high temperatures in the presence of organic solvents are promising
biocatalysts to be employed in esterification reactions. At 37 °C, the highest relative activity
was reached for both biocatalysts incubated in phosphate buffer and ethanol, and for all
periods tested, relative activity was kept above 50% of its original value. After 48 h, the solid
biocatalyst showed 58.2 ± 3 and 79.5 ± 3% of relative activity when incubated in the presence
of phosphate buffer and ethanol, respectively. However, at 50 °C, the solid biocatalyst in the
presence of phosphate buffer reduced substantially its relative activity, presenting values of
35.4 ± 0.6 and 14.5 ± 0.2% after 3 and 48 h, respectively, and at 70 °C, lipase activity achieved
even lower values, when the biocatalyst incubated in phosphate buffer was totally inactivated

Table 3 Influence of several sol-
vents on lipase activity of the solid
biocatalyst produced by Y. lipolytica
in SSF using soybean meal

All assays were performed in
triplicate

Variable Relative lipase activity (%) LogP

Control 100.0 ± 7.2 –
Solvents Concentration (9%)
Glycerol 100.0 ± 2.0 − 1.80
DMSO 139.4 ± 5.7 − 1.30
Methanol 99.7 ± 2.2 − 0.76
Acetonitrile 143.5 ± 2.3 − 0.33
Ethanol 109.5 ± 6.9 − 0.24
Acetone 146.0 ± 2.1 − 0.23
Propanol 40.7 ± 0.8 0.28
Tert-butanol 85.6 ± 8.8 0.50
Butanol 8.1 ± 0.2 0.80
Diethyl ether 123.2 ± 3.5 0.85
Isoamyl alcohol 10.0 ± 0.6 1.20
Pentanol 5.7 ± 0.6 1.30
Hexanol 6.7 ± 0.7 1.80
Chloroform 22.0 ± 2.3 2.00
n-Hexane 131.2 ± 4.4 3.50
n-Heptane 123.5 ± 3.6 4.00
n-Decane 132.6 ± 0.4 5.60
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after 15 h. An interesting fact was that for all temperatures evaluated, the biocatalyst incubated
in ethanol showed higher values of lipase activity than when incubated in phosphate buffer.
Probably, ethanol helped to keep the conformational lipase structure, preserving its active site.
Therefore, this characteristic indicates a better performance at high temperatures for synthesis
reactions, for example, employing organic solvents.

Some authors have previously reported that Y. lipolytica lipase stability decreases at high
temperatures, since its optimal temperature was found in the range of 30 to 37 °C, with
stability decreasing at 40 °C [60, 62]. Yu et al. [56] using an extracellular LIP2 from
Y. lipolytica reported a rapid decrease of lipase activity at 45 and 40 °C achieving 5 and
32% of residual activity after 4 h, respectively. In the same way, Kamoun et al. [63] showed
thermostability of LIP8 after 1 h reporting residual activity (%) of 54.9 ± 0.8, 34.8 ± 0.3, and
10.2 ± 1.4 and total inactivation at 37, 40, 45, and 50 °C, respectively. In another study
performed by Yu et al. [64], using LIP2 only 20% of residual activity was found after

Table 4 Relative lipase activity of solid biocatalyst produced by Y. lipolytica in SSF using different substrates

Vegetable oils and fats Relative lipase activity (%) Synthetic TAGs Relative lipase activity (%)

Olive oil (control) 100.0 ± 2.2 Tricaprylin (control) 100.0 ± 0.7
Corn oil 113.6 ± 3.1 Tricaproin 82.1 ± 1.6
Castor oil 108.9 ± 5.7 Tributyrin 91.9 ± 1.8
Sunflower oil 108.5 ± 10.6 Tripalmitin 22.0 ± 5.9
Coconut oil 164.2 ± 1.7 Tristearin 21.3 ± 3.0
Canola oil 100.8 ± 2.3 Triolein 66.6 ± 10.2
Soybean oil 120.4 ± 3.9
Palm kernel oil 173.3 ± 1.1
Lard 71.6 ± 8.2

All assays were performed in triplicate

Fig. 1 Thermal stability of solid biocatalyst incubated in the presence of phosphate buffer (100 mM) and ethanol
at 37 °C (a), 50 °C (b), and 70 °C (c) for different periods of time
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30 min of incubation at 45 °C. According to these results, the biocatalyst produced through
SSF using soybean meal can be considered more thermostable than other lipases reported in
literature which could be attributed to its production at SSF, thereby achieving greater stability.

The storage stability of the solid biocatalyst was evaluated for a period of 300 days at
different temperatures. According to Fig. 2, the solid biocatalyst showed high stability at all
temperatures tested reaching after 300 days 79.9 ± 0.5, 82.8 ± 3.2, and 93 ± 0.1% of relative
activity at 28, 4, and − 10 °C, respectively.

These results demonstrate that the solid biocatalyst has capacity to be used for long periods
of times, even if stored at room temperature. No additives or post-treatment after the lyoph-
ilization process of solid biocatalyst production was carried out, reducing the production cost
of this biocatalyst. However, the use of additives could improve lipase stability, as demon-
strated by Darvishi et al. [65] using freeze-dried Y. lipolytica lipase supplemented with
maltodextrin (0.5%), conserving up to 96% of its original activity after a period of 46 weeks
at 4 and 25 °C.

Influence of pH and Temperature on Biocatalyst Lipase Activity

The optimum temperature and pH for lipase activity using the solid biocatalyst were investi-
gated in a range of pH 3.0 to pH 9.0 at 25, 37, and 50 °C (Fig. 3). Maximum lipase activity was
reached at 37 °C in pH 8.0 (106.7 ± 3.7 U/g). At 50 and 25 °C, lipase activity achieved higher
values in pH 7.0 and 8.0, respectively. For all values of temperature and pH, the biocatalyst
was active. Nevertheless, in neutral to basic pH values, solid biocatalyst lipase activity was
higher than in acid values, except at 50 °C. The solid biocatalyst therefore showed to be
sensitive to acid values of pH. In literature, several works have reported different conditions of
pH and temperature of lipases produced by Y. lipolytica. The results found in the present work
are in agreement with or are similar to reports from other authors.

Sun et al. [66] using an immobilized lipase of Y. lipolytica achieved maximum activity at
40 °C in pH 9. Kumari and Gupta [61], using LIP8, LIP14, and LIP18 of Y. lipolyticaMSR80,
showed optimum temperature of 40 °C and pH 7.0. In another study performed by Kumari
et al. [67], equivalent results were presented using LIP2, LIP11, and LIP12, but the authors

Fig. 2 Storage stability of lipase solid biocatalyst at different temperatures
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described low activity in acid values of pH. Yu et al. [64] using LIP2 of Y. lipolytica reached
results very similar to those found in this work since optimum temperature and pH values of
lipase were 40 and 8.0, respectively. However, it is not possible to state that the solid
biocatalyst used in this work is composed only of LIP2 since the identification of which
lipases are being expressed by Y. lipolytica wild strain was not performed. Syal and Gupta [55]
showed that LIP4, LIP5, LIP7, LIP13, and LIP15 presented optimum activity at pH 7.0–8.0,
although LIP 5, LIP7, and LIP13 presented low activity in acid pH values, and both LIP4 and
LIP15 showed high activity in this condition.

All lipase activities were drastically affected by pH higher than 8.0. The effect of temper-
ature was also evaluated and optimum conditions were found in the range from 30 to 50 °C. In
contrast to these results, some authors reported optimum pH for LIP2 as slightly acid or at acid
conditions with a significant decrease at pH above 8.0 [54] and optimum temperature at 55 °C
[68]. A cold active lipase from Y. lipolytica NCIM 3639 reached maximum activity at pH
5.0 at 25 °C which decreased at pH 6.5 or when submitted to temperatures above 30 °C [69].
These results therefore show the great diversity of lipases produced by Y. lipolytica that can be
influenced by many factors such as the microorganism strain, the cultivation medium, and the
fermentation conditions, for example.

Preliminary Synthesis Reactions of Wax and Medium- and Short-Chain Flavor Esters

The use of organic solvents in enzymatic esterification reactions is widely applied since several
benefits can be achieved in the synthesis processes. The non-aqueous environment surround-
ing the enzyme contributes to the catalytic behavior, where the reaction thermodynamic
equilibrium is shifted to esterification. Furthermore, organic solvents are able to improve the
solubility of substrates and products of reaction which can favor reaction conversion and lipase
stability, activity, and selectivity are also influenced by the nature of the solvent, once various
physicochemical effects on enzyme molecules can be produced [8, 70].

This study initially evaluated the production of cetyl stearate and stearyl palmitate in
different periods of time using three solvents: hexane, heptane, and tert-butanol (Fig. 4). High
substrate conversion into cetyl stearate and stearyl palmitate was found after 8 h of reaction
when hexane and heptane were used. Conversion into cetyl stearate reached 94.5 ± 1.5 and

Fig. 3 Effect of pH and temperature on the lipolytic activity of solid biocatalyst

Applied Biochemistry and Biotechnology (2019) 189:933–959946



95.5 ± 1.1% in hexane and heptane, respectively, while into stearyl palmitate, it reached 95.7 ±
1.0 and 95.4 ± 1.0% in the same order. However, the reaction synthesis evaluated in the
presence of tert-butanol did not have the same efficiency, since conversion to cetyl stearate
and stearyl palmitate only achieved 18.7 ± 1.6 and 27.6 ± 1.9% after 24 h, respectively,
demonstrating that tert-butanol can lead to lipase inactivation. The effect of tert-butanol on
solid biocatalyst hydrolysis activity is demonstrated in Table 3 and at a concentration of 9% (v/
v), relative activity of 85.6 ± 8.8 was found, already indicating a slight inactivation of the
biocatalyst, whereas hexane and heptane enhanced its relative activity by more than 20%.

It was previously reported that solvent polarity can affect lipase activity, and in general, the
most suitable are the hydrophobic over hydrophilic solvents. Hydrophilic ones are able to
interfere on the enzyme structure by removing the essential layer of water bound to the
biocatalyst surface. The results found in this work are in agreement with these characteristics
since tert-butanol showed negative effect in esterification reactions. Other studies have
demonstrated the deleterious effect of hydrophilic organic solvents on lipase synthesis reac-
tions. Yan et al. [71] studying the synthesis of short-chain flavor esters using a whole-cell
lipase from Aspergillus oryzae demonstrated lower substrate conversion (less than 10%) in the
presence of acetonitrile, acetone, and other solvents with LogP inferior to 1. In the same way,
Xu et al. [72] using a whole-cell lipase from R. chinensis for ethyl hexanoate synthesis
reported negative effect on molar conversion (%) in the presence of ethanol, acetone, tetrahy-
drofuran, and pentanol presenting LogP values in a range of − 0.24 to 1.30. On the other hand,
both studies showed high conversion values in the presence of hydrophobic solvents such as
hexane and heptane. Therefore, in order to reduce operational costs, since hexane and heptane
presented very similar results, hexane was chosen to carry out all other synthesis reactions
because of its lower cost when compared to heptane.

The syntheses of medium and short-chain flavor esters were evaluated (Fig. 5) using
hexane. A molar ratio of 1:1 (acid/alcohol) at 500 mM was used. The esterification reaction
was carried out at 38 °C using 15% (w/v) of solid biocatalyst for a period of 8 h. Ethyl butyrate,

Fig. 4 Time-course of the conversion of different substrates used in esterification reactions to synthesize stearyl
palmitate and cetyl stearate in the presence of different solvents using the solid biocatalyst. Hexane, circles;
heptane, triangles; tert-butanol, squares; dark symbols, stearyl palmitate; gray symbols, cetyl stearate. Reactions
were performed in 1:1 substrate molar ratio, using 10% (w/v) of solid biocatalyst at 38 °C
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isoamyl propionate, butyl hexanoate, and isoamyl acetate presented substrate conversion into
ester lower than 40%, Cinnamyl alcohol and acetic acid presented conversion of 61.4 ± 2.5%
into cinnamyl acetate, ethanol and octanoic acid, and ethanol and decanoic acid reached the
best conversion results, achieving 89.9 ± 0.8 and 79.9 ± 1.6%, respectively, into ethyl
octanoate and ethyl decanoate.

The low conversion into some esters studied could be associated with the deactivation of
the biocatalyst by the acyl donor (acids) in high concentrations. A future alternative to solve
this problem would be to employ vinyl esters, for example, as the acyl donor rather than acids,
performing a transesterification reaction with the acyl acceptor (alcohols) [8]. This strategy
was employed by Lozano et al. [73] using immobilized C. antarctica lipase B in solvent-free
synthesis of citronellyl esters using citronellol and alkyl vinyl ester as substrates. Several
studies have reported the synthesis of flavor esters using commercial lipases or lipases
obtained by SmF using fungi and in few reports by bacteria strains [5, 7, 74]. However, to
our knowledge, the use of Y. lipolytica lipase produced by SSF to perform these reactions has
not been reported yet.

Since esterification reactions to produce ethyl octanoate and ethyl decanoate showed the
best conversions, a new kinetic (Fig. 6) was performed to evaluate after which time of reaction
the highest conversion would be reached. The esterification reactions were performed up to
24 h and the best result showed conversion of 88 ± 0.8 and 77.4 ± 1.6% after 8 h, for ethanol
with octanoic acid and ethanol with decanoic acid, respectively. The reaction using ethanol and
octanoic acid showed the highest conversion among all substrates tested to produce flavor
esters.

Evaluation of Solid Biocatalyst Production Improvement Aiming to Optimize Ester
Synthesis

Since Y. lipolytica is dimorphic yeast, different lipases and amounts of these biocatalysts could
be produced according to its morphology and growing conditions. Furthermore, Y. lipolytica is
known to be a great lipase producer, possessing 16 paralogous genes coding for lipases, and
several of these enzymes have been studied. Lip2 is a well-known extracellular lipase, LIP1,
LIP2, and LIP6 are intracellular, whereas LIP7 and LIP8 are cell-bound lipases [38, 54, 63].

Fig. 5 Conversion of esterification reactions using different organic acids and alcohols to produce medium- and
short-chain flavor esters synthesized by a solid biocatalyst. Reactions were performed in 1:1 substrate molar ratio,
using 15% (w/v) of solid biocatalyst at 38 °C in hexane for 8 h
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Thereby, different assays were carried out, as described in the BImprovement in Solid
Biocatalyst Production Aiming to Optimize Ester Synthesis^ section, aiming to increase
lipase production and obtain a solid biocatalyst able to perform ester synthesis in a short
period of time.

Assay 1 showed the highest substrate conversion (90.8 ± 0.2%) after 4 h of reaction, while
Assay 4was able to reach similar result (90.2 ± 1.3%) only after 8 h (Table 5). This could indicate
that cells produced in SSF would carry lipases attached to their cell wall with an important role
on the ester synthesis performed. Furthermore, these results could also corroborate the hypoth-
esis of a pool of lipases with synthetic characteristics being produced under SSF.

The results obtained by Assay 2 verified that changes in fermentation conditions such as
inoculum and inductor (soybean oil) concentration would improve solid biocatalyst performance

Fig. 6 Time-course of the conversion of different substrates used to produce ethyl octanoate and ethyl decanoate
by a solid biocatalyst. Reactions were performed in 1:1 substrate molar ratio, using 15% (w/v) of solid biocatalyst
at 38 °C in hexane

Table 5 Conversion of esterification reactions using cetyl alcohol and stearic acid by solid biocatalyst produced
in different fermentation conditions and preparations using soybean meal

ControlA Assay 1B Assay 2C Assay 3D Assay 4E Assay 5F

Time (h) Conversion (%)
4 73.8 ± 3.4 90.8 ± 0.2 79.3 ± 1.2 51.9 ± 4.5 61.9 ± 5.3 20.2 ± 2 .5
6 85.0 ± 1.4 89.1 ± 2.5 92.9 ± 0.1 83.5 ± 4.3 87.1 ± 2.4 32.5 ± 1.7
8 91.3 ± 0.2 90.5 ± 1.6 90.0 ± 4.4 89.2 ± 1.9 90.2 ± 1.3 46.1 ± 2.3

All assays were conducted using 55% of moisture

Fermentation conditions of each assay and other characteristics of solid biocatalyst production are as follows:
(superscript A) 14 h of fermentation, 1.5% soybean oil and inoculum concentration of 0.7 mgdry biomass/gsoybean

meal; (superscript B) 14 h of fermentation, 1.5% soybean oil, inoculum concentration of 0.7 mgdry biomass/gsoybean

meal with subsequent addition of 5 g/L of Y. lipolytica cells grown in SSF; (superscript C) 14 h of fermentation,
3% soybean oil and inoculum concentration of 2.1 mgdry biomass/gsoybean meal; (superscript D) 14 h of fermentation,
1.5% soybean oil e inoculum concentration of 2.1 mgdry biomass/gsoybean meal; (superscript E) 14 h of fermentation,
1.5% soybean oil, inoculum concentration of 0.7 mgdry biomass/gsoybean meal with subsequent addition of 10 g/L of
Y. lipolytica cells grown in YPD for 72 h at 160 rpm; (superscript F) 18 h of fermentation, 1.5% soybean oil and
inoculum concentration of 0.7 mgdry biomass/gsoybean meal
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in ester synthesis. It is possible to observe in Assay 2 that when high amounts of both soybean oil
and inoculum were used the highest substrate conversion (92.9 ± 0.1%) was achieved after 6 h,
demonstrating a synergistic effect between these fermentation conditions. It could lead to high
development of Y. lipolytica cells during SSF increasing lipase production and therefore
achieving high ester production in a shorter period of time when compared to control.

The fermentation control reached conversion similar to Assays 2 and 3 after 8 h of synthesis
reaction. However, after 4 h, it achieved higher conversion than Assay 3, which could
demonstrate that when only a high amount of inoculum is used, the conversion of cetyl
alcohol with stearic acid into cetyl stearate could decrease in the first hours of reaction.

Although most assays performed have shown after 8 h of reaction a similar conversion
about 90%, Assay 5 did not present satisfactory results. The fermentation process used to
obtain this solid biocatalyst was conducted for a period of 18 h and achieved conversion of
46.1 ± 2.3% after 8 h of synthesis reaction. It could demonstrate that after 14 h of fermentation,
there was a decrease of lipase content with important role in ester synthesis, which could be
attributed to a decrease in lipase production by Y. lipolytica or also to an increase of protease
production as was evidenced by Souza et al. [32].

The solid biocatalyst produced under the conditions described in Assay 2 (Table 5) was
chosen to perform all other synthesis reactions in this work, since it presented a high
conversion (%), similar to that found in Control assay, but in a shorter period of time (6 h).
Although Assay 1 presented rapid substrate conversion into cetyl stearate, it was not chosen
due to the high amount of fermented soybean meal used to obtain a cell suspension of 5 g/L,
which consequently would increase the cost of the ester synthesis.

Synthesis of stearyl palmitate was also evaluated and 90% conversion for the combination
of palmitic acid and stearyl alcohol was achieved after 6 h of reaction. In order to confirm
product formation by the esterification reactions realized to obtain the wax esters cetyl stearate
and stearyl palmitate, analysis by mass spectrometry in Shimadzu (GCMS-QP2010 Ultra) was
performed and the production of these esters was confirmed.

Cetyl stearate and stearyl palmitate are wax esters that can be applied as plasticizers or
lubricants and adjuvants in food-packaging materials in the food industry. It is worth noticing
that the current work is the first to approach the synthesis of these wax esters using a green
biocatalyst obtained by SSF. Guncheva et al. [25] demonstrated the production of stearyl
stearate. In that study, esterification was carried out at 65 °C in the presence of 3-methyl-1-
octyl imidazolium chloride which led to a higher reaction rate, achieving 95% conversion of the
substrates after 5 h using a lipase from Bacillus stearothermophilus MC7 stabilized via
immobilization on nanostructured tin dioxide. However, in solvent-free reaction, conversion
was negatively affected. The syntheses of 12 wax esters, including cetyl stearate and stearyl
palmitate, were shown using an immobilized commercial lipase from Candida rugosa lipase
(CRL) in a non-solvent reaction. Results close to 100% of yield were achieved for all wax esters
tested in reaction conditions of 50 °C for 10 h using a PEG2000-activatedC. rugosa lipase [75].

Some studies have focused on the synthesis of cetyl oleate and oleyl oleate, once they
are synthetic analogues of jojoba oil. Li et al. [23] using a mixture of cetyl alcohol and
oleic acid (acid/alcohol molar ratio 1) reached a conversion rate of 98% after 8 h using a
commercial lipase from Candida sp. 99–125 in a solvent-free system, while Bi et al. [76]
showed a percentage yield of 92.6% for oleyl oleate under optimal conditions after 12 h in
a solvent-free system. The solid biocatalyst can be considered a promising catalyst for wax
ester synthesis, once it reached similar values of conversion (around 90%) in a similar or
lower period of reaction time than the cited studies.
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Evaluation of Ethyl Octanoate Production Using the Optimized Solid Biocatalyst

After determining the best conditions for solid biocatalyst production, a new kinetic of
production (data not shown) for ethyl octanoate was performed, since this flavor ester
presented the best results among others flavors esters tested. Using the biocatalyst obtained
according to Assay 2 (Table 5) to produce ethyl octanoate, the highest substrate conversion
(87.3 ± 0.4%) was achieved after a reaction carried out for 4 h, 4 h less than the result achieved
using the solid biocatalyst control. Ethyl octanoate production was also confirmed by mass
spectrometry in Shimadzu (GCMS-QP2010 Ultra).

Ethyl octanoate has a fruity flowery fragrance and is used as an apple-like (sour apple)
flavor to the bouquet of certain drinks together with other medium chain ethyl esters such as
ethyl hexanoate and ethyl decanoate. Ahmed et al. [77] using an alkaline lipase from
Acinetobacter sp. EH28 in the synthesis of ethyl octanoate reached the highest fatty acid
conversion (90%) after 6 days, using a molar ratio of 0.13:0.1 of octanoic acid and ethanol,
respectively, in the presence of cyclohexane at 40 °C. Patel et al. [70] obtained esterification
yield of 85% using a 0.15:0.1 M ratio (octanoic acid/ethanol) in cycle-octane reaction medium
at 40 °C within 48 h of reaction. Esterification results were similar to those found in the current
work. However, the solid biocatalyst performed the synthesis in a shorter period of time.

Gel Electrophoresis and Zymogram

The comparison of the lipase profile produced in control and Assay 2 fermentation conditions
(Table 5) was performed and presented in Fig. 7. The zymogram and native-PAGE analysis
evidenced two lipase/esterase bands in control fermentation conditions and three bands in
Assay 2 fermentation conditions, where in the latter, two bands showed high intensity,
indicating a higher enzyme production than in control conditions. The bands revealed in both
gels presented a molecular weight of ~ 37 kDa in line 1. In line 5, high intensity bands showed
molecular weight of ~ 40 and 37 kDa and weaker band ~ 30 kDa. It is interesting to note that
lipases/esterases produced in SSF and revealed by α-naphthyl acetate (Fig. 7) in zymogram

Fig. 7 Zymogram gel (gray gel) using α-naphthyl acetate as a substrate of lipases and esterases produced by
Y. lipolytica in SSF using soybean meal. The gel was stained using Coomassie blue after zymographic analysis
(blue gel). Line 1: lipase crude extract produced according to control fermentation conditions (Table 5). Line 2:
molecular weight markers (kDa). Line 3: crude extract of non-fermented soybean meal. Line 4: molecular weight
markers (kDa). Line 5: lipase crude extract produced according to Assay 2 fermentation conditions (Table 5).
Black arrows indicate hydrolysis bands

Applied Biochemistry and Biotechnology (2019) 189:933–959 951



presented that same molecular weight range (30–45 kDa) than other lipases reported in
literature [53].

Fickers et al. [78] studying LIP7 and LIP8 from Y. lipolytica found a band with apparent
molecular mass of ~ 41 kDa, while Kamoun et al. [63] found for LIP2 and LIP8 molecular
masses around 37 and 38 kDa, respectively. In another study, LIP2 expressed and secreted by
Pichia pastoris demonstrated apparent molecular weight of 39 kDa [64]. In the same way, Yu
et al. [56] found a very similar result for an extracellular lipase from Y. lipolytica (LIP2) with a
molecular mass of 38 kDa. The two stronger bands found (Fig. 7, line 5), therefore, indicate
similar molecular weight than LIP2 since both presented ~ 40 and 37 kDa. Another point is
that lipases/esterases produced by SSF in the present study did not present bands with
molecular masses different from those usually found for Y. lipolytica when lipase production
is performed in liquid medium. Considering these results, future studies should be performed
aiming to identify which lipase genes are being expressed by Y. lipolytica IMUFRJ 50682 wild
strain and which lipases are synthesized in SSF.

Fig. 8 Scanning electron micrographs of fermented soybean meal by Y. lipolytica and non-fermented soybean
meal. a Details of the growth of Y. lipolytica in fermentation conditions described in control (Table 5). b Surface
detail of a non-fermented soybean meal. c Details of the growth of Y. lipolytica in fermentation conditions
described in Assay 2 (Table 5). d Details of filamentous Y. lipolytica in a closer view
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Solid Biocatalyst Scanning Electron Microscopy

The use of the solid biocatalyst is an interesting way to reduce costs on ester synthesis
production. Few steps are necessary and also this biocatalyst has a high load of lipases on
its surface. The use of a solid biocatalyst obtained in SSF by Y. lipolytica to perform wax and
flavor ester synthesis has not been reported before. Nevertheless, the use of fermented solids as
biocatalysts has already been reported in biodiesel production, presenting a great potential for
this purpose. In a work carried out by Aguieiras et al. [79], dry babassu cake with lipase
activity from Rhizomucor miehei was employed aiming at ethyl ester production using free
fatty acids from previously hydrolyzed macauba oil. Fermented solids obtained using a
mixture of sugarcane bagasse and sunflower seed meal by Burkholderia cepacia were
employed on biodiesel production (ethyl esters) from soybean soapstock acid oil. Best results
were achieved in a solvent-free system, with 92% conversion in 31 h, at 50 °C [80]. In order to
evaluate the Y. lipolytica growth morphology in soybean meal, scanning electron micrographs
of the dry fermented soybean meal (solid biocatalyst) were obtained.

Figure 8a shows an intense growth on the surface of the agro-industrial co-product if
compared to Fig. 8c which shows the non-fermented soybean meal. Figure 8d shows in a
closer view the morphology presented by Y. lipolytica in SSF conditions. Differently from
SmF which presents yeast cells, in SSF, hyphae morphology is predominant, since Y. lipolytica
is dimorphic yeast and is able to change its morphology according to stress or environmental
conditions

Solid Biocatalyst Reuse in Esterification Reactions

The reuse of biocatalyst is directly attributed to cost reduction in a synthetic process. Reuse of
solid biocatalyst (Fig. 9) was tested for ethyl octanoate and cetyl stearate production.

Fig. 9 Stability of the reused solid biocatalyst in different batches for ethyl octanoate (squares) and cetyl stearate
(diamonds) production. Ethyl octanoate reaction was performed in 1:1 substrate molar ratio, using 10% (w/v) of
solid biocatalyst at 38 °C for 6 h. Cetyl stearate reaction was performed in 1:1 substrate molar ratio, using 10%
(w/v) of solid biocatalyst at 38 °C for 6 h. The solid biocatalyst was produced in the following conditions: 14 h of
fermentation, 3% (w/w) soybean oil, inoculum concentration of 2.1 mgdry biomass/gsoybean meal, and 55% of moisture
at 28 °C
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Conversion of octanoic acid showed a strong and rapid decay in the first reuse to produce ethyl
octanoate, presenting a value of 16.5 ± 1.8%, indicating that many lipases could be inactivated
after their first use.

The wax ester reaction showed a better performance reaching in the first reuse 51.5 ± 0.1%
conversion of the substrates which was kept until its fourth reuse. It shows that substrates used
in ethyl octanoate synthesis were more detrimental if compared to those used in wax ester
synthesis, since the same temperature conditions were used. Furthermore, ethyl octanoate
reaction was conducted for 4 h, whereas cetyl stearate reaction for 6 h, both in the presence of
hexane. The stability of the biocatalyst over multiple reuses was inferior to the biocatalyst
recycles described by other authors in ethyl octanoate [70], saturated wax ester [25], and
biodiesel [79] synthesis.

Ester Synthesis in Solvent-Free Medium

In this study, the production of flavor and wax esters was evaluated in a solvent-free medium
as shown in Fig. 10. After 4 h, substrate conversion of 7.1 ± 1.8% was achieved for ethyl
octanoate reaction and this result suggests strong interference of the substrates on lipase
activity due to the higher concentration used, since the same conditions of time and temper-
ature than in hexane reactions were used.

It has been demonstrated that solvent-free reactions could lead to the decrease of ester
formation as shown by Salah et al. [81] who achieved maximum conversion of 60% in a
solvent-free medium against 80 and 76% in heptane and hexane, respectively, aiming at butyl
acetate synthesis using R. oryzae lipase. The production of (Z)-3-hexen-1-yl butyrate by
C. antarctica (Novozyme 435) was affected in the same way when no solvent was used in
the reaction medium reaching a yield of 80% against 92% in 6 h using hexane [82].

Fig. 10 Evaluation of ester production in a solvent-free system (gray bars) and in the presence of hexane (dark
gray bars). In the solvent-free system, ethyl octanoate reaction was performed in 1:1 substrate molar ratio, using
15% (w/v) of solid biocatalyst at 38 °C for 4 h. Stearyl palmitate and cetyl stearate reactions were performed in
1:1 substrate molar ratio, using 10% (w/v) of solid biocatalyst at 55 °C for 6 h. In the presence of hexane, ethyl
octanoate reaction was performed in the same conditions mentioned before. Stearyl palmitate and cetyl stearate
reactions were performed in 1:1 substrate molar ratio, using 10% (w/v) of solid biocatalyst at 38 °C for 6 h. The
solid biocatalyst was produced in the following conditions: 14 h of fermentation, 3% (w/w) soybean oil, inoculum
concentration of 2.1 mgdry biomass/gsoybean meal, and 55% of moisture at 28 °C
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The synthesis of several flavor esters such as isoamyl acetate, ethyl valerate, and butyl
acetate using C. rugosa lipase and porcine pancreatic lipase entrapped in Ca-Alg in the
absence of hexane was inferior to that of reactions using the organic solvent where authors
attributed higher conversions in the presence of a solvent to a shift of equilibrium towards ester
synthesis and consequently a total transfer of ester into the organic phase [83]. The negative
effect of high acid concentration on solvent-free system is also a factor that can support
enzyme deactivation and therefore a decrease on ester synthesis [8].

Wax ester synthesis was also affected in the absence of organic solvent medium, where
substrate mixtures for cetyl stearate and stearyl palmitate production presented 35.7 ± 0.1 and
32.6% of conversion after 6 h of reaction, respectively. Since hexane was not employed, it was
necessary to increase the reaction temperature to 55 °C due to high melting point of substrates.
A long exposure to higher temperature could lead to a decrease of solid biocatalyst activity.
Moreover, the medium viscosity may have interfered on its activity. On the other hand, the use
of organic solvents provided better solubility of reactants and decreased the medium viscosity,
increasing the accessibility of substrates to the enzymatic catalytic site which justifies its
employment on saturated wax ester synthesis [84].

Conclusion

In this study, Y. lipolytica IMUFRJ 50682 showed great ability for lipase production by SSF
using soybean meal. Furthermore, a solid biocatalyst with high lipase activity and able to
synthesize flavor and wax ester was obtained. The solid biocatalyst performed well in several
conditions tested, showing great lipase activity under vegetable oils and in the presence of
hydrophobic and hydrophilic solvents such as hexane, heptane, decane, acetonitrile, and
DMSO, respectively. However, alcohols with more than two atoms in the carbon chain and
chloroform affected it negatively. None of the metal ions evaluated improved significantly its
lipase activity. Detergents above its CMC also decreased the lipase activity. The solid
biocatalyst showed higher lipase activity in alkaline conditions at 25 and 37 °C but also
performed well at 50 °C in neutral pH. High storage stability was observed for the solid
biocatalyst, holding approximately 80% of its initial activity after 300 days at 28 °C. Lipase
produced by Y. lipolytica in SSF showed very similar mass weight than other lipases produced
by the same microorganism in SmF (around 30–45 kDa). In esterification reactions, high
substrate conversion was achieved for ethyl octanoate (87.3% ± 0.4) production after 4 h and
for cetyl stearate (92.9 ± 0.1%) and stearyl palmitate (90.2%) production after 6 h, where all
reactions were conducted in medium using hexane. To reach these results, the solid biocatalyst
was produced using the following SSF conditions: 14 h of fermentation, 55% of moisture, 3%
(w/w) soybean oil, and inoculum concentration of 2.1 mgdry biomass/gsoybean meal at 28 °C.
Therefore, this solid biocatalyst appears to be an interesting alternative to synthesize useful
high-added value esters applied in the food industry, through a system production employing a
GRAS status microorganism.
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