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Abstract
Background and aims Soil nutrient dynamics are affect-
ed by root-microbe interactions and plant development.
We investigated the influence of plant growth stage and
arbuscular mycorrhiza fungi (AMF) on carbon (C) and
nitrogen (N) rhizodeposition and the transfer into the
microbial biomass (MB).
Methods Pea varieties (Pisum sativum L.) with
(Frisson) and without mycorrhiza (P2) were 13C-15N-
labelled and harvested at 45, 63, 71, and 95 days after
sowing. Mycorrhization, MB, total C, N, 13C, 15N were
determined in plant and soil compartments to calculate
C and N derived from rhizodeposition (CdfR, NdfR).

Results Total CdfR increased until pea maturity, NdfR
until end of flowering. Their relative contribution steadi-
ly decreased over time, accounting for 4–10% of total
plant C and N at harvest. Rhizodeposition contributed
between 1 and 6% to MB C and N, although 20% of the
rhizodeposits were discovered in the MB. Frisson re-
leased more NdfR than P2 but it was not possible to
accurately estimate AMF effects on C and N due to
differences in biomass partitioning.
Conclusions CdfR followed an even flow from early
growth until senescence. NdfR flow ceased after
flowering possibly due to N relocation within the plant.
Rhizodeposits contribute very little to MB in our study.
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Time course

Introduction

The amount of belowground plant biomass, consisting
of roots and rhizodeposits, and its microbial utilization
shape the carbon (C) sequestration potential of plants.
Additionally, nitrogen (N) is also stored in the below-
ground biomass and is partly released by mineralisation
and partly immobilized by soil microorganisms. The
rhizodeposition of plants represents an essential C and
N input into soil and has been repeatedly studied
(Wichern et al. 2008; Jones et al. 2009). The calculation
of rhizodeposition helps to improve N balances of le-
gume based crop rotations (Mayer et al. 2003a, b) and to

Plant Soil (2018) 431:143–157
https://doi.org/10.1007/s11104-018-3753-z

Responsible Editor: Hans Lambers.

Electronic supplementary material The online version of this
article (https://doi.org/10.1007/s11104-018-3753-z) contains
supplementary material, which is available to authorized users.

A. Hupe : R. G. Joergensen
Soil Biology and Plant Nutrition, University of Kassel,
Nordbahnhofstr. 1a, 37213 Witzenhausen, Germany

A. Hupe (*) :H. Schulz : C. Bruns : T. Haase : J. Heß
Organic Farming and Cropping, University of Kassel,
Nordbahnhofstr. 1a, 37213 Witzenhausen, Germany
e-mail: a.hupe@uni-kassel.de

T. Haase
Landesbetrieb Landwirtschaft Hessen, Kölnische Str. 48-50,
34117 Kassel, Germany

F. Wichern
Faculty of Life Sciences, Rhine-Waal University of Applied
Sciences, Marie-Curie-Str. 1, 47533 Kleve, Germany

http://orcid.org/0000-0002-7578-4802
http://crossmark.crossref.org/dialog/?doi=10.1007/s11104-018-3753-z&domain=pdf
https://doi.org/10.1007/s11104-018-3753-z


estimate the C sequestration potential of plants, as this
input source of plant biomass is often neglected, causing
innaccurate C and nutrient budgets (Kanders et al.
2017). Rhizodeposition is the release process of
rhizodeposits, which are all compounds released from
roots of living plants. This comprises volatile gaseous
compounds, all non-particulate compounds, i.e. ions,
exudates, lysates, secretions, and all particulate com-
pounds, i.e. root and cap cells, sloughed roots and
tissues, root hairs, root fragments, decaying roots and
nodules (Wichern et al. 2008; Uren 2001). It is the
broadest definition of rhizodeposition, which is also
used in the present study to consider the variety of C
and N containing molecules released from roots
(CdfR = C derived from rhizodeposition; NdfR =N de-
rived from rhizodeposition). Moreover, rhizodeposition
is a dynamic process, affected by biotic factors, such as
growth stage, plant species or variety and mycorrhiza
(Jones et al. 2004; Rees et al. 2005) and abiotic factors,
like soil properties (e.g. soil compaction, nutrient avail-
ability) (Rees et al. 2005) or climatic factors such as
drought stress (Salon et al. 2007).

During the vegetative period, the N concentration in
various plant parts can vary substantially (Salon and
Munier-Jolain 2010). The changes are caused by N
availability and N translocation or remobilization pro-
cesses during seed filling, probably also affecting the
quality and quantity of rhizodeposition (Arcand et al.
2013b). In pea plants, C is mainly transported as sucrose
in the phloem (Kühn and Grof 2010), whereas N is
especially transported in the plant xylem, e.g. as nitrate,
urea (Witte 2011) or as amino acids (Lalonde et al. 2003;
Salon and Munier-Jolain 2010). As a consequence, xy-
lem sap of peas has a low C/N ratio of 1.5–6, whereas
the C/N ratio of the phloem sap is often higher (Salon
and Munier-Jolain 2010). The phloem also delivers C
compounds to the root system, where they are required
for cell metabolism and division, leaving a large propor-
tion of it respired and released as CO2 through root
respiration, which is sometimes included in the defini-
tion of rhizodeposition. On the other hand, N is mainly
taken up from the soil solution and transferred to plant
sinks, where it is required to build storage or structural
proteins. As the dominantg movement of assimilates is
downward while that of inorganic N compounds is
upward, differences between C and N rhizodeposition
patterns can be expected. To elucidate this, double la-
belling of plants with 13C and 15N isotopes in the form
of a glucose-urea mixture is particularly suitable for

simultaneously measuring C and N rhizodeposition of
peas and oats (Wichern et al. 2007b) or chickpeas
(Yasmin et al. 2010). In these experiments, C
rhizodeposition ranged from 25 to 31% of total plant C
and N similarly from 28 to 36% of total plant N. How-
ever, temporal patterns of rhizodeposition have not been
investigated in detail, despite some efforts to investigate
CdfR and NdfR in peas throughout the vegetative period
and at reproductive growth stages (Mayer et al. 2003b;
Wichern et al. 2007a, b). Results investigating C and N
partitioning at an early growth stage showed extraordi-
nary high values for CdfR and NdfR (Wichern et al.
2007b), which are likely caused by non-homogeneous
labelling of roots and root derived compounds resulting
in an overestimation of CdfR and NdfR (Hupe et al.
2016; Kanders et al. 2017).

Quality and quantity of rhizodeposits are expected to
change with time, depending on plant development as
well as root growth and root senescence (Gavito et al.
2001). Arcand et al. (2013b) studied the temporal dy-
namics of NdfR of peas and found that the amount
increased over time. They concluded that in the vegeta-
tive stage, N rhizodeposition mainly consisted of root
exudates, whereas at maturity the amount of N
rhizodeposits was dominated by N from root senescence
(Arcand et al. 2013b). As root exudates are likely to be
metabolized faster by soil microorganisms, this would
lead to the conclusion, that at an earlier growth stage a
higher amount of rhizodeposits is incorporated into the
microbial biomass and microbial metabolites, whereas
the rhizodeposits at a later growth stage are less easily
metabolized by soil microorganisms, as they consist of
decaying roots. These differences would be reflected by
changes in 13C and 15N enrichment of the microbial
biomass, when labelling plants and tracing the 13C and
15N, which has not been done in many studies before.

Part of the microbial biomass consists of arbuscular
mycorrhizal fungi (AMF) (Faust et al. 2017). AMF form
a symbiosis with over 80% of land plant species, pro-
viding additional phosphorus, water and micronutrients
for the host plants in exchange for assimilates (Smith
et al. 2010), resulting in a strong C flux into the
mycorrhizosphere, amounting to up to 20% of assimi-
lated C (Parniske 2008). AMF also affect root architec-
ture, improve soil aggregation and influence the quality
and quantity of rhizodeposits (Rillig and Mummey
2006). Consequently, mycorrhization of plants will re-
sult in a stronger translocation of rhizodeposits into the
microbial biomass and thus a stronger 13C signal when
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labelling plants with 13C. A potentially useful, but not
fully evaluated tool for investigating AMF effects on
rhizodeposition is the use of AMF resistant pea (Pisum
sativum L.) mutants and their symbiotic isolines
(Kleikamp and Joergensen 2006; Jannoura et al. 2012).

To improve our understanding of the time course
of C and N rhizodeposition and the influence of
mycorrhiza on it, a pot experiment was carried out,
using a mycorrhizal and a non-mycorrhizal pea va-
riety, labelled with 13C and 15N, using a cotton wick
stem feeding technique (Russell and Fillery 1996;
Wichern et al. 2007b). The underlying hypothesis
was that the rhizodeposition of C continues through-
out plant development, whereas N rhizodeposition
decreases after flowering caused by relocation of N
from roots to shoots and seeds. Moreover, we as-
sume that at an early growth stage of pea plants,
incorporation of rhizodeposits into soil microorgan-
isms is greater due to a higher proportion of easily
metabolizable root exudates. After flowering root
senescence contributes stronger to rhizodeposition,
which is expected to be metabolized more slowly.
Furthermore, the presence of mycorrhiza is expected
to increase rhizodeposition with a larger C flux into
the mycorrhizosphere until the end of flowering,
when mycorrhization ceases.

Materials and methods

Soil

The soil used for the pot experiment was collected from
an arable field at 0–30 cm depth from the research
station of the University of Kassel in Neu-Eichenberg,
Germany (51°23’N, 9° 55′E, 220 m above sea level). It
was sieved (<10 mm) and stored for six weeks in boxes
at 10 to 15 °C in the dark before the experiment started.
The silty loam (13% clay; 83% silt; 3% sand) was
classified as a Haplic Luvisol according to the WRB-
FAO classification system, with a pH of 6.0, an organic
carbon content of 12 mg g−1 soil and total nitrogen
content of 1.3 mg g−1 soil.

Experimental design and plant labelling

The experiment was carried out at the University of
Kassel, Faculty of Organic Agricultural Sciences in
Witzenhausen, Northern Hesse, Germany. Pisum

sativum L. cv. Frisson and the non-mycorrhizal
(myc−) and non-nodulating (nod−) pea mutant of
Frisson, P2, were cultivated under controlled condi-
tions in the greenhouse with a relative humidity of
60% and an illumination intensity of 110 klxh d−1.
Seeds were provided by the Institut National de la
Recherche Agronomique (INRA), France. The mean
temperature was 20 °C during the day and 15 °C
during night. Pots of 8.5 l (28 cm in diameter and
20 cm long) were filled with 11 kg of soil, which was
mechanically compressed to a bulk density of
1.3 g cm−3. Two plants per pot were cultivated with
six replicates per treatment and pots were randomly
distributed. One day before sowing, the soil was
fertilized with 150 kg N as NH4NO3 to exclude
Frisson nodulation effects in the experiment. Besides
this, KH2PO4, CaCO3 and K2SO4 were applied at a
rate of 17 kg P, 43 kg K, 100 kg Ca and 9 kg S ha−1

to provide sufficient nutrients also for the non-
mycorrhizal and non-nodulating pea mutant P2. Ac-
cording to Mahieu et al. (2009), with a high N
fertilization, no differences in plant dry matter of
Frisson and P2 were expected. All pots were inocu-
lated with 5 g rootgrow™ professional (PlantWorks,
Sittingbourne, UK) placed directly below the seeds
containing a range of mycorrhiza fungi species (but
no rhizobial inoculant) to ensure AMF symbiosis.
Once a week, the pots were weighed and watered
with deionized water, to keep the water holding
capacity between 60 and 80%.

For approximating continuous labelling, the
plants were labelled with a 0.5% 15N-urea (95 at-
om%) and 2% 13C-glucose (99 atom%) solution,
using the cotton wick stem feeding technique
(Russell and Fillery 1996; Wichern et al. 2007b).
The stem of each plant was drilled with a 0.5 mm
diameter drill, approximately 3 cm above the
ground. Then, a cotton wick was passed through
the hole in the stem. The ends of the wick were
passed through silicon tubes and through the lid of a
2 ml vial, which contained 1 ml of the labelling
solution. During the labelling period, each plant
received 2 to 5 ml of the labelling solution in total,
depending on the harvest date (Table 1). To guaran-
tee a sufficient distribution of the labelling solution
within the plant, the time between the last labelling
event and harvest was at least 6 days. To prevent
evaporation losses, the connections between wick
and plant or wick and lid were sealed with kneading
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mass (Teroson, Henkel, Düsseldorf, Germany). The
labelling solution was produced using deionized and
then sterile filtered (< 0.2 μm) water. All material
used for labelling was steam sterilized for at least
20 min at a temperature of 121 °C. The plants were
labelled once every two weeks, five times during the
experiment, beginning 14 days after sowing (DAS),
with three leaves unfolded. Due to callus formation,
the hole for the cotton wick had to be re-drilled
before every labelling event. Solution uptake varied
in time. After each solution uptake, the empty vials
were filled with 0.5 ml deionized water to encourage
complete isotope uptake. Pots were covered with
mesh (1 mm) to prevent soil contamination from
falling leaves. For measuring the natural abundance
of 13C and 15N of the pea plants, as background
values for calculating rhizodeposition, unlabelled
control plants of Frisson and P2 were cultivated
and randomized with the labelled pea plants. As
Wichern et al. (2010) showed, the cotton wick sys-
tem does not influence the plant development or dry
matter. Therefore, control plants to determine back-
ground values of 13C/12C and 15N/14N had no label-
ling system and were cultivated under similar con-
ditions along with the labelled plants.

Sampling and analyses

Frisson and P2 plants were harvested at four differ-
ent growth stages, depending on plant development,
beginning 45 DAS (first petals visible, flowers still
closed; beginning of flowering), 63 DAS (end of
flowering), 71 DAS (pods had reached typical size;
green ripeness) and 95 DAS (fully ripe: all pods
were dry and brown; seeds were dry and hard;
maturity/dry ripeness). At every sampling date, 6

pots with labelled Frisson, 6 pots with labelled P2
and the same number of pots with unlabelled plants
of Frisson and P2 were harvested. At harvest, label-
ling systems were carefully removed from the plants
and stored at −18 °C for analyses of the remaining
13C and 15N. All pea plants were separated into
roots, stem, leaves, pods and grain (the latter two at
63, 71 and 95 DAS). After weighing, plant parts
were dried for at least 48 h at 60 °C to estimate
dry matter. The dry plant parts were ground with a
ball mill, weighed into tin cups (1 mg) and analyzed
for total C, total N and the isotope ratio of 13C/12C
and 15N/14N. The mycorrhizal colonization of roots
was determined by staining fresh roots with trypan
blue and using the gridline intersection method
(Kleikamp and Joergensen 2006). Also the nodula-
tion of Frisson was examined (without counting or
weighing the nodules) to evaluate the efficiency of
nodulation inhibition in Frisson by N fertilizer addi-
tion. Therefore, the formation and the colour of the
nodules was checked (pink = active = atmospheric
nitrogen will be fixed through symbiosis of plant
and rhizo bacteria).

At harvest, the soil was weighed and a subsample
of 10 g fresh soil was dried for 24 h at 105 °C to
determine dry matter. Another subsample (300 g)
was taken for analyzing total soil C and N content
and the isotope ratio of 13C/12C and 15N/14N. For
this, the soil was sieved (< 2 mm) and all visible
roots were removed manually with tweezers, and the
soil was dried, ground and weighed into tin cups (as
described above for plant parts; 30 mg on average).
In addition, two samples of acetanilide standard
were included for every ten plant or soil samples.
Total C and total N were analyzed with an elemental
analyzer (Fisons-Instruments, Rodano, Milano,

Table 1 Labelling and harvest dates for Frisson and P2 (in days after sowing; DAS)

Plant labelling:

14 DAS 29 DAS 42 DAS 57 DAS 70 DAS

Harvest date:

Beginning of flowering (45 DAS) X X

End of flowering (63 DAS) X X X X

Green ripeness (71 DAS) X X X X

Dry ripeness (95 DAS) X X X X X

X represents the providing of 1 ml labelling solution (0.5% 15N-urea (95 atom %) and 2% 13 C-glucose (99 atom %)) per pea plant
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Italy). The 13C/12C and 15N/14N isotope ratios were
determined by isotope ratio mass spectrometry
(Finnigan MAT, Bremen, Germany).

To calculate the total recovery of the isotopes, the
vials and labelling systems were extracted with 200 ml
of 0.05 M K2SO4 and organic C and total N in the
extracts were analyzed using a CN Analyzer (Multi
N/C 2100S, Analytik Jena, Germany). The remaining
amount of 13C and 15N in the extracts was calculated,
assuming that the measured C and N in the extracts were
solely derived from the isotope solution.

Microbial biomass C and N were determined by
the fumigation extraction method (Brookes et al.
1985; Vance et al. 1987), including a pre-extraction
step to remove living roots (Mueller et al. 1992).
For the pre-extraction, 30 g of soil (after removing
visible roots) and 70 ml 0.05 M K2SO4 were
horizontally shaken for 30 min at 200 rev min−1.
Then, the soil solution was centrifuged for 10 min
at 4000 g and 6 °C. The supernatant was filtered to
remove the floating living roots and frozen prior
organic C, total N, inorganic N, and isotope ratio
analysis. Then, 15 g of the pre-extracted soil was
fumigated with CHCl3 for 24 h at 25 °C in the
dark. After removal of the CHCl3, the fumigated
soil was extracted with 60 ml 0.05 M K2SO4

(Potthoff et al. 2003). While fumigation com-
menced, 15 g of the pre-extracted soil was extract-
ed with 0.05 M K2SO4, providing the non-
fumigated samples. Organic C and total N in the
extracts were analyzed using a CN Analyzer (Multi
N/C 2100S, Analytik Jena, Germany). After freeze-
drying, the 13C/12C and 15N/14N isotope ratios in
the extracts (now dry salts) were also determined
by isotope ratio mass spectrometry. Microbial bio-
mass C was calculated as EC/kEC, where EC = (or-
ganic C extracted from fumigated soils) – (organic
C extracted from non-fumigated soils) and k

EC
=

0.45 (Wu et al. 1990). Microbial biomass N was
calculated as EN/kEN, where EN = (total N extracted
from fumigated soils) - (total N extracted from
non-fumigated soils) and kEN = 0.54 (Joergensen
and Mueller 1996).

Calculation and statistical analyses

The percentage (Eqs. 1 and 2) and the amount of C
and N derived from rhizodeposition (CdfR and NdfR
– Eqs. 3, 4 and 5, respectively) were calculated with

an isotope mass balance approach as described by
Hupe et al. (2016). Calculation details can be found
in the supplementary material.

13CtracerdfR in%ð Þ ¼
13C tracer dfR

13C tracer in total
� 100 ð1Þ

15NtracerdfR in%ð Þ ¼
15N tracer dfR

15N tracer in total
� 100 ð2Þ

15NdfR mgð Þ ¼
15N trace in soil mgð Þ � 15N in plant mgð Þ

15N tracer in plant mgð Þ
*

ð3Þ

14NdfR mgð Þ ¼
15N in soil mgð Þ � 14N in plant mgð Þ

15N in plant mgð Þ
*

ð4Þ

NdfR mgð Þ¼15NdfR including15NtracerdfR
� �þ14NdfR: * ð5Þ

* The same calculation was used for the calculation of
C derived from rhizodeposition (CdfR)
Briefly, for the calculations the following assump-

tions were made: (i) the distribution of the tracer in the
plant corresponds to the distribution of total plant C and
N, respectively, (ii) the isotopic enrichment of roots and
rhizodeposits is equal in space and time (Hupe et al.
2016). For this reason, we assumed, that the ratio of
13Ctracer derived from rhizodeposition (13CtracerdfR) or
15Ntracer derived from rhizodeposition (15NtracerdfR) in
soil in relation to 13Ctracer or

15Ntracer in total (in plant
and rhizodeposition) is the same as the ratio of C or N
derived from rhizodeposition (CdfR, NdfR) in soil in
relation to C or N in total (in plant and rhizodeposition).
As the total C and N content and thus the isotopic
enrichment of plant organs differ because of nutrient
and tracer relocation during plant development, the en-
richment of grain, shoot and root was calculated sepa-
rately and then summarized as total 13Ctracer or
15Ntracer, respectively.

Microbial C and N, extractable C and inorganic N
derived from rhizodeposition were also calculated using
the isotope mass balance approach (Hupe et al. 2016;
see supplementary material).

Statistical analyses were performed using IBM
SPSS Statistics 22. Differences of the means between
the date of harvest (depending on plant development)
were tested by a one-way analysis of variance
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(ANOVA) using the Scheffé post-hoc test. Student’s
t-test was performed on pairs of means to determine
differences between both the CdfR and NdfR of the
pea varieties Frisson and P2, respectively. Data were
normally distributed (tested with Q-Q Plot) and var-
iances were homogeneous (Levene-test).

Results

Tracer uptake, plant enrichment and tracer recovery

Four weeks after the beginning of labelling (14 DAS), at
beginning of flowering (45 DAS), pea plants had taken
up between 4 mg (Frisson) and 6 mg (P2) 13C (Table 2)
and 2 mg 15N (Table 3). At maturity (9 weeks after
beginning of labelling), the 15N uptake increased to
9 mg (Frisson) and 7 mg (P2). At the same time, the
13C uptake increased to 21mg (Frisson) and 17mg (P2),
indicating that the wick technique can be used for mul-
tiple pulse labelling of plants.

During plant growth, the multiple pulse labelling
resulted in a high enrichment of 13C and 15N tracers in
roots and shoots, with no significant changes in plant
enrichment over time (Tables 2 and 3). Regardless of
harvest time, the 13C and 15N enrichment of the P2 grain
was in most cases twice as high in comparison with the
Frisson grain. The 13C tracer recovery was similar for
Frisson and P2 and varied between 39 and 57% of the

applied amount (Table 2). Approximately 75% of the
recovered 13C amount was found in the plant, 5% in the
soil and roughly 20% in the labelling systems (data not
shown). In contrast, 80 to 100% of the 15N applied was
recovered, with most of it found in the plant, about 4%
in the soil, and roughly 30% in the labelling systems
(Table 3). Assuming comparable proportions of 13C and
15N retained in the wick system, an additional loss of
approximately 10% of the applied 13C as CO2 from the
wick system is likely. This leaves another 30 to 50% of
the applied 13C lost as CO2 by rhizo-respiration.

Development of plant biomass and time course
of rhizodeposition

Between beginning of flowering and maturity, C distri-
bution among the different plant parts was similar to that
of N (Figs. 1 and 2). In the shoots, C and N showed a
roughly fourfold increase until green ripeness, followed
by a 23 and 58% decrease, between green ripeness and
maturity, respectively. Between green ripeness and ma-
turity, the amounts of C and N in grains increased more
than five times to 2370mg C and 230 mgN plant−1. The
amount of root C and N roughly doubled until green
ripeness. Then, the root C showed a 20% decrease,
whereas root N remained constant between green ripe-
ness and maturity. Despite the additional N added to the
soil, Frisson produced active nodules until the end of
flowering, which, however, was not further investigated.

Table 2 Uptake (in mg plant−1), recovery (in plant, soil, wick
system and total, in % of applied) and enrichment (of various plant
parts and soil in atom%excess) of 13C in pea (Frisson and P2,

harvested at beginning of flowering (45 DAS), end of flowering
(63 DAS), green ripeness (71 DAS) and maturity (95 DAS)

13C 13C-Uptake (mg plant−1) Recovery (% of applied 13C) Atom%excess

In plant In soil In wick system In total Soil Root Grain Shoot

Frisson

45 DAS 4 ± 0.8 25 ± 4.6 2 ± 0.9 12 ± 2.4 39 ± 6.5 0.001 c 0.5 a 0.9 a

63 DAS 13 ± 1.8 35 ± 5.8 3 ± 0.4 7 ± 1.0 46 ± 5.8 0.002 ab 0.6 a 0.2 a 0.8 a

71 DAS 11 ± 0.8 30 ± 2.2 2 ± 0.2 7 ± 0.5 39 ± 2.2 0.001 bc 0.4 a 0.1 b 0.4 a

95 DAS 21 ± 1.7 47 ± 4.1 3 ± 0.3 7 ± 0.3 57 ± 4.0 0.002 a 0.5 a 0.2 c 0.8 a

P2

45 DAS 6 ± 1.1 32 ± 6.5 3 ± 0.2 8 ± 1.3 43 ± 5.6 0.001 a 0.6 a 0.9 a

63 DAS 12 ± 0.7 34 ± 2.1 2 ± 0.2 8 ± 0.8 43 ± 1.9 0.001 a 0.5 a 0.4 a 0.7 a

71 DAS 13 ± 2.3 35 ± 7.5 3 ± 1.0 8 ± 0.4 45 ± 6.7 0.001 a 0.5 a 0.2 b 0.5 a

95 DAS 17 ± 0.6 38 ± 1.5 2 ± 0.4 6 ± 0.7 47 ± 1.7 0.001 a 0.6 a 0.4 a 0.9 a

Values showmeans ± standard error of the mean (Frisson: n = 4 for 45 and 63 DAS and n = 6 for 71 and 95 DAS; P2: n = 6; except 71 DAS:
n = 5). Different letters indicate significant differences between DAS (Scheffé, p < 0.05)
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The amount of CdfR showed a significant five-
fold increase between beginning of flowering and
maturity (Table 4), whereas NdfR only doubled be-
tween beginning of flowering and end of flowering.
Subsequently, the amount of NdfR remained roughly
constant at 12 mg N plant−1. The contribution of
BGP-C and BGP-N to total plant C and plant N
significantly decreased with time from 15% to
roughly 6% at maturity.

Transfer of rhizodeposits into microbial biomass,
inorganic N and extractable C

The microbial biomass C and N content in soil increased
until the end of flowering or green ripeness and decreased
again afterwards, though not strongly significantly
(Tables 5 and 6). At the beginning of flowering, about
20% of CdfR was incorporated into the microbial bio-
mass, which remained roughly constant until maturity

Table 3 Uptake (in mg plant−1), recovery (in plant, soil, wick
system and total, in % of applied) and enrichment (of various plant
parts and soil in atom%excess) of 15N in pea (Frisson and P2,

harvested at beginning of flowering (45 DAS), end of flowering
(63 DAS), green ripeness (71 DAS) and maturity (95 DAS)

15N 15N-Uptake (mg plant−1) Recovery (% of applied 15N) Atom%excess

In plant In soil In wick system In total Soil Root Grain Shoot

Frisson

45 DAS 2 ± 0.2 36 ± 3.8 4 ± 0.9 45 ± 8.3 86 ± 8.3 0.002 b 1.9 a 4.0 a

63 DAS 5 ± 0.2 50 ± 2.2 5 ± 0.8 29 ± 2.6 84 ± 2.9 0.005 a 2.5 a 2.9 a 3.8 a

71 DAS 6 ± 0.3 62 ± 3.3 3 ± 0.3 32 ± 2.4 97 ± 3.3 0.003 ab 1.7 a 1.7 b 2.7 a

95 DAS 9 ± 0.5 78 ± 4.4 3 ± 0.3 29 ± 2.5 110 ± 5.4 0.004 ab 2.2 a 2.4 a 4.1 a

P2

45 DAS 2 ± 0.2 44 ± 4.9 4 ± 0.7 33 ± 4.7 81 ± 2.8 0.002 a 2.0 a 4.3 a

63 DAS 5 ± 0.3 49 ± 2.8 4 ± 0.2 32 ± 3.4 85 ± 3.2 0.004 a 1.9 a 4.7 ab 4.9 a

71 DAS 5 ± 0.4 54 ± 4.8 4 ± 0.9 33 ± 2.1 90 ± 4.3 0.004 a 1.8 a 3.3 a 3.6 a

95 DAS 7 ± 0.2 60 ± 1.9 3 ± 0.5 29 ± 1.2 93 ± 2.1 0.004 a 2.1 a 5.1 b 5.0 a

Values showmeans ± standard error of the mean (Frisson: n = 5 for 45DAS, n = 4 for 63DAS and n = 6 for 71 and 95DAS; P2: n = 6; except
71 DAS: n = 5). Different letters indicate significant differences between DAS (Scheffé, p < 0.05)

harvest date

Fig. 1 Illustration of the distribution of C (in mg plant-1) in
various plant parts of Frisson (grain, shoot and root) and C derived
from rhizodeposition (in soil), harvested at beginning of flowering
(45 DAS), end of flowering (63 DAS), green ripeness (71 DAS)
and maturity (95 DAS). Due to high differences between the

amount of C in above and belowground biomass, two different
scales were used. To maintain readability of the figure, no error
bars or statistics are shown in this figure. Statistical data are given
in Table 4
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(Table 5). Between 1% of microbial biomass C at the
beginning of flowering and 6% at maturity derived from
rhizodeposition, indicating a continuous increase with
increasing plant development. At the beginning of
flowering, about 17% of NdfR was incorporated into the
microbial biomass, which insignificantly increased to
24% at maturity (Table 6). In total, between 1 and 3% of

the microbial biomass N originated from rhizodeposition
and increased throughout the growth period. Roughly 9%
of CdfR was recovered in the extractable organic C pool
throughout plant growth (Table 5). The proportion of this
C pool derived from rhizodeposition ranged from 1% at
begin of flowering to 5% at maturity. At begin of
flowering 11% of NdfR was recovered in the inorganic

harvest date

Fig. 2 Illustration of the distribution of N (in mg plant-1) in
various plant parts of Frisson (grain, shoot and root) and N derived
from rhizodeposition (in soil), harvested at beginning of flowering
(45 DAS), end of flowering (63 DAS), green ripeness (71 DAS)
and maturity (95 DAS). Due to high differences between the

amount of N in above and belowground biomass, two different
scales were used. To maintain readability of the figure, no error
bars or statistics are shown in this figure. Statistical data are given
in Table 4

Table 4 Mycorrhization of Frisson (in % of total root numbers),
N and C derived from rhizodeposition (NdfR & CdfR) in percent-
age of total plant N / C and in mg plant−1 and below-ground plant
(BGP) N / C (NdfR plus N in roots; CdfR plus C in roots) in

percentage of total plant N / C of Frisson and P2, harvested at
beginning of flowering (45 DAS), end of flowering (63 DAS),
green ripeness (71 DAS) and maturity (95 DAS)

Mycorrhization
(% of total roots)

NdfR BGP-N CdfR BGP-C

% of total N mg plant−1 % of total N % of total C mg plant−1 % of total C

Frisson

45 DAS 32 ± 5 a 10 ± 1.0 a 5 ± 0.7 a 16 ± 1.5 a * 8 ± 3.1 a 52 ± 25.7 a 15 ± 2.7 a

63 DAS 21 ± 4 ab 9 ± 1.3 a 12 ± 2.0 b 11 ± 1.5 b 9 ± 2.1 a 160 ± 46.8 ab 12 ± 2.2 ab

71 DAS 17 ± 2 b 5 ± 0.3 b 11 ± 1.1 b 6 ± 0.4 bc 6 ± 0.6 a 179 ± 30.7 ab 7 ± 0.6 b

95 DAS 17 ± 3 b 4 ± 0.3 b 13 ± 1.3 b * 5 ± 0.4 c 6 ± 0.7 a 257 ± 40.5 b 7 ± 0.8 b

P2

45 DAS – 8 ± 1.0 a 4 ± 0.5 a 12 ± 1.0 a 9 ± 1.2 a 54 ± 7.4 a 14 ± 1.2 a

63 DAS – 7 ± 0.4 a 7 ± 0.7 a 9 ± 0.4 ab 6 ± 0.7 a 107 ± 19.9 a 8 ± 0.7 a

71 DAS – 7 ± 2.2 a 9 ± 2.4 a 9 ± 2.3 ab 9 ± 3.2 a 240 ± 77.5 a 11 ± 3.3 a

95 DAS – 4 ± 0.8 a 6 ± 1.4 a 6 ± 0.8 b 6 ± 1.0 a 162 ± 36.1 a 8 ± 1.0 a

Values show means ± standard error of the mean (N in Frisson: n = 5 for 45 DAS, n = 4 for 63 DAS and n = 6 for 71 and 95 DAS; C in
Frisson: n = 4 for 45 and 63 DAS and n = 6 for71 and 95 DAS; N and C in P2: n = 6; except 71 DAS: n = 5)

Different letters indicate significant differences between DAS (Scheffé, p < 0.05). Values with * indicate significant differences between the
means of Frisson and P2 (t-test, pairwise comparison, p < 0.05)
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N pool and this percentage increased to 17% at maturity
(Table 6). Nevertheless, only between 0.2 and 0.4% of the
inorganic N pool in soil resulted from rhizodeposition
throughout plant growth. Overall, about 30% of CdfR
and 30–40% of NdfR present in soil after harvest
was recovered in soil microbial biomass C or N,
extractable organic C or inorganic N, leaving up to
70% of the C and N rhizodeposition left in the soil,
probably incorporated in cellular root material that is
yet to be decomposed or may partly in microbial
products and microbial residues (necromass) derived
from fast turnover of rhizodeposits.

Mycorrhization and rhizodeposition

AMF colonization of Frisson roots significantly decreased
with time, from 32% at beginning of flowering to 17% at
green ripeness and maturity (Table 4). No AMF coloni-
zation of P2 roots was detected and also no nodulation, as

expected. The NdfR of Frisson (13 mg plant−1) was
significantly higher than that of P2 (6 mg plant−1) only
at maturity. CdfR in mg plant−1 or mg g−1 plant dry matter
did not differ between Frisson and P2, regardless of plant
development or root mycorrhization (Fig. 3). As Frisson
producedmore total plant dry matter than P2, NdfR in mg
g−1 plant dry matter differed significantly between Frisson
and P2 at begin of flowering, i.e. the period of highest
mycorrhization (Fig. 4). This difference disappeared with
decreasing mycorrhization of Frisson.

Discussion

Tracer uptake, plant enrichment and tracer recovery

The strategy of multiple pulse labelling plants as an
approximation of continuous labelling using the wick
method, provides a tool for labelling plants with

Table 6 N in microbial biomass (MBN) and in inorganic N in
μg g−1 soil, their percentage derived from rhizodeposition [dfR]
and the percentage of NdfR found in MBN and inorganic N,

harvested at beginning of flowering (45 DAS), end of flowering
(63 DAS), green ripeness (71 DAS) and maturity (95 DAS).

Microbial biomass N % of NdfR in MBN Inorganic N % of NdfR in inorg. N

μg g−1 soil dfR (%) μg g−1 soil dfR (%)

Frisson

45 DAS 20 a 0.8 a 17 a 95 a 0.2 a 11 a

63 DAS 29 b 1.4 a 18 a 123 a 0.3 a 17 a

71 DAS 25 ab 1.8 a 22 a 91 a 0.3 a 12 a

95 DAS 20 a 3.2 a 24 a 105 a 0.4 a 17 a

Different letters indicate significant differences between DAS (Scheffé, p < 0.05). Values showmeans ± standard error of the mean (n = 5 for
45 DAS, n = 4 for 63 DAS and n = 6 for 71 and 95 DAS)

Table 5 C in microbial biomass (MBC) and in extractable C in
μg g−1 soil, their percentage derived from rhizodeposition [dfR]
and the percentage of CdfR found in MBC and extractable C,

respectively, when plants were harvested at beginning of flowering
(45 DAS), end of flowering (63 DAS), green ripeness (71 DAS)
and maturity (95 DAS).

Microbial biomass C % of CdfR in MBC Extractable C % of CdfR in extr. C

μg g−1 soil dfR (%) μg g−1 soil dfR (%)

Frisson

45 DAS 165 a 0.9 a 20 a 92 a 0.8 a 9 a

63 DAS 205 ab 3.5 a 20 a 104 ab 3.2 a 9 a

71 DAS 217 b 3.5 a 22 a 115 b 3.0 a 10 a

95 DAS 187 ab 5.6 a 22 a 104 ab 4.7 a 10 a

Different letters indicate significant differences between DAS (Scheffé, p < 0.05). Values showmeans ± standard error of the mean (n = 4 for
45 and 63 DAS and n = 6 for 71 and 95 DAS)
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multiple tracers (e.g. 13C, 15N) at relatively high con-
centrations, as shown earlier (Wichern et al. 2007a, b).
As shown by the enrichment values (Tables 2 and 3),
we were able to homogeneously label plant roots
over time, which is an important prerequisite for
estimating rhizodeposition quantitatively (Janzen
and Bruinsma 1989). A homogeneous labelling of
plant roots meant that the ratio of 13C tracer to total
C or 15N tracer to total N in the roots is equal during
plant development. This can be seen in the
Atom%excess values (Tables 2 and 3). Differences
between the 13C or 15N enrichment of root, shoot and
grain are caused by plant development, isotope dis-
crimination and nutrient relocation within the plant,
which has also been observed for natural abundance
of stable isotopes (e.g. Yoneyama et al. 2003) but are
not relevant for estimating rhizodeposition, as long as
roots and rhizodeposits have the same enrichment
(Russell and Fillery 1996). This, however, remains
unclear as it currently can not be measured in situ.
Kanders et al. (2017) showed that different root size
classes were differently enriched with 15N, which
was, in relation to plant species, more or less consis-
tent. Differences in grain enrichment between end of
flowering and green ripeness in our study as well as
between green ripeness and maturity show that 13C
and 15N provided via the wick system is preferential-
ly transferred into the sink organs of the plant during
the reproductive phase. Additionally, some of the
previously assimilated 13C and 15N might also have
been relocated within the plant (e.g. 15N from roots).
However, C and N rhizodeposition were calculated
with a mass balance approach to prevent over- or
underestimation caused by heterogeneous label dis-
tribution due to tracer relocation processes. Tracer
relocation during plant development may lead to
differences between the enrichment of roots and com-
pounds released by living roots, i.e. volatile, gaseous
compounds, ions, exudates, lysates, and secretions.
Therefore, it is important to label plants continuously
or as often as possible, using a multiple pulse label-
ling approach to keep the differences in enrichment
as small as possible.

The formation of fungi and algae within the labelling
system was observed during plant labelling, disturbing
tracer uptake and causing C losses by microbial respira-
tion in the labelling system. Consequently, the labelling
system had to be replaced four times in total to facilitate
multiple pulse labelling and reach high plant

Fig. 3 C derived from rhizodeposition (CdfR) in mg g−1 dry
matter (dm) per plant of Frisson and P2, harvested at beginning
of flowering (45 DAS), end of flowering (63 DAS), green ripeness
(71 DAS) and maturity (95 DAS). There were no significant
differences between the means (t-test, pairwise comparison,
p < 0.05). Values show means (Frisson: n = 4 for 45 and 63 DAS
and n = 6 for 71 and 95 DAS; P2: n = 6; except 71 DAS: n = 5)

Fig. 4 N derived from rhizodeposition (NdfR) in mg g−1 dry
matter (dm) per plant of Frisson and P2, harvested at beginning
of flowering (45 DAS), end of flowering (63 DAS), green
ripeness (71 DAS) and maturity (95 DAS). Values with * indi-
cate significant differences between the means (t-test, pairwise
comparison, p < 0.05). Values showmeans (Frisson: n = 5 for 45
DAS, n = 4 for 63 DAS and n = 6 for 71 and 95 DAS; P2: n = 6;
except 71 DAS: n = 5)
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enrichment. The recovery of 13C varied between 40 and
60% of the applied 13C tracer. Between 13 and 30% of
the recovered 13C were found in the labelling system. A
possible reason for the low recovery of 13C is the loss of
13C as CO2 by rhizo-respiration (Jones et al. 2009).
Losses of up to 30% of the applied 13C tracer were
observed by Yasmin et al. (2010). Even higher amounts
of between 26 and 52% of the recovered 15N were found
in the labelling system. The gaseous loss of 15N from
soil, plant and labelling system is expected to be small
under the experimental conditions. However, some gas-
eous losses of 15N by N2, N2O, NOx or NH3 release
might have occurred, in addition to analytical errors,
contributing to the losses of recovered 15N. Overall,
the recovery of the applied tracer is similar to other
publications (Mayer et al. 2003b; Wichern et al.
2007b; Fustec et al. 2010; Arcand et al. 2013a).

Belowground plant C and N

The contribution of both BGP-C and N to total plant C
and N varied around 15% at beginning of flowering and
around 6% at maturity. Compared with other studies,
this value seems to be very low. Fustec et al. (2010)
found that between 14 and 71% of total plant N of peas
was BGP-N. For Frisson at maturity, Mahieu et al.
(2007) found a contribution of 26% BGP-N to total
plant N under greenhouse conditions. Wichern et al.
(2007b) found a contribution of BGP-C to total plant
C of 34% for peas at maturity under field conditions in
mesocosms. The low percentages in the current study
were probably due to a shift in the ratio of aboveground
plant C (AGP-C) to root C in comparison with field
conditions (Mayer et al. 2003b). N fertilization and pot
size are the likely reasons for this observation, with pot
size probably being more important in intensively used
agricultural soils as also shown byKanders et al. (2017).
Wichern et al. (2007a) achieved an AGP-N to root N
ratio of 17. In the current study, an AGP-N to root N
ratio of 20 was observed in a similar vegetation period.
Due to the high N fertilization in our experiment, pea
plants developed a smaller root system, leading to a
larger AGP-N to root N ratio (Nguyen 2003). The
amount of rhizodeposition largely depends on the
size of the root system (Shamoot et al. 1968;
Kanders et al. 2017), considering the fact that
rhizodeposition consists to a large extent of sloughed
root cells and decomposed root material (Uren 2001).
The effects of N fertilization on rhizodeposition are

often inconsistent. Arcand et al. (2013b) observed no
effects on the amounts of NO3

− and NH4
+ released by

pea roots, whereas Nguyen (2003) found that N fer-
tilization increased C rhizodeposition, contradicting
the results of Kuzyakov and Domanski (2000), who
observed a decrease of C rhizodeposition.

Limitation of root growth due to lower soil volume
caused by pot size can also influence the amount of
rhizodeposition (Poorter et al. 2012; Kanders et al.
2017). Pot experiments can lead to a lower root to
shoot ratio in comparison with field experiments,
leading to a reduction in rhizodeposition (Wichern
et al. 2008; Kanders et al. 2017). Anglade et al.
(2015) found significantly less NdfR as a percentage
of BGP-N in pot experiments (56%) than in field trials
(82%). Consequently, the results from our study can-
not be directly transferred to field conditions. Never-
theless the ratio of rhizodeposited C (or N) and root C
(or N) can be used to predict rhizodeposition under
field conditions as proposed by Pausch et al. (2013),
using root biomass data (Kanders et al. 2017). How-
ever, as roots are very plastic in their response to
nutrient availability (Hodge 2004), it remains ques-
tionable whether experimental conditions under con-
trolled conditions can resemble field conditions.

Amounts, time course and fate of rhizodeposition

Independent of the uncertainties related to the methods
and the experimental conditions as discussed above, we
were able to elucidate the belowground C and N
partitioning of peas over time. The amount of N
rhizodeposition per plant (cv. Frisson) increased until
flowering and remained constant afterwards until har-
vest. This may indicate an increasing release of root
exudates until flowering. It is already known that the
quality and quantity of root exudates changes over the
course of time (Grayston et al. 1997). For many annual
crops it is known that the root system of plants increases
until flowering and, due to cell death, decreases there-
after (Jakobsen 1986; Pritchard and Rogers 2000).
Therefore, N rhizodeposition probably increases until
the end of flowering by enhanced root exudation of the
growing root system. Grayston et al. (1997) found a
decreasing release of amino acids by plants under N
deficient conditions, whereas increasing NO3

− contents
led to an increased release of carboxylates. On the other
hand, an increasingNH4

+ content caused a decline in the
release of carboxylates (Neumann and Römheld 2007).
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Therefore, the high N fertilization in the current study
may have resulted in an increased release of root
exudates, probably carboxylates, until flowering.
The C rhizodeposition constantly increased during
the vegetation period and differed significantly be-
tween beginning of flowering and maturity. After
flowering, the decomposition of root material and
the reduction in AMF most likely increased C
rhizodeposition (Engels and Körschens 2010), which
was by then mostly derived from root fragments,
sloughed root cells and fungal hyphae.

No significant differences could be determined for
the incorporation of rhizodeposition into the microbial
biomass, the extractable organic C or inorganic N pool
in soil over the course of time. The C and N
rhizodeposition was similarly incorporated into these
three pools at beginning of flowering and at maturity.
In total, between 11 and 17% of total NdfR was found in
the inorganic N pool, which is similar to the roughly
12% observed byArcand et al. (2013b). However, this is
only half the levels obtained by Mayer et al. (2003b);
Wichern et al. (2007b). Up to 24% of total NdfR was
incorporated into the microbial biomass, somewhat
above the 18% measured by Mayer et al. (2003b);
Wichern et al. (2007b). The 20% of total CdfR in the
microbial biomass was similar toWichern et al. (2007b).
In the current study, more labile N compounds, e.g.
amino acids, peptides, may have been released by the
pea roots and incorporated into the microbial biomass,
resulting in the enhanced microbial uptake.

It is assumed that root exudation (including lysates,
exudates, mucilage, etc.) is an important process of
rhizodeposition only up to the reproductive growth phase
of plants and that senescence of roots becomes a more
important part of rhizodeposition after flowering, as more
roots die. This is probably true for C, as the steady
increase of rhizodeposition in our study supports this
and no translocation within the plant took place compared
with N. Consequently, when aiming at quantifying the
plant derived C input, root senescence as part of
rhizodeposition has to be considered. This questions the
reliability of the quantitative results of themany studies on
C rhizodeposition done with plants in the vegetative
growth stage (see Jones et al. 2009 for a very good
summary). Based on this and the above mentioned me-
thodical constraints, more studies have to be done over the
whole growth period of plants and under field conditions
to be able to quantify total belowground plant C input.
This is also true for NdfR studies, even though many of

those investigated a longer growth period (Jones et al.
2009). Overall, our findings support our first hypothesis
of a different time course of C and N rhizodeposition,
most likely being the result of changing contribution of
root exudates and root decay to the rhizodeposits.

In addition to the time course of rhizodeposition, we
were interested in the availability of rhizodeposits to soil
microorganisms, as this influences nutrient availability
and C dynamics. We observed that microbial biomass
increased until the end of flowering or green ripeness,
which represents peak plant biomass. One would as-
sume that this increase would also be reflected by an
increased incorporation of 13C and 15N into the micro-
bial biomass. However, this was not the case, negating
our second hypothesis, that more easily metabolizable
rhizodeposits during the vegetative growth period result
in an increased 13C and 15N enrichment of the soil
microbial biomass. Throughout plant growth
rhizodeposition is obviously a minor source of C and
N for the soil microbial biomass, as indicated by the
small part of the microbial biomass derived from
rhizodeposition (less than 6%, Tables 5 and 6), which
is in the range of an earlier study (Mayer et al. 2003a)
but substantially lower compared with Wichern et al.
(2007a, b). Moreover, in our study, the proportion of the
microbial biomass derived from rhizodeposition in-
creased. These observations indicate that rhizodeposits
can not be claimed an easily metabolizable substrate for
soil microorganisms, a concept derived from the misuse
of glucose proposed to be a representative rhizodeposit.
This however, is not the case, as shown here and by
Lloyd et al. (2016). On top of this, only about 20% of
the rhizodeposits ended up in the microbial biomass, as
observed in earlier studies (Wichern et al. 2007a, b),
leaving about 50 to 70% of the rhizodeposited C and N
unaccounted for. This may represent slowly available C
and N in root fragments (McNeill and Fillery 2008),
which will be mineralised later. However, the unac-
counted C and Ndfr in the soil can may partly reflect
microbial products and microbial residues (necromass)
derived from fast turnover of rhizodeposits. However,
this was not investigated in our study and should be
investigated in future studies looking at recent microbial
residues (e.g. 13C in amino sugars).

Influence of mycorrhiza on rhizodeposition

It is well known that arbuscular mycorrhiza fungi
(AMF) can influence the rhizodeposition of plants

154 Plant Soil (2018) 431:143–157



(Jones et al. 2009; Rillig and Mummey 2006). In our
study, however, AMF did not affect C rhizodeposition
when comparing the mycorrhiza variety Frisson with
the non-mycorrhiza variety P2. Nevertheless, the ob-
served differences in the amount of C rhizodeposition
after the end of flowering may be caused by an addi-
tional C input from dying AMF hyphae (Engels and
Körschens 2010). On the other hand, Frisson had sig-
nificantly higher N rhizodeposition than P2 at the time
of the highest AMF colonization. With decreasing
mycorrhization during pea maturation (Zhang et al.
1995), these differences in N rhizodeposition decreased
too. This may be caused by differences in root exudation
between mycorrhizal and non-mycorrhizal plants. It has
been shown that hyphal exudation of mycorrhizal fungi
can increase root respiration (Jones et al. 2004).

The highest mycorrhization of Frisson at the begin-
ning of flowering may caused an increased exudation of
various N compounds from roots to soil. Mada and
Bagyaraj (1993) mentioned that plants with mycorrhizal
fungi release less potassium, phosphate and glucose, but
more N, especially as protein. This is further supported
by the observation that pea roots and pea root nodules
are highly active during flowering (Dupont et al. 2012).
Moreover, AMF support the N transfer from N2 fixing
plants to non-fixing plants (Hamel et al. 1991). These
differences in plant morphology and physiology may
also cause increased N rhizodeposition (Fustec et al.
2010). Despite the N fertilization, Frisson roots formed
nodules in our study. Therefore, we cannot estimate
whether differences in N rhizodeposition and biomass
development were caused by mycorrhiza or N-fixation
through nodulation, when comparing Frisson and P2.
Thus, using the pea variety Frisson and its isoline mu-
tant P2 as comparison to elucidate the effect of
mycorrhization on C and N rhizodeposition was not
overly successful and has to be evaluated in future
studies, where environmental conditions are even more
controlled compared with our pot experiment, to guar-
antee a comparable partitioning of both pea varieties.

Conclusions

Rhizodeposition of C and N followed different patterns
over time, with a steady increase of CdfR, most likely
initially dominated by root exudation of the growing root
system and a later increase caused by continuous senes-
cence of roots. On the other hand, N was most likely

relocated within the plant during maturation and partly
removed from the root system to allow protein synthesis
during grain filling, leaving similar amounts of NdfR
during the generative phase and thus showing a decreas-
ing relative contribution to total plant N. Obviously
rhizodeposition as a whole was not an easily metaboliz-
able source of C and N for soil microorganisms. Besides
root exudates, rhizodeposition also contains particular
components, such as root fragments, that are only slowly
degraded. Consequently, when investigating C and N
dynamics in agricultural systems quantitatively, the term
rhizodeposition has to be used in its broad definition,
including all compounds released by living roots and root
fragments. Especially during the reproductive phase, root
senescence made a greater contribution to rhizodeposition
than during vegetative growth, which is relevant when
assessing total belowground plant C and N input. Mycor-
rhiza tended to increase N rhizodeposition at flowering,
indicating the significance of mycorrhiza to nutrient trans-
fer. However, due to the nodulation of Frisson, we cannot
give a final statement of the impact of mycorrhiza on
rhizodeposition. Future experiments aiming at estimating
total C and N rhizodeposition thus should be conducted
under field conditions, without a limitation of root growth,
and have to focus on the whole growth period.

Acknowledgements We are very grateful to Lydia Hans,
Franziska Näther, Gabriele Dormann and to all student assistants,
especially Tino Hupe, who did a great job.We also thank Reinhard
Langel, Lars Szwec and Jens Dyckmans for isotope analyses and
Mick Locke for carefully correcting our English. This study was
funded by the German Research Foundation (DFG; JO 362/9-1).

References

Anglade J, Billen G, Garnier J (2015) Relationships for estimating
N2 fixation in legumes: incidence for N balance of legume-
based cropping systems in Europe. Ecosphere 6:37

Arcand MM, Knight JD, Farrell RE (2013a) Temporal dynamics
of nitrogen rhizodeposition in field pea as determined by 15N
labeling. Can J Plant Sci 93:941–950

Arcand MM, Knight JD, Farrell RE (2013b) Estimating below-
ground nitrogen inputs of pea and canola and their contribu-
tion to soil inorganic N pools using 15N labeling. Plant Soil
371:67–80

Brookes P, Landman A, Pruden G, Jenkinson D (1985)
Chloroform fumigation and the release of soil nitrogen : a
rapid direct extraction method to measure microbial biomass
nitrogen in soil. Soil Biol Biochem 17:837–842

Dupont L, Alloing G, Pierre O, El Msehli S, Hopkins J, Hérouart
D, Frendo P (2012) The legume root nodule: from symbiotic

Plant Soil (2018) 431:143–157 155



nitrogen fixation to senescence. In: Nagata T (ed)
Senescence. InTech Open Access Publisher, London

Engels C, Körschens M (2010) Bedeutung ober- und unterirdischer
Ernte- und Stoppelrückstände für die Humusbilanzierung.
Humusbilanzierung landwirtschaftlicher Böden –
Einflussfaktoren und deren Auswirkungen. Verband Deutscher
Landwirtschaftlicher Untersuchungs- und Forschungsanstalten
e.V. (VDLUFA), Speyer

Faust S, Heinze S, Ngosong C, Sradnick A, OltmannsM, Raupp J,
Geisseler D, Joergensen RG (2017) Effect of biodynamic soil
amendments on microbial communities in comparison with
inorganic fertilization. Appl Soil Ecol 114:82–89

Fustec J, Lesuffleur F, Mahieu S, Cliquet JB (2010) Nitrogen
rhizodeposition of legumes. A review. Agron Sustain Dev
30:57–66

Gavito ME, Curtis PS, Jakobsen I (2001) Neither mycorrhizal
inoculation nor atmospheric CO2 concentration has strong
effects on pea root production and root loss. New Phytol 149:
283–290

Grayston SJ, VaughanD, Jones D (1997) Rhizosphere carbon flow
in trees in comparison with annual plants: the importance of
root exudation and its impact on microbial activity and nu-
trient availability. Appl Soil Ecol 5:29–56

Hamel C, Nesser C, Barrantes-Cartin U, Smith DL (1991)
Endomycorrhizal fungal species mediate 15N transfer from
soybean to maize in non-fumigated soil. Plant Soil 138:41–47

Hodge A (2004) The plastic plant: root responses to heterogeneous
supplies of nutrients. New Phytol 162:9–24

Hupe A, Schulz H, Bruns C, Joergensen RG, Wichern F (2016)
Digging in the dirt – inadequacy of belowground plant bio-
mass quantification. Soil Biol Biochem 96:137–144

Jakobsen I (1986) Vesicular-arbuscular mycorrhiza in field-grown
crops. III. Mycorrhizal infection and rates of phosphorus
inflow in pea plants. New Phytol 104:573–581

Jannoura R, Kleikamp B, Dyckmans J, Joergensen RG (2012)
Impact of pea growth and arbuscular mycorrhizal fungi on
the decomposition of 15N-labeled maize residues. Biol Fertil
Soils 48:547–560

Janzen HH, Bruinsma Y (1989) Methodology for the quanti-
fication of root and rhizosphere nitrogen dynamics by
exposure of shoots to 15N-labelled ammonia. Soil Biol
Biochem 21:189–196

Joergensen RG, Mueller T (1996) The fumigation-extraction
method to estimate soil microbial biomass: calibration of
the kEN value. Soil Biol Biochem 28:33–37

Jones DL, Hodge A, Kuzyakov Y (2004) Plant and mycorrhizal
regulation of rhizodeposition. New Phytol 163:459–480

Jones DL, Nguyen C, Finlay RD (2009) Carbon flow in the
rhizosphere: carbon trading at the soil–root interface. Plant
Soil 321:5–33

Kanders MJ, Berendonk C, Fritz C, Watson C, Wichern F (2017)
Catch crops store more nitrogen below-ground when consid-
ering rhizodeposits. Plant Soil. https://doi.org/10.1007
/s11104-017-3259-0

Kleikamp B, Joergensen RG (2006) Evaluation of arbuscular
mycorrhiza with symbiotic and nonsymbiotic pea isolines
at three sites in the Alentejo, Portugal. J Plant Nutr Soil
Sci 169:661–669

Kühn C, Grof CP (2010) Sucrose transporters of higher plants.
Curr Opin Plant Biol 13:287–297

Kuzyakov Y, Domanski G (2000) Carbon input by plants into the
soil. Review J Plant Nutr Soil Sci 163:421–431

Lalonde S, Tegeder M, Throne-Holst M, Frommer WB, Patrick
JW (2003) Phloem loading and unloading of sugars and
amino acids. Plant Cell Environ 26:37–56

Lloyd DA, Ritz K, Paterson E, Kirk GJD (2016) Effects of soil
type and composition of rhizodeposits on rhizosphere prim-
ing. Soil Biol Biochem 103:512–521

Mada RJ, Bagyaraj DJ (1993) Root exudation from Leucaena
leucocephala in relation to mycorrhizal colonization. World
J Microbiol Biotechnol 9:342–344

Mahieu S, Fustec J, Faure M-L, Corre-Hellou G, Crozat Y (2007)
Comparison of two 15N labelling methods for assessing
nitrogen rhizodeposition of pea. Plant Soil 295:193–205

Mahieu S, Fustec J, Jensen ES, Crozat Y (2009) Does labelling
frequency affect N rhizodeposition assessment using the
cotton-wick method? Soil Biol Biochem 41:2236–2243

Mayer J, Buegger F, Jensen ES, Schloter M, Heß J (2003a)
Residual nitrogen contribution from grain legumes to
succeeding wheat and rape and related microbial process.
Plant Soil 255:541–554

Mayer J, Buegger F, Jensen ES, Schloter M, Heß J (2003b)
Estimating N rhizodeposition of grain legumes using a 15N
in situ stem labelling method. Soil Biol Biochem 35:21–28

McNeill AM, Fillery IRP (2008) Field measurement of lupine
belowground nitrogen accumulation and recovery in the sub-
sequent cereal–soil system in a semi-arid Mediterranean-type
climate. Plant Soil 302:297–316

Mueller T, Joergensen RG, Meyer B (1992) Estimation of soil
microbial biomass C in the presence of living roots by
fumigation-extraction. Soil Biol Biochem 24:179–181

Neumann G, Römheld V (2007) The release of root exudates as
affected by the plant physiological status. In: Pinton R,
Varanini Z, Nannipieri Z (eds) The rhizosphere: biochemistry
and organic substances at the soil-plant Interface. Marcel
Dekker, New York, pp 23–72

Nguyen C (2003) Rhizodeposition of organic C by plant : mech-
anisms and controls. Agronomie 23:375–396

Parniske M (2008) Arbuscular mycorrhiza: the mother of plant
root endosymbioses. Nat Rev Microbiol 6:763–775

Pausch J, Tian J, Riederer M, Kuzyakov Y (2013) Estimation of
rhizodeposition at field scale: upscaling of a 14C labeling
study. Plant Soil 364:273–285

Poorter H, Bühler J, van Dusschoten D, Climent J, Postma JA
(2012) Pot size matters: a meta-analysis of the effects of
rooting volume on plant growth. Funct Plant Biol 39:839–850

Potthoff M, Loftfield N, Buegger F, Wick B, John B, Joergensen
RG, Flessa H (2003) The determination of δ13C in soil
microbial biomass using fumigation-extraction. Soil Biol
Biochem 35:947–954

Pritchard SG, Rogers HH (2000) Spatial and temporal deployment
of crop roots in CO2-enriched environments. New Phytol
147:55–71

Rees RM, Bingham IJ, Baddeley JA, Watson CA (2005) The role
of plants and land management in sequestering soil carbon in
temperate arable and grassland ecosystems. Geoderma 128:
130–154

Rillig MC, Mummey DL (2006) Mycorrhizas and soil structure.
New Phytol 171:41–53

156 Plant Soil (2018) 431:143–157

https://doi.org/10.1007/s11104-017-3259-0
https://doi.org/10.1007/s11104-017-3259-0


Russell CA, Fillery IRP (1996) Estimates of lupine below-ground
biomass nitrogen, drymatter, and nitrogen turnover to wheat.
Crop Pasture Sci 47:1047–1059

Salon C, Munier-Jolain N (2010) Carbon and nitrogen fluxes
within the plant. In: Munier-Jolain N, Biarnès V, Chaillet I,
Lecoeur J, Jeuffroy MH (eds) Physiology of the pea crop.
CRC Press, Boca Raton, pp 88–95

Salon C, Avice J, Larmure A, Ourry A, Prudent M, Voisin A
(2007) Plant N fluxes and modulation by nitrogen, heat and
water stresses: a review based on comparison of legumes and
non legume plants. In: Shanker AK, Venkateswarlu B (eds)
Abiotic Stress in Plants–Mechanisms and Adaptations.
Intech Open Access Publisher, Rijeka, pp 79–118

Shamoot S, McDonald I, BartholomewWV (1968) Rhizodeposition
of organic debris in soil. Soil Sci Soc Am Proc 32:817–820

Smith SE, Facelli E, Pope S, Smith FA (2010) Plant performance in
stressful environments: interpreting new and established knowl-
edge of the roles of arbuscular mycorrhizas. Plant Soil 326:3–20

Uren NC (2001) Types, amounts, and possible functions of com-
pounds released into the rhizosphere by soil-grown plants. In:
Pinton R, Varanini Z, Nannipieri Z (eds) The rhizosphere:
biochemistry and organic substances at the soil-plant
Interface. Marcel Dekker, New York, pp 19–40

Vance ED, Brookes PC, Jenkinson DS (1987) An extraction
method for measuring soil microbial biomass C. Soil Biol
Biochem 19:703–707

Wichern F, Mayer J, Joergensen RG, Müller T (2007a) Release of
C and N from roots of peas and oats and their availability to
soil microorganisms. Soil Biol Biochem 39:2829–2839

Wichern F, Mayer J, Joergensen RG, Müller T (2007b)
Rhizodeposition of C and N in peas and oats after 13C–15N
double labelling under field conditions. Soil Biol Biochem
39:2527–2537

Wichern F, Eberhardt E,Mayer J, Joergensen RG,Müller T (2008)
Nitrogen rhizodeposition in agricultural crops: methods, es-
timates and future prospects. Soil Biol Biochem 40:30–48

WichernF,Mayer J, JoergensenRG,Müller T (2010) Evaluation
of the wick method for in situ 13C and 15N labelling of
annual plants using sugar-urea mixtures. Plant Soil 329:
105–115

Witte CP (2011) Urea metabolism in plants. Plant Sci 180:431–438
Wu J, Joergensen RG, Pommerening B, Chaussod R, Brookes PC

(1990) Measurement of soil microbial biomass C by
fumigation-extraction - an automated procedure. Soil Biol
Biochem 22:1167–1169

Yasmin K, Cadisch G, Baggs EM (2010) The significance of
below-ground fractions when considering N and C
partitioning within chickpea (Cicer arietinum L.). Plant Soil
327:247–259

Yoneyama T, Ito O, Engelaar WMHG (2003) Uptake, metabolism
and distribution of nitrogen in crop plants traced by enriched
and natural 15N: progress over the last 30 years. Phytochem
Rev 2(1–2):121–132

Zhang F, Hamel C, Kianmehr H, Smith DL (1995) Root-zone
temperature and soybean [Glycine max. (L.) Merr.]
vesicular-arbuscular mycorrhizae: development and in-
teractions with the nitrogen fixing symbiosis. Environ
Exp Bot 35:287–298

Plant Soil (2018) 431:143–157 157


	Even flow? Changes of carbon and nitrogen release �from pea roots over time
	Abstract
	Abstract
	Abstract
	Abstract
	Abstract
	Introduction
	Materials and methods
	Soil
	Experimental design and plant labelling
	Sampling and analyses
	Calculation and statistical analyses

	Results
	Tracer uptake, plant enrichment and tracer recovery
	Development of plant biomass and time course of rhizodeposition
	Transfer of rhizodeposits into microbial biomass, inorganic N and extractable C
	Mycorrhization and rhizodeposition

	Discussion
	Tracer uptake, plant enrichment and tracer recovery
	Belowground plant C and N
	Amounts, time course and fate of rhizodeposition
	Influence of mycorrhiza on rhizodeposition

	Conclusions
	References


