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Abstract
Glutamate is the predominant excitatory neurotransmitter in the mammalian central nervous system (CNS). A family of 
five  Na+-dependent transporters maintain low levels of extracellular glutamate and shape excitatory signaling. Shortly after 
the research group of the person being honored in this special issue (Dr. Baruch Kanner) cloned one of these transporters, 
his group and several others showed that their activity can be acutely (within minutes to hours) regulated. Since this time, 
several different signals and post-translational modifications have been implicated in the regulation of these transporters. 
In this review, we will provide a brief introduction to the distribution and function of this family of glutamate transporters. 
This will be followed by a discussion of the signals that rapidly control the activity and/or localization of these transport-
ers, including protein kinase C, ubiquitination, glutamate transporter substrates, nitrosylation, and palmitoylation. We also 
include the results of our attempts to define the role of palmitoylation in the regulation of GLT-1 in crude synaptosomes. 
In some cases, the mechanisms have been fairly well-defined, but in others, the mechanisms are not understood. In several 
cases, contradictory phenomena have been observed by more than one group; we describe these studies with the goal of 
identifying the opportunities for advancing the field. Abnormal glutamatergic signaling has been implicated in a wide variety 
of psychiatric and neurologic disorders. Although recent studies have begun to link regulation of glutamate transporters to 
the pathogenesis of these disorders, it will be difficult to determine how regulation influences signaling or pathophysiology 
of glutamate without a better understanding of the mechanisms involved.
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Abbreviations
CNS  Central nervous system
cAMP  Cyclic adenosine monophosphate
dbcAMP  Dibutyryl cyclic adenosine monophosphate
EAAC1  Excitatory amino acid carrier 1
EAAT   Excitatory amino acid transporter
GABA  Gamma aminobutyric acid
GLUT-4  Glucose transporter type 4
GLAST  Glutamate aspartate transporter
GLT-1  Glutamate transporter 1
iGluRs  Ionotropic glutamate receptors

MDCK  Madin-Darby Canine Kidney
mGluRs  Metabotropic glutamate receptors
MPTP  1-Methyl-4-phenyl-1,2,3,6-tetrahydropyridine
MPP+  1-Methyl-4-phenylpyridinium
NHERF3  Na+/H+-exchanger regulatory protein
PPARα  Peroxisome proliferator-activated 

receptor-alpha
PDGF  Platelet-derived growth factor
PDZ  Post-synaptic density-95/Discs large/Zonula 

occludens
PKC  Protein kinase C
WT  Wild type

Introduction

Glutamate as a Neurotransmitter

The amino acid, glutamate, is the predominant excitatory 
neurotransmitter in the mammalian central nervous system. 
It is also the most abundant neurotransmitter in the brain 
with levels that approximate 10 mmol/kg [for review, see 1]. 
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Glutamatergic signaling is required for essentially all rapid 
excitatory synaptic transmission and contributes to learning, 
memory, and cognition (for reviews, see [2–5]). Glutamate 
is also likely used as a significant source of fuel through 
oxidative metabolism (for reviews, see [6–9]). In fact, the 
yield of ATP from oxidation of glutamate can be as high as 
two-thirds of that obtained from glycolysis/oxidation of glu-
cose, and the levels of glutamate are approximately 20-fold 
higher than those of glucose [8, 10]. Glutamate is also one 
of the three amino acids required for synthesis of one of 
the major anti-oxidants, glutathione [11, 12]. Glutamatergic 
signaling is mediated by two families of receptors, ligand-
gated ion channels also called ionotropic receptors (iGluRs) 
and G protein-coupled receptors also referred to as metabo-
tropic receptors (mGluRs) (for reviews, see [13–20]). Some 
of these receptors mediate very rapid signaling with a time 
course of a few msec [21–23], while others have a slower 
time course that can last seconds [19, 20, 24–27]. These 
receptors are heterogeneously distributed around the synapse 
and on surrounding cells (e.g. astroglia). Over 30 years ago, 
several different groups demonstrated that excessive acti-
vation of glutamate receptors can cause neuronal loss and 
that blocking glutamate receptors in vivo can attenuate the 
damage observed in animal models of acute injury (stroke 
and trauma). Abnormal excitatory signaling has also been 
implicated in chronic neurodegenerative and psychiatric dis-
orders (for reviews, see [3, 28–34]). Given the importance of 
excitatory signaling to information processing and several 
different neurologic/psychiatric disorders, it should not be 
surprising that the extracellular concentrations of glutamate 
are tightly controlled.

Using microdialysis, the extracellular levels of glutamate 
were originally estimated to be as high as 10 µM [35–37], 
but several of the glutamate receptors are activated by high 
nM or low micromolar concentrations of glutamate [19, 27]. 
At 10 µM, most glutamate receptors would be tonically acti-
vated and/or desensitized/inactivated, and there would be lit-
tle or no glutamatergic signaling. More recent studies using 
glutamate receptor activation as a bioassay have placed the 
synaptic concentrations of glutamate closer to 25 nM [38]. 
While some have suggested that the concentrations of gluta-
mate may vary in different extracellular compartments [39], 
there is no evidence for a gradient in hippocampal slices 
[40]. Nevertheless, it seems likely that local enrichment of 
transporters differentially shapes the kinetics of glutamate 
clearance. With total brain glutamate levels of 10 mmol/
kg, this puts the transmembrane gradient at something like 
250,000-fold, if glutamate were uniformly distributed inside 
cells. While this assumption is certainly wrong because glu-
tamate is estimated to be as high as 100 mM in synaptic 
vesicles (for discussion, see [24]), neurons and glia expend 
a tremendous amount of energy to keep extracellular levels 
of glutamate very low. Therefore, glutamate can spill out of 

subcellular compartments and cells under conditions that 
deplete brain energy.

Importance of Glutamate Transport

Extracellular concentrations of glutamate are controlled by 
a family of five  Na+-dependent transporters and by a chlo-
ride-dependent transport system, called system X−

c
 . The 

 Na+-dependent transporters include: GLAST, GLT-1, and 
EAAC1 (also known as EAAT1-3, respectively), EAAT4, 
and EAAT5. The rodent genes for these transporters are 
referred to as Slc1a3, Slc1a2, Slc1a1, Slc1a6, and Slc1a7, 
respectively. These transporters are heterogeneously distrib-
uted in the nervous system [41–43]. GLT-1 and GLAST are 
enriched in astrocytes with higher levels of GLT-1 found in 
forebrain astrocytes and higher levels of GLAST found in 
cerebellar astrocytes (Bergmann glia) or retinal astrocytes 
(Müller glia) [41, 44–47]. The levels of GLT-1 increase 
dramatically during the period of synaptogenesis in both 
rodents and humans, and GLAST levels also increase dur-
ing development [48, 49]. Although some investigators have 
observed EAAC1 immunoreactivity in astrocytes and oligo-
dendroglia [50, 51], several commercial antibodies bind to 
tissue from EAAC1 knock-out animals [52]; at least some 
of these cross-react with tubulin [53]. When one uses anti-
bodies that do not display this cross-reactivity, EAAC1 is 
restricted to cell bodies and dendrites of neurons [41, 54]. 
EAAT4 expression is highest in cerebellar Purkinje cells, 
but it is also found elsewhere in the nervous system [55–58]. 
EAAT5 was originally thought to be exclusively expressed 
in photoreceptors and bipolar cells of the retina, but several 
mRNA splicing variants of EAAT5 are found throughout the 
brain [59–62]. These transporters are not uniformly distrib-
uted on the plasma membrane. For example, expression of 
GLT-1 and GLAST is enriched on fine astrocyte processes 
that oppose excitatory synapses [44, 45]. EAAT4 is enriched 
in cell bodies and dendrites, and EAAT5 is enriched in pre-
synaptic nerve terminals [56, 63].

These transporters are thought to share the same stoichi-
ometry with one  H+ and three  Na+ ions accompanying the 
inward movement of a single molecule of glutamate com-
bined with the outward movement of one  K+ ion [64–66]. 
These transporters also have a substrate-activated  Cl− con-
ductance that is uncoupled from transport [59, 67–70]. 
Compared to the rapid ms signaling that can occur at glu-
tamatergic synapses, these transporters are relatively slow 
with cycle times that range from 10 to ~ 300 ms [71–73]. 
The ‘slower’ transporters, EAAT4 and EAAT5, tend to have 
a larger  Cl− conductance, consistent with the notion that 
these transporters function more as glutamate-activated 
inhibitory ‘receptors’ [63, 71, 74]. The faster transporters, 
GLT-1, GLAST and EAAC1, have cycle times of 10 to 50 
ms [71–73, 75, 76], but this is still too slow to influence 



63Neurochemical Research (2022) 47:61–84 

1 3

the kinetics of the faster forms of excitatory signaling [72]. 
Thus, unlike cholinergic signaling that is terminated by ace-
tylcholinesterase, a diffusion rate limited enzyme that can 
cleave a molecule of acetylcholine in about 50 µs [77, 78], 
the time-course of rapid glutamatergic signaling is not likely 
controlled by transporter cycling. The levels of GLT-1 are 
as high as 1% of brain protein, and the concentrations are 
high enough to bind all the glutamate in a single vesicle [79]. 
In fact, Huang and colleagues demonstrated that transport-
ers control excitatory signaling by binding glutamate, thus 
functioning as ‘buffers’ to limit the amplitude of excitatory 
responses rather than controlling the time-course ([80] for 
recent, discussion see [81]). Several more recent electro-
physiologic studies have shown that the effects of transport 
on excitatory signaling are more complicated; the relative 
locations of transporters and subtypes of receptors combined 
with diffusion shape excitatory signaling [72, 82–84].

Under conditions that impair the supply of energy needed 
to fuel the transmembrane ion gradients, these transport-
ers fail to clear extracellular glutamate. In addition, these 
transporters can operate in reversed-direction releasing 
cytosolic glutamate into the extracellular space. This trans-
port-dependent increase in extracellular glutamate has been 
observed after stroke-like insults [85–87]. Thus, although 
glutamate transport is generally considered beneficial, there 
is evidence that these transporters can contribute to damage 
observed with these insults (for review, see [88]).

Glutamate transporter function, localization, transcrip-
tional regulation, and relationships to disease have been the 
topic of several reviews [42, 43, 68, 70, 89–109] and there 
is one recent review of the post-translational regulation of 
GLT-1 [110]. In this review, we will focus on the rapid regu-
lation of each member of this transporter family.

Methodological Considerations

Before we begin, we need to provide some background infor-
mation regarding complications with the systems used to 
study this regulation and with the interpretation of measures 
of glutamate uptake. One would ideally like to study regula-
tion in a native preparation in case the effects are depend-
ent upon cellular context. As indicated above, GLT-1 and 
GLAST are enriched in astrocytes in vivo, but astrocytes 
in culture do not express much or any GLT-1 [111–114]. 
They do express GLT-1 after treatment with compounds 
like dibutyryl cAMP, epidermal growth factor, etc. [for 
review, see 106] or by co-culturing them with neurons or 
endothelia [112–116], but GLT-1-mediated activity, defined 
using compounds like dihydrokainate that selectively inhibit 
GLT-1 [117], represents less than 10 % of the total activity 
even under these conditions. This does, however, make it 
relatively easy to study regulation of GLAST using cultured 
astrocytes. One limitation of these analyses is that unlike 

astrocytes in vivo that are polarized with processes that 
sheath blood vessels or extend to synapses, these cultured 
astrocytes are not polarized [118], and they are molecularly 
quite different from astrocytes found in vivo [119]. Synap-
tosomes have also been used. These subcellular fractions 
are relatively enriched in nerve terminals, but they also 
contain resealed glial membranes [120]. The pharmacol-
ogy of glutamate transport in synaptosomes from forebrain 
closely parallels that observed for GLT-1 and is different 
from that observed with the other members of this family 
(for review, see [90]). In fact, complete deletion of GLT-1 
from mice reduces glutamate uptake to 5% of control in syn-
aptosomes prepared from cortex [121]. Originally, we and 
othersthought this meant that glial GLT-1 mediated essen-
tially all of the uptake in synaptosomes because most GLT-1 
immunoreactivity is observed in astrocytes in vivo (for a 
review, see [92]). This conclusion was not consistent with 
older findings of direct accumulation of glutamate transport 
substrates into nerve terminals [122–126]. In fact, low levels 
of GLT-1 mRNA and protein had also been detected in neu-
rons in vitro and in vivo [127–131]. More recently, GLT-1 
has been selectively deleted from either neurons or astro-
cytes in vivo using cell-selective, Cre-recombinase-induced 
gene excision [132, 133]. In these studies, deletion of GLT-1 
from neurons has a minimal effect on synaptosomal GLT-1 
protein levels (90–95% of control), but it reduces glutamate 
uptake in synaptosomes to ~ 50% of control. Deletion of 
GLT-1 from astrocytes reduces GLT-1 immunoreactivity 
in synaptosomes to 20% of control and only has a small 
effect on uptake (to 85% of control). While the fact that 
the effects on uptake do not add up to 100% suggest that 
deletion of neuronal or glial GLT-1 may result in a com-
pensatory up-regulation of GLT-1 in the other cell, these 
studies show that synaptosomal uptake of glutamate repre-
sents a mixture of both glial and neuronal pools of GLT-1 
(for reviews, see [134, 135]). While heterologous expres-
sion systems are potentially useful for detailed analyses of 
mechanisms, there are complications. First,  Na+-dependent 
glutamate transporters are widely distributed and expressed 
by most cells used for expression analyses [136–138]. This 
complicates analyses of transport activity that is mediated by 
both the endogenous and the exogenous transporter. While 
over-expression could enrich the contribution of an exog-
enous transporter, there is evidence that over-expression 
can blunt protein kinase C-dependent internalization of the 
dopamine transporter [139], making it hard to relate results 
to a native system. Finally, heterologous expression systems 
may lack a protein or express a protein that changes the way 
a transporter is regulated (for an example, see "Regulation 
of EAAC1 by PKC" below). Glutamate transport activity 
is generally measured using radioactive substrates, l-[3 H]-
glutamate or d-[3 H]-aspartate. There are several ways to 
indirectly change  Na+-dependent glutamate uptake. First, the 
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uptake of these substrates is dependent on the availability of 
ATP that is required to support the  Na+ gradients that drive 
transport activity [140]. Glutamate uptake is also activated 
by ATP-activated inward rectifying  K+ channels (Kir4.1) 
[141, 142]. This means that changes in uptake can be caused 
by indirect effects on electrochemical gradients/K+ chan-
nels. Second, these transporters can function as exchangers. 
Under these conditions, radioactive substrate is exchanged 
for non-radioactive substrate at 1:1 stoichiometry across the 
plasma membrane. There is evidence that exchange is faster 
than net inward flux (for discussion, see [71]), but this was 
not observed with reconstituted GLT-1 [143]. Nevertheless, 
changing intracellular pools of glutamate or aspartate can 
change the driving force and the rate at which radioactive 
substrate accumulates inside the cell (for further discussion, 
see [134]). Therefore, changes in uptake may or may not be 
indicative of a selective effect on a glutamate transporter.

In the following sections, we will describe what is known 
about the signaling pathways that rapidly regulate the activ-
ity, subcellular localization, and/or levels of the various 
glutamate transporters. For the purposes of this review, we 
define rapid as effects that occur within minutes to a few 
hours and are presumably independent of transcription/trans-
lation. In at least a few cases, the results are complicated 
and/or contradictory. In most of these cases, we include cita-
tions to more than one study with the goal of demonstrat-
ing that many of these results are reproducible and likely 
informative. The differences may be a reflection of cellular 
milieu, and it may be possible to identify proteins that con-
tribute to this differential regulation.

Regulation by Protein Kinase C

Protein kinase C (PKC) belongs to the AGC super family 
of Ser/Thr kinases. There are three different subfamilies of 
PKC and each has subtypes within these subfamilies, includ-
ing conventional PKC (PKCα, β, and γ), novel (PKC δ, ε, 
η, and θ) and atypical (PKC ζ and ι) (for review, see [144]). 
The different subfamilies are activated by different stimuli. 
Conventional PKCs are activated by  Ca2+ and diacylglyc-
erol, novel PKCs are activated by diacylglycerol only, and 
atypical PKCs use a scaffolding protein for activation. Phor-
bol esters activate the first two families of PKC, but phorbol 
esters can have effects that are independent of PKC [145]. 
Dozens of laboratories, including our own, have published 
analyses of the linkages of PKC to glutamate transport activ-
ity. Many of the initial studies sought to define the mecha-
nisms by which PKC regulates glutamate transport activity, 
including testing for correlations with changes in the num-
bers of transporters in the plasma membrane. More recently, 
there has been an emphasis on linking PKC-dependent regu-
lation of these transporters to disease. In the sections below, 

we will address various themes that have emerged, including 
the fact that PKC regulates glutamate transport in ways that 
are difficult to reconcile with simple models.

Regulation of GLAST by PKC

The effects of phorbol ester-dependent activation of PKC on 
GLAST-mediated uptake have been examined using astro-
cytes prepared from cortex, cerebellum (Bergmann glia), 
and retina (Müller cells). In Bergmann glia [146, 147] and 
Müller cells [148, 149], activation of PKC with phorbol 
esters decreases the  Vmax for glutamate transport. The time 
course for this effect is on the order of 15 min to an hour, 
and the effects are blocked by PKC antagonists. Activa-
tion of PKC had no effect on  Na+-dependent glycine or 
GABA uptake, indicating that the decrease in glutamate 
uptake is not due to a decrease in the  Na+-electrochemical 
gradient. In these cells, where GLAST is the only subtype 
of  Na+-dependent glutamate transporter expressed, the 
effects of phorbol esters on glutamate uptake are correlated 
with a redistribution of GLAST from the cell surface to 
an intracellular compartment [146, 148, 149]. With longer 
incubations (6 h), activation of PKC causes a decrease in 
total GLAST protein levels [146, 148]. These results are 
consistent with the notion that prolonged activation of PKC 
can trigger internalizationand degradation of GLAST (see 
Fig. 1 for schematic).

In cortical astrocytes, the story is more complicated. 
Some laboratories find that activation of PKC causes an 
increase in glutamate uptake [147, 150, 151]. This increase 
occurs relatively rapidly (within 15 to 30 min), it is blocked 
by inhibitors of PKC, and it is associated with an increase in 
 Vmax.  Na+-dependent glycine uptake is not altered by PKC 
[151], indicating that this effect is not caused by an increase 
in the  Na+-electrochemical gradient. In other studies using 
seemingly the same cells, phorbol esters decrease [152, 153] 
or have no significant effect on glutamate transport [154]. 
Endothelin-1, a receptor agonist that can activate PKC, 
also causes a decrease in glutamate uptake [155]. These 
decreases in uptake occur on a similar timescale (15–30 
min), are associated with a decrease in  Vmax, and are blocked 
by inhibitors of PKC. Under the conditions used for both 
sets of studies, these cortical cultures exclusively express 
GLAST, and this was confirmed in several of these studies. 
In some of these studies, activation of PKC is associated 
with a loss of GLAST at the cell surface and a decrease in 
total GLAST immunoreactivity [151, 156], and it has also 
been associated with the appearance of GLAST in extracel-
lular vesicles [153]. The different effects on GLAST activity 
have even been observed within the same study. For exam-
ple, Bernabé and colleagues found that activatin of PKC 
decreases glutamate transport in cerebellar astrocytes, and it 
has the opposite effect in cortical astrocytes [147]. Similarly, 
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Susarla and colleagues observed a PKC-dependent increase 
in transport activity in the same cultures that they docu-
mented a loss of GLAST protein [151]. Together these stud-
ies show that PKC can both increase and decrease GLAST-
mediated activity, but activation of PKC causes a decrease 
in the levels of GLAST in the plasma membrane.

In Xenopus oocytes or human embryonic kidney cells that 
exogenously express GLAST, activation of PKC decreases 
glutamate uptake [157]. This effect is associated with incor-
poration of radioactive phosphate into GLAST immunopre-
cipitates. In this same study, this group found that mutation 
of consensus sites for PKC phosphorylation do not abolish 
PKC-dependent regulation of GLAST uptake, nor do they 
abolish incorporation of phosphate. Finally, they observed 
no evidence of intracellular accumulation of GLAST; this 
could be consistent with the rapid loss of GLAST immuno-
reactivity observed by Susarla in astrocytes [151], the secre-
tion of GLAST into vesicles observed by Gosselin [153], 
or an effect of over-expression, which as mentioned above 

can blunt PKC-dependent internalization of the dopamine 
transporter [139].

More recently, some investigators have extended these 
analyses to animal models of disease that are associated 
with decreased GLAST protein. For example, in a rat model 
of neuropathic pain in which the sciatic nerve is partially 
ligated, there is a decrease in glutamate uptake in spinal 
cord synaptosomes measured using radioactive glutamate 
and in astrocytes where uptake was measured by record-
ing glutamate transporter evoked currents [158]. This group 
also showed that interleukin-1 beta or phorbol ester cause 
a decrease in glutamate uptake in this system, and that a 
PKC antagonist blocks both of these effects. They used an 
inhibitor of dynamin and actin disrupting agents to impli-
cate endocytosis in these effects and observed lower levels 
of GLAST (and GLT-1) in subcellular fractions enriched 
in plasma membranes and higher levels in cytosolic frac-
tions. The decreases in glutamate uptake were rapidly 
reversed in many of these experiments, suggesting that 

Fig. 1  Schematic model of PKC-dependent regulation of GLAST. 
Activation of PKC has two distinct effects on GLAST-mediated activ-
ity. It can increase GLAST activity by a mechanism that has not yet 
been defined (dashed arrow). Activation can also decrease GLAST 
mediated activity by a mechanism that depends on Nedd4-2 and pre-
sumably ubiquitination/internalization of GLAST. It is not known 
if the effects of PKC are dependent upon direct phosphorylation 

of Nedd4-2. It is not known if or how the fate of GLAST is regu-
lated after internalization, but it can be recycled back to the plasma 
membrane, targeted for degradation, or incorporated into vesicles for 
release into the extracellular space. Interleukin 1B or endothelin-1 
also couple to decreases in GLAST via activation of PKC. Dashed 
arrows depict mechanisms that have not been defined
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these transporters are not necessarily targeted for degrada-
tion; they may be available for recycling back to the plasma 
membrane. In animals treated with 1-methyl-4-phenyl-
1,2,3,6-tetrahydropyridine (MPTP), a toxin used to model 
Parkinson’s Disease, or in astrocytes treated with the active 
toxin, 1-methyl-4-phenylpyridinium  (MPP+), there is a loss 
of GLAST protein and a decrease in glutamate uptake. Both 
of these effects are blocked by knocking down expression of 
the ubiquitin ligase, Nedd4-2 [159]. This would seemingly 
implicate ubiquitination in the loss of GLAST, but they were 
unable to detect GLAST in ubiquitin immunoprecipitates 
(even though they detected GLT-1 in these immunoprecipi-
tates). It is possible that the GLAST antibody was not suf-
ficiently sensitive or that ubiquitinated GLAST is rapidly 
degraded. Finally, decreased GLAST expression is observed 
in a bone cancer-induced model of pain; this effect is associ-
ated with increased PKC expression [160].

A schematic summary of PKC-dependent regulation of 
GLAST is provided in Fig. 1. While PKC can clearly cause 
internalization of GLAST and a decrease in transport activ-
ity, there are several issues that remain unresolved. First, the 
target of PKC has not been identified. No site on GLAST has 
been identified that abolishes this effect. Although Nedd4-2 
is also phosphorylated by PKC [161], no specific sites have 
been identified that upon appropriate mutation either mimic 
or block the effects of PKC on GLAST. Second, although 
the ubiquitin ligase, Nedd4-2, has been implicated in the 
regulation of GLAST in oocytes [162] and in models of 
Parkinson’s Disease [159], incorporation of ubiquitin into 
GLAST has not been documented. Third, it is not clear 
why some observe a PKC-dependent increase in GLAST-
mediated activity while others observe a PKC-dependent 
decrease in activity. There are no obvious differences in the 
methods used to prepare these cultures, and the cultures are 
consistently enriched in cells that express glial fibrillary 
acidic protein, a marker of astrocytes. Nevertheless, it seems 
likely that the differential effects of PKC are dependent on 
an un-identified protein(s) that are differentially expressed in 
cultures prepared in different laboratories. As a related issue, 
it is not clear how PKC increases GLAST-mediated uptake. 
It seems likely that the effects of PKC are dependent on 
some other protein. One possibility is mitochondrial ATP-
activated  K+ channels. Openers of these channels increase 
glutamate uptake in cortical astrocytes, and these channels 
are activated by PKC [163]. Finally, it is not clear how, or 
if, the fate of internalized GLAST is determined, but it can 
be targeted for degradation, for exocytosis in vesicles, or 
recycling back to the plasma membrane.

Regulation of GLT‑1 by PKC

The results of analyses of acute regulation of GLT-1 by PKC 
are similarly contradictory, but more progress has been made 

with certain mechanistic aspects. In astrocytes grown under 
conditions in which GLT-1-mediated activity can be meas-
ured using a GLT-1 selective inhibitor (dihydrokainate), 
activation of the mGluR5 subtype of glutamate receptor 
causes a PKC-dependent increase in GLT-1-mediated activ-
ity [164–166]. This increase in glutamate uptake requires 
PKCε [166] (see Fig. 2 for schematic). In synaptosomes pre-
pared from different forebrain regions, where GLT-1 medi-
ates up to 95% of the total uptake [121], activation of PKC 
has no effect on glutamate uptake in striatal synaptosomes 
[167], decreases uptake in hippocampal synaptosomes [168], 
and has no effect on uptake in synaptosomes prepared from 
whole forebrain [169]. As mentioned above, synaptosomal 
glutamate uptake in forebrain is mediated by both neuronal 
and glial GLT-1 [132, 133]. In this regard, Daniels and col-
leagues found that in contrast to activation of PKC having no 
effect on uptake measured in synaptosomes, it increased the 
 Vmax of glutamate uptake in gliosomes prepared from fore-
brain [169]. Perhaps the variable effects observed in these 
synaptosomal studies are related to the relative contribu-
tions of glial and neuronal pools of GLT-1 to total uptake, 
but this has not been investigated. To our knowledge, it has 
not been determined if these effects are related to changes 
in the cell surface expression of GLT-1. In platelets, acti-
vation of PKC also causes an increase in GLT-1 mediated 
uptake [170]. In a very early study, Casado and colleagues 
found that activation of PKC increases the incorporation of 
radioactive phosphate into GLT-1 and increases glutamate 
uptake measured in Hela cells transfected with wild-type 
GLT-1 [150]. They also demonstrated that mutation of 
serine-113 to asparagine resulted in a transporter that was 
not activated by PKC. Recently, Chen and colleagues dem-
onstrated that the neurosteroid, dehydroepiandrosterone, 
causes a PKC-dependent increase in GLT-1-mediated cur-
rents recorded from astrocytes in hippocampal slices [171]. 
They also showed that this effect was associated with an 
increase in the amount of GLT-1 in the plasma membrane, 
as measured using a membrane impermeant biotinylation 
reagent. Together these studies show that activation of PKC 
can increase GLT-1 mediated uptake.

In other systems, activation of PKC has no effect on 
GLT-1 mediated uptake [137], causes a decrease in  Km that 
might look like an increase in transport if transport activ-
ity is only measured at lower concentrations of glutamate 
[172], or causes a decrease in GLT-1 mediated uptake 
[173–176]. The PKC-induced decreases in GLT-1-mediated 
transporter activity are associated with clustering of GLT-1 
in the plasma membrane and redistribution of GLT-1 from 
the plasma membrane to internal compartment [156, 173, 
177–180]. Using inhibitors that selectively block subtypes 
of PKC, PKCα was implicated in this regulation, and PKCα 
forms immunoprecipitable complexes with GLT-1 [178]. 
Although these effects are associated with an increase in 
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phosphorylated GLT-1, they have not been linked to the 
mutation of any particular serine residue on GLT-1 [161, 
173]. In fact, mutation of serine-520 abolishes the incor-
poration of phosphate into GLT-1 but does not block PKC-
dependent redistribution of GLT-1 [161]. This suggests that 
PKC-dependent internalization of GLT-1 is not dependent 
on direct phosphorylation of GLT-1. Activation of PKC 
causes an increase in incorporation of ubiquitin into GLT-1 
and mutation of all 11 lysine residues in the amino and 
carboxy termini of GLT-1 abolishes PKC-dependent inter-
nalization. Re-introduction of any one of several different 
lysine residues in carboxyl terminal is sufficient to restore 
PKC-dependent internalization [179, 180]. Co-expression 
of the ubiquitin ligase, Nedd4-2, with GLT-1 in Xenopus 
oocytes reduces GLT-1 mediated uptake while expression 
of a mutant variant that lacks ligase activity has no effect 
[161, 181]. In COS cells, PKC-dependent decreases in GLT-
1-mediated activity and cell surface expression are blocked 

by siRNA-mediated knock-down of Nedd4-2 [161]. In this 
same study, activation of PKC increases the amount of 
GLT-1 that is found in Nedd4-2 immunocomplexes and vice 
versa. They also showed that activation of PKC increases the 
amount of radioactive phosphate incorporated into Nedd4-2 
immunoprecipitates. Together these studies raise the possi-
bility that PKC phosphorylates and activates Nedd4-2, but 
this has not been directly demonstrated. After internaliza-
tion, GLT-1 is recycled through endosomes, and inhibition 
of the de-ubiquitinating enzyme (DUB), ubiquitin C-termi-
nal hydrolase‐L1, blocks the recycling of GLT-1 back to the 
plasma membrane [182].

In a series of recent studies, Perez-Jimenez and col-
leagues have linked Lafora disease to decreased cell surface 
expression of GLT-1 [183]. Lafora disease is caused by loss-
of-function mutations in genes that code for a glucan phos-
phatase and malin, an E3-ubiquiting ligase. It is associated 
with late onset progressive myoclonus epilepsy. They show 

Fig. 2  Schematic model of PKC-dependent regulation of GLT-1. 
mGluR5 activation causes an increase in GLT-1 mediated activity; 
this effect requires PKCε. Direct activation of PKC causes an increase 
in GLT-1 mediated activity; this effect requires serine-113. Activa-
tion of PKC can also cause a decrease in GLT-1-mediated activity. 
This effect is dependent upon PKCα, and GLT-1 forms immunopre-
cipitable complexes with PKCα. Internalization requires Nedd4-2 
and ubiquitination of any one of several different lysine residues 
on GLT-1. It is not known if Nedd4-2 is directly modified by PKC. 

Flotillin has also been implicated as a possible downstream target 
of PKC. PPARα triggers internalization and degradation of GLT-
1. After internalization, GLT-1 is either recycled back to the plasma 
membrane, targeted for degradation, or incorporated into vesicles for 
release. Sonic hedgehog (Shh) causes internalization and degradation 
by a mechanism that is dependent upon PKCδ. The de-ubiquitinating 
enzyme (DUB), ubiquitin C-terminal hydrolase‐L1, contributes to 
GLT-1 recycling.Dashed arrows depict mechanisms that have not 
been defined
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that malin also causes ubiquitination of GLT-1 at a loca-
tion other than the carboxy terminus, and this is associated 
with retention of GLT-1 at the plasma membrane. They also 
show malin causes ubiquitination of arrestin. These stud-
ies suggest that somehow Nedd4-2 and malin differentially 
control cell surface expression of GLT-1; it is possible that 
ubiquitination by malin targets arrestin for degradation, pro-
viding a brake for Nedd4-2-dependent ubiquitination and 
internalization of GLT-1.

Pharmacologic and genetic approaches have been used 
to identify the endocytic routes that contribute to PKC-
dependent redistribution of GLT-1. Hypertonic sucrose 
or a dominant-negative variant of dynamin block PKC-
dependent redistribution of GLT-1 [177, 184]. Although 
these reagents affect both clathrin-dependent and clathrin-
independent endocytosis [185], the results are consistent 
with the notion that PKC increases endocytosis of GLT-1. 
Co-expression of a dominant-negative inhibitor of the clath-
rin heavy chain attenuates PKC-dependent internalization 
of GLT-1 [184], but this may be different depending on the 
cellular context. In a study focused on PKC-dependent inter-
nalization of the dopamine transporter, Cremona and col-
leagues showed PKC-dependent internalization of GLT-1 
is blocked by knocking down expression of flotillin, a com-
ponent of a clathrin-independent endocytic pathway [186]. 
They also showed that PKC-dependent internalization of the 
dopamine transporter is  accompanied by phosphorylation of 
flotillin and that mutation of serine 315 of flotillin reduces 
PKC-dependent phosphorylation of flotillin and internali-
zation of the dopamine transporter. Although these later 
studies were not extended to analyses of GLT-1, they are 
consistent with the possibility that PKC causes internaliza-
tion of GLT-1 by phosphorylating flotillin and triggering 
flotillin-dependent endocytosis. Shortly after this study was 
published, a different group showed that endocytosis of the 
dopamine transporter is independent of flotillin, but that 
depletion of flotillin increases lateral diffusion of the dopa-
mine transporter [187]. This group suggested that flotillin 
is required for recruitment of the dopamine transporter to 
lipid rafts. The fact that GLT-1 is known to be associated 
with lipid rafts in vivo [188] suggests that PKC may cause 
clustering of GLT-1 with flotillin in lipid rafts, but this has 
not been examined.

As is observed with GLAST, longer incubations with 
phorbol ester cause a loss of GLT-1, and this loss is blocked 
by inhibitors of lysosomal degradation [152, 184]. More 
recently, sonic hedgehog has been shown to decrease GLT-
1-mediated activity [176]. This effect is blocked by inhibi-
tors of PKC and is associated with degradation of GLT-1. 
This loss of GLT-1 was blocked by an inhibitor of proteoso-
mal degradation and dependent upon PKCδ. Finally, peroxi-
some proliferator-activated receptor-alpha (PPARα) agonists 
also trigger internalization and degradation of GLT-1 [189]. 

These effects are blocked by inhibitors of PKC, implicating 
another receptor in PKC-dependent regulation of GLT-1. 
It is not known if these effects are dependent on Nedd4-2.

Together these studies demonstrate that GLT-1 activity 
and cell surface expression are acutely regulated. A sche-
matic summary of PKC-dependent regulation of GLT-1 is 
provided in Fig. 2. As is observed with GLAST, there is 
clear evidence that PKC can increase GLT-1-mediated activ-
ity. It seems likely that this is a direct effect of phosphoryla-
tion of serine 113 [190], but this needs to be tested in differ-
ent systems. There is also clear evidence that activation of 
PKC can cause internalization of GLT-1. It seems that this 
later effect is independent of direct transporter phosphoryla-
tion and instead depends on ubiquitination of GLT-1. The 
fact that GLT-1 is the most abundant of these transporters 
[54, 79] and that genetic knock-out of GLT-1 causes a severe 
phenotype [121] provides a compelling rationale for detailed 
mechanistic studies that result in the generation of specific 
tools that can be used to both determine the conditions under 
which this regulation occurs in vivo and the physiologic/
pathologic consequences of this regulation.

Regulation of EAAC1 by PKC

Activation of PKC causes an increase in EAAC1-medi-
ated activity in C6 glioma, a cell line that expresses none 
of the other  Na+-dependent glutamate transporters [191, 
192]. In fact, activation of PKC doubles L-[3 H]-glutamate 
uptake within 2 min. This effect is due to an increase in 
 Vmax and not associated with a change in  Na+-dependent 
glycine uptake [193]. A PKC-dependent increase in EAAC1-
mediated activity has been observed in several studies and 
is consistently associated with a redistribution of EAAC1 
from intracellular stores to the plasma membrane using C6 
glioma [156, 192, 194–196]. A PKC-induced increase in 
EAAC1 surface expression has been observed in other sys-
tems that endogenously express EAAC1, including human 
embryonic kidney cells [197], human SH-SY5Y neuroblas-
toma [198], and primary neuronal cultures [156, 199]. This 
is consistent with the existence of high levels of intracel-
lular EAAC1 immunoreactivity that has been observed in 
neurons in vivo [54]. Interestingly, the volatile anesthetic, 
isoflurane, also increases EAAC1-mediated activity and cell 
surface expression in C6 glioma or synaptosomes [200]. 
This effect of isoflurane is blocked by PKC antagonists or 
knockdown of PKCα. The PKC-induced increase in EAAC1 
activity and cell surface expression is mimicked by platelet-
derived growth factor (PDGF), but this increase is depend-
ent upon activation of phosphatidylinositol kinase (PI3K) 
not PKC and is smaller than that observed with PKC [201]. 
Neurotensin and endothelin-1 also increase EAAC1 surface 
expression, but these effects are not blocked by inhibitors of 
PKC or PI3K [202, 203]. Together these studies show that 
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activation of PKC (and other signaling pathways) can cause 
an increase in EAAC1-mediated activity that is associated 
with a redistribution of EAAC1 from subcellular compart-
ments to the plasma membrane.

Changes in cell surface expression can be caused by 
increasing in the rate of delivery of transporter to the plasma 
membrane or by decreasing the rate of endocytosis (Fig. 3). 
Both of these rates can be measured using tricks with bioti-
nylation and are easier to measure when there is a substan-
tial intracellular pool that rapidly cycles into and out of the 
plasma membrane. Delivery to the plasma membrane can 
be measured by determining the rate at which the amount of 

biotinylated transporter increases when cells are maintained 
at 37 °C (conditions that allow constitutive recycling). In 
both C6 glioma and primary neuronal cultures, the amount 
of biotinylated transporter doubles within 15 min, consistent 
with relatively rapid recycling of the transporter into and out 
of the plasma membrane with a half-life of between 5 and 7 
min [199]. The rate of endocytosis can be measured using 
a biotinylating reagent that contains a disulfide bond that 
can be cleaved. With this reagent, cell surface proteins are 
labelled under conditions that prevent trafficking (4 °C), and 
then cells are warmed for various periods of time before re-
cooling and stripping biotin from those proteins that remain 

Fig. 3  Schematic model of PKC-dependent regulation of EAAC1. 
There is evidence that activation of PKC increases EAAC1-mediated 
activity by three different mechanisms. First, there is an increase in 
EAAC1-mediated activity that is dependent upon PKCε and is asso-
ciated with Arl6ip1 being recruited into a complex with GTRAP3-
18 (Arl6ip5). It is not known if this dimer remains associated with 
EAAC1. PKC increases the rate of EAAC1 delivery into the plasma 
membrane. This effect is mimicked by PDGF/PI3K. PKC also slows 
the rate of endocytosis of EAAC1. Activation of PKC increases clus-
tering and co-immunoprecipitation of EAAC1 with PKCα. In MDCK 
cells (lower part of figure), regulation of EAAC1 has some overlap-

ping features (e.g. regulation by Arl6ip5), but there are several dif-
ferences. The steady state levels of EAAC1 are higher in the plasma 
membrane compared to C6 glioma and neurons. In MDCK cells, 
NHERF3 interacts with EAAC1 and stabilizes it on the plasma mem-
brane; NHERF3 is not expressed in brain. Activation of PKC causes a 
decrease in EAAC1-mediated activity and internalization of EAAC1. 
This effect is dependent upon recruitment of the clathrin adaptor, 
Numb, into a complex with EAAC1. In both C6 glioma and MDCK 
cells, the effects of PKC are dependent upon several different motifs 
within the carboxy terminal tail of EAAC1
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on the cell surface. A comparable half-life of 5–7 min is 
observed using this strategy [199, 204]. These studies sug-
gest that, as has been observed for subtypes of glutamate 
receptors [205, 206] and insulin-regulated GLUT4 glucose 
transporter [207–209], EAAC1 constitutively recycles into 
and out of the plasma membrane.

Defining the mechanisms involved in the regulation of 
EAAC1 by PKC is complicated by the fact that there are 
three different reasons to believe that PKC has more than 
one effect on EAAC1 in C6 glioma. First, the increase in 
uptake is consistently larger than the increase in cell surface 
expression (uptake increases > 2-fold above baseline, cell 
surface expression increases ~ 50 %) [192].Second, the PKC 
antagonist, Gö6976, completely blocks the PKC-induced 
increase in cell surface expression, but only partially blocks 
the PKC-induced increase in glutamate uptake at concentra-
tions that selectively block the classical subtypes of PKCs 
[210]. Third, activation of PKC causes both an increase the 
rate of delivery of transporters to the plasma membrane and 
decreases the rate of endocytosis of EAAC1, suggesting 
that PKC affects two different aspects of EAAC1 traffick-
ing [199]. This is not observed with all signals that increase 
EAAC1 surface expression because PDGF only increases 
the rate of delivery of EAAC1 to the plasma membrane and 
has no effect on the rate of endocytosis [199]. These analy-
ses of the effects of PKC on the kinetics of transporter traf-
ficking are complemented by analyses of mutant variants of 
EAAC1. In these studies, mutation of amino acids 502 to 
504 (YVN) to alanine residues only partially blocks PKC-
induced increases in EAAC1 cell surface expression, but 
completely block PDGF-induced increases [195]. Together 
these studies suggest that PKC could have three different 
effects on EAAC1-mediated activity: one that is independ-
ent of changes in cell surface expression, a second that is 
dependent on accelerated delivery of transporters from 
subcellular vesicles to the plasma membrane, and a third 
that is dependent upon decreases in the rate of constitutive 
endocytosis.

In an early analysis of potential interacting proteins, Lin 
and colleagues used 87 amino acids of the carboxy termi-
nal tail (amino acids 438–524) as bait for a yeast 2-hybrid 
screen to identify EAAC1 interacting proteins. They isolated 
a protein they called GTRAP3-18 that decreases EAAC1-
mediated activity in co-transfection studies in HEK293 
cells; this effect is associated with an increase in  Km [211]. 
This GTRAP3-18-dependent inhibition of EAAC1 has 
been observed by others [212]. Up-regulation of GTRAP3-
18 blocks PKC-dependent increases in EAAC1-mediated 
activity without blocking the PKC-dependent increases in 
EAAC1 cell surface expression in HEK 293 cells [197] 
and in cerebellar granule cells [213]. Activation of PKC 
increases co-localization of GTRAP3-18 with EAAC1 at the 
plasma membrane [213]. Thus GTRAP3-18 can function as 

a dominant-negative inhibitor of EAAC1 activity. GTRAP3-
18 is also called JWA and was also cloned as an mRNA that 
is highly (three to fourfold) up-regulated in amygdala after 
chronic administration of morphine and was termed addicsin 
[214]. This protein is also called ADP-ribosylation factor-
like GTPase 6 interacting protein 5 (Arl6ip5). In a search 
for GTRAP3-18 interacting proteins, Akiduki et al. identi-
fied Arl6ip1 [215]. Using C6 glioma engineered to express 
Arl6ip5 and Arl6ip1 under tight transcriptional control, they 
show that PKC-dependent increases in EAAC1-mediated 
activity are blocked by increased expression of Arl6ip5 and 
that expression of Arl6ip1 relieves this inhibition. Together 
these studies provide a mechanism by which PKC can regu-
late EAAC1 in a manner that is independent of changing 
transporters at the plasma membrane. Using pharmacologi-
cal approaches and exploiting the differential sensitivity of 
PKC subtypes to down-regulation, PKCε has been impli-
cated in the regulation of EAAC1 activity that happens in 
the absence of redistribution to the plasma membrane [210] 
(see Fig. 3).

The alpha subtype of PKC has been implicated in the 
PKC-dependent redistribution of EAAC1 using a variety 
of strategies. First, the PKC-dependent effects on cell sur-
face expression are blocked by Gö6976 at concentrations 
that selectively block classical PKCs, and PKCα is the only 
classical PKC observed in C6 glioma [210]. Activation of 
PKC causes clustering of PKCα and EAAC1 at the plasma 
membrane and increases the amount of PKCα that co-immu-
noprecipitates with EAAC1 in both C6 glioma and synap-
tosomes [216]. Finally, the isoflurane-induced increase in 
EAAC1 is blocked by Gö6976 at concentrations that selec-
tively block classical PKCs or by antisense mediated knock-
down of PKCα [200]. Isoflurane also increases the amount 
of PKCα that co-immunoprecipitates with EAAC1 [200].

Using stably transfected COS7 cells, Huang and col-
leagues identified serine 465 as being required for isoflu-
rane-induced increases in glutamate transport, redistribu-
tion to the plasma membrane, and phosphorylation [217]. 
This group found that this same residue was required for 
PKC-dependent activation of EAAC1 activity in Xenopus 
oocytes [218]. They also generated a peptide surround-
ing this region that blocks isoflurane-induced increases in 
biotinylated EAAC1, EAAC1-mediated uptake, and co-
immunoprecipitation of PKCα with EAAC1 [219]. These 
studies strongly implicate serine 465 of EAAC1 as a target 
for PKC-dependent redistribution, but other motifs in this 
same region also contribute to the regulated redistribution 
of EAAC1.

When C6 glioma are transfected with either epitope-
tagged EAAC1 or GLT-1, they respond differently to acti-
vation of PKC; EAAC1 increases at the plasma membrane 
and GLT-1 decreases at the plasma membrane [173, 195]. 
Using a family of GLT-1/EAAC1 chimeras, a ten amino acid 
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carboxy terminal domain starting at amino acid 502 was 
identified that upon deletion completely abolishes phorbol 
ester- or PDGF-dependent increases in EAAC1 cell sur-
face expression [195]. Mutation of 502YVN504 within this 
domain completely blocks the PDGF-induced increase in 
EAAC1 surface expression, but only partially blocks the 
PKC-induced increase in surface expression, suggesting 
that the YVN motif is required for the regulated delivery 
of EAAC1. The differential effects of deletion of ten amino 
acids compared to the effects of mutation of three amino 
acids implies that additional amino acids in this region also 
contribute to regulated trafficking of EAAC1, likely contrib-
uting to the control of endocytosis. It was not determined if 
introduction of this domain into GLT-1 is sufficient to confer 
PKC-dependent increase in surface expression. It is also not 
known how or if phosphorylation of serine-465 is mechanis-
tically linked to the role of the YVN motif.

Several studies of the role of the carboxy terminus of 
EAAC1 in regulated trafficking have been conducted in 
Madin-Darby canine kidney (MDCK) cells. Before describ-
ing these analyses, it is important to mention that activa-
tion of PKC causes a decrease in EAAC1-mediated uptake 
and a redistribution of EAAC1 from the plasma membrane 
to an intracellular pool in MDCK cells [220, 221]. This is 
the exact opposite effect of that observed in C6 glioma and 
neurons. There is also a big difference in the rate at which 
EAAC1 constitutively recycles in the two systems. In C6 
glioma and neurons, ~ 50% of the cell surface transporter is 
recycled in ~ 5 to 7 min [199, 204] while in MDCK cells, 
only 5% of EAAC1 is internalized after 15 min [222]. In 
neurons and C6 glioma, most EAAC1 is found in a non-
biotinylated (intracellular fraction) [192, 199], and in 
MDCK cells, there is very little intracellular EAAC1 [222]. 
This is consistent with the observation that most EAAC1 
is on the plasma membrane in kidney and most EAAC1 is 
intracellular in neurons in vivo [54].

Together these observations indicate that the effect of 
PKC on EAAC1 is dependent upon the cellular context, 
and the differences may provide mechanistic insights. 
Almost 20 years ago, the YVN motif was identified as part 
of a six amino acid domain, VNGGFA, within the carboxy 
terminus as being required for targeting of EAAC1 to the 
apical domain of MDCK cells or dendritic compartments 
of neurons [223]. More recently, the 502YVN504 motif of 
EAAC1 was identified as part of a tyrosine-based inter-
nalization signal that binds adapter proteins required for 
EAAC1 internalization [222]. This same group identified 
a consensus post-synaptic density-95/Discs large/Zonula 
occludens (PDZ) sequence of TSQF that is 16 amino acids 
downstream of this YVN motif. They showed that deletion 
of the PDZ domain increased the rate of constitutive endo-
cytosis of EAAC1 and that mutation of the tyrosine residue 
in the YVN motif prevents clathrin-mediated endocytosis. 

They also showed EAAC1 interacts with  Na+/H+-exchanger 
regulatory protein (NHERF3) through the PDZ domain and 
that expression of NHERF3 increases the amount of EAAC1 
at the plasma membrane. NHERF3 is notdetected in human 
or mouse brain (https:// www. prote inatl as. org/ ENSG0 00001 
74827- PDZK1/ tissue; http:// www. infor matics. jax. org/ expre 
ssion. shtml). This prompts a relatively simple and testable 
hypothesis that the differential effects of PKC on EAAC1 
trafficking in these two systems is related to the differential 
expression of NHERF3. It is also reasonable to hypothesize 
that PKC regulates the interaction of an unidentified protein 
with this PDZ domain to slow endocytosis as observed in 
C6 glioma [199].

In a more recent study, Su and colleagues used a database 
to identify proteins that contain the YNxxF[Y] motif because 
they had developed evidence that this motif was important 
for clathrin-dependent endocytosis that utilizes the clathrin-
associated sorting protein, Numb [224]. They demonstrate 
a direct interaction between Numb and this motif. They 
also found that EAAC1 surface expression increased with 
knock-down of Numb. It is interesting to note that PKCα was 
identified as containing the YNxxF[Y] consensus sequence. 
Perhaps activation of PKCα slows EAAC1 endocytosis by 
preventing Numb binding to EAAC1, but this has not been 
tested. A very recent study identified SorSC2 as a protein 
that controls intracellular EAAC1 sorting and delivery to 
the cell surface [225]. Perhaps analyses of SorSC2 interac-
tions with EAAC1 will lead to an understanding of how 
PDGF and PKC increase the rate of delivery of EAAC1 to 
the plasma membrane [199].

In one other study, the same YVN region has also been 
implicated in amphetamine-induced regulation of EAAC1 
[226]. In this study, the group found that amphetamine 
decreases EAAC1 cell surface expression in dopaminergic 
neurons and in HEK293 cells. The effect in HEK cells was 
dependent upon co-expression of the dopamine transporter, 
suggesting that intracellular dopamine somehow triggers this 
response. They also showed the mutation of VN and the 
next three amino acids, GGF, eliminated this response. A 
cell permeable peptide corresponding to these five amino 
acids also blocks the effects of amphetamine. These same 
investigators have found that amphetamine can trigger inter-
nalization of EAAC1 in noradrenergic neurons as well [227].

In summary, several different studies have identified spe-
cific amino acids or domains within the carboxy terminus 
of EAAC1 that are required for constitutive and regulated 
trafficking, but there are several questions that remain. For 
example, are all of the effects of PKC on EAAC1 depend-
ent upon phosphorylation of serine-465? How do PKC and 
PDGF/PI3K converge to increase delivery of EAAC1 to the 
plasma membrane? What are the signals that underlie the 
amphetamine-induced internalization of EAAC1? What 
receptors trigger these effects in neurons?

https://www.proteinatlas.org/ENSG00000174827-PDZK1/tissue
https://www.proteinatlas.org/ENSG00000174827-PDZK1/tissue
http://www.informatics.jax.org/expression.shtml
http://www.informatics.jax.org/expression.shtml
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Although EAAC1 is far less abundant than either GLT-1 
or GLAST [54], it has critical roles in brain function. As 
mentioned earlier, glutamate is one of the three amino acids 
incorporated into glutathione. Both EAAC1 and GLT-1 also 
transport cysteine, one of the other amino acids required for 
glutathione synthesis [228]. In fact, mice deleted of EAAC1 
display an age-dependent neurodegenerative phenotype 
that is associated with decreased glutathione and increased 
oxidant levels [229]. These effects were attenuated using 
N-acetylcysteine, a membrane permeant form of cysteine 
that does not require a transporter. In several of the studies 
described above, the regulation of EAAC1 has been associ-
ated with changes in glutathione levels. For example, there 
is a tight linkage between the effects of GTRAP3-18 on 
EAAC1 and changes in glutathione levels [197, 213, 230]. 
Similarly, deletion of SorCS2 causes decreased cysteine 
uptake and increased neuronal sensitivity to oxidant insults 
[225]. Regulation of EAAC1 has also been linked to the con-
trol of excitatory signaling. For example, the amphetamine-
induced regulation of EAAC1 is associated with increased 
activation of NMDA receptors [226, 231]. Together, these 
studies provide a strong rationale for developing a clearer 
understanding of the mechanisms that regulate EAAC1 with 
the distinct possibility that regulation could represent a novel 
target for neurogenerative disease.

Regulation of EAAT4 and EAAT5 by PKC

As indicated in the introduction, EAAT4 and EAAT5 are 
relatively slow transporters compared to the other members 
of the family, and they are coupled to a larger  Cl− current 
than that observed with the other members of the family 
[59, 67, 232, 233]. We have found no studies examining the 
effect of PKC activation on EAAT5. The effects of acute 
activation of PKC on EAAT4 have been examined after 
expression in Xenopus oocytes [234]. This group found that 
activation of PKC increases the glutamate-activated  Cl− cur-
rent, but had no effect on glutamate uptake, suggesting that 
the  Cl− conductance and glutamate uptake can be indepen-
dently regulated. In a follow-up study, some of these same 
scientists showed that ethanol increases EAAT4-mediated 
currents, and this effect is blocked by inhibitors of PKC or 
phosphatidylinositol 3-kinase [235]. In this later study, they 
also showed that phorbol esters increase EAAT4-mediated 
currents. EAAT4 is enriched on perisynaptic processes of 
Purkinje cell neurons and overlaps with the metabotropic 
glutamate receptor, mGluR1, that couples to activation of 
phospholipase C and should activate PKC. Although there is 
strong evidence that EAAT4 regulates activation of mGluR1, 
there is no evidence that mGluR1 regulates EAAT4 in this 
system [236, 237]. To summarize, there is some evidence 
that the EAAT4-mediated  Cl− current can be regulated by 
activation of PKC in oocytes, but it is not clear if this occurs 

in a native system. The mechanism by which PKC regulates 
this conductance has not been examined.

Glutamate Transport‑Dependent Regulation 
of Glutamate Transport

Several studies have examined the effects of glutamate 
transporter substrates on glutamate transport activity; both 
increases and decreases have been observed. Duan et al. 
demonstrated that pre-incubation with glutamate transporter 
substrates increases  Na+-dependent glutamate uptake in cor-
tical astrocytes [238]. This effect is relatively rapid (occurs 
with 15 min), is caused by an increase in  Vmax, is not blocked 
by PKC antagonists, is blocked by non-substrate inhibitors 
of transport, and is associated with an increase in cell sur-
face expression of GLAST. They also demonstrated that the 
total intracellular glutamate accumulation increases using 
high performance liquid chromatography (HPLC), eliminat-
ing the possibility that this increase is due to exchange (see 
introduction). Munir and colleagues made a nearly identi-
cal set of observations using a variety of primary cultures 
[239]. They found that the rate of total accumulation of 
non-radioactive glutamate increases using HPLC, but they 
found no evidence of changes in cell surface expression of 
either GLAST or GLT-1, even though both contribute to the 
increase in uptake. The opposite effect on glutamate uptake 
has also been observed by more than one group. González 
and colleagues showed that glutamate transport substrates 
increase the  Km for glutamate transport in cerebellar Berg-
man glial cultures [240]. This effect was blocked by a PKC 
inhibitor. Nakagawa and colleagues demonstrated that gluta-
mate transport substrates induce clustering and internaliza-
tion of GLT-1 [241]. These studies were conducted with a 
variant of GLT-1 with green fluorescent protein fused to the 
carboxy terminus. In this same paper, the authors mention 
that they observed a glutamate-dependent increase in uptake 
and GLAST surface expression as unpublished data. Ibánez 
et al. showed that glutamate transporter substrates also cause 
internalization and ubiquitination of GLT-1 in primary cul-
tures and transfected HEK293 cells [242]. In a follow-up 
study, they showed that this effect is dependent on transport-
dependent activation of reversed  Na+/Ca2+ exchange [243]. 
Two different studies have shown that glutamate triggers 
clusters of GLT-1 to dissociate in the plasma membrane and 
increases surface diffusion of GLT-1 in astrocytes and brain 
slices [81, 244]. In the later study, they show that this effect 
is dependent on glutamate interaction with the transporter 
[244]. In the former study, they show that dis-aggregating 
the clusters of GLT-1 speeds the clearance of glutamate [81].

Together these studies strongly suggest that glu-
tamate transport activity can bi-directionally control  
GLT-1- and GLAST-mediated activity. It seems clear that 
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the mechanisms of these effects need to be understood. 
Without this information, it will be impossible to determine 
when or if this regulation occurs under physiologic or patho-
logic conditions.

Regulation of Glutamate Transport by Nitric 
Oxide/Nitrosylation

Nitric oxide (NO) is an important physiological regulator of 
biological functions in multiple tissues and was recognized 
as the molecule of the year in 1992 [245]. NO mediates sev-
eral signals that control neurotransmission and cerebrovas-
cular coupling in the CNS. NO is enzymatically synthesized 
by three different isoforms of nitric oxide synthase (NOS), 
including neuronal NOS (nNOS), endothelial NOS (eNOS), 
and inducible NOS (iNOS). nNOS and eNOS are the domi-
nant isoforms in the CNS, but all isoforms have various roles 
in the brain [246–253]. The biological effects of NO are car-
ried out by two principal mechanisms: activation of soluble 
guanylate cyclase or by direct protein nitrosylation. Both of 
these mechanisms have been implicated in the regulation of 
the glial glutamate transporters.

Using cerebellar Bergmann glia, Balderas and col-
leagues showed that the NO donor, sodium nitroprusside, or 
dbcGMP cause an acute increase in glutamate uptake [254]. 
This effect is associated with both an increase in  Vmax and 
an increase in  Km. They showed that an inhibitor of protein 
kinase G or an inhibitor of the reversed-operation of  Na+/
Ca2+-exchangers blocked the effect of sodium nitroprus-
side. They also used a binding assay to measure transport-
ers on the plasma membrane in intact cells and observed 
an increase in the number of binding sites. As indicated 
above, this group has consistently found that these cells only 
express the GLAST subtype of glutamate transporter. These 
studies indicate that activation of the NO/guanylate cyclase 
pathway stimulates protein kinase G, that protein kinase G 
activates reversed operation of the  Na+/Ca2+ exchanger caus-
ing an increase in intracellular  Ca2+, and that the increase 
in  Ca2+ is somehow linked to an increase in GLAST in the 
plasma membrane.

S-Nitrosylation is a reversible post-translational modifica-
tion in which a NO group is covalently attached to cysteine 
thiols to form a S-nitrosothiol. At physiological concentra-
tions of NO, S-nitrosylating enzymes (nitrosylases) and 
denitrosylating enzymes (denitrosylases) control the reac-
tion. At higher concentrations the modification can occur 
independent of enzyme. In a hypothesis-generating exercise, 
proteomic analysis identified 136 brain proteins that undergo 
S-nitrosylation in wild-type (WT) mice [255]. Using trans-
genic mice that lack either  eNOS−/− or  nNOS−/−, they found 
that these two enzymes have different targets. In addition to 
several other proteins, they found that nNOS nitrosylates 

proteins that participate in the glutamate/glutamine cycle, 
including glutamine synthetase, glutamate dehydrogenase, 
and GLT-1. Glutamate uptake is higher in cortical synap-
tosomes from mice deleted of  nNOS−/− compared to WT 
or  eNOS−/− mice. GLT-1 has two sites of S-nitrosylation, 
Cys373 and Cys561. Using HEK-293T cells transfected 
with WT or mutant (C373S/C562S) GLT-1, they show that 
S-nitrosocysteine, a S-nitrosylating agent, causes nitrosyla-
tion of WT GLT-1 but not the double mutant. In parallel, 
they show that S-nitrosocysteine only reduces glutamate 
uptake mediated by WT GLT-1 and has no effect on the 
double mutant. S-Nitrosocysteine decreased both the  Km and 
the  Vmax. This effect of S-nitrosocysteine was independent of 
a change in cell surface GLT-1 measured using biotinylation. 
They also found that mice deleted of nNOS had higher levels 
of glutamate dehydrogenase activity. Together these studies 
suggest that activation of nNOS both decreases GLT-1 medi-
ated activity and decreases glutamate oxidation.

Palmitoylation

Palmitoylation or s-acylation is a reversible post-transla-
tional modification that adds a palmitic acid to cysteine resi-
dues. This modification controls protein conformation, pro-
tein-protein interactions, and protein trafficking [256–260]. 
There are 23 different palmitoyltransferases (PATs), also 
referred to as Asp-His-His-Cys (DHHC) S-acyltransferases 
[261, 262]. Six different depalmitoylation enzymes have 
been identified, including acyl protein thioesterase 1 and 
2 (APT1 and APT2) and α/β-hydrolase domain-containing 
proteins (ABH10, 17A, 17B and 17C) [263–266]. In a mass 
spectroscopic analysis of palymitoylated proteins, Kang 
and colleagues identified GLT-1, GLAST, and EAAC1, 
as targets of palmitoylation [267]. They used a secondary 
approach in which free cysteine residues are modified with 
N-ethylmaleimide, palymitoylate is cleaved from cysteine 
residues using hydroxylamine, and then these freshly 
reduced cysteine residues are modified with a biotin rea-
gent that can be used for batch extraction and Western blot 
analysis of palmitoylated proteins. This approach, called 
acyl-biotin exchange (ABE), was used to determine if GLT-1 
is palmitoylated. Although they demonstrated that GLT-1 
is palmitoylated, the effect of palmitoylation of transport 
function was not examined.

In a subsequent study, Haung and colleagues used two 
different approaches (ABE and incorporation of radioac-
tive palmitic acid) to confirm that GLT-1 is palmitylated 
[268]. They generated mutations at several different cysteine 
residues and identified Cys38 as the residue that is palmi-
toylated. They showed that 2-bromopalmitate (2BP), an 
inhibitor of palmitoylation, decreasesglutamateuptake in 
COS-7 cells transfected with wild type GLT-1. This effect 
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was associated with lower levels of palmitoylated GLT-1. 
They also showed that uptake mediated by Cys38Ser vari-
ant of GLT-1 was lower than that observed with wild type 
GLT-1. They observed no effect of palmitoylation on the 
cell surface levels of GLT-1 or on the levels of GLT-1 found 
in lipid rafts. These results suggest that palmitoylation 
regulates GLT-1-mediated activity. The mechanism has not 
been identified, and it is not known if palmitoylation affects 
GLT-1 in a native system.

Based on these analyses, we decided to determine if 2BP 
affects  Na+-dependent glutamate uptake in crude rat cortical 
synaptosomes and if it affects the amount of palmitoylated 
GLT-1 in this same preparation. One would predict that the 
effects of 2BP should be time-dependent and proportional 
to the rate at which GLT-1 is constitutively depalmitoylated. 
We found the 2BP caused a nearly 40% decrease in uptake 
at 30 min, but it had a comparable effect essentially instan-
taneously (Fig. 4). This suggests that either the rate at which 
GLT-1 is palymitoylated and depalymitoylated in very fast 
(on the order of seconds to min) or 2BP has an off-target 
effect. To address these two possibilities, we measured the 
amount of palymitoylated GLT-1 using the ABE assay. We 
found that incubation for 30 min reduced the amount of 
palymitoylated GLT-1 by about 30%, but it had no effect 
on the amount of palmitoylated GLT-1 at 0 min (Fig. 5). 
Palmostatin B is a pan inhibitor of the depalmitoylation 
enzymes. As a complementary approach, we tested the 
effects of palmostatin B on the 2BP-induced inhibition of 
GLT-1. If the effects of 2BP are dependent on inhibition of 
a palmityltransferase, palmostatin B should block the effects 
of 2BP. We found that palmostatin B had no effect on the 
2BP-induced inhibition of GLT-1 (Fig. 6). These studies 
provide additional evidence that GLT-1 is palmitoylated 
and that it is constitutively depalmitoylated. As indicated in 
the introduction, most of the GLT-1 protein found in syn-
aptosomes is glial, but most of the uptake is mediated by 
neuronal pools of GLT-1. It is possible that glial pools of 
GLT-1 are regulated by palmitoylation and that neuronal 
pools of GLT-1 are inhibited by 2BP via a mechanism that 
is independent of palmitoylation.

Summary/Future Directions

Given recent studies demonstrating that positive allosteric 
modulators of GLT-1 are neuroprotective [269–271], it 
seemed an auspicious time to review what is known about 
signals that regulate the activity of the transporters, to 
identify the gaps in knowledge, and discuss potential 
next steps for this field. While we focused on a subset of 
signals that have been linked to regulation of the gluta-
mate transporters, calcium/calmodulin-dependent protein 
kinase II [272–274], protein kinase A [154, 156, 275], 

glycogen synthase kinase 3ß [276, 277], and arachidonic 
acid[278–280] have also been implicated in the regula-
tion of one or more glutamate transporters by mechanisms 
that are likely independent of transcription/translation. 
Together these studies show that several different signals 
can relatively rapidly either increase or decrease the activ-
ity of these transporters. Throughout this review, we have 
identified several gaps, but there are others:

• Non-native systems are useful to develop an under-
standing of mechanisms, but these studies will need to 
be extended to more native preparations. Astrocytes in 
culture are not polarized and are transcriptionally quite 
different from those in vivo [119]. Differences might be 
informative. For example, as discussed in the section on 
PKC-dependent regulation of EAAC1, it seems like a 

Fig. 4  Effects of 2 bromopalmitate (2BP) on  Na+-dependent gluta-
mate uptake. Crude synaptosomes (P2) were prepared from adult rat 
(male or female) cortical tissue as previously described [286]. After 
incubation with vehicle (0.05% ethanol in 0.32 M sucrose) or 2BP 
(50 µM) for the times indicated at 21 °C,  Na+-dependent glutamate 
uptake (0.5 µM) was measured in duplicate replicates as previously 
described [286]. Each data point is an average of these technical 
replicates and represents an independent experiment. 2BP signifi-
cantly reduced glutamate uptake at both 0 and 30 min, ****indicated 
p < 0.0001 compared to vehicle control, by a one-way ANOVA with 
Dunnett’s multiple comparisons test
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reasonable hypothesis that the differential expression of 
NHERF3 in MDCK cells and brain may contribute to 
differential regulation of EAAC1. Ultimately, it will be 
important to complement in vitro analyses with in vivo 
studies of glutamate clearance, changes in excitatory 
signaling, behavior, and pathology.

• It is clear that Nedd4.2 has effects on GLT-1 and GLAST. 
Under what circumstances is it activated? Does this occur 
under physiologic situations? Or is this only activated 

under pathologic conditions? What other proteins are 
targeted? Is the fate of internalized transporter regulated 
between recycling, degradation, and exocytosis?

• It is interesting that both PKC and glutamate transporter 
substrates have bidirectional effects on GLT-1 and 
GLAST, and these effects are observed in several differ-
ent studies. Both GLT-1 and GLAST are found in cho-
lesterol-enriched microdomains called lipid rafts and are 
more active in these domains [188, 281, 282]. Flotillin 

Fig. 5  Effect of 2BP on the amount of palmitoylated GLT-1. Crude 
synaptosomes were prepared and incubated with vehicle or 50 μm 
2BP (see Fig.  4 legend). The amount of palymitoylated GLT-1 was 
determined as previously described [287]. In brief, synaptosomes 
were solubilized in RIPA buffer containing 50 mM N- ethylmaleim-
ide (pH 7.5) for 1 h at 4 °C then incubated with anti-GLT-1 antibody 
[41] overnight at 4 °C. Protein agarose A beads were used to pull 
down anti-GLT-1 antibodies [288]. Samples were rinsed three times 
in RIPA buffer (pH 7.2), and split into two equal fractions. These 
two fractions are incubated for 1 h at 25 °C with hydroxylamine 
(1 M HAM) in RIPA buffer pH 7.2 or vehicle (RIPA, pH 7.2), and 
then they were rinsed three times with RIPA (pH 6.2). These frac-
tions were then incubated with 2 μM EZ-Link™ BMCC-Biotin in 
RIPA (pH 6.2) for 1 h at 4 °C. These samples were then rinsed three 

times with RIPA (pH 7.5). The beads were then incubated with sam-
ple buffer (5% SDS, 5% glycerol, 125 mM Tris-HCl pH 6.8, 0.01% 
bromophenol blue) for 20 min at 37 °C. The resultant supernatants 
were incubated at 95 °C with 10 µL of β-mercaptoethanol (4%) for 
5 min. The resultant supernatants were then resolved on polyacryla-
mide gels and probed with either streptavidin (palmitoylated proteins) 
or anti-GLT-1 antibody. Proteins were visualized LI-COR Odys-
sey Infrared Imaging system. The amount of palymitoylated GLT-1 
was normalized to the amount of GLT-1 and expressed as a percent 
of that observed in vehicle treated synaptosomes. Data at 0 min are 
the results of two independent experiments. 2BP significantly reduces 
the amount of palymitoylated GLT-1 at 30 min. ****indicates a 
p < 0.0001 as determined by a one-sample T-test
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serves as a scaffolding protein on the interior membrane 
of lipid rafts [283], and may contribute to internaliza-
tion of GLT-1 under at least some circumstances [186]. 
Perhaps the PKC- and transporter substrate-dependent 
increases in activity are due to a transient redistribution 
of transporters to lipid rafts followed by internalization. 
One could imagine regulating the fate of transporters 
with a control that might delay or accelerate endocytosis. 
This type of regulation could also be dependent on cel-
lular milieu with the variable expression of the regulatory 
proteins contributing to the diversity of effects observed. 
One of the reasons we had started exploring the effects 
of palmitoylation on GLT-1 is that flotillin is also a target 
of palmitoylation [284]. We had wanted to explore the 
possible interactions between these two pathways. As the 
field continues to evolve, it seems likely that there will be 
better tools to explore these types of questions.

• Piniella and colleagues recently fused biotin ligase to 
the amino terminus of GLT-1 to identify proteins that 
co-assemble with GLT-1 in HT22 cells [285]. They iden-
tified several interesting proteins that likely contribute to 
regulation of GLT-1. In particular, they found that septin 
2 regulates lateral mobility of GLT-1. They also identi-
fied Rac1 as a GLT-1 interacting protein that regulates 
GLT-1- and GLAST-mediated activity. These types of 
studies should help clarify the mechanisms by which 
transporter substrates regulate activity.

• Several of these signals are not likely specifically target-
ing glutamate transporters, they presumably target groups 
of proteins that are regulated in some sort of coordinated 
fashion. With current technologies that make it relatively 
easy to edit the genome (e.g. CRISPR gene editing), it 
would be really useful to know the specific amino acids 

in a particular transporter that are required for regulation. 
This would make it much easier to determine how the 
specific regulation of one or more the glutamate trans-
porters contribute to the control of glutamate signaling, 
to behavior, and to pathophysiology.

• It seems counter-intuitive that glutamate transporter sub-
strates can decrease glutamate transport. Presumably this 
doesn’t happen on a continuous basis during normal syn-
aptic transmission because it would seemingly result in 
exaggerated excitatory transmission and/or excitotoxic 
activation of glutamate receptors. Perhaps this effect con-
tributes to synaptic plasticity or maybe it only occurs 
under pathologic conditions when a loss of energy/ion 
gradients would allow the transporters to work in the 
reverse direction. This would also imply that there is a 
yet to be defined mechanism that functions to prevent this 
loss of transporter from the cell surface.
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