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Abstract
In this work, the synthesis of two fruit flavor esters, namely methyl and ethyl butyrate, by lipase from Rhizomucor miehei 
immobilized onto chitosan in the presence of the surfactant sodium dodecyl sulfate SDS was investigated. In the optimized 
conditions, maximum esterification yield for ethyl butyrate and methyl butyrate was (92 ± 1%) and (89 ± 1%), respectively. 
Esterification yields for both reactions were comparable or even superior to the ones achieved when the synthesis was cata‑
lyzed by a commercial enzyme, Lipozyme®, at the same reaction conditions. For ethyl butyrate, the developed biocatalyst 
was used for seven consecutive cycles of reaction with retention of its catalytic activity. For methyl butyrate synthesis the 
biocatalyst was used for four consecutive cycles without loss of its catalytic activity. The results show that chitosan may 
be employed in obtaining biocatalysts with high catalytic efficiency and can successfully replace the currently commercial 
available biocatalysts.
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Introduction

Short chain aliphatic esters are the major components of 
some natural flavors and fragrances widely used in the food, 
beverages, cosmetics and pharmaceutical industries [1]. Cur‑
rently, most of these compounds are extracted from natural 
sources or produced by chemical routes [2]. Extractions 
from natural sources are too expensive due to their low con‑
centrations in the natural products and very low extraction 
yields [3]. Chemical synthesis is considered economical but 
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makes use of strong acids such as sulfuric acid, p‑toluene 
sulfonic or phosphoric acid as catalyst and sometimes high 
temperature and pressure conditions, requiring additional 
steps for the separation and purification of the obtained 
products, being considered environmentally unsafe [4].

“Clean technologies” based on enzymatic processes 
mediated by lipases mainly in its immobilized form are 
emerging and promising techniques that may successfully 
replace the methods traditionally used in the ester synthesis 
[5–7].

Compared to conventional chemical route, the enzymatic 
approach allows the ester synthesis at mild conditions with 
better product purity, elimination of side reactions with low 
energy requirements [8]. Moreover, products obtained by 
enzymatic processes are labeled as “natural” having high 
market value [9–13].

The most popular enzymes in biocatalysis are lipases 
(triacylglycerol ester hydrolases, EC 3.1.1.3) because they 
couple a broad specificity to a high regio‑ and enantioselec‑
tivity; therefore, they may be used in many different reac‑
tions [14–18]. Lipases, from different sources, immobilized 
onto various kinds of supports have been used in some non‑
conventional media (e.g., ionic liquids, supercritical fluids) 
but mainly on organic solvents aiming to the production of 
different flavoring esters [7, 19].

Chitosan (linear β‑1, 4‑linked polysaccharide), a natural 
biopolymer obtained by the partial deacetylation of chitin 
has shown suitable properties for enzyme immobilization 
such as low cost of acquiring, variety of forms, high affinity 
for proteins, nontoxicity, physiological inertness, hydrophi‑
licity, among others [20]. Lipases may be immobilized on 
chitosan supports by physical adsorption or through cova‑
lent attachment after modification of its hydroxyl (–OH) and 
primary amino (–NH2) groups with specific reagents like 
epichlorohydrin, glycidol or glutaraldehyde [21–23].

In ester synthesis, the development of biocatalysts that 
fulfill some requirements such as high catalytic activity, 
thermal stability and good operational stability and a better 
understanding of the several parameters affecting the esteri‑
fication reactions are key factors for possible large‑scale pro‑
duction of such compounds using lipases [24, 25].

Furthermore, the availability of less expensive immobi‑
lized preparations with high activity may contribute to a 
reduction in the overall cost of the processes where these 
enzymes are used [26].

In the present work, enzymatic synthesis of two short 
chain flavor esters (methyl and ethyl butyrate) have been 
attempted using Rhizomucor miehei lipase (RML) immobi‑
lized on chitosan in the presence of the surfactant sodium 
dodecyl sulfate (SDS). Immobilization in the presence of 
detergents at low concentration levels has proved to be a 
valuable method for improving the enzymatic activity of 
some lipases [27].

Lipases have different performance in the presence of 
non‑ionic, anionic or cationic [28] surfactants [29]. These 
effects may be due to the type of interactions between the 
enzyme and the surfactants [30, 31], since the non‑ionic sur‑
factants interact via hydrophobic interactions while the ionic 
surfactants bind the lipases through electrostatic and hydro‑
phobic interactions [18, 32]. Thus, the different interactions 
may result in modifications in the three‑dimensional struc‑
ture of lipases, which may lead to an increase or decrease of 
enzymatic activity [18, 33]. For the more, the performance 
of lipases in the presence of surfactants depends on some 
factors, such as ionic strength, pH and composition of the 
detergent, washing temperature, among others [13, 34]. SDS 
increase the enzymatic activity and leads a weak interaction 
allowing the enzyme to be more flexible and accommodate 
more substrate molecules.

A detailed study of process parameters that affect the 
reaction rates was evaluated. At the optimized reaction con‑
ditions, the operational stability of the developed biocatalyst 
was compared to a commercial enzyme Lipozyme®.

Materials and methods

Materials

Powdered chitosan, 85.2% deacetylation degree, was pur‑
chased from Polymer Ind. Ltda. (Ceará, Brazil). Soluble 
RML (128 U mL−1 or 4.2 mg mL−1 according to Bradford 
[35]), Lipozyme® (all the terms Lipozyme® used in the 
text it is referent to immobilized lipase from Mucor miehei, 
> 30 U g−1 against tristearin at pH 8.0 and 70 °C) and glu‑
taraldehyde 25% (v v−1) were acquired from Sigma‑Aldrich 
Chemical Co. (St. Louis, MO). All other reagents and sol‑
vents used were of analytical grade.

Methods

Support preparation

Powdered chitosan was dissolved in an acetic acid 5% v v−1 
solution. The obtained solution of 2.5%  (mV−1) was dropped 
into a gently stirred NaOH 100 mmol L−1 solution at room 
temperature (ratio chitosan/NaOH = 1:10) [27]. After 24 h, 
chitosan was washed exhaustively with distilled water until 
neutrality and then dried by vacuum filtration.

Immobilization procedure

Rhizomucor miehei lipase (RML) was firstly adsorbed onto 
chitosan in the presence of SDS (0.23% mV−1) in phosphate 
buffer 100 mmol L−1 at pH 7.0 and 220 rpm, for 1 h and 
4 °C. Then, the composite RML‑chitosan‑detergent was 
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cross‑linked with glutaraldehyde 0.6% v v−1 in phosphate 
buffer 100 mmol L−1 at pH 7.0, under low stirring at 25 °C 
for 1 h [27]. After that, the support was washed several times 
with distilled water to remove excess of surfactant and gluta‑
raldehyde, dried under vacuum and stored at 4 °C.

The immobilization parameters immobilization yield 
(IY), theoretical activity (Att) and recovery activity (Atr) 
were calculated according to Santos et al. [7]. For doing 
that, the initial (Ati) and the remaining (Atf) enzyme activity 
were determined and used to calculate the IY, according to 
Eq. (1). 

The theoretical activity (Att) of immobilized lipase was 
determined by Eq. 2. Atoff is the enzyme activity per g of the 
gel at the beginning of the essay.

After determining the biocatalyst activity (Atd), the recov‑
ery activity (Atr) was determined according to Eq. 3:

Enzymatic synthesis of esters

The esterification reactions were carried out in 125 mL 
glass‑stoppered flasks using n‑heptane as a solvent. The 
reaction mixture (20 mL) containing substrates and bio‑
catalyst was incubated on an orbital shaker (Tecnal 
TE‑420, Piracicaba, Brazil) under different conditions 
[temperature (25–60 °C), acid and alcohol concentrations 
(0.1–1 mol L−1), enzyme load (0.52–3.22 mgprotein g−1

support
), stirring speed (50–250 rpm), mass of biocatalyst used 
in reaction system, molar ratio of the substrates, amount 
of water (0.5–2% wt) and reaction time (1–8 h)]. Before 
and after the reaction, aliquots of the reaction mixture were 
withdrawn and titrated against standard potassium hydroxide 
using phenolphthalein as an indicator to determine the resid‑
ual acid concentration [36]. Ethanol was used as a quench‑
ing agent [37]. Control experiments were also conducted 
without lipase under similar conditions. The percentage of 
esterification was calculated from the acid consumed in the 
reaction system according to Eq. 4.

where  C0 is acid concentration measured before the start 
of reaction and C is the residual acid concentration after 
reaction time.

(1)IYimob(%) =
Ati − Atf

Ati
× 100

(2)Att = IY × Atoff

(3)Atr =
Atd

Att
× 100.

(4)Esterification (%) =
C
0
− C

C
0

× 100

FTIR analysis

Qualitative analysis of esters standards and the reaction 
mixture in n‑heptane were made by Fourier Transform 
Infrared Spectra (FTIR) from an FTLA 2000‑102, ABB‑
BOMEM, with 15 scans at a resolution of 4 cm−1. A fre‑
quency range of 4000–400 cm−1 was used.

Biocatalyst reuse

The reuse of the biocatalyst produced in this work was 
evaluated performing successive reaction cycles for both 
esters under the optimum reactions conditions.

At the end of the reaction, the biocatalyst was washed 
with n‑heptane, to remove adsorbed reagents and reaction 
products, dried under vacuum at room temperature and 
introduced in a new reaction medium with fresh reactants.

Results and discussion

Parameters of immobilization

In this study, the biocatalysts were prepared by the immo‑
bilization of soluble enzymes obtaining IY, theoretical 
activity (Att) and recovery activity (Atr) around 97.0 ± 1.0 
(%), 10.0 ± 1.0  (UpNPB/g) and 69 ± 1 (%), respectively. The 
immobilization parameters were achieved using an enzy‑
matic loading of 16 Uenzyme g−1 (g of wet support).

The yield of immobilization was 97.0 ± 1.0%, show‑
ing that a large part of the enzyme was immobilized on 
the support successfully. This result can be explained by 
the performance of glutaraldehyde in the immobilization 
process. Ion exchange, interfacial activation and covalent 
multipoint bonding are the possible routes of immobiliza‑
tion when glutaraldehyde is used [38]. Furthermore, some 
properties of glutaraldehyde may justify the immobiliza‑
tion rate attained. The high reactivity of the glutaralde‑
hyde molecules can modify the catalytic properties of the 
enzymes due to their interaction with amino groups of the 
proteins [7]. The surface of the enzymes (i.e., their hydro‑
phobicity) can be changed because the glutaraldehyde 
molecules are quite hydrophobic. Crosslinking of glutar‑
aldehyde with amino groups and other glutaraldehyde free 
molecules cannot be ignored [7]. Distortion of the struc‑
ture of the enzymes during the immobilization process 
may contribute to a decrease in the catalytic activity of 
the immobilized enzymes [10]. From the results obtained, 
the immobilization process was effective with biocata‑
lyst activity of 10.0 ± 1.0  (UpNPB/g) and recovery activ‑
ity of 69 ± 1 (%). It cannot be ignored that some protein 
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molecules are not covalently bound to glutaraldehyde, suf‑
fering desorption during carrier washing.

Effect of the temperature

In lipase‑catalyzed systems, temperature markedly influ‑
ences the reaction rates and the stability of the enzyme 
altering some properties of the substrates and reaction prod‑
ucts, such as solubility and ionization state [39]. While the 
binding equilibrium of substrates and products with enzyme 
decrease with the increase in temperature, acid dissociation 
and solubility rise with temperature, all resulting in unfa‑
vorable esterification conditions [40]. In most cases, an 
increase in temperature reaction improves the conversions 
rates, but the stability of enzymes declines [41]. Based on 
this contradictory information, a study of the influence of 
temperature in the esterification reactions was performed in 
the range of 25–60 °C for ethyl butyrate and 25–50 °C for 
methyl butyrate, due to the low boiling point of methanol 
(65 °C). The results of this set of experiments are displayed 
in Fig. 1a.

Figure 1a shows that the maximum conversion yield was 
observed at 25 °C for both esters. For ethyl butyrate, a tem‑
perature increase from 25 to 37 °C did not promote a con‑
siderable decrease in conversion rates. However, tempera‑
tures higher than 37 °C drastically reduced the esterification 
yields. Further increase in the temperature leads to a drastic 
reduction in conversion ratios, probably due to heat inactiva‑
tion of the enzyme [42]. For methyl butyrate, the conversion 
rates were drastically reduced in the temperature range of 

37–50 °C. Some works have pointed out that the decrease of 
catalytic activities of immobilized enzymes at a higher tem‑
perature may be brought to some restrictions on the enzyme 
movements due to the covalent bonds established between 
the enzyme and the support or a low restriction for the dif‑
fusion of substrates [43].

Considering the results obtained in these experiments 
25 °C was adopted as the optimal reaction temperature.

Effect of substrate concentration

The effect of the variation of acid and alcohol concentra‑
tions, added in equimolar proportions, in the reaction 
medium in the range of 0.1–1 mol L−1 was investigated. 
Results are shown in Fig. 1b.

For ethyl butyrate, maximum esterification yielding of 
85% was observed at 0.02 mol L−1 of each substrate. An 
increase in substrate concentrations above 0.02 mol L−1 pro‑
moted a sharp decrease of esterification yield. At 1 mol L−1, 
the esterification yield was only 5%. On the methyl butyrate 
synthesis, the best result of conversion (80%) was achieved 
when the concentration was 0.1 mol L−1 for both substrates. 
According to Fig. 2, above this concentration, the esterifica‑
tion reactions have experienced a pronounced decrease in 
their yields.

A possible explanation for the observed results is that in 
the presence of high concentrations of substrates (acid or 
alcohol), the polarity of the medium is altered making the 
organic phase more hydrophilic. Consequently, the partition 
coefficients become less favorable to esters formed (more 

Fig. 1  a Effect of temperature on the synthesis of methyl butyrate 
(closed circle) and ethyl butyrate (open circle) conditions: solvent: 
n‑heptane;  Vreaction = 20  mL; protein load  (mgprotein  g−1

support) = 1.61; 
biocatalyst amount (mg) = 100 (methyl butyrate) and 200 (ethyl 
butyrate); [alcohol]/[acid] molar ratio = 1:1; substrates concentration: 
0.2 mol L−1; stirring speed = 150 rpm, reaction time (t): 8 h. b Effect 

of substrates concentration on esterification yields of methyl butyrate 
(open circle) and ethyl butyrate (closed square). Conditions: solvent: 
n‑heptane;  Vreaction = 20  mL; protein load  (mgprotein  g−1

support) = 1.61; 
biocatalyst amount (mg): 100 (methyl butyrate) and 200 (ethyl 
butyrate); [alcohol]/[acid] molar ratio = 1:1; stirring speed = 150 rpm, 
reaction time (t): 8 h; temperature (T): 25 °C
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hydrophobic) shifting the equilibrium of the reaction in the 
opposite direction of the formation of these compounds [44]. 
Furthermore, possible inhibitory effects of one or by the two 
substrates used in the reactions should also be considered 
[45].

Effect of alcohol to the acid molar ratio

The molar ratio of the substrates is one of the parameters 
that influence the yield of esterification reactions catalyzed 
by lipases. Since the reaction is reversible, the increased 
concentration of one of the reagents may shift the equi‑
librium towards products formation resulting in high con‑
versions. On the other hand, inhibitory effects occasioned 

by both substrates or by the products of the reaction can 
drastically reduce the esterification yields [46].

For ethyl butyrate the effect of alcohol to acid molar 
ratio on esterification yields was studied by fixing the 
alcohol concentration at 0.2 mol L−1 varying acid con‑
centration in the interval of 0.2–0.8 mol L−1 and vice 
versa. The experiments were performed with 200 mg of 
the biocatalyst (protein loaded = 1.61 mgprotein  g−1

support). 
For methyl butyrate, the alcohol concentration was fixed 
at 0.1 mol L−1 varying acid concentration in the interval of 
0.1–0.8 mol  L−1 and vice versa. For this series of experi‑
ments 100 mg of the biocatalyst was utilized (protein loa
ded = 1.61 mgprotein g−1

support). In both reaction systems, 
the reaction medium was incubated for 8 h at 25 °C and 

Fig. 2  Effect of alcohol/acid molar ratio on esterification yields of 
methyl butyrate (b) and ethyl butyrate synthesis (a): alcohol con‑
centration fixed at 0.1  mol  L−1 (closed circle) and acid concen‑
tration fixed at 0.2  mol  L−1 (open circle). c Effect of protein load 
on esterification yields of methyl butyrate (open circle) and ethyl 
butyrate synthesis (closed circle). Conditions: solvent: n‑heptane; 
 Vreaction = 20  mL; [alcohol]/[acid] molar ratio: methyl butyrate 
1,5:1 and ethyl butyrate 1:1; biocatalyst amount (mg): 100 (methyl 

butyrate) and 200 (ethyl butyrate); stirring speed = 150  rpm; reac‑
tion time (t): 8  h; temperature (T): 25  °C. d Effect of biocata‑
lyst load on esterification yields of methyl butyrate (σ) and ethyl 
butyrate synthesis (closed triangle). Conditions: solvent: n‑heptane; 
 Vreaction = 20  mL; protein load  (mgprotein  g−1

support) = 1.61; [alcohol]/
[acid] molar ratio: methyl butyrate 1,5:1 and ethyl butyrate 1:1; stir‑
ring speed = 150 rpm, reaction time (t): 8 h; temperature (T): 25°C
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150 rpm. The results for the synthesis of the two esters are 
shown in Fig. 2.

For ethyl butyrate (Fig. 2a) the maximum ester conver‑
sion (85%) was obtained when the alcohol/acid molar ratio 
was 1:1 (0.2 mol L−1 each). Figure 2a also shows that by fix‑
ing the ethanol concentration at 0.2 mol L−1 and increasing 
the acid concentration above this value, substantial inhibi‑
tion of the enzyme activity can be observed. When the initial 
concentration of acid was 0.8 mol L−1 (alcohol/acid molar 
ratio = 1:4) the reaction yield was about 5%. According to 
the literature [42], high acid concentrations may result in a 
potent inhibition on the enzyme activity probably due to the 
acid dissociation, which in leads to a decrease in the pH of 
the microaqueous environment of the enzyme. Furthermore, 
some short‑chain acids such as acetic, propionic and butyric 
acid can bind to the serine residue (Ser) in the catalytic site 
of lipases leading to inhibition of its activities, decreasing 
the yield of the reactions [47].

In the second set of experiments, when the concentration 
of butyric acid was fixed at 0.2 mol L−1, and the concentra‑
tion of ethyl alcohol was increased, it was observed that 
concentrations higher than 0.2 mol L−1 of this substrate also 
promoted a significant decrease on the esterification yields, 
see Fig. 2a. A major increment at ethanol concentration may 
promote the binding of molecules of this substrate with the 
lipase during the first step of the reaction competing with the 
acid molecules and thus result in a decrease in the amount 
of butyric acid on the enzyme. In this situation, a reduction 
in the reaction rate will occur, since the reaction is limited 
by the amount of acid in the vicinity of the enzyme [48].

In addition to these factors, low molecular weight alco‑
hols such as methanol or ethanol can be accumulated in 
the aqueous microenvironment of the enzyme reaching a 
sufficiently high concentration to induce protein denatura‑
tion blocking the nucleophilic portion of its active site [49]. 
Another possible mechanism of inactivation is that these 
substrates, due to their high polarity, may remove the layer 
of water necessary for maintaining the structural integrity of 
the enzyme, distorting its three‑dimensional structure [50].

The results of the study of the effect of alcohol/acid 
molar ratio on the synthesis of methyl butyrate are shown 
in Fig. 2b. The results show that at a fixed concentration of 
alcohol, increasing acid concentrations above 0.1 mol L−1 
(80% conversion), promoted a reduction in esterification 
yields. For an alcohol/acid molar ratio of 1:4, the yield of 
esterification was 13%. These results show the significant 
inhibition of enzyme activity caused by the acid substrate, 
as in the previous case.

In an alcohol/acid molar ratio of 1.5:1, Fig. 2b, the maxi‑
mum yield for this reaction was achieved (89%). Molar 
ratios above 1.5:1 promoted a fairly sharp decline in yields 
of reaction. For an alcohol/acid molar ratio of 4:1, the reac‑
tion yield was only 9%. The same considerations described 

previously can be used to explain the results observed for the 
methyl butyrate synthesis.

Based on the obtained results, the optimal alcohol/acid 
molar ratio for ethyl butyrate was 1:1 (0.2 mol L−1 each) 
and the methyl butyrate was 1.5:1. These optimal conditions 
were used in subsequent experiments.

Effect of protein load on esterification reactions

From the standpoint of practical and economical, it is desir‑
able that high yields of reaction should be achieved using a 
small amount of enzyme in short reaction time. Therefore, 
to investigated the effect of enzyme load, the esterification 
reactions were carried out at 25 °C and 150 rpm in n‑heptane 
using different amounts of immobilized lipase (0.52–3.22 
mgprotein g−1

support). For ethyl butyrate, the reactions were 
performed by using an equimolar mixture of butyric acid 
and ethanol (0.2 mol L−1). For methyl butyrate, alcohol/acid 
molar ratio of 1.5:1 (0.15/0.1 mol L−1) was used in these 
experiments. The results for both esters are shown in Fig. 2c.

As described in Fig. 2c, the conversion percentage for 
both esters is increased as more lipase was present in the 
reaction medium but until a certain limit. The maximal 
conversion of ethyl and methyl butyrate was achieved at a 
protein load of 1.61 mgprotein g−1

support. For the two esters, 
the conversions remained almost constant when amounts of 
protein greater than the value mentioned above were added 
on the reaction. This probably occurred due to diffusional 
limitations of substrates to the active site of enzymes located 
inside the biocatalyst [51]. In this case, the active sites of 
the enzyme molecules, that are inside the biocatalyst, are 
not exposed to the substrates and thus do not contribute 
significantly to the reaction [52]. According to the results 
obtained, the protein load used in further experiments was 
1.61  mgprotein g−1

support.

Effect of biocatalyst load

In a reaction catalyzed by immobilized enzymes, the 
increase in the amount of enzyme can, within a certain limit, 
positively affect the reaction rates. Therefore, the effect of 
increasing the mass of biocatalyst used in reaction systems 
was evaluated, and results are displayed in Fig. 2d. For both 
esters, growing amounts of biocatalyst mass promoted an 
increase in conversion rates, but up to a certain limit. For 
methyl butyrate, the maximum rate of conversion (89%) 
was obtained when 100 mg of the biocatalyst was added to 
the reaction system. Amounts of biocatalyst above 100 mg 
did not produce significant differences in reaction rates. For 
ethyl butyrate, the maximum conversion (85%) was observed 
when 200 mg of the biocatalyst was added to the reaction. 
Amounts of biocatalyst above this value produced a slight 
decrease in the yield of this reaction.
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According to the literature [53], a large increase in the 
amount of biocatalyst used in the reactions may lead to a 
decrease in synthesis activity due to the random distribu‑
tion of the enzyme on the support resulting in less contact 
between enzyme and substrate.

From the results obtained in these experiments, the mass 
of biocatalyst used in the following experiments was 100 and 
200 mg for methyl and ethyl butyrate, respectively.

Effect of stirring speed

To evaluate the possible effects of mass external transference 
limitations experiments were carried out by varying the stir‑
ring speeds from 50 to 250 rpm. Figure 3 shows the effect of 
stirring speed on the esterification reactions.

As can be seen in Fig. 3, the rate of esterification for both 
esters increased by increasing the stirring rate reaching a 
maximum at 150 rpm. No significant difference in the reac‑
tion rates was observed between 150 and 250 rpm, indicating 
that the external resistance transfer is negligible at stirring 
speeds higher than 150 rpm. Therefore, the rotational speed 
of 150 rpm was chosen for all further studies.

Effect of initial amount of water

The amount of water present on the surface of some 
enzymes, such as lipases, contributes to the maintenance 
of its structural integrity, limits the solubility of hydropho‑
bic substrates in the vicinity of the enzyme and affects the 

reaction equilibrium [54]. Most lipases require only a small 
amount of water to maintain its active conformation and 
to promote esterification reactions in organic systems with 
high efficiency [55]. Indeed, a large amount of water may 
inhibit the esterification reactions shifting the equilibrium 
toward hydrolysis or may induce enzyme inactivation. The 
investigate the influence of the amount of water in the enzy‑
matic activity of RML immobilized onto chitosan, water 
was added to the reaction mixture from 0.5 to 2% (wt), con‑
cerning total mass of reagents. The results are displayed in 
Fig. 4a.

As can be seen in Fig. 4a, for both esters, conversion 
rates decreased with the increased amount of water added 
to the reaction medium. Highest yields were observed in 
the absence of water (89% for methyl butyrate and 85% for 
ethyl butyrate). Other authors reported similar results on the 
enzymatic synthesis of butyl oleate [56].

Thus, it can be concluded that the amount of water ini‑
tially adsorbed on the support chitosan can be considered 
sufficient for the enzyme showing its maximum activity for 
the synthesis of these two esters in particularly. Additional 
amounts of water may have markedly increased the degree 
of hydration of support increasing the thickness of the film 
around the enzyme. This phenomenon may have resulted in 
problems of diffusion of substrates to the active site of the 
enzyme disadvantaging esterification reactions.

Effect of time on the esterification reactions

Generally, a biocatalytic process to be used on a large scale 
should combine high conversion rates in relatively short 
times of reaction, using the least amount of enzyme possible 
[57]. Thus, the reaction time can be considered an important 
indicator of economic performance and effectiveness of the 
process. In this sense, the time courses of both reactions 
were determined. The reactions were assayed at various 
reaction time intervals, and the esterification percentage was 
determined. Results are presented in Fig. 4b.

Figure 4b shows that the conversions for the studied esters 
were increased with increasing reaction times up to 6 h of 
reaction. At this point, the conversion percentage for both 
esters started to decrease probably due to a large amount of 
water produced during reactions. According to the results 
obtained in these assays, the optimal conditions for the syn‑
thesis of methyl butyrate and ethyl butyrate are summarized 
in Table 1.

Identification of reaction products

After the reactions are completed, the synthesized esters 
were analyzed using Fourier transform infrared (FTIR) 
spectroscopy. Figure 4c, d shows the spectra obtained for 
the synthesized esters.

Fig. 3  Effect of stirring speed on esterification yields of methyl 
butyrate (open circle) and ethyl butyrate (closed circle). Con‑
ditions: solvent: n‑heptane;  Vreaction = 20  mL; protein load 
 (mgprotein  g−1

support) = 1.61; biocatalyst amount (mg): 100 (methyl 
butyrate) and 200 (ethyl butyrate); [alcohol]/[acid] molar ratio: 
methyl butyrate 1,5:1 and ethyl butyrate 1:1; reaction time (t): 8  h; 
temperature (T): 25 °C
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According to Fig. 4c, d, a strong peak indicating the pres‑
ence of ester carbonyl group (C=O) about 1740 cm−1 for 
both esters was evidenced. These results are in agreement 
with some results reported in the literature.

Comparative study with the commercial enzyme 
Lipozyme®

Within the optimized conditions to obtain the esters stud‑
ied, a comparative study of esterification yields between the 
biocatalyst produced in this work, the commercial enzyme 
Lipozyme®, the soluble enzyme and the biocatalyst pro‑
duced in the absence of the SDS was performed. The results 
for both syntheses are shown in Fig. 5a, b.

Fig. 4  a Effect of initial amount of water on the synthesis of 
methyl butyrate (open circle) and ethyl butyrate (closed square). 
Conditions: solvent: n‑heptane;  Vreaction = 20  mL; protein load 
 (mgprotein  g−1

support) = 1.61; biocatalyst amount (mg): 100 (methyl 
butyrate) and 200 (ethyl butyrate); [alcohol]/[acid] molar ratio: 
methyl butyrate 1,5:1 and ethyl butyrate 1:1; reaction time (t): 8  h; 
temperature (T): 25  °C. b Effect of time on the esterification reac‑

tions for ethyl butyrate (open circle) and methyl butyrate (closed 
square). Conditions: solvent: n‑heptane;  Vreaction = 20  mL; protein 
load  (mgprotein g−1

support) = 1.61; biocatalyst amount (mg): 100 (methyl 
butyrate) and 200 (ethyl butyrate); [alcohol]/[acid] molar ratio: 
methyl butyrate 1,5:1 and ethyl butyrate 1:1; temperature (T): 25 °C. 
FTIR spectra for methyl butyrate (c) and ethyl butyrate (d) after 6 h 
reaction

Table 1  Optimized conditions for the synthesis of methyl butyrate 
and ethyl butyrate. Experiments were performed as described in 
“Materials and methods” section

Reaction parameters Ester

Ethyl butyrate Methyl butyrate

Temperature [T (°C)] 25 25
molar ratio [alcohol]/[acid] 1:1 1.5:1
Protein load  (mgprotein g−1

support) 1.61 1.61
Biocatalyst amount (mg) 200 100
Stirring speed (rpm) 150 150
Water amount (% w w−1) 0.0 0.0
Reaction time [t(h)] 6 6
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For ethyl butyrate (Fig. 5a), the conversion yield for the 
biocatalyst III (92 ± 1%) was comparable to the commer‑
cial enzyme Lipozyme® (86 ± 1%) and soluble enzyme 
(89 ± 1%). Making a comparison between yields obtained 
with the biocatalysts produced in the presence and absence 
of SDS (II and III, respectively) the results show the increase 
in enzymatic activity promoted by the addition of this ten‑
soactive used during the immobilization procedure. The 
esterification yield for biocatalyst III was 2.3 greater than 
biocatalyst II (37 ± 2%).

For methyl butyrate (Fig. 5b), the conversion rate of the 
biocatalyst III (89 ± 1%) was 4.5 times higher than the rate 
of conversion of the ester derivative obtained when using the 
biocatalyst II (immobilization in the absence of surfactant 
SDS), which allowed conversion of 20%.

Furthermore, slightly higher rates of reaction were 
achieved when the biocatalyst prepared in the presence of 

SDS was used, compared to the results obtained when com‑
mercial enzyme Lipozyme® (86 ± 1%) and soluble enzyme 
(87 ± 2%) was used under the same reaction conditions.

The presented results show that the biocatalyst produced 
in this work, under optimized conditions, showed high cata‑
lytic efficiency in the synthesis of esters, comparable to the 
commercial enzyme Lipozyme®, which is widely used in 
the synthesis of flavor esters.

Operational stability of immobilized lipase

The reusability of immobilized lipase is one of the major 
advantages to make an enzymatic process cost‑effective. 
Therefore, a set of consecutive batches of synthesis of 
methyl butyrate and ethyl butyrate were conducted, using a 
protein load of 27  mgprotein g−1

support. A comparison between 

Fig. 5  Comparative study of esterification yields in the synthesis of 
esters ethyl butyrate (a) and methyl butyrate (b) with biocatalysts: (I) 
soluble enzyme; (II) biocatalyst produced in the absence of the sur‑

factant; (III) biocatalyst produced in the presence of the surfactant 
and (IV) commercial enzyme Lipozyme®. Operation stability for the 
synthesis of methyl butyrate (c) and ethyl butyrate (d)
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our preparations and the commercial enzyme Lipozyme® 
was made. Figure 5c, d show the results for both esters.

As can be seen, the biocatalyst used for the synthesis of 
methyl butyrate (Fig. 5c) retained its high activity only until 
the fourth cycle. Until this cycle, the developed biocatalyst 
showed esterification conversions higher than the commer‑
cial enzyme Lipozyme® used in the same conditions. From 
the fourth reaction cycle, the esterification yields experi‑
enced an almost linear decrease and after eight consecu‑
tive cycles, the conversion percentage was only 13%. The 
reduction on the esterification yields may have been a con‑
sequence of loss of mass of the biocatalyst due to the suc‑
cessive steps of handling of the derivative after each reaction 
cycle [41].

For ethyl butyrate synthesis, the biocatalyst was used for 
seven consecutive cycles without the loss (retained activ‑
ity close to 100% of initial activity) of its catalytic activity 
(Fig. 5d). The conversion yields during these cycles were 
higher than the conversions obtained by using the commer‑
cial enzyme Lipozyme®. After ten cycles the esterification 
yield remained at 50%. As mention before, possible loss of 
mass of the biocatalyst during the successive cycles of reac‑
tion may have contributed to the reduction of yields after 
seven cycles. Besides that, the reductions on the esterifica‑
tion percentages for the two esters can also be attributed to 
enzyme denaturation caused by one or both substrates used 
in the reactions [45].

Conclusions

In this work, RML was immobilized onto chitosan in the 
presence of surfactant SDS 0.23% (w v−1) to obtain low‑cost 
biocatalysts for the synthesis of two flavor esters (methyl 
butyrate and ethyl butyrate). In the optimized conditions, 
the biocatalysts produced showed high catalytic efficiency 
in obtaining the mentioned esters providing esterification 
yields comparable and even superior to commercial enzyme 
Lipozyme® used under the same reaction conditions. For 
ethyl butyrate, the biocatalyst was used for seven consecu‑
tive cycles of reaction with retention of its catalytic activ‑
ity and for methyl butyrate synthesis the biocatalyst was 
used for four consecutive cycles without loss of its catalytic 
activity. The results show that chitosan, a low‑cost natural 
biopolymer, may be employed in obtaining biocatalysts with 
high catalytic efficiency and that can successfully replace the 
currently commercial available biocatalysts.
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