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Abstract Cell disruption is an essential pre-treatment for the
efficient extraction of many types of intracellular metabolites
such as proteins, carbohydrates, DNAs or lipids; but the high
process energy requirement becomes an important issue for
low valued commodities such as biofuels. Current mechanical
cell disruption methods such as high-pressure homogeniser or
sonication require energy input in the order of hundreds of
MJ kg−1 of the dry mass; in addition, these methods do not
have the capacity suitable for biofuel production where daily
processing volumes are in order of mega litres. This study
investigated hydrodynamic cavitation (HC) as a cell disrup-
tion technique, with levels of disruption determined by i)
lipids extracted and ii) the chlorophyll released. It was found
that for the lipid extraction, HC has a disruption energy
requirement of 3 MJ kg−1. This amount of energy requirement
is more efficient than sonication by a factor of 10; however, it
still represents nearly 13 % of the total energy in the biomass
and is too high for the production of biofuels. The cell disrup-
tion by HC is essentially periplasmic, i.e. mainly confined to
the cell wall and membrane. This result suggests that damage
to the outer cell barrier such as the cell wall was sufficient to
allow for the diffusion of solvents for lipid extraction.

Keywords Microalgae . Biofuels . Hydrodynamic
cavitation . Cell disruption . Lipid extraction

Introduction

Many species of microalgae have high biomass productivity
in the order of 60 t ha−1 y−1 in particular; marine species have
the added advantage of not competing with farm produce for
fresh water or arable land (Moheimani and Borowitzka 2006).
These advantages make microalgae attractive as a feedstock
for biodiesel or a source of animal feed (Ward and Kumar
2010). For the production of microalgal biofuels such as
biodiesel or ethanol, the intracellular lipid and/or carbohydrate
needs to be extracted before they can be converted to fuel. Cell
disruption can increase the amount of intracellular lipids ex-
tractable from some species of microalgae by up to threefold
(Halim et al. 2012; Keris-Sen et al. 2014; Lee et al. 2010b;
Olmstead et al. 2013; Samarasinghe et al. 2012). However,
these inclusions and other cell structures are bound by a cell
membrane and/or wall (Barsanti et al. 2007) with tensile
strength in the order of 109 Pa (Allard et al. 2002; Carpita
1985). The barrier makes cell disruption an energy intensive
process and the disruption energy requirement an important
consideration especially in the case of low valued commodi-
ties such as biofuels.

Microorganism disruption methods can broadly be divided
into two categories, namely, mechanical and non-mechanical.
Mechanical methods have lower risk of contaminating the
target product and are the preferred option (Middelberg
1995). Current industrial scale mechanical cell disruption
techniques include bead mills, sonication, high-speed
homogenisers (HSH) or high-pressure homogenisers (HPH).
These processes are highly energy intensive; for example, the
use of HSH or HPH for the extraction of the enzyme, inver-
tase, has an energy consumption rate of approximately 0.6 to
1 MJ L−1 of the culture media while that by sonication is
approximately three times higher (Lee et al. 2012). The ma-
jority of energy input is not consumed by cell disruption but
rather dissipated as heat (Lee et al. 2013) and it is clear that
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such high level of energy consumption is not sustainable for
biofuel productions. Finally, the commercial production of
biofuels requires an economy of scale with processing capa-
bility in the order of mega litres per day (Lee et al. 2010a;
Erkelens et al. 2014), and it will be technically challenging for
HPH or sonication to be operated on such a large scale.

Cell disruption by hydrodynamic cavitation (HC) may
offer a viable option to solve such problems; this study aims
to evaluate this technique for the microalgal cell disruption as
a pre-treatment for the extraction of lipids from microalgae.

Cavitation refers to the creation of cavities inside homoge-
neous liquid media. The generation of cavitation can be ultra-
sonic (Feliu et al. 1998), optic (Vogel and Lauterborn 1988) or
hydrodynamic (Yu et al. 1995). For liquids with high boiling
point and low viscosity, the collapse of these cavities can be
very violent with extremely localised zones of pressure as
high as 100 MPa and temperature up to 5000 °C (Gogate
and Pandit 2005). HC has been shown to disrupt yeast cells
(Save et al. 1997) with an energy efficiency one order of
magnitude better than those from HSH or HPH. It should be
noted that yeast membrane consists mainly of glucan and
chitin (Cabib et al. 2001), while those from microalgae such
as Chlorella are reinforced with tri-laminar layers of algaenan
(Allard et al. 2002); hence, the disruption efficiency may be
different. Finally, the location of lipids within the cell as to
whether they are periplasmic or cytoplasmic may also affect
the subsequent lipid extractability.

During a liquid flow where the flow velocity, v , is in-
creased to a sufficiently high level, as in the case of a small
orifice or constriction, the pressure, P, will drop below the
vapour pressure of the liquid and cavitation will be formed.
The formation of the cavitation bubble is characterised by the
dimensionless cavitation number, σ, in Eq. 1 (Moholkar and
Pandit 2001).

σ ¼ P0−Pv
1

2
ρmu

2
ð1Þ

where P0 is the atmospheric pressure, Pa; Pv is vapour pres-
sure of the liquid, Pa; ρm is the mass density of the liquid,
kg m−3 and u is flow velocity of the liquid, m s−1.

Cavitations collapse shortly downstream from the orifice
where the flow slows down and the pressure recovers. Under
proper conditions, the collapse pressure can be high enough to
rupture the suspending particles (Eq. 2). In theory, cavitation
will be formed when σ≤1; in practice, the cavitation inception
is somewhat independent of flow velocity due to the presence
of various suspended particles and dissolved gases (Yan and
Thorpe 1990). In theory, u should be the value at the vena
contracta (Fig. 1) where the flow rate is highest; however, it
appears that neither the vena contracta nor the discharge
coefficient is mentioned in many of the literature on the topics

of cell disruption and hydrodynamic cavitation; therefore, in
this study, for the convenience in comparison with previous
publications, u is taken as the average value over the orifice
rather than at the vena contracta.

The collapse pressure can be estimated by the empirical
Eq. 2 (Gogate and Pandit 2000).

Pcollapse ¼ 8� 108 R0
−1:2402 � Pin

2:1949 � d0
dp

� �−0:4732
" #

ð2Þ

where Pcollapse is the collapse pressure of a single cavity,
Nm−2; R0 is the initial radius of the bubbles, μm; Pin is the
inlet pressure, bar, and (d0/dp) is the orifice to pipe diameter
ratio. The value of Pcollapse will be estimated in section ‘Lipids
release and FAME conversion’

The efficiency of cell disruption by HC depends on a
number of factors, including:

& Cavitation number, σ: from Eq. 1, a higher linear flow
velocity, u, and a lower viscosity, μ, will result in a lower σ
and a higher collapsing pressure.

& Presence of dissolved gases: the dissolved gases inside a
cavitation will resist its collapse and reduce the resultant
collapse pressure.

& Viscosity of the liquid: low viscosity is essential for a
faster cavitation collapse.

& Vapour pressure: a volatile liquid will exert a higher
outward pressure and reduce the overall collapse pressure.

& Design of the orifice: orifice holes arranged radially have
higher cell disruption efficiencies than those set in a cir-
cular fashion (Balasundaram and Harrison 2011).

Material and methods

Tetraselmis suecica starting culture was obtained from
Australian National Algae Culture Collection, CSIRO,
Tasmania, Australia. The microalga was grown in 2×400 L
open outdoor ponds located in the University of Adelaide, SA,
Australia. F medium (Guillard and Ryther 1962) was used as
culture medium with components dissolved in sand-filtered
natural seawater. The culture was mixed by paddlewheels and
enriched with commercial carbon dioxide at 34.5 kPa (gauge).
The microalga was harvested during stationary phase with the
biomass collected by centrifugation (Veronesi, 2 kW,
12,000×g, 700 L h−1) to a semi-solid consistency then frozen
and stored at −10 °C.

Hydrodynamic cavitation rig

The pilot scale HC rig was set up as a loop reactor open to the
atmosphere (Fig. 2a); it consisted of a fibre glass holding tank
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of volume 200 L, A; a 3-phase, 11 kW motor, B (Lowara
SV16-12) and a centrifugal pump, C; the pump and motor
were coupled to the power inverter, D, (Fuji-Eco FRN 11, 23
amp, 3-phase) which controlled the flow through the orifice.
The volumetric flow rate was measured by an electromagnetic
flow meter, F (Krohne, Optiflux Magflo). An orifice plate,

with 33×1mmdiameter circular holes (Fig. 2b) was housed in
a flange located downstream from the pump exit. The section
of tube (inner diameter 3.0×10−3 m) from the pump exit to the
holding tank was made of stainless steel while the low pres-
sure section from the holding tank to the inlet of the pumpwas
made of PVC. Other accessories included a pressure relief
valve, drain valve, safety shield around observation tube,
flange reinforcement and mobile trolley.

From Eq. 2, with an average initial bubble diameter of
20 μm, which is of a similar order of magnitude to that of
microalgal cells (Sharma et al. 2008), an inlet pressure of
1 MPa and a (d0/dp) ratio of 0.66, Eq. 2 shows that Pcollapse

has an estimated collapse pressure of 3.7×109 Pa. Such value
is approximately 3.5 times the tensile strength of a typical cell
wall and appears to be sufficient for the cell disruption.
However, there are a number of factors that will affect the
disruption: firstly, this calculation does not take into account
of the vapour present in the bubbles which will reduce the
cavitation collapsing speed; secondly, the collapse pressure
generated may not be the actual pressure exerted on the cell
surface due to the random distance of separation between the
algal cell and cavitation, and finally, depending on the dis-
tance from the solid surface, the cavitation collapse mecha-
nism may either be spherical (Shah et al. 1999), water jet
impingement (Tomita and Shima 1986) or cluster (Kanthale
et al. 2003). Therefore, the effect of Pcollapse on cell disruption
can only be used as a guide.

For the disruption experiment, a calculated amount of the
harvested algal biomass was mixed with filtered seawater to
form a suspension with a dry mass concentration of 1.5 to 2 %
w/w shortly before being used. Each run required an average
of 40 L, and the equivalent of 0.9 kg of the algal dry mass was
required. This amount was equivalent to 3 weeks of continu-
ous culturing and harvesting from the 2×400 L open ponds.
During the HC trial, a 200 mL aliquot sample was taken at
time, t=0, then again at 4-min intervals until the end of the
treatment. Sealed bags of ice were immersed in the holding
tank to keep the temperature of the algal suspension below
35 °C. The flow through the orifice and hence the cavitation
number was adjusted by varying the current supplied via the
power inverter coupled to the centrifugal pump (Fig. 2a, item
C).

Determination of the degree of disruption

The level of cell disruption can be quantified bymeasuring the
release of cellular metabolites (such as protein or enzymes),
cell counting or particle size distribution (Middelberg 1995).
As lipids were the target product for the study of microalgal
biofuels, the efficiency of disruption was determined gravi-
metrically by the mass of lipid released from HC and com-
pared with that from sonication.

Vena contractaOrifice

Fig. 1 Sketch of vena contracta and orifice
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Fig. 2 a Hydrodynamic cavitation rig, showing T 200-L holding tank; C
centrifugal pump; P1 and P2 pressure gauges for downstream and up-
stream of orifice, respectively; O orifice and flange housed inside safety
shield; F flowmeter; V1, V2 and V3 valves for main line, pressure release
and drain, respectively. b Orifice plate design
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The extent of disruption by HC on yeast cells had been
determined by the release of proteins or enzymes
(Balasundaram and Harrison 2006). The process involved
the centrifugation of disrupted samples and measurement of
specific enzymatic activities from the supernatant. Solvent
was not used during the extraction as it would denature the
protein or enzymes extracted. For microalgae, the level of
disruption can similarly be measured by the release of chlo-
rophyll (Kuboi et al. 1995). Although chlorophyll is not the
target product in this study, its measurement can be used to
demonstrate the differences in the product release mechanism
and characteristics.

Gravimetric

The amount of lipids from the sonicated sample, Ws, was
chosen arbitrarily for comparison. It was determined by son-
icating 10 mL of the algal concentrate for 4×10 s in a Branson
Sonifier (power consumption of 700 W, coupled to Branson
102C converter with 2 mm horn probe). Five millilitres of the
disrupted sample was mixed with 10 mL of hexane, and the
other 5 mL was mixed with 10 mL of a 1:2 mixture of
methanol and chloroform. They were mixed in a water bath
at 40 °C for 4 h for extraction. This was followed by the
addition of 2 mL of 0.88%w/vKCl solution to each sample to
improve the phase separation. Samples were then centrifuged
at 1000×g for 5 min; the aqueous phase was then solvent
extracted and centrifuged again. The lipid phase from the
two extractions was combined, then filtered and dried at
70 °C by a gentle stream of nitrogen gas until a constant
weight was obtained. The weight of crude lipid Ws was
recorded at 0.1 mg. The amount of lipids from HC samples,
Wt, and untreated samples,Wo, were determined similarly but
without sonication.

The level of disruption as measured gravimetrically, Dg, is
determined by Eq. 3a.

Dg ¼ Wt−Wo

Ws−Wo
ð3aÞ

where Wo is mass of the lipid extracted from untreated sam-
ples,Wt is mass of the lipid extracted from samples at time t of
HC and Ws is mass of the lipid extracted from completely
sonicated samples.

Chlorophyll UV-VIS absorption

The procedure was carried out as follows: 10 mL aliquot from
each sample was centrifuged at 1000×g for 2 min (Beckman-
Coulter, Allegra X-12), and then, 3×1 mL aliquots from the
supernatant were taken for spectrophotometer readings
(Shimadzu, UV1700). No extraction solvent was used, and
absorption readings were repeated three times with the

average recorded. The level of disruption, Dc, as measured
by the optical density,Od (no unit) of the chlorophyll released,
is determined by Eq. 3b:

Dc ¼ Odt−Odo

OdS−Odo
ð3bÞ

where Odo is the optical density (no unit) of the chlorophyll
released from untreated samples at time 0, Odt is optical
density at time t of HC and Ods is optical density of chloro-
phyll released from sonicated samples.

Gas chromatography

Many types of intra-cellular chemicals can be extracted
by solvents such as methanol or chloroform; many of
these chemicals may not be true lipids, for example, the
phospho- or glyco-lipids found in the cell membrane.
Such problem in the determination of the content and
nature of lipids has been investigated by Sukhija and
Palmquist (1988) and Palmquist and Jenkins (2003).
Their study showed that the preferred method of lipid
analysis is to use esterification to determine the total
fatty acid concentration by first converting the fatty
acids to methyl esters. These esters are then quantified
by chromatography to provide information on both fatty
acid quantity and profile. The determination of lipid
content was carried out as below:

The crude lipids were first dissolved in toluene, then ex-
tracted by Florisil (Sigma-Aldrich Australia), followed by the
trans-esterification in a mixture of H2SO4 and methanol in the
volume ratio of 1: 50 for 3 h at 70 °C. After cooling, the
resulting fatty acid methyl esters (FAMEs) were extracted
with n-hexane and washed with KHCO3 solution (40 g L−1)
prior to being evaporated to dryness under a stream of
nitrogen. The FAMEs were re-dissolved in n-hexane
analysed with a Perkin Elmer Claus 500 gas chromato-
graph equipped with a flame ionisation detector and a
BP20 Forté (30 m×0.32 mm ID×0.25-μm film thickness)
capillary column (SGE Pty Ltd, Australia). Hydrogen gas
was used as carrier with a column flow rate of
2.4 mL min−1. The injector and detector were set at
250 °C. One microlitre samples were injected with a split
ratio of 50:1. The initial oven temperature was pro-
grammed at 155 °C for 10 min then raised to 180 °C at
a rate of 2 °C min−1, followed by a further temperature
rise to 220 °C at a rate of 4 °C min−1 and held steady for
7.5 min. FAMEs were identified and quantified by com-
parison of retention times to internal standards C19 (Nu-
Chek Prep, USA). FAMEs were selectively bind to Florisil
(Sigma-Aldrich Australia) and washed with n-hexane and
then eluted from the column with a solvent consisting of
10 % v/v diethyl ether in n-hexane.
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Results and discussion

Cell disruption

Figure 3a, b shows respectively the images of T. suecica cells
before and after HC. The cells in Fig. 3a are intact with the
outer protective layer of mucilage, cell wall and membrane
clearly visible. Figure 3b shows the periplasmic disruption
produced by HCwhere much of the cell’s outer layer has been
damaged but the cell body remains essentially intact. In com-
parison, sonication produced the cytoplasmic type of disrup-
tion where cell bodies are split open (Fig. 3c). The signifi-
cance of these two types of disruption, with respect to the
release characteristics of the cellular lipids and chlorophyll,
will be explained later in section ‘Disruption energy
requirement’.

Lipids release and FAME conversion

Figure 4a, b presents respectively the level of disruption as
measured by the mass of lipids extracted and fatty acid methyl
ester (FAME) produced. The extraction solvents used were
chloroform/methanol (CM) of volume ratio 2:1 and n-hexane
(hex) with the latter providing higher crude lipid extraction
efficiency (Fig. 4a, items 1 and 2). Figure 4a, b shows that the
level of disruptionwas relatively steady after 4 min of HC, and
further HC treatment did not show any significant increase in
the crude lipids extracted. The disruption by HC appeared to

achieve higher lipid extraction efficiency than sonication with
an average Dg of 1.5 (Eq. 3a).

Figure 3b, c shows that HC and sonication produce a large
difference in the extent of morphological disruption; yet,
Fig. 4a, b (items 2 and 4) shows little difference in the amount
of lipids extracted by these two processes. These two results
show that the combined effects of the disrupted cell wall,
small cell size of approximately 8 μm, the use of solvent
and a long mechanical mixing time of 4 h (section
‘Gravimetric’), all contributed to the diffusion of solvent into
the cell interior for the extraction. Disruption of the whole cell
under such conditions does not increase the overall lipid
extraction efficiency and may not be necessary. This
apparently contradictory result to that obtained by Lee et al.
(2010b) is mainly due to the difference in extraction time of
5 min in the former vs. 4 h in this study.

Figure 4b indicates that under the acid esterification con-
ditions (section ‘Gas chromatography’) under 20 % of the
extractable crude lipids had been converted to FAME. The
gas chromatograph scans for the purified crude lipids and
FAME produced is presented in Fig. 5a, b, respectively, with
these two scans showing similar peaks. The similarity in peaks
shows lipids esterifiability, and the conversion to FAME is
roughly related, but the relatively low conversion rate shows
that the technique of in situ acid trans-esterificationmay not be
suitable for the biodiesel production. The extracted crude
lipids may require further purification and separation to max-
imise FAME conversion.

Fig. 3 a Image of cells before
HC, b after HC and c after
sonication
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Level of disruption measured by chlorophyll released

Figure 6a, b shows the level of cell disruption as mea-
sured by the chlorophyll released. For sonication, the
optical density reading, Od, and hence the level of cell
disruption increased from 0.23 to 0.63 during the first
10 s then plateau off with only a slight increase to about
0.77 at 40 s. For HC, the Od readings increased from

0.20 at process time, t=0 to 0.82 at t=20 min. The
increase in Od and hence the chlorophyll released with
HC time is different from the plateau at 4 min obtained
by lipids released. The difference in the release charac-
teristics was mainly due to the use of extraction solvents
and mechanical mixing, both of which enhanced the cell
wall permeability, solvent diffusion and hence the lipid
release from the cells. Under the action of solvents and
mechanical mixing, the damage to the outer barrier of
cell wall and membrane is deemed to be sufficient for
the lipid extraction. In contrast, the release of chlorophyll
was not aided by the solvents and mixing. The difference
in disruption efficiency as measured by lipid extraction
and chlorophyll release shows that the disruption effi-
ciency depends on the release characteristics of the
target product such as location within the cell, binding
to cell substrates and the difference in measurement
techniques.

0

200

400

600

800

1 2 3 4 5 6 7

C
ru

d
e
,m

g
g

1
A
F
D
W

Data show
mean & range

0

40

80

120

160

1 2 3 4 5 6 7

F
A
M
E
s

m
g
g

1
A
F
D
W

Data show
mean & range

a

b

Fig. 4 a Lipids extracted by various solvents and levels of sonication and
HC, where 1 sonicated (CM); 2 sonicated (Hex); 3HC (Hex) time, t=0; 4
t=4 min; 5 t=8 min; 6 t=12 min and 7 t=16 min. b FAME
production from the respective crude lipids

a

b
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Disruption energy requirement

A cavitation number value of approximately 0.125 had been
chosen for the maximum cell disruption efficiency
(Balasundaram and Harrison 2006). The process parameters
and their respective values to achieve such a condition are
presented in Table 1.

The energy consumption for the disruption of a minimum
volume of 40 L of algal concentrate was 7.5 kW for 4 min; this
is equivalent to 45 MJ m−3 of the suspension or 3 MJ kg−1 of
the dry biomass. In comparison, 10 mL of the algal concen-
trate required a minimum of 10 s of sonication time at an
energy consumption rate of 700 W; this is equivalent to
700 MJ m−3 of the algal suspension or 46.8 MJ kg−1 of the
dry biomass. The amount of energy required by sonication is
of one order higher than that of HC.

For the cell disruption efficiency asmeasured by the release
of chlorophyll, 40 L of cell suspension would require 20 min
of HC treatment time with a power consumption of 7.5 kW,
this is equivalent to an energy consumption per unit volume of
225 MJ m−3 or per unit dry biomass of 15 MJ kg−1.

Comparison with literature values

There is no previous study on the HC disruption of microalgal
cells; however, the yeast, Saccharomyces cerevisiae, cell

suspension (1 % w/w) had been disrupted by HC with an
energy consumption of 330 MJ m−3 of the culture media or
33 MJ kg−1 of the biomass (Balasundaram and Pandit 2001).
Such value is between eight to ten times of that obtained by
lipid extraction in this study but is of similar order of magni-
tude to that by chlorophyll extraction in this study. The main
contributing factor is the use of solvents (hexane or
chloroform-methanol) and extraction time during lipid extrac-
tion but not the enzyme extraction; other contributing factors
include: the bigger cell diameter of Tetraselmis (approximate-
ly 8 to 10 μm vs. 3 to 4 μm for the yeast); a higher cell mass
concentration (1.5 vs. 1 % w/w), and finally, cell wall struc-
tures (algaenan and cellulose in Tetraselmis vs. chitin and
glucan in the yeast).

The disruption energy consumption measured by chloro-
phyll released was approximately half of that obtained by
Balasundaram and Pandit (2001), but still of similar order of
magnitude. The main reason is the larger cell size of the
microalgae in comparison to that of the yeast as indicated
previously.

Comments on HC for cell disruption

Apart from the lower energy requirement as previously men-
tioned, HC also has a lower operating cost. In this study, the
operation time for HC is 4 min for 40 L, but it would require a

Table 1 Processing parameters
and values Parameters Values Parameters Values

Orifice Radial, 33×1 mm Volume flow rate 4.0 m3 h−1

Total power input 7.5 kW Reynolds number 4×104

Maximum upstream pressure 18 bar Biomass (dry) concentration 15 kg m−3

Processing volume 40 L Processing time 4 min

Linear flow rate (at the orifice) 42.8 m s−1

Table 2 Summary of cell
disruption by HC and sonication Process Hydrodynamic cavitation Sonication

Disruption type Periplasmic Cytoplasmic

Energy requirement

MJ m−3 45 700

MJ kg−1 3.0 46.8

Lipid extraction efficiency Good (solvent+mixing) Fair

Protein extraction efficiency Poor Fair

Debris separation Fair Poor

Scalability for biofuel production Yes Requires the addition of flow cell

Potential for energy reduction by
combining with solvent extraction

Yes Yes

Comment Cooling may be necessary
during prolonged operations

The container need to be well mixed
during disruption to avoid dead
corners
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processing time of over 10 h for sonication to disrupt a similar
volume. For the production of biofuels where processing
volumes of mega litres are required for the economy of scale,
HC has the advantage of much shorter processing time over
other mechanical disruption methods and the added advantage
of disinfecting the media for the purpose of water recycling
(Jyoti and Pandit 2001; Erkelens et al. 2014).

A summary of the difference between HC and sonication is
presented in Table 2.

HC also has the potential for further energy reduction; this
is because the high level of localised turbulence and pressure
created during HC can increase the mixing and the diffusion
of solvents on a cellular level. Hence, the combination of HC
and solvent extraction into one single operation has the po-
tential to further minimise the energy requirement. The major
issues with such an operation are the selection of an organic
solvent with a high boiling point, low viscosity for the cavi-
tation and a high ignition point for safety.

A high biomass concentration is preferred for an
efficient extraction of the target product from the
disruptate; however, due to both the relatively high
liquid velocity required at the orifice (about 40 m s−1

during this study) for the generation of cavities and a
fast cavity wall collapse required for the cell disruption,
HC is only suitable for the processing of cell suspen-
sions with a relatively low viscosity. Such requirements
put an upper limit on the biomass concentration allowed
during the processing. In this study, a dry mass concentration
of approximately 2 % w/w has been deemed to be the upper
end of the range and the attempt to increase the biomass
concentration resulted in excessive pump and motor power
requirement and poor cell disruption efficiency.

Although HC can provide a lower energy cell disruption
alternative in the order of 3 MJ kg−1 of the dry mass
equivalent, such energy is still too high for the production
of biofuels for the following two major reasons: firstly, this
energy requirement does not include that for solvent ex-
traction and trans-esterification, and secondly, the large
amount of fine cell fragments formed during HC lead to
extra energy required for the solid-liquid separation.
Although the problem with extra separation energy is com-
mon to other disruption methods, the low cost of biofuels
does become a significant constraint. Finally, comparing
with the theoretically calculated cell disruption energy of
673 J kg−1 (Lee et al. 2013), the values obtained during
this HC trial still indicate a very low energy efficiency.

Conclusion

Hydrodynamic cavitation can be used as a cell disruption
technique with higher energy efficiency than other mechanical
ones. The disruption is periplasmic and is more efficient when
combinedwithmechanical mixing and solvent extraction. The

energy efficiency also depends on the release characteristics of
the target products such as lipids or chlorophyll. The lower
energy requirement when comparing with other disruption
techniques such as sonication may provide a viable option
for biofuel production where energy requirement is a critical
consideration.
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