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Introduction

Poly(ethylene terephthalate) (PET) is a synthetic aromatic 
polyester composed of ethylene glycol (EG) and tereph-
thalic acid (TPA) units [15], which is extremely versatile 
and used in a variety of applications, such as clothing and 
technical textiles [23] and packages (e.g., water and soft 
drink bottles, salad domes and biscuit trays) [30], with 
an annual worldwide production over 50 million tons [5]. 
Efficient PET recycling is an urgent global need from both 
environmental and economic aspects, since plastics produc-
tion is expected to grow faster than petroleum production 
in the next decades and their share on oil use is forecasted 
to rise significantly, from 6 (in 2014) to 20% (in 2050). 
This is even more crucial for short first-use materials, as 
bottles, which accumulates in the environment, damaging 
ocean’s fauna and slowing down the transition to a circu-
lar economy [30]. Mechanical PET recycling technologies, 
although in a higher readiness level, offer limited appli-
cability, such as a rapid and drastic drop in the polyester 
ductility, which restricts the use of the recycled polymer to 
low-value uses, as carpets [13]. After decades being consid-
ered non-biodegradable, a paradigm change has occurred in 
the past few years with the publication of studies reporting 
in vivo or in vitro PET depolymerization to its monomers 
[4, 22, 26, 32] with faster reaction rates being observed in 
enzyme-catalyzed processes [32].

The enzymes reported for PET hydrolysis belong to the 
sub–sub class carboxylic acid hydrolases (EC 3.1.1.-) [7], 
such as cutinases (EC 3.1.1.74) [3, 15, 28], lipases (EC 
3.1.1.3) [15, 17], serine esterases (EC 3.1.1.56, 3.1.1.12) 
[14] and carboxylesterases (EC 3.1.1.1) [23]. However, 
previous works have demonstrated that enzymes may show 
different specificities during the depolymerization process, 
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being more capable to attack certain substrates. For exam-
ple, Yoshida et  al. [32] identified two different catalytic 
properties from Ideonella sakaiensis enzymes, defin-
ing them as PETase and MHETase. PETase was shown to 
efficiently breakdown PET to mono(hydroxyethyl) tere-
phthalate (MHET), whereas MHETase catalyzed the con-
version of MHET to TPA and EG. Similar properties were 
observed by Carniel et  al. [8], who demonstrated that the 
Humicola insolens cutinase and the Candida antarctica 
lipase B act synergistically to convert PET into its final 
monomers. Also, Barth et  al. [2] reported a dual enzyme 
reaction system consisted with a polyester hydrolase, LC-
cutinase, hydrolyzing PET film chains and an immobilized 
carboxylesterase, TfCa KW3 from Thermobida fusca, as 
the second enzyme applied to eliminate inhibitory inter-
mediates produced from PET hydrolysis. These studies 
were still preliminary, but opened up a range of possibili-
ties for the development of efficient technologies for PET 
depolymerization.

Therefore, the objective of the present study was to com-
pare the catalytic performance of several enzymes from 
microbial (bacterial, fungal) and plant sources for PET 
depolymerization, and to investigate the synergy behavior 
of selected biocatalysts during hydrolysis of different PET 
samples from industrial facilities.

Materials and methods

Substrates and enzymes

PET bottle film used was from post-consume non-carbon-
ated mineral water bottles (brand Crystal©). It was cut into 
squares of aprox. 0.5  cm and it presented 0.1  mm thick-
ness. Amorphous, Mineral Water (MW), Carbonated Soft 
Drink (CSD), CSD-Plus and CSD-Low Intrinsic Viscosity 
(CSD-LIV) PET resins were generously provided as chips 
by the industrial PET production plant PetroquímicaSuape 
(Suape, Brazil). All these PET chips grades were cold-
milled in a blade mill (Ika). PET flakes from a local plastic 
industrial recycling plant (PIRP) were milled in a knife mill 
and provided by Professor Marcos Lopes (Federal Univer-
sity of Rio de Janeiro).

Lipases from Aspergillus oryzae (AoL), Burkholderia 
cepacia (BcL), Candida antarctica (CaL), porcine pan-
creas (PPL), Candida rugosa (CrL), Mucor miehei (MmL), 
Pseudomonas fluorescens (PfL), Rhizomucor miehei 
(RmL), Rhizopus niveus (RnL), Rhizopus oryzae (RoL), 
Thermomyces lanuginosus (TlL) and wheat (WL—Triti-
cum aestivum) as well as high-purity standards of BHET 
and TPA were purchased from Sigma–Aldrich. RmL 
and TlL were purchased as liquid preparations. All the 
other enzymes above were obtained as powder and were 

solubilized in sodium phosphate buffer 200  mM pH 7.0 
prior to their applications. C. antarctica lipase B (CALB, 
product Lipozyme© CALB L), Humicola insolens cutinase 
(HiC, product Novozym© 51,032), Lecitase Ultra© (LU) 
and Lipozyme TL© 100L (LTL) were liquid preparations 
kindly provided by Novozymes (Araucária, Brazil).

Screening of enzymes for PET hydrolysis

All enzymes were screened on PET bottle films and milled 
amorphous PET. 10 mL phosphate buffer 200 mM pH 7.0 
with 200 mg initial PET (PET bottle films and amorphous 
PET granules) and enzyme amount of 0.01 gprotein/gPET 
were incubated in a hybridization incubator (Combi-D24, 
FINEPCR) at 37  °C under an agitation speed of 25  rpm. 
Control reactions (with no enzyme addition) were carried 
out at the same conditions used in each experiment. Protein 
amount was determined according to Bradford method [6].

Application of the selected enzymes for the hydrolysis 
of different PET samples

The two best enzymes from screening reactions were 
applied to catalyze hydrolysis of different milled PET 
samples, either in separate or simultaneously. Reactions 
were carried out in a hybridization incubator (Combi-D24, 
FINEPCR) at 60  °C, 25  rpm in 10  mL phosphate buffer 
200  mM pH 7.0 with 200  mg initial PET (bottle, amor-
phous, MW, CSD, CSD-Plus, CSD-LIV and PIRP). The 
enzyme loading was 0.01 gprotein/gPET in the reactions car-
ried out with each biocatalyst in separate and 0.02 gprotein/
gPET when both enzymes were used (being 0.01 g/g of each 
enzyme).

Analyses

The quantification of TPA, MHET and BHET 
(bis(hydroxyethyl terephthalate)) was carried out in a 
Thermo Scientific Dionex UltiMate 3000 HPLC using an 
Agilent Zorbax SB-C18 pre-column and an Eclipse Plus 
C18 column (at 30 °C). A gradient mixture of acetonitrile 
(TEMED) and 0.05% formic acid (Sigma–Aldrich) was 
used as mobile phase at a flowrate of 0.5 mL/min. An UV 
detector was used for the detection of the hydrolysis prod-
uct, at a wavelength of 254 nm. TPA and BHET peak areas 
were correlated to the ones of high-purity analites, whereas 
for MHET a high-purity (>99%) powder obtained from a 
quantitative BHET hydrolysis with HiC was used.

For the observation of the samples using scanning elec-
tron microscopy (SEM), PET substrates were metallized 
with Au/Pd in a Quorum Q150TES coater. The images of 
the prepared samples were then captured in a Zeiss EVO-
LS15 microscope, using 1 kV voltage.
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Crystallinity of PET substrates was determined in a 
Perkim-Elmer DSC8000 calorimeter, according to the 
standard ASTM D 3418-2012, employing heating (to 
290 °C) and cooling (to 0 °C) rates of 10 °C/min. The heat 
of fusion (DHm) of each sample was correlated to the one 
of a 100% crystalline polymer (estimated as 140 J/g) [14, 
16], for the determination of their degree of crystallinity.

Intrinsic viscosity (iv) was determined using a mixture 
of phenol/1,1,2,2-tetrachoroethane (PTCE) as solvent and 
it was correlated to the polymer molar mass using Mark-
Houwink-Sakurada equation [17].

Analysis of surface area and particles diameter of 
selected PET samples was performed in a Mastersizer 2000 
analyzer (Malvern Instruments).

Calculations

Mole fraction of each reaction component (χi, where 
i = BHET, MHET or TPA) was expressed as a ratio between 
the mole concentration (n) of the component and the sum 
of the mole concentrations of the three measured products, 
as shown in Eq. 1. The calculation of PET conversion into 
released TPA (%) was according to Eq. 2 where TPA and 
PET concentrations used were in mass basis (mg/L) and 
the theoretical yield is 0.8643 mgTPA/mgPET. The synergy 
degree (SD) between the two selected enzymes in the PET 
depolymerization reaction was defined as the ratio between 
TPA mole concentration (nTPA) when the two selected 
enzymes (E1, E2) were used simultaneously and the sum 
of TPA mole concentration when the enzymes were used in 
separate, at the same reaction conditions, as shown in Eq. 3.

(1)χi =
ni

nBHET + nMHET + nTPA

Results and discussion

Screening of enzymes for PET hydrolysis

Enzymes were first screened for their ability to cata-
lyze the hydrolysis of either bottle or amorphous PET. 
For this study, it was prioritized a condition in which 
all enzymes could be active and stable, more than an 
ideal condition of PET availability, such as near to its 
glass transition temperature. Although not at the highest 
hydrolysis rates, such mild condition would be effective 
to show the potential of possibly enzymes with low ther-
mal stability. As shown in Figs.  1 and 1S, HiC lead to 
significantly higher amounts of TPA and MHET (up to 98 
and 199 µmol/L in PET bottle and 402 and 950 µmol/L 
in amorphous PET, respectively) than the other 15 bio-
catalysts, which use resulted in no more than 20 µmol/L 
of each of these compounds. On the other hand, BHET 
concentrations in the reaction media were very simi-
lar for all biocatalysts, including HiC. In most cases, it 
was accumulated during the first 7 days of reaction and 
afterward converted into the final monomers. The excep-
tion was when HiC was employed for amorphous PET 
hydrolysis, yielding a continuously increasing BHET 
profile. MHET was the predominant depolymerization 
product during all the reaction time investigated, on both 
substrates, when HiC was used.

(2)PET conversion =

[

(TPAconc.)

PETconc. ∗ Yieldtheoretical

]

∗ 100%

(3)Synergy degree (SD) =
(nTPAE1 + E2)

(nTPAE1)+ (nTPAE2)
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Fig. 1   Profiles of TPA released from screening of PET bottle and amorphous PET hydrolysis reactions at 37 °C catalyzed by HiC (time course 
a) and maximum TPA concentrations in the reactions catalyzed by all the other 15 enzymes over PET bottle (b) and amorphous PET (c)
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Interestingly, cutinases usually show lower molecular 
weight (20–30 kDa) than lipases [19], in accordance to the 
results we found in this present study, with up to 70 kDa 
bands (from RnL) (Table 1S). This suggests that the mobil-
ity of smaller proteins along PET chains may play an 
important role for hydrolysis rate, being necessary more 
specific experiments to prove this hypothesis, since other 
enzyme structure characteristics, such as the catalytic triad, 
the flexibility of the active site and key residues in the oxy-
anion hole are related to the specific ability of each enzyme 
for the biocatalysis [9, 14]. As reviewed by Ferrario et al. 
[10] from a large list of microbial sources, cutinases pre-
sent molar mass of up to 40 kDa. Yang et al. [31] reported 
a low mass cutinase (~25.3 kDa) from Thielavia terrestris 
which demonstrated to be more efficient to hydrolyze sev-
eral polyesters than higher enzymes, such as the wild-type 
Thermobifida fusca cutinase (~33.8  kDa). Moreover, gly-
cosylation patterns have been reported in the literature to 
influence hydrolysis rates due to steric hindering that dif-
ficult the access of the catalytic site to the PET chains [27].

Even when compared at an enzyme molar basis 
(µmolTPA/µmolenzyme), HiC presented higher performance 
than the other biocatalysts, being by 29 times higher than 
the second best enzyme (Table 2S).

At the end of the tests (14  days) on PET bottle and 
amorphous PET, χMHET was 0.659 and 0.692, whereas χTPA 
at the same conditions was 0.327 and 0.293, respectively. 
Oppositely, although resulting in very low concentrations, 
CALB led to the final TPA mole fractions of 1.000 and 
0.754, when in contact with PET bottle and amorphous 
PET, respectively. This is in agreement with the behav-
ior of these enzymes, previously observed by our group 
[8], which suggested a limiting rate for the hydrolysis of 
MHET to TPA during catalysis by HiC, especially at lower 
temperatures, and higher hydrolysis rates of MHET to TPA 
during catalysis by the enzyme from C. antarctica.

TPA release rates were maintained constant throughout 
hydrolysis of both substrates (PET bottle and amorphous 
PET) catalyzed by HiC, as follows: 6.9 µmol/L/d (n = 7, 
R2  =  0.998) and 29.6  µmol/L/d (n  =  7, R2  =  0.986), 
respectively. These results indicate that the enzyme keeps 
active during the considered reaction time. Therefore, 
the experiments with this biocatalyst were continued 
for over 2  months and continuously increasing TPA and 
MHET concentrations were still observed, in both sub-
strates (Fig. 3S). It was observed, however, a trend in the 
proportions of TPA and MHET mole fractions. On bottle 
PET, χTPA (0.55 ±  0.01) surpassed χMHET (0.44 ±  0.01) 
after 52  days of reaction, and the final monomer contin-
ued to be the predominant compound until the end of the 
test. On amorphous PET, MHET mole fraction continu-
ously decreased from 0.74 ±  0.02 at 3  days of reaction 
to 0.52 ± 0.01 at 73 days of reaction, whereas TPA mole 

fraction increased from 0.22 ± 0.01 to 0.47 ± 0.01 during 
the same period. χBHET was no more than 0.06 during reac-
tions on both substrates.

In a screening of seven microbial enzymes for PET 
film hydrolysis, Korpecka et al. [20] observed the highest 
TPA release in the reaction catalyzed by a Fusarium solani 
cutinase, followed by H. insolens and T. fusca enzymes. 
In the reaction carried out with T. lanuginosus enzyme, 
the highest MHET concentration was found, but TPA was 
very low, suggesting a similar behavior as noticed in the 
present study for HiC. The proportions of MHET and TPA 
found in the study of Korpecka et al. [20] for T. lanugino-
sus (more MHET than TPA) and P. fluorescens (more TPA 
than MHET) are in accordance with the final mole frac-
tions observed in the present study, where we found the 
final χTPA = 0.20 and χMHET = 0.80 using TlL for amor-
phous PET depolymerization and the final χTPA = 0.58 and 
χMHET =  0.41 using PfL for amorphous PET hydrolysis 
(Fig. 2S), although corresponding to very low titers.

In the present screening study, MHET was the predomi-
nant product at the end of eight reactions in PET bottle and 
nine reactions in amorphous PET, attesting that the final 
hydrolysis step to TPA is commonly limiting. Similarly, 
a proportion of MHET/TPA of about 2.7 was found after 
hydrolysis of PET film by a PETase from a newly isolated 
and promising Ideonela sakaiensis strain [32].

Synergy studies on different PET samples

HiC was then selected for further investigations, along 
with CALB, due to the ability of this latter enzyme to more 
quickly catalyze the conversion of MHET to TPA [8]. 
Also, reaction temperature was increased to 60  °C, based 
on preliminary studies that indicated the thermal tolerance 
of HiC during PET hydrolysis [8, 24]. As the enzymes 
present complementary activity profiles at the final stages 
of PET depolymerization, the synergy between HiC and 
CALB was investigated on seven different PET samples, 
being five from an industrial PET production plant, one 
from an industrial PET recycling plant and one from com-
mercial PET bottle. The enzymes were then used in sepa-
rate or simultaneously for the hydrolysis of each substrate. 
Time course of TPA and MHET concentrations is shown in 
Fig. 2, whereas BHET data are shown in Fig. 4S.

In all substrates, MHET was confirmed as a reaction 
intermediate, showing decreasing concentrations from 
the first half of the test. At 14 days of reaction, TPA was 
the main product of the reactions in the seven substrates 
(χTPA  =  0.552–0.938), with the only exception being 
when HiC was used as the only biocatalyst for amor-
phous PET hydrolysis (χTPA and χMHET were 0.494 and 
0.495, respectively). Interestingly, the highest amounts 
of MHET (31,877  µmol/L in 10d) were found in this 
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condition. Thus, the stabilization of MHET concentra-
tion from 10 to 14 days of reaction may suggest that this 
is a limiting condition for MHET accumulation; however, 
systematic enzyme kinetic studies are needed to support 
the hypothesis of inhibition by MHET, as done by Barth 
et  al. [2]. Even by other hydrolysis product, such as EG, 
may change the active site dynamics, as recently detected 
by Groß et  al. [13]. The enzyme continued acting after 
this point, since TPA concentration increased from 23,050 
to 31,536 µmol/L (i.e., up to 7.45 g/L), but as MHET was 
stable, the MHET formation and consumption rates must 
had been very similar. On this substrate, when CALB was 
used concomitantly, MHET consumption and TPA forma-
tion were more intense, reinforcing the role of this enzyme 
to complement PET hydrolyzing activity of HiC. The 
impact of this enzyme, however, was not as fast as expected 
based on previous results obtained at 37 °C [8], and did not 
depleted MHET from reactional medium, and this may be 
related to the nominal optimum temperature range of this 
enzyme (30–60 °C), which is lower than that of HiC (35–
70 °C) [21].

Oppositely, on MW and the three CSD PET samples, 
a lower, but continuous MHET consumption rate was 
observed from the third day of reaction (18.5–33.6 µmol/
L/d). As in these substrates the reaction occurred at 
lower extent, MHET concentration was far from limiting 
conditions.

It can be observed that the combined use of the two 
enzymes increased substantially TPA and MHET con-
centrations only when PET bottle was used (684 and 
432  µmol/L after 14  days of reaction), and at the end of 
the test with amorphous PET (44,842 and 12,256 µmol/L, 
respectively). On CSD PET samples (regular, LIV and 
Plus), only a marginal positive synergy effect was observed 
(SD up to 1.10), and not during all reaction time. On 
MW PET and PIRP, the highest final TPA concentra-
tions were achieved when HiC was used solely (1003 and 
8693  µmol/L, respectively), representing a SD below 1 
(Fig.  3). It can be noted from almost all profiles that SD 
tends to decrease during the reaction, being higher in 
the first half of incubation period. Similar profiles were 
observed by Arias et al. [1] during synergy studies between 
cellulolytic cocktails from the fungi Penicillium funiculo-
sum, Aspergillus niger and Trichoderma harzianum, when 
higher SD (around 1.8, expressed as glucose released) 
occurred at 12 h of hydrolysis and thereafter decreased to 
1.4 by 48 h of reaction.

The simultaneous use of two enzymes for PET film 
hydrolysis was investigated by Barth et  al. [2]. Authors 
used a T. fusca carboxylesterase (TfCa) to complement the 
good PET depolymerizing activity of either a T. fusca cuti-
nase or a metagenome-derived LC-cutinase, and observed 
that the higher the amount of TfCa, the higher the propor-
tion of TPA over MHET.
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On PET bottle, TPA release rates were 32.8 and 
52.0 µmol/L/d when HiC was used solely and when it was 
used in combination with CALB, respectively. This rep-
resents 4.7- and 7.5-fold increases in reaction rate, when 
compared to the results observed in the screening, at 37 °C, 
corroborating the positive effect of temperature within this 
range.

On amorphous PET, SD was up to 2.0 (at 3-day reac-
tion time) and TPA release rate was increased from 2352 
to 3226 µmol/L/d when CALB was present in the reaction 
along with HiC. When both enzymes were employed, the 
TPA release rate was similar to the highest rate observed in 
the study of the effect of different buffers on the hydroly-
sis of PET film by a Thermobifida fusca KW3 cutinase 
(around 3480 µmol/L/d, based on the sum of the concentra-
tions of TPA, MHET and BHET) [25]. In this same study, 
the effect of phosphate buffer concentration on the initial 
hydrolysis rate of PET films was investigated, being the 
maximal rates observed at a concentration of 0.9 M (around 
700 µM cm2/h/µg). This suggests that the results obtained 
in the present study may be further increased through the 
adjustment of buffer concentration.

A variable that may significantly influence PET depo-
lymerization degree is particle size (or surface area). Aim-
ing to understand this impact, a new set of experiments was 
conducted. Amorphous PET was sieved, resulting in two 
particle size ranges, one below and another above 1  mm. 
For these experiments, reactions were maintained at 60 °C 
during 14 days and thereafter temperature was dropped to 
37 °C and CALB was added. Reactions progress was moni-
tored during the subsequent 24 h. For comparison purposes, 
the same strategy was employed for PIRP PET depolym-
erization, which is the realest post-consumer PET sample 
used in this study. The results shown in Fig. 4 indicate that 
this was an efficient approach. Within the 24 h evaluated, 

CALB was able to completely convert MHET to TPA, 
increasing TPA concentration by 39% (PIRP PET) and 
88% (amorphous >1 mm PET). At the end of the 24 h of 
the second reaction stage, TPA concentrations in the reac-
tions with amorphous <1 mm, amorphous >1 mm and PIRP 
PET were 59,989 ±  1408  µmol/L, 27,061 ±  191  µmol/L 
and 13,640  ±  108  µmol/L, respectively. The sequential 
addition of CALB was also effective in terms of enrichment 
of the final products composition in TPA. At the end of the 
reactions with amorphous <1 mm, amorphous >1 mm and 
PIRP PET, χtpa 0.993, 0.994 and 0.993, respectively. Com-
pared to the χtpa at the end of the reactions in which both 
enzymes were acting simultaneously during all the time on 
amorphous PET and PIRP samples (0.782 and 0.606), the 
media were enriched by 50% in TPA.

The very distinct results obtained when small and large 
amorphous PET granules were tested (Fig. 4) support that 
particle size significantly influenced reaction progress, 
since the molar mass and crystallinity properties of these 
samples did not statistically differ (Table 1). The paper by 
Gamerith et al. [11] reported a study on the effect of parti-
cle size of PET samples during depolymerization catalyzed 
by a T. cellulosilytica cutinase. At 50 °C, the concentrations 
of released products in the reaction over 0.05–0.1 mm pow-
der were 2.8 times higher than the concentration achieved 
using 0.25–0.5 mm powders (around 5 mM).

It is worthy to mention the broad range of products 
concentrations in the reactions on different PET samples 
(Figs. 2, 4) may also be related to the polymer properties. 
As can be seen in Table  1, amorphous PET showed the 
lowest molar mass and crystallinity (as expected), thus 
being more accessible for the enzymatic catalysis. On the 
other hand, MW and the three CSD PET samples were 
shown to present higher molar mass and also high crystal-
linity. Bottle and PIRP PET had intermediate molar mass 
and medium to high crystallinity. Melting and crystalliza-
tion temperature also varied significantly between PET 
samples. Tm ranged from 230.66  ±  0.07  °C (CSD-LIV 
PET) to 250.98 ± 0.47 °C (amorphous PET) and Tc ranged 
from 200.49 ± 0.32 °C (PIRP PET) to 210.17 ± 0.56 °C 
(CSD-LIV PET). The influence of PET crystallinity during 
hydrolysis by three commercial cutinases (from H. inso-
lens, Fusarium solani and Pseudomonas mendocina) was 
investigated by Ronkvist et  al. [24]. NaOH consumption 
rates (as a titrimetric measure of carboxylic acid release) 
was up to 23-times increased when a low-crystallinity PET 
(7.0% crystallinity) was used, as compared to a biaxially 
oriented PET (35.0% crystallinity), thus supporting the 
crucial role of PET crystallinity on the extension of its 
depolymerization.

In Fig.  4, a comparison between the results obtained 
employing amorphous PET  <  1  mm or PIRP PET as 
substrate corroborates the importance of the degree of 
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crystallinity for depolymerization efficiency. This is 
because they presented relatively similar surface proper-
ties, i.e., surface area (0.0132 m2/g for amorphous <1 mm 
and 0.0110  m2/g for PIRP PET) and surface weighted 
mean diameter (454.6  µm for amorphous  <1  mm and 
545.4  µm for PIRP PET). These samples, however, dif-
fered significantly regarding the degree of crystallinity 
(4.9 ± 0.9% for amorphous <1 mm and 41.1 ± 0.3% for 
PIRP PET), as shown in Table  1. Similarly, amorphous 
PET powder (12% crystallinity) and semi-crystalline PET 
powder (24% crystallinity) were employed in depolym-
erization reactions, under catalysis by a T. cellulosilytica 
cutinase [11]. Interestingly, higher TPA concentrations 
were observed during the 72 h of reaction using the semi-
crystalline sample, which also presented larger particle 
size (0.5–1.0  µm) than the amorphous PET (<0.5  µm). 
Authors supported their findings based on the differences 
of purity of each sample, since additives may change the 
glass transition temperature of the polymer and increase 
its chain mobility.

The addition of CALB was an effective strategy to 
boost TPA formation, even at lower reaction tempera-
ture. Data shown in Table  2 reveal that TPA formation 
rate was up to 141-fold increased after CALB addition 
(from 0.61 µmol/(L min) to 85.8 µmol/(L min), for amor-
phous PET > 1 mm), which sustain the findings previously 
reported by Carniel et  al. [8]. It is worthy to notice also 
that MHET consumption rate was lower than TPA forma-
tion rate for all three reaction conditions. Once the stoi-
chiometry is 1 mol of MHET forming 1 mol of TPA, these 
results suggest that possibly CALB was further acting on 
substrates with higher molar mass present in the reaction 
medium, more rapidly catalyzing the release of MHET, 
which is still a reaction intermediate. The MHET consump-
tion rates observed are, therefore, a result of its formation 
rates (from higher substrates) and its conversion rates to 
TPA.

Amorphous PET (as a film) was also the substrate used 
for depolymerization studies with a T. fusca cutinase. The 
best variant of the engineered enzyme yielded a conver-
sion of 42.6%, considerably higher than that found with the 
wild-type cutinase (15.9%), and the increase was attributed 
to relieved product inhibition [29].

In the two-step depolymerization reactions, the 
highest TPA-specific production (achieved on amor-
phous  <1.0  mm) was 3565 µ/µenzyme, which is 98.6 
times higher than the initial specific production using 
solely HiC, observed during the screening studies. This 

Fig. 4   Time course of products released during hydrolysis of amor-
phous <1 mm (a), amorphous >1 mm (b) and PIRP (c) PET samples 
catalyzed by sequential incubation with HiC (at 60 °C) and CALB (at 
37 °C)

▸
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indicates that the overall process strategy here described 
was very effective to a better utilization of the commer-
cial enzyme.

At the end of incubation with CALB at 37 °C, remain-
ing particles of the substrates were used for SEM analysis. 
Images shown in Fig. 5 reveal vast morphological changes 
in the two amorphous PET samples (Fig.  5b, d), as com-
pared to their corresponding controls (Fig.  5a, c). PIRP 
PET was also visualized presenting degraded surface, but 
less extensively than in the other samples. The deep erosion 
pattern, however, was similar to that previously observed in 
PET bottle [8]. The extent of degradation was in agreement 
with the conversion of PET to TPA found at the end of the 
reactions in amorphous  <1  mm, amorphous  >1  mm and 
PIRP PET: 57.6 ± 1.4%, 27.0 ± 1.8% and 13.6 ± 0.8%, 
respectively.

Conclusions

In this study, 16 commercial enzymes were screened for 
their ability to catalyze the depolymerization of PET 
bottle and amorphous PET samples. In many cases, the 
hydrolysis intermediate mono(hydroxyethyl) terephtha-
late (MHET) was the predominant product, confirming 

a common behavior reported in the literature regarding 
its inhibition effect to cutinases. In this step of the study, 
the cutinase from Humicola insolens (HiC) stood out as 
the best biocatalyst, and terephthalic acid (TPA) titers of 
up to 3377 µmol/L were found at the end of an extended 
test performed during over 2  months, in which the 
enzyme was shown to be active all along. Although not 
effective for PET depolymerization, based on previous 
knowledge that the Candida antarctica lipase (CALB) 
can efficiently catalyze the hydrolysis of MHET to TPA, 
synergy studies between these enzymes were conducted, 
over five industrial PET resin and two post-consumer 
PET samples. When the enzymes were used simultane-
ously at 60  °C, the highest effective synergy degrees 
(SD) were observed in amorphous and in the two post-
consumer PET (SD up to 2.2) and they decreased dur-
ing the reaction, as similarly observed in synergy stud-
ies with cellulases. When the enzymes were employed 
sequentially, time course of products release with pre-
dominant MHET concentrations was observed during 
incubation solely with HiC, but after CALB addition and 
temperature reduction to 37 °C, it was rapidly converted 
to TPA, resulting in up to 141-times higher reaction rates 
and yielding a 1.7-fold higher titer than that found when 
the two enzymes were used at the same temperature in 

Table 1   Properties of the seven PET samples used in the synergy study

PET sample Intrinsic viscosity (dl/g) Molar mass (g/mol) Polymerization degree Crystallinity (%)

Amorphous (all granulometric grades) 0.6022 ± 0.0141 30,762 ± 1109 160.1 ± 5.8 12.9 ± 3.0

Amorphous (<1 mm) 0.6090 ± 0.0002 31,296 ± 17 162.8 ± 0.1 4.9 ± 0.9

Amorphous (>1 mm) 0.6039 ± 0.0019 30,892 ± 150 160.7 ± 0.8 6.3 ± 2.0

Bottle 0.7453 ± 0.0032 42,737 ± 288 222.4 ± 1.5 36.6 ± 0.5

MW 0.8283 ± 0.0061 50,305 ± 576 261.7 ± 3.0 39.4 ± 1.7

CSD 0.8178 ± 0.0112 49,325 ± 1046 256.6 ± 5.4 38.4 ± 2.3

CSD-Plus 0.8491 ± 0.0017 52,262 ± 161 271.9 ± 0.8 45.0 ± 2.6

CSD-LIV 0.7812 ± 0.0049 45,959 ± 442 239.1 ± 2.3 36.2 ± 0.2

PIRP 0.7525 ± 0.0028 43,379 ± 245 225.7 ± 1.3 41.1 ± 0.3

Table 2   Initial reaction rates of TPA formation and MHET formation/consumption during reactions at 60 °C and 37 °C

Substrate Product Initial rates

At 60 °C (only HiC) At 37 °C (after CALB addition)

Amorphous <1 mm TPA 2364 µmol/(L days) (1.64 µmol/(L min)) (R2 = 0.9810) 219.3 µmol/(L min) (R2 = 0.9694)

MHET 3109 µmol/(L days) [2.16 µmol/(L min)] (R2 = 0.9743) −146.5 µmol/(L.min) (R2 = 0.9591)

Amorphous >1 mm TPA 1079 µmol/(L days) [0.61 µmol/(L min)] (R2 = 0.9643) 85.8 µmol/(L min) (R2 = 0.9847)

MHET 1171 µmol/(L days) [0.81 µmol/(L.min)] (R2 = 0.9727) −41.4 µmol/(L min) (R2 = 0.9337)

PIRP TPA 872 µmol/(L days) [0.75 µmol/(L min)] (R2 = 0.9720) 23.6 µmol/(L min) (R2 = 0.9778)

MHET 809 µmol/(L days) [0.56 µmol/(L min)] (R2 = 0.9678) −11.2 µmol/(L min) (R2 = 0.9787)
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the PET sample from and industrial recycling plant. The 
findings reported in this study reinforce the different and 
complementary catalytic behavior of HiC and CALB, 
supporting the meaningful use of these enzymes in com-
bination for increased conversion of real PET substrates 
to TPA.
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