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EXAFS  Extended X-ray absorption fine structure
HMO  Hydrocarbon monooxygenase
MDH  Methanol dehydrogenase
MMO  Methane monooxygenase
MMOB  sMMO regulatory protein
MMOH  sMMO hydroxylase
MMOHox  MMOH with a diiron(III) site
MMOHred  MMOH with a diiron(II) site
MMOR  sMMO reductase
NDH-2  Type 2 NADH:quinone oxidoreductase
PHM  Peptidylglycine α-hydroxylating 

monooxygenase
pMMO  Particulate MMO
sMMO  Soluble MMO

Introduction

Humans are reliant on a dwindling supply of fossil fuels to 
maintain our current standard of living, often at the expense 
of ecological homeostasis [1, 2]. Consequently, greenhouse 
gas emissions are intensely scrutinized, and minimizing cli-
mate change is a primary issue in global policy [3]. New 
technologies to sequester highly potent greenhouse gases 
while providing alternative uses for them are, thus, valued 
tremendously. Methane is ~84 times more potent than car-
bon dioxide as a greenhouse gas, and is present in depos-
its worldwide [4, 5]. It is routinely used as feedstock in 
the production of liquid fuels at Fischer–Tropsch facilities 
[6], but current techniques for producing fuels from meth-
ane require large capital expenditure and risk, along with 
environmental and anthropological perturbation [6, 7]. The 
desire for environmentally benign and cost-effective meth-
ane utilization has prompted researchers to search for alter-
native catalysts. One avenue for this pursuit is the study of 
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methanotrophic bacteria, a diverse collection of organisms 
capable of utilizing methane as their sole carbon and energy 
source. Methanotrophs have been studied intensely over the 
~110 years since Kaserer and Söhngen independently iden-
tified bacteria capable of methane oxidation [8–10]. The 
diversity among methanotrophs is a reflection of the distinct 
environments in which they are found; they can live in tem-
perature, salt, and pH extremes, and survive either faculta-
tively or obligately on C-1 compounds [11–13].

Classically, aerobic methanotrophs have been divided 
into three categories based on carbon assimilation path-
ways, intracytoplasmic membrane morphology, and phos-
pholipid composition, as well as other physiological and 
genetic traits [13–15]. The type I (Gammaproteobacterial) 
methanotrophs utilize the ribulose monophosphate (RuMP) 
pathway for carbon assimilation whereas the type II (Alp-
haproteobacterial) methanotrophs couple methane oxida-
tion to serine formation through the serine pathway. The 
type X methanotrophs, sometimes categorized as a subset 
of type I [13, 16], utilize the RuMP pathway, but express 
ribulose-bisphosphate carboxylase, an enzyme used in the 
serine pathway. These classifications do not include the 
comparatively recently discovered Verrucomicrobia [17–
19], which seemingly fit neither category [20], and may 
have a distinct mechanism of methane oxidation [15].

The first step in methanotroph metabolism, oxidation of 
methane to methanol, is catalyzed by methane monooxyge-
nases (MMOs). Methanotrophs produce two genetically unre-
lated MMOs: soluble MMO (sMMO) expressed by a subset 
of methanotrophs and membrane-bound, particulate MMO 
(pMMO) expressed by nearly all methanotrophs [13]. These 
enzymes can activate the very strong C–H bond of methane 
(105 kcal/mol) [21] at ambient temperature and pressure. A 
pMMO homolog expressed by ammonia oxidizers, ammonia 
monooxygenase (AMO) [22, 23], is also capable of methane 
oxidation. In organisms that have genes for both sMMO and 
pMMO, expression levels are coupled to intracellular copper 
levels in a mechanism known as the “copper switch”, wherein 
sMMO is produced at low copper concentrations while 
pMMO expression is mildly upregulated and sMMO expres-
sion is downregulated when copper is available [24–28]. The 
enzyme active sites reflect this metalloregulation: sMMO 
contains a non-heme diiron active site and pMMO has a cop-
per active site [29–31]. Whereas many aspects of sMMO 
function are established, the state of knowledge regarding 
pMMO is far less advanced. In this minireview, we summa-
rize what is known about O2 activation by both enzymes, with 
an emphasis on prevailing hypotheses and unresolved ques-
tions surrounding pMMO. More detailed reviews of MMO 
structure, kinetics, efficiency, and biotechnological viability 
have been published elsewhere [32–34].

Soluble methane monooxygenase

Overall structure and active site

sMMO, which belongs to the larger bacterial multicompo-
nent monooxygenase (BMM) family, requires three protein 
components for maximal catalytic activity: the hydroxy-
lase (MMOH), the reductase (MMOR), and the regulatory 
protein (MMOB) [32, 35]. MMOH is a 251 kDa α2β2γ2 
homodimer, composed of mostly α helices (Fig. 1a). The 
diiron active site of each homodimer is located in the α 
subunit, and no other metal centers are present [29]. The 
resting state active site (MMOHox) consists of two Fe(III) 
ions coordinated by Glu114, His147, and a solvent mol-
ecule (Fe1), and Glu209, Glu243, and His246 (Fe2). The 
iron ions are 3.1 Å apart, coordinated in pseudooctahedral 
fashion and bridged by two solvent molecules as well as 
Glu144 [29, 36] (Fig. 2a). The two electron reduction of 
MMOHox to the diiron(II) state (MMOHred) increases the 
Fe–Fe distance to ~3.3 Å, and a bridging solvent molecule 
is displaced by Glu243 in a rearrangement known as a car-
boxylate shift [36] (Fig. 2b). 

The active site is ~12 Å from the bulk solvent and can 
be accessed via a hydrophilic region known as the “pore” 
that is gated by residues Thr213, Asn214, and Glu240 
[37, 38]. The egress from this pore leads to the “canyon” 
region, a large surface at the MMOH dimer interface that 
is the site of MMOR and MMOB binding. There are three 
hydrophobic pockets [37] that can be occupied in struc-
tures of MMOH and the related BMM toluene/o-xylene 
monooxygenase with bound substrate or product ana-
logs [29, 39–42]. The roles of the pore and these cavities 
in transport of substrates, products, protons, and electrons 
have not been established definitively. In one model, the 
hydrophobic cavities constitute the pathway for substrate 
access (O2 and methane) and/or product exit to and from 
the active site, and the pore provides the entrance for pro-
tons and electrons as well as the exit for water, facilitated 
by residue Glu240 [37, 38]. However, substrate access via 
the 36–40 Å pathway connecting the cavities is not consist-
ent with kinetic data showing that reaction of substrates 
with the oxidizing intermediate Q (vide infra) has a linear 
concentration dependence [43, 44]. Successive occupancy 
of these sites would be expected to yield zero order kinet-
ics with respect to substrate. Alternatively, substrates could 
access the active site via the pore. In support of this second 
model, mutation of MMOB residues adjacent to the pore 
[38] significantly affects the reaction rate with intermediate 
Q, and does so in a substrate-dependent fashion [45, 46], 
which would be consistent with the pore functioning as the 
substrate entry site.
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MMOR is a ~40 kDa protein composed of three 
domains: a [2Fe-2S] ferredoxin domain, an FAD-binding 
domain, and an NADH-binding domain [47–49]. Structures 
of the isolated reduced ferredoxin domain and reduced 
FAD- and NADH-binding domains have been determined 
via NMR [50, 51]. Interactions between the ferredoxin 
and hydroxylase components have been observed crystal-
lographically for the BMM toluene 4-monooxygenase, in 
which the reduced ferredoxin domain binds in the hydroxy-
lase canyon region atop the pore [52]. This same binding 

site was proposed for sMMO based on hydrogen–deute-
rium exchange coupled mass spectrometry (HDX-MS) 
and computational docking [53]. Additionally, chemical 
crosslinking studies indicate that MMOR interacts with the 
α [54] and β [55] subunits of MMOH. The redox potential 
of MMOH increases in the presence of MMOR, indicating 
a higher affinity of MMOR for MMOHred [56].

The 16 kDa regulatory component MMOB contains no 
cofactors. MMOB binding to MMOH affects the structure 
of MMOH [38] and the geometry of the diiron center as 
manifested by alterations of the EPR, CD, and MCD spec-
tra [55, 57, 58]. These changes increase methane oxidation 
activity by accelerating reaction intermediate formation as 
well as O2 and proton delivery to the active site [47, 55, 
59]. Specifically, complex formation repositions MMOH 
residue Phe188, which gates the hydrophobic cavities [38] 
and closes the pore via movement of Glu240 (suggested to 
reposition for proton donation to the sMMO active site), 

Fig. 1  Overall structures of MMOs. a M. capsulatus (Bath) sMMO 
(PDB accession code 1MTY) showing the α subunits in gray, β subu-
nits in magenta, and γ subunits in green. Iron ions are colored red–
brown. b M. capsulatus (Bath) pMMO (PDB accession code 3RGB) 
showing the PmoC subunits in green, PmoB subunits in magenta, and 
PmoA subunits in gray. Copper ions are dark blue and zinc ions are 
gray

Fig. 2  The diiron active site of MMOH in the a oxidized (PDB 
accession code 1MTY) and b reduced (PDB accession code 1FYZ) 
forms, demonstrating the carboxylate shift of Glu243, displacing a 
solvent ligand (colored red). Iron ions are colored red–brown
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perhaps preventing electrons from prematurely quenching 
reactive intermediates [37, 38]. Fluorescence anisotropy 
and double electron–electron resonance (DEER) studies 
suggest that spin-labeled MMOB binds MMOHred with 
higher affinity than MMOHox and that the N-terminal tail 
of MMOB, truncation of which severely impacts MMOH 
activity [38], participates in an ordered interaction only 
with MMOHred [60]. These observations are not compat-
ible with previous work showing that the redox potential 
of MMOH decreases in the presence of MMOB [61, 62], 
which requires that MMOB bind MMOHox with a higher 
affinity than MMOHred [56]. In addition, fluorescence titra-
tions using labeled MMOB indicate a higher affinity for 
MMOHox than MMOHred [63].

O2 activation intermediates

The intermediates involved in O2 activation by sMMO 
have been largely characterized (Fig. 3), although exactly 
how MMOR and MMOB regulate activity has not been 
fully elucidated. The antiferromagnetically coupled, high-
spin Fe2

III site in MMOHox [29, 64–67] is reduced by two 
electrons to the weakly ferromagnetically coupled, high-
spin Fe2

II state, MMOHred [68]; this change is correlated 
with the carboxylate shift of residue Glu243 (Fig. 2). 
The electrons come from reduction of the MMOR FAD 
cofactor by NADH, followed by transfer to the MMOR 
[2Fe-2S] cluster, and then sequential electron trans-
fer to the MMOH diiron site [69]. The Glu243 carboxy-
late shift upon conversion to MMOHred provides an open 
coordination site for O2 binding [36]. After formation of 
MMOHred, O2 associates with the MMOHred-2MMOB 

complex, in which MMOB has been proposed to displace 
MMOR [37, 53]. Whether MMOB and MMOR bind in 
the same location remains controversial. MMOB inhibits 
MMOR binding to MMOH [53, 55], which would be con-
sistent with a shared binding site. However, MMOB and 
MMOR are also known to form a protein–protein com-
plex [55], which could explain inhibition of MMOR bind-
ing by MMOB without invoking a common binding site. 
Moreover, MMOR decreases the rate of O2 reactivity of 
the MMOHred-2MMOB complex, indicating that a ternary 
complex can form [56], and kinetic data are best modeled 
with the formation of a complex between all three com-
ponents [55, 70]. The high affinities for both MMOB and 
MMOR for MMOH are not consistent with a model in 
which electron transfer is simply controlled by competitive 
binding of the two components [37], and further consid-
eration of this issue is warranted.

The interaction of MMOHred with O2 produces interme-
diate O, which has been hypothesized to be a complex of 
MMOHred with O2 at a location other than the diiron site 
[59, 71, 72]. Intermediate O is converted to intermediates 
P* and then P [73]. It has been suggested that P* and P are 
electronically equivalent as a Fe2

III site, with protonation of 
either a coordinating ligand or solvent molecule and minor 
structural changes producing P from P* [74]. However, 
recent Mössbauer data indicate that P* is an Fe2

II center 
[75]. P is believed to be a µ-1,2 peroxo-bridged Fe2

III spe-
cies, formed from P* in a pH-dependent manner, indicating 
that proton transfer is involved in the rate-determining step 
[71, 73, 76, 77]. Intermediate P can alternatively be gener-
ated by mixing MMOHox with excess H2O2, a mechanism 
known as the peroxide shunt [78, 79].

Fig. 3  Catalytic cycle of 
sMMO, with iron ions shown in 
red–brown, and their oxida-
tion states designated. Oxygen 
atoms are represented as red 
circles, except for intermediate 
P*, for which the binding mode 
of O2 to the Fe2

II active site is 
unknown. Fe–Fe, Fe–O, and 
O–O distances and bond angles 
through the catalytic cycle are 
not implied. Intermediate P can 
also be generated by reaction 
of MMOHox with H2O2 in a 
mechanism known as the perox-
ide shunt
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Proton transfer and homolytic O–O bond cleavage then 
produce compound Q, the methane-oxidizing species 
[43, 80–82]. The structure of Q was elucidated via time 
resolved resonance Raman spectroscopy as a diamond di(µ-
oxo) Fe2

IV core [83]. Intermediate Q reacts with methane to 
insert a single oxygen atom derived from the bound O2 via 
an unknown mechanism. This critical step has been stud-
ied computationally [84] as well as experimentally; radical 
and/or cationic mechanisms [85–91] as well as concerted 
reaction mechanisms have been proposed [92–94]. Experi-
ments using chiral ethane as a substrate suggest that hydro-
gen abstraction by intermediate Q yields a radical interme-
diate [95, 96], but one that is best explained by formation 
of a “bound-radical” intermediate in which methyl radical 
rotation is constrained by interaction with the diiron center 
[97]. This model also includes a second nonsynchronous 
concerted pathway, with the reaction proposed to involve 
a mixture of the two pathways [97, 98]. Extensive studies 
utilizing radical clock probes are consistent with this pro-
posal [92]. It should be noted that MMOH can oxidize a 
large range of substrates, including C1–C8 linear alkanes, 
alkenes, cyclic and aromatic carbon compounds [99–101], 
and that understanding C–H activation may be complicated 
by the use of various probe substrates that may react by dif-
ferent or multiple mechanisms [102]. Finally, compound T 
forms after Q reaction with methane, and is assigned as a 
mono(µ-oxo) bridged Fe2

III site [83].

Particulate methane monooxygenase

Overall structure and metal centers

The only known protein component of pMMO is the 
hydroxylase, referred to simply as pMMO. pMMO from 
four methanotrophs has been characterized crystallo-
graphically, and in all instances the oligomerization state is 
a ~300 kDa α3β3γ3 trimer composed of PmoA (24 kDa) and 
PmoC (22 kDa), almost entirely transmembrane domains, 
and PmoB (42 kDa), a primarily periplasmic subunit com-
prising two cupredoxin-like β-barrels joined by two trans-
membrane helices [30, 103–105] (Fig. 1b). Additionally, 
a helix of unknown sequence and function associates with 
PmoC in all pMMO structures except that from Methylo-
coccus (M.) capsulatus (Bath) and is likely of biological, 
if not mechanistic, significance [32]. The physiological 
relevance of the trimeric state and general subunit assem-
bly observed in the crystal structures has been validated 
by electron microscopic structural characterization of an 
active M. capsulatus (Bath) pMMO [106, 107].

Unlike sMMO, structures of pMMO have not unambigu-
ously identified the active site: the first structure, obtained 
for M. capsulatus (Bath) pMMO, revealed several metal 

centers. These sites include (1) a monocopper site coordi-
nated by nonconserved residue His48 and residue His72 
from the N-terminal subdomain of PmoB, (2) a dicopper 
site in the same subdomain with a Cu–Cu distance of ~2.5 
Å, ligated by the N-terminal amino group and side chain of 
His33 (Cu1) as well as His137 and His139 (Cu2) (Fig. 4a), 
and (3) a zinc ion in PmoC ~20 Å away from the PmoB 
dicopper site and attributed to the crystallization solution 
[30, 108]. The dicopper and zinc site ligands are conserved 
across all pMMOs and AMOs except for the distantly 
related Verrucomicrobial pMMOs, which lack the residues 
corresponding to His33, His137, and His139 [20, 109, 110]. 
With the highest resolution pMMO structure with two cop-
per ions modeled in this site solved to 2.68 Å [103], the cop-
per ions are not observable as discrete atoms. Thus, assign-
ment of nuclearity has relied on extended X-ray absorption 
fine structure (EXAFS) data, which are consistently best 
fit with Cu–Cu distances of ~2.5 Å for the resting state 
and ~2.65 Å for chemically reduced samples [103, 108]. 
The three metal sites have been variably occupied in later 
pMMO structures, with the monocopper center not observed 
in any other pMMO, the PmoC site occupied by either cop-
per or zinc depending on the crystallization conditions, and 
the dicopper site often modeled with only a single copper 
ion [103–105] (Fig. 4b). The crystal structure of a soluble 
AmoB domain also contains only a single copper ion in the 
dicopper site, although the amino terminal histidine was 
not visible in the structure and this protein fragment did 
not exhibit methane oxidation activity [109]. Despite these 
issues, a dicopper center at this location remains the leading 
hypothesis for the pMMO active site (vide infra).

Attempts to cocrystallize pMMO with substrate to iden-
tify the active site and assess pathways for hydrocarbon 
access and product egress have not been successful. One 
possible methane entryway is through the membranes [15], 
favored in part because of the higher solubility of methane 
in lipid bilayers relative to solution [111]. A hydrophobic 
pocket in PmoA was proposed to provide such access, 
justified by steric constraints consistent with pMMO sub-
strate size limitations [112], but a pathway from this site 
to the PmoB copper active site has not been established. 
Unique pathways for smaller (C1–C2) versus larger (C3–
C5) hydrocarbons have also been proposed, a notion some-
what corroborated by the dramatically different affinity of 
pMMO for propane compared to methane [113, 114]. If 
hydrocarbons do access the pMMO active site through the 
membranes, navigation to the active site would not neces-
sitate solvent occlusion through extensive protein channels 
as proposed for MMOH. Thus, an adventitious pathway for 
larger hydrocarbon substrates could exist, leading to the 
different affinities. Hydrophobic cavities identified between 
PmoC and PmoB may also play roles in directing substrate 
to the pMMO active site [33, 106, 107].
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The copper active site

Understanding O2 activation by pMMO has been hindered 
by uncertainty regarding the metal composition of the 
active site. It is currently accepted that pMMO uses copper 
to oxidize methane, despite earlier suggestions of an iron 
active site [32, 115]. The dependence of pMMO activity on 
copper was established by metal reconstitution experiments 
showing that activity of metal-depleted, membrane-bound 
pMMO can be restored by copper and not by iron [31, 
105]. In addition, much of the available information indi-
cates that the active site is located at the site of the dicopper 
center in PmoB. First, the His48 ligand to the monocop-
per center observed in the M. capsulatus (Bath) pMMO 
structure is not conserved and this site is not present in 
any other pMMO structures [103–105]. Second and most 
important, a recombinantly expressed fragment of PmoB 
is capable of methane oxidation [31]. This protein, denoted 

as spmoB, consists of the two soluble PmoB subdomains 
joined by a flexible linker region, and exhibits methane oxi-
dation activity dependent on binding of approximately two 
copper equivalents. Copper presumably binds at the loca-
tion of the crystallographically modeled dicopper active 
site since mutation of the histidine ligands diminishes 
metal binding and completely abrogates activity [31], and 
EXAFS data indicate the presence of a short Cu–Cu dis-
tance as observed in pMMO [31]. These data also rule out 
the PmoC metal center and a proposed tricopper center in 
PmoA [116, 117] as the active site since these subunits are 
not present in spmoB.

There are several potential discrepancies with this 
active site model. First, mutation of the His139 equivalent 
residue in the C2–C4 alkane-oxidizing pMMO homolog 
hydrocarbon monooxygenase (HMO) from Mycobacte-
rium NBB4 does not completely abrogate its ability to 
consume butane, although it is severely reduced [118]. 

Fig. 4  Comparison of pMMO 
dicopper site occupied with a 
two copper ions or b one copper 
ion from Methylocystis species 
strain M (PDB accession code 
3RFR) to c the cytochrome 
c oxidase CuA site (PDB 
accession code 1AR1), d the 
deoxy-tyrosinase dicopper site 
(PDB accession code 2Y9X), e 
the monocopper active site of 
LPMO (PDB accession code 
5ACG), and f the CuB/CuM site 
of PHM (PDB accession code 
1PHM). Solvent ligands are 
shown in red and copper ions 
are in dark blue
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It is possible that this mutant HMO active site might 
still bind one copper ion and be capable of activating 
the comparatively weaker C–H bond in C2–C4 alkanes 
[21]. Second, the histidine residues involved in dicop-
per site coordination are not conserved in the distantly 
related Verrucomicrobia PmoB subunit [20]. However, 
the extreme growth conditions of these Verrucomicrobial 
methanotrophs (capable of growth below pH 1 and up to 
65 °C) may very well require a distinct active site and 
mechanism from that of the Proteobacterial pMMOs [15, 
32]. Finally, pMMO/AMO studies with radiolabeled acet-
ylene, a suicide substrate, suggest involvement of PmoA 
in the active site [119–122]. Since PmoA houses no iden-
tified metal centers, either conformational changes during 
catalysis or product migration after reaction at the active 
site may explain these data. Since these discrepancies do 
not strongly support an alternative location for the active 
site, the copper site at the N-terminus of PmoB remains 
the most viable candidate.

Assuming that O2 activation occurs at this site, the ques-
tion of nuclearity is critical. As mentioned above, EXAFS 
data consistently indicate a short Cu–Cu interaction [103, 
108], but crystallographic data are ambiguous and often 
best fit with a single copper ion [103–105] (Fig. 4b). The 
situation is further complicated by the loss of enzymatic 
activity and copper upon purification and crystallization of 
some pMMO samples [104, 105] as well as the consistent 
observation that two copper ions are required for maximal 
activity recovery in reconstitution experiments [31, 105]. 
These two copper ions could both be located within the 
putative dicopper center or there could be an alternative 
copper-requiring site, such as that in PmoC. While spmoB 
does not contain additional sites, its activity is signifi-
cantly less than that of pMMO, suggesting that the rest of 
the enzyme, possibly including other metal centers, plays 
an important role in activity. Analysis of the M. capsula-
tus (Bath) pMMO and spmoB resting state EPR spectro-
scopic features suggest the presence of a valence-localized, 
scrambled, CuICuII dicopper active site, an additional CuI 
occupying the nonconserved monocopper site, and no CuII 
in the PmoC site [123]. Since no evidence for strong dipo-
lar coupling, electron delocalization over the copper ions, 
or an (anti)ferromagnetically coupled ground state (except 
for studies claiming to observe the trinuclear copper clus-
ter signature [116, 124, 125]) has been obtained, a CuICuII 
resting state is the only consistent assignment if the site is 
indeed dinuclear and not CuICuI.

Understanding the pMMO copper active site has also 
been hindered by the lack of similar sites in well-char-
acterized copper proteins [126]. The proposed dicopper 
center shares some features with the dinuclear CuA cent-
ers, which exhibit a nearly identical Cu–Cu distance to that 
in pMMO [127] (Fig. 4c) and with the type 3 dinuclear 

copper centers of tyrosinase, hemocyanin, and multicopper 
oxidases (MCOs), which coordinate copper using exclu-
sively histidine ligands [128] (Fig. 4d). However, the CuA 
site is defined by two bridging cysteine sulfur ligands, and 
EPR spectroscopic characterization indicates complete 
electron delocalization over the two copper ions [128]. 
By contrast, pMMO consistently exhibits a type 2 copper 
EPR signal, typically observed for mononuclear CuII [123]. 
Although a fully delocalized CuA center can give an appar-
ent mononuclear localized EPR signature [129], no Cu–S 
scattering has ever been observed via EXAFS for pMMO 
(PmoB does not in fact contain any cysteine residues), and 
no bridging ligands are observed by crystallography. The 
type 3 copper sites differ from pMMO in that they feature 
an EPR-silent, antiferromagnetically coupled CuIICuII oxy 
ground state and also have significantly longer Cu–Cu dis-
tances [128, 130].

If the site is actually mononuclear, it resembles that in 
lytic polysaccharide monooxygenases (LPMOs), in which 
an N-terminal histidine also coordinates a copper ion in a 
bidentate fashion, a mode termed the histidine brace [131–
133] (Fig. 4e). pMMO contains a third histidine ligand not 
present in LPMO, however. In some, but not all, LPMO 
structures, the histidine is methylated; there is no evidence 
for this occurring in pMMO. In addition, a tyrosine side 
chain oxygen is within 2.6 Å of the LPMO copper ion. In 
pMMO, there are tyrosines as close as 5 Å to the copper 
ion, but not coordinating. Another relevant example is the 
CuB/CuM site in peptidylglycine α-hydroxylating monoox-
ygenase (PHM) and dopamine β-hydroxylase (DβH), in 
which O2 activation occurs at a single copper ion coordi-
nated by two histidines and a methionine that is important 
for activity [134, 135] (Fig. 4f). However, there are no con-
served methionines in the vicinity of the pMMO site and 
no evidence from EXAFS for Cu–S interactions [103, 108].

Possible O2 activation intermediates

Given the uncertainty surrounding the active site nuclearity, 
it is necessary to consider how O2 activation might occur 
at both mono- and dicopper centers. The monocopper site 
in LPMOs (Fig. 4e) cleaves glycosidic C–H bonds on the 
order of 95 kcal/mol [132], and the PHM and DβH mono-
copper sites (Fig. 4f) activate O2 to hydroxylate substrates 
with C–H bond strengths of 87 and 85 kcal/mol, respec-
tively [136]. Thus, a key question is whether a somewhat 
similar monocopper site can cleave the methane 105 kcal/
mol C–H bond. Density functional theory (DFT) and quan-
tum mechanics/molecular mechanics (QM/MM) calcula-
tions using the M. capsulatus (Bath) pMMO structure as a 
starting model have suggested that a mononuclear copper 
active site may be viable, proceeding through a CuIII-oxo 
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(CuII-O·) species [137]. However, this study used the non-
conserved monocopper site ligated by His48 and His72 as 
a starting model, and it would be worthwhile to reinvesti-
gate the calculations using a monocopper site coordinated 
by the residues equivalent to M. capsulatus (Bath) His33, 
His137, and His139 (Fig. 4b).

Although the computational work deemed the mono-
nuclear CuIII-oxo species sufficiently reactive for methane 
oxidation, the formation of a dicopper–oxygen species is 
more favorable. In this pathway, also calculated for M. cap-
sulatus (Bath) pMMO, a µ-η2:η2-peroxo-Cu2

II or µ-η1:η2-
peroxo-CuICuII species is converted to a reactive di(μ-oxo)
CuIICuIII or (µ-oxo)(µ-hydroxo)CuIICuIII species capable of 
methane oxidation [137–139]. In these calculated species, 
one copper ion is coordinated by the side chain nitrogens 
of His137 and His139 while the other is coordinated by 
the side chain of His33, and instead of the amino terminal 
nitrogen (Fig. 4a), an oxygen from the side chain of Glu35. 
Residue Glu35 is included in the starting models for these 
calculations to maintain charge neutrality, but is not within 
coordinating distance in the crystal structures. The (µ-oxo)
(µ-hydroxo)CuIICuIII species is proposed to form via an 
H-atom transfer or proton-coupled electron transfer (PCET) 
mechanism in which homolytic cleavage of the O–H bond 
of a second-sphere tyrosine residue, Tyr374, and transfer to 
the µ-η2:η2-peroxo-Cu2

II produces a µ-η1:η2hydroperoxo-
CuICuII species, which is converted to a reactive (µ-oxo)
(µ-hydroxo)-CuIICuIII species [138] (Fig. 5). One caveat to 
this proposed mechanism is CuIII has not been observed in 

biological systems [140–142]. While the invoked tyrosine 
residue is not in the same position in every pMMO, there is 
always one present, including Tyr341, Tyr352, and Tyr341 
in the structures of pMMO from Methylocystis species 
strain M, Methylosinus trichosporium OB3b, and Methylo-
cystis species strain Rockwell, respectively, all with a Cu–
Tyr hydroxyl distances of ~5 Å. The functional relevance of 
these tyrosines has not yet been addressed experimentally.

There is some experimental support for the formation 
of dicopper–oxygen species in pMMO. Upon reaction of 
reduced pMMO with H2O2, a species with an absorbance 
feature at 345 nm appears and was tentatively assigned 
as a µ-η2:η2-peroxo-Cu2

II species. This species disappears 
upon incubation with methane and some methanol product 
is detected [32, 143]. The feature was not produced when 
pMMO was incubated with O2-saturated buffer, however. 
This may be due to difficulty in supplying sufficient O2 
to the pMMO active site since the feature was generated 
in the presumably more solvent-accessible active site of 
spmoB with either O2-saturated buffer or H2O2 [143]. This 
notion is consistent with studies suggesting that a hemer-
ythrin found natively in the membranes and cytoplasm of 
M. capsulatus (Bath) [144] may facilitate O2 delivery to 
the pMMO active site [145]. Computational studies suggest 
that a µ-η2:η2-peroxo-Cu2

II species formed in the pMMO 
active site is not planar, but adopts a bent butterfly struc-
ture [138, 146, 147]. The calculated absorption spectrum of 
this species exhibits a peak at 370 nm, and the difference 
between 345 and 370 nm was attributed to the calculation 

Fig. 5  Possible O2 activation 
intermediates for pMMO. Cop-
per ions with oxidation states 
designated are shown in dark 
blue, oxygen atoms in red, and 
hydrogen atoms in black
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algorithm [146]. It is also possible that the 345 nm fea-
ture formed by pMMO is not due to a µ-η2:η2-peroxo-
Cu2

II species, and further spectroscopic characterization is 
necessary.

Finally, some insight into O2 activation by the pMMO 
copper active site can be derived from work on non-bio-
logical systems. The copper zeolite Cu-ZSM-5 oxidizes 
methane to methanol under relatively mild conditions using 
a bent mono(µ-oxo) Cu2

II reactive species [148] that forms 
from a µ-η2:η2-peroxo-Cu2

II adduct [149] (Fig. 5), suggest-
ing that such a species could participate in methane oxida-
tion by pMMO. Similarly, dicopper complexes assembled 
using either primary amines or histamine ligands to yield a 
planar bis(µ-oxide) Cu2

III coordination exhibit short Cu–Cu 
distances and strong Cu–N bonding, and are able to oxi-
dize hydrocarbons with C–H bond strengths of ~76 kcal/
mol [150, 151]. These compounds demonstrate that histi-
dine imidazoles can stabilize CuIII ligation under the condi-
tions employed, and may provide a chemical rationale for 
the presence of an N-terminal histidine ligand in pMMO 
(as well as LPMO). Model compounds provide an excel-
lent foundation for eventual interpretation of spectroscopic 
features of pMMO reaction intermediates, but it should be 
noted that no isolated dicopper complex has been shown 
to oxidize methane. Methane to methanol conversion by 
tricopper complexes and zeolites containing tricopper spe-
cies has also been reported [152–156]. However, no copper 
has been observed at the site of the proposed PmoA tricop-
per active site [116, 117], and the exact electronic struc-
ture of the species giving rise to an EPR signal assigned 
to a tricopper site [116, 124, 125] remains unclear [106, 
157–159].

Finally, some effort has been made to probe possible 
mechanisms of C–H activation by pMMO. Chiral ethane 
hydroxylation proceeds with enantioselectivity, favoring 
a concerted pentacoordinate C–Cu or C–O hydrocarbon 
intermediate preceding oxygen insertion and C–H bond 
cleavage rather than a radical or cationic mechanism [160]. 
These findings have been recapitulated with other sub-
strates and point toward a binding cavity that orients sub-
strate specifically [113, 161, 162]. However, a radical or 
cationic mechanism could be rationalized if pMMO sub-
stantially slows the rate of hydrocarbon C-C bond rotation 
through binding constraints [33, 160]. Due to the more lim-
ited substrate specificity of pMMO (C1–C5 linear alkanes 
and alkenes) [99, 163], radical clock substrates cannot be 
utilized as they were for sMMO.

Reduction of the pMMO active site

A final piece of the pMMO puzzle that requires discus-
sion is the nature of the physiological reductant. Whereas 

reduction of MMOH by MMOR is well understood, the 
source of electrons for pMMO remains under debate. 
Activity assays on membrane-bound pMMO routinely uti-
lize NADH or duroquinol as reductant (succinate has been 
shown to work as well), while only duroquinol and to a 
lesser extent, other quinols, are effective for solubilized and 
purified samples [164, 165]. Theories for the native reduct-
ant have traditionally fallen into two camps, active site 
reduction via metallocofactor or via endogenous quinols, 
which may be mimicked by duroquinol [164]. Biological 
electron transfer through metallocofactors such as those in 
type 1 Cu and CuA proteins and c-type cytochromes is well 
established [166–168]. An as yet unidentified complemen-
tary reductase component may house such a cofactor, possi-
bly associating with conserved acidic residues near the cop-
per active site [30]. Alternatively, electrons from methanol 
and/or formaldehyde oxidation could be recycled to reduce 
a cytochrome c which would then reduce the pMMO active 
site [169–172]. This latter model is consistent with protein–
protein interactions detected between pMMO and methanol 
dehydrogenase (MDH) [173]. The PmoB C-terminal sub-
domain, which does not bind metal, might play a role in 
this interaction as suggested for a purported pMMO/MDH 
supercomplex [171], although it has not been possible to 
isolate this complex in a stable form [173]. Notably, recent 
metabolic reconstructions suggest that methanol oxidation 
could indeed support methane oxidation [174].

In favor of the quinol model, the inability of NADH 
to function as a reductant for purified pMMO may be a 
consequence of removing a type 2 NADH:quinone oxi-
doreductase (NDH-2) complex during the purification 
process, implying that in vivo, pMMO is reduced by mem-
brane-available quinols generated by the NDH-2. NDH-2 
involvement is supported by an increase in pMMO activity 
upon adding duroquinone, NADH, and NDH-2, as com-
pared to direct duroquinol addition [175, 176]. There is 
no evidence that pMMO and NDH-2 form a stable com-
plex, however. No quinol binding site has been identified 
in pMMO, but one possibility is that quinols bind near the 
PmoC metal binding site. The inhibitory effect of zinc on 
pMMO has been attributed to binding at this site, which 
may interfere with delivery of protons to the active site 
[105], and could also affect electron transfer. The poten-
tial importance of this site is underscored by the complete 
conservation of metal binding residues, as well as stud-
ies in which mutation of residues comprising the analo-
gous site in HMO completely abolished activity [118]. 
Assuming direct tunneling electron transfer, which is lim-
ited to ~14 Å [177], the ~20 Å distance from the PmoC 
metal site to the copper active site is not too far outside 
of this range, supporting the notion that quinols could 
bind nearby. A clearer understanding of the initial reduc-
tion step of the pMMO active site could enhance activity 
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in vitro and thus facilitate future identification of O2 acti-
vation intermediates.

Conclusions and outlook

MMOs are unique in their ability to generate an appro-
priately potent oxidant for methane, and are, therefore, 
of central interest to the O2 activation field. It is remark-
able that two completely different biological solutions 
to this challenging reaction have evolved, and in some 
cases, exist in the same organism despite divergence in 
other metabolic processes. sMMO utilizes three protein 
components to orchestrate conformational and electronic 
changes in MMOH that enable efficient methane oxida-
tion at its diiron active site. The exact binding sites and 
timing of MMOR and MMOB association and disso-
ciation with MMOH remain under discussion, however. 
pMMO accomplishes the same reaction using copper, 
but the molecular details of its active site have not been 
established. In the case of pMMO, questions also remain 
regarding its native reductant and the possible involve-
ment of additional protein components. The sMMO 
structures suggest several routes for substrate to access 
the active site; the existence of such pathways in pMMO 
remains more speculative.

Understanding of O2 activation by sMMO is advanced, 
including identification of the oxidizing species Q as a dia-
mond di(µ-oxo) diiron(IV) core. Future computational and 
spectroscopic studies will likely provide additional insight 
into this species. By contrast, O2 activation by pMMO 
must still be considered in the context of both mono- and 
dicopper sites, with calculations and biochemical studies 
currently favoring dicopper–oxygen intermediates. Further 
computational work utilizing more recent pMMO crys-
tal structures may be informative. However, given that the 
current picture of the pMMO active site may not be com-
plete, calculations and studies of model complexes should 
be interpreted with some caution. It is particularly intrigu-
ing that several lines of investigation suggest the involve-
ment of a CuIII species in methane oxidation by pMMO. 
An overarching consideration is that neither other enzymes 
with diiron, dicopper, or monocopper sites nor biomimetic 
synthetic complexes can oxidize methane. Thus, further 
characterization of sMMO intermediate Q and identifica-
tion of the pMMO oxidizing species must be accompanied 
by detailed investigations of how the two distinct protein 
scaffolds precisely control the oxidation chemistry.
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