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Abstract Skeletal muscle has a robust capacity for regen-
eration following injury. However, few if any effective
therapeutic options for volumetric muscle loss are available.
Autologous muscle grafts or muscle transposition represent
possible salvage procedures for the restoration of mass and
function but these approaches have limited success and are
plagued by associated donor site morbidity. Cell-based
therapies are in their infancy and, to date, have largely
focused on hereditary disorders such as Duchenne muscular
dystrophy. An unequivocal need exists for regenerative
medicine strategies that can enhance or induce de novo
formation of functional skeletal muscle as a treatment for
congenital absence or traumatic loss of tissue. In this
review, the three stages of skeletal muscle regeneration and
the potential pitfalls in the development of regenerative
medicine strategies for the restoration of functional skeletal
muscle in situ are discussed.
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Introduction

Skeletal muscle comprises 40%-50% of the human body
mass (Huard et al. 2002a) and injuries to the musculoskel-
etal system are common. In sports, muscle injuries account

for 10%–55% of all sustained injuries with over 90% of
these being either contusions or strains (Beiner and Jokl
2001; Counsel and Breidahl 2010; Garrett 1996; Jarvinen et
al. 2000, 2005; Lehto and Jarvinen 1991). Traumatic
injuries to the extremities from motor vehicle accidents
and increased survival following limb salvage for extremity
tumors are contributing to an increasing need for better
treatment options for volumetric muscle loss. Despite the
clinical importance, relatively few clinical studies are
available on the treatment of volumetric muscle loss,
because of the heterogeneity in the severity of injuries and
the varied anatomic locations of such injuries. Accordingly,
the current treatment principles for muscle injuries and
volumetric muscle loss have been derived either from
experimental studies or from empirical observations.

The most common skeletal muscle injuries such as tears,
lacerations and contusions result in physical trauma without
significant loss of muscle tissue (Beiner and Jokl 2001;
Garrett 1996; Jarvinen et al. 2000, 2005; Lehto and
Jarvinen 1991). In these cases, skeletal muscle has a robust
capacity for regeneration relying in a large part upon the
presence of mononuclear myogenic satellite cells. Indeed,
skeletal muscle can be completely removed in an animal
model, minced and placed back into its compartment and
will subsequently regenerate enough to contract and
produce force (Carlson and Gutmann 1972). However, the
ability of a muscle to repair itself following damage is
dependent on the type and severity of the injury and even in
less severe injuries, the repair process is not 100% efficient.
When loss of skeletal muscle is associated with traumatic
injury, the repair capacity of the muscle diminishes and if
more than 20% of the muscle is lost, the natural repair
process will fail to repair the defect and result in an
accumulation of scar tissue, dennervation of muscle distal
to the defect and a loss of function (Aarimaa et al. 2004;
Crow et al. 2007; Garrett et al. 1984; Menetrey et al. 1999;
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Terada et al. 2001). In such cases, the current standard of
care is surgical intervention with flaps and vascularized
tissue transfer to cover defects and hopefully to return
partial function. In cases of extensive traumatic injury,
amputation represents the standard of care. Surgical
intervention, while restoring function, does not regenerate
the lost muscle tissue and typically results in alterations of
the anatomy and biomechanics for both the recipient and
the donor sites (Tu et al. 2008). Individuals can expect to
live the rest of their lives with a physical handicap. As a
result, a clear need exists for therapeutic strategies that can
enhance the innate ability of skeletal muscle to regenerate
following severe local trauma and/or to induce de novo
formation of functional muscle.

Tissue engineering and regenerativemedicinemight offer a
partial solution to this need. Traditionally, tissue engineering
has employed progenitor cells and/or scaffolds to replace loss
or damaged tissue (Koning et al. 2009; Liao and Zhou 2009).
Significant advances in the in vitro culture and formation of
skeletal muscle have been made in recent years (Borschel et
al. 2004; Huang et al. 2005; Larkin et al. 2006; Levenberg et
al. 2005; du Moon et al. 2008). Nevertheless, muscle tissue
engineering in vitro has limitations. Functional skeletal
muscle requires the parallel alignment of muscle fibers, the
formation of functional vascular beds and the innervation of
the tissue to produce directed forces. In addition, the
implantation of muscle tissue created outside the body
presents problems of biocompatibility and integration with
the host tissue. Recently, as knowledge of developmental
biology and the cellular and biochemical cues associated
with muscle repair has increased, the focus has shifted away
from in vitro tissue synthesis to an in vivo regenerative
medicine strategy that provides the biochemical cues to
modify the in vivo microenvironment and facilitate rapid
restoration of lost tissue with minimal scarring. Such an in
vivo approach is also not without its potential pitfalls. In this
review, the pathobiology of skeletal muscle repair and some
of the recent advances in regenerative medicine that target
key stages of muscle repair in order to promote the
restoration of functional skeletal muscle in situ, particularly
following volumetric muscle loss, are described.

Pathobiology of skeletal muscle repair

Irrespective of the type or severity of the injury, the repair
of skeletal muscle follows a set pattern, which can be
divided into three phases. These are:

1. The destruction/inflammatory phase characterized by
the rupture and necrosis of myofibers and an inflam-
matory cell reaction

2. The repair phase characterized by the phagocytosis of
the necrotic muscle fibers, the generation of new
muscle fibers and the production of a tissue scar

3. The remodeling phase characterized by the reorganiza-
tion of the muscle fibers, the remodeling of the scar
tissue and the restoration of muscle function

This repair process has been described in detail in a
number of articles (Huard et al. 2002a; Jarvinen et al.
2005; Lehto and Jarvinen 1991; Garrett et al. 1984) and so
only a brief overview of the process will be presented here
(Fig.1).

Following muscle injury, myofibers are sheared or torn
exposing the intracellular contents to the extracellular
environment. Activation of calcium-dependent proteases
leads to the rapid disintegration of the myofibrils, with a
contraction band of cytoskeletal proteins forming to prevent
complete destruction of the myofiber. Activation of the
complement cascade induces chemotactic recruitment of
neutrophils and then later macrophages. These cells begin
the process of digestion of the necrotic myofibers and
cellular debris by phagocytosis. The neutrophils and
macrophages release cytokines that amplify the inflamma-
tory response and recruit muscle satellite cells to the injury
site. Two distinct macrophage populations sequentially
invade the injured muscle tissue. First, pro-inflammatory
M1 phenotype macrophages phagocytose the necrotic
tissue and promote the proliferation of satellite cells,
followed by tissue remodeling M2 macrophages, which
promote myoblast proliferation, growth and differentiation
(Tidball and Villalta 2010).

During the repair process, nerves, blood vessels and
muscle cells infiltrate the wound area. Satellite cells
migrate and differentiate, becoming myoblasts that fuse
with other myoblasts or with existing myofibers to form
new skeletal muscle. However, satellite cells are not the
only group of progenitor cells capable of contributing to
skeletal muscle repair. There is intense interest and
controversy, in the contribution of other muscle-derived
stem cell groups and circulating progenitor cells, such as
bone-marrow-derived cells, to new muscle formation
either through myogenic differentiation or by secretion
of paracrine factors that affect the surrounding cells
(Quintero et al. 2009; Sun et al. 2009; Tedesco et al. 2010;
Ten Broek et al. 2010). Concurrent with the formation of
new muscle, the formation of scar tissue bridges the gap
between the remaining functional muscle fibers and
preserves the transduction of force along the muscle. With
less severe injuries, such as contusions or sprains, this
tissue scar also acts as a conduit to promote myofiber
formation. In severe injuries with volumetric tissue loss,
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fibroblasts quickly deposit scar tissue forming a dense cap
that blocks regenerating muscle fibers from bridging the
wound, thereby effectively splitting the original muscle
and creating two muscles in series (Fig. 1).

The remodeling phase is a continuation of the repair
process in which the new myofibers formed by invading
progenitor cells subsequently mature and form attach-
ments to the surrounding extracellular matrix (ECM).
However, this remodeling process can often be associated
with marked reorganization of the muscle tissue includ-
ing the formation of forked fibers, satellite myofibers, or
orphan myofibers that form outside the basal lamina
(Schmalbruch 1976). Ultimately, the ends of the damaged
muscle fibers might not reunite but, instead, form a new
myotendinous junction with the interposed scar tissue.
Regenerative medicine techniques are now being explored

specifically to target and augment the immune response
and the individual processes of progenitor cell prolifera-
tion, mobilization and differentiation.

Controlling the immune response

Of interest for any regenerative medicine strategy is the
relationship between skeletal muscle repair and the innate
immune response. Unlike embryonic muscle development,
the microenvironment of the myogenic response to injury in
adults is rich with immune effector cells, the concentration
of which can exceed 100,000 cells/mm3 of muscle tissue
(Abood and Jones 1991; Brunelli and Rovere-Querini
2008; Wehling et al. 2001). This immune response can
either help or hinder regenerative medicine therapies.

Fig. 1 Repair of a large muscle
defect with volumetric loss.
Following injury to the muscle
with volumetric loss (a), dam-
aged and necrotic myofibers are
degraded by invading inflam-
matory cells, which attract sat-
ellite cells and remove cellular
debris (b). Satellite cells begin
to differentiate into myoblasts,
while fibroblasts begin to de-
posit scar tissue (c). The satellite
cells begin forming myotubes
that begin to fuse with existing
myofibers to form new muscle
tissue (d). In cases of volumetric
muscle loss, the formation of
scar tissue proceeds more rapid-
ly than myogenesis, with the
production of a dense cap that
prevents myofibers from bridg-
ing the wound (e) and that splits
the muscle. As a consequence,
the distal tissue (right) that does
not contain any neuromuscular
junctions becomes dennervated
(f)
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Techniques that can proactively manipulate this response
could have profound effects in promoting endogenous
skeletal muscle repair.

Within 2 h of muscle damage, neutrophils begin to
invade the wound site, peaking between 6 and 24 h post
injury before rapidly declining in number. Phagocytic (M1)
macrophages then invade the wound site ~24 h post injury,
peak at about day 2, before declining in number. This M1
macrophage response phase is followed by an increase in
nonphagocytic (M2) macrophages that peak in numbers at
~4 days following injury and persist until well into the
remodeling phase of skeletal muscle repair (Brunelli and
Rovere-Querini 2008; Frenette et al. 2000; St Pierre and
Tidball 1994a; Tidball 1995; Chazaud et al. 2009). The
influx of M1 macrophages at 24 h coincides with the
activation and recruitment of muscle progenitor cells to the
wound site and the increased expression of myogenic
transcription factors such as MyoD and myogenin by
muscle satellite cells (Launay et al. 2001; Yablonka-
Reuveni and Rivera 1994). In vitro studies have shown
that, whereas the expression of these transcription factors is
not dependent on macrophages, secreted products from
macrophages significantly increase transcription factor
expression levels and promote satellite cell proliferation
(Tidball and Villalta 2010; Arnold et al. 2007; Cantini and
Carraro 1995; Malerba et al. 2010).

M1 macrophages release a complex milieu of prosta-
glandins, cytokines and chemokines, which have been
implicated in promoting muscle precursor proliferation and
transition to the differentiation stage. Chen et al. (2005) and
Warren et al. (2002) have demonstrated the importance of
tumor necrosis factor alpha (TNFα) in promoting satellite
cell proliferation during the early stages of muscle repair
(Chen et al. 2005; Warren et al. 2002), whereas others have
demonstrated its function as a chemoattractant for myo-
blasts and satellite cells in vitro (Al-Shanti et al. 2008;
Lolmede et al. 2009; Torrente et al. 2003). Interleukin-6
(IL-6) has also been revealed to play a role in progenitor
cell recruitment (Al-Shanti et al. 2008; Wang et al. 2008)
with Serrano et al. (2008) showing that elimination of IL-6
greatly diminishes muscle growth. Conversely, both of
these molecules have been shown to inhibit the differenti-
ation and maturation of skeletal muscle myoblasts suggest-
ing that the transition from a pro-inflammatory M1
response to a tissue remodeling M2 response is essential
for the progression of myogenic differentiation and muscle
repair (Szalay et al. 1997; Tsujinaka et al. 1996).

The shift in phenotype from M1 to M2 macrophages
coincides with the beginning of myogenic differentiation in
muscle progenitor cells (St Pierre and Tidball 1994b).
Tidball and Wehling-Henricks (2007) have shown that the
depletion of M2 macrophages severely disrupts myoblast
differentiation and fusion resulting in decreased muscle

fiber diameter (Tidball and Wehling-Henricks 2007). The
release of interleukin-10 (IL-10), a characteristic marker of
M2 macrophages, is thought to play a key role in promoting
the fusion and maturation of myotubes (Arnold et al. 2007;
Strle et al. 2007). Although this sequence of inflammatory
cell infiltration and macrophage transition has obvious
benefits to skeletal muscle repair in relatively minor
injuries, the inflammatory response can be severe and
prolonged following volumetric muscle loss or severe
injury. The administration of anti-inflammatory medication
following acute injury, particularly cyclo-oxygenase-2
(COX-2) inhibitors, can markedly delay the muscle repair
process (Mackey et al. 2007; Mishra et al. 1995). A careful
balance and control of the macrophage phenotype, partic-
ularly the promotion of an M2 phenotype, has been
suggested as a potential therapeutic strategy to promote in
situ muscle repair.

A group from the University of Padova, Italy has
recently demonstrated, in a series of studies, the importance
of macrophage-secreted products in controlling skeletal
muscle repair, both in vitro and in vivo (Cantini and
Carraro 1995; Malerba et al. 2010; Malerba et al. 2009;
Vitello et al. 2004; Cantini et al. 2002). They have shown
that, in vitro, macrophages can secrete factors that increase
myoblast/myotube differentiation and enhance the prolifer-
ation of neonatal myoblasts from mouse, rat, human and
chicken (Cantini and Carraro 1995; Cantini et al. 2002). In
addition, they have reported that a macrophage-conditioned
culture medium, unlike M1 macrophage products in vivo,
does not inhibit myoblast differentiation inducing an
increase in contractile myotube formation (Cantini and
Carraro 1995; Malerba et al. 2009). Following injection of
macrophage conditioned media in a rat model of severe
muscle trauma with 80% tissue loss, a significant increase
occurs in the number and diameter of regenerating muscle
fibers, with twice as much new muscle forming in treated
animals compared with controls by the end of the study
(Cantini et al. 2002). More recent studies of myogenic
progenitor cells isolated from patients with Duchenne
muscular dystrophy have shown that macrophage-
conditioned media can enhance cell proliferation while
maintaining myogenicity resulting in over a 7000-fold
increase in cell number after 38 days in culture (Malerba
et al. 2010).

An alternative approach by which the macrophage
phenotype can be influenced might be through the use of
scaffolds derived from decellularized tissues. Biologic
scaffolds composed of ECM are commonly used for the
reconstruction of musculotendinous, dermal, cardiovascular
and gastrointestinal tissues (Badylak 2007). Numerous
commercial products are now approved for such use and
are readily available (Table 1). Whereas these products
differ in their tissue source, species of origin and methods
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of preparation, such biologic scaffold materials are typically
xenogeneic in origin. As such, we might anticipate that
these products will elicit a typical foreign-body reaction
when implanted. However, if processed correctly, ECM
scaffolds induce a macrophage response that rapidly
transitions to a predominately M2 phenotype promoting
constructive tissue remodeling with minimal scar tissue
formation (Ariganello et al. 2011; Badylak et al. 2008;
Brown et al. 2009; Valentin et al. 2009).

Of note, processing methods, particularly the use of
chemical crosslinking agents, play an essential role in
controlling the host response to these ECM materials
(Valentin et al. 2009). Typically, only products that are
non-crosslinked elicit this M2 macrophage polarization
response with associated tissue remodeling. Chemically
crosslinked products or poorly-decellularized tissues elicit
a chronic M1 pro-inflammatory response and fibrosis
(Badylak et al. 2008; Brown et al. 2009). The mechanisms
underlying these different responses to ECM scaffolds are
largely unknown, although recent studies are beginning to
provide clues. Ariganello et al. (2010) have shown that, in
vitro, exposure of a macrophage cell line to decellularized
tissue elicits lower esterase and phophatase activity
consistent with a subdued inflammatory response. Simi-
larly, Rieder et al. (2005) have demonstrated that decellu-
larization can reduce the chemotactic potential of heart
valve tissue for macrophages but does not inhibit the
activation of macrophages.

Work within the authors’ laboratory has shown that non-
crosslinked ECM scaffold materials, such as those derived

from porcine small intestinal submucosa (SIS), elicit a
notably different immune response compared with the host
response to either the cross-linked version of the same
material or, perhaps more surprisingly, autologous tissue
grafts when used in a model of muscle regeneration
(Badylak et al. 2008; Valentin et al. 2009). All three
materials elicit an intense macrophage response within the
first 14 days. However, the non-crosslinked SIS-ECM
elicits a predominantly M2 macrophage response, whereas
the response to crosslinked SIS-ECM polarizes toward the
M1 macrophage phenotype. Interestingly, autologous tissue
elicits a response that shows no preference for M1 or M2,
with equal numbers of each phenotype being present
(Valentin et al. 2009). Therefore, since SIS-ECM has the
ability to promote an increase in M2 polarization over
autologous tissue, implantation of this material might result
in improved myoblast differentiation and fusion and an
increase in the amount of functional muscle restored
following injury (Turner et al. 2010; Valentin et al. 2010).
An additional benefit of ECM scaffolds, as will be
discussed later, is their ability to modify the wound
microenvironment through the release of latent growth
factors and/or degradation products that can act as chemo-
attractants for myogenic precursor cells.

Recruitment of myogenic progenitor cells

If therapeutic techniques for in situ skeletal muscle
reconstruction in cases of volumetric muscle loss are to be

Table 1 Examples of USA Food and Drug Administration (FDA)-approved biologic scaffolds (ECM extracellular material)

Product (all trade-marked or registered) Company Material

Porcine tissue

Oasis wound matrix Cook Biotech/Healthpoint Non-crosslinked small intestinal submucosa ECM

Surgisis Cook Medical Non-crosslinked small intestinal submucosa ECM

Cuffpatch Biomet Sports Medicine Crosslinked, hydrated small intestinal submucosa ECM

Restore DePuy Non-crosslinked small intestinal submucosa ECM

Pelvicol C.R. Bard Crosslinked hydrated dermal ECM

Permacol Covidien Crosslinked hydrated dermal ECM

Durasis Cook Medical Non-crosslinked small intestinal submucosa ECM

Bovine tissue

Durepair TEI Biosciences/Medtronic Non-crosslinked fetal dermal ECM

Xenform TEI Biosciences/Boston Scientific Non-crosslinked fetal dermal ECM

Veritas Synovis Surgical Innovations Crosslinked pericardial ECM

Primatrix TEI Biosciences Non-crosslinked fetal dermal ECM

Human tissue

Alloderm LifeCell Non-crosslinked dermal ECM

Allopatch MTF Sports Medicine Non-crosslinked fascia lata ECM

GraftJacket Wright Medical Technology Meshed crosslinked dermal ECM
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successful, such regenerative therapies must involve myo-
genic progenitor cells. The involvement of these cells can
occur either through the isolation, expansion and injection
of autologous cells to the wound site or by the recruitment
of tissue resident or circulating progenitor cells in situ.
Nevertheless, perhaps a more important question is which
progenitor cell population should these strategies target?

Muscle regeneration requires a cell population that is
capable of sustained proliferation, self-renewal, myogenesis
and resistance to oxidative or hypoxic stress. A number of
potential myogenic progenitor cell populations have been
identified that might have therapeutic potential. However, a
lack of standardized assays to characterize progenitor cell
populations and assess myogenic potential means that the
true potential of these cells to form new muscle tissue in
vivo is largely unknown and controversy exists over their
contribution to the repair process.

The most obvious cell population to target is probably
represented by the muscle satellite cell that resides between
the plasma membrane and basement membrane of the
individual muscle fibers (Cossu and Biressi 2005). Charac-
terized by their expression of Pax-7 (paired box protein-7),
these cells remain quiescent until activated by muscle
injury, at which point they are capable of migration within
and between myofibers to contribute to muscle repair
(Jarvinen et al. 2005). Such satellite cells have the capacity
for self-renewal either through cell division or through
withdrawal from the differentiation pathway back to a
quiescent state. However, these satellite cells are relatively
scarce within skeletal muscle comprising ~1%-5% of total
muscle nuclei (Alameddine et al. 1989). Although as few as
seven satellite cells have been shown to be capable of
repopulating irradiated muscle and generating over 100
new muscle fibers (Collins et al. 2005) in large skeletal
muscle defects with loss of muscle tissue, they might not be
able to be recruited in high enough numbers to facilitate in
situ repair. Strong evidence also exists that the satellite cell
pool is actually a heterogeneous population (Biressi and
Rando 2010; Harel et al. 2009; Rouger et al. 2004).
Furthermore, whereas these cells can be isolated from
muscle tissue and expanded in culture, satellite cells appear
to show predetermination, despite their stem-cell-like
qualities, i.e., the source of the muscle fiber type predis-
poses satellite cell differentiation. Huang et al. (2006) have
shown that muscle fibers derived from soleus muscle
satellite cells in vitro have different contractile abilities
from muscle fibers derived from anterior tibialis satellite
cells. McLoon et al. (2007) have also suggested that the
source muscle may impart unique abilities to the satellite
cells that it contains, such as increased resistance to
apoptosis, indicative of their different developmental
origins (Harel et al. 2009). Moreover, evidence suggests
that the procedures used for isolation and in vitro expansion

can cause satellite cells to lose their regenerative capacity
(Renault et al. 2000; Sherwood and Wagers 2006; Montarras
et al. 2005), with some suggesting the use of muscle grafts to
provide a satellite cell population rather than enzymatic
isolation techniques (Montarras et al. 2005; Collins and
Zammit 2009; Mong 1988; Schultz et al. 1988). Despite
these problems, a number of examples of satellite cell
transplantation have led to the successful restoration of
muscle injuries (Alameddine et al. 1989; Alameddine et al.
1994; el Andalousi Boubaker et al. 2002; Li et al. 2010;
Marzaro et al. 2002; Vindigni et al. 2004).

In addition to satellite cells, a number of muscle-derived
stem cell (MDSC) populations have been identified,
although the precise origin, identity and location of these
cells remain speculative. These include myogenic progen-
itor cells characterized as CD56+, CD34-, CD144-, CD45-,
and CD146-; myo-endothelial cells characterized as
CD56+, CD34+, CD144+, CD45-, and CD146-; perivas-
cular progenitor cells characterized as CD56-, CD34-,
CD144-, CD45- and CD146+; and a muscle-derived side
population that has similar properties to hematopoietic stem
cells in the bone marrow (Quintero et al. 2009; Ten Broek
et al. 2010; Crisan et al. 2009; Deasy et al. 2004; Huard
2008; Jankowski et al. 2002; Kallestad and McLoon 2010;
Lecourt et al. 2010; Peault et al. 2007; Qu-Petersen et al.
2002; Usas and Huard 2007; Wu et al. 2010). MDSCs,
once activated, are capable of differentiating along myo-
genic, osteogenic, chondrogenic and adipogenic lineages in
vitro similar to other mesenchymal progenitor cells (Gates
et al. 2008). The precise location of these progenitor cells
within the muscle is unknown, although increasing evi-
dence suggests that they are located outside the basal
lamina of the muscle fibers in close proximity to blood
vessels (Crisan et al. 2009; Abou-Khalil et al. 2010;
Corselli et al. 2010; Dellavalle et al. 2007). Indeed,
myogenic progenitor cells, myoendothelial cells and
perivascular cells have been suggested to be an interrelated
cell population (Peault et al. 2007; Abou-Khalil et al.
2010). Interestingly, following muscle trauma, the numbers
of MDSCs increase rapidly, although whether this increase
is attributable to rapid proliferation or recruitment from
other sites is uncertain (Jackson et al. 2010; Nesti et al.
2008). The majority of reports describing the use of
MDSCs to treat muscle injury are limited to animal models.
Successful results have been reported in the treatment of
Duchenne muscular dystrophy with MDSCs successfully
restoring dytrophin following the implantation or systemic
delivery of MDSCs (Bachrach et al. 2006; Ikezawa et al.
2003; Payne et al. 2005; Galvez et al. 2006). Dellavalle et
al. (2007) have shown the ability of perivascular MDSCs to
colonize dystrophic muscle and to become localized to the
satellite cell niche suggesting that these cells contribute to
the satellite cell pool. The translation of in vitro studies of
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MDSCs to in vivo therapeutic treatments has been led by
the treatment of stress urinary incontinence (Furuta et al.
2008; Huard et al. 2002b; Kim et al. 2007; Smaldone and
Chancellor 2008; Yokoyama et al. 2001). An early clinical
trial has demonstrated the successful restoration of detrusor
muscle function for over 1 year following MDSC injection,
with no adverse outcomes (Carr et al. 2008).

Similar to MDSCs, adipose-derived stem cells reside in
proximity to the capillaries within adipose tissue (Bailey et
al. 2010; Lin et al. 2010). Although these cells appear to be
a more heterogeneous population than MDSCs, containing
smooth muscle cells among their numbers, they demon-
strate the same myogenic differentiation capacity as other
mesenchymal progenitor cells (Pettersson et al. 1984; Zuk
et al. 2001; Gimble and Guilak 2003). Adipose-derived
stem cells could prove useful as a source of injectable
progenitor cells, since the progenitor cells are present at
high density, allowing the possibility of direct injection
without the need for prolonged culture in vitro (Padoin et
al. 2008). In addition, bone marrow is a rich source of
myogenic mesenchymal stem cells (MSCs) that are known
to contribute to the repair process following muscluloske-
letal injuries (Sun et al. 2009; Abedi et al. 2007; Drapeau et
al. 2010; Rosu-Myles et al. 2005).

In studies of the MDX mouse model of muscular
dystrophy, bone-marrow-derived progenitor cells became
incorporated into skeletal muscle and were found occupy-
ing the satellite cell niche (Bittner et al. 1999; Corti et al.
2002; Fukada et al. 2002; Saito et al. 1995; Quintero et al.
2009). LaBarge and Blau (2002) showed that, in response
to injury, bone marrow cells differentiated into functioning
muscle satellite cells prior to becoming differentiated
myofibers (LaBarge and Blau 2002). Bone-marrow-
derived cells have also been demonstrated to respond to
eccentric exercise or muscle overload by mobilization from
the bone marrow to engraft within the stimulated muscle
(Palermo et al. 2005). An additional benefit of bone-
marrow- and adipose-derived MSCs is that, in cases of
significant muscle loss, these mutlipotent cells can contrib-
ute to the restoration of other muscle components such as
blood vessels and nerves, which will also have been lost
(Ladak et al. 2011; Guiducci et al. 2010; Tille and Pepper
2002). Evidence suggests that the use of MSCs can
improve muscle regeneration without the stem cells even
being incorporated into myofibers, through their release of
paracrine growth factors and other compounds that might
facilitate the regeneration of existing fibers and satellite
cells (Kagiwada et al. 2008; Natsu et al. 2004; Hocking and
Gibran 2010). Injection of bone-marrow-derived cells
restores contractile force more effectively following crush
injury compared with normal repair process (Matziolis et al.
2006). Experimental models have shown that injected bone-
marrow-derived cells are incorporated into newly formed

myofibers of regenerating skeletal muscles and contribute
to the satellite cell pool in a similar way to endogenous
cells (Saito et al. 1995; LaBarge and Blau 2002; Dezawa et
al. 2005; Ferrari et al. 1998; Muguruma et al. 2003).
Conversely, in vitro studies have revealed that not all MSCs
respond to differentiation signals, with as few as 35%-40%
of cells in some cultures exhibiting a morphology consis-
tent with their intended phenotype (Izadpanah et al. 2006;
Phinney 2007).

However, given the multipotency of all of these
mesenchymal progenitor cell populations, controversy
exists as to whether these cells can adopt and maintain a
myogenic phenotype when implanted at a site of muscle
injury or recruited there via chemotactic factors. Indeed,
evidence suggests that, in severely traumatized muscle, the
dominant phenotype of these cells is osteogenic rather than
myogenic (Jackson et al. 2009).

In addition to tissue resident or bone-marrow-derived
MSCs, another population of circulating CD133+ progen-
itor cells has been identified with myogenic potential.
Initially identified as circulating endothelial progenitor cells
(Urbich and Dimmeler 2004), numerous groups have
demonstrated the ability of these cells to form new muscle
tissue in vitro (Alessandri et al. 2004; Torrente et al. 2004;
Shmelkov et al. 2005). Being a circulating cell population,
these CD133+ cells present an interesting cell pool that
could be targeted to home to the site of injury and
contribute to muscle repair. The ability of these cells to
home and respond to injury has been reported in a number
of studies, particularly in ischemic injury of the heart
(Kania et al. 2009; Kubo et al. 2008; Voo et al. 2008;
Navarro-Sobrino et al. 2010). Torrente et al. (2004) have
shown that the direct injection of CD133+ cells into
dystrophic muscle improves skeletal muscle structure and
replenishes the satellite cell pool, leading to a successful
phase I clinical trial of autologous CD133+ cell injection in
eight individuals with Duchenne muscular dystrophy
(Torrente et al. 2007). Similarly, Negroni et al. (2009) have
demonstrated that, compared with human myoblasts, the
direct injection of CD133+ cells increases the stem cell
pool and results in greater muscle regeneration. Turner et al.
(2010) have also recently reported that, following severe
muscle trauma with massive tissue loss, replacement of the
defect with an ECM-scaffold results in the recruitment of
CD133+ cells to the site of injury and is associated with the
formation of new skeletal muscle and blood vessels in the
first 4 months following injury (Turner et al. 2010).

A variety of potential cell populations clearly exist that
can contribute to endogenous skeletal muscle repair.
However, each of these populations equally clearly varies
in its abundance within the body and in its ability to form
and maintain a myogenic phenotype. Whereas intramuscu-
lar injection of these cells might prove beneficial for some
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muscle injuries or congenital muscle disorders, the endog-
enous repair of severe muscle trauma associated with tissue
loss might prove difficult without reliable techniques to
attract these cells in high numbers to the site of injury and
to trigger their proliferation and differentiation.

Control of the regenerative microenvironment

In addition to the secreted cytokines and chemokines
released by macrophages, skeletal muscle injury triggers
the release of a complex mix of growth factors and cellular
and extracellular proteins that together define the regener-
ative microenvironment responsible for stimulating and
coordinating skeletal muscle repair. Whereas the exact
composition of this biochemical milieu remains largely
unknown, a number of key regulators have been identified.
Controlling this regenerative microenvironment might
represent an effective approach to endogenous skeletal
muscle repair by allowing the body to function as its own
bioreactor to restore skeletal muscle in a site-specific
manner and by eliminating the problems associated with
the exogenous fabrication of skeletal muscle constructs.

Growth factors are essential regulators of the muscle
repair process, controlling the proliferation and differenti-
ation of muscle progenitor cells (Ten Broek et al. 2010;
Charge and Rudnicki 2004). Such factors are secreted by
active immune cells and by muscle cells following injury
and from the vasculature, progenitor cells and neurons
(Cantini et al. 2002; Hawke and Garry 2001; Cannon and
St Pierre 1998). The sequence of their release appears to be
important for the control of muscle repair (Hayashi et al.
2004). Key growth factors include the hepatocyte growth
factor (HGF), basic fibroblast growth factor (FGF), insulin-
like growth factor-1 (IGF-1), vascular endothelial growth
factor (VEGF) and platelet-derived growth factors–AA
and –BB (Table 2). In particular, IGF-1 is critical for
muscle growth and myoblast proliferation. In vitro studies

have shown the ability of IGF-1 to promote the prolifera-
tion of satellite cells and to alter the expression of myogenic
factors (Charge and Rudnicki 2004; Chakravarthy et al.
2001; Hsu et al. 1997; Philippou et al. 2007). In vivo
systemic injection of IGF-1 results in skeletal muscle
hypertrophy, whereas direct injection of IGF-1 into muscle
enhances muscle regeneration (Hsu et al. 1997; Kasemkij-
wattana et al. 1998; Menetrey et al. 2000; Sato et al. 2003).
HGF is the primary regulator of satellite cell proliferation,
with HGF expression increasing in proportion to the degree
of injury (Suzuki et al. 2002; Tatsumi 2010; Tatsumi et al.
2002). Bischoff (1997) has shown that HGF is essential for
the migration of muscle progenitor cells to the site of injury,
whereas others have demonstrated the importance of HGF
in satellite cell activation and regulation of proliferation and
differentation (Allen et al. 1995; Gal-Levi et al. 1998; Li et
al. 2009; Sheehan et al. 2000). Conversely, HGF also
inhibits myotube formation and does not promote regener-
ation if injected into the muscle during the differentiation
stage of muscle repair thereby demonstrating a pleiotrophic
effect (Miller et al. 2000; Tatsumi et al. 1998). HGF is also
known to have synergistic effects with FGF-2 and −6,
which in combination significantly increases satellite cell
proliferation compared with the individual growth factors
alone (Sheehan and Allen 1999).

Overall, it appears that IGF-1 and HGF are the main
growth factors involved in regulating skeletal muscle repair
but as the pleiotrophic effects of HGF show, improving
skeletal muscle repair particularly in severe trauma cases
might not be as simple as a single injection of the growth
factor. Whereas the growth factors above have been
extensively studied, the complex interaction that occurs in
the wound microenvironment is still largely uncharacter-
ized. In addition to growth factors that stimulate repair,
some growth factors inhibit this process.

Transforming growth factor β1 (TGFβ1) has perhaps the
greatest inhibitory effect on muscle progenitor cells,
decreasing cell proliferation and differentiation and inhibit-

Table 2 Key growth factors regulating skeletal muscle regeneration

Growth factor Affect on cell proliferation Affect on cell differentiation

Hepatocyte growth factor (HGF) Stimulates Stimulates

Insulin-like growth factor-1 (IGF-1) Stimulates Stimulates

Basic fibroblast growth factor (FGF) Stimulates Stimulates

Nerve growth factor (NGF) Stimulates Stimulates

Platelet-derived growth factor-BB (PDGF-BB) Stimulates Inhibits

Platelet-derived growth factor-AA (PDGF-AA) Inhibits Stimulates

Myostatin Inhibits Inhibits

Transforming growth factor α (TGFα) Inhibits Inhibits

Transforming growth factor β1 (TGFβ1) Inhibits Inhibits
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ing myoblast recruitment (Florini and Magri 1989; Kollias
and McDermott 2008; Liu et al. 2001; Massague et al.
1986). In addition, TGFβ1 induces the formation of scar
tissue that limits muscle regeneration (Jarvinen et al. 2005;
O'Kane and Ferguson 1997; Shah et al. 1999). TGFβ1 can
be bound to the ECM in a latent form (Lawrence 2001;
Wipff and Hinz 2008) and released during muscle injury at
which time it acts as a chemoattractant for macrophages
(Shen et al. 2008; Smith et al. 2007). It is also synthesized
by macrophages and acts in an autocrine manner to
stimulate its own synthesis. Thus, the inhibition of TGFβ1
might decrease muscle fibrosis and control the inflamma-
tory response promoting greater muscle healing. Sato et al.
(2003) have shown that decorin can prevent TGFβ1-
induced muscle fibrosis but perhaps the most successful
mediator of the effects of TGFβ1 has been the application
of TGFβ3 (Ghosh et al. 2006; Hosokawa et al. 2003;
Occleston et al. 2009; Wu et al. 1997). While TGFβ3 has
not been shown to have direct effects on muscle repair,
extensive research has shown TGFβ3 to be a potent
inhibitor of scar tissue formation reducing the influx of
inflammatory cells to the wound site without delaying
wound healing (Wu et al. 1997). The indirect effects of
inhibiting TGFβ1 could plausibly result in enhanced
progenitor cell proliferation, differentiation and recruitment,
while decreasing scar tissue.

In addition to active growth factors, many cells
essential for skeletal muscle repair release latent growth
factors that are sequestered by the ECM and that only
become active following the degradation of this ECM
during muscle repair (Schultz and Wysocki 2009; Kresse
and Schonherr 2001; Miura et al. 2006). Many research
groups are now focusing on the ECM as a regulator and
stimulator of tissue repair in many body sites including
muscle (Borschel et al. 2004; Badylak 2007; Turner et al.
2010; Jensen and Host 1997; Owen and Shoichet 2010;
Robinson et al. 2005). The main constituents of skeletal
muscle ECM are type IV collagen, laminin and heparan
sulfate proteoglycans (HSPGs). Cells attach to these ECM
components via integrins, the differential expression of
which regulates the migration and activation of progenitor
cells (Brzoska et al. 2006; Grabowska et al. 2010;
Velleman and McFarland 2004). The ECM acts as a
reservoir for growth factors. HSPGs, for example,
sequester HGF thereby preventing satellite cell prolifer-
ation in healthy muscle (Tatsumi and Allen 2004). Indeed,
in vitro experiments have shown that HSPGs are essential
for proper signaling by FGF and HGF in muscle
(Cornelison et al. 2001; Miller et al. 1991). Following
skeletal muscle injury, invading macrophages and satellite
cells release matrixmetalloproteinases (MMP) such as
MMP-2 and MMP-9 (Lolmede et al. 2009; Tatsumi
2010). These enzymes liberate the bound growth factors,

which subsequently stimulate myoblast and progenitor
cell migration, proliferation and differentiation.

Laminin-2 is unique to skeletal muscle and is found in
the skeletal muscle basement membrane (Shibuya et al.
2003). Knockout studies have shown that a lack of laminin-
2 results in an almost complete absence of a basement
membrane and decreased proliferation with increased
apoptosis of satellite cells in response to injury (Laprise et
al. 2002; Vachon et al. 1996; Miyagoe et al. 1997).
Therefore, a site specificity of ECM exists that might be
targeted to enhance skeletal muscle repair.

ECM has been commonly used as a delivery vehicle.
The seeding of an ECM scaffold with myogenic progenitor
cells, followed by transfer to an in vivo site, allows the full
development of myotubes and functional muscle tissue to
occur (Liao and Zhou 2009; Borschel et al. 2004; du Moon
et al. 2008; Vindigni et al. 2004; Beier et al. 2009; Merritt
et al. 2010). However, these in vitro techniques generally
produce muscle with small contractile forces, since the
amount of scaffold material is high and can inhibit
myoblast fusion. In addition, the ultrastructure of the
ECM controls the attachment, alignment and differentiation
of myoblasts (Altomare et al. 2010; Grenier et al. 2005;
Huang et al. 2010; Matsumoto et al. 2007). Many studies
involve the use of gel-based constructs of mainly collagen,
laminin, or fibrin that do not necessarily replicate the
complex ultrastructure of native tissue (Huang et al. 2005;
Beier et al. 2009; Matsumoto et al. 2007; Rowlands et al.
2007; Vandenburgh et al. 1988). Acellular implants are now
being developed through the decellularization of tissues and
organs in an attempt to retain the ultrastructure (Gilbert et
al. 2006). These acellular matrices, typically xenogeneic in
origin, have several advantages over other materials. First,
the process of removing cells eliminates adverse immune
response and, as was discussed earlier, if processed
correctly, acellular matrices can actually promote a con-
structive remodeling phenotype in macrophages (Badylak
et al. 2008; Valentin et al. 2009). Second, the complex
three-dimensional ultrastructure of the starting tissue is
largely retained. For acellular skeletal muscle, this retained
ultrastructure might include residual endomysial tubes and
remnant neural and vascular pathways that can promote
myoblast alignment and fusion and stimulate neurovascular
growth (Borschel et al. 2004; Di Benedetto et al. 1994;
Gillies et al. 2011).

Biologic scaffolds composed of ECM have been
successfully used to repair or replace a variety of damaged
or diseased tissues, including cardiac (Akhyari et al. 2008;
Badylak et al. 2006; Kochupura et al. 2005), esophageal,
(Nieponice et al. 2006, 2008), dermal (Brigido et al. 2004)
and musculotendinous (Aurora et al. 2007; De Deyne and
Kladakis 2005; Dejardin et al. 2001; Snyder et al. 2009)
tissues. Studies have shown that these materials are rich in
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site-specific glycosaminoglycans and a wide variety of
growth factors including FGF, VEGF and epidermal growth
factor. The biomechanical properties of ECM scaffolds
have also been extensively characterized (Derwin et al.
2006; Sacks and Gloeckner 1999; Freytes et al. 2008a,
2008b; Gilbert et al. 2008) but these properties, as with any
implanted material, inevitably and rapidly change in vivo as
a result of the concurrent processes of scaffold degradation,
neomatrix deposition and host cellular remodeling events
(Badylak et al. 2001a; Ko et al. 2006; Liang et al. 2006).
The remodeling process is characterized by an immediate
intense mononuclear cell infiltrate, followed by a period of
intense vascularization and a progressive degradation of the
ECM material between days 3 and 14. A deposition of a
host-derived neomatrix and the appearance of site-specific
parenchymal cells such as skeletal muscle myoblasts and
circulating progenitor cells occurs, which in turn repopulate
the injury site to form functional tissue (Turner et al. 2010;
Badylak and Gilbert 2008; Badylak et al. 2001b). In terms
of skeletal muscle repair, Conconi et al. (2005) have found
benefits by using decellularized abdominal muscle seeded
with cultured myoblasts; this group has shown that, when
implanted in the abdominal wall, these constructs generate
a complex skeletal muscle tissue that is contractile and
vascularized after only 9 days.

Work within our own group has demonstrated that, in
many cases, the acellular ECM is capable of restoring
functional tissue without any additional cellular component.
Valentin et al. (2010) report that, in a rat abdominal wall
defect model, acellular ECM derived from SIS achieves
almost complete replacement of the defect site with islands
and sheets of functional skeletal muscle after 6 months
(Valentin et al. 2010). This new muscle generates ~80% of
the contractile force of native muscle. Similarly, in a model
of severe muscle trauma with massive tissue loss, implan-
tation of SIS-ECM promotes the formation of vascularized
skeletal muscle that is functionally innervated and almost
indistinguishable from native muscle by 6 months (Turner et
al. 2010). Interestingly, the same proteases that degrade a
surgically placed ECM scaffold are also responsible for
degrading the remnant ECM of native tissue following
injury. The degradation products of this surgically placed
ECM have potent biologic effects including mitogenic and
chemotactic effects on muscle progenitor cells (Crisan et al.
2009; Tottey et al. 2011; Vorotnikova et al. 2010). In related
work, Calve et al. (2010) have demonstrated that ECM
deposited during amphibian limb regeneration provides
instructional cues for both myoblasts and satellite cells;
these cues are vital for muscle repair.

Together, these findings have translated into the successful
restoration of skeletal muscle in human patients that have
suffered volumetric muscle loss. Early results have shown that
acellular ECM scaffolds have restored significant amounts of

new skeletal muscle with significant improvements in
function and isokinetic performance (Mase et al. 2010).

Importance of vascularization, innervation
and mechanical loading

Three additional factors play a critical role in determining
the regeneration potential of injured muscle: the reinnerva-
tion of the regenerating muscle fibers, the formation of new
blood vessels within the repaired muscle and mechanical
loading and the generation of mechanical force.

As discussed earlier, muscle injuries with volumetric loss
typically will not heal without scar tissue formation, which
might be associated with the muscle distal to the site of
injury becoming denervated and non-functional. Therefore,
an essential step in any regenerative medicine approach is
the reestablishment of nerves to the regenerating muscle
and the formation of new motor endplates. These motor
endplates not only confer functional control to the new
muscle but their chemotropic and stimulatory effects also
influence muscle fiber type, alignment and size (Donghui et
al. 2010; Grubic et al. 1995; Lefeuvre et al. 1996;
Washabaugh et al. 1998). If neuromuscular connections
are not reestablished then regenerating muscle will become
atrophic (Jarvinen et al. 2005, 2007). The importance of
nerve activity in muscle regeneration has been clearly
demonstrated following the use of bupivacaine to induce
muscle injury. Bupivacaine induces necrosis of all muscle
fibers but leaves satellite cells, nerves and blood vessels
intact (Benoit and Belt 1970; Foster and Carlson 1980). In
this model, new myotubes begin to form after ~3 days, with
new motor endplates forming soon thereafter resulting in
rapid maturation of the muscle tissue and restoration of
function (Jirmanova and Thesleff 1972; Grubb et al. 1991).
Conversely, if the muscle tissue is treated with bupivacaine
and also dennervated, although new myotubes still form, no
rapid growth or restoration of function occurs (Carlson and
Faulkner 1996, 1998). In the rat soleus muscle, this rapid
maturation of myotubes coincides with a switch from
expression of embryonic to neonatal myosin heavy chains
to adult myosin (Whalen et al. 1990). While this change is
independent of nerve function, Mendler et al. (2008) have
shown that, following dennervation and reinnervation,
muscle fibers switch from slow-type fibers to fast-type fibers
following reinnervation of the muscle fibers (Mendler et al.
2008). Furthermore, Gregorevic et al. (2004) have demon-
strated that these regenerating fibers adopt their fast and slow
twitch properties as they regenerate (Gregorevic et al. 2004).
Studies investigating the innervation of skeletal muscle have,
to date, been limited to in vitro co-cultures of myoblasts,
satellite cells and neurons (Larkin et al. 2006; Das et al.
2007; Mars and Martincic 2001; Mehrke et al. 1984; Wagner
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et al. 2003). These studies have revealed that nerve-muscle
constructs generate greater contractile force compared with
muscle-only constructs. Dhawan et al. (2007) have found
that in vivo innvervation of a muscle construct results in
increased contractility compared with non-innvervated con-
structs (Dhawan et al. 2007). However, returning functional
innervation in severe muscle injuries has proven difficult.
One successful example is represented by the SIS-ECM-
mediated gastrocnemius muscle repair in the model of
Turner et al. (2010) in which new nerves invade the site of
injury within 2 months of implantation of the SIS-ECM
scaffold. Furthermore, these new nerves form new motor
endplates with the new muscle and make a functional
reconnection with the sciatic nerve as demonstrated by the
recorded action potentials in the muscle following nerve
stimulation. This re-innervation also coincides with a switch
in muscle fiber type from predominately slow fiber types to a
50:50 mix of fast and slow muscle approximating the
composition of the uninjured gastrocnemius muscle (Turner
et al. 2010).

In contrast to the limited research into improving the
innervation of regenerating muscle in situ, extensive
research has been directed to the enhancement of the
vascularization of the site of muscle injury. In particular, the
promotion of angiogenesis can activate resident satellite
cells and provide a conduit through which myogenic
progenitor cells can travel. One of the major limiting
factors in the repair of skeletal muscle is the requirement
for nutrients and oxygen by myoblasts. Myoblasts are
unable to proliferate or differentiate further than ~150 μm
from a nutrient source and oxygen supply (Dennis and
Kosnik 2000). Promotion of angiogenesis might therefore
be one of the key mediators for stimulating the repair of
volumetric muscle injuries in situ.

Techniques for the successful promotion of vasculariza-
tion in vivo have achieved mixed results. Direct injection of
VEGF has been shown to stimulate muscle healing by
promoting angiogenesis and increasing the nutrient and
oxygen supply (Deasy et al. 2009; Gowdak et al. 2000;
Messina et al. 2007; Springer et al. 1998). However, the
effects of VEGF may be time-dependent, requiring early
injection in order to stimulate the activation of MDSCs
derived from the vasculature and satellite cell activating
growth factors. In addition, VEGF tends to promote a
random angiogenic response rather than a directed re-
sponse, thus potentially limiting the muscle repair process.
Other tissue engineering approaches, particularly those
utilizing cellular constructs or the direct injection of cells
have sought to develop a vascular bed that would integrate
with the host system once implanted into the muscle. For
example, a number of studies have utilized the foreign-
body response to promote the formation of vascularized
tissue surrounding the muscle construct (Saxena et al. 2001;

Beier et al. 2006; Tanaka et al. 2000). Others have
employed the co-culture of myoblasts and endothelial cells
to create a vascularized muscle construct in vitro (Levenberg
et al. 2005; Borschel et al. 2006). Interestingly, acellular
ECM scaffolds have been shown to promote angiogenesis.
Valentin et al. (2010) report that, in the rat abdominal wall,
SIS-ECM promotes increased angiogenesis during muscle
repair, which is comparable with autologous tissue repair,
with the number of new blood vessels almost doubling
compared with uninjured tissue (Valentin et al. 2010).

The final consideration and perhaps the most overlooked
is the importance of mechanical loading and exercise on the
promotion of muscle repair. If the goal of a regenerative
medicine approach to muscle repair is to promote the rapid
repair of skeletal muscle, a concomitant aim must be the
rapid restoration of functional use. Currently, the most
commonly prescribed treatments for muscle injury are rest,
ice application, compression and elevation, i.e., immobili-
zation of the muscle. This “RICE” therapy is typically
followed by an extensive period of physiotherapy to
address the muscle atrophy that results from prolonged
immobilization (Jarvinen et al. 2000, 2007). As is well
known, cells sense their environment through anchoring
and pulling on the ECM in which they reside. Similarly,
tension within the ECM as a result of mechanical load
translates to the resident cells and in turn influences their
phenotype (Bischoff 1997; Xu et al. 2009). As has
previously been mentioned, the formation of functional
skeletal muscle depends in part on the alignment of new
muscle fibers in order to direct the appropriate contractile
forces without further muscle damage, whereas the forma-
tion of an organized neurovascular bed is essential for
muscle fiber maturation. A key approach to developing
differentiated and functional skeletal muscle tissue is
electrical stimulation during myogenesis, either through
innervation or by artificial methods. The expression of
desmin, myosin heavy chain and other myogenic factors
can be increased significantly by electrical stimulation of
the repairing muscle (Flaibani et al. 2009; Nicolaidis and
Williams 2001; Park et al. 2008; Sasaki et al. 2007; Serena
et al. 2008). This type of stimulation is thought to mimic
neuronal activity and has achieved success, both in vitro
and in vivo, for enhancing myotube formation and
contractile force. Although little evidence exists to show
that electrical stimulation promotes the migration or
differentiation of myogenic progenitor cells, it has been
demonstrated markedly to increase angiogenesis thereby
resulting in decreased fibrosis (Dobsak et al. 2006; Ljubicic
et al. 2005; Nagasaka et al. 2006). Similarly, in healthy
muscle, voluntary exercise promotes myogenesis and
muscle hypertrophy and has marked effects on the release
of MMPs and the secretion of growth factors, such as IGF-
1, which might stimulate the recruitment of myogenic
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progenitor cells (Mackey et al. 2007; Frystyk 2010; Kivela
et al. 2008; Wilborn et al. 2009). This information indicates
that, at least for some forms of skeletal muscle injury,
prolonged rest and immobilization might be detrimental to
healing and that a controlled exercise regimen would
enhance skeletal muscle healing.

Concluding remarks

Development of a therapy that avoids the collection,
isolation and purification of autologous stem cells or the
construction of muscle tissue by using bioreactor systems
with subsequent re-introduction to the patient would
almost certainly reduce the regulatory hurdles for clinical
translation, reduce cost of treatment and avoid the risks
associated with ex-vivo approaches. This is not to say
that these new strategies that stimulate the endogenous
repair of skeletal muscle do not have their own unique
challenges. Whereas skeletal muscle possesses a robust
capacity to repair itself, the ability to augment and
enhance this process would significantly advance the
treatment of congenital muscle disorders and severe
muscle trauma for which, even with the best of present-
day treatments, physical handicap or amputation are the
most likely outcomes. However, for these endogenous
repair therapies to advance, it is essential that an
understanding exists of the biochemical, cellular and
mechanical cues that promote skeletal muscle repair.
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