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Abstract
Identification and quantification of microplastics (MP) in environmental samples is crucial for understanding the risk and
distribution of MP in the environment. Currently, quantification of MP particles in environmental samples and the comparability
of different matrices is a major research topic. Research also focusses on sample preparation, since environmental samples must
be free of inorganic and organic matrix components for the MP analysis. Therefore, we would like to propose a new method that
allows the comparison of the results of MP analysis from different environmental matrices and gives a MP concentration in mass
of MP particles per gram of environmental sample. This is possible by developing and validating an optimized and consistent
sample preparation scheme for quantitative analysis of MP particles in environmental model samples in conjunction with
quantitative 1H-NMR spectroscopy (qNMR). We evaluated for the first time the effects of different environmental matrices on
identification and quantification of polyethylene terephthalate (PET) fibers using the qNMRmethod. Furthermore, high recovery
rates were obtained from spiked environmental model samples (without matrix ~ 90%, sediment ~ 97%, freshwater ~ 94%,
aquatic biofilm ~ 95%, and invertebrate matrix ~ 72%), demonstrating the high analytical potential of the method.
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Introduction

In the next few years, MP content in marine and freshwater
ecosystems is expected to continuously increase. Over the
next two decades, plastic production is expected to double
or possibly even quadruple by 2050 [1]. Because 79% of
plastic waste ends up in landfills or in the environment, the
increase in environmental MP is the direct consequence of

growing global plastic production [2]. In some locations, plas-
tic abundance in marine ecosystems already exceeds that of
zooplankton [3, 4]. It is therefore not surprising that focus on
MP in the scientific and public communities has been
expanding. The term MP was first introduced in 2004 in the
context of small plastic fragments [5]. At present, plastic with
a size distribution of 1 μm–5 mm is defined as MP [6, 7]. Due
to their small size, MP enter aquatic systems in many ways,
including through rain, wind, and wastewater treatment
[8–11]. The small size of such plastics also hides the danger
to the environment, since MP can be incorporated by aquatic
organisms and in the worst case can lead to starvation [8, 12].

Identification and quantification of MP in environmental
samples is crucial for understanding the risk of MP to the en-
vironment and to humans. Identification and counting of MP
particles (MPP) is mainly performed by FTIR and Raman tech-
niques. Advantages and disadvantages of these methods are
described in detail in literature [13, 14]. Detection of MP in
environment often focuses on samples taken from sediments,
water, and biota in either marine or freshwater systems, though
the latter systems have only been extensively studied in recent

Electronic supplementary material The online version of this article
(https://doi.org/10.1007/s00216-019-02089-2) contains supplementary
material, which is available to authorized users.

* Wolfgang Imhof
Imhof@uni-koblenz.de

1 Institute of Integrated Natural Sciences, University Koblenz-Landau,
Universitätsstr. 1, 56070 Koblenz, Germany

2 Department of Animal Ecology, Federal Institute of Hydrology, Am
Mainzer Tor 1, 56068 Koblenz, Germany

3 Materials Science and Nano-engineering Department, Mohammed
VI Polytechnic University, 43150 Ben Guerir, Morocco

https://doi.org/10.1007/s00216-019-02089-2
7409 7418

/Published online: 201918 November

–Analytical and Bioanalytical Chemistry (2019) 411:

http://crossmark.crossref.org/dialog/?doi=10.1007/s00216-019-02089-2&domain=pdf
https://doi.org/10.1007/s00216-019-02089-2
mailto:Imhof@uni-koblenz.de


years [15]. Sediments of the Elbe, Moselle, Neckar, and Rhine
(Germany) were analyzed for MP and were found to contain
34–64 items MP per kilogram dry weight (DW) [4]. MP can
also be detected in freshwater organisms. The guts of wild
gudgeons (Gobio gobio) sampled in 11 French rivers contained
MP consisting of hard and colored fibers [16]. The number of
studies focusing on MP content in sediment and water samples
in freshwater systems has risen sharply in recent years [13]. In
contrast, studies observing biota in freshwater systems are not
so frequently performed [15, 17]. In order to be able to identify
and quantify MP in environmental samples, many analytical
detection methods require that MP particles be free of inorganic
and organic matrix constituents. Literature detailing the remov-
al of inorganic material from the MP particles mainly describes
the method of density separation [18]. For this purpose, the
Munich Plastic Sediment Separator (MPSS), which can process
a sample volume of up to 6 L, was developed [19]. In order to
remove MP particles from inorganic material, solutions with
different densities, such as NaCl 1.2 kg/L, ZnCl2 1.7 kg/L, or
NaI 1.6 kg/L, are used [20]. A solutionwith a density > 1.6 kg/L
has to be used to be able to separate all commercially available
polymers [19]. In most cases, an additional step is required after
density separation to remove organic material from MP parti-
cles. The method of choice for this additional step is often
chemical or enzymatic digestion of organic matrix. Oxidizing
agents such as hydrogen peroxide (H2O2), strong acids, and
bases can be used for chemical digestion. However, some of
these chemicals might also affect or even completely dissolve
or decompose MP particles [13, 21]. Enzymes such as protease,
cellulase, and/or chitinase are used for enzymatic digestion. The
disadvantage of enzymatic digestion is that it can take about 10
times longer than chemical digestion [22].

Nevertheless, there still is a great need for research regard-
ing both sample preparation and quantification of MP in en-
vironmental samples. In most reviews on this topic, authors
repeatedly report the problem of non-comparability of studies
and analytical methods [7, 13, 21]. Therefore, we would like
to propose a solution that allows different environmental ma-
trices consisting of sediment, water, and/or organisms to be
compared and to specify a plastic concentration in mass of
particles per gram of environmental sample. This is possible
by validating an optimized and consistent sample clean-up
scheme. Quantification of MP particles can be carried out by
1H-NMR spectroscopy using the integration method com-
bined with the calibration curve method (INT-qNMR). The
successful application of this method for quantitative analysis
of MP particles has already been described [23]. In this paper,
we present first results concerning the influence of different
matrices on the quantification of PET particles, used as an
example of MP particles, by qNMR spectroscopy. For this
purpose, we wanted to clarify whether there are disturbing
matrix effects after chemical digestion (1) and if these matrix
effects negatively influence the quantification of PET particles

using the INT-qNMRmethod (2). Furthermore, we designed a
new sample clean-up scheme for the qNMR method (3),
checked whether chemical digestion affects PET particles or
not (4), and determined recovery rates for different environ-
mental samples for method validation (5).

Materials and methods

Environmental model samples

Environmental samples collected from the Moselle River in
Germany included water samples collected at position 50° 21′
49.8″ N 7° 33′ 54.6″ E, aquatic biofilm, representing an im-
portant food source for grazing macroinvertebrates or fish,
collected at position 50° 21′ 49.8″ N 7° 33′ 54.6″ E and the
amphipod (Gammarus roeselii), representing macroinverte-
brates in inland waters. The following matrices were tested:
Deionized water as a blank, sand as a model for a sediment
matrix, Moselle water to represent a freshwater matrix, and
aquatic biofilm as well as invertebrates to represent common
biological matrices.

qNMR of PET fibers

Quantification of PET fibers (colorless with a length of approx.
500 μm and a diameter of approx. 10–20 μm, produced by
Schwarzwälder-Textil-Werke, Germany) was carried out by
quantitative 1H-NMR spectroscopy using the calibration curve
method. For 1H-NMR analysis of PET particles, deuterated
chloroform (99.8 atom %D, stab. with Ag) from Deutero and
trifluoroacetic acid (TFA) from Carl ROTH were used.
Solutions of different concentrations of PET particles used
for calibration were prepared from a stock solution (PET fibers
in CDCl3/TFA 4:1 at RT). For 1H-NMR measurements,
700 μL of the sample solution was transferred into 5 mm
NMR tubes. A JEOL® 500 spectrometer with a 500 MHz
5 mm TH ATM probe head was used for the 1D 1H-NMR
experiments. Recorded spectra were loaded into the NMR pro-
gram MestReNova as an FID file. Phase correction was per-
formed manually, whereas baseline correction of the recorded
spectra was performed with the Whittaker Smoother. The in-
tegral of the signal regions is proportional to the H atoms and
thus to the concentration of analyte in the solution [24]. For
quantification, the signal range of 8.20–8.00 ppm was integrat-
ed and normalized using the residual solvent signal as an in-
ternal standard (for more details, see Peez et al. 2019) [23].

Sample clean-up

All environmental samples were dried in an oven at 60 °C and
then placed into their own glass beaker with an agitator. Ten
milliliters of approx. 50% sulfuric acid (96% from Lach-Ner)
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and 10 mL of hydrogen peroxide solution (30% from Carl
ROTH) per 150 mg dry weight (DW) of the sample (at least
10 mL of the chemical digestion solution regardless of the
DW of the sample) were added for chemical digestion for
48 h under constant stirring, optimized according to Imhof
et al. [25]. The resulting mixture containing solid residues
and MP was then diluted with the same volume of deionized
water, filtered under vacuum via a filter, in this case via a P4
frit, and rinsed with deionized water. The filter cake was
completely transferred into a glass jar with deionized water
and then dried in an oven at 60 °C. If the filter cake consisted
largely of inorganic components, like sediment, they were
separated from the MP particles. For this separation, the filter
cake was dissolved in a suitable solvent for theMP particles to
be analyzed and was stirred until a suspension formed (2–4 h).
The suspension was then allowed to stand until the non-
dissolved sediment matrix components had settled and a
well-defined amount of the clear MP solution could be re-
moved. The MP solution was then dried before being dis-
solved in a suitable deuterated solvent appropriate for the
MP polymer species [23]. For determination of digestion ef-
ficiency, the DW of environmental samples was determined
before and after chemical digestion. Efficiency was then cal-
culated as weight after chemical digestion/weight before
chemical digestion × 100%. This procedure was performed
on three replicates of each sample type to determine the mean
digestion efficiency and standard deviation.

Recovery rates

Recovery rates of the above described sample preparation
method were determined using colorless PET fibers, as an
example for MP particles. For this purpose, the different en-
vironmental samples were spiked with a defined amount (in a
spike concentration range of 0.70–2.80 mg/mL) of PET fibers
either before digestion (steps 1–5), after digestion (steps 2–5),
or after filtration (step 5), to determine the mean recovery rate
and standard deviation (n = 3). Recovery rates were deter-
mined using the normalized content of PET in the sample. A
model sample was used for normalization to minimize mea-
surement inaccuracies caused by shimming or measurement
conditions (see Eq. 1).

Recovery rate ¼ calculated½ �• spike½ �Model sample•100

spike½ �• calculated½ �Model sample

¼ Normalized MP½ �•100
spike½ �

ð1Þ

[calculated] calculated value of the PET
concentration in mg/mL of
the sample

[calculated]Model Sample calculated value of the PET
concentration in mg/mL of
the model sample

[spike] weighted value of PET in
mg/mL of the sample

[spike]Model Sample weighted value of PET in
mg/mL of the sample of the
model sample

[Normalized MP] normalized content of PET
in mg/mL in the sample

All glassware were washed with water, acetone, and dis-
tilled water before being dried at 60 °C for > 24 h to avoid
contamination of the samples. During sample preparation,
samples were covered whenever possible. In addition, care
was taken to wear closed lab coats (100% cotton) when work-
ing with the samples in order to avoid contamination with
polymer fibers from clothes. A negative control (n = 3) was
carried out to exclude possible contamination during sample
preparation.

μFTIR and SEM

In order to checkwhether chemical digestion had an influence on
PET fibers, additional μFTIR and scanning electron microscopy
(SEM) measurements of PET fibers were carried out before and
after chemical digestion. μFTIR measurements were performed
using a Bruker Hyperion 2000 FTIR microscope in attenuated
total reflectance (μATR) mode (wavenumber range 4000–
600 cm−1). Afterwards, obtained spectra were compared with
the Bruker database using the software OPUS 7.5. Moreover,
surface morphologies of raw and chemically digested PET fibers
were examined by scanning electron microscopy (SEM,
SEM515, Philips, Amsterdam, The Netherlands). Both PET
types were covered with a gold layer to avoid charging. The
micrographs were recorded at least at three different positions
operating with an acceleration voltage of 10 kV, 20mm distance.

Results and discussion

Matrix effects of environmental model samples

Organic matrices might cause interfering matrix signals in 1H-
NMR spectra and thus problems concerning quantitative anal-
ysis of MP particles might be envisaged. Therefore, it must be
checked whether NMR-active matrix components are still
present after chemical digestion (see section “Sample clean-
up method”) and what influence they have on qualitative and
quantitative analysis of MP particles. Figure 1 shows the re-
corded 1H-NMR spectra of PET fibers and of the environmen-
tal model samples (biofilm, invertebrate, and freshwater ma-
trix) after chemical digestion (without PET fibers). The
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sediment matrix showed no significant signals in the range of
0–9 ppm, except for the solvent signal at 7.26 ppm; the fresh-
water matrix showed signals of low intensity at 2.45 and
1.25 ppm; and the biofilm and invertebrate matrices showed
signals of high intensity at 2.45, 1.65, 1.25, and 0.85 ppm.
These signals are typical for fatty acids, long-chain ketones,
and aldehydes which may result from the chemical digestion
of lipids and lignin. The signal at 1.56 ppm is caused by water.
Nevertheless, irrespective of the kind of matrix, areas with
potentially disturbing matrix effects (highlighted light gray)
were clearly separated from the signal range used for qualita-
tive and quantitative analysis of PET (highlighted dark gray
and gray). It is therefore confirmed that qualitative and quan-
titative analysis of PET particles from environmental samples
can be performed by INT-qNMR even if there still were con-
taminations by traces of the corresponding matrix after chem-
ical digestion.

Nevertheless, even in cases of matrix signal overlays, quan-
tification of the MP particles in environmental samples is theo-
retically possible by applying the peak-fitting method (PF-
qNMR) as an alternative quantification method. This is a math-
ematical method bywhich overlapping signals are deconvoluted
and, thus, area integration of the extracted signals becomes pos-
sible [26–28]. The PF-qNMR method is not as widespread as
the INT-qNMR method because it is more time-consuming and
thus is not used for routine analytics [26]. Nevertheless, both
methods offer the possibility to qualitatively and quantitatively
determine MP particles in different environmental samples.

This is a big advantage compared with other detection
methods used in MP analytics. FTIR spectroscopy is highly
sensitive to matrix effects when detecting MP particles due to
signal overlap of many organic matrix materials. Such signal
overlap results from CH stretching vibration, CH deformation
vibration, or CO stretching vibration [17]. Therefore, it is not
possible to identify MP particles with FTIR if biofilm is pres-
ent on the surface of the particles because the measurement is

limited to the surface [13]. For the qNMR method reported
herein, this limitation does not apply. Another advantage of
qNMR analysis is that samples do not have to be absolutely
water-free since water shows a signal at 1.56 ppm in CDCl3
and therefore falls within the existing matrix range of 1.8–
0.7 ppm. In comparison, water interferes strongly with FTIR
spectroscopy [17]. Raman microspectroscopy (RM) has the
advantage of insensitivity to the water content of samples
[17]. Nevertheless, RM also has a major disadvantage com-
pared with other analytical techniques, namely the overlap of
fluorescence. This overlap can be caused by the presence of
inorganic compounds such as clay minerals or organic com-
pounds such as humic acid [17, 29]. In the case of pyrolysis
GC-MS analysis, matrix effects are also disturbing. In general,
pyrolysis GC-MS identifies the so-called indicator components
of specific polymers and identifies the type of polymer being
examined, using these indicators [30]. Since these indicators
are often aromatic or aliphatic compounds which also often
occur in constituents of the organic matrix, identification issues
arise [30]. To what extent this has a significant impact on
qualitative and quantitative determination of MP using pyrol-
ysis GC-MS still has to be investigated in more detail [17].

We have shown for the first timewhich NMR-active matrix
signals from different environmental samples can still be de-
tected after chemical digestion by 1H-NMR spectroscopy and
therefore might complicate quantitative analysis of MP parti-
cles. Nevertheless, qNMR spectroscopy compared with FTIR
and RM methods has the advantage of being insensitive to
inorganic matrix components such as clay minerals and to
organic matrix components in the signal ranges of 0.0–
0.7 ppm, 1.8–2.4 ppm, and 2.5–10.0 ppm.

qNMR of PET fibers: influence of matrix effects

To quantify the amount of PET fibers in environmental model
samples, we used the INT-qNMR method combined with the

PET fibers

biofilm

invertebrate

freshwater

sediment

Fig. 1 1H-NMR spectra of PET
fibers, biofilm (after chemical
digestion), invertebrate (after
chemical digestion), freshwater
(after chemical digestion), and
sediment in CDCl3/TFA 4:1 at
RT. Dark gray and gray indicate
the ppm range for qualitative
analysis of PET particles, gray for
quantitative analysis, and light
gray for environmental matrix
effects
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calibration curve method. Since our study has shown that
NMR-active matrix components do not interfere with the
quantification of PET particles, we assumed that quantitative
analysis can be performed with only one single matrix cali-
bration, as previously shown by Dümichen et al. for PE parti-
cles [31]. To verify this, four different environmental samples
were chemically digested (except for sediment samples) and
spiked with a known amount of PET. The PET content was
then calculated using the calibration without matrix. Figure 2
shows a representative calibration line of PET fibers which
was used for quantification (for more information, see Peez
et al. 2019) [23]. In Table 1, the quantification results for four
different environmental matrices (freshwater, biofilm, inverte-
brate, and sediment) and without matrix are presented.

According to our previous investigations, the calculated
values of PET content without matrix determined with the
qNMR method correspond to the real values [23].
Furthermore, the calculated values of freshwater, biofilm,
and sediment matrix are within the error range of real values
of the samples. However, for invertebrate matrix, calculated
values are lower than for real values. This may be due to
inorganic residues still being present after chemical digestion
consisting mainly of calcium carbonate, because we chose a
model organism for aquatic invertebrates (G. roeselii) which
exhibits an exoskeleton. The presence of these inorganic res-
idues may make it more difficult to dissolve PET fibers be-
cause of interactions of the basic carbonate with TFA.
Nevertheless, our results show that only one calibration line
(without matrix effects) is sufficient to determine the PET
content in different environmental matrices which include in-
organic components like sediments or organic components
after chemical digestion.

Sample clean-up

To analyze MP in environmental samples using qNMR spec-
troscopy, we first had to develop a suitable sample preparation
scheme (see Fig. 3). In addition, we wanted to develop a sample
preparation that could be used for different environmental

matrices to ensure comparability of the analytical results. Four
different sample matrices were tested: freshwater, aquatic bio-
film,macroinvertebrates, and sediment samples. These environ-
mental matrices were selected and tested because most studies
for the investigation of MP in environmental samples mainly
refer to these types of samples [32]. For samples consisting of
water or organisms, sample preparation is identical. First, the
organic material in the sample has to be removed by chemical
digestion (step 1). As chemical digestion reagent, we used 50%
sulfuric acid and 30% hydrogen peroxide solution in a ratio of
1:1 with a digestion efficiency (mean ± SD) of 82.8 ± 4.3% for
invertebrate samples and 97.6 ± 1.3% for biofilm samples (for
more information, see ESM section “Chemical Digestion” and
Fig. S2). Step 2 involves filtering the remaining solid material
consisting of MP particles and undissolved matrix components
such as inorganic or poorly soluble organic compounds. These
steps (steps 1 and 2) are commonly applied to prepare samples
for analyses directly measuring MP particles on a filter using
FTIR or RAMAN spectroscopy [33, 34]. For qNMR spectros-
copy to be used for MP analytics, however, it is essential to
dissolve MP particles. Therefore, MP particles (and undis-
solved matrix components) must be rinsed off a P4 frit (step
3) in order to be subsequently dissolved. Rinsing and transfer of
the residue are done with deionized water, which is afterwards
removed at 60 °C (step 4). The residue consisting of MP then
has to be dissolved in 1 mL of a suitable deuterated solvent and
transferred into a NMR tube, before analysis by qNMR (step 5).
This has already been described by some of us for LDPE, PET,
and PS particles and will not be explained here in detail [23].

A positive side effect of step 5 is that by dissolving the
sample in 1 mL of the deuterated solvent, the MP content of
the environmental sample is concentrated. Thus, even small
amounts of MP particles in environmental samples can be
analyzed by this method. Steps 4a–4c must be performed after
step 4 depending on the amount of insoluble matrix compo-
nents such as sediment or poorly soluble organic or inorganic
compounds. The volume of the solid residue has to be so small
(~ 50mg) that if 1 mL deuterated solvent is added, 700 μL can
still be taken for 1H-NMR measurement. Using more than

Fig. 2 Calibration line for PET
fibers with the appropriate
confidence interval (CI). The
concentration in mg/mL is plotted
against the normalized intensity.
The signal range from 8.20–
8.00 ppm was integrated and the
residual solvent signals serves as
an internal standard. Regression
factor of the calibration line: R2 =
0.9990
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1 mL of deuterated solvent is not an appropriate procedure
because the advantage of concentrating MP would be lost.
In the case of larger amounts of insoluble matrix components
at the end of step 4, they must be separated by solving the
residue in just enough undeuterated solvent to form a suspen-
sion. After stirring for 2–4 h, it is allowed to settle (step 4a). A
defined volume of the solution is then removed (step 4b)
without transferring any solid material, and is then evaporated
to dryness at 60 °C (step 4c).

This procedure was varied according to Ceccarini et al.,
who described the solvent extraction of MP particles from
sand samples for the first time [35]. If only small amounts of
organic material are present in the sediment samples, only
steps 4a–5 may be used. This is an alternative to the density
separation method [17–19]. The density method is sometimes
very time-consuming, taking approximately 12 h, especially if
very small particles have to be separated according to their
density [13]. Furthermore, despite increased efforts, not all
polymer types can be separated from inorganic matrix com-
ponents by different separation liquids [17]. The advantage of
the density separation method is that MP particles can be

separated from sediment without the loss of information on
MP size. Depending on the desired analytical information,
either the method described by us or the density separation
method is more suitable. Nevertheless, both methods are com-
patible with quantitative analysis of MP by qNMR.

We therefore consider the sample preparation scheme for
MP analysis shown in Fig. 3 to be suitable for a wide range of
environmental samples providing analytical results that are
completely comparable with respect to each other. This could
be a first step towards a routine analytical method for rapid
analysis of MP content in environmental samples.

Chemical digestion: effects on PET fibers

In addition to the high digestion efficiency and short reaction
time, the optimized chemical digestion method presented here
has the further advantage that no highly concentrated acid
which might affect MP particles is used [36, 37]. In order to
check whether the digestion reagents used in our study attack
PET fibers, we used 1H-NMR spectroscopy and μFTIR inves-
tigations to determine potential changes in the chemical

Fig. 3 Sample preparation scheme for sediment, freshwater, biofilm, and invertebrate samples

Table 1 Comparison of real and calculated values of PET fibers in
different environmental samples. Original sample weight ± weighting
error and normalized calculated values using the INT-qNMR method ±

confidence interval (CI) are given in mg/mL. PET concentration was
determined using only the calibration line without matrix

Matrix Without Freshwater Biofilm Invertebrate Sediment

real value ± Δx [mg/mL] Sample 1 1.12 ± 0.01 0.96 ± 0.01 2.34 ± 0.01 0.53 ± 0.01 2.82 ± 0.01

Sample 2 1.46 ± 0.01 1.87 ± 0.01 0.77 ± 0.01 1.02 ± 0.01 2.22 ± 0.01

Sample 3 0.96 ± 0.01 1.46 ± 0.01 1.88 ± 0.01 0.88 ± 0.01 1.45 ± 0.01

Calculated value ± CI [mg/mL] Sample 1 1.10 ± 0.13 0.83 ± 0.14 2.32 ± 0.13 0.47 ± 0.08 2.86 ± 0.14

Sample 2 1.41 ± 0.13 1.73 ± 0.13 0.66 ± 0.15 0.70 ± 0.08 2.17 ± 0.13

Sample 3 0.90 ± 0.14 1.36 ± 0.13 1.87 ± 0.13 0.59 ± 0.15 1.32 ± 0.13
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structure of the particles. Moreover, the surface of the fibers
was examined with respect to possible differences before and
after chemical digestion using SEM images. Figure 4 shows
1H-NMR spectra (4a, 4d), μFTIR spectra (4b, 4e) and SEM
images (4c, 4f) of PET fibers before (4a–c) and after (4d–f)
chemical digestion. According to 1H-NMR and μFTIR mea-
surements, the chemical structure of the PET fibers did not
change due to digestion since no additional signals are present
and no signals are missing. In addition, PET fibers after diges-
tion were clearly identified by OPUS software with a high hit
quality of over 950 (max. hit quality 1000). SEM images
display morphological changes of the PET fibers after chem-
ical digestion (4f) compared with the raw material (4c) (for
more information, see ESM Fig. S3). The surface of the pure
PET fibers clearly presents a homogenous and smooth texture
revealing a closed surface without any (stress) cracking on the
outside. The chemically digested fibers, on the other hand,
show a rough surface with crystalline residues, potentially
originating from contact with the applied solvents. These res-
idues may be fillers or other additives in the PET released by
leaching, or impurities or crystalline residues from the solu-
tions after drying. Nevertheless, the overall shape and main
structure of the digested fibers is intact and shows no signifi-
cant damages (peeling off, cracking, etc.). Lower recovery
rates of MP after chemical digestion also are indicative of
chemical reactions of MP particles that occur during chemical
digestion. Avio et al. state that the reason for their very low
recovery rates of 4% for PE and PS particles after chemical
digestion was the highly acidic digestion procedure, which
seemed to be too aggressive [36]. In this study, however, the

recovery rates of PET fibers before and after chemical diges-
tion were similar (t test, p = 0.378, n = 3, Fig. 5), with a recov-
ery rate of 92.7 ± 1.3% (before chemical digestion) and a re-
covery rate of 89.6 ± 3.9% (after chemical digestion).

A falsification of analytical results after having applied the
chemical digestion method described herein which might
have been caused by an attack of the chemicals used can thus
be ruled out. In summary, we provide a fast and effective
chemical digestion method which does not attack PET fibers
and still has a digestion efficiency > 83% for environmental
samples except freshwater samples (see ESM).

Recovery rates of sample clean-up

To determine the efficiency of the sample clean-up procedure,
recovery rates were determined for steps 1–5, steps 2–5, and
step 5, except for samples with a high sediment content for
which steps 4a–5 were carried out, using colorless PET fibers
(length of approx. 500 μm, diameter of approx. 10–20 μm) as
a model for MP particles. The samples were analyzed by
quantitative 1H-NMR spectroscopy according to Peez et al.
and recovery rates were determined using Eq. 1 [23].
Recovery rates were determined for a PET concentration in
the range of 0.70–2.80 mg/mL (for more information, see
ESM Table S1). First, recovery rates for PET fibers without
matrix effects were determined. Step 5 (PET fibers dissolved
in 1 mL deuterated solvent and measured) had a recovery rate
of 96.3 ± 2.0%, steps 2–5 (PET fibers filtered via a P4 frit,
dissolved, and measured) had a recovery rate of 92.7 ±
1.3%, and steps 1–5 (complete sample clean-up procedure)

10001500200025003000

Wavenumber in cmChemical shift in ppm

a b

d e
0052 00023000 10001500

1-

c

f

Fig. 4 Influence of chemical digestion on PET fibers. a–cBefore chemical digestion and d–f after chemical digestion. a, d 1H-NMR spectra in ppm. b, e
μFTIR spectra in cm−1. c, f) SEM images
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had a recovery rate of 89.6 ± 3.9%. For steps 1–5, recovery
rates for an even lower spike concentration (0.38–0.62 mg/
mL) were also determined to check whether there is an effect
on the quality of the method. Steps 1–5 for this lower concen-
tration had a recovery rate of 86.0 ± 5.0% and, therefore, no
significant difference can be observed compared with the re-
covery rate for the higher spike concentration range (t test, p =
0.474, n = 3). Additionally, recovery rates for the environmen-
tal model samples were determined to detect potential losses
during sample preparation caused by different matrices.
Recovery rates for freshwater samples are as follows: 90.6 ±

2.9% (step 5), 91.8 ± 3.1% (steps 2–5), 93.5 ± 5.7 (steps 1–5);
for biofilm samples: 94.7 ± 6.4% (step 5), 98.2 ± 5.0% (steps
2–5), 96.4 ± 7.5% (steps 1–5); for invertebrate samples: 72.2
± 8.7% (step 5), 79.4 ± 17.1% (steps 2–5), 72.1 ± 4.6% (steps
1–5); and sediment samples: 96.8 ± 4.3% (steps 4a–5) and
104.5 ± 3.7% (steps 1–5) (Fig. 5, Table 2). Furthermore, a
negative control for steps 1–5 was carried out to check for
contamination of the samples during sample clean-up proce-
dure. No signals could be detected in the area to be analyzed
(see ESM Fig. S1). Thus, a contamination of the samples with
plastic particles can be excluded.

Table 2 Overview of some recovery rates for the sample preparation of MP (modified according to Zhao et al.) [38]

MP type (size) MP amount Matrix Digestion Density separation Identification method Recovery rate Reference

PET (1–5 mm) 10 particles Sand No Yes Optical 93.3% [39]

PET (1–5 mm) 10 particles Sand Yes Yes Optical 87.5% [39]

PE black (0.2 mm) 10 particles Sediment No Yes Optical 80–100% [40]

PET (0.04–5 mm) Sediment No Yes Optical + RM 95.5% [19]

PE (0.5–0.6 mm) 71 particles Sediment No Yes Optical 54.9–71.8% [41]

PE (0.1–1 mm) Sediment No Yes Optical 55% [42]

PE (0.1–1.0 mm) Sediment Yes Yes Optical 50% [42]

PET fibers (0.3–0.4 mm) 30 particles Sludge/soil Yes Yes Optical 79–86% [43]

PE beads (0.9–1.0 mm) 30 particles Sludge/soil Yes Yes Optical 100% [43]

PE beads (0.4–0.5 mm) 30 particles Sludge/soil Yes Yes Optical 92–98% [43]

PE, PS (0.1–5 mm) 16 particles Fish tissue Yes Yes FTIR 80–95% [36]

PE, PS (0.1–5 mm) 16 particles Fish tissue No No Optical 57% [36]

PE, PS (0.1–5 mm) 16 particles Fish tissue No Yes FTIR 73% [36]

PE, PS(0.1–5 mm) 16 particles Fish tissue Yes No FTIR 70% [36]

PP, PVC, PS 60 μg Fish tissue Yes Yes Py-GCMS 95% [30]

PS (0.01, 0.03 mm) 6.2 × 103 particles Mussel tissues Yes Yes Optical > 94% [37]

PET (0.5 × 0.01 mm) ~ 2.16 mg/mLa

~ 2.31 mg/mLa
Sand No

Yes
No qNMR 96.8 ± 4.3%

104.5 ± 3.7%
Here

PET (0.5 × 0.01 mm) ~ 1.30 mg/mLa Invertebrate Yes No qNMR 72.1 ± 4.6% Here

PET (0.5 × 0.01 mm) ~ 1.36 mg/mLa Biofilm Yes No qNMR 96.4 ± 7.5% Here

PET (0.5 × 0.01 mm) ~ 1.16 mg/mLa Freshwater Yes No qNMR 93.5 ± 5.7% Here

PET (0.5 × 0.01 mm) ~ 1.70 mg/mLa Without Yes No qNMR 89.6 ± 3.9% Here

a Average of three different weighted amounts (see ESM Table S1)
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Fig. 5 Recovery rates of sample
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Recovery rates of the sediment matrix are striking since
they are beyond 100%. This could be due to the fact that steps
4a–4c have to be added to the sample clean-up procedure for a
sediment matrix. In step 4a, it is conceivable that solvent may
have evaporated during dissolution of the PET fibers despite
careful closure of the glass vessel. This results in an artificially
increased concentration of MP particles and thus a recovery
rate > 100% is observed. Nevertheless, the standard deviation
of 3.7% is very low and the procedure (steps 4a–4c) is repro-
ducible.Moreover, it is not conspicuous that recovery rates for
invertebrate samples (> 72%) are approx. 20% lower com-
pared with other matrices (> 90%) due to inorganic residues
such as calcium carbonate (see section “qNMR of PET fibers:
influence of matrix effects”).

In order to be able to estimate the quality of recovery rates
presented here, recovery rates already published and those
presented here have been summarized in Table 2 according
to Zhao et al. [38]. Recovery rates for sand/sediment samples
are in the range of 50–100% [19, 39–42], and for fish tissue
and mussel samples are in the range of 57–95% [30, 36, 37].
These recovery rates are mainly influenced by two factors. On
one hand, high recovery rates for optical or FTIR methods
might be related to systematic errors caused by the fact that
the exact number of spiked particles is known by those
performing the experiments. It is therefore an advantage of
the qNMR method validation that the exact number of parti-
cles is not known, leading to a low probability of unconscious-
ly falsified results. On the other hand, in many studies, colored
pellets or granules with a size distribution of 0.1–5.0 mmwere
used as MP (see Table 1). These particles are easily visible to
the naked eye due to their color and size. Hanvey et al. have
already noted that higher recovery rates are achieved when
samples are spiked with larger MP particles [44]. Hurley
et al. have compared small and large PE particles as well as
PET fibers and showed that the recovery rate for fibers is
lower than the more spherical PE particles independent of
their size (see Table 1) [43]. Although PET fibers used for this
investigation are hardly visible to the naked eye, we achieved
recovery rates > 90% (except for invertebrate samples > 72%)
for the complete sample clean-up procedure (steps 1–5) for all
matrix conditions.

High recovery rates, low standard deviations for different
environmental matrices, and the absence of contamination
during sample preparation (cf. negative control) suggest that
this sample clean-up method allows for consistent and repro-
ducible results from environmental samples. However, there is
still a need for research to improve quantification of PET in
matrices containing large amounts of calcium carbonate, indi-
cated by the recovery rates within the analyzed invertebrate
matrix (i.e., the amphipod G. roeselii). Therefore, our current
research also includes the improvement of the PET quantifi-
cation in samples with matrices consisting partly of inorganic
residues such as calcium carbonate. Nevertheless, it can be

summarized that the optimized sample clean-up method pre-
sented by us for qualitative and quantitative analysis of MP
particles in environmental samples using qNMR presented
here offers a very good alternative for MP analysis compared
with typically used methods.
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