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Abstract The widespread integration of nanoparticle tech-
nologies into biomedicine will depend on the ability to repeat-
edly create particles with well-defined properties and predict-
able behaviors. For this to happen, fast, reliable, inexpensive,
and widely available techniques to characterize nanomaterials
are needed. Characterization of the surface molecules is par-
ticularly important since the surface, including the surface
molecule density, plays a dominant role in determining how
nanoparticles interact with their surroundings. Here, 10 and
30 nm gold nanoparticle NIST Standard Reference Materials
were functionalized with fluorescently labeled polyethylene
glycol (PEG) with either thiolate or lipoic acid anchoring
groups to evaluate analytical techniques for determining sur-
face coverage. The coating of the nanoparticles was confirmed
with dynamic light scattering, microscale thermogravimetric
analysis (μ-TGA), and ultraviolet–visible (UV–vis) spectros-
copy. A UV–vis method for determining gold nanoparticle
concentrations that takes into account spectral broadening up-
on functionalization was developed. The amount of bound
PEG was quantified with μ-TGA, a technique analogous to
thermogravimetric analysis that uses quartz crystal microbal-
ances, and fluorescence spectroscopy of displaced ligands. It
is shown that μ-TGA is a convenient technique for the quan-
tification of ligands bound to inorganic particles while
sacrificing a minimal amount of sample, and the treatment of

the functionalized nanoparticle dispersions with dithiothreitol
may be insufficient to achieve complete displacement of the
surface ligands for quantification by fluorescence measure-
ments. The μ-TGA and fluorescence results were used to de-
termine ligand footprint sizes—average areas occupied by
each ligand on the particles’ surface. The lipoic acid bound
ligands had footprint sizes of 0.21 and 0.25 nm2 on 10 and
30 nm particles, respectively while the thiolate ligands had
footprint sizes of 0.085 and 0.18 nm2.
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Introduction

Nanotechnology promises to radically transform medical
treatments and diagnostics [1, 2], yet there are relatively few
successful applications of nanotechnology to biomedicine.
The ability to design effective and safe technologies for
nanobiomedicine has been plagued by the inability to under-
stand how nanoparticle properties relate to their in vivo be-
haviors. To uncover nanoparticle property-activity relation-
ships, advancements need to be made in three fundamental
areas [3]: techniques to rapidly measure particle properties
[4–8], superior in vitro models that accurately replicate
in vivo environments [9–12], and the ability to predict and
monitor environment-dependent particle alterations [4,
13–16]. Not only will these advancements guide the design
of nanoparticle systems used for biomedical purposes, but
they will also provide information about the potential risks
associated with incidental exposure of humans to nanoparti-
cles from manufacturing, processing, and use in consumer
products.
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Particle characterization has been identified as one of the
major bottlenecks toward efficient commercialization of nano-
enabled products [5, 17]. Even the most fundamental nano-
particle properties are not straightforward to measure and
compare between laboratories; for example, size measure-
ments can differ substantially, depending on the technique that
is used [18]. Worse, some vital properties are often neglected
completely. One such property is the determination of the
number of molecules bound to the surface of inorganic parti-
cles. The behavior of nanoscale particles in biological envi-
ronments is determined primarily by the molecules that are
bound to their surfaces, since this surface layer forms the
interface between the particle and its external environment
[14, 19, 20]. Moreover, as the size of particles decrease to
the nanoscale, the surface molecules become a sizeable frac-
tion of the constituents that form the particle. The density of
the ligands that are bound to the particle can affect many of the
properties of the particles including their bio-distribution and
cellular uptake when the ligands are active targeting groups;
the stability of the particles for molecules that sterically stabi-
lize the particles and inhibit access to their cores; and the
potency of the particles when therapeutic compounds are
bound to their surface.

Current methods to characterize the molecules on the sur-
faces of nanoparticles have been reviewed. [16, 17] These
treatises described the measurement of surface molecules with
nuclear magnetic resonance, Fourier-transform infrared spec-
troscopy, combustion elemental analysis, and traditional
surface-analysis methods. As described in these reviews, such
techniques are useful for determining the presence of bound
functional groups, obtaining information about their structure,
and determining relative amounts of bound ligands, but are
only semi-quantitative for determining absolute numbers of
bound molecules. Another approach is to measure the thick-
ness of a surface molecule coating and presume a ligand struc-
tural model to calculate the density of surface molecules [21].
More direct quantitative techniques include fluorescence mea-
surements [22, 23] and thermogravimetric analysis (TGA);
[20, 24–28] however, both of these techniques suffer from
serious shortcomings. Fluorescence measurements require in-
trinsically fluorescent ligands, or modification of the ligand
with a fluorescent tag. This requirement severely limits the
types of samples that can be dependably analyzed, since mod-
ified ligands may not accurately represent the true nature of
unmodified ligands. Moreover, fluorescent ligands must be
completely displaced and separated from gold particles to pre-
vent fluorescence quenching by the gold core, and particle
concentrations and ligand concentrations need to be measured
independently. TGA is a fast and reliable method that deter-
mines the fractions of thermally stable and unstable masses of
a sample. Provided that particle sizes and ligand molecular
weights are well known, surface coverage for inorganic parti-
cles with combustible ligands can be calculated. The major

drawback of TGA for nanoparticle measurements is the large
sample size required for analysis; a typical TGA experiment
requires several milligrams of material, which makes it unfea-
sible to use for expensive or limited-quantity samples or for
quality-control purposes when frequent and multiple experi-
ments need to be made. In all cases, using multiple techniques
to determine surface coverage is preferred to cross-validate
results.

Recently, we reported the use of quartz crystal microbal-
ances (QCMs) at elevated temperatures to mimic TGA with
sample sizes of only a few micrograms. [29] Results from the
QCM technique—henceforth referred to as μ-TGA — for
carbon black, alumina, surfactants, and carbon nanotubes
were shown to correlate well with data obtained with a TGA
instrument. μ-TGA has also shown promise for nanoparticle
characterization, because it uses far less sample than tradition-
al TGA [8]. In this work, we confirm the addition of a polymer
coating to gold nanoparticles with dynamic light scattering
(DLS) and ultraviolet–visible spectroscopy (UV–vis) and ap-
ply μ-TGA and fluorescence spectroscopy to measure the
amount of two different hetero-bifunctional polyethylene gly-
col (PEG) ligands bound to gold nanoparticles.

Gold nanoparticles are an important class of nanomaterials
[3, 30, 31] with applications in drug delivery [7, 32–37], gene
delivery [38–41], diagnostics [42, 43], and photothermal ther-
apy [44, 45]. Because of the many promising applications for
gold nanoparticles—which are already becoming realized
[46]—and discrepancies between biological testing from dif-
ferent laboratories, the National Institute of Standards and
Technology (NIST) has developed gold nanoparticle Standard
Reference Materials [47] to help facilitate interlaboratory test
comparisons. Well-characterized nanoparticles in conjunction
with techniques to quantitatively measure molecules bound to
the particle surface compose a powerful combination for
studying the effects of surface density on particle behavior.
Here, the PEG surface coverages of gold nanoparticle refer-
ence materials in two sizes—nominally 10 and 30 nm—were
determined.

PEG was chosen for these studies because it is commonly
used as a linker between functional components and nanopar-
ticles, due to its well-known ability to stabilize nanoparticles,
conceal them from the immune system, and resist non-specific
absorption of biological molecules [2, 37, 48–51]. The PEG
molecules used in this report consisted of a fluorophore at-
tached to one end of the polymer, and either a thiol or lipoic
acid anchoring group on the other end to bind the PEG to the
gold surfaces. Lipoic acid attaches to gold through two gold-
sulfur linkages while thiol facilitates single-point attachment.
The fluorescently labeled PEG allows surface coverage to be
measured by fluorescence in addition to μ-TGA. The mass-
fraction information values of gold from the Reference Mate-
rial Reports of Investigations [47]were used to calibrate UV–
vis absorbance spectra to determine nanoparticle
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concentrations. Knowledge of the size of particles from the
Reports of Investigation and the molecular weight of PEG by
matrix-assisted laser desorption/ionization time-of-flight mass
spectrometry (MALDI-TOF-MS) enabled PEG footprint sizes
to be calculated for both techniques. The use of two nanopar-
ticle sizes and two anchoring groups allows for the effects of
particle size and linker type on surface coverage to be
determined.

Experimental [52]

Materials Dispersions of gold nanoparticle Standard Refer-
ence Materials in 30 nm (SRM 8012) and 10 nm (SRM
8011) sizes were obtained from NIST. All other chemicals
were obtained from commercial sources. Lipoic acid –PEG
–fluorescein isothiocyanate (LA-PEG-FITC) was made by
reacting 1.6 mg of lipoic acid-PEG-amine (LA-PEG-NH3, 3,
400 g/mol) with fluorescein isothiocyanate (FITC, 0.4 mg in
40 μL dimethylsulfoxide) in a 0.01 mol/L carbonate buffer,
pH 9, to a final volume of 200 μL. The reaction was allowed
to proceed for 2 h. Unbound FITC was removed onto a 5 mL
cross-linked dextran gel spin-column (85–260 μm wet bead
size, fractionation range: 1×103–5×103 g/mol). Thiol-PEG-
FITC (HS-PEG-FITC, 3,400 g/mol) and thiol-PEG-methyl
(HS-PEG-methyl, 5,000 g/mol) were purchased and used as
received.

Before use, the 10 nm gold nanoparticles were passed through
a 0.1 μm aluminum oxide syringe filter, and the 30 nm gold
nanoparticles were passed through a 0.45 μm polyvinylidene
fluoride syringe filter. Native citrate ligands on the gold nano-
particles were displaced with the PEG derivatives by combin-
ing 5.00mL of the reference material with 1.5 mg to 4.0 mg of
fluorescent PEG derivative dissolved in water in a volumetric
flask. The four samples were diluted with water to a total
volume of 10.00 mL, transferred to 15 mL polypropylene
conical tubes, and protected from light. The reaction was
allowed to proceed for 3 days at ambient temperature before
the samples were separated from excess PEG and concentrat-
ed to a volume of less than 0.5 mL by at least three centrifu-
gation cycles. The samples were purified further with dialysis
(dialysis cassettes, 0.1 mL to 0.5 mL, 10,000 g/mol cut-off)
against 1,000 mL of water until the fluorescence of the ex-
change water was equivalent to baseline measurements (usu-
ally three exchanges). The expected large stoichiometric ex-
cess of PEG for all of the samples was confirmed by the
intense fluorescence of the supernatants that were removed
after centrifugation.

Dynamic light scattering DLS experiments were performed
on a Zetasizer Nano ZS (Malvern Instruments Ltd.,
Worcestershire, UK) with a scattering angle of 173° at

20 °C. The samples were diluted to have a maximum absor-
bance value near 0.1 and were measured in a low-volume
quartz cuvette. The cumulants method was used to determine
the Z-average hydrodynamic diameters of the particles. A
minimum of five measurements were made of each sample
with approximately 12 sub-runs per measurement.

UV–vis UV-visible spectroscopy was used to determine the
concentration of gold nanoparticles. All measurements were
made on a LAMBDA 1050 spectrometer (PerkinElmer, Wal-
tham, MA) fitted with a three-detector module. Standard
curves were created before and after passing the particles
through syringe filters, and absorbance values were related
to data from the Standard Reference Material Certificates of
Analysis [47]. The absorbance of the particles was measured
before and after functionalization with PEG ligands. These
measurements permit corrections to be made for the decrease
in absorbance amplitudes for the PEG-functionalized particles
that account for loss of material on the filter and for spectral
broadening from the presence of the PEG on the particle sur-
face. Spectra of SH-PEG-methyl functionalized nanoparticles
were used to find appropriate correction factors to account for
broadening of spectra after functionalization. Because HS-
PEG-methyl is transparent in the visible region, and it changed
the shape of the gold nanoparticle spectra in the same way as
the PEG-FITC ligands, known amounts of reference material
were added to volumetric flasks with a large stoichiometric
excess of HS-PEG-methyl. The samples were diluted to
5.00mL and the maximum absorbance values were measured.
The absorbance for the 10 nm sample was 79.9±0.4 % of the
value that was expected if the citrate-stabilized particles had
been diluted with water alone. The 30 nm sample had an
absorbance value that was 85.6±0.3 % of the expected value
if the sample had merely been diluted. The validity of these
numbers was checked by measuring the absorbance spectra of
all the fluorescently labeled particles before the unbound PEG
ligands were removed—when the gold concentrations were
still known—and subtracting the signal arising from the ex-
cess fluorescent PEG by spectral editing. The PEG-FITC
functionalized particles were diluted to have absorbance
values between 0.1 A. U. and 0.2 A. U. and were compared
to a standard curve. The standard curves, including the best-fit
lines, and unknown points are shown in Fig. S1 in the Elec-
tronic Supplementary Material (ESM).

Fluorescence Fluorescence was measured on a Synergy HT
plate reader (BioTek Instruments, Winooski, VT). Three
100 μL aliquots of each sample and standard were transferred
to a clear-bottom, black, 96-well assay plate. Measurements
were made with a 485/20 excitation filter and a 516/20 emis-
sion filter. Because the gold particles quench the fluorescence
of the PEG-FITC, the PEG ligands were displaced from the
gold particles, and the flocculated particles were removed by
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centrifugation. Using the procedure described in [23] as a
guide, the PEG was displaced from the particles in a
0.5 mol/L dithiothreitol (DTT), phosphate buffered sa-
line (PBS), pH 8.0 solution: 100 μL of PEGylated par-
ticles were diluted with 100 μL of water and combined
with 200 μL of 1.0 mol/L DTT in pH 8.0 PBS (2X:
274 mmol/L NaCl, 5.4 mmol/L KCl, 23.8 mmol/L
phosphate buffer). The samples were protected from
light and incubated for 5 days. With the exception of
the 10 nm-LA-PEG-FITC sample, all of the gold nano-
particles precipitated out of solution as determined by
the absence of red color in solution and the formation
of solid black flecks. Because a faint red color persisted
in the 10 nm-LA-PEG-FITC sample, additional DTT
was added to each sample to help ensure complete dis-
placement. An additional 100 μL of the 1.0 mol/L DTT
solution was added to the 10 nm-LA-PEG-FITC sample
and an additional 50 μL was added to each of the other
three samples. After an overnight incubation, no red
color was observed, and water was added to each sam-
ple in equivalent amounts as the additional DTT vol-
umes. The fluorescence in the supernatants was observ-
able by eye in all four samples. The concentrations of
the fluorescent ligands were determined by comparison
to a set of standards that were prepared to have the
same pH, ionic strength, and DTT concentrations as
the unknowns.

Microscale thermogravimetric analysis Microscale thermo-
gravimetric analysis (μ-TGA) techniques were previously re-
ported [8, 29]. Briefly, for each sample, 10 μL aliquots of the
nanoparticle dispersions were deposited onto six (n=6) QCMs
and heated in a muffle furnace to temperatures of interest. A
measurement was made after heating to 100 °C, followed by
successive measurements up to 600 °C in 100 °C increments
with a standard impedance analyzer. Each measurement was
corrected for changes in the quartz that occur with heating and
excess water in the sample, as described previously. All
QCMsweremodified with a glass layer to prevent interactions
between the gold nanoparticle samples and the gold electrodes
at elevated temperatures.

MALDI MALDI-TOF-MS was used to determine the molec-
ular weights of the PEG derivatives. 1 μL of 0.5 mg/mL LA-
PEG-NH3 was combined with 5 μL of 10 mg/mL 2,5-
dihydroxybenzoic acid, and 1 μL of 0.5 mg/mL HS-PEG-
FITC was combined with 5 μL of 10 mg/mL α -cyano-4-
hydroxy cinnamic acid (α-CHCA). All of the solutions were
in water, with the exception of α-CHCA, which was in a 1:1
mixture of water and acetonitrile, by volume. 0.5 μL of each
sample was deposited on a MALDI plate and analyzed on a
Voyager-DE STR Biospectrometry Workstation (PerSeptive
Biosystems, Framingham, MA).

Results and discussion

The formation of PEG layers on the gold surfaces is a well-
known procedure, but must be verified. In this case, UV–vis
spectroscopy and DLS were used to measure the PEG coating
on the gold nanoparticles. Figure 1 compares the DLS signals
of the citrate-stabilized nanoparticles with those of the nano-
particles stabilized with the PEG derivatives. The Z-average
diameter for the 10 nm particles increased from 12.3 to
28.6 nm for the LA-PEG-FITC sample and to 53.5 nm for
the HS-PEG-FITC sample. The much larger size measure-
ment for the thiolate bound sample is due to the formation
of a small population of flocs as evidenced by the peak above
100 nm. Amore accurate assessment of size in this case comes
from the peak maximum of the dominant peak in the HS-
PEG-FITC sample from a non-negative least squares regular-
ization algorithm [53]. The HS-PEG-FITC dominant peak is
at 37.7 nm compared to a peak maximum of 32.8 nm for the
LA-PEG-FITC sample. Despite the unmistakable signature of
floc formation in this sample, the overwhelming majority of
the sample remains suspended as individual particles. The
substantial intensity of the floc peak arises because the scat-
tering intensity varies as d [6], where d is the particle diameter.
By assuming that the refractive indexes of the flocs and the
dispersed monomers were equal, the number of particles con-
fined to flocs was estimated to be 0.004% [54]. The Z-average
diameter for the 30 nm particles shifts from 29.4 to 41.4 nm
for the LA-PEG-FITC sample and to 45.9 nm for the HS-
PEG-FITC sample. No flocs were observed in the 30 nm sam-
ples. For particles of both sizes, the hydrodynamic radii were
greater for the particles functionalized with HS-PEG-FITC
than for the particles functionalized with LA-PEG-FITC.

The UV–vis spectra for citrate-stabilized and PEG-
stabilized are shown in Fig. 2. Upon functionalization with
PEG, the spectra are red-shifted and broadened, which is con-
sistent with the addition of a ligand to the gold surface [15, 27,
55]. Only the LA-PEG-FITC spectra are shown in Fig. 2 since
the HS-PEG-FITC spectra have identical shapes. Peak shapes
of these spectra also match the shape of spectra for particles
functionalized with HS-PEG-methyl where the PEG had a
larger average molecular weight (5,000 g/mol). The peak
maxima (λmax) for PEG-functionalized 30 nm particles were
each red-shifted from 526 to 528 nm, and the 10 nm spectra
were also red-shifted by 2 from 516 to 518 nm. No absorbance
peaks above 600 nmwere observed, which is further evidence
that there was not a significant number of flocs in the 10 nm-S-
PEG-FITC sample [55].

UV–vis spectra were used to determine the concentration
of the PEG-functionalized particles by use of the size and gold
mass fraction data from the NIST Certificates of Analysis
[47], which are summarized in Table 1.

The maximum absorbances for the spectra were adjusted
by their corresponding correction factors (0.799−1 for the
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10 nm PEGylated particles and 85.6−1 for the 30 nm particles),
and the concentrations of gold were calculated as a percentage
of the undiluted, unfiltered, and un-functionalized reference
material concentrations. To report a concentration in units of
moles of particles per liter would be misleading in this case,
because it would force a choice to be made on the size of the
particles; and as can be seen in Table 1, different measurement
techniques give different values of sizes, since they measure
different size parameters. A concentration (μg of gold / g
nanoparticle sample) was determined by using the concentra-
tion of the particles in percentage units by the gold mass-
fraction. The undiluted concentrations of gold nanoparticles
were determined to be (133.0±6.7) μg/g for the 10 nm-LA-
PEG-FITC sample, (79.9±3.6) μg/g for the 10 nm-S-PEG-
FITC sample, (251.1±4.1) μg/g for the 30 nm-LA-PEG-
FITC sample, and (223.3±4.1) μg/g for the 30 nm-S-PEG-
FITC sample. The lower concentrations of the 10 nm samples
than the 30 nm samples are due to a larger loss of material
from the centrifugation cycles. The uncertainty in the concen-
trations of the particles was propagated from the uncertainty in
the concentration from the standard curve—which

incorporates interdependence of the slope and the intercept
of the best fit line [56] and the uncertainties in the correction
factors and Au mass fraction.

The fluorescence calibration plots shown in Fig. S1 in the
ESM were used to find the concentrations of the displaced
ligands, from which the concentrations of bound ligands in
the original, undiluted samples were calculated to be (10.13±
0.08) μg/g for the 10 nm-LA-PEG-FITC sample, (23.1±0.3)
μg/g for the 10 nm-S-PEG-FITC sample, (1.25±0.07) μg/g
for the 30 nm-LA-PEG-FITC sample, and (5.66±0.07) μg/g
for the 30 nm-S-PEG-FITC sample. Uncertainties were deter-
mined analogously to the uncertainties for the gold concentra-
tions. Gold nanoparticle and PEG concentrations were both
kept in units of mass so that the mass percentage of gold could
be easily calculated without the need for information on nano-
particle sizes and PEG molecular weights.

Because traditional TGA uses excessive amounts of mate-
rial (at least 1 mg per sample) μ-TGAwas used to evaluate the
amount of PEG bound to the gold nanoparticles. Microscale
thermogravimetric analysis allows for samples of 1–10 μg to
be analyzed using a quartz crystal microbalance that is heated

B)
-

A)Fig. 1 DLS intensity particle size
distributions for citrate- and PEG-
stabilized a 10 and b 30 nm
particles

A) B)Fig. 2 UV–vis spectra for citrate-
and PEG-stabilized a 10 and b
30 nm particles. The spectra were
scaled to have peak maxima equal
to 1 for comparison
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every 100 °C to 600 °C. In the resulting thermograms (Fig. 3)
a mass loss event is observed between 200 and 400 °C. At
temperatures higher than 500 °C, a mass gain is observed in
the μ-TGA curve (not shown), indicating the sample is taking
on mass. This increase has previously been observed for gold
nanoparticles [8] but is not of concern for determining PEG
concentration, as the ligand decomposes at lower tempera-
tures; all of the samples were heated well past the reported
decomposition temperature of 318 °C for PEG [24]. The

measured mass loss at 400 °C is shown in Table 2, along with
values that would be expected for mass loss from the UV–vis
and fluorescence measurements.

The large uncertainties in the μ-TGA measurements are
due to inconsistent decomposition of the sample at a given
temperature. The results are clearly different from the values
predicted from the fluorescence method (Table 2). The fluo-
rescence measurements rely on ligand displacement from the
gold surface. In this case, it is possible the ligands are not fully

Table 1 NIST Values for 10 and
30 nm Gold Nanoparticle
Standard Reference Materials
[47]

10 nm (SRM 8011) 30 nm (SRM 8012)

Technique Particle Size (nm) Particle Size (nm)

Atomic force microscopy 8.5±0.3 24.9±1.1

Scanning electron microscopy 9.9±0.1 26.9±0.1

Transmission electron microscopy 8.9±0.1 27.6±2.1

Differential mobility analysis 11.3±0.1 28.4±1.1

DLS (173° scattering angle) 13.5±0.1 28.6±0.9

Small-angle X-ray scattering 9.1±1.8 24.9±1.2

Au mass fraction (μg/g) Au mass fraction (μg/g)

ICP-OES 51.56±0.23 48.17±0.33

Fig. 3 μ-TGA data for
PEGylated gold samples with
curve fits. The error bars represent
the standard deviations of the
measurements (n=6)
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dissociated and the value reported is artificially high. The μ-
TGA measurement assumes the decomposition of everything
except for the gold. Any organic matter destroyed at temper-
atures less than 400 °C would be burned off, including water,
ligands and any products left behind from the synthesis pro-
cess. The remaining mass is assumed to be gold and its oxi-
dation products, which would potentially increase the mass %
remaining. In this case, it is expected the oxidation would not
have an effect in the 400 °C measurement. To compare these
data to results obtained by others, the mass percent data were
converted to the average area occupied per ligand, i.e., a foot-
print size. The nanoparticles were approximated as spheres,
and the TEM data from the Certificates of Analysis [47] were
used to approximate particle diameters. Molecular weights of
the PEG ligands were obtained with MALDI-TOF-MS. Data
for LA-PEG-NH3 and HS-PEG-FITC with Gaussian curve
fits are shown in Fig. 4. The supplier’s molecular weight spec-
ifications were 3,400 g/mol for both LA-PEG-NH3 and HS-
PEG-FITC. The average molecular weights from the peak
centers of the Gaussian fits were determined to be 3,900 g/
mol for LA-PEG-FITC and 3,850 g/mol for HS-PEG-FITC.
The LA-PEG-FITC was not measured directly, because it did
not ionize adequately for MALDI analysis; therefore, 289 g/
mol was added to the LA-PEG-NH3 peak to compensate for
the addition of the fluorophore. The footprint sizes determined
from this research along with a non-exhaustive list of footprint
sizes calculated from other laboratories are tabulated in Ta-
ble 3. Anytime a footprint size is calculated, there is a need

to make assumptions about how the molecule is oriented once
absorbed or reacted to a surface. There will be new equilibria
effects including entanglement of the ligands, competitive af-
finities, or hydrophobic interactions. This paper assumes the
calculation of complete coverage of evenly distributed li-
gands. The footprint sizes calculated from the fluorescence
measurements are comparable to those measured by others
with the same technique (Table 3); although there is wide
variability based on the different ligands and particle sizes
used most of the footprint sizes calculated from fluorescence
measurements fall in the 2–10 nm2 range. There is a vast
difference between the measured fluorescence and μ-TGA
footprint sizes determined in this work (Table 3). The differ-
ences between the results are greater for the 30 nm particles
than the 10 nm particles and for the lipoic acid samples than
the thiolate samples.

The differences in these data indicate how the two analyt-
ical methods may provide different results, as is seen for many
situations where methods are used to determine nanoparticle
properties (i.e., Table 1) [47]. It is possible that the DTT treat-
ment did not displace all of the bound ligands from the gold
surfaces and that a lower percentage of lipoic acid ligands
were displaced than thiolates, which would be consistent with
the greater stability of multi-dentate ligands reported in the
literature [9, 50, 59–64]. This stability is seen despite indica-
tions that the lipoic acid-gold bond is weaker than a thiolate
linkage [65], and that the grafting density of the lipoic acid
ligands is less than the density of the thiolate ligands, shown
here. With a weaker linkage to gold and a lower surface cov-
erage, the increased stability may arise from the short alkane
chain on lipoic acid, which could create a hydrophobic region
near the gold core. Furthermore, the higher footprint size of
the lipoic acid ligands may allow the PEG to adopt a more
compact structure near the gold core, which could create a
greater barrier to external agents than ligands in an extended
conformation. This explanation would also account for the
lower hydrodynamic diameters observed in the DLSmeasure-
ments for the lipoic acid ligands [53]. The greater stability

Table 2 Predicted and Measured Mass Au in Sample

Sample Fluorescence Mass (%) μ-TGA Mass (%)

10 nm-LA-PEG-FITC 93.0±6.4 48.6±8.3

10 nm-S-PEG-FITC 77.5±4.4 27.6±6.1

30 nm-LA-PEG-FITC 99.5±2.2 77.5±4.3

30 nm-S-PEG-FITC 97.5±2.4 71.3±5.4

A) B)Fig. 4 MALDI-TOF-MS data
(solid, black lines) with Gaussian
fits (red, dashed lines) for a HS-
PEG-FITC and b LA-PEG-NH3
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observed for the 30 nm particles over the 10 nm particles,
however, may indeed be due to steric effects, since the greater
curvature of the 10 nm particles can allow greater access to the
gold surface. Without a direct measurement, it is difficult to
determine the orientation and physical state of the attached
ligands.

The μ-TGA results are within the expected uncertainty of
results for ligand density coverages obtained by traditional
TGA. Over a wide variety of ligands and particle sizes foot-
print sizes calculated from TGA tend to fall between 0.1 and
1.5 nm2 (Table 3). These data comparisons and the previous
demonstration that this technique correlates with TGA for
other sample types [29], provide strong evidence that the μ-
TGA measurements are dependable. The higher footprint
sizes from the fluorescence measurements in this system
may be accounted for if all of the ligands were released into
solution from the gold surface. These results may vary based
on the size of the gold nanoparticles and surface ligands used
(Table 3). An interesting result is that the footprint sizes of the
lipoic acid ligands indicate they could be larger than the
thiolate ligands and the ligands may be more densely spaced
on the smaller particles. The μ-TGA results also assume that
all material that comes off the surface can be attributed to the
ligands. The majority of the water is accounted for in the
beginning, but it is possible that associated water and other
products of the synthesis may exist.

Conclusions

As particle sizes reach the nanoscale, the molecules bound to
the particle surface compose a significant portion of their
mass. In this report, we used this attribute to demonstrate the
measurement of PEG surface densities on gold nanoparticle
Standard Reference Materials with minimal sample destruc-
tion by use of μ-TGA and fluorescence spectrometry. It was
shown that μ-TGA is a convenient technique for the quantifi-
cation of ligands bound to inorganic particles while sacrificing
a minimal amount of sample, and the treatment of the func-
tionalized nanoparticle dispersions with dithiothreitol may be
insufficient to achieve complete displacement of the surface
ligands for quantification by fluorescence measurements.
Footprint sizes measured by fluorescence displacement show
a marked increase in size from those measured by μ-TGA.
The lower surface densities determined from the fluorescence
measurements may be due to incomplete displacement of the
ligands from the gold surfaces. Demers et al. [22] provided
strong evidence that their fluorescent ligands were displaced
completely by mercaptoethanol by comparing the fluores-
cence signal from the displacement reaction to the fluores-
cence signal obtained by dissolving the gold cores with cya-
nide. However, every particle and displacement scheme is
different. We stress that any measurements of ligand concen-
trations that are made by displacing the ligands from the

Table 3 Comparison of ligand footprint sizes on gold

Particle Diameter (nm) Ligand Technique Footprint Size (nm2)

8.9* LA-PEG-FITC, HS-PEG-FITC Fluorescence 3.0, 0.77

27.6* LA-PEG-FITC, HS-PEG-FITC Fluorescence 14.53, 2.81

15, 30, 50, 80, 150, 250 [23] SH-A10-DNA-FAM
SH-T10-DNA-FAM
SH-PEG-DNA-FAM

Fluorescence 8.67, 8.71, 9.80, 8.76, 9.86, 11.92
4.37, 4.75, 8.78, 8.25, 9.12, 10.61
2.97, 3.47, 6.35, 6.11, 9.04, 8.14

8.9* LA-PEG-FITC, HS-PEG-FITC μ-TGA 0.21, 0.08

27.6* LA-PEG-FITC, HS-PEG-FITC μ-TGA 0.25, 0.18

20 [20] S-PEG-Lactose, S-PEG-acetal
(MW 6000)

TGA 2.42

5.2 [24] mPEG-thiol (5000 g/mol) TGA 0.35

2.4 [25] S-(CH2)n-CH3, n=7, 11, 15 TGA 0.144 (sphere),
0.190 (cuboctahedron)

4.9 [26] mPEG-thiol (2000 g/mol) TGA 1.26 (inscribed sphere),
1.42 (circumscribed sphere)

5.4, 5.7, 5.3, 5.2 [27]
12.4, 11.9, 11.0, 12.2
18.7, 19.9, 17.6, 17.3

PtBA-2680,PDMDOMAA-5060,
PBAEAM-5390, PNIPAM-5110

TGA 1.05, 1.07, 5.52, 1.23
1.40, 0.97, 0.67, 1.04
1.22, 0.70, 0.49, 0.75

2 [28] Hexaethylene glycol paclitaxel linked to
4 mercaptophenol functionalized particles

TGA 0.108 (4-mercaptophenol),
0.163 (paclitaxel)

Au(111) surface [57] docosyl mercaptan Electron Diffraction 2.14

2.5–12.5 [58] S-(CH2)n-CH3, n=7, 11, 16 Theory 1.6–2.7

Data from this report
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nanoparticles need to demonstrate that complete dis-
placement was achieved. The μ-TGA measurements
were made with inexpensive equipment—a muffle fur-
nace and an impedance analyzer—and required no spe-
cial expertise. Although measurements were taken at
enough temperatures to mimic a TGA curve, this is
not required for the determination of surface coverage,
as only the initial and final masses are needed. This
technique has been studied further to reduce uncer-
tainties and eliminate the need for external heating by
incorporating an onboard heater on the QCMs. The μ-
TGA technique could be a method to quantify bound
organic ligands to a broad range of inorganic nanopar-
ticles with small volumes.
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