
Vol.:(0123456789)1 3

Cell. Mol. Life Sci. (2018) 75:833–848 
https://doi.org/10.1007/s00018-017-2659-x

REVIEW

Crystal structures of eukaryote glycosyltransferases reveal 
biologically relevant enzyme homooligomers

Deborah Harrus1 · Sakari Kellokumpu1 · Tuomo Glumoff1   

Received: 5 July 2017 / Revised: 24 August 2017 / Accepted: 13 September 2017 / Published online: 20 September 2017 
© Springer International Publishing AG 2017

Introduction

Eukaryotic cells are coated with glycans of variable compo-
sition and structure. These glycans are covalently attached 
to membrane proteins and lipids as a result of glycosylation, 
and form the basis of various cellular recognition events 
needed for cell–cell contacts or in differentiating between 
the own and the foreign by the immune system. Glycosyla-
tion, therefore, must be a very precise process, and improper 
glycosylation is in many cases manifested in diseases due to 
impaired cellular recognition. Such diseases include con-
genital disorders of glycosylation, inflammation, diabetes 
and cancers (for recent reviews, see Hennet and Cabalzar 
[1], Chang and Yang [2] and Vajaria et al. [3]).

Glycan synthesis takes place in the endoplasmic reticu-
lum and the Golgi apparatus and involves a complex inter-
play between a number of carbohydrate-acting enzymes, 
donor and acceptor substrates, nucleotide-activated sugars 
and their transporters. Therefore, and to ensure fidelity in 
glycan synthesis, there is a specific requirement for the pres-
ence of distinct sets of glycosidases and glycosyltransferases 
(GTases) in the cell. The latter form a huge ensemble of 
enzymes currently divided into 103 sequence-based fami-
lies, according to the CAZy database [4] (http://www.cazy.
org). They catalyse the addition of specific sugar moieties 
in specific sequence and chemical configuration (i.e. the 
linkages between sugar units and the stereochemistry of the 
product and the substrate—inverting or retaining) to specific 
acceptor molecules, which can be carbohydrates, proteins or 
lipids. Given the huge variety of glycan structures needed for 
normal cellular recognition events, it is therefore not a sur-
prise that the total amount of different GTases in the CAZy 
database approaches 250.

Glycosyltransferases—the topic of this review—are 
almost invariably type II integral membrane proteins with 
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a short cytoplasmic tail, a single transmembrane domain, a 
stem region and a globular catalytic domain located in the 
Golgi lumen. Due to the difficulties in both producing and 
crystallizing full-length type II membrane proteins, all the 
crystal structures of GTases thus far solved represent their 
soluble, globular catalytic domains.

Glycosyltransferases form homomers

GTases have been shown to form enzyme dimers, tetramers 
and oligomers in live cells mainly via interactions between 
their catalytic domains [5–7], and it has been suggested 
that ordered protein arrays in the trans-Golgi might con-
tain GTases [8]. Considering that these enzymes do not use 
a template, a question of considerable interest is whether 
enzyme complex formation is part of the cellular mechanism 
to ensure the fidelity of glycan synthesis.

How to analyse dimerization?

For homomeric complexes, it has been shown that dimeri-
zation is the most common transition occurring during the 
assembly of protein complexes [9], cyclization being the next 
most common, while fractional transitions are the rarest. We 
therefore focused on dimerization interfaces, acknowledging 
that even if the GTases may form higher-order oligomers, 
dimerization would still be a biologically relevant step in the 
homomer formation. Even with the abundance of structural 
information, analysis of protein dimerization (or formation 
of higher-order oligomers) with the help of crystal struc-
tures is not straightforward. Protein crystals may contain 
more than one protein molecule in the asymmetric unit 
(the smallest repetitive unit of the crystal). In such cases, 
these two or more molecules are typically symmetrically 
arranged. This so-called non-crystallographic symmetry is 
a feature separate from the crystallographic symmetry and 
would not necessarily exist, if the interaction observed in 
the crystallized species was not due to a functional reason. 
Instead, the crystal unit cell and the crystal symmetry would 
then simply form differently. Crystal formation necessarily 
involves molecular contacts; therefore, the problem is to sep-
arate functionally relevant, or “physiological”, protein–pro-
tein contacts from interactions that merely bring about and 
maintain crystal packing. Consequently, other data including 
biochemical characterization of the complexes using, e.g. 
gel filtration, analytical ultracentrifugation or dynamic light 
scattering, must be taken into account.

In favourable cases, there is a well justified logical reason 
for the protein to form dimers, for example in the case when 
a ligand binding site is formed from residues located in dif-
ferent monomers, or when a prediction of protein–protein 

interactions on the basis of analysing interaction site proper-
ties can be made with high confidence. The latter approach 
is a very active field of research, and a great many server-
based analysis tools are now freely available [10, 11]. For 
this review, we have reanalysed all the 898 GTase crystal 
structures in the Protein Data Bank (PDB, http://www.rcsb.
org) [12] using the above criteria and present our view on 
various GTase dimers that are likely to also form function-
ally relevant complexes in vivo.

Selection of GTase structures to study and their 
structural characteristics

At the time we started this work, the contents of the CAZy 
data base and the PDB included a total of 898 crystal struc-
tures of GTases. After thorough analysis of all GTase fami-
lies, we chose the structures of 172 unique proteins such that 
44 of the 103 GTase families were represented by at least 
one crystal structure. 61% of all GTase crystal structures 
are eukaryotic, of which 40% represent human proteins. A 
fair number of these structures are complexes with donor 
nucleotide-activated sugars and/or acceptor glycans, or mol-
ecules representing only parts of them.

Based on literature, a major motivation to obtain high-
quality GTase structures seems to be to get atomic resolu-
tion details of the catalytic mechanisms and ligand binding 
modes to use this data for drug design. GTase structures 
from a wide range of species are often usable for functional 
analysis due to the structural conservation between enzymes 
across species. Each coordinate entry of the PDB is filed 
as a separate structure, although many of the entries are 
redundant. This is due to structure–function studies requir-
ing structures of proteins in several different states, includ-
ing apo- and multiple holo structures with different ligands 
bound. An additional reason for structural redundancy is 
that most GTases fall into two similar fold types: GT-A 
and GT-B, and variants thereof, with only a limited degree 
of structural difference. The structural conservation is not 
reflected in the sequence similarity: the average sequence 
identity was found to be only 12 and 11% for GT-A and 
GT-B folds, respectively, in a set of 67 nonredundant GTase 
structures representing 28 families [13]. A small portion of 
the GTases possess neither the GT-A nor the GT-B fold, but 
display slightly different topological properties [14]. GTases 
within a given family usually share the same fold type [15].

GT-A and GT-B folds have similar spatial arrangements 
consisting of α/β alternations, with variable N- and C-ter-
mini. Although the size of the α and β parts vary, the over-
all structure is always held together by a continuous central 
twisted β-sheet called the Rossmann fold, which is flanked 
by α-helices on both sides [16]. The GT-A fold contains 
one six-stranded β-sheet showing a 321465 topology, in 

http://www.rcsb.org
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which β6 is antiparallel to the other strands (Figs. 1, 2A). 
Insertions breaking the α/β alternation are often found 
between β5 and β6, and more rarely between other strands. 
A smaller antiparallel two-stranded β-sheet that consists of 
β4′ (a short strand flanking β4) and βC (a short strand in 
the variable C terminus) is usually present in eukaryotic 
GT-A folds (Fig. 2A). This two-stranded β-sheet is some-
times accompanied by parallel or antiparallel short β strands 
from the variable C-terminal part. Other common features 
of the GT-A fold are the Asp-X-Asp (also known as DxD) 
motif, and a divalent cation binding motif, usually flanking 
β4 [15, 17–19], which is needed for activity. Some GTases 
may occasionally lack these features and still be considered 
as part of the GT-A fold family.

The GT-B fold consists of two separate Rossmann fold 
motifs, each of them consisting of a six-stranded parallel 
β-sheet with a 321456 topology and connected by a linker 

region [20] (Figs. 1, 2A). The two domains face each other, 
with the active site located within the resulting cleft. Some 
variant GTases possess a fold closely resembling the canoni-
cal GT-A or GT-B topology, but with a different order of 
β-strands. These variants have sometimes been regarded as 
new fold types, increasing the confusion in the classification. 
The classification we describe above is based on a common 
structural core shared within the dataset of the GTase struc-
tures used in this study.

The GTase structures in the CAZy database were 
imported, family by family, into Excel for analysis. Out of 
898 crystal structures, 338 contained more than a single pro-
tein molecule in the asymmetric unit and were selected for 
further investigation. These 338 structures were then sorted 
by kingdom, species, and unique protein name. Of these, 
164 were from eukaryote species, among which 82 were of 
human origin, representing 15 different GTases. We then set 

Fig. 1   Ribbon drawings of the 24 GTase homodimeric structures 
comprising the research material of this study. All structures are 
presented in orientations which easily show the secondary struc-
tural elements in the dimer interface, with the location of interacting 
residues in those structural elements colour coded as follows: before 
β1 (brown), between β1 and β2 (red), between β2 and β3 (purple), 

between β3 and β4 (orange), β4′–βC/between β4 and β5 (green), 
between β5 and β6 (magenta), after β6 (blue). Each structure can be 
identified with the enzyme acronym; the same identification is used in 
Table 1 and in the text. GT-A fold and GT-A variant structures are on 
the left, while GT-B fold and GT-B variant structures are on the right
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out to analyse all these human GTases in detail, including 
also homologues from other species when appropriate. The 
PDB codes of the 164 selected eukaryote GTase structures 
as well as the associated PDB files were gathered using a 
custom python script. In the case where more than one struc-
ture was available for a given protein, structural alignments 
were made to choose the most representative one, typically 
the example with the highest resolution. We did not dis-
criminate between apo- and holoenzymes, since the local 
conformational changes brought about by substrate bind-
ing generally did not affect the overall fold or dimerization 
properties.

Our final selection contains 24 structures from 18 dif-
ferent GTases, representing both the main GT-A and GT-B 
folds and their variants (Fig. 1, Table 1). Each structure was 
evaluated for the likelihood of a physiological dimer being 
present in the asymmetric unit of the crystals using various 
criteria/tools (Table 1). The nature of the interface and ther-
modynamic properties were assessed employing the jsPISA 
macromolecular surface and interface calculation tool [21], 
Voronoi tessellation, i.e. the DiMoVo server [22], and the 

EPPIC [23] server. Evolutionary conservation of the inter-
face was assessed using the InterEvol [24] server.

In the following paragraphs, we will first review various 
GTase dimers as they are described in the literature and also 
refer to the existing biochemical evidence of their dimeriza-
tion, if such data are available. We then summarize, with the 
help of bioinformatic tools, their likelihood of representing 
physiologically relevant enzyme dimers.

GT‑A folds

β‑Glucuronyltransferases (PDB codes 3CU0, 1V84, 
2D0J)

β-Glucuronyltransferases (EC 2.4.1.135) belong to family 43 
inverting GTases, which use UDP-glucuronate as the donor 
substrate. They add the glucuronic acid moiety to an exist-
ing galactosyl–galactosyl–xylosyl- or galactosyl–xylosyl-
protein acceptor depending on the specific enzyme. Crystal 
structures have been solved for three of the human enzymes: 

Fig. 2   Topological elements responsible for dimerization are pre-
sented separately for GT-A and GT-B folds as topology diagrams 
(A, B respectively) and as a table indicating the use of each topologi-
cal element by the studied GTases (C). A, B Topology of the GT-A 
and GT-B folds. The common structural core β-sheet is in grey with 
the strands numbered. The topological elements connecting the core 
β-strands are shown with α-helices as circles, β-strands as arrows and 
loops/random structure as plain lines, and colour coded as follows: 
before β1 (brown), between β1 and β2 (red), between β2 and β3 (pur-

ple), between β3 and β4 (orange), β4′–βC/between β4 and β5 (green), 
between β5 and β6 (magenta) and after β6 (blue). In C the same ele-
ments are tabulated to clarify the use of each element in dimer forma-
tion by each fold type. Colour coding is the same as in (A, B). As 
discussed in the text, certain topological elements are used for dimer-
ization mainly or exclusively by GT-A enzymes, while a different set 
of elements is utilized by GT-Bs. Additionally, the mixed nature of 
the variant folds is evident
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glucuronyltransferase-I (GlcAT-I; PDB 3CU0) [25], glucu-
ronyltransferase-P (GlcAT-P; PDB 1V84) [26], and glucu-
ronyltransferase-S (GlcAT-S; PDB 2D0J) [27].

The GlcAT-I structure appears as a functional dimer 
(Fig. 1). Both monomers are required for binding to the 
acceptor molecule. More specifically, the oxygen and nitro-
gen atoms of the side chain of residue Gln318 of one mono-
mer are at a hydrogen bonding distance from the O-6 atom 
of the Gal-1 moiety of the acceptor bound to the active site 
of the other monomer [28]. Furthermore, if the O-6 position 
is sulphated, the NE2 atom of Gln318 from the other mono-
mer undergoes a conformational change and positions itself 
at a 3.0 Å distance from the O-4 oxygen atom of the sulphate 
[25]. Enzyme kinetic studies provide additional evidence in 
favour of a functionally relevant GlcAT-I dimer: a sulphated 
or a phosphorylated acceptor enhances GlcAT activity, but 
only if the enzyme is dimeric [25].

GlcAT-P structure [26] is highly similar to GlcAT-I. This 
holds true also for the dimer interface area. For example, 
the last β-strand, containing the Gln318 residue, extends to 
the active site of the other monomer, exactly as in GlcAT-
I. GlcAT-P has also been shown to exist as a dimer by gel 
filtration under non-denaturing conditions [29], as well as 
by analytical ultracentrifugation, even when the N-terminal 
part containing the transmembrane domain is deleted [30].

GlcAT-S structure [27] was solved by using the GlcAT-
P structure as the search model in molecular replacement, 
and the same conclusions regarding GlcAT-S dimerization 
could be drawn.

Glycogenins (PDB codes 1LL0, 3U2U, 4UEG)

Glycogenins (GTase family 8; EC 2.4.1.186) are autocata-
lytic proteins serving not only as the core of the glycogen 
structure, but also as enzymes catalysing the addition of the 
first UDP-glucose molecules in the initial phase of glycogen 
synthesis. In the catalysis, the stereochemistry of the added 
glucose is retained as α.

Several crystal structures of glycogenins have been 
solved: glycogenin-1 from rabbit (rGYG1; PDB 1LL0) 
[32] and human (PDB 3U2U) [33], as well as human gly-
cogenin-2 (PDB 4UEG) [34, 35] serve as representative 
examples.

Rabbit glycogenin (rGYG1) was crystallized in two crys-
tal forms—one containing ten molecules (five dimers) per 
asymmetric unit, while the other holding only one molecule 
per asymmetric unit. In the former crystal form (tetrago-
nal), the monomers of the dimers are related to each other 
by a non-crystallographic twofold axis, creating identical 
dimers compared to the crystallographic dimers of the lat-
ter crystal form (orthorhombic) [32]. The decameric variant 
of rGYG1 is likely to be an artefact of concentrating the 
protein for crystallization for three reasons: (1) the purified 

rGYG1 was suggested to be a dimer by density gradient cen-
trifugation [31]; (2) the active sites of glycogenin monomers 
in the complex would in this form be placed unfavourably 
with regard to the glycogen biosynthesis by the glycogen 
synthase; (3) the interface areas between the dimers (that 
form the decamer) cover only 7% of the total surface area. 
Thus, the decamer likely connects dimers to support crystal 
packing. In the orthorhombic crystal form of rGYG1, 20% 
of the total surface area is involved in dimer contacts, likely 
representing a physiologically relevant dimer as this value 
is typical for proteins that possess high-affinity binding with 
each other [36].

The ensemble of rGYG1 structures [33] with different 
intermediates of glycogen synthesis has revealed a “lid” 
domain, which guides the substrates in the narrow dimer 
interface. The substrates are then subjected to either intra- or 
intersubunit catalysis, depending on the chain length of the 
nascent glycan chain and steric factors in the channel. The 
term “intrasubunit mechanism” refers to an activity of the 
glycogenin monomer, while the “intersubunit mechanism” 
involves catalytic residues from both monomers in a glyco-
genin dimer. The findings by Issoglio et al. [37], who studied 
the mechanisms of monomeric and dimeric rabbit muscle 
glycogenin, fully support the above view. They found that, 
while a glycogenin monomer is sufficient for priming glyco-
gen biosynthesis in vivo via the intrasubunit mechanism, the 
intersubunit mechanism mediated by the glycogenin dimer 
is needed for the full polymerization capacity of glycogenin.

Human glycogenins have been shown to form non-cova-
lent dimers with shared enzymatic activity between mono-
mers. All crystal forms of the human glycogenin [33] con-
tain dimers. One of the glycogenin monomers acts as the 
glucose-introducing transferase, while the other serves for 
glucose branching in the growing glycogen chain [34, 35]. 
Glycogenin-1 is also co-purified with glycogenin-2, and vice 
versa, suggesting that the two glycogenins may also form 
heterodimers.

Xylosyltransferases (PDB code 4WLM)

Xyloside xylosyltransferase-1 (XXYLT1; GTase family 8; 
a retaining α-1,3-xylosyltransferase; EC 2.4.2.n3) catalyses 
the addition of an α-d-xylose to an existing xylose–glucose 
disaccharide to complete the synthesis of the trisaccha-
ride O-linked to EGF-like repeats in Notch proteins [38]. 
XXYLT1 possesses the typical GT-A fold signature of 
the DxD motif to coordinate a catalytic Mn2+ ion. Human 
XXYLT1 has been expressed in Sf9 cells as a full-length 
type II membrane protein and purified [38]. It was found that 
XXYLT1 forms SDS-resistant homodimers linked together 
by a disulphide bond between the transmembrane domains. 
The crystal structure of the luminal catalytic domain of 
XXYLT1 [39] is also a dimer, with an interface area between 
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monomers well in the range typical for functionally relevant 
protein–protein interactions, although the ΔG of −12.7 kcal/
mol is rather low (Table 1). It was assumed that the cata-
lytic domains provide additional dimerization contacts in 
XXYLT1 [39]. The active sites of the catalytic domains do 
not overlap with the dimer interface area, and the active sites 
appear to be positioned in such a way that it is consistent 
with the orientation of the Notch acceptor proteins.

N‑Acetylglucosaminyl‑ 
and N‑acetylgalactosaminyltransferases (PDB codes 
2GAK, 1OMZ, 5FV9)

The crystal structures of three different N-acetylglucosa-
minyltransferases have been published. These are (1) 
core 2 β-1,6-N-acetylglucosaminyltransferase (C2GnT; 
GTase family 14; EC 2.4.1.102) [40], (2) α-1,4-N-
acetylglucosaminyltransferase (Extl2; GTase family 64; EC 
2.4.1.223) [41] from mouse, and (3) human polypeptide 
N-acetylgalactosaminyltransferase (GalNT2; GTase family 
27; EC 2.4.1.41) [42]. Both of the glucosaminyltransferases 
use UDP-N-acetylglucosamine as the substrate, but they act 
on different acceptor glycans in different biosynthetic path-
ways: C2GnT adds N-acetylglucosamine to an N-acetylga-
lactosamine with a 1,6-linkage making the core 2 structure 
of mucin type O-glycans, while Extl2 produces 1,4-linked 
glucuronic acid and N-acetylglucosamine repeats found in 
heparin sulphate chains. The human galactosaminyltrans-
ferase GalNT2 uses UDP-N-acetyl-α-d-galactosamine as a 
substrate to add the first sugar in mucin biosynthesis.

C2GnT was found to exist both as monomers and 
dimers in cells [43], while the predominant form in solu-
tion (secreted in culture media) was monomeric [40, 43]. 
Surprisingly, in the crystal structure the two C2GnT mono-
mers form a disulphide-bonded dimer via Cys235 residues. 
However, this dimer may not reflect the physiological situa-
tion, since the Cys235 is unique to the murine enzyme. The 
DiMoVo score for C2GnT (2GAK) is also low (Table 1), 
supporting the view that the observed dimer is probably 
a result of crystal packing. On the other hand, the jsPISA 
analysis suggests that the C2GnT dimer could well be a bio-
logically relevant dimer, even without the disulphide bridge 
(Table 1). Of the two molecular forms, only the dimer could 
be crystallized. The fact that C2GnT crystal structure con-
tains the stem domain (in addition to the catalytic domain) 
makes it a rare exception among the purified and crystallized 
GTases. Two disulphide bridges connect the stem domain to 
the catalytic domain, but due to high temperature factors of 
the stem domain and the lack of extensive contacts between 
the two domains, it may not represent the conformation pre-
sent in the full-length protein [40].

Extl2 does not form a disulphide-bonded dimer, but 
the dimeric nature of the enzyme could be assigned with 

more confidence than for C2GnT due to the dimer inter-
face area, the ΔG of binding and other characteristics of 
jsPISA interaction radar analysis (Table 1). However, no 
direct experimental evidence on the protein behaviour in 
solution exists to support this view.

GalNT2 was crystallized with three independent dimers 
in the asymmetric unit. Our analysis with the EPPIC server 
indicates that the interactions between the monomers are 
only crystal contacts, despite the other parameters favour-
ing the existence of biologically relevant dimers (Table 1). 
Structural studies by others on the same enzyme revealed 
a crystallographic dimer [44] or a dimer with an interface 
not likely to be biologically significant [45].

The three structures described above do not superim-
pose well, with an r.m.s. deviation of atomic positions 
in pairwise comparisons ranging from 6.7 to 16.4 Å, as 
estimated with PyMOL (The PyMOL Molecular Graphics 
System, Version 1.8 Schrödinger, LLC.).

ABO blood group antigen glycosyltransferases (PDB 
codes 3U0X, 3U0Y)

ABO blood group antigens attached to membrane proteins 
or lipids contain a common N-acetylgalactosamine–galac-
tose–fucose trisaccharide core, which is non-antigenic 
and defines the type O blood. This core structure is then 
modified to blood type A and B antigens upon addition 
of an N-acetylgalactosamine or a galactose, respectively, 
as a terminal sugar by a relevant glycosyltransferase 
(GT family 6). Several high-resolution apo- and holo 
structures of both blood group A specifying α-1,3-N-
acetylgalactosaminyltransferase (GTA; EC 2.4.1.40) and 
blood group B specifying α-1,3-galactosyltransferase 
(GTB; EC 2.4.1.37) from humans have been solved. In 
addition, a chimeric enzyme (AAGlyB) capable of trans-
ferring either of the terminal sugars has been constructed 
and its structure solved [46]. All of these structures are 
highly similar, as expected given that the GTA and GTB 
enzymes differ only by four amino acid residues.

The GTA (PDB 3U0Y) and GTB (PDB 3U0X) struc-
tures were solved to 1.6 and 1.85 Å resolution, respectively, 
in complex with a GTB-specific inhibitor compound [47] 
and present as dimers. The respective monomers are related 
by twofold symmetry, which may indicate biological rel-
evance [48]. The stem regions of the two monomers extend 
to form a large dimer interface dominated by random coil 
and mediate the physical interaction between the two type 
II membrane proteins. Dimer formation of the crystallizable 
species of GTA in solution has been experimentally verified 
by SDS-PAGE [49]. This type of dimer contact—formed 
through the stem regions—appears to be a rather unique 
feature of only some glycosyltransferases.



840	 D. Harrus et al.

1 3

GT‑A variants

Sialyltransferases (PDB code 5BO7)

ST8 α-N-acetyl-neuraminide α-2,8-sialyltransferase 3 
(ST8SiaIII; EC 2.4.99) is an oligo/poly-sialylating sialyl-
transferase, which uses a CMP-activated sialic acid unit as a 
donor to add a sialic acid to a terminal position with an α-2,8 
linkage on different acceptors [50]. The enzyme belongs to 
GTase family 29 and its crystal structure revealed a variant 
of the common GT-A fold [51, 52]. The ST8SiaIII structure 
displays a 612345 topology where all the strands are paral-
lel (instead of 321465 with β6 antiparallel). Being active 
on oligo- and polysialylation, a positively charged binding 
pocket is needed to accommodate the negatively charged 
donor and acceptor molecules. The ST8SiaIII crystal struc-
ture [51] revealed that such a groove is indeed formed by 
patches of the surface forming the dimer interface, empha-
sizing that the active enzyme is by necessity a dimer. In 
contrast, monosialylating enzymes such as ST3GalI and 
ST6GalI operate on uncharged acceptor molecules and, 
therefore, do not need—and do not have—large positive 
binding areas [51, 53, 54]. ST8SiaIII’s dimer interface 
contains symmetrical pairs of hydrogen bonds created by 
residues which are not conserved in monomeric ST8SiaII 
and ST8SiaIV enzymes. Static light scattering experiments 
carried out by Volkers et al. [51] confirmed that ST8SiaIII 
is a dimer also in solution.

In the ST8SiaIII dimer, the two monomers are linked to 
each other in a manner placing the two active sites on the 
same side of the dimer, but about 20 Å away from the dimer 
interface in opposite directions. This enables both monomers 
to simultaneously bind a dimeric target molecule, or possibly 
utilize allostery in their function [51].

Galactosyltransferases (PDB code 4IRP)

β-1,4-Galactosyltransferase 7 (β4GalT7; EC 2.4.1.133) 
is a proteoglycan-synthesizing enzyme that adds a galac-
tose to the second position of a growing saccharide core 
structure of a glycoprotein acceptor (GlcAβ1–3Galβ1–3G
alβ1–4Xylβ1–O–[serine]), which already contains the ini-
tiating xylose residue. It is also a drug development target 
for glycosaminoglycan synthesis [55]. It belongs to GTase 
family 7 and its crystal structure [56] revealed a variant of 
the GT-A fold in which the β3 strand is replaced by a strand 
(β7) present in the C-terminal domain. Thus, the topology is 
721465 (Fig. 2A). The monoclinic crystal had four β4GalT7 
molecules in the asymmetric unit, forming two copies of a 
dimer. The dimeric nature of the protein is supported by the 
finding that the stoichiometry of UDP binding by β4GalT7 
was between 0.4 and 0.6 [57]. Subsequent gel filtration anal-
ysis under native conditions provided evidence for dimer 

formation, suggesting that only one of the monomers in the 
dimer is able to bind UDP-galactose.

GT‑B folds

Glycogen phosphorylases (PDB codes 1YGP, 5IKO, 
4BQE, 2IEG, 3DDS)

We also included glycogen phosphorylase (GP; EC 2.4.1.1) 
in the list of selected enzymes, together with some others 
(see below), because it is classified as a member of the GT 
family 35. Yet, its catalytic activity differs from “classi-
cal” GTases due to the role of the enzyme in storage energy 
mobilization. It produces glucose-1-phosphate from linear 
stretches of glycogen chains by cleaving the α-1,4 glycosidic 
bonds. Glycogen phosphorylase is a well-known prototypic 
allosteric enzyme that can exist in a monomeric inactive 
state as well as in dimeric or tetrameric active states. It is 
well established that phosphorylation of a specific serine res-
idue and binding of AMP increase the activity of the enzyme 
by triggering the conformational change of an unstructured 
loop into an α-helix and by a shift in allosteric state, respec-
tively. The sites of both of these activation events reside near 
the dimer interface, as deduced from the human liver GP 
structure [58]. A wealth of crystallographic and biochemi-
cal evidence shows that the active unit of GPs is a dimer. 
The change of the oligomeric state from monomer to dimer 
upon activation has also recently been shown by dynamic 
light scattering [59].

Brain, liver and muscle isoenzyme structures of GP have 
been determined from human and various other organisms. 
The structures are highly homologous, exemplified by the 
83.3% sequence identity between the isoenzymes in rabbit 
muscle (PDB 2IEG) [60] and human brain [59]. Despite this 
apparent structural identity, the dimer interface has some 
flexibility without affecting the activity of the enzyme. 
The liver isoenzyme [58] is structurally the most rigid: the 
dimer interface area is 3350 Å2 (PDB entry 1FA9). The 
corresponding values for muscle (2240 Å2) [61] and brain 
(1400 Å2) [59] GP dimer interfaces reflect the extent of con-
formational changes taking place during activation of the 
enzymes. The same phenomenon is also seen in the yeast 
GP structures [62, 63].

Inhibition of glycogen phosphorylase activity is a poten-
tial strategy for drug development, e.g. for diabetes treat-
ment. Not surprisingly, structural studies with various 
ligands are gradually increasing our understanding of the 
dynamics and allostery of oligomeric structures of glycogen 
phosphorylases, e.g. rabbit muscle [64] and human liver [65, 
66] variants.

Instead of glycogen phosphorylases, plants have glucan 
phosphorylases that belong to the same GT family 35. The 
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Arabidopsis thaliana glucan phosphorylase PHS2 crystal 
structure at 1.7 Å resolution [67] revealed a dimer, in which 
the active site of each monomer is buried in a cavity away 
from the dimer interface area. The structure is also well 
superimposable with the glycogen phosphorylase GT-B 
fold enzyme structures, and can therefore be regarded with 
confidence as a physiologically relevant dimer.

Glycogen synthases (PDB codes 3NB0)

Glycogen synthases (EC 2.4.1.11; GT family 3) catalyse the 
addition of glucose units from UDP-glucose to a growing 
glycogen chain. Crystal structures of the yeast isoenzyme 
Gsy2p have been solved both in the apo state and in the 
glucose-6-phosphate activated state [68]. The amino acid 
sequence of Gsy2p is 51.7% identical (78.5% similar) to the 
corresponding human enzyme.

The structure of Gsy2p is an A/B/C/D tetramer, which is 
formed from different structurally or functionally relevant 
dimers: the interfaces between each monomer accommo-
date binding sites for either the allosteric activator glucose-
6-phosphate or the donor and acceptor molecules. Each of 
the four monomers have a long α-helix extending from the 
core enzymatic domain, such that these four helices form 
a coiled coil arrangement in the centre of the tetramer (as 
seen for the B/D dimer in Fig. 1). These helices form the 
extensive monomer–monomer interaction surfaces seen in 
Table 1.

Sucrose synthase (PDB code 3S28)

Sucrose is synthesized from NDP-glucose and d-fructose 
by sucrose synthase (EC 2.4.1.13). Sucrose synthases are 
retaining GTases belonging to the GT family 4. Structural 
and biochemical studies of the A. thaliana enzyme AtSus1 
have shown that the oligomeric state of the enzyme is linked 
to the regulation of its activity [69]. AtSus1 was shown to 
exist solely as a tetramer by analytical gel filtration. The 
analysis of the crystal structure using the jsPISA server 
revealed two types of monomer–monomer interactions 
responsible for the oligomerization of AtSus1: A/B (C/D) 
and A/D (B/C), with interface areas of 1280 and 1076 Å2, 
respectively. Interestingly, the GT-B domains themselves 
do not play any major role in forming these interactions. 
Instead, sucrose synthase contains separate cellular targeting 
and peptide binding domains, which mediate the oligomer-
ization contacts. It appears that the transition of AtSus1 
tetramers to dimers precedes the phosphorylation of Ser 167, 
and it has been suggested that the change in oligomerization 
state regulates this phosphorylation step [69]. Hardin et al. 
[70] have also reported that the maize enzyme exists as a 
dimer rather than a tetramer.

GT‑B variants

Fucosyltransferases (PDB code 4AP5, 3ZY5)

Fucose is one of the sugars found either directly linked to 
proteins via O-linkage to a serine or threonine residue, or 
added as a terminal sugar on branched glycan chains. Struc-
tures of fucosyltransferases catalysing both of these types of 
additions have been solved.

Protein O-fucosyltransferases 1 and 2 (POFUT1 and 
POFUT2; EC 2.4.1.221) are inverting enzymes of GT fami-
lies 65 and 68, respectively. They transfer an α-l-fucosyl 
residue from GDP-β-l-fucose to the hydroxyl group of ser-
ine residues in acceptor proteins.

Human POFUT2 crystal structure is known both in apo 
form (PDB 4AP5) and in complex with the donor substrate 
(PDB 4AP6) [71]. The two molecules in the asymmetric unit 
of the apoprotein form a non-crystallographic dimer with 
an extensive monomer–monomer interface of 1670 Å2. The 
substrate-binding cavity is formed between the two mono-
mers such that a loop from one molecule partially covers the 
cavity of the other molecule. In the substrate-bound state, 
however, the dimer interface is reduced to 1315 Å2 due to the 
accommodation of the substrate. Interestingly, the structure 
of the enzyme–substrate complex indicated that the physi-
ologically relevant form of POFUT2 is dimeric, since in 
this holoenzyme structure the dimer is formed in the same 
way despite holding only one molecule per asymmetric unit. 
Thus, a crystallographic dimer in this case seems to be iden-
tical to the biologically relevant non-crystallographic dimer 
simply out of necessity. POFUT2 possesses a two-domain 
topology, representing a variant of the GT-B fold. The first 
domain shows a 3217465 topology, with β5 being antiparal-
lel to the others. The second domain shows an all-parallel 
3214 topology when an α-helix replaces β5 next to β4 in 
an interesting deviation from the majority of the structures.

The only known crystal structure for a POFUT1 is the 
one of Caenorhabditis elegans enzyme (PDB 3ZY5; a 
complex with GDP-fucose). There is only one chain (A) 
in the asymmetric unit of the monoclinic unit cell, but 
there is a significantly large interface area (1297 Å2) with 
the crystallographic symmetry mate molecule (A′). There-
fore, we included this putative A/A′ dimer structure in our 
study. The first domain in each monomer shows a 321756 
topology with an antiparallel β3 strand, while the second 
domain shows a 32145 topology with all strands aligned 
in a parallel fashion. The EPPIC analysis (Table 1) indi-
cates that the structure of POFUT1 is a crystallographic 
dimer, although other metrics suggest it to be a biological 
dimer. Interestingly, the same protein—but with a bound 
GDP instead of GDP-fucose—crystallizes with two mol-
ecules per asymmetric unit (PDB 3ZY3). Despite a suffi-
ciently large interaction surface (1096 Å2), jsPISA analysis 
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renders the structure a probable crystallographic dimer. 
It seems likely that POFUT1 does not form biological 
dimers, as also both the gel filtration chromatography and 
analytical ultracentrifugation data of Lira-Navarrete et al. 
[72] indicated that C. elegans POFUT1 is a monomeric 
protein.

Caenorhabditis elegans POFUT1 (424 residues in 
POFUT1 isoform 1) and human POFUT2 do not share 
considerable sequence similarity despite catalysing the 
same reaction: based on ExPASy homology analysis, they 
share 26.8% identity (49.7% similarity) over a 179 amino 
acid overlap. In contrast, human POFUT1 (for which no 
crystal structure is available yet) is identical in sequence 
to the human POFUT2 over the common 383 amino acid 
residue part.

N‑acetylglucosaminyltransferases (PDB code 4GYW)

N-Acetylglucosaminyltransferase (OGT; EC 2.4.1.255) 
belongs to family GT41 of inverting GTases. It transfers 
N-acetylglucosamine from the sugar donor UDP-GlcNAc 
onto specific serine or threonine residues of nucleocyto-
plasmic proteins. It is a different GT-B variant compared to 
the fucosyltransferase POFUT1 described above: in addi-
tion to its GTase domain topology, it is also a considerably 
larger protein (1046 residues) due to its 13 tetratricopep-
tide repeats (TPR) containing domain. The GT-B domain 
topology of OGT is 3214567 for the first subdomain and 
32145 for the second subdomain, with all elements paral-
lel to each other. In the crystal structure (PDB 4GYW) 
[73] there is only one molecule per asymmetric unit, but 
molecules A and A′, which are related by crystallographic 
symmetry, form a dimer. In fact, the TPR domains are 
responsible for this dimerization. This has been shown 
by using the TRP domain alone in crystallization [74]. 
N-Acetylglucosaminyltransferase therefore seems to rep-
resent an interesting and novel variant of the GT-B fold, in 
addition to its unique dimerization properties.

Dimer interface analyses

The dimerization interface for each of the selected struc-
tures was analysed to review whether any similarities exist 
between them. We considered six different criteria: inter-
action surface area and energy-related metrics, amino acid 
composition, secondary structure composition, topology, 
evolutionary conservation, and active site position in the 
dimer structure.

Interface area and energy‑related metrics

All the selected structures show an interface area larger than 
800 Å2. This is commonly accepted as the minimum area for 
biologically relevant dimers [23, 75]. The areas vary from 
941 Å2 (C2GnT) to 3355 Å2 (Gph1) (Table 1). The solva-
tion free energy ΔG and the total binding energy vary from 
−7 to −32 kcal/mol and −14 to −48 kcal/mol, respectively. 
These three parameters are part of the jsPISA interaction 
radar score [21] and are as such reliable measures to assess 
dimerization in crystal structures. In Table 1, we also list 
the jsPISA score, which is a weighted average of each of 
the radar metrics. A value higher than 50% depicts a good 
probability for the interface to be biologically relevant [21].

The DiMoVo method [22] also uses the interface area as 
the main criterion in assessing whether the dimers are crys-
tallographic or biologically relevant, but it also considers 
other criteria such as frequencies and pairwise distances of 
amino acids. In this way, the predictive value compared to 
the interface area alone is improved from 78 to even 97%. 
The boundary value of the DiMoVo score is 0.5; values 
below 0.5 quite accurately predict crystallographic dimers, 
while values above 0.5 predict biological dimers. Interest-
ingly, a low DiMoVo score was obtained for hGyg1, PHS2 
and GPb (Table 1) despite their good energy metrics.

The EPPIC method [23] considers evolutionary conser-
vation as a criterion for interaction sites. In our study, all 
the structures with a very low DiMoVo score also scored 
congruently in the EPPIC assessment (Table 1).

Amino acid composition

To analyse the amino acid composition at the dimer inter-
faces, we calculated the ratios between the frequency of 
amino acids observed at the interface and the frequency 
of amino acids within the full-length sequence of the crys-
tallized proteins. Alanine residues were statistically sig-
nificantly absent from the interfaces, whereas arginine and 
proline residues were statistically overrepresented (Supp. 
Figure 1). This finding is in line with Hashimoto et al. [13], 
whose study material consisted of 73 nonredundant GTase 
structures representing 31 families, but were not restricted 
to necessarily having non-crystallographic symmetry mates 
in the asymmetric unit.

Secondary structure composition

All types of secondary structures were observed in the 
dimerization interfaces: α-helices, β-strands, loops and 
disordered regions (Fig. 3a). We analysed the secondary 
structure compositions of each of the topological elements 
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responsible for dimerization contacts (Fig. 3b) and found 
that loops and helices are invariably the major feature. 
Hashimoto et  al. [13] also found in their data set that 
β-strands were underrepresented in the dimer interfaces.

Topology

Topological elements responsible for dimerization were ana-
lysed by examining their position with regard to the core 
β-strands of GT-A and GT-B folds (Fig. 2A, B). We found 
features that were shared between different topological ele-
ments, as well as features that distinguish the two folds from 
each other (Fig. 2C).

Structures belonging to the GT-A fold were found to dis-
play a conserved dimerization interface topology, with two 
core dimerization elements making contacts with each other. 
The first element resides in the region between β5 and β6 
(Fig. 2A, C, magenta); the second element is in the region 
after β6 (Fig. 2A, C, blue). In addition to these two core 
elements, some families use additional elements for dimeri-
zation (Fig. 2C). For example, glucuronyltransferases use 
α1 (Fig. 2A, C, red), as well as the surface created by the 
β4′–βC (Fig. 2A, C, green). The region between β4 and β5 
is also used by N-acetylglucosaminyltransferases, galacto-
syltransferases and xylosyltransferases (Fig. 2A, C, green). 
Galactosyltransferases use amino acids located in the N-ter-
minus of the core fold (before β1) (Fig. 2A, C, brown).

GTase structures with the GT-B fold also display similari-
ties in the dimerization interface topology, with the nuance 
that the topological elements may lie on the domain “a” 
or domain “b” (first and second Rossmann fold domains, 
respectively). Glycogen phosphorylases and sucrose syn-
thases use almost always domain “a” for dimerization, 
whereas glycogen synthases, fucosyltransferases and 

N-acetylglucosaminyltransferases use elements from both 
“a” and “b” domains. The first core dimerization element of 
the GT-B fold enzymes is the N-terminal region of the core 
fold, either before β1a or β1b (Fig. 2B, C, brown, blue); the 
second element is the region between either β2a and β3a or 
β2b and β3b (Fig. 2B, C, purple). The sole exception is the 
sucrose synthase family, which employs only the first core 
element and the region between β4a and β5a as an additional 
element (Fig. 2B, C, green). In glycogen phosphorylases and 
sucrose synthases, the region between β3a and β4a partici-
pates as an additional element (Fig. 2B, C, orange).

Interestingly, the structures of ST8SiaIII, B4GalT7, 
PoFUT1 and PoFUT2, as well as OGT, which are GT-A or 
GT-B fold variants, display mixed dimerization elements 
from both folds. PoFUT1 and PoFUT2 (GT-B variants) use 
the region between β5 and β6, specific to the GT-A fold 
dimerization interface, as well as the regions between β2 and 
β3, specific to the GT-B fold dimerization interface. ST8Si-
aIII (a GT-A variant) employs the N-terminal region before 
β1 and the region between β3 and β4, common to GT-B 
fold dimerization interface, and the region between β4 and 
β5 specific to the GT-A fold. In B4GalT7, the N-terminal 
region before β1 and the region between β2 and β3 specific 
to GT-B fold, as well as the C-terminal region after β6, act 
as core element of GT-A fold dimerization.

These data emphasize the high variability existing 
between the identified dimer interfaces, a phenomenon in 
line with the existence of multiple distinct enzyme dimers. 
In this regard, the lack of any consensus motifs for dimeri-
zation and the use of various topological arrangements 
suggest that any individual enzyme uses a specific interac-
tion surface only for binding itself and not any nonrelevant 
enzyme. If the latter is the case, the end result would be a 
mix of all kinds of enzyme dimers and also “mixed” glycans 
these enzyme complexes might make. This outcome is not 

Fig. 3   Analysis of the frequency of occurrence of secondary structure elements (α-helices, β-strands, loops and disordered regions) in the dimer 
interfaces of the 24 GTase homodimers of this study in the overall dataset (a) and in each topological element (b)
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desirable, and seems to be prevented by highly distinct inter-
faces allowing only specific interactions. A similar situation 
must also exist between sequentially acting enzymes that are 
known to form heteromeric complexes with each other [7]. 
Whether the interfaces in the latter case are similar to those 
used for the formation of enzyme homodimers remains to 
be clarified.

Evolutionary conservation

We also evaluated the amino acid sequence conservation 
in the dimerization interfaces. Briefly, multiple sequence 
alignments were generated by querying the sequence of each 
studied GTase against the OMA orthology database [76], 
using the InterEvolAlign server. We found various types 
of conservation profiles (Fig. 4), from strict conservation 
(red), high conservation (orange) to more diverse (yellow). 

The multiple sequence alignments are detailed in Suppl. 
Figure 2.

Active site positioning

From the functional point of view, a feature of particular 
interest is how the active sites of the monomers relate to the 
dimer interface. In general, at least three possibilities exist: 
(1) the active sites are far away from each other, suggesting 
either an independent catalytic activity for both of them or 
that dimerization is a stabilizing factor; (2) the active sites 
are located close to each other to facilitate cooperative sub-
strate binding and catalysis; or (3) the active sites overlap 
with the dimerization interface to provide a mechanism to 
regulate the enzymatic activity via dimerization.

Since not all the structures contained a substrate or any 
other bound ligand, we inspected donor and acceptor sub-
strate-binding sites and the metal-binding site (for GT-A 

Fig. 4   Evolutionary conservation of the amino acid sequence of 
the dimerization interface, visualized on each monomer (the inter-
face facing the reader) of the 24 GTases as a colour gradient: from 
red (strictly conserved) through orange (high conservation) to yellow 

(more diverse). The residues not involved in the dimerization inter-
face are displayed in grey. The placement of the monomers in the fig-
ure is the same as for the dimers in Fig. 1
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folds) as a guide to locate the active sites. In most of the 
GT-A folds the active site is near β4 and β4′ (Fig. 2A), while 
in GT-B folds it seems to be predominantly located in the 
linker region between the two Rossmann fold domains. In 
most homodimers, however, the active sites are located far 
away from the dimerization interface, in some cases near 
the opposite ends of the dimer. In contrast, even though the 
active sites in the glucuronyltransferase dimer reside very 
close to each other (20 Å away), they both are still easily 
accessible.

Discussion

In this review, we analysed various GTases using the avail-
able crystal structures of their globular catalytic domains to 
determine whether any of them represent biologically rel-
evant dimers. Likely candidates were identified by choos-
ing crystals with more than one molecule per asymmetric 
unit. Only the crystal structures of the globular catalytic 
domains of GTases are available, but there are good grounds 
to assume that these domains are responsible for, or at least 
contribute to, dimerization of the full-length GTases. This 
assumption is consistent with dimerization being a regulator 
of the enzymatic activity of the GTases. The fact that none 
of the GTases contain the dimerization signature sequence 
LIxxGVxxGVxxT of single-spanning transmembrane heli-
ces [77] and that their ca. 40–80 residues long stem domains 
appear to lack regular secondary structure provide strong 
support to the view that the catalytic domains have an impor-
tant role in linking GTases to homodimers.

Phylogenetic analysis of GTases by Hashimoto et al. [13] 
indicated that certain GTase families could be classified 
either as “monomer families” or “dimer families”. Struc-
tures belonging to families GT44, GT7 and GT27 (GT-A 
fold) and GT5, GT9 and GT80 (GT-B fold) are monomers, 
while GT81 and GT43 (GT-A fold) and GT35 and GT23 
(GT-B fold) represent homodimers. Only a few families 
seem to contain a mixed population of GTase oligomers. 
Accordingly, structures from families 35 and 43 were over-
represented in our analysis (Table 1, Fig. 1), while none 
of the “monomer family” structures passed the criteria 
used in our study. Hashimoto et al. [13] also found that, 
especially for the GT-B fold, homooligomer interfaces are 
more typically formed from helices and terminal regions or 
loop structures than from β-strands. A typical example for a 
GT-A fold enzyme is glucuronyltransferase GlcAT-I (fam-
ily 43) [25], where the homodimer interface is formed from 
C-terminal ends including a long loop and the last α-helix: 
the substrate-binding sites are near the interface and accep-
tor substrates are in contact with both GlcAT-I monomers. 
Furthermore, glycogen phosphorylase (family 35) structures 

form homodimers via α-helices, which are missing in family 
5 monomeric glycogen glucosyltransferases [13].

As discussed by Krissinel and Henrick [78], the challenge 
of dividing up dimers into physiological and non-physio-
logical ones continues to exist. It is not trivial to judge a 
crystallized protein as a biological dimer with confidence. 
The main problem here is that it is still hard to define abso-
lute values or even reliable characteristics for a biological 
interface; otherwise, the problem could be tackled by a 
bioinformatics approach. Nevertheless, the most common 
characteristics to assess the relevance of a dimer are the 
interface area (in Å2), the solvation free energy gain (kcal/
mol) between the transition of isolated and interfaced struc-
tures, and the number of salt bridges or hydrogen bonds at 
the interface. As an example, a maximum free energy of 
dissociation (ΔG0) of 15–20 kcal/mol should represent a 
biological dimer, and usually ten or more hydrogen bonds 
are found in a relevant interface. However, many dimers or 
higher oligomers may be transient and thus possess “weak” 
interactions in vivo, which may not prevail under crystal-
lization conditions. Transient complexes with dissociation 
constants higher than 100 μM (ΔG0 ≤ 5 kcal/mol) may have 
only a 10% probability to form crystals [79], while stable 
complexes can be expected to crystallize without undergo-
ing a change in the oligomerization state. The properties of 
the interface itself do not completely determine the binding 
energy, but also depend on other factors, such as the size and 
shape of the complex and the entropy change. Therefore, the 
function of the protein should always be taken into account 
along with the analysis of its crystal structure. However, it is 
estimated that the values obtained by calculating the binding 
energy and the entropy of dissociation are 80% accurate for 
the identification of macromolecular assemblies in crystals 
[78].

GTases have been shown to be able not only to function 
as homooligomers, but also as heterooligomers [5–7]. The 
heterooligomers can also involve more than two GTases, 
forming functional multienzyme complexes [80]. To this 
day, however, no heteromeric complexes between two 
GTases have been crystallized, making analyses of their 
interactions impossible. Nevertheless, a few examples 
where a glycosyltransferase forms a complex with a non-
glycosyltransferase need to be addressed here briefly. β-1,4-
Galactosyltransferase 1 (β4GalT1) has been crystallized in 
complex with α-lactalbumin (LA) and various substrates 
[81]. The binding site of LA partially overlaps with the sub-
strate-binding site, consistent with a regulatory role of the 
ligand in the complex: instead of an N-acetylglucosamine, 
a glucose is accepted for binding. A large conformational 
change of a critical loop region takes place upon LA binding. 
The other known example is the hetero-complex between 
EryCIII (3-alpha-mycarosylerythronolide B desosaminyl 
transferase), a GTase from family 1, and its partner EryCII, 
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a cytochrome P450 family protein. The crystal structure of 
the EryCIII–EryCII complex has been determined [82] and 
it reveals a heterotetramer with an elongated quaternary 
organization. A homodimer of EryCIII forms the centre of 
the complex, while EryCII molecules reside on the periph-
ery. It is evident in this case that the interaction surfaces for 
homomer and heteromer formation are located in distinct 
surface areas of the GTase, which is a valid observation to 
keep in mind for possible analogy with other heterocom-
plexes to be solved in the future. Conversely, as indicated 
earlier, glycogenins 1 and 2 (Gyg1 and Gyg2) co-purify 
[35], indicating that the two glycogenins may also form het-
erodimers. Since the crystal structures of Gyg1 and Gyg2 
homodimers superimpose very well (with r.m.s. deviation of 
0.865 Å), we hypothesize that the same interaction surface 
might be used both for homomers and for heteromers of 
these two GTases, which may be competing with each other.

It is also worth noting that highly specific dimerization—
whether homo or heteromeric—is more likely to employ 
interfaces that further increase the strength of interaction. 
In contrast, transient interactions, with possibly a choice 
of interaction partners, call for interfaces that may not be 
clearly distinguishable from crystal contacts. This could 
indicate that heterooligomers, as well as some homooligom-
ers, could be so transient that their isolation for crystalliza-
tion is not favourable enough.

Lastly, it is inevitable that the data we chose—898 crystal 
structures of glycosyltransferases deposited in the Protein 
Data Bank—contain some which are physiological enzyme 
dimers, but happen to have crystallized with one molecule 
per asymmetric unit and therefore escaped our analysis. 
Equally well, as discussed above, it could be questioned 
whether some of our chosen cases are true dimers, or instead 
crystal artefacts—depending on the subjective weighting of 
criteria. However, it is neither possible nor meaningful to 
carefully review all the 898 available structures. We believe 
that the way we selected the structures, and the data we 
obtained, provides further support for the conclusion that 
glycosyltransferases can form—and do form—physiological 
dimers not only in crystals, but also in vivo.

Concluding remarks

The main outcomes of this review are as follows. First 
of all, each GTase fold type uses different topological 
elements for constructing their dimerization interfaces. 
These elements serve as fingerprints within a group of 
a particular fold. An interesting observation is also that 
variant folds can use mixed topological elements from 
the basic GT-A and GT-B folds. Additionally, it is typical 
that homodimerization does not bring the active sites of 
the GTase monomers close to each other. Moreover, our 

survey revealed that different glycosyltransferases form 
biologically relevant homodimeric complexes. This con-
clusion is supported by both biochemical and structural 
evidence. No heterooligomers between different glycosyl-
transferases have been structurally characterized, and this 
poses a future challenge for understanding glycosyltrans-
ferase function.
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