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Abstract Cells build plasma membrane protrusions sup-

ported by parallel bundles of F-actin to enable a wide

variety of biological functions, ranging from motility to

host defense. Filopodia, microvilli and stereocilia are three

such protrusions that have been the focus of intense bio-

logical and biophysical investigation in recent years. While

it is evident that actin dynamics play a significant role in

the formation of these organelles, members of the myosin

superfamily have also been implicated as key players in the

maintenance of protrusion architecture and function. Based

on a simple analysis of the physical forces that control

protrusion formation and morphology, as well as our

review of available data, we propose that myosins play two

general roles within these structures: (1) as cargo trans-

porters to move critical regulatory components toward

distal tips and (2) as mediators of membrane-cytoskeleton

adhesion.

Keywords Microvilli � Stereocilia � Filopodia �
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Introduction

Surface protrusions are prominent features of many pro-

karyotic and eukaryotic cells. Protrusions provide cells

with a means to harvest nutrients, move through the

environment, or sense and respond to external physical or

chemical cues. For the purposes of this review, we define a

protrusion as a region of membrane that extends from the

cell surface and is supported by an actin or microtubule-

based cytoskeletal feature. The underlying cytoskeleton not

only provides a protrusion with its characteristic shape and

mechanical stability, but also dictates in large part its

specific biological role. Given the central importance of

these organelles to cell function and survival, a major goal

of cell biologists is to develop an understanding of the

molecular machinery and mechanisms involved in the

formation, maintenance and function of these organelles.

This review will highlight recent developments in our

understanding of actin-based membrane protrusions, with a

specific focus on the physical challenges that cells face in

building and maintaining these structures, and how myosin

motors are used to overcome some of these challenges.

Eukaryotic cells produce a variety of actin-based

structures that protrude from the cell. These features can be

divided into two general categories, referred to here as

branched or bundled arrays (Fig. 1a). Branched arrays of

actin include the dense meshwork of filaments underlying

the lamella of spreading/crawling cells or the invadopodia

found on cancer cells [1, 2]. These arise from Arp2/3 based

nucleation, with new daughter filaments growing from the

sides of mother filaments at fixed 70� angles, toward the

leading edge of the cell [3]. Given that branched actin array

formation has been investigated and discussed extensively

in recent years, we refer the reader to other excellent

reviews for more details on this architecture [1, 2, 4].

Bundled arrays of actin, however, provide the structural

support for cylindrical protrusions such as filopodia,

microvilli and stereocilia (Fig. 1b). In these cases,

ensembles (tens to hundreds) of actin filaments are bundled

together by small crosslinking proteins (e.g., espin, villin,

fimbrin or fascin) [5, 6]. Crosslinking proteins also

have the ability to orient actin filaments during bundle
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formation [7]. This enables the production of ‘‘parallel’’

actin bundles (PABs) and allows motor proteins to exploit

these structures as polarized tracks for directed movement

and transport of cargoes. Filopodia, microvilli and stereo-

cilia are all membrane protrusions that are supported by

PABs [8]. These structures are of great interest to cyto-

skeletal biologists, not only because they serve a variety of

important functional roles in distinct cell types, but also

because they provide a unique opportunity to investigate

the directed movement of myosin motors in a region of the

cell with a well-organized and uniformly oriented actin

cytoskeleton. As such, PAB-supported protrusions will

serve as the focus of our discussion from this point

forward.

Actin bundles protrude from the cell in three forms

PABs support three basic types of membrane protrusions:

filopodia, microvilli and stereocilia. Herein we will refer to

these structures as PAB-supported protrusions (PSPs).

Filopodia

Filopodia extend from the surface of motile cells. They

function in probing the physical and chemical properties of

the external environment during migration and establishing

cell-cell contacts (Fig. 1b) [9]. A filopodium is a slender

(*200 nm in diameter) membrane protrusion supported by

a parallel bundle of 10–20 actin filaments crosslinked

together by the protein fascin [6, 9]. Filopodia are derived

from a reorganization of the branched lamellipodial actin

network in a process that is positively regulated by the ena/

VASP complex and negatively regulated by capping pro-

tein [10–13]. As dynamic structures that can grow to be

several microns long, the supporting PAB within a filo-

podium also demonstrates ‘‘retrograde flow,’’ where actin

monomers are continuously incorporated at filament plus-

ends, treadmill through the bundle lattice and are then lost

from the base of the bundle via depolymerization. Sub-

stantial retrograde flow rates can be observed despite small

changes in overall length (*1.2 lm/min) [14]. Recent

studies have also demonstrated that motor proteins such as

myosin-10 [14, 15] and myosin-15 [16] actively traffic

within these structures. One distinguishing feature of filo-

podia relative to other forms of PSPs (microvilli and

stereocilia) is that these structures extend from the cell

surface at a relatively low density (number of protrusions

per lm2), e.g., \100 may be distributed over the entire

surface of a fibroblast. We will return to this point below as

it has important implications for understanding differences

in the molecular architecture of the three forms of PSPs.

Microvilli

Microvilli are cylindrical membrane protrusions typically

found on the apical surface of epithelial cells lining hollow

organs including the intestine, the kidney and the ventricles

of the brain. The most well-characterized example is pro-

vided by the ‘‘brush border’’ of small intestinal epithelial

cells. In the brush border, up to *1,000 microvilli protrude

from an apical surface that may only be *100 lm2. To

accommodate the large number of protrusions, brush bor-

der microvilli are tightly packed in an exquisite, well-

ordered hexagonal pattern [17]. Microvilli are generally

short (*1–5 lm long) and are supported by a PAB com-

posed of *10–30 filaments. For kidney and intestinal

microvilli, the principle actin-bundling proteins are fim-

brin, villin and espin [18–20]. Microvillar PABs also

demonstrate retrograde flow, but rates are much slower

Fig. 1 Actin-based membrane protrusions. a A cartoon depiction of

branched and bundled arrays of actin protruding from a cell surface.

b Three forms of PAB-supported protrusions (PSPs) depicted in their

cellular context. Filopodia extend several microns from the plasma

membrane of motile cells in small numbers. Microvilli extend only a

couple of microns, but in large numbers, from the apical surface of

polarized cells such as those found in the intestinal or kidney

epithelium. Stereocilia are depicted emerging from the apical surface

of a mechanosensory hair cell in rows of graded height forming a

staircase pattern; stereocilia also exceed microvilli in length and

diameter
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than those observed for filopodia (*0.2 lm/min) [7, 21].

Similar to other PSPs, the actin-rich environment within

the microvillus attracts a variety of unconventional myo-

sins [22]. Among the most abundant is myosin-1a, a class I

membrane-binding motor that forms a spiraling array of

lateral bridges linking apical membrane to the underlying

PAB [17, 23]. Other proteins that may play a role in linking

membrane to cytoskeleton include members of the ezrin,

radixin, moesin (ERM) superfamily [24–26]. In the gut,

brush border microvilli increase the surface area of a cell

exposed to the lumen, allowing a greater capacity for

processing and absorbing nutrients. More recent studies

have revealed that microvilli release vesicles from their

distal tips [27, 28]. These vesicles are enriched in intestinal

alkaline phosphatase and accumulate in the lumen. Given

that intestinal alkaline phosphatase has recently been

implicated in gut host defense [29, 30], vesicles release

from the tips of microvilli might represent an important

component of the intestinal barrier. In the context of kidney

proximal tubule epithelial cells, microvilli have also been

implicated in fluid flow sensing and mechano-transduction

[31–33].

Stereocilia

Our remarkable ability to hear sounds with frequencies

from 20 Hz to 20 kHz and to detect changes in head

position and velocity (i.e., balance) are enabled by spe-

cialized microvilli called stereocilia, which extend from the

apical surface of sensory ‘‘hair cells’’ in the cochlea and

vestibular apparatus. At the apex of a single cochlear hair

cell, 50–100 stereocilia are organized into a ‘‘hair bundle’’

consisting of three rows of graded height (5–10 lm long)

(Fig. 1b); these rows are arranged in a distinctive V-shape

with the tallest stereocilia lining the outside of the V [34].

Each stereocilium is composed of an overlying membrane

supported by a parallel bundle of at least 200 actin fila-

ments that are extensively crosslinked by fimbrin and espin

[35–37]. Although stereocilia do demonstrate retrograde

actin flow similar to filopodia and microvilli [34], observed

rates are very slow (*7 nm/min), and these structures are

relatively static in their dimensions once assembled by the

cell [38]. In addition, a number of unconventional myosins

are known to localize to and traffic within these PSPs [34].

The diameter of the stereocilium actin core is large (up to

*900 nm) for most of its length, but tapers to only

*100 nm at its base where it inserts into the cuticular plate

[39]. A functional consequence of this geometry is that the

bundle is much stiffer along its length; thus, forces applied

to the tip of the protrusion do not cause the stereocilium to

flex, but rather to pivot at its base [40]. Similar to micro-

villi, stereocilia extend from the cell surface as a tightly

packed ensemble of protrusions. Stereocilia are also

connected to their neighbors with a series of extracellular

links, including a link at the tip that is at least partially

composed of cadherin-23 and protocadherin-15 [41]. This

‘‘tip link’’ is believed to be physically connected to a

unique transduction channel that resides in the apical

membrane. During a positive mechanical stimulation,

provided by sound or head movement, stereocilia are

deflected toward the tallest row; these deflections pull on

tip links, which in turn raise the probability of the opening

of connected transduction channels. The resulting influx of

cations is proportional to the size of the mechanical

deflection; subsequent depolarization of the cell ultimately

leads to neurotransmitter release, i.e., output in the form of

an electrical impulse. This direct link between mechanical

input and electrical output provides the molecular basis for

hearing [42, 43].

Forming protrusions: actin takes action

During extension of a membrane protrusion from the cell

surface, cells face a physical challenge and must expend

energy to overcome the significant forces that oppose

bending of membrane. Previous experimental and theo-

retical studies have established that the protrusion length

(L lm), protrusion radius (R nm), membrane surface (in

plane) tension (r pN/nm), membrane-cytoskeleton adhe-

sion energy (c pN nm/nm2) and membrane bending

stiffness (j pN nm) all impact the energy required to create

a protrusion [44–46]. For the relatively long membrane

structures discussed here, the energy stored in the protru-

sion (EP) is:

EP ¼ jp=Rþ 2pRrþ 2pRcð ÞL ð1Þ

A relationship of this form was first derived by Helfrich

[47] while exploring the physical basis of bilayer elasticity.

The first term of this equation represents the work done by

the cell in overcoming the resistance of the plasma

membrane to bending. The next two terms represent

respectively the work done by the cell against the cell

surface tension (r) and the membrane-cytoskeleton

adhesion energy (c), while attempting to increase the

surface area of the cell by 2pRL (the surface area of a

protrusion of radius R and length L). Because EP is linear

with respect to L, calculating this energy also provides

access to the restoring force exerted by the plasma

membrane (FR), i.e., the force that a cell must overcome

during the formation of a protrusion:

FR ¼ jp=Rþ 2pRrþ 2pRcð Þ ð2Þ

Thus, forces that oppose protrusion formation are

provided by the mechanical properties of the plasma

membrane (j and r), adhesion to the cytoskeleton (c) and
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dimensions of the protrusion (R). To obtain information

regarding membrane mechanical properties, ‘‘tether force’’

assays have emerged as a popular experimental approach

[48]. Tether force assays measure the force required to

form and hold (FR) a thin tubule of plasma membrane

using a nano- or micro-scale force transducer such as a

micropipette or optical tweezer. Based on assays

performed with neuronal growth cones (a popular model

system for the study of filopodia [49]), we find that for a

protrusion with a radius of 200 nm, membrane bending

stiffness of *270 pN nm and surface tension of *0.003

pN/nm, in the absence of any membrane-cytoskeleton

adhesion, the membrane exerts a maximum restoring force

of *8 pN at zero protrusion growth velocity [48] (Fig. 2).

This value can increase significantly with bonding between

the plasma membrane and cytoskeleton. In order to

minimize the energy of the membrane cylinder formed

by the protrusion, surface tension and membrane-

cytoskeleton adhesion work to reduce the radius, while

membrane bending stiffness has the opposite effect. These

modeled data reveal that for the different values of

membrane-cytoskeleton adhesion, the range of radii over

which the protrusion energy is minimum (assuming a

constant length) falls between 100 and 200 nm, a range

comparable to the radii of the PSPs reviewed here. The

values for restoring force calculated here are also

comparable in magnitude to values obtained by others

using similar analyses [50, 51].

How then do cells generate forces that exceed FR in

order to form filopodia, microvilli or stereocilia? Recent

cell biological and biophysical studies suggest that most of

the forces that favor protrusion arise from the polymeri-

zation of actin filaments and the assembly of these

filaments into bundles [1].

Actin filament polymerization

The mechanics of actin filament force production is a well-

studied cell biological problem. One of the most long-

standing and well-supported models is based on a

Brownian or thermal ratchet mechanism. First introduced

by Richard Feynman [52], the Brownian ratchet is essen-

tially a rectifier that takes advantage of the thermal

fluctuations inherent to matter to produce directed force

and motion. The original application to actin polymeriza-

tion was made by Peskin and colleagues [50], who

postulated that actin filaments polymerizing near one side

of a microscopic particle could take advantage of the

thermal fluctuations of the particle to ‘‘push’’ it in a uni-

directional manner. Here, backward fluctuations of the

particle (toward the F-actin array) are prevented by the

ends of polymerized actin filaments. Particle fluctuations in

the forward direction would give rise to transient gaps,

allowing the intercalation of new G-actin monomers onto

the ends of existing filaments. The incremental polymeri-

zation of actin into these transient gaps produces a force

that propels the particle forward. Indeed, biophysical

studies over a decade ago first established that actin poly-

merization exerts such a protrusive force on liposome

membranes [53]. Other investigations with the microbial

pathogens Listeria and Shigella demonstrated that these

microbes propel themselves through the cytosol of host

cells using force derived from actin polymerization [54].

However, this early model implied that the velocity with

which the particle moves forward is proportional to its own

diffusion coefficient, as the thermal fluctuations of the

particle are critical to allow growth of the propulsive actin

array. Some in vitro experiments provide support for this

model by demonstrating that fluctuations of an actin-pro-

pelled microsphere determine its velocity in a load-

sensitive manner [55]. Other data point to a different

mechanism; for example, Listeria and Shigella are different

sizes, yet they move at roughly the same velocity [56].

Thus, more recent iterations of the Brownian Ratchet

model incorporate thermal fluctuations of polymerizing

actin filaments as well as the interactions between filaments

and the object under propulsion [57, 58]. In the context of

PAB-supported protrusion formation, fluctuations of both

the plasma membrane and polymerizing actin filaments are

both likely to be important in the production of force at the

membrane interface. Regardless of the source of thermal

Fig. 2 Forces involved in deforming plasma membrane. The restor-

ing force (FR) exerted by the plasma membrane is plotted as a

function of protrusion radius (R), using the relationship shown in

Eq. 2, for different levels of membrane-cytoskeleton adhesion. Here,

FR is calculated assuming a membrane bending stiffness, j = 270

pN nm, and a surface tension, r = 0.003 pN/nm. The region shaded

in light blue represents the range of protrusion radii over which the

energy of the protrusion (the product of FR and protrusion length) is

minimized for the different levels of adhesion. The range obtained

here is in good agreement with actual values of protrusion radii

observed in PSPs discussed here
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fluctuations, the current model suggests that at a given

G-actin concentration (C), the force produced by poly-

merization is related to the critical concentration at the

plus-end of the actin filament (CCritical *0.1 lM, the

concentration above which polymerization takes place) and

the distance that an object is moved with the incorporation

of a single actin monomer (d * 2.7 nm) [59]:

FActin ¼ kBT=dð Þ ln C=CCriticalð Þ ð3Þ

Using this model and parameter estimates from the

literature, one can calculate the maximum force produced

by a single actin filament as *9 pN [60]. While connecting

theoretical models with biological observations has not

been easy, several recent studies provide absolute

measurements of mechanical performance of actin

polymerization in the context of in vitro assays. Kovar

and colleagues deduced polymerization forces by

observing filaments with both ends tethered to a glass

surface polymerize until curvature induced a stall. This

approach yielded a stall force (FActin) of *1.3 pN for a

single filament [61]. More recent optical trapping studies

directly measured forces at the plus-end and showed that

small bundles of F-actin can exert up to *1 pN during

polymerization [62].

Actin filament bundling

While actin filaments clearly produce force, their ability to

transmit force to the propelled object (e.g., the plasma

membrane) may be limited by factors such as filament

bending or buckling. Individual actin filaments are very

flexible; although the bending fluctuations of actin fila-

ments can contribute to polymerization forces as described

above, the low flexural rigidity of actin (*0.06 pN lm2)

[63] prevents single filaments from bearing large loads

before buckling. Cells work around this mechanical limi-

tation by bundling actin filaments together in cases where

polymerization derived forces must overcome substantial

loads. As discussed above, filopodia, stereocilia and

microvilli each possess a unique complement of actin

bundling proteins to achieve this architecture (e.g., fascin,

espin and villin, respectively). In the special case of filo-

podia, myosin-X may also play a role in bringing filaments

together to facilitate bundling at the actin-membrane

interface [64]. Interestingly, recent in vitro studies have

also shown that the membrane itself may play a role in

organizing branched actin filaments into bundles [65].

Bundling actin filaments tends to increase their persistence

length LP [66, 67] in the same way that stabilization by

phalloidin does [68]. Because the bending stiffness of an

actin filament is equal to the product of thermal energy and

the persistence length (LPkBT), flexural rigidity increases as

filaments get bundled together. Indeed, bundled actin

filaments can be up to *100 times stiffer than a compa-

rable array of unlinked filaments [69]. As a result, an actin

bundle can exert a substantial force at the plus-end during

polymerization, and at the same time effectively transmit

this force to the object being pushed (e.g., the plasma

membrane). Recent modeling of filopodial protrusion

suggests that at least ten filaments are needed to create a

bundle with sufficient stiffness to overcome the restoring

force presented by the membrane [51]. Intriguingly, this

value is comparable to the minimum number of actin

filaments found in filopodia and microvilli.

Maintaining protrusions: send in the myosins

Once a polymerizing actin bundle has deformed the plasma

membrane to create a nascent protrusion, cells employ

additional mechanisms to maintain the protrusion and

extend its lifetime on the cell surface. Because the interior

of a protrusion is crowded by the core actin bundle, dif-

fusive movement of macromolecules throughout this

microenvironment will be hindered relative to ‘‘open’’

cytosol found in the cell body. Moreover, the protrusion

may extend several microns away from the cell body. Both

of these factors conspire to reduce the effectiveness of

diffusion in supplying and distributing new components to

the distal end of a protrusion. Additional complications

arise when high densities of cell surface protrusions are

required, as is the case with the enterocyte brush border or

hair cell hair bundle. In both cases, membrane surface

tension will tend to promote the coalescence of these clo-

sely spaced PSPs (Fig. 4). To counter this effect, the cell

must furnish these structures with high levels of adhesion

energy to keep the membrane tightly bound to the under-

lying actin core bundle and prevent coalescence.

Fortunately, myosin motors are well equipped to help cells

overcome both of these obstacles in the maintenance of

PSPs. We argue that published studies suggest two primary

roles for myosin motors in maintaining PSPs: (1) powering

the directed transport of protrusion components within

PSPs and (2) creating adhesion between the inner leaflet of

the plasma membrane and the supporting actin bundle.

Both of these roles are discussed in more detail below.

Directed transport in PSPs

Theoretical and experimental studies have established the

presence of a diffusion barrier in the context of microvilli

that extend from the apical surface of kidney tubule epi-

thelial cells [70]. Moreover, recent proteomic analyses

have shown that stereocilia contain their own complement

of metabolic enzymes (e.g., creatine kinase), which are

required for proper mechano-transduction [71]. These
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results suggest that diffusion from the cell body cytosol is

insufficient for maintaining adequate levels of high-energy

compounds (e.g., ATP) in these distal structures. This

limitation is probably exacerbated in the case of larger

macromolecules or proteins, which will diffuse even

slower. By limiting the supply of important architectural,

regulatory or signaling proteins, a diffusion barrier would

have an adverse impact on the maintenance of PSPs. As

discussed above, actin polymerization at the plus-end of

bundled filaments is responsible for overcoming the

membrane restoring force during protrusion formation.

Thus, the distal tip of the PSP is likely to be a critical site

for governing protrusion architecture (i.e., size and shape).

Indeed, each of the protrusions highlighted in this review

are known to assemble an electron dense ‘tip complex,’

believed to contain regulatory components that function to

control actin dynamics or mediate binding to the overlying

membrane [12, 23, 38]. The tip complex may also contain

signaling molecules that enable protrusions to transduce

signals from the external environment into the cell [72].

Given the functional importance of components that

localize to the tip, cells must provide a mechanism ensur-

ing directed transport and proper localization of these

molecules to the distal end of the protrusion.

One of the first examples of directed transport within a

cellular protrusion was observed in the flagella that extend

from the surface of the biflagellate green alga Chlamydo-

monas reinhardtii [73]. In these studies, investigators from

the Rosenbaum laboratory recorded time-lapse movies

revealing the movement of small particles along the length

of the flagellum, just beneath the plasma membrane. This

new form of motility was termed intra-flagellar transport

(IFT) and has been observed in all cilia and flagella studied

to date [74]. IFT is evolutionarily conserved from algae

through vertebrates, and its significance is evident in the

wide range of human diseases (collectively referred to as

‘ciliopathies’) caused by mutations in IFT proteins

(reviewed in [75]). Both anterograde (toward the tip) and

retrograde (toward the cell body) transports are critical for

maintaining functional cilia/flagella of proper length [76].

Investigations of IFT have provided critical insight into how

cells deal with the unique challenges posed by maintaining

functional protrusions.

While microtubule-based IFT motors are clearly not

useful in the case of PSPs, these structures have their own

complement of motor proteins that function in a similar

manner: myosin superfamily members. Myosins generally

consist of a heavy chain that contains three domains [77]:

an N-terminal motor domain that contains the actin-binding

and ATPase activities [78]; a neck domain, which is the

site of light chain binding and acts as a mechanical lever

arm [79, 80]; and a C-terminal tail domain that mediates

dimerization in some cases, as well as interactions with

other proteins or membrane lipids [81] (Fig. 3). Although

highly conserved, subtle sequence differences in the motor

domain have resulted in a wide range of kinetic and

mechanical properties that are utilized for specific func-

tions inside cells. Numerous myosin motors are known to

reside in PAB-supported protrusions; the exact comple-

ment of myosins varies depending on the cellular context.

Although directed transport has only been observed

directly in filopodia of live cells, studies with microvilli

and stereocilia allow us to infer that a similar process

occurs in these structures as well.

Transport in filopodia

Filopodia have proven to be a powerful model system for

investigating directed transport within PSPs. The most

well-characterized case of directed transport within a PSP

is powered by myosin-10 in filopodia [14, 15] (Figs. 3, 5).

Myosin-10 is expressed in a variety of tissues, but only in

higher eukaryotes, where it is highly enriched in brain [82].

Early cell biological studies with this motor revealed

prominent localization at the tips of filopodia. Later live

cell imaging experiments demonstrated bidirectional

movements of myosin-10 puncta in filopodia extending

from the surface of HeLa cells, with the most prominent

puncta exhibiting retrograde movement back toward the

cell [15]. This seems counterintuitive at first as myosin-10

is believed to be plus-end directed, and actin filament plus-

ends are oriented away from the cell into the distal tip of

the filopodium. However, recent total internal reflectance

fluorescence (TIRF) imaging experiments have revealed

that single molecules of myosin-10 move anterograde,

toward filopodial tips. After sufficient accumulation at the

distal end, large puncta/ensembles of myosin-10 release

from the tip and stream back to the cell at a rate dictated by

retrograde flow of F-actin [14, 15].

For a motor protein to function in directed transport

along a cytoskeletal track, it must be physically and/or

kinetically equipped to do so. For example, all myosin

motors are ATPases, which cycle between actin-bound and

detached states. Thus, mechanisms must exist to keep the

motor associated with the track during periods of detach-

ment and prevent motor and cargo from diffusing away.

While this may not be major concern in the tight confines

of the filopodium, myosin-10 is kinetically equipped for

transport with a high duty ratio, i.e., spending the majority

(*70%) of its ATPase cycle time bound to actin [83].

Another feature that would facilitate transport is the ability

for myosin heavy chains to dimerize. Although myosin-10

was originally predicted to exist as a dimer [84], more

recent studies have revealed that the putative coiled-coil

domain (that would be responsible for dimerization) is an

atypical stable a-helical (SAH) [85]. The SAH functions to
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lengthen the neck domain of myosin-10, but does not

dimerize due to the presence of charged residues at sites

where hydrophobicity is required for coiled-coil formation.

As many recent studies on myosin-10 have been carried out

with constructs that ‘‘force’’ the dimerization with the

presence of a stable coiled-coil domain (e.g., the GCN4

leucine zipper) [64, 86], the biological significance of

dimer formation in myosin-10 function is still unclear.

Does myosin-10 transport critical structural or regula-

tory components along PABs to filopodial tips?

Overexpression of myosin-10 gives rise to cells with higher

densities of filopodia, suggesting that this motor may

transport cargoes that are important for forming and/or

stabilizing filopodia [87, 88]. The C-terminal tail of myo-

sin-10 contains several pleckstrin homology (PH) domains

that bind to PIP3 [84], a myosin tail homology 4 (MyTH4)

domain that interacts with microtubules [89] and a ‘‘band

4.1, ezrin, radixin, moesin’’ (FERM) domain known to

interact with b-integrin [90]. The FERM domain interac-

tion is intriguing as integrins are an essential component of

the adhesion complex that physically links the tip of the

filopodium to extracellular matrix. Thus, myosin-10 could

play a role in supplying integrin subunits to the tip, thereby

stabilizing filopodial adhesions. Biochemical studies have

also established that myosin-10 can interact with the anti-

capping protein, ena/VASP, although the sub-domain of

the tail responsible for this interaction has not been mapped

[91]. Live cell imaging data presented in the same paper

also showed that myosin-10 puncta move in parallel with

ena/VASP puncta along filopodia, implicating this critical

regulator of actin dynamics as another potential cargo of

myosin-10. Despite the compelling data presented in all of

these studies, more recent experiments show that myosin-

10 can induce and stabilize filopodia in the absence of

integrin-rich adhesions or ena/VASP transport to the

filopodial tip [87]. This suggests that the transport of these

particular cargoes is not a significant function of myosin-10

in filopodia. Interestingly, these experiments also estab-

lished that deletion of the myosin-X MyTH4/FERM

domain impaired filopodial induction, suggesting that other

potential unidentified cargoes (e.g., formins?) are likely

playing a role. However, as noted above, studies utilizing a

Fig. 3 Myosins that reside in PAB-supported protrusions. Bar
diagrams representing the primary structures of the seven different

myosins discussed in this review are drawn along with an indication

of the protrusion(s) that each motor occupies (FP filopodia, MV
microvilli, SC stereocilia). All myosins possess N-terminal motor

domains (red) coupled to structurally diverse C-terminal tail domains

(blue). Myosin-1 contains a tail homology domain I (THI), which

directs binding to membrane lipids. Myosin-3 is unique among

myosins in that it possesses an N-terminal kinase domain. Tail

homology domains I (THDI) and II (THDII) are also shown; the

former binds to espin 1, while the latter may mediate direct binding to

actin. Myosin-5 is a dimeric and processive motor with coiled-coil

forming regions throughout its tail and a cargo-binding domain at the

C-terminus. Myosin-6, the sole minus-end directed motor, is depicted

with a cargo-binding globular tail domain (GT), which also mediates

dimerization. Myosins-7, 10 and 15 are MyTH4-FERM domain

myosins containing at least one MyTH4-FERM domain in their tails.

These domains are known to mediate binding to a number of

important proteins and lipids: the FERM domain of myosin-7a binds

the transmembrane protein vezatin and thus links it to the cadherin/

a-catenin complex; the MyTH4 domain of myosin-10 binds to

microtubules, whereas the FERM domain binds to the cytoplasmic

NPXY domain of b-integrins; the FERM domain of myosin-15 binds

to the third PDZ domain of Whirlin, its primary cargo. In the case of

myosin-7, the asterisk represents a coiled-coil domain that may

facilitate dimerization in myosin-7a. Myosin-10 also has a non-

dimerizing stable alpha helix (SAH) and PH domain that mediates

interactions with PIP3
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dimer-induction technique have shown that two-headed

myosin-10 can induce filopodia in the absence of the cargo-

binding tail [64]. Further studies will be needed before a

consensus is reached on the exact molecular mechanism by

which myosin-10 functions in filopodial formation and

maintenance.

Transport in microvilli

Microvilli are also highly enriched in myosin motors [22].

One of the most abundant motors in the microvillus is the

class I motor, myosin-1a [17] (Figs. 3, 5). Class I myosins

are small monomeric motors that are known to interact

with acidic phospholipids in the inner leaflet of the

microvillar membrane through a highly basic C-terminal

tail domain (Fig. 3) [92]. By considering the high con-

centration of myosin-1a [23] and the dimensions of the

supporting PAB, one can gain an appreciation for the

enormous force-generating potential localized to this

structure. Here, the total force produced by the microvillar

population of myosin-1a can be calculated as the product of

the number of binding sites accessible along the length of a

single filament in the bundle (2,000 nm length/38 nm inter-

binding site distance = *53 sites), the number of fila-

ments in the core bundle that are accessible to myosin-1a

(*15), the unitary force generated by a single myosin-1a

molecule (*3 pN) and the duty ratio (*0.1 or higher, see

below). Using these conservative estimates, the population

of myosin-1a in the microvillus may produce a minimum

*240 pN. This is an enormous force for a structure on the

micron scale. By comparison, a single kinesin motor gen-

erates *4–8 pN and is capable of propelling the movement

of small organelles through the cytosol [59]. Interestingly,

recent studies do suggest that plus-end directed force may

be important for powering directed transport along micro-

villar PABs. The most direct evidence comes from

experiments with isolated brush borders [28]; when brush

border microvilli are exposed to ATP, apical membrane

actively slides towards the plus-ends of microvillar actin

bundles, which ultimately leads to the release of small

vesicles from microvillar tips. Further experiments

revealed that this activity is in fact powered by myosin-1a.

More recent biochemical experiments clearly demonstrate

that enterocyte microvilli release vesicles from their distal

tips into the intestinal lumen [27]. Interestingly, specific

components of the microvillar membrane (e.g., intestinal

alkaline phosphatase) appear to be enriched at the tips of

microvilli and in vesicles released into the lumen. Toge-

ther, the enrichment of proteins at the tip and the release of

vesicles into the lumen strongly suggest the presence of

directed transport in microvilli, although the precise con-

tribution of myosin-1a to this process in native tissues

remains to be elucidated.

Do other microvillar myosin motors carry out transport

along the core actin bundle? Immuno-localization studies

have revealed that myosins-1d, -7b and -5a (Fig. 3) are

enriched in the distal half, or specifically at the tips, of

microvilli in intestinal or kidney epithelial cells (Tyska

laboratory, unpublished data) [93, 94]. Although steady-

state localization is not direct evidence for a role in

transport, accumulation at distal tips does imply that plus-

end directed motors are moving in their preferred direction

along microvillar PABs. While the duty ratio of myosin-1d

has not been characterized, myosins-7b and -5a are both

considered high duty ratio motors [95, 96]. Moreover,

myosin-5 is well characterized as a dimeric transporter that

moves processively along actin filaments [97]. As of the

writing of this review, no cargoes have been identified for

any of these motors in the context of brush border

microvilli.

In contrast to active plus-end directed transport, other

myosin motors may play an important role in preventing

the accumulation of components in microvilli or at

microvillar tips. A good example is provided by the minus-

end directed motor, myosin-6 (Figs. 3, 5). Although native

myosin-6 is monomeric, this unique motor can dimerize

when bound to actin filaments [98] or specific cargo mol-

ecules [99, 100]. Kinetic and single molecule biophysical

studies have established that dimeric myosin-6 has a high

duty ratio and is processive [101, 102], suggesting that this

motor is well adapted for a role in transport. Indeed, in

kidney epithelial cells, acute hypertension leads to redis-

tribution in myosin-6 immunoreactivity from the tips of

microvilli down to the base [103]. These data complement

the fact that myosin-6 physically interacts with Dab2 and

other proteins that play important roles in receptor-medi-

ated endocytosis [104], an activity that is localized to the

base of the brush border [105, 106]. Moreover, recent TIRF

imaging studies of kidney epithelial cell brush borders

suggest that myosin-6 functions in the parathyroid hormone

induced, minus-end directed movement of the sodium

phosphate cotransporter [107].

Transport in stereocilia

Stereocilia are similar to microvilli in that they extend

from the apical surface of polarized epithelial cells.

However, these PSPs are highly specialized structures

and can grow much larger than microvilli in terms of

bundle length and the number of filaments that comprise

each bundle [34]. Given the critical roles for stereocilia

in the process of mechanotransduction and hearing, it

comes as no surprise that a number of myosins and

myosin-associated molecules that localize to stereocilia,

have been linked to non-syndromic (inherited) deafness

[108, 109].
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With regard to transport potential in the stereocilium,

one of the most highly characterized motors is myosin-15a,

a MyTH4/FERM domain containing myosin that localizes

to striking puncta at the tips of stereocilia [38, 110]

(Figs. 3, 5). Although the mechanochemical properties of

myosin-15a have yet to be characterized, cell biological

studies have shown that when expressed exogenously in

cells that form filopodia, this motor is capable of moving in

a manner similar to that observed for myosin-10 [111].

Myosin-15a also interacts with proteins that localize to the

stereocilia tip complex and are critical for stereocilia length

control, including the multi-PDZ domain protein, whirlin

[111]. Myosin-15a binds to whirlin via a PDZ binding

ligand located C-terminal to the MyTH4/FERM domain

[111]. Given the presence of multiple protein interacting

domains, whirlin is believed to serve as a scaffold for other

proteins that must be targeted to the stereocilia tip to

control actin dynamics, including p55/MAGUK [112].

Indeed, mice with mutations in either myosin-15a or

whirlin demonstrate abnormal stereocilia lengthening dur-

ing development, leading to hair bundles with short, non-

functional stereocilia [152, 153]. Interestingly, when

EGFP-myosin-15a and DsRed-whirlin are co-expressed in

native hair cells, the amount of whirlin that localizes to the

tip compartment is directly proportional to the level of

myosin-15a found in these structures [111]. This strongly

suggests that myosin-15a is specifically transporting

whirlin and functions to maintain a high whirlin concen-

tration at the tips of stereocilia.

Direct evidence implicating myosins in the transport of

proteins that regulate stereocilia actin dynamics comes

from recent studies with myosin-3a and myosin-7a [113,

114] (Figs. 3, 5). Myosin-3a is unique among myosin

family members in that it possesses an active N-terminal

kinase domain [115]. Kinase activity may be involved in

regulating myosin-3a movement along actin as removal of

this region alters myosin-3a ATPase activity and localiza-

tion in stereocilia [113, 116, 117]. In native hair cells,

myosin-3a localizes to the distal tips of stereocilia, forming

a ‘‘cap’’ of signal that corresponds to the distal *500 nm

of the structure [113]. Recent studies from the Kachar

laboratory used filopodial induction and lengthening in

COS-7 cells as an assay to study interactions between

myosin-3a and the actin bundling protein, espin-1 [118].

The results clearly show that when these proteins are co-

expressed, they function together to stimulate a striking

increase in filopodial length. Moreover, in a manner similar

to myosin-15a and whirlin, the fluorescence intensity dis-

tributions of myosin-3a and espin-1 are nearly identical at

the tips of filopodia, further suggesting that myosin-3a is

actively enriching espin-1 at the distal ends. Indeed, careful

examination of image data revealed that these proteins

colocalize in small puncta along the length of filopodia.

The model that emerges suggests that myosin-3a is spe-

cifically transporting espin-1 to the tips of stereocilia,

where it can incorporate into the plus-end of the PAB and

promote bundle lengthening [113]. In contrast, recent

experiments with the MyTH4/FERM domain containing

motor, myosin-7a [114] suggest that this motor functions in

the tip-ward transport of twinfilin-2, which may play a role

in inhibiting actin polymerization and limiting stereocilia

growth.

In contrast to myosins-15a, -3a and -7a, which facilitate

the distal tip accumulation of critical cargo molecules,

myosin-6 has been shown to prevent the movement of

specific components into the stereocilium, restricting these

cargoes to the base. In particular, myosin-6 interacts with

PTPRQ, a fibronectin domain-containing protein that

localizes specifically to the base of stereocilia and con-

tributes to the specialized membrane architecture in this

region [119] (Figs. 3, 5). Studies in Snell’s Waltzer mice,

which are a functional null for myosin-6, show that the

normally restricted PTPRQ localization is perturbed.

Instead, a uniform distribution of PTPRQ along the full

length of stereocilia is observed. These studies indicate that

myosin-6 and presumably its minus-end directed motor

activity play a role in concentrating specific proteins at the

base of stereocilia and preventing their diffusion into the

stereocilium [119].

Membrane-cytoskeleton adhesion in PSPs

An additional function for myosin motors in PSPs becomes

evident when we consider cells exhibiting high densities of

adjacent protrusions on their surface (here density is

defined as the number of PSPs per unit membrane area). As

discussed above, one of the dominant forces controlling

PSP architecture is membrane surface tension (r). Surface

tension can be thought of as an ‘‘in plane’’ stiffness, which

tends to minimize membrane surface area and oppose

membrane deformation. When a single actin bundle pro-

trudes from the cell membrane, as in the case of a

filopodium, surface tension functions to keep the plasma

membrane wrapped tightly around the protruding actin

bundle, minimizing the area of deformed membrane.

However, when a second bundle is forced to protrude

immediately adjacent to the first, surface tension functions

to promote the coalescence of the two bundles into a single

protrusion (Fig. 4). Therefore, if cellular function requires

a high surface density of PSPs, as in the case of enterocyte

microvilli or hair cell stereocilia, there must be a mecha-

nism in place to stabilize individual structures and prevent

coalescence.

To stabilize a high surface density of PSPs, cells provide

the plasma membrane with a mechanism for adhering to

the underlying actin cytoskeleton. Indeed, the ability of
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cells to adopt complex non-spherical shapes can be

attributed to extensive physical bonding with the cyto-

skeleton, referred to herein as membrane-cytoskeleton

adhesion. Previous biophysical studies of membrane

mechanics have shown that membrane-cytoskeleton adhe-

sion (c pN nm/nm2) sums with the membrane surface

tension (r N/m) to create an ‘‘apparent’’ membrane tension

(TApp N/m) [120]. The fraction of TApp occupied by c is

substantial, *50% in cultured epithelial cells [121, 122].

Connections to the underlying actin cytoskeleton are

known to be important for the control of TApp, yet few

studies have explored the direct impact of specific mol-

ecules on membrane-cytoskeleton adhesion, and thus the

mechanical properties of the cell membrane. The most

obvious candidates for contributing to adhesion are those

proteins that can simultaneously bind to membrane and

F-actin, e.g., ezrin/radixin/moesin (ERM) family proteins

[25]. While the contribution of ERM proteins to mem-

brane mechanics has yet to be confirmed with

biophysical studies, cell biological data do suggest that

ezrin plays a role in the stability of the microvillar

morphology in retina [24] and intestine [26]. As several

members of the myosin superfamily are known to inter-

act either directly or indirectly with cellular membranes

[81], these actin-based motor proteins are also prime

candidates for controlling interactions between the

plasma membrane and actin cytoskeleton. Below we

consider the function of myosin motors in two biological

contexts where maintaining high levels of membrane-

cytoskeleton adhesion is essential: enterocyte microvilli

and hair cell stereocilia.

Adhesion in microvilli

In the context of microvilli, recent studies implicate the

monomeric motor, myosin-1a, in the control of membrane

mechanics. As discussed above, myosin-1a is one of the

most abundant components of the enterocyte microvillus

and was first observed in ultrastructural studies, forming

lateral bridges that linked apical membrane to underlying

actin core bundles [23] (Figs. 3, 5). As a monomeric

membrane-binding motor that binds to acidic phospholip-

ids [92], myosin-1a is ideally suited to contribute to

adhesion in this cellular context. Analysis of the myosin-1a

knockout mouse provided some of the first data to highlight

the significance of membrane-cytoskeleton adhesion in the

elaborate architecture of enterocyte brush border [17].

Ultrastructural studies of knockout brush borders showed

that the absence of myosin-1a leads to the formation of

large herniations, i.e., regions of apical membrane that

have detached from underlying actin core bundles. The

observed herniations are likely driven off the brush border

by the ‘‘outward’’ hydrostatic pressure exerted by the

cytosol, in the absence of adhesion normally provided by

myosin-1a.

More recent biophysical studies have sought to test this

hypothesis directly [122]. Using an optical trap, Nambiar

and colleagues directly measured the amount of force

required to deform the plasma membrane in brush borders

isolated from myosin-1a knockout mice. The results of a

simple force-extension assay clearly show that the effective

stiffness of the membrane-cytoskeleton interaction in brush

borders lacking myosin-1a is *tenfold lower relative to

wild-type samples. These investigators also carried out

measurements in live epithelial cells, showing that levels of

membrane-cytoskeleton adhesion could be manipulated by

expressing a dominant negative myosin-1a (consisting of

only the C-terminal lipid binding domain) to reduce

apparent membrane tension, or over-expressing full-length

myosin-1a, which increased tension. These results were

extended to include other class I myosins and non-epithe-

lial cell types, suggesting that the control of membrane-

Fig. 4 Membrane protrusion coalescence. a In the case of a single

protrusion, membrane tension functions to keep the plasma membrane

closely associated with the underlying actin bundle. b If a second

protrusion forms too close to the first, tension will force the actin

bundles to coalesce into a single protrusion. c Two adjacent

protrusions are stabilized by the presence of high levels of

membrane-cytoskeleton adhesion (provided by red linker molecules),

which serves to counter coalescence
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cytoskeleton adhesion may be a general class-wide func-

tion for these membrane and actin linking motors.

As mentioned previously, myosin-1a has also been

shown to function in the release of vesicles from the tips of

enterocyte microvilli [28]. How might myosin-1a simul-

taneously function in microvillar membrane shedding and

membrane-cytoskeleton adhesion? These two activities

appear to have very distinct kinetic requirements. In the

case of membrane movement and the enrichment of spe-

cific components at the tips of microvilli (see above), a

dynamic population of motors is required. However, a role

in adhesion would benefit from a more static ensemble of

cross-linker molecules. Interestingly, recent single mole-

cule studies with the class I motor, myosin-1b, provide

direct evidence that class I myosins may be able to switch

between low and high duty ratio states in response to even

small opposing loads, *2 pNs [123]. In the context of

myosin-1a function, a low duty ratio state would be more

appropriate for the repeated ATPase cycling required to

move apical membrane along core actin bundles. However,

myosin-1a in a high duty ratio state would be better suited

for contributing to membrane-cytoskeleton adhesion. Does

myosin-1a switch between these two states to fulfill all of

its responsibilities in the microvillus? Does the interaction

between myosin-1a and the apical membrane even provide

enough ‘‘resistance’’ to increase the duty ratio of myosin-

1a in a load-dependent manner? More detailed studies of

the molecular mechanism underlying myosin-1a/membrane

interactions will be needed before we can answer these

questions.

Adhesion in stereocilia

The PSPs produced and maintained by cochlear hair cells

are subject to many of the same physical demands as brush

border microvilli. Hair cells maintain a large number of

closely spaced stereocilia and must employ specific

mechanisms to prevent the coalescence of protruding actin

bundles. Interestingly, a large-scale genetic screen in Italy

revealed that a subset of sensorineural deafness is associ-

ated with eight distinct point mutations in myosin-1a [124].

Although myosin-1a mRNA has been detected in cochlear

samples, there is currently no information available on the

localization or function(s) of this motor in the ear. How-

ever, myosin-1a is only one of eight class I myosins

expressed in vertebrates; is it possible that other myosin-I

isoforms are expressed in hair cells and fulfill a role similar

to that observed for myosin-1a in enterocyte microvilli?

Indeed, myosin-1c is highly expressed in cochlear and

vestibular hair cells and is known to localize to stereocilia

[125]. Most of the functional studies on myosin-1c have

focused on elucidating its role in the mechanotransduction

process. Physiological studies suggest that the kinetics of

myosin-1c binding to actin dictate the time course of the

adaptation process that allows hair cells to control the

sensitivity of mechanotransduction [126]. Given that this

topic has been discussed in great depth in other recent

reviews, we refer the reader to these discussions for more

information on this aspect of myosin-1c function [127].

Although transduction machinery (e.g., tip links, trans-

duction channels) localizes to the tips of stereocilia and

numerous studies certainly suggest that myosin-1c plays a

role in this process [126–128], the steady-state localization

of this motor implies that it may have additional respon-

sibilities in the hair bundle. Immunofluorescence labeling

[129, 130] and the expression of EGFP-tagged myosin-1c

[113] both reveal that this motor is distributed along the

entire length of stereocilia in a manner similar to myosin-

1a in microvilli. Myosin-1c binds tightly and specifically to

the highly charged phosphoinositide, PIP2, which has been

shown to mediate membrane-cytoskeleton adhesion in

other cell types [131, 132]. This important lipid is found

throughout the stereocilium, yet it becomes highly enriched

toward the distal tip, and its presence is required for the

proper function of the transduction apparatus [133]. Myo-

sin-1c also binds to the PH domain containing protein,

PHR1; this protein could provide an additional mechanism

Fig. 5 Roles for myosin motor proteins in membrane protrusions. A

cartoon of a generic membrane protrusion (i.e., a composite of

filopodia, microvilli and stereocilia), depicting general features and

possible roles for many of the myosins discussed in this review.

Motors colored in red are those myosins (myosins-3a, -10 and -15a)

that are likely to function in plus-end directed transport within PSPs.

Myosins colored blue are plus-end directed motors (myosins-1a and

-7a) that are likely contributing to membrane-cytoskeleton adhesion

along the length of core actin bundles. Colored yellow is myosin-6,

the sole minus-ended directed motor that may play roles in both

membrane-cytoskeleton adhesion and transport of components

toward, or retention at, the base of PSPs
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for indirectly binding to the membrane or simply increase

the affinity of this motor for membrane lipids [134]. If

myosin-1c shares the load-dependent kinetics demonstrated

by myosin-1b [123] and membrane attachment provides

mechanical resistance, the result would be a high duty ratio

membrane-cytoskeleton linker for the stereocilium.

Other myosins that may play a role in the maintenance

of membrane-cytoskeleton adhesion in the context of

stereocilia are myosin-7a, and the minus-end directed

motor, myosin-6 (Figs. 3, 5). Myosin-7a is a high duty

ratio motor [135] enriched at the base of stereocilia,

where supporting actin bundles appear to taper as they

enter the apical surface of the hair cell [136, 137].

Mutations in this motor have been linked to deafness in

Shaker mice and humans with Usher syndrome [138,

139]. Shaker mice produce fused stereocilia and disor-

ganized hair bundles during cochlear development [140].

Because stereocilia formation is still initiated in the

absence of functional myosin-7a, this motor is clearly

playing a role in the later processes, such as the main-

tenance of these PSPs. Other studies have revealed that

myosin-7a interacts with a number of proteins that are

critical for stereocilia structure and function. These

include cadherin-23 [141], protocadherin-15 [142] and

vezatin [143]; myosin-7a can either bind directly to these

proteins or indirectly via the multi-PDZ domain contain-

ing protein, harmonin [141, 144]. Both cadherin isoforms

and vezatin are transmembrane proteins that may enable

myosin-7a to link plasma membrane to underlying cyto-

skeleton. These interactions may also be important for

creating adhesion between adjacent stereocilia and thus

the maintenance of hair bundle organization [145]. These

data suggest that myosin-7a may play an important role

not only in creating adhesion between plasma membrane

and cytoskeleton, but also between plasma membrane and

the external substrates. This model is reminiscent of

myosin-7 function in the slime mold Dictyostelium; here

this motor clearly plays a role in adhesion dynamics at the

cell/substrate interface via a physical interaction with talin

[146, 147].

Snell’s waltzer mice, which are functionally null for

myosin-6, are unable to hear and demonstrate major defects

in balance and coordination [148, 149]. Cell biological

studies have also revealed gross morphological perturba-

tions in cochlear hair bundles [150]. Indeed, striking

scanning electron micrographs clearly show that, in the

absence of myosin-6, the apical membrane between stere-

ocilia is poorly anchored. This results in a high incidence

of stereocilia coalescence and defective mechano-trans-

duction. Although the molecular details of how myosin-6

interacts with membrane lipids or proteins in stereocilia

and contributes to membrane-cytoskeleton adhesion are

unknown, recent studies indicate that dimer formation and

mechanical coordination between myosin-VI motor

domains are critical for these functions [151].

Conclusions

In summary, we have provided a comprehensive review of

the factors that regulate the architecture of PAB-supported

membrane protrusions, with a specific focus on the myosin

motors that are known to enrich in these structures. In the

case of protrusion formation, force production by actin

polymerization and structural support provided by actin

crosslinkers are critical factors that enable cells to deform

the plasma membrane. However, cells rely on myosin

motors to overcome the physical barriers that are inherent

to the unique geometry of these structures. Indeed,

mounting evidence suggests that plus-end directed myosins

play roles in the transport of critical regulatory components

to the tips of PSPs (Fig. 5, red); in contrast, the minus-end

directed motor myosin-6 is needed to capture specific

molecules and prevent them from traveling out into these

protrusions (Fig. 5, yellow). Additional complications arise

in cases where large numbers of protrusions are required to

extend from the same cell surface (e.g., microvilli and

stereocilia); here, myosins play a role in linking membrane

to the actin cytoskeleton and thus preventing coalescence

of adjacent protrusions (Fig. 5, blue).

Although the field has made great progress toward elu-

cidating the molecular mechanisms underlying protrusion

architecture in recent years, several outstanding questions

remain. For example, cargo molecules have been discov-

ered for several myosins, but in general the list of myosin

interacting components is short, and many myosins have no

known binding partners. Therefore, biochemical studies

aimed at defining the components that specific PSP myo-

sins interact with should be high on the priority list of

experiments. A second unanswered question relates to the

interplay between myosin dynamics and actin dynamics.

Actin polymerization at the tips of PSPs is believed to exert

force against the plasma membrane. One consequence of

this force is that core PABs are constantly being pushed

back toward the cell, i.e., undergoing retrograde flow. Do

myosins ‘‘feel’’ and respond to retrograde flow? Do myo-

sin-derived forces contribute to retrograde movement of

PABs? While available data have suggested interesting

links between actin dynamics and function of myosins that

are found in PSPs [34], the nature of this interplay and its

importance in the control of protrusion architecture

remains unclear. Finally, we propose that future studies

should take advantage of the unique architecture of PSPs to

image myosin molecules carrying out their functional roles

in living cells, and perhaps even at the resolution of single

molecules. While this work has already begun in filopodia,
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live cell trafficking observations have been difficult to

obtain in microvilli and stereocilia. This is undoubtedly

based on the fact that both of these PSPs extend from the

cell surface into space, without adhering to an extracellular

substrate. To circumnavigate this problem, cell biologists

will need to develop methods for immobilizing these pro-

trusions to enable imaging studies with high temporal and

spatial resolution. Combined with the recent development

of specialized live cell imaging hardware, including high

sensitivity, cooled EM-CCDs, these experiments will pro-

vide unprecedented insight into the mechanisms underlying

myosin-based movement and adhesion in these unique

structures.
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