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I n t r o d u c t i o n  

Fundamental cell processes as diverse as constitutive se- 
cretion, triggered exocytosis, membrane recycling, pro- 
tein trafficking, fertilization, and enveloped virus infec- 
tion involve a rearrangement of biological membranes--  
membrane fusion. Two membranes merge into one with 
a joining of the aqueous volumes they initially separated. 
Impressive progress has been achieved on the isolation 
and characterization of some of the components of the 
machinery that brings membranes into contact and fuses 
them in a tightly regulated time- and site-specific manner 
[7, 106, 132]. 

It is thought that biological membrane fusion is me- 
diated by specialized 'fusion' (or 'fusogenic') proteins, 
which change their conformation upon interaction with 
specific triggers [132]. The "simplest" class of fusion 
reactions is used by enveloped viruses to enter host cells. 
In 'viral' fusion only one specialized envelope protein 
(e.g., the well characterized influenza hemagglutinin 
(HA)) is required to mediate fusion of bound membranes 
[132]. Some specific mutations of these fusion proteins 
cause complete loss of their ability to mediate fusion. 
For a number of nonviral biological fusions, where the 
specific fusion proteins remain unknown, fusion is in- 
hibited by treatments that modify membrane proteins 
[106, 123]. Proteins involved in triggered and constitu- 
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five exocytosis and other fusion reactions are rapidly 
being identified [106]. However,  even a thorough 
knowledge of each player's personality does not yield an 
understanding of the rules of a game. Although the crys- 
tal structure of the ectodomain of influenza HA is known 
for both neutral and low pH forms [7, 134], the molec- 
ular mechanism(s) underlying the merger of two mem- 
branes in hemagglutinin-mediated fusion is (are) still un- 
clear. We do not know if membrane fusion in disparate 
biological processes proceeds via different mechanisms 
having different structural intermediates, each com- 
pletely dependent on the specific fusion protein involved. 
Can fusion be described only in terms of protein confor- 
mational changes and protein-protein interactions, with 
lipid acting as a passive lubricant? Or, is there some 
stage of membrane fusion that is dependent on the prop- 
erties of membrane lipid bilayers and common to differ- 
ent biological fusion reactions? The data that we will 
review in this work support the latter hypothesis. 

We will show that diverse biological and model fu- 
sion reactions may be modulated by altering membrane 
lipid composition. The effects of different lipids on 
membrane fusion correlate with their ability to support 
the formation of different nonbilayer structures. We will 
describe a theoretical model of membrane fusion as a 
consecutive formation of transient and local nonbilayer 
intermediates. The energetics of these intermediates will 
be shown to depend on the bending elastic properties of 
lipid monolayers. The concept developed here is that 
while biological fusion is driven mainly by proteins, 
there is an unavoidable stage of the actual merger of 
membranes which is modulated by the properties of lipid 
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bilayers. At this stage, different fusion reactions con- 
verge to the same types of structural intermediates, 
driven by the same physical forces. 

Membrane Lipid Composition Modulates 
Biological Fusion 

Biological membranes are dynamic structures with a 
lipid composition known to be very asymmetric and het- 
erogeneous. Although the exact lipid composition of the 
membrane site involved in membrane fusion is hardly 
ever known, there are a number of approaches that allow 
a significant alteration of the net lipid composition of 
biological membranes or at least outer membrane mono- 
layers [18, 48, 49, 104, 108]. The simplest and most 
universal way of changing lipid composition of practi- 
cally any membrane, including those expressing fusion 
proteins, is to add exogenous lipids which incorporate 
into membranes. 

We studied the effects of lipids on four diverse bi- 
ological fusion processes: sea urchin egg cortical exocy- 
tosis, mast cell degranulation, rat liver microsome--  
microsome fusion and syncytia formation of baculovirus 
infected insect cells triggered by Ca 2+, GTP-'~-S, GTP 
and H +, respectively [16]. The addition of lysolipids (a 
class of naturally-occurring phospholipids) to the me- 
dium brings about fast (within 5 rain), dose-dependent, 
and potent inhibition of all four fusion reactions (Fig. 1). 
At inhibiting concentrations, incorporated lysolipids 
comprise approximately 5-10% of the membrane lipids. 

Lysophosphatidylcholine (LPC)also  inhibit myo- 
blast fusion [108], protein trafficking between successive 
cisternae of the Golgi stack [37], chromaffin cell degran- 
ulation (R. Holz, personal communication) and fusion of 
liposomes with Sendai virus [136] and Semliki Forest 
virus (J. Wilschut, personal communication). Paradoxi- 
cally, for a long time lysolipids were considered to pro- 
mote rather than inhibit fusion. However, 'fusogenic' 
effects of lysolipids are observed mainly in the nonphys- 
iological erythrocyte-erythrocyte fusion and only at 
higher, lytic concentrations of LPC [100]. Interestingly, 
lysolipids, even at lytic concentrations, never promote 
Ca 2+, low pH, or GTP-dependent biological fusion in the 
experimental systems studied [16]. 

Fusion inhibition can not be attributed to any spe- 
cific chemical moiety of lysolipids [16]. Zwitterionic 
LPC and lysophosphatidylethanolamine, and negatively 
charged lysophosphatidylserine and lysophosphatidyl- 
inositol, as well as a set of LPCs varying in the lengths 
of hydrocarbon chains and extent of unsaturation all had 

Abbreviations: LPC, lysophosphatidylcholine; OA, oleic acid; AA, 
arachidonic acid; PE, phosphatidylethanolamine; PC, phosphatidylcho- 
line; HA, influenza virus hemagghitinin. 
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Fig. 1. Inhibition of biological membrane fusion by lysolipids. (A) We 
show oleoyl LPC-induced inhibition of GTP-dependent fusion of rat 
liver microsomes (C]); calcium-triggered cortical exocytosis (O); and 
pH-induced fusion of insect cells infected by baculovirus (C)). Mem- 
brane fusion in these experimental systems was quantified by de- 
quenching of fluorescent lipid, by light scattering assay, and by count- 
ing of cells in syncytia, respectively. Each point is mean + sE, n = 3, 
normalized to fusion response in the absence of exogenous lipid. (B) 
Capacitance traces of mast cells in the presence and absence of 9.6 ~tM 
oleoyl LPC in the pipette solution. The time at which the whole-cell 
configuration was established is taken as zero. Adapted from [16]. 

similar effects on exocytosis and viral fusion. In addi- 
tion to these natural lipids, the synthetic surfactant 
Tween 80, having a nonionic polar head quite different in 
structure from that of lysolipids, also inhibits fusion. 
Experiments with synthetic surfactants show that this 
inhibition is not caused by any products of lysolipid bi- 
ological transformation. 

Not all lipids inhibit cell-cell fusion when added 
exogenously. Dioleoyl and dicapryl phosphatidylcho- 
lines and palmitic acid have no visible effects [16]. Cis- 
unsaturated fatty acids actually promote biological fu- 
sion. A 5-min incubation of cells infected by baculovi- 
rus with arachidonic or oleic acid (AA and OA, 
respectively) results in a significant increase (up to 40%) 
in the number of cells forming syncytia upon subsequent 
application of low pH medium [13]. Cis-unsaturated 
fatty acids also promote endosome-endosome fusion 
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[79], Ca2+-triggered fusion of chromaffin granules [19], 
and GTP-dependent fusion of microsomes [96]. 

Both inhibition and promotion of biological fusion 
by exogenous lipids are completely reversible. Removal 
of the short-chain lysolipids (e.g., lauroyl LPC) by sim- 
ply washing the membranes with fresh buffer, restores 
the original fusion competence of the membranes [16, 
124]. The fusion competence of membranes treated with 
oleoyl LPC or AA can be restored only by perfusion with 
buffer containing fatty acid-free bovine serum albumin 
[16, 124]. Presumably, these lipids are harder to extract 
from membranes because of their longer hydrocarbon 
chains. Thus, both inhibition and promotion of fusion by 
specific changes in membrane lipid composition are not 
mediated by any irreversible effects such as cell lysis, 
irreversible inactivation, or solubilization of membrane 
components. 

Modulation of biological fusion by membrane lipids 
is also found when other techniques are utilized to alter 
membrane lipid composition. Replacing phosphatidyl- 
choline (PC) with phosphatidylethanolamine (PE) pro- 
motes both virus--liposome [6, 51] and sea urchin egg 
cortical granule--liposome fusion (S. Vogel and L. 
Chernomordik, unpublished results). In many cases, fu- 
sion is facilitated by inclusion of cholesterol into the 
liposome composition [91, 122]. 

Biological fusion involves the establishment of 
proper membrane contacts; activation of fusion proteins 
upon interaction with a specific effector (trigger), e.g., 
Ca 2+, H § and GTP, or by receptor binding; merging of 
membranes either following or preceding the opening of 
the fusion pore, and finally; the expansion of this pore. 
What stage of the fusion reaction is lipid sensitive? This 
question was specifically addressed in [124]. Because 
lysolipids inhibit fluorescent membrane dye redistribu- 
tion between fusing membranes, for H§ viral 
fusion, for Ca2§ exocytosis [124] and for GTP- 
dependent microsome-microsome fusion [16], lipids af- 
fect biological membrane fusion at a step prior to actual 
membrane merger. We know also that LPC arrests mast 
cell degranulation at a stage preceding fusion pore for- 
mation [16]. In beige mouse mast cells internally per- 
fused with LPC, there is no indication of even a single 
conductance flicker of a fusion pore--the transient aque- 
ous pathway between two membrane compartments dur- 
ing their fusion (Fig. 1B). On the other hand, the lipid- 
sensitive stage follows the triggering step. In these ex- 
periments, short-chain lauroyl LPC is present during a -1 
rain application of a specific trigger (low pH for bacu- 
lovirus-mediated fusion and Ca 2+ for cortical granule 
exocytosis), and most of the fusion is inhibited. Fusion, 
however, commences upon withdrawal of lysolipids 
[124], demonstrating that triggering causes the formation 
of an 'activated state' which is lipid sensitive but does 
not require the continued presence of trigger to later 
develop into the fully fused state. The reversible char- 

acter of lysolipid inhibition allows us to functionally un- 
couple triggering from steps involving membrane 
merger. 

The conclusion that the lipid-sensitive stage follows 
the triggering event was further substantiated by the ob- 
servation that exogenous lipids do not need to be present 
during triggering in order to affect fusion. Lysolipids 
and cis-unsaturated fatty acids inhibit and promote bac- 
ulovirns-mediated fusion, respectively, even when added 
immediately after application of low pH pulse [13, 124]. 
Finding that lipids affect biological fusion downstream 
of triggering explains why the effects of the lipids are 
common for very diverse fusion reactions. 

To summarize, membrane lipid composition dramat- 
ically affects biological fusion at a trigger-independent 
stage prior to actual merger of membranes. The same 
lipids inhibit (e.g., LPC) and promote (e.g., AA) such 
contrasting biological fusion reactions as calcium- 
triggered exocytosis and low pH-triggered viral fusion, 
which vary in characteristic rates [1] and in the type of 
membrane leaflets which make the initial contact ("en- 
doplasmic" vs. "exoplasmic" fusion [119]). 

Lipids Affect Biological Fusion and Lipid Bilayer 
Fusion Similarly 

Lipids govern some important biological reactions via 
direct interactions with proteins [3, 135]. Lipids may 
modulate biological fusion acting as specific receptors or 
even as cofactors changing the conformation and activity 
of the proteins involved. For effects of this type, one 
may expect specific dependence of fusion on small 
amounts of particular lipids, and this is true for depen- 
dences of membrane fusion of Semliki Forest virus on 
the presence of cholesterol [6, 58, 131] and sphingolipids 
[89] in the target membrane. Lipids could also affect the 
lateral association of fusion proteins into multimolecular 
complexes presumably required to drive membrane 
merger [38, 60], and alter the mode of insertion of the 
fusogenic peptide into the target membrane [78]. Fusion 
inhibition and promotion may be mediated by lipid in- 
teraction either with membrane proteins or other lipids. 
The latter hypothesis is supported by a number of studies 
carried out on model lipid bilayers. 

The relative simplicity of model systems based on 
purely lipidic bilayers invites their use to study molecu- 
lar mechanisms of membrane fusion. Some of these ex- 
perimental models and, in particular, planar lipid bilayer 
fusion to phospholipid vesicles (liposomes) [34] or to 
other planar lipid bilayer [15], allow one not only to 
control the total lipid composition of membranes but also 
to independently alter the lipid composition of different 
monolayers of the membranes. Hereafter, the lipid 
monolayers which make the initial contact of two mem- 
branes will be referred to as 'contacting monolayers'. 
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The monolayers which are not exposed initially toward 
the gap between the membranes will be called 'distal 
monolayers'. 

Fusion of planar lipid bilayers includes two distinct 
stages [15]. First, lipids of the membranes' contacting 
monolayers merge to form a single bilayer in a contact 
region. This step of membrane interaction, referred to as 
'monolayer fusion' or 'hemifusion', occurs before (or 
sometimes without) the second and subsequent step, 
complete fusion, when an aqueous pathway (fusion pore) 
develops between aqueous volumes initially separated by 
the membranes. The walls of this pore are formed by the 
merged distal monolayers of the membranes. The exis- 
tence of the hemifusion stage in the fusion of planar lipid 
bilayers was proven by a number of experimental ap- 
proaches [15, 74, 88] including the demonstration that 
the specific capacitance of the contact region coincides 
with that of a single bilayer [15]. Hemifusion was also 
reported for liposome-liposome [2, 24, 27, 105], lipo- 
some-planar lipid bilayer interaction [98], and lipid bi- 
layers formed on the surface of mica cylinders [46]. As 
discussed in detail below, hemifusion may also occur 
with biological membranes. 

We found that hemifusion and complete fusion of 
lipid bilayers are actually controlled by the composition 
of different membrane monolayers. In [11], liposomes 
were labeled by porin ion channels and a fluorescent 
lipid at self-quenching concentrations. The incorpora- 
tion of porin channels into planar bilayers at each fusion 
event during osmotically driven complete fusion was ob- 
served as conductance jumps. Merger of membranes, for 
either hemifusion or complete fusion, are observed as 
flashes of dye redistribution. Combining electrical mea- 
surements and fluorescence microscopy allowed us to 
distinguish different stages of fusion. Spontaneous, os- 
motically-independent hemifusion of liposomes to planar 
lipid bilayers was promoted by the presence of PE in the 
liposome membrane and dramatically inhibited by add- 
ing LPC to the contacting monolayers of membranes. 
No inhibition was observed when AA was used instead 
of LPC in similar experiments. Addition of LPC to mod- 
ify the distal monolayer of the planar bilayer also had no 
effect on monolayer fusion but promoted complete fu- 
sion. In contrast, modification of the distal monolayer of 
planar bilayer by AA resulted in a dramatic inhibition of 
complete fusion. Similar results were reported for the 
model of two planar bilayers: LPC inhibits hemifusion if 
added to membranes' contacting monolayers, and pro- 
motes complete fusion if added to the distal membranes 
monolayers (Fig. 2) [15]. 

In general, the lipid dependence of fusion described 
for the purely lipid bilayers is very similar to those re- 
ported for biological fusion. In addition to protein- 
mediated fusion (see above), PE supports fusion much 
better than PC in liposome-liposome [25, 133], lipo- 
some-planar bilayer [17], and planar bilayer-planar bi- 
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Fig. 2. Adding LPC to different monoiayers of planar lipid bilayers 
affects different stages of membrane interaction. Current response of 
two solvent-free planar lipid bilayers of PE to a linear voltage sweep of 
100 V/s with an amplitude _+20 mV applied by the generator G was 
recorded at the output of the operational current amplifier A with 
grounded electrolyte solution in compartment II. At t = 0 membranes 
were brought into contact. The arrowheads indicate the initiation of 
hemifusion characterized by a drastic increase in the capacitive current 
and by a qualitative change in the character of the capacitive response 
[15, 88]. The following increase of the current corresponds to steady 
growth of the contact bilayer area (curves 1, 2 and 3). Fusion pore 
formation (arrow in curve 1) is characterized by many orders of mag- 
nitude increase in the current measured, again with simultaneous 
change of the character of current oscillogram. 5 gM egg LPC added 
into peripheral compartments of the experimental cell (compartments I 
and III) to incorporate into distal membranes' monolayers caused the 
spontaneous transformation of hemifusion into complete fusion (curve 
1). 0.5 JI,M egg LPC added between membranes (compartment II) in- 
creased the waiting time, thf, of hemifusion (curve 3) in comparison 
with the control experiment, where no LPC was added (curve 2). Ad- 
dition of LPC to compartment II to higher final concentrations further 
increased thf [14]. (Courtesy of Dr. Grigory Melikyan). 

layer [14, 15] fusion. Cholesterol promotes fusion of 
lipid bilayers [14, 133]. LPC inhibits fusion of model 
lipid bilayers (Table) along with diverse biological fu- 
sion reactions. LPC promotion of PEG-induced lipo- 
some-liposome fusion (73a) is apparently related to the 
LPC effects on distal membrane monolayers (73b). Un- 
saturated fatty acids promote liposome-liposome fusion 
and biological fusion if present in the contacting mem- 
brane monolayers (Table). In contrast, inhibition of li- 
posome-planar bilayer fusion by AA added to the distal 
monolayer of the planar bilayer imitates the inhibition of 
cortical granule exocytosis in sea urchin eggs by adding 
AA to the outer leaflet of the egg plasma membrane 
(topologically, corresponding to the distal membrane 
monolayer) [26]. Thus, in biological fusion, as in lipid 
bilayer fusion, the same lipids may promote or inhibit 
membrane fusion if added to different membrane mono- 
layers (Table). 
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Table. Effects of lysophosphatidytcholine (LPC) and arachidonic acid (AA) on membrane fusion depend on which side of the membranes the 
exogenous lipid is added 

Contacting monolayers Distal monolayers 

Biological fusion Model bilayers Biological fusion Model bilayers 

LPC 

AA 

Inhibition: Inhibition: Promotion: Promotion: 
Exocytosis [16, 124] BLM-BLM a [14] Exocytosis [75] BLM-BLM [15] 
Viral fusion [16, 124, 136] LS-BLM b [11] LS-BLM [lll 
Intracellular fusion [16, 37, 96] LS-LS r [78, 136] 

Promotion: Promotion: Inhibition: Inhibition: 
Exocytosis [19] LS-LS [80] Exocytosis [26] LS-BLM [11] 
Viral fusion [13] (but no effect LS-BLM [11]) 
Intracellular fusion [79, 96] 

a BLM-BLM stands for the experimental system of two planar lipid bilayers. 
b LS-BLM stands for liposome fusion to planar lipid bilayer. 
~ LS-LS stands for liposome-liposome fusion. 

Biological Fusion Involves Formation of Local and 
Transient Intermediates 

Ultrastructural analysis of  exocytofic events show fusion 
pores of 20-150 nm in diameter [8, 9, 21, 61, 95]. These 
pores have smoothly-fractured walls indistinguishable 
from those of fractured bilayer lipid membranes. Elec- 
trophysiological  recordings of  exocytosis  and viral- 
induced syncytia formation yielded kinetic information 
on smaller fusion pores. After fusion is triggered, a de- 
lay is encountered, lasting as short as 100 gsec in syn- 
aptic transmission and as long as 100 sec in influenza 
HA-mediated fusion [81, 82, 116, 140]. Following this 
delay, a small fusion pore forms connecting the lumens 
of two membrane compartments [5, 115, 142, 140]. The 
initial conductances of the smallest, initial fusion pores 
varies between 20-1000 pS suggesting that pore diame- 
ters range from 1 to 7 nm. After formation, the fusion 
pore conductance varies continuously in time [21, 84, 
115, 142]. It either closes completely or continues to 
fluctuate in the 0.6 to 20 nS range with a mean around 3 
nS [21, 87, 139] eventually opening at a relatively rapid 
rate. 

Fusion pore formation has also been inferred from 
the rates of movement  of aqueous dyes through the fu- 
sion junction. In HA-mediated cell-cell fusion, NBD- 
taurine flax is explained by I'a~lttiple small pores, since 
hemoglobin did not redistribute for several minutes 
[107]. Lipid dye is always seen to move prior to aqueous 
dye. These data support the notion that the fusion junc- 
tion may be comprised of several small pores, having a 
significant perimeter for lipid dye flux, while impeding 
aqueous dye [140]. 

Is the initial fusion pore proteinaceous [1], or is the 
wall of  the pore formed at least partially by lipids [83, 
141]? The latter hypothesis is supported by an analysis 
of  the conductance distributions of  exocytotic fusion 

pores [87], temperature dependency of the rate constants 
for fusion pore formation [93] and the similarity between 
some characteristics of fusion pores and those developed 
in exocytolic granule membrane under high electric field 
[92]. We also know that fusion pores form even when 
HA-expressing cells fuse with purely lipid bilayers and 
these pores are qualitatively similar to those observed in 
HA-mediated cell-cell fusion [81, 82]. 

Is aqueous continuity established first, or does it 
follow the formation of lipidic continuity? Lipid flux 
during fusion pore formation and growth has been mea- 
sured with simultaneous electrical and fluorescent exper- 
iments [120, 140]. In both studies, membrane dye (Di-I 
or R-18) was originally only on one of two cells that 
were to fuse, and only after fusion pore conductance 
grew to more than its initial value did dye move, some- 
times minutes later. These results argue against hemifu- 
sion as an early stage of biological fusion. 

On the other hand, strong evidence for a hemifusion 
intermediate prior to fusion pore formation is reported in 
a recent paper by Kemble et al. [57]. These authors have 
replaced the transmembrane domain of HA with a gly- 
cosylphosphatidylinositol, GPI, a lipid that anchors HA 
in the external leaflet of cell plasma membrane. Upon 
application of low pH this mutant HA mediates only 
hemifusion i.e., redistribution of lipid dye with no flux of 
aqueous dye for as long as detected (one hr). Interest- 
ingly, GPI-anchored mutants of HIV gp120/41 are also 
unable to mediate syncytia formation [128]. Earlier find- 
ings were suggestive of hemifusion in other biological 
systems [99, 114, 117]. The fact that the extracellular 
domains of a fusion protein have the power to bring the 
external leaflets of two cells together and merge them to 
form a lipidic junction is highly supportive of the hy- 
pothesis that the wild type HA acts first in the same 
manner, and the transmembrane domains act next to 
merge the distal leaflets to open the fusion pore. If  this 
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Fig. 3. Freeze fracture electron micrograph of phospholipid bilayer lamellae induced to fuse by freezing and thawing. At some of the numerous 
sites of close membrane contact (open arrows) the hydrophobic fracture faces of adjacent bilayers are seen to be connected. Solid arrows point to 
possible extended areas of intermembrane contact. Scale bar = 100 nm. For experimental details see [54]. Reprinted with permission from Hui, S.W., 
Stewart, T.P., Boni, L.T., Yeagle, P.L. 1981. Membrane fusion through point defects in bilayers. Science 212:921-923. Copyright 1981 American 
Association for the Advancement of Science. 

is true, then the lag in lipid flux after fusion pore forma- 
tion in the wild types (discussed above) must reflect 
retardation of lipid dye flux by some other mechanism 
such as immiscibility of lipids, transmembrane domain 
interaction to form a barrier to lipid flux, etc. [143]. 

Theoretical Models of Lipid Intermediates of 
Membrane Fusion 

Thus, the lipid composition of membranes similarly 
modulates diverse biological fusion reactions, where fus- 
ing membranes comprise complex mixtures of different 
lipids and proteins, and fusion of purely lipid bilayers. 
These findings suggest that any membrane fusion in- 
cludes a distinct stage mediated by lipids and common 
for fusion in biological and artificial systems. In addi- 
tion, there are some indications that the initial fusion 
pore in biological fusion may be a lipidic pore. 

In formulating a theoretical model of lipid bilayers 
fusion, we can benefit from the results of morphological 
studies suggesting how the fusion intermediates may 
look. Light microscopy of swollen multilamellar struc- 
ture formed by PC in water reveal necklike structures 

("passages" in [42]) connecting adjacent bilayers). 
Structures mediating fusion of lipid membranes were 
studied by electron microscopy in a system of closely 
packed PC/PE bilayers [54]. The lipid connections 
("contact points" in [54]) between contacting lipid 
monolayers separated by a thin film of water (opened 
arrows in the Fig. 3) observed in this study were inter- 
preted by Hui and coauthors as early fusion intermedi- 
ates. Similar structures of the early intermediates of fu- 
sion or lamella--H u phase transition (see below) were 
reported in some other electron microscopy studies [77, 
112]. The development of these connections results in 
the formation of intermembrane contacts consisting of a 
single bilayer (solid arrows in the Fig. 3). Fusion pore 
development in this contact bilayer completes the reac- 
tion by the formation of passages. 

A stalk-pore model of fusion intermediates devel- 
oped in [12, 14, 15, 65, 67, 77, 73] is close to the mor- 
phological pictures and simple enough to allow reason- 
able physical estimates. In the initial state, the mem- 
branes are separated by a thin layer of water (Fig. 4a). 
An average distance between the bilayers is determined 
by the balance between the Van der Waals attraction [97] 
and the whole set of repulsive interactions including hy- 
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Fig. 4. Stages of lipid bilayer fusion in a 
stalk-pore model [15, 65, 67, 73]. (a) two 
opposed membranes; (b) fluctuation resulting 
in a local close contact between membranes; 
(c) a stalk formation; (d) stalk expansion 
resulting in formation of a contact bilayer; 
(e) formation of a pore in the contact 
bilayer completing the fusion process; (f) 
enlargement of a stalk; (g) enlargement of a 
pore. Dashed lines show the boundaries of 
the hydrophobic surfaces of two monolayers. 
2~5 and 2R are the thickness of the lipid 
bilayer and the diameter of the contact 
bilayer, respectively. 

dration repulsion [102], undulation forces [44] and pos- 
sibly electric repulsion for the charged lipids. Charac- 
teristic values of these distances for neutral monolayers 
of different lipids lie in the range of 1.2-2.2 nm [102]. 
While being on average parallel, the membranes exert 
bending fluctuations (undulations) towards each other 
(Fig. 4b). The first fusion intermediate in the model, a 
stalk, is a necklike structure connecting only the contact- 
ing monolayers of the membranes (Fig. 4c,y'). An alter- 
native model suggests the formation of inverted micelles 
as fusion intermediates [110, 121]. However, the most 
recent analysis indicates that this type of intermediate is 
energetically less probable than stalks [111]. 

The second stage of the fusion process in stalk-pore 
model is a radial expansion of the stalk resulting in for- 
mation of a contact bilayer (Fig. 4d). The contact bilayer 
consists of distal monolayers of fusing membranes. For- 
mation of a fusion pore in the contact bilayer is consid- 
ered the final stage of the fusion process (Fig. 4e, g). The  
pore edge is assumed to be covered by polar heads of 
lipid molecules preventing contact between the hydro- 
phobic interior of the membrane and the surrounding 
water. To simplify theoretical estimations, we approxi- 
mate the shapes of the stalk and the curved parts of the 
monolayers appearing at the further stages of the fusion 
process by rotating the segments of circles about a com- 
mon vertical axis (Fig. 4d, e). 

The essential property of all of these fusion inter- 
mediates is a strong bending of the portions of lipid 
monolayers which form them (Fig. 4c, d,e). Therefore, 
we assumed that the main contribution to the energy of 
fusion intermediates is related to this bending and we 
calculated the bending energies of the lipid structures at 
different stages of fusion [12, 14, 65, 67, 73]. 

Lipids Affect Bending Energy of Monolayers 

The theory of bending elasticity of membranes was de- 
veloped by Helfrich in 1973 [43] for nearly flat mem- 
branes and then extended [40, 59, 66, 68] to describe 
strong bent lipid monolayers. The state of bending of a 
lipid monolayer is characterized in a most general way 

by its two principal curvatures c t and c2, or (what is 
equivalent) by the principal radii of curvature R 1 = 1/c 1 
and R 2 = 1/c2, which are determined at every point of the 
monolayer surface. The monolayers in a stalk and in a 
fusion pore are bent so strongly that the radii of curvature 
are comparable with the monolayer thickness (Fig. 4c- 
e). The material properties of the monolayer are charac- 
terized by the bending rigidity of the monolayer K, and 
by the spontaneous curvature of the monolayer Js. While 
1< has the usual physical meaning of Hookean rigidity 
relating stress and deformation, the spontaneous curva- 
ture Js is a unique feature of an elastic surface which 
accounts for its shape in a stress-free state. The whole 
description of the monolayer bending elasticity is related 
to the so-called neutral surface which keeps its area con- 
stant with bending deformation [68]. 

In a simplified form (with the effects of the Gaussian 
curvature being neglected), the bending energy per unit 
area of the monolayer is given by [43] 

7 = ~ (C 1 + C 2 -- Js) 2 (1) 

The whole energy is obtained by integrating the energy 
density (1) over the neutral surface of the monolayer. 

The bending rigidity of lipid monolayer has the 
same order of magnitude for different lipids and can be 
estimated as 10 k T  [68], where k is the Boltzman constant 
and T is the absolute temperature (1 kT  - 0.7 Kcal/mol). 
In contrast to the bending rigidity, the spontaneous cur- 
vature depends drastically on the kind of lipids in the 
monolayer [41, 62, 76, 101,109]. The spontaneous cur- 
vature manifests itself by the shape of the lipid mono- 
layer in a mesophase formed spontaneously by lipid in a 
fully hydrated state 1. At the same temperature and elec- 
trolyte composition, different lipids form different me- 
sophases such as micelles, which can have the shape of 
cylinders or spheres with hydrophobic interiors (Fig. 5A) 

The propensity of different lipids to form monolayers of different 
shapes is also discussed in the literature using the term 'effective mo- 
lecular shape of lipid' [20, 53, 55, 70]. 
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C 

Fig. 5. The structure of some liquid-crystalline phases formed spontaneously by lipid molecules in water [20, 76, 103]. (A) normal hexagonal phase, 
Hi,--(cylinder micelles)--hydrocarbon chains fill the interior of the cylinders, water is outside; (B) lamellar phase, L, (an alternate sequence of 
planar bilayers and water layers); (C) inverted hexagonal phase, Hm--water is in the interior of the cylinders and hydrocarbon chains fill the gap 
between cylinders; (D) bicontinuous cubic phase. (Adapted with permission from [103].) 

[36], lamellar phases composed of flat monolayers (Fig. 
5B) [76], inverted hexagonal HII phases formed by cy- 
lindrically curved monolayers with water enclosed inside 
the cylinders (Fig. 5C) [41, 76, 101], or bicontinuous 
cubic phases, built up by monolayers having a saddlelike 
shape (Fig. 5D) [62, 76, 109]. The curvature of the 
monolayers in the spontaneously formed structures men- 
tioned above can, in a first approximation, be considered 
as spontaneous curvatures. Since lipid monolayer can be 
bent in different directions (Fig. 5A, C); we have to define 
the sign of spontaneous and geometrical curvatures. Fol- 
lowing the convention used earlier, we will define the 
curvature of a monolayer in the inverted hexagonal H H 
phase as negative. The curvature of a micelle monolayer 
is positive. Lipids which form lamellar phases (e.g., PC) 
have spontaneous curvature close to zero. Lipids which 
form inverted hexagonal HII phase (e.g., unsaturated PE 
or cardiolipin in presence of Ca 2+ ions [20]) or promote 
its formation when added to other lipids (e.g., AA, OA 
[33, 52] and cholesterol [10, 30]) have high negative 
spontaneous curvatures of the radii comparable to the 
thickness of the monolayer. Micelle-forming lysolipids 
(e.g., LPC) have a high positive spontaneous curvature 
[28, 71]. 

The theory of membrane bending elasticity based on 
the concept of bending rigidities and spontaneous curva- 
ture [43] successfully describes the elastic properties of 
both nearly flat and strongly bent monolayers [36]. In 
particular, Eq. 1 quantitatively describes deformations of 
the cylindrical monolayer of the inverted hexagonal H n 
phase under controlled osmotic pressure [64, 69]. The 
values of the bending rigidity for these strongly bent 
monolayers were fairly close to those measured for flat 
monolayers [86]. In addition, the theory of membrane 
elasticity explains [64] the recent paradoxical finding 
that application of osmotic pressures to lipid monolayers 
of the Oil phase of dioleoyl PE changes not only the radii 
of the cylinders but also may drive the hexagonal- 
lamellar-hexagonal sequence of the phase transitions 

[35]. The model describing the competition between the 
elastic energy (Eq. 1) of the H n phase monolayers and 
the energy of interaction of membranes in the lamellar 
phase gives an excellent quantitative description of the 
phase diagrams obtained by two different experimental 
methods without use of any unknown parameters. The 
successful application of the theory of bending elasticity 
for strongly bent lipid monolayers justifies its application 
to the analysis of membrane fusion intermediates. 

Stalk has a Net Negative Curvature 

The surface of the monolayer forming the stalk (Fig. 4c) 
has a saddlelike shape characterized by two principal 
curvatures, one of which (meridional) is negative and the 
other of which (parallel) is positive [67]. The negative 
meridional curvature seen at the cross section of the stalk 
(Fig. 4c,r is comparable with the curvature of HII phase 
cylinders all along the stalk membrane. On the other 
hand, the parallel curvature changes all along the stalk 
surface from a large positive value in the middle to zero 
at the transition from the stalk to flat monolayer. The 
competition between two principal curvatures deter- 
mines the sign of the net curvature of the stalk. 

If the thickness of the water gap separating contact- 
ing monolayers of fusing membranes is assumed to be 
equal to the thickness of a lipid monolayer, 8, [102] and 
the neutral surface is located at half of the monolayer 
thickness (Fig. 4c, d), the energy of the stalk, F is given 
by the following expression 

f 
F = 2rcK ] JsS[rt(p + 1.5) - 4] 

k. 

(p + 1.5) 2 
+ 2 arctan 

[(p + 1.5)( 9 + 2.5)] 1/2 

(9 + 2"5) 1/2 

(p + 1.5) 1/2 

(2) 
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Fig. 6. Dependence of the energy of a stalk on the radius of the contact 
bilayer. The bending rigidity of the monolayer is ~; = 10 kT. Parameter 
in the curves is the spontaneous curvature of monolayer: J, = 0.6/5 
(curve 1); -0.2/5 (2); -0.7/5 (3), where 8 is a monolayer thickness of 
- 2  nm. Dimension-less radius of the contact bilayer p equals R/k, 
where R is the radius of the contact bilayer. 

where p is a dimensionless radius of the contact bilayer 
(p = R/8, where R is the radius of the contact bilayer). 
Shown in Fig. 6 are the dependences of the stalk energy 
F on 9 for some values of spontaneous curvatures of lipid 
monolayers, which roughly correspond to those of the 
mixture of PC + LPC (4:1) (curve 1, Js = 0.6/5, estimated 
from [701); dioleoyl PC (curve 2, Js = -0.2/8 [113]); and 
dioleoyl PE (curve 3, Js = -0.7/8 [101]) are shown in Fig. 
6. The energy, F o, of a formed but not yet expanded 
stalk (p = 0), decreases with the decrease of spontaneous 
curvature and becomes negative if Js <~ -0.88/& For J~ 
= -0.7/5 the energy of a stalk is negative starting from 
small values of p (curve 3). If the spontaneous curvature 
is not negative enough, the energy, although changing 
nonmonotonically, remains positive for all values of p 
(curve 2). For Js < -0.5/5, the energy F monotonically 
decreases with the radius and becomes negative, mean- 
ing that stalks will appear and grow spontaneously. For 
positive spontaneous curvature, the energy of a stalk 
monotonically increases with its radius and is relatively 
high for all values of p (curve 1). Due to thermal fluc- 
tuations, the stalk may be formed within a reasonable 
time (-1 sec) for F 0 - 40 kT. Note that this estimate 
based on the value of the characteristic frequency of 
bilayer fluctuations, f -1029 s -1 m -2 [127] and mem- 
brane contact area, a, -1 ~tm 2, is actually rather insensi- 
tive to the accuracy of the values o f f  and a, since these 
characteristics contribute only to the pre-exponential fac- 
tors. 

The qualitative conclusion of the calculations pre- 
sented is that modifications of the spontaneous curvature 
of the monolayer change the energy of the stalk and, 
thus, control its formation and expansion. Shifting the 
spontaneous curvature of the monolayers to more nega- 
tive values by adding Hn-phase-supporting lipids should 

promote stalk formation. In contrast, changing the 
monolayer spontaneous curvature to more positive val- 
ues by adding micelle-forming lipids should inhibit stalk 
formation or even prevent it. 

An important further development of this theoretical 
model has been suggested recently by D. Siegel [1111. 
The three intermediates considered in the modified 
model were a stalk, a trans monolayer contact (TMC) 
(analogous to the contract bilayer of a very small area in 
[12, 65]) and, finally, a fusion pore. Formation of any 
intermediate structure between two membranes has to be 
accompanied by the peeling apart of the hydrophobic 
sides of lipid monolayers to create hydrophobic voids 
within the intermediate (Fig. 4j). The modified stalk 
model (111) takes into account not only the elastic en- 
ergy of fusion intermediates but also accounts for addi- 
tional energetic contributions of these hydrophobic voids 
which play the central role in this model. The hydropho- 
bic voids of fusion intermediates were considered to 
have energies per unit volume equal to those of the hy- 
drophobic interstices of the H n phases [111]. These es- 
timates gave very high values for the energies of voids 
and the related energy of bending of the distal monolay- 
ers assumed to dimple, reducing the volumes of hydro- 
phobic voids [111]. As a result, the total energy of the 
nonexpanded stalk has very large positive values, al- 
though dependent on the spontaneous curvature in a way 
similar to that described by our model. Still higher en- 
ergy is the price for transformation of the stalk into a 
TMC. Even for the highly negative spontaneous curva- 
ture Js = -0.32 nm -1 (Js - -0.7/8) the energies of stalk 
and TMC obtained by Siegel [111] were still about 60 kT 
and 150 kT. Let us note that the value of the bending 
rigidity used in [111] (20 kT), while in agreement with 
some experimental results, is twice as large as the bend- 
ing rigidity of strongly curved monolayers recently de- 
termined for the Hi i  phases [66, 68, 69]. A correction of 
the bending rigidity value results in a twofold decrease in 
the estimated energies of fusion intermediates. The en- 
ergy of the stalk in the modified model approaches the 
value we obtained; however, the energy of TMC remains 
very high (about 75 kT in the most favorable case). Re- 
lief of the energy of voids and distal monolayers in TMC 
came only with the formation of a fusion pore having 
negative energy. Thus, to fuse, membranes must over- 
come a very high energy barrier corresponding to the 
energy of the TMC and caused by the enormous energy 
of hydrophobic voids. We do not see any real source of 
energy which would let the lipid bilayers overcome such 
a barrier. However, we know that model lipid bilayers 
do fuse. 

Both the modified stalk model of Siegel and our 
model suggest in an implicit way that all lipid molecules 
in membranes are identical. In such a system, there is 
only one way (energetically very expensive) to fill hy- 
drophobic voids: to stretch the acyl chains of the lipids 
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bordering them. However, even model lipid bilayers 
formed from individual synthetic lipid of >99% purity 
contain minor impurities. Note that voids in a stalk may 
be filled by just a few well suited lipid molecules, in 
contrast to the Nil phase, where a high portion of these 
lipids is required to fill the hydrophobic interstices. Fill- 
ing the hydrophobic voids with traces of lipids with dif- 
fering hydrocarbon chain lengths or with apolar lipids 
[111, 126] would drastically reduce the energies of the 
fusion intermediates. The energy cost is related to the 
entropy of the redistribution of these molecules and can 
be estimated as 1 kT per one molecule. Just a few of 
such lipids, while representing a small fraction of all 
lipids bordering the hydrophobic void, may dramatically 
decrease the void energy in comparison with that as- 
sumed in [111]. Filling of the voids by the impurities not 
only reduces the energy of the voids but also leads to 
relaxation of a very strong bending of the outer mono- 
layer assumed in [111]. The energy contribution of hy- 
drophobic voids should be even less significant for bio- 
logical membranes known to consist of very complex 
mixtures of lipids including apolar ones. 

We considered above the energetics of fusion inter- 
mediates starting from the nonexpanded stalk. A ques- 
tion arises, however, about the mechanism of stalk for- 
mation from initially separated membranes (Fig. 4b). 
To approach each other, membranes have to overcome a 
strong mutual repulsion. Breaking of the continuity of 
contacting monolayers results in some exposure of the 
hydrophobic interior of the monolayers to the surround- 
ing water. In [73] we hypothesized that the energy price 
for close approach of the membranes and breaking the 
contacting monolayers is paid by the out-of-plane ther- 
mal fluctuations. These fluctuations were found to be 
powerful enough locally to overcome the hydration 
forces and push the membranes very close to each other 
(Fig. 4b). In this model, the mechanism of the rupture of 
contacting monolayer is related to the competition be- 
tween the hydration forces and the hydrophobic energy 
of contact between the monolayer interior and water. 
Estimates show that at small distances between mem- 
branes the energy of hydration repulsion becomes so 
large that it is energetically more favorable to replace it 
by the hydrophobic energy rupturing the contacting 
monolayers [73]. 

Another model developed recently by Helm et al. 
[47] suggests that the energy for lipid bilayer hemifusion 
comes solely from long range attractive forces of the 
hydrophobic interaction between the interiors of the 
membranes. To support this model experimentally, the 
authors have shown that stretching of membranes ad- 
hered on mica cylinders promotes their hemifusion [46, 
47, 72]. These results are consistent with earlier obser- 
vations on the important role of tension in the promotion 
of lipid bilayer fusion [34, 94]. 

Fusion Pore has a Net Positive Curvature 

Since monolayers in the same membrane cannot lose 
contact with each other, stalk expansion results in the 
compression of contracting monolayers and the exten- 
sion of distal ones. It brings the contact bilayer under 
mechanical tension, which in some cases may superpose 
with preexisting membrane tension such as the one gen- 
erated by osmotic pressures [34, 94]. To complete fu- 
sion, a lipidic fusion pore of critical radius has to form 
and expand in the contact bilayer (Fig. 4e, g). The ge- 
ometry of a lipidic fusion pore is very similar to that of 
a stalk but the directions of the lipid monolayer bending 
in these two structures are opposite. The meridional cur- 
vature of the monolayer seen at the cross section of the 
pore (Fig. 4e) is strongly positive and constant all along 
the pore edge monolayer. This curvature is similar to 
that of a cylindrical micelle (Fig. 5d). In contrast, the 
parallel curvature is negative and changes its value along 
the pore edge. Since meridional curvature dominates, 
the net curvature of the pore edge is positive. Thus, the 
more positive the spontaneous curvature of the mono- 
layer forming the pore (distal monolayers of the fusing 
membranes), the more favorable the formation of this 
structure. 

The energetics of a lipidic fusion pore was analyzed 
in [65], assuming that the elastic energy of the bent lipid 
monolayer at the edge of the pore provides the main 
contribution to the overall energy of the pore. Depend- 
ing on the spontaneous curvature of the monolayer form- 
ing its edge, fusion pores can be energetically unfavor- 
able; i.e., have some minimal energy at a finite radius, or 
tend to expand infinitely. At zero membrane tension and 
zero spontaneous curvature of the monolayer, the energy 
of the pore edge is about 10 kT/nm. However the more 
positive the spontaneous curvature, the more favorable is 
pore formation and expansion [65]. 

Recently, the formation and energetics of the fusion 
pore have been considered both experimentally and theo- 
retically by Nanavati et al. [87]. Detailed investigation 
of the electrical conductance of fusion pores formed dur- 
ing exocytosis in peritoneal mast cells supported the 
stalk-pore model of the last stage of the fusion process 
(Fig. 4d, e). Using the theoretical approaches developed 
earlier [67], Nanavati and coauthors demonstrated that 
fluctuations of the fusion pore conductance may reflect 
the fluctuations of the radius of a lipidic pore in the 
contact bilayer (Fig. 4e) when different lipids get into the 
pore edge. However, interpretation of some theoretical 
results in [87] is questionable. Indeed, the conclusion of 
the work that the inverted H n phase-forming lipids with 
negative spontaneous curvature should promote pore for- 
mation is in disagreement with experimental results [14, 
129] as well as with theoretical considerations presented 
above. The formal reason for this result in [87] is related 
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to the use in one calculation of two opposite conventions 
concerning the signs of the geometrical and spontaneous 
curvatures. 

Experimental Results are Consistent with 
Stalk-Pore Model 

According to the model, to be best suited for fusion, 
membranes should be asymmetrical, with the contacting 
monolayers containing H n phase-promoting lipids and 
distal monolayers containing micelle-forming lipids. 
Little is known about lipid compositions of different 
monolayers of membranes which take part in the highly 
efficient intracellular fusion reactions of exocytosis and 
protein trafficking. PE (negative spontaneous curvature) 
is located predominantly in the outer (contacting) mono- 
layer of the secretory chromaffin granules [138]. The 
inner (distal) monolayer of the chromaffin granules has a 
very significant amount of lysolipids in it (up to 17% of 
the total phospholipid [125, 130]). The inner (distal) 
monolayer of the Golgi apparatus membranes contains 
up to 10% of lysolipids [85]. Thus, the lipid asymmetry 
in these membranes, which are presumably specialized 
for fusion, is consistent with the predictions of the stalk- 
pore model on 'ideally fusable' membranes. 

The lipid effects on membrane fusion discussed in 
this work are consistent with the model. Merger of con- 
tacting monolayers prior to fusion pore formation was 
reported both for artificial lipid bilayers and for biolog- 
ical membranes. Lipids of negative spontaneous curva- 
ture (AA, OA, PE, cholesterol), which should facilitate 
stalk formation, promote fusion, and LPC (positive spon- 
taneous curvature) inhibits fusion, if these lipids are 
present in contacting monolayers of membranes. In con- 
trast, for lipids added to distal monolayers, promotion of 
fusion by LPC, and its inhibition by AA, is readily ex- 
plained by the net positive curvature of a fusion pore. 

In [14], hemifusion and pore formation were studied 
in parallel for planar lipid bilayers of PE in the presence 
of different concentrations of LPC. The exponential in- 
crease of the waiting time of hemifusion and linear de- 
crease of the linear tension of pores with LPC concen- 
tration, and even the actual ratio between the slopes of 
these dependences were in quantitative agreement with 
the theoretical model. 

The spontaneous curvature of the lipid monolayer 
can be modulated by its interaction with amphiphilic 
peptides. A specific correlation was found by Epand, 
Yeagle and others ([29, 31, 32, 56, 137], but s e e  [118]) 
between the effects of some peptides on the lamellar to 
inverted hexagonal Nil phase transition and the effects of 
these peptides on viral fusion and fusion of model mem- 
branes. The peptides that shift the spontaneous curvature 
of lipid monolayers toward positive values (same direc- 
tion as LPC), inhibited fusion. The peptides that pro- 

moted HII phase formation (Js < 0, the effect qualitatively 
similar to that of AA), promoted fusion as well. Thus, 
amphiphilic peptides affect fusion in a manner consistent 
with the model discussed. 

Thus, the stalk-pore model of fusion, founded 
mainly on an analysis of the elasticity of membrane lipid 
monolayers, is consistent with experimental results and 
suggests a natural explanation for the known effects of 
lipid composition on biological fusion and the fusion of 
purely lipid bilayers. However, three important assump- 
tions of the stalk-pore model: (i) the existence of a hemi- 
fusion stage of fusion i.e., merger of membranes prior to 
fusion pore development; (ii) the specific effects of the 
composition of distal leaflets of the membranes on fusion 
pore formation stage; and (iii) the presence of lipids in 
the edge of the initial fusion pore require additional ex- 
perimental verification for biological fusion. 

Conclusions 

The results reviewed suggest that membrane fusion in 
diverse biological fusion reactions involves formation of 
some specific intermediates: stalks and pores. Energy of 
these intermediates and, consequently, the rate and ex- 
tent of fusion depend on the propensity of the corre- 
sponding monolayers of membranes to bend in the re- 
quired directions. 

Proteins and peptides can control the bending energy 
of membrane monolayers in a number of ways. Mono- 
layer lipid composition may be altered by different phos- 
pholipases [50, 85, 90], flipases and translocases [4, 50]. 
Proteins and peptides can change monolayer spontane- 
ous curvature or hydrophobic void energy by direct in- 
teraction with membrane lipids [20, 32, 111]. Proteins 
may also provide some barriers for lipid diffusion in the 
plane of the monolayer [83, 141]. If diffusion of lipids at 
some specific membrane sites (e.g., in the vicinity of 
fusion protein) is somehow hindered, the energy of the 
bent fusion intermediates would reflect the elastic prop- 
erties of these particular sites rather than the spontaneous 
curvature of the whole monolayers. Proteins may de- 
form membranes while bringing them locally into close 
contact. The alteration of the geometric (external) cur- 
vature will certainly change the elastic energy of the 
initial state and, thus affect the energetic barriers of the 
formation of the intermediates [143]. In addition, the 
area and the energy of the stalk can be reduced by pre- 
liminary bending of the contacting membranes [111]. 
The possible effects of proteins and polymers on local 
elastic properties and local shapes of the membranes 
have been recently analyzed [22, 39, 45, 63]. These 
studies may provide a good basis for future development 
of theoretical models of protein-mediated fusion. 

Various models for biological fusion have been pre- 
sented as hypothetical sequences of intermediate confor- 
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mations of proteins, with membrane lipids just covering 
the empty spaces between the proteins. Although the 
results discussed above do not allow us to draw an all- 
explaining cartoon of the fusion mechanism, they do in- 
dicate which properties of membrane lipid bilayers (if 
modified by fusion proteins) would get these bilayers to 
fuse. In addition, these data suggest a specific geometry 
to bent fusion intermediates (stalks and pores) and imply 
a contribution by lipids to the energy of these interme- 
diates. We think that the synthesis of rapidly developing 
structural information on fusion proteins with the anal- 
ysis of the physics of membrane rearrangement may 
soon yield a real understanding of the fascinating and 
fundamental phenomenon of membrane fusion. 
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