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Preface

The progress in biomedical and life sciences made in twenty-first century is signifi-
cant to human health. On the other hand, the human body is formed by a huge number 
of cells and each of them is composed of countless biomolecules. To improve the 
efficacy of therapies for human diseases, a better understanding of how different types 
of human cells work in both physiological and pathological conditions is crucial. Cell 
biomolecules, including proteins, DNA, and RNA, cooperate to form a living system 
that can realize cell endocytosis and exocytosis, growth, migration, proliferation, dif-
ferentiation, and apoptosis. Each biomolecule is in the size range of a few nanometers 
to dozens of nanometers, and these biomolecules work together like a nanoscale 
“robot.” However, nanoscale biomolecules are too small to be imaged with traditional 
microscopes, and vacuum-based electron microscopes cannot be used to image living 
cells in physiological conditions. Fortunately, the development of scanning probe 
microscopy(SPM), such as scanning tunneling microscopy(STM), near-field scan-
ning optical microscopy(NSOM), and atomic force microscopy (AFM), provides a 
new type of powerful tool for life science and cell research. Scanning probe micro-
scopes can be used to directly image cell surface at an atomic/molecular level resolu-
tion and detect local cellular properties in different conditions even in solution. With 
SPM great achievement has been realized in various research fields.

The aim of this book is to describe AFM and introduce some of recent important 
results by using AFM. The main contents include (i) principles of AFM, (ii) in situ 
single molecule imaging of cell membranes, (iii) single molecule force spectros-
copy, (iv) high resolution imaging of cells, (v) mechanical property changes of dis-
eased versus healthy cells, (vi) observation of cell-drug interactions, (vii) novel high 
speed high resolution AFM techniques, and (viii) established and potential applica-
tions for AFM in molecular and cell biology. The authors are experts in AFM appli-
cation and working in cell research for a long time. I believe this book will provide 
a useful reference to the people interested in AFM and its application including but 
not limited to cell biomolecules and life science.

Institute of Chemistry, Chinese Academy of Sciences Li-Jun Wan
Beijing, China
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Chapter 1
Principles of Atomic Force Microscopy

Wanxin Sun

Abstract Clearly understanding the working principles of different modes of 
atomic force microscopy (AFM) is important for users to choose suitable measure-
ment modes for their research projects, optimize working parameters, identify arti-
facts, and interpret data. In this chapter, conventional imaging modes and force 
modes will be discussed first, followed by the introduction of recent developments 
in AFM quantitative nano-mechanical properties measurement.

Since it was invented three decades ago (Binnig G, Quate CF, Gerber C, Phys 
Rev Lett 56:930–933, 1986), AFM has been becoming a more and more important 
instrument in nano science and technology. The uniqueness of AFM is its capability 
of providing nanometer spatial resolution in three dimensions while no vacuum or 
contrast reagent is needed. AFM has been extensively used in virtually every branch 
of science and engineering and contributes to many discoveries in nanomaterials, 
such as the discovery of graphene. In recent years, AFM has been further developed 
in three aspects. 1. conveying more material related information, such as mechani-
cal, electrical, magnetic and thermal properties at nanometer scale; 2. integrating 
with different advanced optical techniques, including Raman, fluorescence, infrared 
spectroscopy; 3. incorporating with environment control for life science and mate-
rial researches, such as temperature, liquid environment with pH and other ion 
strength control, light illumination. With these developments, AFM has been 
extending it applications beyond topographic imaging, such as polymer phase tran-
sition under different temperature, I-V characteristics in today’s semiconductor 
devices, live cell dynamics under different chemical/mechanical stimuli, molecular 
dynamics under different temperature and chemical environments.

On the other hand, the expanded capabilities of AFM make it difficult for users 
to choose a proper measurement mode, suitable probes and optimize operation 
parameters. Many efforts have been made to develop different smart scan modes, 
including peak force tapping developed by Bruker, where software can tune opera-
tion parameters to achieve optimized image quality. However, it is still users’ task 

W. Sun (*) 
Bruker Nano Surface, Singapore, Singapore
e-mail: wanxin.sun@bruker.com
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to choose measurement modes, identify artifacts, interpret data for their research 
projects. All these need users to clearly understand the working principles of 
 different modes. In this chapter, conventional imaging modes and force modes will 
be discussed first, followed by the introduction of recent developments in AFM 
quantitative nano-mechanical properties measurement.

1  AFM Working Principles

In AFM, a sharp probe runs a raster scan across the sample surface with a position-
ing accuracy in sub-nanometer level. During the scan, the probe is moved up and 
down by a feedback close loop to maintain a constant probe-sample interaction. The 
vertical movements are recorded against XY position to form a surface topography 
of the sample, as shown in Fig. 1.1. The nano positioning in an AFM is achieved by 

XYZ Scanner

Signal 
Processing

Controller

Laser & Coupling 
Optics

Mirror

Sample

Computer

A B

C D

Fig. 1.1 Schematic diagram of an atomic force microscope. (The diagram is not in scale.) The 
laser emitted from the laser diode is focused onto the end of the cantilever. The reflected laser beam 
is redirected to  a quadrant photodiode. The vertical and lateral movements of the cantilever is 
detected by the photodiode. The feedback close loop is implemented in the controller. The com-
puter is used to setup parameters for the controller and collect data from it to form images

W. Sun
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piezoelectric scanners, where the movements in XYZ are driven by high voltages in 
the range of hundreds of volts. Intrinsically, piezoelectric material does not response 
linearly to the voltage applied. If linear voltages are applied to the scanner, the 
recorded images are distorted by the nonlinear motion of piezo scanner. To correct 
this issue, there are two prevailing methods in today’s AFMs. One is to add XYZ 
position sensors to monitor actual movements of the scanner and correct the nonlin-
earity through a feedback close loop, where the voltages applied to the scanner are 
tuned until the scanner reaches the desired positions. This method is usually called 
close loop. Different position sensors have been developed for AFM, including 
capacitive sensor, inductive sensor, strain gauge, and optical sensors. All of them 
work well as long as they are implemented properly. The other approach is to model 
the nonlinearity first, and then use nonlinear voltage to drive the scanner to obtain 
linear movement. In this approach, a certified calibration grid is scanned by the 
scanner with different scan speed, scan size, scan angle etc. After a series of images 
are collected, the parameters in the model of scanner movement against applied 
voltage and scan conditions are extracted by fitting all the images. This method is 
usually called open loop. Traditionally, open loop is used for high resolution scan as 
it does suffer from the added noise from the position sensors. With the advances in 
sensor developments, close loop in today’s AFM can achieve similar high resolution 
performance to open loop. Therefore, more and more users use close loop for rou-
tine sample measurement and open loop for atomic resolution measurement.

The commonly used AFM probes consist of a sharp tip and a micro cantilever, as 
shown in Fig. 1.2. The radius of curve of the today’s AFM tip ranges from a few nm 
to 30 nm, depending on fabrication process and their applications. The micro canti-
lever is 30–40 μm in width and 125–450 μm in length. The thickness ranges from a 
fraction of μm to a few μm.

Fig. 1.2 Scanning electron 
microscopic image of a 
typical AFM probe, 
consisting of a sharp tip 
and a micro cantilever

1 Principles of Atomic Force Microscopy
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The cantilever works as a sensor to detect the probe-sample interaction. The 
interaction between the probe and sample surface is complicating and many types 
of forces are involved [2]. The detailed discussion about the origins of the interac-
tion forces is beyond the scope of this chapter. Only the aspects directly related to 
AFM instrumentation and applications, for example, the magnitude of the overall 
interaction forces, cantilever dynamics changes due to force gradient or energy dis-
sipation during probe-sample interaction, will be discussed. The normal force 
between the probe and the sample is measured by the cantilever bending, which 
simply follows Hook’s law,

 F k z= D  (1.1)

where k is the spring constant of the cantilever, Δz is the cantilever bending in nm.
With a variety of cantilevers available commercially, AFM can measure forces 

ranging from a few pN to hundreds of μN.
To measure the tiny bending or twisting of cantilever, an optical lever detection 

scheme is well adopted in AFM, as shown in Fig. 1.3. The laser beam from a laser 
diode is focused onto the end of the cantilever. The reflected beam from the cantile-
ver surface is redirected to a quadrant photodiode, which is usually called position 
sensitive photodiode (PSPD) in AFM.  When the cantilever bends vertically, the 
direction of the reflected laser beam changes accordingly. Then the laser spot on the 
PSPD shifts vertically. In the same way, the twist of the cantilever will cause laser 
spot on PSPD move laterally. The position of the laser spot is measured by the out-
put of PSPD, i.e. ((A + B)-(C + D))/(A + B + C + D) is proportional to vertical posi-
tion. ((A + C)-(B + D))/(A + B + C + D) is proportional to lateral position. The 

Mirror
A B

C D

Fig. 1.3 Schematic diagram of optical lever detection system. The solid line drawing and dashed 
line drawing are laser beams for two cantilever deflection states

W. Sun
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normalization to the sum signal of (A + B + C + D) is to eliminate the effect of 
cantilever reflectivity. It is noted that the optical lever measures the angle of cantile-
ver deflection, not the displacement. Therefore, short cantilever is more sensitive to 
detect deflection changes.

2  Contact Mode

In contact mode, the normal force, i.e. the vertical deflection of cantilever, is main-
tained at a constant during scan. When the probe scans across a protruding feature, 
the cantilever is pushed up, generating an error in vertical deflection. To eliminate 
this error, the controller will lift the probe until the error becomes zero. For a 
recessed feature, the probe is lowered to eliminate the deflection error. With an opti-
mized feedback loop, the probe tracks the surface with a constant force to form the 
topography of the sample. During the scan, lateral/frictional force always exists 
between the probe and sample. Lateral force can form an image mapping the lateral/
friction force distribution across the sample surface, which is called lateral force 
microscopy (LFM). This has been used to study self-assembled monolayer [3], 
where different function groups show different frictional forces while their heights 
are almost the same. While providing rich information about local friction, lateral 
force also causes problems, for example, lateral force, if not controlled properly, can 
cause damage to delicate samples and wear out the sharp tip. Take live cells as an 
example, the measured Young’s modulus is in the magnitude of kPa. Force higher 
than a few nN will cause significant deformation, which leads to low resolution, 
damage of features and molecules on the cell membrane, and inaccurate morphol-
ogy. In addition, the force exerted by probe can also work as mechanical stimuli, 
which may induce a series of responses of cells, including cytoskeleton, focal adhe-
sion complex etc. For biomolecules, large force may induce conformation changes. 
For live cells, the force should be control from sub nN to several nN. For biomole-
cules, the force should be ideally controlled to lower than 100pN.

To achieve sub nN force control, cantilever spring constant is a critical parame-
ter. Softer cantilever deflects more under the same load, which is favorable for force 
detection sensitivity. However, the thermal noise of cantilever and environmental 
interference prevent users from using cantilevers with ultralow spring constant. For 
example, cantilevers with a lower spring constant suffer more thermal drift with the 
temperature variation. The heat generated by the AFM laser or microscope illumi-
nation often causes significant drift in deflection for cantilevers with spring constant 
lower than 0.01 N/m, in the range of a few volts in the PSPD output. Besides tem-
perature, protein adsorption on the cantilever generates stress on one side, resulting 
in observable deflection change, which has been used as a sensor for protein detec-
tion [4]. The drift in cantilever deflection causes instability in imaging. For example, 
if the cantilever deflection increases with time, the probe will be lifted from the 
sample surface gradually. This is because the increase in cantilever deflection means 
higher repulsive force to the controller although it is caused by cantilever deflection 

1 Principles of Atomic Force Microscopy
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drift only. The response of the controller is to lift the cantilever. The probe may not 
track the surface anymore if the lift is significant, resulting in part of the image not 
bearing any sample information. To overcome this issue, higher force must be set to 
compensate the cantilever drift. Then the image is not obtained at a constant force. 
Higher force in some part of the image will cause the deleterious effects discussed 
above. Therefore, too stiff or too soft cantilever is not advisable for live cell imag-
ing. In practice, cantilevers with a spring constant between 0.01 N/m and 0.1 N/m 
are usually good for imaging live cells. This kind of cantilever is made of silicon 
nitride in V shape, as shown in Fig. 1.4. Silicon nitride is less reflective than silicon. 
To increase its reflectivity, a thin layer of Au or Pt is coated on the backside of the 
cantilever. The thermal expansion coefficient of metal is different from that of sili-
con nitride, making cantilever bend with temperature change. To relieve the thermal 
drift, Bruker released a probe with Au coating only at the end of cantilever for laser 
reflection, the rest of cantilever is uncoated. This probe is insensitive to temperature 
change and good for cell imaging and force measurement.

AFM can image cells under pseudo physiological conditions with temperature 
and chemical environment control. To image with AFM, cells must be attached to a 
support surface. 50–70% confluence is a good trial for most cell types. Too low 
concentration will make it difficult to locate a cell for AFM imaging. Too high con-
centration sometimes causes cells overlapping with each other or loosely attached. 
A large number of cell types can adhere directly onto glass cover slip and plastic 
ware, e.g. petridish, by normal cell culturing. Whenever needed, Bunsen burner 
flame treatment [5] and adhesives [6, 7] can be used to enhance cell adhesion. The 
commonly used adhesives include polylysine, collagen, laminin, Cell-Tak, and PEG 
derivatives. To avoid debris or unattached cells sticking to the cantilever during 
imaging, it is advisable to rinse the cell preparation with filtered medium or buffer 
to remove the cell debris and unattached cells. To maintain the viability of cells, 
today’s biological AFM is equipped with temperature control, CO2 atmosphere con-
trol, gas purging, and perfusion apparatus.

Fig. 1.4 Scanning electron 
microscopic image of a 
typical silicon nitride probe 
suitable for liquid imaging. 
This kind of probe usually 
has several cantilevers with 
different spring constants

W. Sun
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As discussed previously, contact force is critically important for live cell imag-
ing. Force adjustment is achieved by changing a parameter called deflection set-
point, at which the cantilever deflection is maintained during scan by the feedback 
loop. Larger setpoint means higher force. A force between 200pN and 500pN is a 
good starting point to try for contact mode imaging. A scan rate of 0.5–1 Hz is usu-
ally used for cell imaging. In AFM software, the line profiles in both directions 
(trace and retrace) are displayed. By adjusting the feedback loop gains and scan 
speed, the trace and retrace profiles will overlap with each other. Higher feedback 
loop gains make the probe tracking surface faster. On the other hand, oscillation will 
happen if the gains are set too high. In real operation, increase the gains until slight 
oscillation is observed. Then decrease the gains slightly to eliminate the oscillation. 
The highest gains without oscillation are the gains desired. With light force, AFM 
can produce the fine details on cell surface and accurate height of the cell. Accurate 
cell height is important to measure cell volume change of neurons during apoptosis. 
With large force, large deformation on the cell membrane is induced by the probe. 
The probe can “feel” the hard cytoskeleton filaments, the deflection error image 
provides rich information on cytoskeleton, as shown in Fig. 1.5. Researchers some-
times increase the force intentionally to get better contrast in cytoskeleton images.

In most time, the cantilever deflection baseline (deflection before the probe 
touches sample surface) is not zero due to thermal drift or laser adjustment. We need 
to consider the baseline when we set the setpoint. For example, if the deflection 
baseline is 200pN, and we want to use 300pN force to image, then setpoint will be 
500pN.  Therefore, deflection baseline must be measured before imaging. Force- 
distance curve is well accepted to determine the baseline. It will be discussed in 
details in the force measurement section. Here we just briefly introduce how to use 
force-distance curve to determine deflection baseline. After the cantilever is engaged 
onto the sample surface, the XY scan is stopped and the cantilever is ramped up and 
down at a specific point by the Z scanner. The cantilever deflection, which is propor-
tional to the force, is recorded against the Z position of the cantilever. The typical 

Fig. 1.5 Cytoskeleton 
revealed by deflection error 
in contact mode

1 Principles of Atomic Force Microscopy
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force-distance curve on live cell is shown in Fig. 1.6. The flat region on the left is 
the cantilever deflection when the probe is not in touch with sample. The average of 
the flat region will be used as deflection baseline. After the force-distance curve is 
measured and a proper setpoint is set, the AFM is switched back to imaging mode.

3  Tapping Mode

Tapping mode is also known as intermittent contact mode or AC mode, where the 
cantilever is oscillated at its resonance frequency or slightly lower frequency. The 
oscillation is usually driven by a small piece of piezoelectric material embedded in 
the probe holder. The cantilever oscillation is measured by the changes in laser posi-
tion on PSPD. The resonance frequency is found by sweeping drive frequency and 
finding the maximum oscillation amplitude. When the probe is brought to the sample 
surface by the engaging mechanism, the interaction between tip and sample causes 
decrease in oscillation amplitude and time lag between the drive signal and cantilever 
oscillation. At the bottom-most point of each oscillation cycle, the tip contacts the 
surface instantaneously. That is why tapping mode is also called intermittent contact 
mode. The amplitude decreases further when the probe is brought closer to the sur-
face, and vice-versa. Thus, the amplitude is a direct measure of tip- sample interac-
tion and the probe is moved up/down during XY raster scan to maintain constant 
amplitude. The up/down movements against XY position are recorded to form 
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Fig. 1.6 Force-distance curve measured on a live cell. The solid line records the cantilever bend-
ing with the probe approaching the cell. The dashed line records the cantilever bending with the 
probe retracting from the cell. The retraction curve shows an adhesion force of about 150pN

W. Sun
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topography. The time lag is measured by the phase difference between drive signal 
and cantilever oscillation. Both the amplitude and the phase lag are measured by a 
lock-in amplifier in AFM. Phase lag is caused by the energy dissipation during each 
oscillation cycle of the cantilever. When the probe contacts the sample surface, the 
sample surface undergoes both elastic and plastic deformation, causing energy lost. 
When it retracts from the sample surface, it often needs to overcome the attractive 
force and adhesive force. The adhesive force is also a cause for energy lost. Phase lag 
is related to viscoelastic properties of the sample. Phase lag mapping, also called 
phase imaging, has been extensively used to differentiate different materials [8].

In practical AFM operation, the operation amplitude (amplitude setpoint) is cho-
sen at about 80% of the free cantilever amplitude. The origin of the phase shift is the 
resonance frequency shift under tip-sample interaction. How much the phase shifts 
depends on the material viscoelasticity and the operation parameters. Although 
phase image has been used extensively in differentiating different materials, such as 
phase separation in copolymer [9], there is ambiguity in material identification due 
to its intrinsic nature that phase shift is affected by operation parameters as well as 
material viscoelasticity. The contrast in phase image can be reversed under different 
operation conditions. Under light tapping, phase contrast is caused by the adhesive 
force sensed by the probe. With the increase in tapping force, the material deforma-
tion contributes more in the phase contrast. Therefore, the phase contrast under light 
tapping originates from the adhesiveness, which is often affected by relative humid-
ity in ambient environment. In liquid environment, phase contrast under light tap-
ping has been used to recognize molecules [10]. Under hard tapping, the phase 
contrast is the combination of adhesive force and material deformation.

Compared with contact mode, the probe contacts sample surface instantaneously 
in tapping mode. The lateral force is negligible. Tapping mode is good for loosely 
bound samples, which are easily pushed away by the probe in contact mode. In 
general, biomolecules and nanoparticles are bound to a substrate loosely. For exam-
ple, proteins and DNAs are usually bound to mica by charges. In contact mode, the 
image is not stable as the molecules move with probe during scan. Tapping mode is 
well adopted for general imaging because it in general induces less sample damage 
and tip wear, and generates sharper images than contact mode. However, tapping 
mode is slower than contact mode if the same scanner is used. In principle, it is the 
cantilever oscillation amplitude used to control the movement in Z direction in tap-
ping mode. Scanning across a recessed feature, such as a hole, it takes time in the 
scale of milliseconds for the cantilever oscillation amplitude to increase. Therefore, 
the cantilever dynamics is the bottleneck in tapping mode. No matter how fast the 
scanner is, 1–2 Hz is usually used in tapping mode for rough samples. In contrast, 
the deflection in contact mode changes about 1000 times faster than amplitude in 
tapping mode. The bottleneck is the scanning mechanism rather than the cantilever 
itself. For samples with large feature heights, such as cells, contact mode is pre-
ferred as it can scan faster over a large area.

Different cantilevers have different resonance frequency. For each cantilever 
mounted into the instrument, its resonance frequency is usually determined by 
sweeping frequency and searching the maximum oscillation amplitude, which is 
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done by a function called “auto tune” in software. The viscoelasticity and density of 
the medium surrounding the cantilever affect its resonance significantly. In aqueous 
solution, the resonance frequency drops significantly compared with that in air. For 
example, the resonance frequency in air of a commonly used silicon nitride cantile-
ver is around 50KHz, while it is about 15KHz in water. In air, the response curve in 
“auto tune” shows a symmetric Gaussian profile and software can detect its reso-
nance frequency automatically. The same cantilever may show a forest of peaks in 
aqueous solution. Traditionally, AFM users follow the guideline in the AFM manual 
to choose a suitable frequency. However, with more and more probes are designed 
for different applications, it may not be easy to find a recommended frequency in 
manuals or references for new probes. In today’s AFM, thermal tune is usually 
equipped to determine the cantilever spring constant. The details of thermal tune will 
be discussed in the force measurement section. For the sake of easy reading, its prin-
ciple is briefed here. The thermal noise of the cantilever is measured with PSPD after 
the tapping piezo is stopped. The power spectra density is calculated for different 
frequency. Then the resonance frequency is clearly identified, as shown in Fig. 1.7.

The cantilever oscillation amplitude affects the imaging stability and resolution. 
Larger oscillation amplitude is preferred for rough surface, and smaller amplitude is 
preferred for high resolution. To make the data consistent and comparable among 
different AFM instruments, it is desirable to use the same oscillation amplitude, at 
least comparable if not the same. In practical operation, the amplitude measured by 
PSPD and lock-in amplifier is a voltage. Different AFM may have different gain in 
PSPD amplifier and different optical path in the optical lever detection scheme. 
Therefore, the same voltage output from the lock-in amplifier may measure differ-
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Fig. 1.7 Power spectra density of a silicon nitride cantilever measured in water. The resonance 
frequency in water is 15 kHz while it is 57 kHz in air
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ent oscillation amplitude. Then the scaling factor between voltage and amplitude in 
nm, also called amplitude sensitivity, must be determined for each type of probe. 
Here a simple method is described to determine the amplitude sensitivity, the same 
method can also tell whether the frequency chosen is suitable for tapping mode 
imaging in aqueous solution. Similar to the force-distance curve in contact mode, 
the cantilever in tapping mode is ramped by the Z scanner while XY position is 
fixed. The oscillation amplitude is recorded against the Z position, as shown in 
Fig. 1.8. When the probe is far from the sample surface, the amplitude does not 
change significantly with Z position. The slight decrease is caused by the damping 
effect from the surrounding medium. The narrower the gap between the cantilever 
and sample surface, the stronger the damping. Once the probe touches the surface at 
the bottom-most point of each oscillation cycle (shown as mark A in Fig. 1.8), the 
amplitude starts to decrease rapidly as it is pushed against the surface further. Mark 
B is the position where the probe fully contacts the sample surface. The slope 
between A and B is used to measure amplitude sensitivity in nm/V. The steeper the 
slope, the better the cantilever for imaging as steeper slope means oscillation ampli-
tude is more sensitive to height changes in sample surface. When there are more 
than one peaks in the tuning curve, the one with steepest slope should be chosen for 
tapping mode imaging. The amplitude dropping 20% from the corner A is usually a 
good setpoint.
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Fig. 1.8 Cantilever oscillation amplitude changes with the Z position in ramp mode. Point A 
marks the cantilever starts to touch the sample surface at the bottom-most point in each oscillation 
cycle. Before that, the oscillation amplitude does not decrease significantly. After that, the ampli-
tude decreases rapidly with further decrease in probe-sample distance, until the probe fully con-
tacts the surface, marked as B in the figure. The slope from A to B is used to determine the 
amplitude sensitivity
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Regarding the optimization of feedback loop gains, the tapping mode is similar 
to contact mode. As discussed earlier, cantilever deflection changes much faster 
than oscillation amplitude. Contact mode can tolerate higher gains than tapping 
mode. For example, the gains high enough to cause oscillation in tapping mode may 
not cause any deleterious effect in contact mode. Optimization of gains is more 
critical in tapping mode. The oscillation in feedback loop caused by high gains 
results in noisy images or artifacts. If the gains are too low, the probe will not track 
the surface properly, resulting in artifacts in images, increased tip wear and sample 
damage. Therefore, experimental parameters must be tuned more carefully in tap-
ping mode. Among all the parameters, proportional gain, integral gain, setpoint and 
scan rate are the top parameters to be taken care in tapping mode.

4  PID Feedback Loop

Due to its simplicity and robustness, proportional–integral–derivative controllers 
(PID controllers) are well adopted in AFM feedback loops, including XY lineariza-
tion close loop and feedback loop used for topographic imaging. The principle of 
PID controller and tuning procedure can be found in many text books on process 
control [11] and articles [12]. Here, we just discuss briefly about its working prin-
ciple and the tuning procedure suitable for AFM. The schematic diagram of a PID 
feedback loop is shown in Fig. 1.9.

When the interaction between the tip and sample changes, the output from the 
optical lever detection system will deviate from the setpoint. The difference E(t) is 
called error signal. It is logical that the adjustment in Z voltage, ΔVz, should be pro-
portional to E(t), i.e. ΔVz  =  PE(t). If the proportional gain P is set too low, the 
response of the system is slow also, and the tip cannot track the sample surface with 
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PointE(t)

Fig. 1.9 Schematic diagram of PID feedback loop, E(t) is the error signal
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a constant probe-sample interaction. If P is set too high, the system will oscillate. The 
system with a proportional gain only is not sensitive to small error signals. Even the 
error is small, its integration over time might be large if the error has the same sign. 
For example, small steady error caused by smooth but slightly slant surface has the 
same sign. In this case, the integration of error is used to eliminate the steady error. 
For some small but sharp features, error signal is small but changes rapidly. The 
proportional and integral components are insensitive to this kind of error. This kind 
of error can be reduced if the derivative of the error signal is included the feedback 
loop. Synthesizing the three components, PID feedback loop can be expressed as

 
DV PE t I E t dt D

dE t

dtz
t

= ( ) + ò ( ) +
( )0

 
(1.2)

In order to obtain good AFM images and extend the tip’s life time, the PID 
parameters must be optimized. The universal method for generic PID feedback loop 
will not be discussed in this chapter. The tuning procedure described in this chapter 
is adapted for AFM imaging.

 1. Set the scan size to a few μm, say 1–2 μm, even the final scan size is tens of μm.
 2. Increase the integral gain until slight oscillation or noise appears in the trace/

retrace profiles. The oscillation or noise can usually be eliminated by increase 
the proportional gains gradually. If it cannot be eliminated, integral gain should 
be decreased until oscillation/noise disappears.

 3. Check the trace/retrace profile, if the probe cannot track the falling slope while 
the rising slope is tracked properly, reduce the setpoint in tapping mode (or 
increase the setpoint in contact mode) gradually to improve the tracking.

 4. Reduce scan rate if the probe tracking cannot be improved further by reducing 
setpoint. It should be noted that reducing scan rate must be taken as the last 
choice because drift and environmental interference might be pronounced during 
the long imaging time, resulting in distorted images.

 5. Increase the scan size to the desired size. If the tracking becomes poor, repeat 
step 2 to 4 until the image quality is acceptable.

To improve the resolution, sharper probe and less tapping force are always pre-
ferred. Less tapping force is usually achieved by smaller cantilever oscillation 
amplitude. Therefore, 1/3 of normal tapping amplitude is usually used in molecular 
imaging, e.g. DNA, protein, polysaccharide and other biomolecules. Fig.  1.10 
shows a DNA image obtained in tapping mode.

5  Force Mode

In force mode, the AFM probe is ramped up/down by retracting/extending the Z 
scanner and the cantilever deflection is recorded against Z position, forming a force- 
distance curve. A typical force-distance curve measured on mica is shown in 
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Fig. 1.11. Before the tip contacts the sample surface, the deflection is a constant, 
shown as a flat baseline in the force-distance curve, i.e. the segment 1. When the 
probe is close enough to the sample surface, the attractive force gradient may be 
greater than the spring constant of the cantilever, snap in will happen, denoted as 
2 in the graph. After the probe contacts the surface, the cantilever will bend up with 
further push against the surface, shown in segment 3. When the preset force is 
reached, the cantilever will retract from the surface, and deflection decreases accord-
ingly, shown as segment 4. The adhesion force between the probe and sample will 

Fig. 1.10 DNA image 
obtained by tapping mode 
in buffer solution. The 
image size is 2 μm. The 
DNA height measured 
from the image is more 
than 2 nm, showing the 
interaction force between 
probe and sample is lower 
than 300pN, otherwise the 
height is in general less 
than 2 nm
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Fig. 1.11 Force-distance curve measured on mica in ambient environment with a relative humid-
ity of 80%. The probe used is a silicon nitride probe (DNP, Bruker)
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pull the cantilever down further till the force generated by the cantilever is equal to 
the maximum adhesion force, then the cantilever jumps off from the surface, shown 
as segment 5, which is usually used to measure the adhesion force. The adhesion 
force is often used to determine the binding force between antigen and antibody, 
study surface hydrophobicity by measuring capillary force, and conduct molecular 
recognition. In ambient environment, capillary force dominates the overall adhesion 
force. The magnitude of capillary force is determined by the relative humidity and 
surface hydrophobicity [13]. If the probe and sample are put into controlled envi-
ronment, interaction mechanism, e.g. the types of interaction force and how the 
environment changes the interactions, can also be studied. In segment 3, the sample 
undergoes deformation as well as the cantilever bends up. By studying the relation-
ship between sample deformation and force, material stiffness and modulus can be 
obtained. If sample undergoes significant plastic deformation, segment 3 and 4 will 
separate. To obtain modulus under that situation, segment 4 instead 3 will be used 
to eliminate the effect of plastic deformation. The area enclosed by the different 
segments is the energy dissipated during each ramp cycle. Material mechanical 
properties, e.g. Young’s modulus, adhesion force, energy dissipation can be extracted 
from the force-distance curve. In force mode, XY scan is stopped and no lateral 
force is applied on the sample surface. Scratching on sample surface is rarely 
observed, unlike contact mode, where the lateral force exists always. In today’s 
AFM, ramps can be programmed at user defined positions or in an array, which are 
usually implemented by “point and shoot” or “force volume”. A series of force- 
distance curves can be used to construct the topography at a specific force. This 
method is usually used to image very soft or sticky samples, which are difficult for 
contact mode and tapping mode.

Comparing force distance curves shown in Figs. 1.6 and 1.11, extension curve 
and retraction curve are separated in Fig. 1.6. This is because mica is much harder 
than live cells and the deformation of mica is negligible while live cell undergoes 
significant plastic deformation. Another obvious difference is the adhesion force, as 
shown in segment 5 in Fig. 1.11. Mica is hydrophilic and capillary force is strong 
when measured in ambient environment. In case of live cells, nonspecific binding 
dominates the overall adhesion force with absence of capillary force. The nonspe-
cific binding force is much smaller than the adhesion force caused by capillary in 
ambient environment.

Accuracy in force measurement is important for analyzing the interaction mech-
anism. To obtain accurate force, two parameters need to be calibrated, i.e. cantilever 
deflection sensitivity and spring constant. Deflection sensitivity measures how 
many nm in cantilever deflection correspond to 1 V in the PSPD output. It is mea-
sured by ramping the probe on a hard surface, for example sapphire. The deforma-
tion of such surface is negligible. So the displacement of Z scanner is the same as 
the deflection of the cantilever, i.e. the slope of the segment 3 in Fig. 1.11 should be 
1. In force-distance curve, deflection sensitivity is determined by fitting the segment 
3 to a straight line to obtain the slope. The deflection sensitivity making the slope to 
be 1 is the calibrated value. This process has been automated in today’s AFM. To get 
accurate and repeatable value, the snap-in point and the approach/retract turning 
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point are usually excluded from the calculation. Deflection sensitivity is determined 
by the cantilever length and the sensitivity of PSPD. Short cantilever produces bet-
ter sensitivity and is preferred in measuring displacement in pm range. For a given 
AFM, the cantilevers with the same length should have the same deflection sensitiv-
ity. In real operation, the laser spot may not be aligned to the same position on the 
cantilever every time. It is normal that the deflection sensitivity of the same cantile-
ver varies slightly after realigning the laser. This is because the change in laser spot 
position affects the effective length of the cantilever. It is a good practice to measure 
the deflection sensitivity each time after the laser is re-aligned. With the calibrated 
deflection sensitivity, how many nm the cantilever deflects can be calculated from 
the deflection in voltage.

For a cantilever with rectangular cross section, its spring constant can be 
expressed as

 
k

Et w

L
=

3

34  
(1.3)

where E is the Young’s modulus of the cantilever material, e.g. silicon or silicon 
nitride,

t, w, and L are the thickness, width, and length of the cantilever respectively.
The width and length of a cantilever can be controlled precisely through micro 

fabrication technology, while the thickness bears more deviation due to its manufac-
turing process. 10% thickness error will result in about 30% error in spring constant. 
The nominal spring constant on probe boxes can only be used as an indicative value. 
Each cantilever must be calibrated to get correct force value. Several methods have 
been developed to measure cantilever spring constant. The simplest way is to mea-
sure the resonance frequency f and check the probe factor b from reference book. 
The spring constant is calculated by

 k b f= * 3

 (1.4)

This method is very easy to use as the resonance frequency can be obtained by “auto 
tune” in tapping mode. The major drawback is its poor accuracy because the dimen-
sions may be slightly different from those in the reference. For example, the canti-
lever width affects its spring constant, but not its resonance frequency. If the actual 
width of cantilever is different from that in the reference, the calculated spring con-
stant will deviate from the real value.

To improve this situation, top view geometry (length and width) is added into the 
equation as [14].
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(1.5)

where ρ and E are the density and Young’s modulus of cantilever material,
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L and w are the length and width respectively, usually measured through a well 
calibrated micrograph of scanning electron microscopy or optical microscopy.

A more accurate method was developed in reference [14] by adding a known 
mass and measuring the resonance frequency shift, i.e.
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where M is the mass added to the cantilever free end, f0 and fl are resonance frequen-
cies before and after the mass is added respectively.

This method involves gluing a particle with known mass to the end of cantilever. 
It is not trivial even with a detailed protocol available [15, 16]. Furthermore, it is 
even more troublesome to remove the particle after the spring constant is calibrated. 
Therefore, force measurements are usually done before the calibration. After all 
experiments are finished, the calibration is carried out and the measurement results 
are rescaled with the correct spring constant. This method is complicating and the 
cantilever cannot be used after calibration. This method is rarely used in biological 
application despite its accuracy.

All the above discussed methods do not measure cantilever in-situ. In practice, 
the laser may not be aligned to the same position as in spring constant measurement. 
The difference in laser alignment results in difference in cantilever effective length. 
With the advances in AFM instrumentation, the thermal noise of cantilever has been 
used to calculate its spring constant. After the deflection sensitivity is calibrated, the 
cantilever is lifted from the sample surface by at least 100μm and the random motion 
of cantilever free end is recorded for a period of time. 10 seconds are usually enough 
to get accurate results. The power spectral density (PSD) is then calculated by 
Fourier Transformation over the noise recorded, as shown in Fig. 1.7. According to 
Equipartition Theorem [17],
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(1.7)

where m is the effective mass of the cantilever,
ω0 and z are the angular frequency and noise amplitude of cantilever free end 

respectively,
kB and T are Boltzman constant = 1.3805 × 10−23joules/Kelvin and absolute tem-

perature in Kelvin,
〈〉means averaging over time, which is obtained by integrating PSD over 

frequency.

Considering 
1

2

1

2
2kz k TB= , the cantilever spring constant k can be obtained

 k k T zB= / 2

 (1.8)
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The mean square of free end amplitude 〈z2〉 is the area under the peak of power 
spectra density profile.

This method is well accepted because it neither relies on the cantilever geometry, 
as in method 1 and 2, nor demands the complicating procedure, as in the mass add-
ing method. After further improvement by Butt and Jaschke [18] followed by Hutter 
[19], the accuracy achieved by the thermal noise method is reliable [20]. In most of 
today’s AFM, this method is automated in software. The frequency range covers 
from a few KHz to 2 MHz. Virtually all the commercial available cantilevers can be 
calibrated with this method. For some ultra soft cantilevers, the resonance frequency 
in liquid is below 2KHz. The Z scanner noise and laser pointing noise in some AFM 
may limit the accuracy in spring constant measurement. In such case, the spring 
constant measured in air is a good estimation.

Determining Young’s modulus through force-distance curve has been exten-
sively studied [21]. Hertz, DMT, JKR and Maugis models are commonly used to 
measure Young’s modulus of materials [22]. In all the models, good understanding 
of the probe shape and size is as important as accurate measurement of force. For 
sample deformation in a few nm, the AFM tip is usually modeled as a sphere. For 
polymer samples, a few nm deformation produces enough force for accurate mea-
surement in AFM. DMT model with spherical probe is usually used [2].

 
F E Rd Fad= +*4

3

3
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(1.9)

where F is the force measured by the probe,
Fad is the adhesion force between tip and sample,
R is the radius of the tip,
d is the sample deformation,
E* is the reduced Young’s modulus =

-
E

1 2n
, ν is the Poisson Ratio of the mate-

rial. Young’s modulus of the probe material is usually much higher than that of the 
sample. The deformation of probe is negligible.

Tip geometry can be obtained by either high resolution electron microscopy or 
tip deconvolution. In the latter method, a reference sample with sharp features is 
scanned and the morphological dilation is analyzed to extract the tip geometry [23]. 
It may cause tip wear to scan over such reference sample as it is rough and very 
hard. So the scan parameters must be optimized carefully. As the relationship 
between E* and R is linear, R can also be calibrated after sample measurements 
and rescale E* with calibrated R .

For soft materials, such as live cells, the deformation is usually in the range of 
tens of nm, a conical shape is a good estimation of tip shape. In liquid, adhesion 
force is negligible, Hertz mode with conical tip shape is usually used for live cell 
measurement,
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where F is the force measured by the probe,
E* is the reduced Young’s modulus of the material,
d is the sample deformation,
α is the half angle of the conical probe.
In practical operation, probes with pyramidal shape are usually used, where the 

half angles in the two directions are α and β respectively. Equation (1.10) should be 
revised accordingly,

 
F E d= ×*4 2

p p
a btan tan

 
(1.11)

In AFM measurement, the force is recorded against the scanner Z position rather 
than the sample deformation. When the cantilever is pushed against the sample, the 
cantilever bends up while the sample deforms. The sample deformation can be cal-
culated as follow,

 
d z z def defc= -( ) - -( )0  

(1.12)

where zc is the scanner position at the contact point,
def0 is the baseline of cantilever deflection,
z and def are the scanner position and cantilever deflection in the force-distance 

curve.
Baseline deflection def0 can be obtained easily from force-distance curve. Contact 

point zc for hard materials can be obtained by the intersection of the baseline and 
linear slope. For soft materials, such as cells, it is not easy to tell accurately where 
the probe starts to contact the sample, as shown in Fig. 1.6. It is a good practice to 
keep both E* and zc as two unknown parameters to be extracted through fitting the 
force-distance curve to a suitable model. During the fitting procedure, all others 
quantities are measured from force-distance curve. The reduced Young’s modulus 
extracted from the force curve shown in Fig. 1.6 is 50 KPa. In this fitting, Hertz 
model with conical tip shape is adopted. The half angles of pyramidal tip are 20° 
and 17.5°, and spring constant is 0.01 N/m.

Soft cantilever is preferred for force measurement [24]. Deformation is mea-
sured by subtracting cantilever deflection from the scanner movement in Z. For soft 
cantilever, the cantilever deflection and scanner movement in Z is usually much 
larger than sample deformation. Therefore, soft cantilevers usually produce more 
error in deformation measurement. On the other hand, force measurement may less 
accurate if too stiff cantilever is used. Both situations can lead to less accurate 
Young’s modulus. Therefore, it is important to choose a proper cantilever spring 
constant for a specific modulus range. As a rule of thumb, the ratio of sample defor-
mation to cantilever deflection between 0.1 and 0.2 is a good start to try. In real 
measurement, the error in deflection sensitivity contributes a significant part in total 
error as it affects the accuracy in both force and deformation. It must be calibrated 
carefully. During the deflection sensitivity calibration, at least 5 measurements are 
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needed to calculate the average. In model selection, a rule of thumb is that DMT 
model with spherical tip shape is used for the scenario with deformation less than 
the radius of the tip and Hertz model with conical tip shape is used for large defor-
mation in tens of nm. The Poisson Ratio is usually unknown for most of materials, 
especially biomaterials. 0.5 is usually used in live cell measurement.

Adhesion force between AFM tip and sample is obtained directly from force- 
distance curves. There might be a few binding events existing between the AFM tip 
and substrate. The last force step (jumping off) can be considered as single unbind-
ing [13]. There is a slim chance that two or more unbinding events happen at the last 
force step simultaneously. To rule out multi-unbinding event, multiple force- 
distance curves are recorded, and the last force steps are extracted and plotted in a 
histogram. By reading the peak position in histogram, the most likelihood rupture 
force of single binding is obtained. Using functionalized probe, adhesion force has 
been used in measuring hydrophobicity, function group/molecule recognition, and 
antigen-antibody binding force study.

Another application of force-distance curve is to stretch single molecules, includ-
ing proteins, polysaccharides and DNAs. By stretching, a protein molecule is 
unfolded mechanically. This kind of measurements are pursued for a variety of rea-
sons, including fundamental questions about folding, structure and how protein 
sequence contributes to that. Protein structures are traditionally determined by 
X-ray crystallography. However, it might not be practical to perform this technique 
on membrane proteins. Force curve is one of the few ways to gain insight into the 
protein structure. Fig. 1.12 is a typical unfolding curve of titin, which is an 8-mer 
construct of IG27 domain. The saw teeth in the retraction curve are caused by 
unfolding of the domains. When the stretching force reaches the critical value 
(marked as A in the figure), one domain is unfolded and force decreases suddenly. 
After the domain is unfolded (marked as B), the force increases gradually as the 
cantilever stretches the molecule further. The second domain starts to unfold upon 
the critical force reached (marked as C).

By the fitting the domain extension curve (e.g. from B to C) to worm like chain 
model [25],
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the persistence length p and contour length Lc are obtained. In the fitting, the molec-
ular length x is determined by subtracting cantilever deflection from Z scanner trav-
eling distance, similar to the deformation calculation in indentation experiment.

To perform the stretching experiment, one end of the molecule is tethered to a 
gold substrate by thiol group. The other end is picked up by a soft probe with spring 
constant ranging from 0.01 N/m to 0.1 N/m. The probe may pick up many mole-
cules if the concentration is too high. On the other hand, many trial and errors have 
to be performed to pick up a molecule in case that the concentration is too low. 
50μg/ml is a good start concentration of titin. Take 25–50 μL of the titin solution 
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and drop onto a fresh gold surface. After incubation at room temperature for 15 min-
utes, rinse it with 1–2 mL PBS buffer. Then the sample is mounted into an AFM to 
perform the force measurement. If the chance of picking up is too low, keeping the 
probe staying longer on the surface will increase the chance significantly. The stay 
can be extended to seconds.

6  Peak Force Tapping

AFM was applied to study biological materials from its very start [26]. However, 
the adoption of this technique in biological and biomedical applications is slow 
even it is compatible with biological environments. This is mainly because the 
information provided by AFM is lack of biological specificity. The recent develop-
ments in AFM are mainly in expanding its functionalities. Force mode can provide 
biological specific information by extracting a variety of mechanical properties 
from force-distance curve, which is typically measured at 1 curve/second. It is pro-
hibitive to achieve the typical spatial resolution of tapping mode due to the intensive 
time consumption in traditional force mode.
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Fig. 1.12 Typical pulling curve of titin unfolding (8-mer construct of IG27 domain). Each saw 
tooth corresponds to an unfolding event. The probe is retracted after staying on the surface for a 
fraction of second to catch a protein molecule. During retraction, the adhesion force pulls the can-
tilever down until reaching critical force at A, where one domain starts to unfold. The force is 
released because the molecular length increases suddenly. At point B, the domain is fully unfolded. 
The force increases as the cantilever stretches the molecule further. With the continuing pulling, 
another critical force is reached at point C, where a new domain starts to unfold
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To speed up the force mapping, pulse force mode was introduced in 1997 [27]. 
In this mode, the probe is modulated by fast sinusoidal ramping rather than the lin-
ear ramping in traditional force mode. Pulse force mode improves the efficiency by 
3 orders. However, the poor force control in this mode limits its usage in high reso-
lution applications where the probe-sample interaction force should be in the range 
of sub-nN to several nNs. In force measurement, the cantilever deflection may 
change with ramping even there is no change in probe-sample interaction because,

 1. The ramping motion may not be in parallel with the laser optical axis. Thus, the 
laser spot on cantilever moves with ramping, resulting in non-flat baseline. In 
addition, the ramping motion may not follow a straight line. This leads to a non-
linear baseline.

 2. When it jumps off from the sample surface in pulling, the cantilever often oscil-
lates at its resonance frequency. The oscillation is severe for soft cantilevers. In 
ambient environment, the capillary force increases the total adhesion, making 
the oscillation more pronounced. The oscillation may not be fully damped at the 
start of the next ramp and it will affect the measurement results.

 3. The viscosity of media (liquid or air) can cause deflection change during ramp-
ing. This effect becomes severe when the cantilever is close to the sample sur-
face. The damping from the media trapped between the cantilever and sample 
surface becomes stronger with the decrease in gap.

With the increase in ramping speed, effects of all these factors become even severe. 
These parasitic deflections contaminate force-distance curves, making accurate 
force control difficult, especially at high speed. To overcome this issue, Su et al. 
implemented a method to characterize and parameterize the parasitic deflections for 
each instrument [28]. After parasitic deflections are removed, clean force-distance 
curve can be obtained at the speed of KHz by modulating the Z scanner with sinu-
soidal wave. Within a modulation cycle, the repulsive force reaches its maximum at 
the bottom-most point, similar to traditional force mode. The peak force (maximum 
force) is used to control Z scanner movement to make the probe track the sample 
surface. Compared with traditional force mapping, the peak force tapping mode is 
more accurate in force measurement (tens of pN can be achieved), and ramping 
speed is at least 3 orders faster. It is worth noting that the ramping rate is still far 
below the cantilever resonance frequency, which is typically from tens of KHz to 
hundreds of KHz. The cantilever works in quasi-static mode. This peak force tap-
ping mode has been implemented in commercial AFM [29], known as ScanAsyst 
and PeakForce QNM.

Peak force tapping mode does not rely on cantilever dynamics, making it not 
necessary to search the cantilever resonance frequency. Its operation is also inde-
pendent of environment. In tapping mode, the cantilever resonance frequency 
depends on its surrounding media (liquid or air), temperature and as well as cantile-
ver itself. Therefore, the cantilever must be tuned under the same environment as the 
real experiments. On contrast, no matter which cantilever, no matter in liquid or air, 
the operation is the same for peak force tapping mode. As discussed early in this 
chapter, the cantilever deflection drift due to environmental influence, especially 
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temperature, prohibits the deflection setpoint being set very close to that of free 
cantilever, making imaging at pN a challenging job. In peak force tapping mode, 
cantilever deflection drift is corrected at each ramping cycle, so cantilever deflection 
drift is not an issue anymore. Beside superior force control, another achievement in 
peak force tapping is that operation parameters are automatically optimized by soft-
ware. In peak force tapping mode, the Z scanner is moved up/down to maintain a 
constant peak force. As the error in peak force is linear to topographic error and PID 
controller is also a linear controller, it is easy to implement automatic parameter 
optimization. While in tapping mode, the relationship between amplitude and 
probe-sample distance has hysteresis, i.e. the extension curve and retraction curve 
do not overlap. This makes it difficult to implement automatic parameter optimiza-
tion even the amplitude linearly responds to the distance during approach curve, as 
shown in Fig. 1.8. With superior force control in the range of tens pN, the integrity 
of biomolecules and probe sharpness are well maintained during the scan. Sub 
molecular resolution can be readily achieved. DNA double helix structure has been 
measured with peak force tapping [30].

With a calibrated deflection sensitivity, force-deformation curve is reconstructed 
by subtracting deflection from the scanner Z movement, as done in traditional 
force mode. From each curve, Young’s modulus, adhesion force, deformation, 
energy dissipation, and peak force in each tapping cycle are extracted. These mate-
rial mechanical properties are mapped into different channels and form images for 
spatial distribution analysis. With the knowledge of tip geometry, the deformation 
data can be easily converted to indentation hardness [31]. Compared with tradi-
tional force mode, the peak force tapping is thousands of times faster as well as 
providing better force control, making it an ideal mode for high resolution topo-
graphic and mechanical imaging. It has been used to image sub-molecular struc-
ture of protein molecules [32].

7  Molecular Recognition

Recognizing molecules on substrates or cell membrane based on specific binding 
has attracted interest from many researchers since more than a decade ago. Force 
mapping is a commonly used approach to identify molecules and study the ligand- 
receptor interaction under different environments [33–35]. As discussed previously, 
force mapping is in general slow and lack of spatial resolution. To improve the 
speed, a dynamic recognition microscopy was developed [36], where a functional-
ized probe is oscillated with an amplitude smaller than the length of linker molecule 
(the typical length is about 6 nm). When recognition happens, the oscillation ampli-
tude of cantilever is decreased due to the interaction force. During the operation, 
the binding is not disassociated by the cantilever oscillation. The binding pair is 
ruptured by the lateral pulling force during scan when the distance between the 
molecule and tip reaches the linker length. Therefore, the size of recognized mole-
cules is dilated by two times of the linker length. With this progress, molecular 
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recognition can be done at the speed of normal AFM imaging. However, this method 
cannot provide quantitative binding force.

Another technical challenge is the surface chemistry to functionalize the probe 
and the substrate. The procedure for probe functionalization includes linkage design 
and covalently coupling the ligand to the tip surface. The bonding between the 
ligand and tip surface should be significantly stronger than the ligand  - receptor 
bonds. Otherwise, the functionalized probe may lose its ligand to the substrate, and 
lose the recognition capability. Poly(ethylene glycol) (PEG) is a well adopted linker 
because it is water soluble and non-toxic [37]. PEG has been used in a wide range 
of applications in surface modification and clinical research. The detailed protocols 
are described in many articles on force measurement, e.g. references [33–37]. To 
illustrate the concept, the procedure is described here briefly. The first step is to 
clean the probe thoroughly. This is typically implemented by incubating AFM probe 
in piranha solution (H2SO4/H2O2, 90/10 (v/v)) for 30 mins and then rinsing with 
deionized water. After dried by N2 blow, the probe is subjected to water plasma to 
generate SiOH groups on the probe surface [38]. The second step is to bind amines 
to the tip surface by an esterification protocol described in reference [33]. The third 
step is to conjugate the linker to the amines on the tip surface. The engineered PEG 
linker has N-hydroxysuccinimidyl (NHS) residue on one end and a function group 
to connect the ligand on the other end. The NHS group is used to bind the linker to 
the amines. The fourth step is to link the ligand to the function group on the end of 
the engineered linker. PDP (2-pyridyldithiopropionyl residue) and NTA 
(Ni-Nitriloacetate) [39] are commonly used function groups.

On the substrate side, different surface-binding strategies should be adopted for 
the different properties of biological samples. Some receptor proteins strongly 
adhere to mica surface through hydrophobic or electrostatic forces. In this case, 
direct adsorption provides sufficiently strong anchoring for recognition experi-
ments. Another option is to use sulfur-gold chemistry. Atomically flat gold surface 
is prepared as a substrate, as in titin pulling experiment discussed previously. If 
silicon or mica is used as substrate for water-soluble receptors, the same surface 
chemistry as in probe functionalization can be used. For receptors on cells, directly 
growing the cells on substrate is typically used. To enhance the cell adhesion to the 
substrate, the methods discussed in live cell imaging section can also be used in 
molecular recognition.

Since peak force tapping measures adhesion force directly. With properly func-
tionalized probes, it can be used to recognize molecules or function groups [40]. In 
addition to molecules on substrate, Fig. 1.13 shows molecular recognition on cell 
membrane. In this example, red blood cells develop knobs on their surface after 
infected with malaria parasites. The probe is functionalized with PEG linker and 
CD36, which is used to recognize Plasmodium falciparum erythrocyte membrane 
protein 1 (PfEMP1) [41]. It is worth noting that the CD-36 binding sites locate 
solely on the knobs. Another interesting finding is that the adhesion is free of any 
topographic artifact, as the debris (marked by white arrow) does not show adhesion 
force while it is clearly shown in topography. This makes the binding force mapping 
clean and quantitative.
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8  Frequency Modulation Mode

Unlike tapping mode where amplitude is used as feedback signal, frequency modu-
lation uses a frequency shift as the feedback signal. It was first introduced by 
Albrecht T. et al. in 1991 [42]. In this mode, the probe oscillates at a frequency close 
to its resonance. The resonance frequency of the cantilever is affected by the force 
gradient between tip and sample. This effect is illustrated in Fig.  1.14. When a 

Fig. 1.13 CD-36 binding site recognition on malaria infected red blood cells by peak force tap-
ping mode. (a) and (b) are adhesion force and peak force error images respectively. Peak force 
error image reveals the detailed topographic information. (c) is the overlay of adhesion force over 
peak force error. CD-36 binding sites have one-to- one correspondence with knobs, as shown by 
the circled area in (a) and (b). The debris marked by arrow in (b) does not show adhesion force in 
A, proving that there is no cross talk between topography and adhesion force. The adhesion force 
image is topographic artifacts free. (Image courtesy of A. Li, National University of Singapore)
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cantilever oscillates in a force field, the effective spring constant of the cantilever is 
changed by the force gradient; leading to the shift in resonance frequency. 
Mathematically, the effective spring constant is the superposition of the nature 
spring constant and the local force gradient. During a scan, the changes of surface 
topography leads to the resonance frequency shift. The feedback loop maintains a 
constant frequency by vertically moving the scanner at each location. The constant 
frequency is called frequency setpoint.

Under small amplitude situation, the frequency shift is proportional to the force 
gradient of the tip-sample interactions. Compared with long-range interactions, the 
force gradient of short-range interactions is much higher, so the short-range interac-
tions contribute much more than the long-range interactions. This is believed to be 
the fundamental reason for high resolution imaging. In spites of its potential in high 
resolution imaging, frequency modulation is not well adopted in commercial AFM 
because it does not work stably in ambient environment. The main reason is the 
capillary between probe and sample cause strong adhesion force. Frequency modu-
lation is mainly used in high vacuum environment, where amplitude modulation 
does not work due to the high quality factor of the cantilever in vacuum.

In summary, working principles of different AFM modes are discussed in this 
chapter. Based on the understanding of the working principles, users can choose 
suitable working mode, proper cantilever, and optimize operation parameters during 
imaging. It also helps identify image artifacts and interpret AFM results.

Fig. 1.14 The working 
principle of a frequency 
modulation AFM. When a 
cantilever oscillates in a 
force field, the force 
gradient will affect the 
effective spring constant, 
and then the resonance 
frequency

W. Sun



27

Reference

 1. Binnig G, Quate CF, Gerber C. Atomic force microscope. Phys Rev Lett. 1986;56:930–3.
 2. Israelachvili JN. Intermolecular and surface forces. London: Academic; 1992.
 3. Heaton MG, Prater CB, Kjoller KJ Lateral and chemical force microscopy mapping surface 

friction and adhesion. Bruker application note AN5, Rev. A1. 2004
 4. Fritz J. Cantilever biosensors. Analyst. 2008;133:855–63.
 5. Thimonier J, Montixi C, Chauvin JP, He HT, Rocca-Serra J, Barbet J. Thy-1 immunolabeled 

thymocyte microdomains studied with the atomic force microscope and the electron micro-
scope. Biophys J. 1997;73:1627–32.

 6. Henderson E, Haydon PG, Sakaguchi DS. Actin filament dynamics in living glial cells imaged 
by atomic force microscopy. Science. 1992;257:1944–6.

 7. Nagayama S, Morimoto M, Kawabata K, Fujito Y, Ogura S, Abe K, Ushiki T, Ito E. AFM 
observation of three-dimensional fine structural changes in living neurons. Bioimages. 
1996;4:111–6.

 8. Babcock KL, Prater CB. Phase imaging: beyond topography. Bruker application note AN11, 
Rev. A1. 2004

 9. McLean RS, Sauer BB.  Tapping-mode AFM studies using phase detection for resolution 
of Nanophases in segmented polyurethanes and other block copolymers. Macromolecules. 
1997;30:8314–7.

 10. Lv Z, Wang J, Chen G, Deng L. Imaging recognition events between human IgG and rat anti- 
human IgG by atomic force microscopy. Int J Biol Macromol. 2010;47:661–7.

 11. Bennett S. A history of control engineering, 1930–1955. London: IET; 1993.
 12. Ang KH, Chong G, Li Y. PID control system analysis, design, and technology. IEEE Trans 

Control Syst Technol. 2005;13:559–76.
 13. Sun W, Neuzil P, Kustandi TS, Oh S, Samper VD. The nature of the Gecko Lizard adhesive 

force. Biophys J. 2005;89:L14–7.
 14. Cleveland JP, Manne S, Bocek D, Hansma PK. A nondestructive method for determining the 

spring constant of cantilevers for scanning force microscopy. Rev Sci Instrum. 1993;64:403–5.
 15. Ducker WA, Senden TJ, Pashley RM. Direct measurement of colloidal forces using an atomic 

force microscope. Nature. 1991;353:239–41.
 16. Preuss M, Butt H-J. Direct measurement of particle−bubble interactions in aqueous electro-

lyte: dependence on surfactant. Langmuir. 1998;14:3164–74.
 17. Greiner W, Neise L, Stöcker H.  Thermodynamics and statistical mechanics. New  York: 

Springer; 2001.
 18. Butt H-J, Jaschke M. Calculation of thermal noise in atomic force microscopy. Nanotechnology. 

1995;6:1–7.
 19. Hutter JL. Comment on tilt of atomic force microscope cantilevers: effect on spring constant 

and adhesion measurements. Langmuir. 2005;21:2630–2.
 20. Ohler B.  Cantilever spring constant calibration using laser Doppler vibrometry. Rev Sci 

Instrum. 2007;78:063701.
 21. Oliver WC, Pharr GM. Measurement of hardness and elastic modulus by instrumented indenta-

tion: advances in understanding and refinements to methodology. J Mater Res. 2004;19:3–20.
 22. Cappella B, Dietler G.  Force-distance curves by atomic force microscopy. Surf Sci Rep. 

1999;34:1–104.
 23. Belikov S, Erina N, Huang L, Su C, Prater C, Magonov S, Ginzburg V, McIntyre B, Lakrout 

H, Meyers G. Parametrization of atomic force microscopy tip shape models for quantitative 
nanomechanical measurements. J Vac Sci Technol B Microelectron Nanometer Struct Process 
Meas Phenom. 2009;27:984–92.

 24. Shao Z, Mou J, Czajkowsky DM, Yang J, Yuan J-Y. Biological atomic force microscopy: what 
is achieved and what is needed. Adv Phys. 1996;45:1–86.

 25. Bustamante C, Marko JF, Siggia ED, Smith S.  Entropic elasticity of lambda-phage 
DNA. Science. 1994;265:1599–600.

1 Principles of Atomic Force Microscopy



28

 26. Butt H-J, Wolff EK, Gould SAC, Dixon Northern B, Peterson CM, Hansma PK. Imaging cells 
with the atomic force microscope. J Struct Biol. 1990;105:54–61.

 27. Krotil H-U, Stifter T, Waschipky H, Weishaupt K, Hild S, Marti O. Pulsed force mode: a new 
method for the investigation of surface properties. Surf Interface Anal. 1999;27:336–40.

 28. Su C, Lombrozo PM Method and apparatus of high speed property mapping. 2010
 29. Pittenger B, Erina N, Su C.  Quantitative mechanical property mapping at nanoscale with 

PeakForce QNM. Bruker application note AN128, Rev. B0. 2012
 30. Pyne A, Thompson R, Leung C, Roy D, Hoogenboom BW. Single-molecule reconstruction of 

oligonucleotide secondary structure by atomic force microscopy. Small. 2014;10:3257–61.
 31. Swadener JG, George EP, Pharr GM. The correlation of the indentation size effect measured 

with indenters of various shapes. J Mech Phys Solids. 2002;50:681–94.
 32. Rico F, Su C, Scheuring S. Mechanical mapping of single membrane proteins at submolecular 

resolution. Nano Lett. 2011;11:3983–6.
 33. Hinterdorfer P, Baumgartner W, Gruber HJ, Schilcher K, Schindler H. Detection and localiza-

tion of individual antibody-antigen recognition events by atomic force microscopy. Proc Natl 
Acad Sci U S A. 1996;93:3477–81.

 34. Hinterdorfer P, Schilcher K, Baumgartner W, Gruber HJ, Schindler H. A mechanistic study of 
the dissociation of individual antibody-antigen pairs by atomic force microscopy. Nanobiology 
J Res Nanoscale Living Syst. 1998;4:39–50.

 35. Baumgartner W, Hinterdorfer P, Ness W, Raab A, Vestweber D, Schindler H, Drenckhahn 
D.  Cadherin interaction probed by atomic force microscopy. Proc Natl Acad Sci. 
2000;97:4005–10.

 36. Raab A, Han W, Badt D, Smith-Gill SJ, Lindsay SM, Schindler H, Hinterdorfer P. Antibody 
recognition imaging by force microscopy. Nat Biotechnol. 1999;17:901–5.

 37. Hinterdorfer P, Kienberger F, Raab A, Gruber HJ, Baumgartner W, Kada G, Riener C, Wielert- 
Badt S, Borken C, Schindler H. Poly(Ethylene Glycol): an ideal spacer for molecular recogni-
tion force microscopy/spectroscopy. Single Mol. 2000;1:99–103.

 38. Kiss E, Gölander C-G. Chemical derivatization of muscovite mica surfaces. Colloids Surf. 
1990;49:335–42.

 39. Conti M, Falini G, Samorì B. How strong is the coordination bond between a histidine tag 
and Ni – Nitrilotriacetate? An experiment of Mechanochemistry on single molecules. Angew 
Chem. 2000;112:221–4.

 40. Pfreundschuh M, Alsteens D, Hilbert M, Steinmetz MO, Müller DJ.  Localizing chemical 
groups while imaging single native proteins by high-resolution atomic force microscopy. Nano 
Lett. 2014;14:2957–64.

 41. Baruch DI, Ma XC, Pasloske B, Howard RJ, Miller LH. CD36 peptides that block cytoadher-
ence define the CD36 binding region for Plasmodium falciparum-infected erythrocytes. Blood. 
1999;94:2121–7.

 42. Albrecht TR, Grütter P, Horne D, Rugar D.  Frequency modulation detection using high-Q 
cantilevers for enhanced force microscope sensitivity. J Appl Phys. 1991;69:668–73.

W. Sun



29© Springer Nature Singapore Pte Ltd. 2018 
J. Cai (ed.), Atomic Force Microscopy in Molecular and Cell Biology, 
https://doi.org/10.1007/978-981-13-1510-7_2

Chapter 2
Atomic Force Microscopy-Based Single 
Molecule Force Spectroscopy for Biological 
Application

Chao Tang, Youjie Fan, and Junhong Lü

Abstract This chapter describes the basic principle of force spectroscopy based on 
atomic force microscopy, with particular attention to instrumental and applications 
aspects more strictly related to the study of single biomolecules and cell 
membrane.

1  Introduction

1.1  AFM (Atomic Force Microscopy)

Invented by IBM scientists in 1982, Atomic force microscopy (AFM) was experi-
mental implemented by Binning, Quate and Gerber in 1986. It is a type of scanning 
probe microscopy (SPM), with demonstrated resolution on the order of nanometers, 
more than 1000 times better than the optical diffraction limit. The AFM consists of 
a cantilever with a sharp tip at its end that is used to scan the sample surface. The 
cantilevers is typically made up of silicon or silicon nitride with the tip apex radius 
on the order of nanometers. When the tip was brought into proximity of the sample 
surface, force between the tip apex and the sample surface lead to a deflection of the 
cantilever. And the deflection was monitored by the quadrant photodiode then “tell” 
the piezo scanner to up or down to follow the topography of the sample surface. 
Normally, three different operation modes were used to scan the surface of the sam-
ple, according to the motion of the tip: contact mode; intermittent mode (AC mode 
or tapping mode); non-contact mode. Let’s follow the history to introduce these 
modes. When AFM was invented, contact mode was used to scan sample. In contact 
mode, the tip is “dragged” across the surface of the sample and the contours of the 
surface is measured either using the deflection of the cantilever directly or, more 
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commonly, using the feedback signal which used to keep the piezo scanner follow 
the surface. In order to decrease the damage and get enough vertical deflection of 
the tip, low spring constant cantilevers are used for contact mode. As the application 
area expends, people found that the contact mode will created large later force and 
damage to the soft sample, like bio-sample. Then intermittent mode (AC, tapping) 
and non-contact mode was invented to scan the soft sample surface. Due to very 
hard operation of non-contact mode exceptionally in ambient conditions, intermit-
tent mode is normally used to scan the surface. Because in ambient conditions, most 
samples develop a liquid meniscus layer, it is very hard to keep the tip above the 
surface without “snap” into the surface and scan the surface. AC mode can bypass 
this problem by intermittent contact the surface with oscillation near its resonance 
frequency. The oscillation of the tip was achieved with small piezo element in the Z 
scanner, but other possibilities include an AC magnetic field or periodic heating 
with a modulated laser beam. The amplitude of the oscillation usually varies from 
below one nanometer to several hundred nanometers. In AC mode, frequency and 
amplitude of the driving signal are kept constant, leading to constant amplitude of 
the cantilever oscillation as long as there is no drift or interaction between tip and 
sample surface. The interaction of forces acting on the cantilever when the tip 
approach to the surface and decrease the amplitude and change the phase of the 
oscillation of the tip. This amplitude is used as the parameter that goes into the elec-
tronic servo that control the height to maintain a set cantilever oscillation amplitude 
as the cantilever is scanned over the sample surface. Although the peak force applied 
during the contacting part of the oscillation can be much higher than typically dur-
ing contact mode, AC mode generally lessens the damage done to the sample sur-
face and the tip compare done in contact mode. But AC mode is gentle enough ever 
for the lipid bilayers or adsorbed single polymer molecules under liquid medium. 
Beside the image, the phase of the cantilever’s oscillation with respect to the driving 
signal can be recorded and analyzed. The phase signal contains information about 
the energy dissipated by the cantilever in each oscillation cycle. As the development 
of the life science technology, another image scanning technics (QI™) was invented 
to get the topography and stiffness of sample at the same time. QI™ (Quantitative 
imaging, JPK Instrument, AG) is one of the best AFM imaging technics used for life 
bio-samples. With QI- a force curve based image mode- the user has full control 
over the tip-sample interacting force at every pixel of the image. There is no longer 
for setpoint or gain adjustment while scanning anymore, and every raw point data of 
image are saved for further analysis.

AFM was introduced into three major application areas: force measurement, 
imaging and manipulation. In force measurement, AFM was used to detect the force 
between the tip and the sample surface as a function of their mutual separation 
according to Hooke’s law. For imaging, keeping the force between the tip and sam-
ple as constant, the probe can follow the topography and give the three dimensional 
shape with high resolution. In manipulation, the forces between tip and sample can 
be used to change the properties of the sample in a controlled way, which means that 
the features of the sample can be removed or changed as we want. Although, image 
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scanning is the most wide use of AFM. Molecular interactions is the most important 
subject people use AFM to work on.

1.2  The Importance of Biomolecular Interactions

Because of biomolecular interactions playing important roles in many biological 
and physiological processes, it has been recognized that the analysis of single bio-
molecules spectroscopy is of critical importance in fundamental genetic research, 
clinical analysis, and industrial biotechnological development [1, 2]. Interaction 
processes between macromolecules on biological surfaces are essential for diverse 
cellular functions including embryonic development, signal transduction, immune 
response, cell adhesion, and tissue assembly [3]. Atomic force microscopy (AFM) 
can provide force-distance curves while scanning the surface of samples. According 
to the force-distance relationship, we can get data of adhesion and bonding force of 
mechanical properties [4]. AFM takes unique advantages in isolation of single bio-
molecules [5] for following reasons: First, force spectroscopy ensures a dynamic 
analytical method to measurement of interaction forces between single molecules 
superior to conventional ensemble measurements [6]. Second, AFM has potential to 
distinguish the target molecules from a complex sample because of evaluating the 
morphology, mechanical properties, charge, and even chemistry of molecular spe-
cies by various AFM imaging modes. Moreover, isolation of biomolecules can be 
done on a surface in ambient conditions by AFM. It enables us to improve the per-
formance in solutions where contaminations are likely to be introduced.

As the base of many biochemical processes, specific molecular interactions 
involve several types of noncovalent bonds including Van der Waals forces, hydro-
gen bonds, hydrophobic and electrostatic forces. The highly specific interactions 
between a ligand and its receptor can be recorded by atomic force microscopy force 
spectroscopy with a functionalized AFM tip to avoid the detection of non-specific 
events during the retraction of the tip from the sample surface. These experiments 
are so called Atomic Force Microscopy-based Single Molecule Force Spectroscopy 
(AFM-SMFS), since they allow measuring specific interaction forces between even 
one molecule on the tip and another molecule at the surface of the sample [7].

The unique advantages of AFM including piconewton sensitivity, working under 
near physiological environments and lateral atomic resolution, making it an excel-
lent approach for biomolecules, especially for soft cell surfaces at single molecule 
level [8]. For the biological applications, AFM-SMFS is mainly used for measuring 
protein and glycan on the surface of cells [9]. This chapter mainly reviews single 
molecule force spectroscopy for biological application, especially on cell mem-
brane. Also, some works on the most advanced front of application will be 
discussed.

2 Atomic Force Microscopy-Based Single Molecule Force Spectroscopy for Biological…
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2  Force Spectroscopy of Proteins on Cell Surface

Membrane proteins, mostly serve as membrane receptor in many cell functions 
[10]. As the barrier of massive pharmacological therapies, the target cell membranes 
can be studied on delivery system of drugs. Peetla et al. mentioned AFM as a bench-
mark approach to screen drug candidates [11]. To increase the efficiency of thera-
peutic discovery and delivery, one should understand the therapeutic-effector 
interactions and their cell and tissue responses at the molecular level [12].

As the first identified aquaporin of membrane water channels found in all forms 
of life, Aquaporin-1 (AQP1) is studied for novel drug targets by AFM. Fotiadis D. 
et al. reveals that AQP1 attributes to a possible secondary function as a cyclic gua-
nosine monophosphate (cGMP) gated ion channel [13]. A striking degree of 
sequence homology suggests the existence of a Ca2+-binding proteins belonging 
to Ca2+-binding site at the C terminus of AQP1 instead of the putative cGMP- binding 
site reported previously. To locate on the acquired surface topographies, 2D crystals 
AQP1 were treated with carboxypeptidase Y, which cleaves off the intracellular C 
terminus. Difference maps of AFM topography between the native AQP1 and the 
carboxypeptidase Y treated AQP1s showed the closed four-fold symmetry axis of 
the tetramer at carboxylic tail. The unique ability of AFM to provide structural 
information about molecules on the single molecule level enables thorough study of 
their behavior at simulated physiological conditions.

Established AFM-SMFS is widely applied to characterize the molecule affinity 
between antibody and antigen [14]. Hinterdorfer, P et al. studied on the interaction 
between protein antibody and antigen, and improve the fixation method of protein 
by connecting protein with a chain of PEG polymer, as an approach to distinguish 
the specific interaction between antibody and substrate on force-distance curves 
[15]. They further modified the tip with antibody to probe the sample, and devel-
oped a recognition imaging technology that combines the AFM measuring force 
mode and the scanning imaging, which ensures AFM a certain ability to identify the 
types and components of the imaging molecules [16].

Macromolecules on cell surface play an important role as the interface link 
between the cytoplasm and the extracellular region, such as receptors and ion chan-
nels. Vascular endothelial growth factor receptor (VEGFR) is an essential trans-
membrane receptor protein expressed on vascular endothelial cell surfaces [17]. 
N. Almqvist et al. initially measured the adhesion forces between isolated VEGFR 
and an AFM tip modified with its antibody [18]. In this research, the maps of inter-
action forces between antibody conjugated atomic force microscope tips, an anti- 
Flk- 1-antibody-functionalized tip and a specific receptor, a vascular endothelial 
growth factor (VEGF) receptor reveals the effect of plasma membrane receptor 
clustering on local cell mechanics in semiquantitative measurements of binding (or 
unbinding) forces. Depending on the unique advantages of AFM-FS, distribution 
and density of VEGFRs were mapped in the cell plasma membrane, which shows 
that antibody and ligand induced real-time clustering and redistribution of VEGFRs. 
Later, Lee et al. developed a two-step procedure for VEGFRs surface force analysis: 
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first locating the VEGFRs by dynamic recognition imaging, then conducting 
AFM-FS on the recognition sites to measure the rupture force and unbinding times 
[19]. 

Due to the tractability of genetic and biochemical manipulation, the fission yeast 
Schizosaccharomyces pombe (S. pombe) has become a popular tool for analyzing 
heterologous G protein coupled receptors (GPCRs) [20]. P-factor is a peptide pher-
omone and Mam2 is a fission yeast pheromone receptor belonging to GPCRs on the 
cell surface of the fission yeast. Their interaction was examined by AFM in Sasuga 
et al.’s work [21]. The AFM tips were modified with P-factor derivatives and trun-
cated P-factor derivative lacking specific binding sites to measure the specific inter-
action forces, which were recorded to be around 120 pN at a probe speed of 
1.74 μm/s. As expected, the truncated P-factor derivative modified tips do not show 
a force jump in the force curves. This yeast based AFM method shows that this 
approach has the potential for the signaling study of heterologous GPCRs and 
screening of their ligands.

Als3 protein is an adhesin involved in adhesion during host invasion, while fluo-
rescence image of Als3 proteins in the cell wall lacks spatial resolution and does not 
show the biophysical property information, such as elasticity and extension. 
Beaussart et al. therefore used AFM with anti-Als3 antibodies functionalized tips to 
get Als3 cell surface force spectroscopy [22]. The morphogenesis of C. albicans 
from yeast to hyphae was observed. In the nongerminating yeast form, adhesion 

Fig. 2.1 Human aquaporin-1 (AQP1) AFM imaging. (a) deglycosylated hAQP1 2D crystals. (b) 
carboxypeptidase Y treated AQP1 2D crystals. (c) The symmetrized correlation average of the 
deglycosylated hAQP1, windmill-shaped peripheral (1) and central protrusions (2) on the other 
side. (d) the symmetrized correlation average of the deglycosylated and decarboxylated hAQP1. 
On the lower side, the central protrusion, initially present, has disappeared while the peripheral one 
(1) does not seem to be affected by the digestion. (e) Differences in this difference map between 
the undigested and digested hAQP1 topographs are evident. (Figure reproduced from [13])
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maps show low rates of Als3. While Als3 Proteins on Hyphae show differences 
including a higher detection frequency and more specifically on the germ tube.

Formosa et al. used AFM as an imaging tool to visualize and localize adhesins 
nanodomains at the surface of living wild-type Candida albicans cells [23]. They 
observed that the molecules at the origin of these adhesions could aggregate into 
nanodomains. Further by the use of functionalized with dendrimers presenting 
CHO functions able to covalently link with NH2 functions of proteins, they deter-
mined that the less adhesive nanodomains were formed by mannoproteins that can 

Fig. 2.2 Endothelial cells in real-time atomic force maps. (a–c) Specific interaction between an 
endothelial cell surface and a Si3N4 tip functionalized with anti-Flk-1. (a) Force map at beginning. 
(b) Force curves taken at various points on the cell surface from the map shown in (a). The curves 
are offset with respect to zero force. (c) The unbinding forces probability histogram of the force 
curves from the force map, fitted with a Gaussian and the corresponding maxima and s is indicated 
in the figure. The dominant unbinding force (60–70 pN) suggests breakage of single receptor- 
antibody bonds. (d–f) Competitive inhibition probed with the antibody tip at 10 min after adding 
antibody in the recording medium. The panels correspond to (a–c). The characteristic unbinding 
force is suppressed and the measured forces are shifted toward higher values. (g–i) Corresponds to 
(a–c), but at 45 min after adding antibody. The single brighter spots in (g) are identified as clusters 
of receptor. Numbers 1–4 refer to a few of these clusters. (Figure reproduced from [18])
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interact specifically with Concanavalin A, and force measurements showed that Als 
proteins (probably among others) were participating to these nanodomains. This 
study suggested the ability of AFM force spectroscopy to measure the nanoscale 
size domains at the surface of living cells.

In a very recent research of Santos’s group, AFM has been used as a tool to 
evaluate the risk of cardiovascular diseases in patients [24]. After pretreatment, the 
AFM tips were functionalized with human purified fibrinogen to detect the 
fibrinogen- erythrocyte binding forces. Chronic heart failure (CHF) patients showed 
altered cell stiffness. Compared with non-ischaemic patients, the fibrinogen- 
erythrocyte binding forces of ischaemic patients also increased. This experiment 
showed the potential of AFM-single molecule force spectroscopy for identifying 
patients with increased risk for cardiovascular diseases.

Fig. 2.3 AFM single molecular mapping of Als3 protein on cell membrane. (a) Schematic repre-
sentation of interactions between proteins and anti-Als3 antibody modified AFM tip. (b) Adhesion 
force histogram (1 μm × 1 μm, color scale: 300 pN) of Als3 proteins on nongerminating yeast cell. 
(c) Adhesion force histogram on germinating yeast corresponds to (b). (d) Adhesion force histo-
gram of a germ tube. (Figure reproduced from [22])
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3  Protein AFM–SMFS with DNA Aptamer Tips

AFM-based single molecule force spectroscopy has the potential for drug design 
due to its molecular recognition between DNA aptamers and drug molecules. 
Compared to antibodies, aptammers show higher chemical stability and are easier 
to manipulate [25].

One of the typical examples is to measue single molecule binding via rupture 
forces of a split aptamer. Nguyen et al. used a split aptamer by AFM to detect ade-
nosine monophosphate (AMP) [26]. For their atomic force spectroscopy, the 
sequence of aptamer was split into two parts, oligo a and oligo b, immobilized on 
tip and gold substrate respectively. In this way, they avoided the target analyte inter-
acting with surface. They found that the rupture force between two oligos were 
increased in the presence AMP in comparison with the one measured in absence of 
AMP. Thus, changes in the rupture force could be directly attributed to the specific 
binding of AMP to the split aptamer.

Protein tyrosine kinase 7 (PTK7), as a protein receptor in tyrosine kinase family, 
is a surface biomarker member with potential clinical utility in cancer [27]. Aptamers 
could be a useful bio-probes to detect specific biomarkers on various cell mem-
branes with functionalized AFM tips. To figure out whether synthetic aptamers bind 
as robustly as natural antibodies, O’Donoghue et  al. measured the rupture force 
between PTK7 and both a natural antibody and a synthetic DNA aptamer by single- 
molecule AFM technique [28]. The rupture force on live cell membranes between 
the aptamer and PTK7 was 46  ±  26 pN, while the force with the antibody was 

Fig. 2.4 AFM-based force spectroscopy set-up of fibrinogen-erythrocyte binding. (a) Schematic 
representation of erythrocytes deposited on a glass slide and fibrinogen molecules mounted on an 
AFM tip. (b) Example of a force mapping height image of erythrocytes (20 μm × 20 μm, height 
color scale:1.2 μm). The symbols indicate the surface locations chosen on each cell to perform 
force spectroscopy measurements. (Figure reproduced from [24])
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68 ± 33 pN, suggesting that the binding forces are very similar. This study showed 
that DNA aptamer has the potential for targeted drug delivery to tumors.

Recently, Li et al. demonstrate a simple force-based label-free strategy for the 
highly sensitive sensing of adenosine [29]. By binding an adenosine ssDNA aptamer 
onto an AFM probe, this sensor took advantage of the specific molecular recogni-
tion between adenosine and an appropriate DNA aptamer, and the recognition 
resulted in the formation of a folded, hairpin-like DNA structure. This adenosine/
aptamer complex showed a variation of the adsorption force at the graphite/water 
interface. Because of various aptamers reported and methods for discovering new 
aptamers, this AFM-based single molecule force spectroscopy is simple but promis-
ing for the detection of numerous analytes.

4  AFM-SMFS of Cell Surface Glycans

Glycans can be found attached to proteins in glycoproteins and proteoglycans. In 
general, they are found on the exterior surface of cells. Cell surface glycans, involved 
in various biological events including immune recognition, cell adhesion, cell 
migration, bacterial infections, inflammation and cancer, have been well studied in 
the field of cellular physiology and pathology [30]. Lectins are carbohydrate- 
binding proteins of macromolecules that are highly specific for sugar moieties. With 
a specific affinity to glycans, their interactions have been applied into detecting 
specific glycans on cell surfaces. Several works have been focused on the interac-
tions between lectins and glycans by using AFM-FS. In AFM-based single mole-
cule force spectroscopy, lectins act as functional tips with specificity and high 
efficiency.

For example, Sletmoen et  al. used soybean agglutinin (SBA) as a molecular 
probe in the structural analysis of glycoproteins in their research [31]. In this study, 
dynamic force spectroscopy is used to measure the unbinding forces between SBA 
on a mica surface and a modified porcine submaxillary mucin (Tn-PSM) on AFM 
tip. A number of force jumps, which consistent with the structure of the carbohy-
drate chains of mucin, demonstrate that unbinding events or rebinding events were 
observed up to a distance equal to the length of the mucin chain. These results com-
bined with the long lifetime of the SBA-TnPSM complex can fit with a binding 
model in which lectin molecules tend to “bind and jump” from a glycan residue to 
another along the polypeptide chain of mucin before dissociating. In another report, 
Ricinus communis agglutinin-120 (RCA120) was used as a probe to directly mea-
sure the interaction forces between RCA120 and galactosyl residues on living HeLa 
cell surfaces in Li et al.’s research [32]. RCA120, a lectin from Ricinus communis, 
possesses a peculiar affinity for terminal β-D-galactosyl residues, hence it has been 
developed as a functionalized tip to detect the unbinding force, which was observed 
to be 43 pN at loading rate of 0.4 Nn·s−1. This research successfully applied molecu-
lar recognition force spectroscopy to study the specificity of the lectin-carbohydrate 
interactions.
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In a very recent research, Gunning et al. used AFM to unravel the mechanism 
driving mucus-binding protein(MUB) mediated adhesion to mucins [33]. In this 
study, MUB was immobilized on the functionalized tips and mucin was immobi-
lized on the glass slide. By single molecule force spectroscopy, they showed a 
nanospring- like adhesion model between MUB and mucin mediated by unfolding 
of the multiple repeats constituting the adhesin. The direct evidence for MUB self- 
interaction was in marked contrast with the mucin adhesion behavior presented by 
Galectin-3, a mammalian lectin characterized by a single carbohydrate binding 
domain.

5  Perspective

As shown, AFM-SMFS could be applied in vast cell surface measurements. Its high 
resolution at the nanoscale size and ability to measure forces in the pN range make 
it a valuable tool for analysis in biological applications [34]. On the cell surfaces, 
the AFM-based single molecule force spectroscopy can not only measure interac-
tion forces between various biomolecules, but also mapping recognition sites on 
cell surfaces directly. Knowledge of these forces contribute to a better understand-
ing of the molecular basis of molecular recognition events. Published data shows 
that AFM-SMFS could be applied into various areas such as bimolecular recogni-
tions, action mechanisms detection, disease evaluation and drug design [35–37]. 
The amount of newly published work with AFM-SMFS is astonishing and heralds 
a bright future for AFM research in this area.
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Chapter 3
In Situ Single Molecule Detection on Cell 
Membrane and Label Molecule Distributions 
Using AFM/NSOM

Jiang Pi, Hua Jin, and Jiye Cai

1  Introduction

Consisting of viscous phospholipid bilayer, different kinds of proteins and various 
nano/micrometer-sized domains, cell membranes have proven to play very impor-
tant roles in ensuring the stability of the intracellular environment and order of cel-
lular signal transductions. The developments of modern cell biology, immunology, 
and medicine urge us to explore more precise cell membrane structures and detailed 
functions of biomolecules on cell membranes. Due to the minuscule size of biomol-
ecules and their clusters on cell membranes (varying from several nanometers to 
hundreds of nanometers), a high resolution microscopy is needed to explore the cell 
membrane biomolecule distribution.

Among existing high resolution microscopies, the atomic force microscopy 
(AFM) is a unique scanning tunneling microscopy (STM) that can be used for sin-
gle molecule detection by relying on cantilever deflection induced by the forces 
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between the AFM tip and sample. High resolution AFM topography imaging  
hasbeen proven to be a very useful method for single molecule detection; in addi-
tion, this unspecific imaging method is very difficult for single molecule detection 
on the complicated cell membrane. However, the specific force recognition proper-
ties of AFM provide possibilities for single molecule detection on cell membranes, 
based on single-molecule force spectroscopy (SMFS), simultaneous topography, 
and recognition imaging (TREC). Both SMFS and TREC are based on the function-
alization of AFM tips with specific ligands; then these specific ligand functionalized 
AFM tips are used for distribution studies on cell membranes, simultaneously pro-
viding some important information about molecular behavior and interactions.

2  Functionalization of AFM Tips

The functionalization of AFM tips is dependent on the chemical conjunction of 
specific ligands onto the tips by chemical linkers. The most widely used linkers are 
APTES linkers, MPTMS linkers, glutaraldehyde linkers, and PEG-derived linkers, 
that provide active groups for ligand conjunctions. The typical AFM tip functional-
ization procedures are divided into in two different ways, based on nitride silicon (or 
silicon) and gold-coated AFM tips. Because nitride silicon or silicon AFM tips pro-
vide a large number of silicon atoms on their tip-surfaces that can interact with Si-O 
groups from ATPES/MPTMS to form Si-O-Si linkers and couple APTES or 
MPTMS linkers (the most widely used amination reagents), they are the most 
widely used. The conjunction of APTES/MPTMS onto tip surfaces thus provides 
active amino groups (-NH2) that can react with aldehyde groups (-CHO) from glu-
taraldehyde molecules to provide additional aldehyde groups. As indicated in 
Fig.3.1, the active aldehyde groups on tip surfaces are very sensitive to amino 
groups from ligands (such as proteins or other biomolecules), which, therefore, can 
couple the ligands onto AFM tips [1, 2]. As another kind of widely used linkers, 
heterobifunctional polyethylene glycol, including NHS–PEG–acetal [3], NHS–
PEG–MAL [4], NHS-PEG-PDP, [5] and NHS–PEG–aldehyde [6] can further cou-
ple onto the tip surface by the reaction between –NH2 and -NHS.  As shown in 
Fig. 3.1, the –acetal, -MAL, -PDP or –aldehyde end on the tip surface could react 
with the –NH2 groups on the ligands (proteins, polypeptide or other biomolecules), 
and finally couple the ligands onto AFM tip.

3  Basic Principle for AFM-SMFS

SMFS relies on measuring force with the pN sensitivity associated with single mol-
ecule reactions, thus providing fundamental insights into molecule recognition and 
interactions on cell membranes. As shown in Fig. 3.2, during the approach of AFM 
tip to cell membrane, the ligands on the AFM tip can react with specific receptors to 
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show distinct adhesion force events and can also react with other biomolecules to 
show the non-specific adhesion force events. After calculating the force events 
between the ligand-functionalized tip and cell membrane, hundreds or thousands of 
force curves obtained on an area of the cell surface can be reconstructed into an 
adhesion force map. The location of specific adhesion force events on the cell sur-
face can thus reflect the distribution of specific receptors on cell membrane. Apart 
from the distribution of biomolecules on cell membrane, this AFM force method 
can also provide information on the detailed force events between the ligands and 
their specific receptors on cell membranes, which is impossible to obtain using 
other in situ single molecule imaging techniques.

4  Basic Principle for AFM–TREC

TREC is another single molecule imaging mode of AFM that can enhance the lat-
eral resolution and imaging speed by a ligand-functionalized oscillating AFM, 
while scanning across the cell surface to resolve distribution and dynamics of a 
single biomolecule on cell membranes. Unlike SMFS force mapping, TREC is 
based on the MAC mode (magnetic alternating current) of AFM, where a magneti-
cally coated cantilever is oscillated through an alternating magnetic field. As shown 
in Fig.  3.3, the AFM tip functionalized with specific ligands via a flexible PEG 

Fig. 3.1 Typical AFM tip 
(nitride silicon or silicon 
tips) functionalization 
methods
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linker is oscillated close to its resonance frequency while scanning over the cell 
surface. When specific molecule recognition occurs, which involves the ligand on 
the AFM tip binding to its receptor on the cell surface, the PEG linker will be 
stretched during the upward movement of the cantilever. The resulting loss in energy 
will, in turn, decrease the top peaks of oscillations, and make the ligand-receptor 
binding events become visible, due to the clear reduction of the oscillation ampli-
tude. During the lateral scanning of the cell surface, a molecule recognition image 
is generated by the upper part of the oscillation, and a topography image is simulta-
neously and independently obtained by a feedback loop driven by the lower part of 
the oscillation. By combining the high-resolution topography and the molecule rec-
ognition image, the locations and dynamics of the biomolecules on the cell surface 
can be resolved with single molecule sensitivity.

Fig. 3.2 Schematic of AFM for the in situ single molecule imaging of cell membrane by SMFS. 
(a) Ligand-functionalized AFM tips are operated to interact with the cell membrane to distinguish 
the specific force-distance curves from the non-specific force-distance curves. (b) Thousands of 
force-distance curves can be reconstructed into force histograms and high resolution force adhe-
sion maps. The typical results obtained by AFM-SMFS on living cells with (c) force histogram for 
heparin-HBHA interactions, and (d) high resolution adhesion force map using a heparin modified 
tip, scale bars: 50 nm [7, 8]
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5  Basic Principle of NSOM for In Situ Single Molecule 
Detection on Cell Membrane

Based on the force detection principle of AFM, there are also a super-resolution 
microscopy, called: Near-Field Scanning Optical Microscopy (NSOM), combining 
both the high resolution morphology and fluorescence images that can be used to 
explore the cell membrane components at single molecule level. Similar to AFM, 
NSOM is also a probe-based super microscopy but also has the ability for high reso-
lution optical imaging, developed to surpass the current optical diffraction limit 
with a new resolution limit higher than 50 nm [10]. Compared with AFM tips, the 
NSOM probe is generally replaced by a metal-coated tapered optical fiber with a 
small aperture (diameter: 20–100 nm) at the end to produce optical images. The 
movement of the interior electric charge in the NSOM probe can change the electro-
magnetic field around it, which can be divided into the near field area (<10 nm) and 
the far field area (≥10 nm) [10]. In the far field, resolution of the optical microscopy 
is decided by the wavelength of the laser, but when the sample is close to the probe 
in the near field, the resolution of NSOM is not decided by the light wavelength, but 
rather is given by the aperture size of the probe and the sample–probe distance. The 
near-field light cannot be collected by the lens of conventional microscopy, as the 
signals in the near field decay exponentially within a distance of less than the 

Fig. 3.3 Schematic of AFM for the in situ single molecule imaging of cell membrane by TREC. 
(a) Ligand-functionalized AFM tips are oscillated close to their resonance frequency while scan-
ning over the cell surface, which can generate a molecular recognition image from the upper part 
of the oscillation and a topography image from the lower part of the oscillation. (b) The typical 
results obtained by AFM-TREC with simultaneously recorded topography and recognition images 
on MyEnd cells acquired with VE-cadherin-Fc-functionalized AFM tips, scale bars: 100 nm [8, 9]
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wavelength. In order to detect the fluorescence emission activated by near-field 
light, NSOM filters the fluorescence signal from the transmitted light using a long- 
pass filter before it reaches the detector, thus allowing non-diffraction-limited high- 
resolution optical imaging of NSOM.

As shown in Fig. 3.4, to create high-resolution optical images of membrane bio-
molecules by NSOM, the target biomolecules on the cell surface should be labeled 
with its specific fluorescence markers before the NSOM imaging procedure. The laser 
passes through the optical fiber in the probe of the NSOM to reach the sub- wavelength 
aperture and excites the fluorescent markers labeled on the cell surface in the near 
field. By detecting the near-field fluorescence signal, NSOM is capable of providing 
high-resolution fluorescence images of the membrane biomolecules. In this process, 
using the similar method with AFM, the high-resolution surface topography of cells 
is simultaneously generated by an additional shear-force feedback signal, which is 
applied to keep the probe in the near-field region of the cell sample. Through this 
method, NSOM is particularly suitable for investigating single molecule locations 
with high optical resolutions [11], as well as the distribution of membrane compo-
nents on cell surface with precise membrane structures at nanoscale [12].

Fig. 3.4 Schematic of NSOM for the in situ single molecule imaging of cell membrane. (a) The 
laser passes through the optical fiber of the NSOM probe to excite the fluorescent dyes on the cell 
membrane in the near field to obtain a high resolution fluorescence image with a simultaneously 
generated high resolution topography image of the cell membrane. (b) The typical results obtained 
by NSOM with high resolution fluorescence images of γδTCR on Vγ2+ T cells and the simultane-
ously recorded topography image of Vγ2+ T cells, scale bar: 1 μm [8, 13]
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6  Mapping Cell Membrane Biomolecules by AFM-SMFS

After functionalization, AFM tips can be applied to detect a variety of ligand- recep-
tor interactions on cell membrane using SMFS. Applying this method, the nanoscale 
explorations of cells using AFM to probe the specific biomolecules in cell mem-
branes at a single molecule level has progressed tremendously in the past few years, 
especially in bacterial cells [14, 15]. Compared with mammalian cells, bacterial 
cells have more simplified and much stiffer membrane structures, which makes 
single molecule imaging of the surface of bacterial cells relatively easier than that 
of mammalian cells. Dupres et al. [7] reported a method with ligand-activated AFM 
tips to measure the specific binding forces of individual adhesions and to map their 
distributions on the surface of living bacteria. In another study, the localization and 
conformational analysis of individual polysaccharides on the surface of living bac-
teria were performed by SMFS analyses with Con A and PA-1-functionalized AFM 
tips [16]. Heinisch et al. [17] then presented a single molecule demonstration of 
clustering a transmembrane protein on the surface of bacterial cells. These results 
indicated that AFM-SMFS could be set as a powerful tool to map cell surface 
biomolecules.

AFM-SMFS could thus provide new insights into the dynamic clustering distri-
bution and signaling behavior of trans-membrane biomolecules on the membranes 
of living bacterial cells. Francius et al. [18] presented a protocol to analyze polysac-
charide chains of different natures on bacteria surfaces that described how function-
alized AFM tips with concanavalin A lectins were available for stretching specific 
polysaccharide molecules on living bacteria and mapping the localizations, adhe-
sions, and extensions of individual polysaccharide chains on bacterial surfaces. 
Some other membrane biomolecules of bacteria, such as fibronectin attachment 
proteins [19], Als5 and Als3 cell adhesion proteins [20, 21], wall teichoic acids [22], 
cell wall-anchored proteins, [23] and filamentous haemagglutinin [24] were also 
detected on bacterial cell membranes through a similar AFM force spectroscopic 
method, showing the broad application prospects of AFM for the in situ single mol-
ecule imaging of living bacterial surfaces. The AFM-based SMFS exploration of a 
bacterial surface shows the precise distribution of biomolecules on a bacterial mem-
brane, with detailed force information between the ligands and their specific recep-
tors on a cell membrane, which greatly promotes our understanding of the signaling 
behaviors of membrane biomolecules in bacteria.

Although the very soft property of mammalian cells is very difficult to be imaged 
by AFM, AFM-SMFS could also be applied to detect the distribution of biomole-
cules on the membrane of mammalian cells. The distribution of single HSPG recep-
tors on the surface of living A549 cells was mapped by AFM, following investigation 
of the specific interactions between heparin-binding hemagglutinin and heparan 
sulphate proteoglycan receptors [25], which provided new avenues for pathogenesis 
research, particularly for elucidating the molecular basis of the pathogen-host inter-
actions. Lama et  al. [5] mapped the amount and distribution of the functional 
GnRH-R receptors on the surface of living prostate cancer cells by AFM, which 
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provided a crucial insight into the stimulatory effect of LA on GnRH-R expressed 
on the androgen-insensitive prostate cancer cell membranes. AFM force mapping 
can also be used for single ion channel imaging of living cell membranes [26]. The 
nanoscale distribution of CD20 on B-cell lymphoma tumour cells and Fc gamma 
receptors on macrophage were also investigated by AM-SMFS mapping [27, 28] 
These results obtained at molecular level dramatically enhanced our understanding 
of the distribution and function of cell membrane signaling biomolecules in mam-
malian cells.

7  Probing Cell Membrane Biomolecules by AFM-TREC

Unlike AFM-SMFS that are widely used for cell membrane biomolecule distribu-
tion studies, AFM-TREC is much more suitable for cell membrane biomolecule 
distribution studies in mammalian cells. Using TREC, the recognition images 
revealed single VE-cadherin and irregularly shaped VE-cadherin domains with 
sizes ranging from 10 to 100 nm [29]. More importantly, this work demonstrated the 
changes of VE-cadherin upon EDTA exposure at a temporal resolution of 5–10 min 
[9, 29], which indicated that the AFM-based TREC method could also be applied 
for the real time imaging of membrane biomolecules.

The nanoscale distribution and localization of CD1d molecules on THP1 cells 
were also presented by TREC [30]. Then, Ron et al. [31] introduced the specific 
force mapping of membrane-bound osteopontin and the topography of a mamma-
lian cell, which they used to demonstrate the exact locations of the proteins relative 
to the cell membrane. Li et  al. [32] also presented AFM-TREC to illustrate and 
evaluate the membrane distribution of TRA-1-81 antigen on fixed hES cells, which 
provided a platform for unveiling the correlation between the heterogeneity of the 
membrane proteins and cell development in a complex cell community. The AFM- 
TREC method was also used to localize FcγRs, revealing the nanoscale distribution 
of FcγRs on local areas of macrophages [28, 33]. The binding sites of the extracel-
lular part of ion channels on cell surfaces could also be visualized by AFM-based 
TREC [34]. These works indicated that single biomolecules, such as single recep-
tors, antigens, or ion channels, on fixed cell membranes could be recognized by the 
biologically functionalized AFM tip, provingthat AFM could be used to image the 
locations of single biomolecules in cell membranes. Because of the much more 
complicated dynamic properties of living cells, this operation technique for living 
cell imaging is much harder than in fixed cells.

A detailed procedure for investigating the proteins in membranes of living cells 
by AFM was first introduced by Li et al. [35]. Their experimental results showed 
that single biomolecules, such as receptors on the membranes of living cells, could 
also be recognized and imaged by AFM, which extensively extended the use of 
AFM for the in situ single molecule imaging of living cell membranes. Using an 
anti-VEGFR2-functionalized AFM tip, the number and distribution of VEGFR2 in 
the membrane of fixed and living endothelial cells were quantified [36]. This direct 
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single receptor imaging approach simultaneously quantified both the binding kinet-
ics and the non-uniform distributions of these receptors with respect to the underly-
ing cytoskeleton, providing spatio-temporal visualization of the cell surface 
dynamics that regulated single receptor behaviors. Xiao et  al. also demonstrated 
highly sensitive and specific molecular recognition images and high-resolution top-
ographic images of EGFR on single breast cancer cells, implying that TREC imag-
ing technique could be used as a powerful imaging tool to study different cell 
surface receptors at molecular levels [37].

8  Application of NSOM for In Situ Single Molecule 
Detection on Cell Membrane

As expected, the ability of NSOM to map and detect co-localized proteins in cell 
membranes with a super-resolution of 100 nm was demonstrated [38]; our results 
proved that NSOM could be specifically applied to the immuno-fluorescence stud-
ies of biomolecules on cell surfaces, as well as highlighting the possibility and 
applicability of NSOM for the in situ single molecule imaging of cell membranes.

To achieve in situ single molecules imaging on a cell membrane by NSOM, a 
NSOM- and QD-based system conferred nanoscale immunofluorescence imaging 
of cell membrane was built by our group. By operating NSOM, the super-resolution 
immune fluorescence imaging of the antigen-specific T-cell receptor (TCR) response 
in an in vivo model of clonal T-cell expansion was achieved with high resolution 
[13]. The NSOM imaging system demonstrated that, before Ag-induced clonal 
expansion, nonengaging Vγ2Vδ2 TCR appeared to be distributed differently from 
nonengaging αβ TCR on cell membrane; also, the Vγ2Vδ2 TCR nanoclusters not 
only formed, but were also sustained on the membrane during the in vivo clonal 
expansion of Vγ2Vδ2 T cells after phosphoantigen treatment and after phosphoan-
tigen plus mycobacterial infection. Additionally, the results indicated that the clon-
ally expanded Vγ2Vδ2 T cells bearing high-density TCR nanoclusters were able to 
rerecognize antigens and exert better effector functions. This work firstly proved, by 
single molecule NSOM imaging, that the presence of high-density TCR nanoclus-
ters may arm Vγ2Vδ2 T cells for mounting both innate and adaptive immune 
responses during infection; therefore, our research confirmed the use of NSOM for 
in situ single molecule imaging of cell membranes and provided new nanoscale 
insights into the in vivo/vitro immune responses. Using a similar system, CD3 mol-
ecules on human peripheral blood T lymphocyte membrane [39] and CD44 mole-
cules on mesenchymal stem cell membrane [40] were also investigated at a single 
molecular level.

As a scanning probe-based optical microscopy technique, an important asset of 
NSOM beyond AFM’s capability for molecule imaging is its ability to co-localize 
multiple molecules on the cell membrane simultaneously using the same probe, 
which is impossible for AFM imaging. Using the NSOM-based two color nanoscale 
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molecule imaging method, the distribution of IL-22 and CD44 molecules on the 
plasma membrane of CD4+ T cells was visualized by Zeng et al. [41] IL-22 pro-
duced by CD4 + T cells was found to evolve for retention on the cell membrane and 
engage as nanoclusters or nanodomains after de novo production in M. tuberculosis 
infection. Zhong et al. [42] showed the distribution of CD3 and CD4 molecules on 
T cells using NSOM, which indicated the distributional relationship between TCR/
CD3 and CD4 molecules after anti-CD3 Ab stimulation. These reports strongly 
implied that the NSOM-based dual fluorescence technique could be regarded as a 
very effective tool for studying different biomolecules in cell membranes, providing 
a new perspective of the relationships between the distribution and functions of cell 
membrane biomolecules.

Based on the advantages of combining high-resolution fluorescence images and 
topographic images to visualize the precise distribution of single biomolecules in 
the complicated fluctuations of cell membranes, NSOM has been widely used in 
recent years for in situ single molecule imaging of cell membranes, and has greatly 
increased our understanding of the distribution of cell membrane biomolecules and 
its implications in cellular signaling and functions. For instance, information on the 
distribution of GM1 and CD59 molecules in cell membranes was determined by 
NSOM through the fluorescence-topographic images, which indicated where the 
lipid raft markers or lipid rafts were distributed and redistributed at T-cell mem-
brane fluctuations [43]. By combining dual fluorescence images with high- resolution 
topographic information of the cell membrane, NSOM is a very effective tool for 
studying the spatial relationship of two different biomolecules in cell membranes 
and for revealing the nanospatial peakvalley polarities of biomolecules on cell 
membrane fluctuations. Using high-resolution fluorescence and the topography 
imaging of NSOM, Zhong et  al. [44] found that most CD69 nanodomains were 
polarized predominantly in the peak of cell membrane fluctuations, while CD71 
nanodomains did not colocalize with CD69 nanodomains, but instead were mainly 
located in the valley of cell membrane fluctuations. This NSOM-based dual 
fluorescence- topographic imaging technique makes it possible to image the exact 
distribution relationships of different biomolecules on cell membrane fluctuations at 
the single molecule level, which is very difficult to achieve by other optical imaging 
systems.

9  Combining AFM and NSOM for In Situ Single Molecule 
Imaging on Cell Membrane

Both as probe-based microscopy, AFM and NSOM can also be combined to study 
the structure of biological samples, which not only provides the optical distribution 
and structure morphology, but also the force information of biological samples [45]. 
The nanoscale features of CD69 expression on activated T cells were determined 
using the AFM topographic and force-binding nanotechnology, as well as NSOM 

J. Pi et al.



51

based nanosacle imaging, which represented the first demonstration of the nano- 
biology of CD69 expression during T cell activation [46]. Our studies demonstrated 
the potential use of combining AFM and NSOM for in situ single molecule imaging 
on cell membranes; however, more research needs to be done for this to be devel-
oped into a more functional technique.

10  Conclusions and Future Perspectives

Both AFM-SMFS and AFM-TREC methods rely on the functionalization of AFM 
tips with ligands to recognize their specific receptors on cell membranes; thus, the 
detected biomolecules or a portion of their subdomains must be distributed on the 
outer cell membranes to ensure specific interactions between the ligands and their 
target receptors. This property makes AFM a surface limited detection technique; 
therefore, it cannot be used for intracellular molecule imaging, but it is very suitable 
for in situ single molecule imaging of outer membrane biomolecules.

AFM is a very powerful technique that is capable of resolving the precise distri-
bution of membrane biomolecules, and in particular, it can also be used to investi-
gate the ligand-receptor interaction forces on cell surfaces. However, both 
AFM-SMFS and AFM-TREC methods are restricted to the detection of only one 
kind of biomolecule in an individual  experiment and the dynamic study of cell 
membrane biomolecules is very difficult, due to its limited temporal resolution.

AFM-SMFS has proved to be very powerful in demonstrating the localization of 
cell membrane biomolecules in bacterial cells, due to AFM’s ability to provide very 
precise topography images. Combining the topography images, the localization 
images could dramatically enhance the understanding regarding more precise distri-
bution of biomolecules on cell membranes. However, the very soft properties of 
living mammalian cells is much more difficult to find cell membrane locations and 
precise topography images.Unlike AFM-SMFS, AFM-TREC could provide high 
resolution molecular recognition images of biomolecules and cell membrane topog-
raphy images simultaneously; therefore, it could be more suitable for living mam-
malian cell detection.

As a probe-based imaging technique, high-resolution optical images of NSOM 
can only be acquired by exciting the fluorescent markers labeled on the cell surface 
in the nearfield area. Thus, the fact that the intracellular biomolecules cannot be 
imaged by NSOM is a restriction, making NSOM only suitable for the imaging of 
biomolecules on cell surfaces. We cannot deny that this property makes NSOM a 
limited technique for intracellular biomolecule imaging, but it is also an advantage 
for the in situ single molecule imaging of cell membranes because the fluorescent 
signals obtained by NSOM are all from conclusive membrane molecules, while the 
fluorescent molecules inside the cell cannot be detected. Taking advantage of this 
property, NSOM can also be used to confirm whether the detected biomopeaks of 
oscillationslecules are located or partially located on the outer plasma membrane of 
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cells, making NSOM an effective tool for confirming the exact location of biomol-
ecules surrounding cell membranes.

Generally, to expand the applications of NSOM for the in situ single molecule 
imaging of cell membranes in living cells, further simplification of the NSOM oper-
ation system is required, and the stability of the NSOM system also needs to be 
strengthened. With the maturing and continuing improvement of the equipment, 
operation system, sample platform, and the laser optics in liquids, the use of the 
NSOM-based in situ single molecule imaging method for cell membranes should 
promote advancements in cell biology to the microfields more thoroughly and 
enable future innovative achievements.

In summary, AFM-SMFS, AFM-TREC and NSOM have proven to be very pow-
erful techniques for in-situ single molecule detection of biomolecule distributions on 
cell membranes. The most advanced property of AFM is that it can also provide the 
interaction force information between the ligands on AFM tips and the receptors on 
cell membranes, which allows us to further study the signaling events of cell mem-
brane biomolecules. Additionally, the most powerful property of NSOM is that it can 
provide the precise morphology of cell membranes with the distribution of biomol-
ecules. We believe that further developments of equipment and AFM and NSOM 
methods would further extend our understanding of the roles and mechanisms of the 
membrane biomolecules involved in some key biological phenomena, and finally 
promote important future developments in cell biology, immunology, and medicine.
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Chapter 4
AFM Imaging-Force Spectroscopy 
Combination for Molecular Recognition 
at the Single-Cell Level

Filomena A. Carvalho and Nuno C. Santos

Abstract Molecular recognition at the single-cell level is an increasingly impor-
tant issue in Biomedical Sciences. With atomic force microscopy, cell surface 
receptors may be recognized through the interaction with their ligands, inclusively 
for the identification of cell-cell adhesion proteins. The spatial location of a specific 
interaction can be determined by adhesion force mapping, which combines topo-
graphic images with local force spectroscopy measurements. Another valuable pos-
sibility is to simultaneously record topographic and recognition images (TREC 
imaging) of cells, enabling the mapping of specific binding events on cells in real 
time. This review is focused on recent developments on these molecular recognition 
approaches, presenting examples of different biological and biomedical 
applications.

Intermolecular recognition may be considered as the beginning for many biochemi-
cal processes. It involves several types of forces between single molecules. Different 
approaches have been developed to measure intermolecular forces, such as optical 
trapping [1–3], pipette suction [4] and surface forces apparatus (SFA) experiments 
[5]. Optical trapping is a very sensitive technique, but it is limited to measurements 
of less than tens of piconewtons and can only be applied to a small group of sam-
ples. Pipette suction and SFA experiments are sensitive techniques, but both have 
poor spatial resolution. The use of atomic force microscopy (AFM) in this context 
may overcome the problems associated to the previous techniques.

AFM is a very powerful technique, with great spatial resolution, which can probe 
surfaces maintaining their physiological environments and measure forces down to 
the piconewton range [6–10]. AFM can be used not only for imaging but, since the 
mid 1990’s, with the first force spectroscopy study [10, 11], it can also be used to 
record force-distance curves of biological systems. This enables AFM to measure 
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intermolecular forces between single molecules (e.g., ligand-receptor interactions), 
which can be used for molecular recognition studies.

The combination of molecular recognition and topographic information has been 
studied by two different approaches: 1) adhesion force mapping mode, and 2) topo-
graphic and recognition (TREC) imaging.

1  Adhesion Force Mapping Using Force Spectroscopy

Adhesion force mapping can be performed by applying the force-volume mode or 
by collecting the topographic image with the maximum adhesion map on the retract 
part of a force-distance curve. On the force-volume mode, all force-distance curves 
are collected, leading to a huge amount of data, with difficult post-processing. The 
maximum adhesion map is created by recording whole force-distance curve(s) for 
every pixel of the scan. However, the ability to distinguish a molecule on the adhe-
sion map is very limited as compared with the topography image; thus, usually no 
correlation between both images can be performed [12].

Force spectroscopy can be performed at a single sample spot, by selecting it on 
the AFM scanning image, or it can be record spatially in the x,y plane. Quantitative 
tip-sample adhesion maps may then be generated. The principle is to record  spatially 
resolved force-distance curves by moving the AFM scanner across the biological 
samples over an area of a given size with n × n points to be probed (typically, 32, 64 
or 128) [13–15]. The x,y AFM image is divided into a square grid of n2 pixels and 
the system performs one or more approach/retract cycle(s) on the center of each 
square/pixel, with a common lateral resolution from a few tens to hundreds of nano-
meters per pixel (Fig.  4.1) [16]. At the same time, the system creates maps (of 
height, adhesion or elasticity), which data may be processed and quantified. Thus, 
for each force-distance curve, a given property of the sample can be extracted, quan-
tified and displayed on maps. Color or grey scale can be used to display the pixels 
on the maps of each analyzed property of the sample. Brightness pixels reflect the 
magnitude of the measured property at a defined location [17–20]. Due to speed 
limitations and poorer spatial resolution on the most common atomic force micro-
scopes, this method did not have significant scientific progress before the 2000’s. 
Only after 2001, with the development of high-speed scanners, free of resonant 
vibrations up to 60 kHz, it was possible to build a high-speed AFM. This micro-
scope was capable to capture a 100 × 100 pixel2 images within 80 ms and, therefore, 
generate a movie of biological samples under physiological conditions [21]. This 
AFM provided a way to record and correlate data from structure, adhesion and elas-
ticity maps of samples faster, achieving molecular resolution.

In 2008, Sahin et al. conducted a nanomechanical mapping by the real-time anal-
ysis of time-varying tip-sample forces in tapping-mode AFM [23]. For the first time, 
they constructed maps of local elastic modulus and adhesion forces, together with 
conventional phase and topography images, in tapping mode. This new approach 
allowed the nanomechanical analysis of samples with gentle forces and high spatial 
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resolution [23]. A new dynamic AFM method to quantitatively map the nanome-
chanical properties of live cells with a throughput 10 to 1000 times higher than that 
achieved with quasi-static AFM techniques was introduced in 2011 [24]. In 2015, a 
new fast scanning quantitative dynamic AFM method for nanomechanical imaging 
of heterogeneous live cells in solution was introduced, using the cantilever mean 
deflection as feedback signal, instead of standard amplitude reduction. This new 
method was able to achieve a 10 to 20-fold improvement in imaging throughput, 
compared to amplitude-modulation AFM [25].

Moreover, combining force spectroscopy mapping with an AFM-mounted fluo-
rescence microscope enables dual fluorescence and AFM adhesion map imaging, 
allowing the detection and local determination of potential submicron-sized adhe-
sive regions [26]. Nanoparticle tracking analysis and quantitative nanomechanical 
mapping AFM were also combined to determine size and nanomechanical proper-
ties of exosomes isolated from non-malignant and malignant (metastatic and non- 
metastatic) cell lines [27]. Authors revealed that malignant cell line exosomes have 
lower stiffness and adhesion compared to non-malignant cell line exosomes.

AFM-based adhesion nanomechanical mapping provides insights into the func-
tions of different biological systems [28]. This technology has already been applied 
by different researchers to simultaneously image and quantify biophysical proper-
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Fig. 4.1 Schematic representation of adhesion force mapping. (a) Immobilization procedure for a 
sample on a glass slide. (b) A cantilever derivatized with a ligand approaches to the surface of a 
cell to conduct force measurements of n × n points within 1 × 1 μm2. (c) Differences between high 
and low affinity systems. (d) Adhesion force histogram. (e) Force curve adhesion mapping, repre-
senting high (red), low (yellow) and very low (white) affinity binding measurements. Reprinted 
with permission from [22]
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ties of complex samples, such as diatoms [29], lipid phases in supported bilayers 
[30], diverse membrane proteins [31–33], yeasts [34], virus capsids [35], human 
cells [25, 36–40] and neurodegenerative amyloid fibrils [41].

In 1998, Willemsen et al. demonstrated that the resolution of the topographical 
image in adhesion mode is only limited by tip convolution and, thus, comparable to 
tapping mode images. By comparing the high-resolution height image with the 
adhesion image, it is possible to show that specific molecular recognition is highly 
correlated with topography. This was possible by studying recognition events for 
individual antibody-antigen pairs when authors imaged individual ICAM-1 anti-
gens both in tapping mode and the adhesion mode [42].

The characterization of the local mechanical properties of polymer cushioned 
membranes [43], as well as nanofibers [44], was also possible by applying force 
mapping methodologies. An AFM tip functionalized with cytochrome C2 mole-
cules was also used to map native protein-protein interactions found in bacterial 
photosynthesis (electron donor/intrinsic membrane acceptor pair) [45]. AFM was 
also used to measure the adhesion force between targeting receptors and their 
ligands, and to map the targeting receptors (e.g., Ste2p, a G protein-coupled recep-
tor [22]). At the level of protein-protein interactions, the measurement of the bind-
ing force between glyceraldehyde-3-phosphate dehydrogenase (GAPDH) and Ras 
homologue enriched in brain (Rheb) was also performed [46]. By AFM-recognition 
mapping using specific DNA aptamers, it was possible to study the binding between 
human α-thrombin and vascular endothelial growth factor (VEGF), two proteins 
involved on the clotting cascade [47]. It is therefore possible to generate high reso-
lution maps to spatially and temporally identify proteins at the molecular level on 
complex surfaces.

On other fields of research, such as crime scene investigations, PeakForce quanti-
tative nanomechanical mapping (PF QNM) AFM has been used to study the varia-
tions in surface adhesion and topography of latent fingermark droplets over time [48].

On this review, we will highlight the application of adhesion force mapping 
methodologies to study different types of cells.

In 2015, Rigato et al. performed AFM-based mechanical mapping on cells plated 
on micropatterns, demonstrating a pattern-specific reproducible mechanical 
response [49]. This yields the possibility of average the data of the elasticity maps 
allowing to specifically locate intracellular elasticity differences, which are main-
tained among cells, and to identify regions characterized by higher or lower mechan-
ical stability [49].

One of the first studies that was performed with microbial cells was done by Gad 
et al. [20], whom focused on the distribution of mannan, a particular type of poly-
saccharides, on the surface of a living microbial cell. Specific AFM mapping molec-
ular recognition events were only detected on specific areas of the cell surface, 
which was interpreted as reflecting a non-uniform distribution of mannan on the cell 
surface. Specific procedures are necessary to conduct these AFM measurements. 
Methods for: (i) functionalizing AFM tips with Pseudomonas aeruginosa or con-
canavalin A, (ii) for stretching specific polysaccharide molecules on live bacteria 
using single-molecule force spectroscopy with lectin-coated tips, and (iii) for 
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 mapping the localization, adhesion and extension of individual polysaccharide 
chains were described in detail [50].

Experiments to measure the interaction forces of bacterial adhesins (HBHA) and 
for assessing their distribution on the surface of living cells (Mycobacterium bovis 
BCG cells) were successfully conducted by Dupres et al. [19, 51]. High-resolution 
image and adhesion force maps of a sodium dodecyl sulphate-treated Aspergillus 
fumigatus spore revealed high correlation between structural and hydrophobic het-
erogeneities [52].

In 2013, Alsteens et al. reported the correlation between structural, adhesion and 
elasticity images of complex biological samples, recorded at high temporal and 
spatial resolutions, and with biochemical specificity [18]. Using this method, they 
provided a direct visualization of the assembly machinery of bacteriophages on liv-
ing cells, revealing that they localize near the septum, in the form of soft nanodo-
mains surrounded by stiffer cell wall material [18]. The assessment of the electric 
charge distribution on the surface of the cell wall of Gram-positive bacteria was also 
proven to be feasible by AFM mapping images at a spatial resolution better than a 
few tens of nanometers [53].

On another report, the hydrophobic forces engaged in Epa6-mediated cell adhe-
sion were successfully measured by AFM [54]. Using single-cell force spectros-
copy, the authors conclude that Candida glabrata wild-type (WT) cells bind to 
hydrophobic surfaces via strongly adhesive macromolecular bonds, while mutant 
cells with impaired in Epa6 expression are weakly adhesive (Fig. 4.2).

Fig. 4.2 Mapping and quantification of hydrophobic forces on C. glabrata cells using chemical 
force microscopy. AFM deflection images of WT (A) and Epa6 mutant (E) cells. The dashed white 
squares indicate the regions where the force maps were recorded. Adhesion force maps 
(1 μm × 1 μm; bright pixels correspond to hydrophobic binding events) of WT (B) and mutant (F) 
cells; respective adhesion force (C, G) and rupture length (D, H) histograms. Adapted and reprinted 
with permission from [54]
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The observation that adhesins at the surface of Candida albicans cells are orga-
nized in nanodomains composed of free or aggregated mannoproteins was possible 
by AFM mapping of the adhesive properties of these cells (Fig. 4.3) [55].

Using a dynamic AFM technique operating in the intermittent contact regime to 
quantitatively map the local electro-mechanical force gradient, adhesion, and hydra-
tion layer viscosity within individual f29 virions, other authors provided new evi-
dences of how bacteriophages like pressurized vessels, releasing DNA through any 
fracture present on the viral shell [56].

By studying the effect of plasma membrane receptor clustering on local cell 
mechanics, Almqvist et al. obtained adhesion force maps for the interaction between 
an antibody at the AFM tip and a specific VEGF receptor [17]. VEGF receptors 
were found to concentrate toward the cell boundaries and cluster rapidly, with local 
stiffness reductions (Fig. 4.4).

Mapping images of the distribution of sugar chains on epithelium and of the 
receptor associated protein (RAP) binding proteins on fibroblasts were also obtained 
[57, 58].

In 2007, the local mechanical characteristics of different cell types (namely, 
muscle, endothelial, epithelial and glial cells, neurons, fibroblasts, osteoblasts, 

Fig. 4.3 Nanomechanics of the adhesive domains of C. albicans cells. Height image (A), and cor-
responding adhesion (B) and stiffness (C) images. Height (D), adhesion (E) and stiffness (F) 
images of a small area on top of the cell, corresponding to the white dashed square on A. Adhesive 
nanodomains circled in red on (E) are also found on the stiffness image (black circles on (F)). 
3D-image of the adhesion mapped with the stiffness (G). Cross-section (H) taken along the blue 
line on (D). Distribution of the stiffness values (I) corresponding to the cell wall and the less adhe-
sive domains (blue columns) or to the most adhesive domains (orange columns). Reprinted with 
permission from [55]
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blood cells and sensory cells) were analysed by Kuznetsova et al. [59]. According 
to this work, normal cells are one order of magnitude stiffer than cancer cells. 
Authors suggested that such change in elastic properties might be attributed to a 
difference in cytoskeleton organization. In another study, mapping of the local 
Young’s modulus of a living astrocytes revealed that stiffer areas correspond to the 
sites where the cytoskeleton fibers are located (Fig. 4.5) [60].

Cassina et al. demonstrated that a peptide obtained from the cleavage of the neu-
roprotein VGF stimulates intracellular calcium mobilization in Chinese Hamster 
Ovary (CHO) cells [61]. The sub-cellular localization of the tyrosine kinase recep-
tor (Met) for hepatocyte growth factor on hippocampal neurons was also studied by 
AFM force spectroscopy adhesion mapping. Authors found that multimeric 
 activated Met is concentrated in the dendritic compartment, while the inactivated 
monomeric form of Met was prominent on the soma [62]. An adhesion force 

Fig. 4.4 Elasticity maps of the evaluated Young’s modulus on endothelial cells in real-time, show-
ing clustering of VEGF receptors on the cell surface. Images are colour-coded according to the bar, 
from 0 kPa (dark) to 200 kPa (bright yellow). Images show the elasticity at different time points 
after adding anti-flk-1 antibody: 10 min (A), 25 min (B), 45 min (C) and 56 min (D) after addition. 
A few regions with lower elasticity are marked with numbers 1–4 in (C). The regions underlying 
the receptor clusters appeared as less stiff. Reprinted with permission from [17]
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 mapping methodology was also applied to reveal the nanoscale distribution of Fc 
gamma receptors on local areas of macrophages, which have an important role in 
clinical cancer immunotherapy [38].

The morphology and the elastic properties of live cultured, non-malignant human 
mammalian epithelial cells (HMEC) and cancerous breast epithelial cells (MCF7) 
were also investigated through AFM force mapping [40]. The quantification of the 
surface density and the spatial organization of CXCR4 on breast cancer cell mem-
branes were also assessed by AFM, leading the authors conclude that the CXCR4 
density, spatial organization, and matrix stiffness are paramount to achieve strong 
binding [63].

Fig. 4.5 Mapping the local Young’s modulus of astrocytes. (A) Deflection image of a living astro-
cyte, with a grid of points indicating where the force curves were obtained. (B) Map of the local 
Young’s modulus in the grid nodes (colour scale in kPa, with lighter squares corresponding to 
stiffer areas). (C) Force curve obtained in a point above the cell edge; the upper part of the curve 
coincides with the curve obtained on the substrate (E). Green arrows mark the contact point and 
the blue arrow the point where the cantilever touches the substrate. (D) Force curve obtained in a 
point above the cell nucleus. Reprinted with permission from [60]
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Specific molecular-receptor interactions on living human colorectal cancer cells 
were also already tested as in vitro models for gut epithelium [36]. On this study, 
authors measured the binding of wheat germ agglutinin to the surface of living 
Caco-2 human intestinal epithelial cells.

Using fast scanning dynamic AFM, it was possible to observe the nanomechani-
cal spatio-temporal response of the cortical actin cytoskeleton, including the forma-
tion and movement of lateral actin bands [25]. These bands are characteristic of the 
retrograde actin flow machinery rapidly formed by inhibiting Syk expression in 
MDA-MB-231 breast cancer cells.

AFM was also applied to map the nanoscale distribution of CD20 molecules on 
the surface of cancer cells from clinical B-cell non-Hodgkin’s lymphoma (NHL) 
patients, with the assistance of ROR1 (a cell surface marker expressed exclusively 
on cancer cells) fluorescence recognition (Fig.  4.6) [39]. The membrane protein 
CD20 is an effective target for treating B-cell NHL, as demonstrated in clinical 
practice. That study provided a new approach to directly investigate the nanoscale 
distribution of a target protein on individual clinical cancer cells.

2  Topographic and Recognition (TREC) Imaging

The second approach to study molecular recognition is a very powerful technique, 
which combines imaging at high resolution and single-molecule interaction mea-
surements [64–66]. TREC imaging is a dynamic approach that uses an oscillating 
tip close to its resonant frequency [65, 67]. This technique is faster and has better 
lateral resolution (few nanometers) than adhesion force mapping [15, 65, 66]. 
Topographic and recognition images are obtained at the same time, allowing to 

Fig. 4.6 Detection of specific CD20-rituximab interactions on cancer cells. (A) Fluorescence 
image of a clinical bone marrow cell sample, with the AFM image of a single cell as inset. (B, C, 
D) CD20 distribution maps on the cancer cells. (E, F, G) CD20 distribution maps on the cancer 
cells after blocking with rituximab, a monoclonal antibody against CD20. Grayscale is from black 
to white, up to 200 pN. Reprinted with permission from [39]
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distinguish sites of receptors in the recognition image, spatially correlating them 
with features of the topographic image. TREC imaging uses a molecule (ligand) 
covalently attached to the AFM tip, usually via a flexible crosslinker (e.g., 
poly(ethylene glycol) – PEG) [68–70]. During the scanning of the surface, the func-
tionalized tip oscillates close to its resonance frequency. The binding sites are evi-
dent from the reduction in the oscillation amplitude, as a result of specific recognition 
during the lateral scan. Enhanced signal processing, in combination with a modified 
feedback loop [64], provides a recognition image simultaneously acquired along-
side the topography image. The separation of topographical and recognition signals 
is achieved by splitting the cantilever’s oscillation amplitude into lower and upper 
parts (relative to the cantilever’s resting position), containing solely topography and 
recognition information, respectively. The maxima of these parts are then used to 
record the topography (lower part) and recognition image (upper part) at the same 
time (Fig. 4.7) [71, 72].

TREC imaging on AFM offers different advantages [73]: (i) high resolution of 
samples and high tracking capacity of target molecules on cells; (ii) high recogni-
tion specificity; (iii) less sample damage and no sample pre-treatment; and, (iv) 
simple and clear output, demonstrating the exact location of target molecules on the 
surface of the scanned sample. The use of TREC imaging offers a wide range of 
biological applications. It enables the study of the real location of single molecules 
on a tissue or cell surface, providing new perceptions of cell physiological 
mechanisms.

Applying TREC imaging, it is possible to investigate interactions of single 
 molecules with their specific receptors, while simultaneously recording a high- 
resolution topography image. The combination of topographic and recognition 
images has been demonstrated on different biological systems with great success. 
This technique has already been useful to study chromatin structures [65], receptor-
ligand pairs [64, 66, 72], proteins [75], isolated erythrocyte membranes [76] and 
cells [77, 78].

Radmacher et al. reported one of the first adhesion mapping studies, which was 
done by mapping lysozyme aggregates adsorbed onto mica [79]. A decrease of the 
adhesion of the tip with the lysozyme compared to mica was observed. This study 
was performed with a non-functionalized tip and the adhesion map was based on the 
physicochemical properties of the molecule and the substrate, rather than on spe-
cific biomolecular interactions. Ludwig et al. used a biotin-functionalized tip to map 
a streptavidin pattern and, with specific high-affinity interaction measurements, 
were able to create an adhesion map [80].

In 2005, Agnihotri et al. used binary recognition images to differentiate specific 
from unspecific interactions between fibrinogen on the surface and its specific anti-
body [81]. The number of recognition events had a major decrease after blocking 
the surface with anti-fibrinogen antibodies. The positive events observed in the rec-
ognition image were considered as specific antibody-fibrinogen interactions.

An adaptation of this technique was proposed by Wang et al. which used an AFM 
tip with two tethered antibodies and sequential blocking to identify two types of 
proteins in single AFM images of compositionally complex molecules [82]. By 

F. A. Carvalho and N. C. Santos



65

applying this methodology, authors were able to analyse two specific components, 
BRG1 and β-actin, of the human Swi-Snf ATP-dependent nucleosome remodelling 
complex and two types of histones, H2A and H3, on the chromatin samples 
(Fig. 4.8).

Sotres et al. proposed other mode of performing force scanning by AFM, named 
jumping mode [12]. Topographic and tip-sample adhesion maps are acquired simul-
taneously. Lateral resolved adhesion maps of avidin-biotin unbinding forces highly 
correlated with single avidin molecules in the corresponding topographic map were 
achieved after testing this method.

Fig. 4.7 TREC molecular recognition imaging of galactose on the surface of HeLa cells. (a) 
Scheme of the AFM tip modified with a lectin (PHA-L). (b) Principles of TREC imaging, scanning 
the cell with the modified tip (scale bar: 300 nm). (c) Topography image. (d) Topography image 
with the recognition signal superimposed. Adapted and reprinted with permission from [74]
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A simple procedure for adjusting the optimal amplitude for TREC imaging was 
described by Preiner et al. [71]. This method takes advantage of the sharp localiza-
tion of the TREC signal within a small range of oscillation amplitudes. Using this 
procedure, authors imaged single avidin molecules immobilized on a mica substrate 
with an AFM tip functionalized with a biotinylated IgG.

In 2014, van Es et al. presented a new way to look at AFM TREC data. TREC 
imaging was used on a model system comprising an S-layer surface modified with 
Strep-tag II for binding sites and Strep-Tactin bound to the AFM tip [83]. They have 
shown that high resolution TREC images contain information on binding and 
unbinding rates for surface bound molecules. They also presented a method to anal-
yse the TREC images to extract these rates as a function of distance between the 
AFM tip and the binding site. The authors concluded that high resolution TREC 
imaging is a valid method to determine kon values at the single-molecule level [83].

Force clamp force mapping (FCFM), an AFM-based technique for measuring the 
viscoelastic creep behaviour of live cells with sub-micrometer spatial resolution, 
can also be successfully applied [84].

A study from 2009 evaluated the changes in surface topography, surface adhe-
sion, indentation depth and Young’s modulus on a metal-tolerant marine bacterium 
after its exposure to cobalt (II) ions [85]. An overall increase on the elasticity of the 
bacterial membrane and an increase in adhesiveness were observed.

Detailed procedures for all stages of TREC experiments with cells (e.g., vascular 
endothelial cells), from tip and sample preparations to the operating principles and 
visualization, were described by Chetcheglova et al. [86].

The distribution of osteopontin (OPN) over pre-osteogenic cell membrane was 
tracked by mapping the adhesion forces between an anti-OPN coated probe and the 
cell surface. Authors were able to recognize specific OPN nanodomains on the cell 
membrane (Fig. 4.9) [73].

Fig. 4.8 Identification of different subunits in a multiprotein complex. Human Swi-Snf ATP- 
dependent nucleosome remodelling complexes were deposited and scanned with an AFM tip with 
both anti-BRG1 and anti-β-actin antibodies, rescanned in the presence of β-actin blocking peptide, 
and then rescanned in the presence of BRG1 and β-actin blocking peptides. (A) Topographic image 
from the initial scan. (B) Corresponding recognition image (no blocking). (C) Recognition image 
obtained after blocking with β-actin peptide. (D) Recognition image obtained when both BRG1 
and β-actin blocking peptides are present. Dashed squares identify complexes whose recognition 
disappears after blocking with β-actin peptide and solid circles identify complexes whose recogni-
tion disappears only when BRG1 blocking peptide is present. Squares and circles are shown only 
when molecular recognition occurs, i.e., in (B) and (C). Reprinted with permission from [82]
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On another TREC imaging study, galactose was detected and localized on the 
surface of cancer and normal cells [74]. Authors revealed that there are more galac-
tose residues on cancer cells than on normal ones, and that the stability of galactose- 
lectin binding on cancer cells is much lower than that on normal cells.

Recently, the interaction of the specific DNA aptamer sgc8c immobilized at the 
AFM tip with its corresponding receptor, protein tyrosine kinase-7 (PTK7), embed-
ded in the membrane of acute lymphoblastic leukaemia (ALL) cells (Jurkat T-cells) 
was investigated [87]. A homogeneous distribution of PTK7 molecules on the outer 
regions of ALL cells with a surface density of 325 ± 12 PTK7 receptors (or small 
receptor clusters) per μm2 was demonstrated (Fig. 4.10).

TREC mapping was also applied to the imaging of α actinin-4 filaments and 
mapping of the epitopic region within α actinin-4 molecule using an antibody func-
tionalized tip [88]. To gain a comprehensive view of the structural and chemical 
properties of Staphylococcus epidermidis, four different strains (biofilm positive 
and biofilm negative strains) were also analysed using the same methodology [89]. 
On this study, force measurements performed using bare hydrophilic silicon nitride 
tips disclosed similar adhesive properties for each strain. However, the use of hydro-
phobic tips showed that hydrophobic forces are not the driving forces for adhesion 

Fig. 4.9 (a) Topographic AFM image of a pre-osteogenic cell (the black frame on the right corner 
shows the chosen recognition zone). (b) High resolution topography image of the recognition 
zone. (c) Recognition matrix demonstrates the location of all specific binding events between anti- 
OPN tip and the OPN proteins on the cell surface. (d) The recognition image was created by merg-
ing the binary matrix image (c) and the high resolution topography image of the recognition zone 
(b). The image reveals the location of all OPN sites over the recognition zone. Each black square 
indicates the location of an OPN site. AFM images of 30 × 30 μm2 (a) and 1 × 1 μm2 (b–d). 
Reprinted with permission from [73]
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of the four strains. Treatment of two biofilm positive strains with two chemical 
inhibitor compounds leads to a loss of adhesion, suggesting that AFM could be a 
valuable tool to screen for anti-adhesion molecules.

Studying the binding affinity of peptides binding to various materials is also pos-
sible with quantitative force mapping methods [90].

TREC can be combined with other techniques. One example of this was pre-
sented by Zhu et al., which used native-protein nanolithography (NPNL) and TREC 
to synergistically use AFM tips to write and image nanoscale protein patterns  
on a surface [91]. The approach was validated using surface-bound biotinylated 
bovine serum albumin (BSA) and AFM tips carrying streptavidin tethered via a 
 flexible PEG linker. Another example is the combination of AFM with scanning 
electrochemical microscopy (SECM) in peak force tapping (PFT) mode, thereby 
offering spatially correlated electrochemical and nanomechanical information 

Fig. 4.10 (A) Schematic representation of the TREC setup. Simultaneously acquired topography 
(B1) and recognition (B2) images on a T-cell membrane using sgc8c functionalized tips. A super-
imposition of topography and recognition is also shown (B3). After addition of free aptamers, the 
topography image (C1) remains unchanged, whereas the recognition spots (C2) are completely 
abolished, as a result of blocked PTK7 receptors, as illustrated in (C3). Scale bars: 500  nm. 
Reprinted with permission from [87]
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paired with high-resolution topographical data under force control [92]. The devel-
opment of this approach may also be used to study complex biological samples, 
such as bacterial cells. Hinterdorfer et  al. have shown that AFM combined with 
near-field scanning optical microscopy (NSOM) provide a broad range of possibili-
ties for mapping the distribution of single molecules on the surfaces of cells with 
nanometer spatial resolution, thereby shedding new light on their highly sophisti-
cated functions, namely on the study of the adhesion of C. albicans to proteins 
(Fig. 4.11) [93, 94].

Fig. 4.11 Single-molecule AFM imaging unravels the dynamic clustering of cell adhesion pro-
teins on yeast cells. (A) Single Als proteins from C. albicans were localized and stretched using an 
AFM tip bearing specific antibodies. (B) AFM topographic image of a single live cell. (C) Adhesion 
force map recorded on a cell that was never subjected to force. Red pixels document the detection 
of single proteins. Most proteins were isolated and evenly distributed, without any clear evidence 
for clustering. (D) Subsequent mapping recorded on the same cell after mechanical stimulation. 
Unlike native cells, cells that had been preactivated by force displayed adhesion nanodomains 
referred to as “nanoadhesomes” (A). Reprinted with permission from [93, 94]
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3  Conclusions

The molecular recognition of the specific interactions between two molecules, pro-
teins, membranes, or the entire surface of cells is essential to understand both struc-
ture and function(s). The recent advances on single-molecule imaging approaches, 
as for atomic force microscopy, allowed researchers to take advantages of these 
methods, with high improvements in spatial/temporal resolution, cell imaging 
speed, ease of use, higher throughput analysis and maintenance of in vivo cell physi-
ological conditions.

Here, two different methods that combine AFM imaging and force spectroscopy 
were explained in detail: adhesion force mapping and TREC imaging. Both meth-
ods have expanded AFM beyond basic imaging studies, giving researchers the pos-
sibility to record and correlate data from structure, adhesion and elasticity maps, as 
well as to quantify molecular recognition events on different biological samples. 
Several applications of both methods led to numerous discoveries in cell biology, 
immunology, pharmacology and medical field. Some of the most recent studies are 
compiled on this review. We believe that the evolution and extension of the use of 
both methods will lead to important scientific discoveries and future developments 
in Biology and Medicine.
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Chapter 5
Atomic Force Microscopy: A Nanoscopic 
Application in Molecular and Cell Biology

Huai-Hong Cai, Xueyi Zeng, Xiao Tang, and Jiye Cai

Abstract At the prosperous fields of nanoscience and biology, the nanoscale analy-
sis of cells and cell membrane using atomic force microscopy (AFM) is an exciting 
and rapidly developing research area. Over the past decade, there has been tremen-
dous progress in the use of AFM to observe living cells and membrane proteins at 
high resolution. Remarkable advances have been made in applying AFM-based force 
spectroscopy techniques to characterize surface biomechanical properties, to map 
receptor sites on cell surface, and to measure cellular interactions at the single- cell or 
single-molecule level. Moreover, recent developments in AFM combining advanced 
optical microscopy, such as confocal microscopy and near-field scanning optical 
microscopy, opened up new avenues for cell imaging at nanoscale resolution.

1  Introduction

Cell is the fundamental unit of the living things. The human body is composed of 
trillions of cells, which plays an important role in converting the nutrients into 
energy and fabricating biostructure in the body. The cell membrane is a biological 
interface that separates the interior of cell from the outside environment. Cell mem-
brane has several important biofunctions, including maintaining cell shape, regulat-
ing membrane protein functions, and mediating signal pathway [1]. Although 
biological properties of cells are well-investigated, little is known about their 
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ultrastructure, spatial distribution and conformational changes at the single cell or 
single molecule level. This is largely due to the fact that traditional methods in cell 
biology mostly focus on large ensembles of cells or biomolecules, rather than on 
nanoscale level. In fact, individual cell has its unique physiological activity, which 
has an important impact on its biological behaviors [2].

The invention of atomic force microscopy (AFM) in 1986 [3], a milestone in the 
history of nanotechnology, has provided great opportunities for investigating single 
cell and single molecule at (sub-)nanometre resolution [3, 4]. The key breakthrough 
that led to biological AFM was the design of a fluid chamber, enabling cell imaging 
in physiological conditions, which is an exciting advantage over electron- microscopy 
techniques. In particular, real-time imaging of single cell provides novel insight into 
dynamic structural changes [5]. Like the morphological imaging, AFM in the single 
molecule force spectroscopy (SMFS) is an useful toolkit to investigate the intermol-
ecule binding forces, map the localization of surface receptors, and quantitatively 
measure their interactions [6, 7].

2  Basic Principles of AFM

To characterize the complexity of biological systems, ranging from nucleic acids 
and membrane proteins to cells and tissues, a variety of AMF imaging modes have 
been created over the years (Fig. 5.1). Major advances in high-resolution imaging 
have been achieved by using complementary methods, including super-resolution 
microscopy and cryo-electron microscopy, which enriches the imaging toolboxes 
now available to single molecule level [8].

Fig. 5.1 Timeline of AFM imaging modes in molecular and cell biology, including AFM operates 
in aqueous solution (Bio-AFM), dynamic mode AFM (DM-AFM), forceic mode AFM (DM-AFM)
odes in molecu, multiparametric AFM (MP-AFM), multifrequency AFM (MF-AFM), correlating 
advanced optical imaging and AFM (Opto-AFM), and high-speed AFM (HS-AFM). Reproduced 
with permission from refs [8]
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In morphological imaging, AFM imaging modes differ mainly in the way that the 
tip moves over the cell sample, including contact and dynamic mode (Fig. 5.2a). 
Although contact mode is widely used to image solid substrates, the applications to 
soft biological systems require adjusting the force applied to the tip. For cell imag-
ing, forces >100 pN can be deemed that they can cause irreversible sample deforma-
tions [9]. Dynamic mode imaging (originally termed tapping or oscillation mode) is 
therefore invented to minimize the force applied between tip and cell sample 
(Fig. 5.2b). In the dynamic mode, an oscillating tip is scanned over cell surface, and 
the amplitude and phase of the cantilever are monitored at or near its resonance 
frequency [10], providing the possibility in the obtainment of high-resolution cell 
imaging.

In force spectroscopy techniques, including single molecule force spectroscopy 
(SMFS), chemical force microscopy (CFM), molecule recognition mapping 
(MRM), single cell force spectroscopy (SCFS) and simultaneous topography and 
recognition imaging (TREC), the AFM tip is functionalized with chemical groups, 
biological molecules, or even a living cell [11]. The modified tip is approached 
towards and retracted from the biological sample, and the cantilever deflection mea-
sures its rupture force (Fig. 5.2c). Such approach and retraction cycles are recorded 
by the force-distance curves, providing information on specific receptor-ligand 
interactions, spatial distribution of individual receptors, and the forces that govern 
cell–cell interactions.

Fig. 5.2 AFM nanoscopy of living cells. (a) Cell morphological imaging works by probing the 
forces between a AFM tip and cell surface. (b) In the contact imaging mode, the AFM tip scans the 
cell surface and obtains its topography (dashed line). (c) In force spectroscopy, molecule-modified 
AFM tip is used to measure the binding forces. (d) Functionalize AFM tip or cantilever to conju-
gate specific molecule or cell. Reproduced with permission from refs [12]
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3  Submolecular Imaging of Cell Membranes

Cell membranes, consisting of lots of membrane proteins, are biointerface that ful-
fill various crucial functions in maintaining cell integrity and biofunctions.

AFM topographic imaging can visually characterize the nanoscale organization 
of membrane proteins in the physiological environment, which is a powerful com-
plement technique to fluorescence spectroscopy [13, 14], X-ray and electron- 
crystallography techniques [15]. For high-resolution biological imaging, studies 
reported the observation of mammalian and bacterial cells [7, 16], viruses [17], 
nucleic acids [18, 19], or membrane protein [20–22] (Fig. 5.3).

AFM imaging can observe the isolated cell membrane adsorbed onto flat sub-
strates with sub-nanometre resolution (Fig. 5.4). The best spatial resolution obtained 
by AFM on membrane is of 10 nm [23]. Prominent examples include the ion-driven 
rotors of FoF1-ATP synthases (Fig. 5.4a), and G-protein coupled receptors (GPCRs) 
(Fig. 5.4b), which covers key functions of the human body and potential targets of 
therapeutic drugs. High-resolution topographies of light-harvesting complexes [4] 
provide the evidence of the molecular rearrangements on the photosynthetic mem-
brane (Fig. 5.4c). Similar resolution was achieved on tubulin protofilaments that 

Fig. 5.3 AFM imaging applications charactering DNA, proteins and cell. (a) Subunit-III oligo-
mers of chloroplast ATP synthase visualized in 25 mM MgCl2, 10 mM Trisapplications character-
ing DNA, proteins and cell. (a [21]. (b) the distinct wide and narrow rings represent wide oligomer 
ends. Reproduced with permission from refs [21]. (c) The plasmid DNA in 50 mM NiCl2 solution. 
P-Q line representing the vertical cross-section profile. Reproduced with permission from refs 
[18]. (d) The (sub-)nanometre resolution for the plasmid DNA. X and Y representing its cross- 
sectional profile. Reproduced with permission from refs [18]. (e) HaCaT cell morphological imag-
ing. Reproduced with permission from refs [39]. (f) Cell morphological changes under the 
quercetin treatment. Reproduced with permission from refs [39]. (g) High-resolution FM-AFM 
image of an anti-HSA mouse monoclonal antibody (IgG) in 50 mM ZnCl2. Reproduced with per-
mission from refs [20]. (h) High-resolution FM-AFM image of self-assembled 2D IgG crystals in 
50 mM MgCl2. Reproduced with permission from refs [20]
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were assembled into microtubule [24], whose nanostructures were involved in cell 
migration and division. AFM allows researchers to visually observe the anti-cancer 
agent taxol inducing the polymerization of tubulin into microtubules, which inhibits 
the division of cancer cells (Fig. 5.4d). In another study [25], AFM revealed the 
reversible closure of communication channels in response to the ligand Ca2+. It is 
validated that an aminosulphonate compound can induce the pH change and subse-
quently close this communication channel using a different gating mechanism 
(Fig. 5.4e) [26]. Whereas in the presence of Ca2+, the gap junction hemichannels 
move their subunits towards closing the channel entrance, suggesting that the pH- 
induced closure can twist the subunits like a camera iris.

Fig. 5.4 Observing the individuality of cellular machines at high resolution. (a) Human commu-
nication channels known as gap junctions form hexameric pores. (b) Bovine rhodopsin, the visual 
pigment of the eye, assembles into rows of dimers (circled in white). (c) Assembly of light- 
harvesting II (small doughnuts) and light-harvesting I complexes (large doughnuts, surrounding 
the reaction centre) change with intensity of the incident light to optimize the collection of photons 
and their conversion into electric energy. (d) The anti-cancer drug taxol slows down the tubulin 
hydrolysis of straight protofilaments to form rings of 22 nm in diameter (far right panel). (e) In the 
presence of aminosulphonate compounds, human communication channels change from a closed 
(pH < 6.0) to an open state (pH > 7.5). Reproduced with permission from refs [23]
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Observing cellular nanomachines on inner membrane provides a fascinating and 
direct way to investigate the connection of structures with their biofunctions. A rep-
resentative progress for the investigation of cell functions is the use of AFM ultra-
structural imaging for characterizing membrane structure of red blood cell [27], 
mammalian cell [28], and microbial cell [2]. Erythrocyte (red blood cell) is tradi-
tionally used as a cell model to investigate membrane proteins distribution. AFM 
revealed the presence of a dense protein layer on the inner membrane (Fig. 5.5a), 
suggesting that membrane proteins were aggregated as nanoclusters to realize Na+-
K+ ATPases signal transduction (Fig. 5.5b). Most of the protein disappeared after 
trypsin digestion, thus exposing a smooth phospholipid bilayer (Fig. 5.5c, d). The 
protein layer-lipid-protein island model for the nucleated mammalian cell therefore 
was proposed (Fig. 5.5e). This provides direct evidence that the dense protein layer 
on the inner membrane can form a barrier to protect intracellular structure and 
maintain cell integrity [29].

Real-time visualization and quantitative measure of the ligand-receptor binding 
on cell surface is a challenging task in cell biology. Simultaneous topography and 
recognition imaging (TREC) is a molecular recognition mapping mode, in which 
molecular recognition signals are detected during dynamic force microscopy imag-
ing, rather than using traditional force-distance curves (Fig. 5.6a). Dynamic recog-
nition force mapping was used to localize cadherins distribution, which was 
organized into nanodomains ranging from 10 to 100 nm on microvascular endothe-
lial cell surface [30]. TREC also makes the possibility of quantifying both the bind-
ing kinetics and the distribution of growth factor receptors on human microvascular 
endothelial cells [31]. The recognition spots reveal the locations of VE-cadherins in 
the topographical image with high lateral resolution (Fig.  5.6b). Therefore, the 
simultaneous information of both topography and recognition opens a wide field for 
investigating nanostructure-biofunction relationships at the nanometer level.

Fig. 5.5 High-resolution imaging of inner membrane for erythrocyte. (a) Image of the inner mem-
brane. (b) Image of a dense protein layer on the inner membrane. (c) Inner membrane treated by 
trypsin. (d) Inner membrane ultrastructure. Arrows point to the possible peptides after trypsin 
digestion. (e) The proposed protein layer-lipid-protein island model of cell membranes. Membrane 
proteins are semi-mosaic in the lipid bilayer. Reproduced with permission from refs [40]
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High-resolution AFM imaging has the good advantage for visually characteriz-
ing living microbial cells [32]. AFM has allowed observation of the supramolecular 
organization of major cell-wall constituents on live microbes, such as rodlets [33], 
surface-layer proteins [34], and peptidoglycan (Fig.  5.7a–c) [35, 36]. Molecular 
recognition mapping (MRM) was applied to Lactococcus lactis to localize single 
peptidoglycan molecules [37] (Fig. 5.7a–c). The correlation between morphological 
imaging and force recognition provided direct evidence that peptidoglycan local-
ized in the form of parallel cables in L. lactis (Fig. 5.7c), supporting the classic 
model of peptidoglycan assembly. MRM was used to discover the relationships 
between the spatial localization and the functional roles of cell wall teichoic acids 
(WTAs) in Lactobacillus plantarum [38]. Results demonstrated that the polarized 
surface structure (Fig. 5.7d) correlates with a heterogeneous distribution of WTAs 
(Fig. 5.7e, f), and that this polarized cell-wall organization plays a key role in con-
trolling cell morphogenesis.

Fig. 5.6 Simultaneous topography and recognition mapping of membrane proteins. (a) Principle: 
the cantilever split into lower and upper parts, correspondingly topography and recognition images. 
(b) Avidin was electrostatically adsorbed to mica and imaged with a biotintethered tip. A good 
correlation between topography (left image, bright spots) and recognition (right image, dark spots) 
was found (solid circles). Topographical spots without recognition show the lacking specific inter-
action (dashed circle). Reproduced with permission from refs [6]
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4  Nanoscale Functional Imaging of Cells

The important part of biological AFM is the development of a fluid chamber, 
enabling imaging in buffer solution [8, 16]. The resolution of topographic imaging 
depends on the AFM tip radius, the sample surface property, and how precisely the 
feedback system contours the tip over the soft biological sample. Up to date, AFM 
topographic imaging is a powerful complementary tool to fluorescence [13, 14] and 
electron microscopy, offering new opportunity for approaching (sub-)nanometer 
resolution in native biological systems [42].

Fig. 5.7 The correlation between morphology and recognition images of living microbial cell. (a) 
Topographic image of two dividing L. lactis cells lacking cell-wall exopolysaccharides. (b) Single- 
molecule recognition map (400 × 400 nm) recorded with a LysM probe in the topographic image, 
peptidoglycan molecules were detected (bright pixels), and found to be arranged as lines running 
parallel to the short cell axis (red lines). (c) Schematic views of the architecture of the bacterial cell 
wall, the peptidoglycan (blue) is covered by cell-wall polysaccharides (brown), and the bottom 
drawing is an enlarged view of the peptidoglycan nanocables (blue) lying on the membrane 
(green). (d) Topographic image of a single L. plantarum cell revealing a highly smooth morphol-
ogy than the side walls. (e) Single-molecule recognition map (400 × 400 nm) records with a lectin 
probe in the topographic image, WTAs is detected on the side walls (bright pixels) but is essentially 
lacking on the poles (dark pixels). (f) Schematic view of the architecture of the L. plantarum cell 
wall, WTAs localize exclusively to the side walls (red). Reproduced with permission from refs [41]
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4.1  Real-Time Imaging of Living Cells

Living cells are dynamically, and continuously responding to environmental 
changes. AFM has the ability to track the nanostructural changes in response to 
environmental stimulants or therapeutic drugs [43–46]. In biomedicine, the real-
time imaging of drug interaction opens up new possibilities for investigating phar-
maceutical mechanism and screening new drug [43]. For example, drug-treated 
mycobacteria has the membrane ultrastructural alterations, inhibiting the synthesis 
of the cell-wall constituents, including mycolic acids, arabinans, and proteins [44].
For real-time imaging, high-resolution AFM images recorded on a single spore during 
germination (Fig. 5.8), clearly showing the crystalline rodlet layer of the bacteria 
surface was changed under the stimulus of a layer of amorphous material [45].

The migration of mesenchymal stem cells (MSCs) is closely related to the bioac-
tivity of vascular endothelial growth factor (VEGF). There is little information 
about the distribution of CD44 and CD29 during VEGF-induced MSCs migration. 
Quantum dots (QDs)-labeled near-field optical microscopy (NSOM) combining 
with AFM is used to simultaneously capture the spatial rearrangements of both 

Fig. 5.8 Real-time AFM imaging and structural dynamics analysis of a living single microbial 
cell. Series of AFM deflection images were recorded on a single spore during germination, show-
ing the topographical changes on the cell surface. Reproduced with permission from refs [45]
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CD44 and CD29 on MSC surface [46]. Before VEGF-induced migration of MSCs, 
both CD44 and CD29 formed 200–220 nm nanodomains, little co-localization was 
probed on those two domains. After VEGF treatment, both CD44 and CD29 were 
aggregated into nanoclusters and higher co-localization was observed on mem-
brane  (Fig. 5.9). The AFM morphology and fluorescent co-localization of those 
molecules visually show cytoskeleton rearrangement under VEGF stimulation.

Fig. 5.9 In situ NSOM/QDs-based dual color fluorescence imaging in mesenchymal stem cells 
(MSCs) induced by VEGF for 30 mins. (a) Topographic images of MSCs. (b) and (c), NSOM fluo-
rescence images of CD44 labeled using QD565 after stimulation by VEGF for 10 mins and 30 
mins respectively. (d) Histograms of the frequency distribution of all the CD44 and CD29 fluores-
cent spots, blue: control group; green: 10 mins VEGF stimulation; and red: 30 mins VEGF stimula-
tion. Reproduced with permission from refs [46]
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4.2  Imaging of Organelles and Proteins

In cell biology, an organelle, including nucleus [47], chromosome [48] and chro-
matophore [49], is a specialized subunit within a cell that has a specific biofunction. 
By isolating cellular organelles from the cell, the nanostructural properties of those 
isolated organelles can be obtained by AFM imaging [50], providing meaningful 
information about intracellular molecular behaviors.

Chromatin is the DNA-protein complex. In cells, chromatin usually folds into 
characteristic formations called chromosomes. AFM imaging visually shows chro-
mosome ultrastructures and cytokinesis [51]. In metaphase I, the sister chromatids 
were tightly connected together (Fig. 5.10a). In metaphase II, the chromatids were 
connected only at the centromere to form metaphase chromosomes in the character-
istic X-shape (Fig. 5.10b), in accordance with the obtained knowledge of chromo-
some. In another study, AFM probe the topography of bacterial chromatophore at 

Fig. 5.10 AFM images of chromosomes. (a) The metaphase I chromosomes are barely distin-
guished from each other. (b) and (c): Enlarged images show the sister chromatids (black arrow-
heads), primary (large white arrowheads) and secondary (small white arrowhead) constrictions 
clearly. Scan range: (a) 35 μm; (b) 5 μm; (c) 7 μm. (d) The metaphase II chromosomes connect 
only at their centromeres and the arms divide from each other. (e) and (f): Enlarged images of the 
areas marked by the white (e) and black (f) arrows in (d). Scan range (a) 28 μm; (b, c) 10 μm. 
Reproduced with permission from refs [51]
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the single-molecule level, providing direct structural information about its photo-
synthetic functions [52–54]. A chromatophore is a multicomponent assembly of 
pigment-protein photosynthetic complexes, including light-harvesting complexes 
(LH1 and LH2) and reaction centers (RCs) (Fig. 5.11) [53]. An intact  chromatophore 
was characterized by the AFM deflection image, the membrane particles had homo-
geneous distribution on the RCs (Fig. 5.11a). High resolution imaging demonstrated 
the supramolecular assembly of LH2 rings, core complexes, and the ensemble of 
RCs and LH1 (Fig.  5.11b). Morphological imaging of individual core complex 
showed that the LH1 assembly around the RC formed a closed ellipse [54], in accor-
dance with the atomic model (Fig. 5.11c). High resolution images of those densely 
packed porins showed the detailed molecular information of trimeric porin atomic 
structure on the surface of the Rhodobacter blasticus (Fig.  5.11d, e). An atomic 
model of the porin supramolecular association was proposed based on the average 
assembly pattern in ordered regions (Fig. 5.11f).

A cytoskeleton is the fundamental composition in cell. In eukaryotes, the cyto-
skeletal matrix is a dynamic structure, which has the functions of cell growth or 
division [55]. After drug treatment, nanoscaled changes in cytoskeleton is observed, 
attributing to the cytoskeleton remodeling [56]. Immunoglobulin (Ig) is the Y-shaped 
antibody produced mainly by plasma cells that is used by the immune system to 
neutralize pathogens. Single PE-conjugated IgG molecule exhibited globular shape 
with approximately 60  nm in diameter and 5  nm in height (Fig.  5.12a) [57]. 
PE-conjugated IgG molecules can self-assemble and form different structures, 
including monomers, spindle-like trimers, and hexamers through an end-to-end 
connection of two trimers. Interestingly, these multimers aggregate in different 

Fig. 5.11 High-resolution AFM analysis of the intracytoplasmic membrane of the photosynthetic 
bacterium. (a) AFM deflection image of a chromatophore. The strongly protruding membrane 
particles are the reaction centres (RC). (b) High-resolution AFM topography of the supramolecular 
assembly of light-harvesting complexes 2 (LH2) and core-complexes, ensemble of a reaction cen-
tre (RC) surrounded by light-harvesting complexes 1 (LH1). (c) Atomic model of a RC-LH1 core- 
complex surrounded by seven LH2 complexes, as depicted by AFM in the native membrane. (d) 
Average topography of the periplasmic surface of trimeric porin revealed major protrusions (turn 
β2-β3, arrow 1 and turn b14-b15, arrow 1′), fine protrusions close to the trimer axis (N-terminal 
Asp1, arrow 2), and a peripheral protrusion (turn β12-β13, arrow 3). (e) Structure of the periplas-
mic side of the Rb. capsulatus porin (PDB: 1PRN) is highly similar to the AFM average topogra-
phy. (f) Atomic model of the native supramolecular assembly of porins in the outer membrane. 
Reproduced with permission from refs [53]
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Fig. 5.12 Images of IgG molecules at different conditions: (a) single PE-conjugated IgG mole-
cule is globular, with a diameter of about 60 nm and a height of about 5 nm (scanning size: 1.5 μm). 
(b) single non-labeled IgG molecule is 20–40 nm in diameter and about 2 nm in height (scanning 
size: 0.5 μm). The insect image reveals the characteristic Y shape of an IgG molecule with a diam-
eter of about 40 nm (scanning size for inset, 50 nm). (c) and (d): PE-conjugated IgG molecules 
were able to form a monomer, trimer or polymer with different sizes and shapes. Scanning size:  
(c) 1 μm; (d) 0.6 μm. (e) non-labeled IgG molecules are unable to form end-to-end connected 
polymers and circular monolayers even at high concentrations. Scanning size: 1 μm. (f) and (g): 
PE-conjugated IgG molecules are able to form circular aggregates comprised well-assembled 
polymers. Scanning size: (f) 7 μm; (g) 25 μm. (h) A monolayer of circular polymers with a thick-
ness of around 5 nm. Shown on the top right corner is an enlarged image with a scanning size of 
500 nm, in which hexamers are assembled or arrayed orderly or synchronously in end-to-end and 
side-by-side fashions. Scanning size: 7 μm. Reproduced with permission from refs [57]
Acknowledgment This chapter was modified from the paper published by our group in Molecular 
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directions and form circular monolayers with larger dense core of IgG polymers 
(Fig. 5.12h). This visual evidence helps the researcher to understand self-assembled 
properties of those biolabeled IgG or antibodies. Bone morphogenetic protein 2 
(BMP2) can modulate cell proliferation and differentiation. After BMP2 treatment, 
cell morphology is changed from a round shape to a spindle-like shape with the 
appearance in lamellipodia, filopodia, and membrane protrusions (Fig. 5.13) [58], 
which is essential for cellular migration. This indicates that BMP2 can promote 
cancer cell migration and invasion by regulating cytoskeleton reorganization and 
expressing adhesion molecules on cell surface.

Fig. 5.13 AFM and fluorescent imaging for MCF-7 cell and its cytoskeleton. (a, e): Topography 
mode. (b, f): Error-signal mode. (c, g): 3-D mode. (d) and (h) were AFM topographical images 
enlarged from the square-indicated areas in (b) and (f), respectively. Scanning area: (a–c), (e–g) 
35 × 35 μm2; (d, h) 10 × 10 μm2. In the fluorescent images (i–p), phalloidin-FITC was used to label 
cytoskeleton. The enlarge cytoskeleton location presented a random mesh-like arrangement 
(i–l),while the cytoskeleton of BMP2-induced cells displayed an aligned actin structure (m–p). 
Reproduced with permission from refs [58]
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4.3  Multiparametric Force Probing and Molecular 
Recognition

The combination of AFM imaging and force spectroscopy created new possibilities 
for the multi-parametric investigation of biological samples [59, 60].  Currently, 
AFM-based force spectroscopy is an useful toolkit to investigate the interaction 
force between or within biomolecules, including the ligand-receptor, antibody- 
antigen and other systems. The force-distance curves, obtained from force spectros-
copy, provide detailed information of biomechanical properties, such as cell 
elasticity and stiffness. Examples for mapping the biophysical characteristics on 
biological samples include mammal cells [61], eukaryotic and bacterial cells [62, 
63], viruses [64], membranes and membrane proteins [65, 66], and amyloid fibrils 
[67]. For example, mapping viscoelastic distribution of non-tumourigenic cells and 
breast tissues indicated that cancerous cell and malignant breast tissues had more 
deformable in comparison with normal cells [68]. This led to the conclusion that 
cellular systems in pathologic condition showed significant alteration of their bio-
mechanical properties. Morphological imaging and force mapping of yeast cells 
(Saccharomyces cerevisiae) also revealed a more stiffening of the chitin- 
accumulating bud scar compared with the surrounding cell wall [69].

Determining how membrane receptors are self-assembled into nanodomains 
remains a difficult task in cell biology [70]. By applying molecular recognition 
mapping (MRM), the results show that cell surface receptors, such as growth factor 
receptors [71, 72], cell adhesion proteins [73] and drug receptors [74], can aggre-
gate as nanoclusters to respond to environmental changes. For example, dynamic 
recognition imaging was used to identify cadherin binding sites on microvascular 
endothelial cells, and to co-localize the receptor positions on the cell surface 
(Fig. 5.14) [66] and the cortical cytoskeleton [72]. The ability of MRM to sensi-

Fig. 5.14 Localizing VE-cadherin domains on vascular endothelial cell surfaces. (a) Scheme of 
molecular recognition imaging to visualize cadherin binding sites on endothelial cell surfaces. (b) 
Recognition image (512 × 512 pixels) of VE-cadherin domains. A pixel was colored red if cadherin 
binding of the functionalized AFM tip. (c) Mapping the recognition image (colored green) onto the 
corresponding cell surface topography (brown). Scale bars, 200 nm. Reproduced with permission 
from refs [83]
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tively probe compositional changes of membrane opens wide applications for inves-
tigating their structure-function relationship on the nanometer scale.

Based on the force-distance curves, the idea to map specific chemical and bio-
logical properties on membrane was proposed [75, 76]. This approach requires the 
tip-sample interactions, facilitating by AFM tip functionalization with specific 
chemical groups or ligands [76, 77]. Single-molecule force spectroscopy (SMFS) 
with biomolecules-modified tip [78] can measure the intermolecular binding forces 
and dynamics of receptor-ligand interactions on cell surface, including avidin- 
streptavidin [79, 80], antibodies [77], DNA [81] and cell adhesion proteins [82]. 
Using ligands-functionalized tip, typical force-distance curves are obtained from 
cerevisiae cells expressing V5-tagged Als5p proteins (Fig.  5.15). This molecule- 
modified AFM tip can specifically bind to the transporter molecule Als5p on cell 
surface, validating the specific binding interaction. Dufrêne et al. [12] used SMFS 
to demonstrate the force-induced formation and propagation of adhesion nanodo-
mains on the surface of living fungal cells, showing that the distribution of Als5p 
antibodies on membrane was localized with nanodomains of 100–500  nm 
(Fig.  5.15), particularly for understanding the relationship between antibacterial 
effect and protein organization.

5  Combining Advanced Optical Microscopy with AFM

Optical microscopy is an indispensable tool in cell biological research. By fluores-
cent labeling, optical microscopy provides a useful way to identify specific compo-
nents and to investigate interactions among different components. Due to the 
diffraction limit of light, conventional fluorescence microscopes, such as confocal 

Fig. 5.15 Molecular recognition imaging of formation and propagation for Als5p nanodomains. 
(a) AFM topographic images for the wildtype S. cerevisiae cells expressing V5-tagged Als5p pro-
teins. (b) Adhesion force maps (1 × 1 μm) recorded with an anti-V5 tip on a given target area of 
the native cells (map 1; recorded on the dashed squares in a). Blue and red pixels correspond to 
forces smaller and larger than 150 pN, respectively, and thus to V5-tagged Als5p recognition and 
unfolding. (c) Second adhesion force maps (1 × 1 μm) recorded on the same target area (map 1′). 
The heterogeneous distribution of colored pixels, which represents the detection of single Als5p, 
documents the formation of nanoscale clusters (highlighted by dashed lines). (d) Adhesion force 
maps (1 × 1 μm) recorded on remote areas (map 2) localized several hundred nanometers away 
from each other (see dashed squares in a). Reproduced with permission from refs [84]

H.-H. Cai et al.



93

laser scanning microscopy (CLSM), have a limited resolution—a lateral resolution 
of about 250 nm and a vertical resolution of about 500 nm—and, thus, conventional 
fluorescence microscopy cannot be used to investigate biological samples at the 
single-molecule level [85]. Fortunately, several super-resolution imaging tech-
niques, such as stimulated emission depletion (STED) [86], stochastic optical 
reconstruction microscopy (STORM) [87], near-field scanning optical microscopy 
(NSOM) [88], and photoactivated localization microscopy (PALM) [89], have been 
developed and broken through the diffraction barrier. For example, STED achieves 
a lateral resolution of 20–70 nm and a vertical resolution of 40–150 nm; single- 
molecule localization microscopy, such as NSOM, STORM and PALM, has a lat-
eral resolution of 10–30  nm and an axial resolution of 10–75  nm [90]. The 
combination of AFM with advanced optical microscopy techniques provide an 
excellent opportunity to investigate proteins distribution and their interactions at 
nanometer resolution.

5.1  Combining CLSM with AFM

Combining AFM with confocal laser scanning microscopy (CLSM) has been 
increasingly used to investigate biological structures. The optical-topographic orga-
nization from CLSM-AFM set-up showed the irregularly-shaped protein nanodo-
mains in both resting and activated immunoglobin E receptors [91]. Haga et al. [92] 
used the CLSM/AFM technique to simultaneously correlate cell topography, bio-
physical property, and fluorescence images of microtubules in a living cell, reveal-
ing that the cellular elasticity was closely related to the distribution of the actin 
network. Importantly, in AFM/CLSM microscopy, the AFM tip can be used as a 
micro-manipulator to stimulate cells, and the confocal microscopy is used as a 
detector to reveal the cellular responses [93].

Viral infection is dynamic and heterogeneous, imaging living cells and simulta-
neously quantifying the first viral binding to cell surface receptors is difficult. An 
atomic force and confocal microscopy set-up allows the surface receptor landscape 
of cells to be imaged, and the virus binding events within the first millisecond can 
be mapped at high resolution (< 50 nm) (Fig. 5.16). Functionalizing AFM tip with 
the labeled virus and virus-receptor binding events are precisely localized at pico- 
force level, and the first bond formed between the viral glycoprotein and its cell 
surface receptor has relatively low lifetime and free energy [94]. Therefore, the 
combination of AFM and confocal microscopy can be used to investigate the 
 relationships between biomechanical properties and the release of microcapsules 
that were useful for targeted drug design [95, 96].
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5.2  Combining NSOM with AFM

Near-field scanning optical microscopy (NSOM) is a useful nanotechnology tool 
for studying membrane at high optical resolution [97]. Compared with AFM tip, the 
NSOM probe is replaced by a metal-coated tapered optical fiber with a small aper-
ture (diameter of 20–100 nm) producing optical images (Fig. 5.17a). The movement 
of the NSOM probe can change the surrounding electromagnetic field, which is 
divided into the near field area (<10 nm) and the far field area (≥10 nm) [48]. In 
order to detect the fluorescence emission signal activated by near-field light, NSOM 
filters the fluorescence intensity from the transmitted light using a long-pass filter 
(Fig.  5.17b), thus obtaining the non-diffraction-limited high-resolution optical 
imaging.

To create optical images at high resolution, the target biomolecules on the cell 
surface are labeled with specific fluorescent markers, such as quantum dots (QDs), 
before the NSOM imaging. Using fluorescent labeling from QDs, Zhong et al. [98] 
reported for the first time the visualization of CD3 molecules on the human 
 peripheral blood T lymphocyte membrane by NOSM, showing the important appli-
cation prospect of NSOM for the in situ single molecule imaging. NSOM is there-
fore proved to possess better resolution than confocal microscopy in the optical 
imaging of membrane proteins. Using QDs labeling, Chen et al. [99] investigated the 
nanoscale organization of hyaluronan receptor CD44 molecules on mesenchymal 

Fig. 5.16 Mapping EnvA-RABV (ΔG) virus binding to MDCK-TVA cells using correlative con-
focal microscopy and force-distance curve based AFM. (a–c): DIC image, mCherry channel, and 
superimposition of both images of wild-type MDCK cells and MDCK-TVA cells (red). (d–e): 
Force-curve based AFM height image and adhesion channel of MDCK cells recorded in the dashed 
square shown in a and b. (f–h): Distribution of adhesion forces measured between the AFM tip 
bearing EnvA-RABV (ΔG) and three areas of MDCK cells (highlighted in d and e). The red data 
(areas 1 and 2) are recorded on MDCK-TVA cells (as proved by the mCherry channel) and the blue 
data (area 3) on control wild-type MDCK cells expressing no TVA receptors. Insets: representative 
force-distance curves with asterisks indicating maximum adhesion peaks. (i) The superimposition 
of AFM topography and the mCherry channel showed good agreement between the adhesion fre-
quency (black) (n > 1000) and the relative fluorescence intensity (red) taken from three different 
areas 1–3. Reproduced with permission from refs [94]
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stem cells (MSCs), with an optical resolution of down to 50 nm (Fig. 5.18). The 
fluorescence-topographic organization of CD44 molecules was clearly visible 
(Fig. 5.19), where the NSOM topographic and fluorescent images were superim-
posed to generate 3D imaging of the cell surface. The bright features that corre-
spond to CD44 molecules were uniformly dispersed on cell membrane. Results 
show NSOM is an ideal technique to study the organization of the plasma mem-
brane in detail at single-molecule level, by taking the advantage of QDs fluorescent 
labeling. Interestingly, using the NSOM-based two-color nanoscale molecule imag-
ing strategy, Zeng et al. [100] simultaneously visualized the distribution of IL-22 
and CD44 molecules on the plasma, showing IL-22 produced by CD4+ T cells could 
aggregate as nanoclusters after bacterial infection (Fig. 5.20).

6  Conclusions

AFM is revolutionizing nanobiotechnological research in the life sciences. In this 
review, we have endeavoured to highlight the application of AFM in multiparamet-
ric imaging and multifunctional force measuring for biological systems. These 
AFM-based nanoscale analyses offer exciting opportunities in biomedicine.  

Fig. 5.17 Schematic NSOM for the in situ single molecule imaging on cell membrane. (a) 
Schematic depiction of quantum dots (QDs)-labeling based NSOM imaging. First, the biotinylated 
antibody is conjugated to cell membrane antigen, and then the QDs-streptavidin is connected to the 
biotinylated antibody though streptavidin-biotin binding. This procedure allows us to map the 
distribution of membrane protein though the fluorescence of QDs stimulated by the localized light 
coming from the NSOM probe. (b) The laser passes through NSOM probe to excite the fluorescent 
dyes on the cell membrane in the near field, simultaneously obtaining a high resolution topographi-
cal and fluorescent image on membrane. (c) The typical NSOM images of γδTCR on Vγ2+ T cells, 
scale bar: 1 μm. Reproduced with permission from refs [101, 102]
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Fig. 5.18 NSOM/QDs-based fluorescent imaging of CD44 on mesenchymal stem cells (MSCs). 
(a) Confocal fluorescence image of the single MSC. (b) Confocal fluorescence image of the 
marked area in (a). The optical resolution is too low to resolve individual CD44 domains.  
(c) NSOM fluorescence image of the same area in (b), showing individually resolved domains. 
Note that the filopodia zone is brighter than cell body zone. (d) NSOM fluorescence imaging of the 
marked area (the lower one) in (a). (e) The smaller-scale image was obtained in the indicated area 
of (d), the inset shows one of the fluorescence spots has a resolution of ~50 nm. (f) Intensity- 
distribution histogram and (g) size-distribution histogram of fluorescence spots in (d), revealing 
microclusters of CD44 molecules. Reproduced with permission from refs [102]
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For instance, AFM should help refine our understanding of cell-cell binding events 
by imaging of native membrane proteins at high resolution and simultaneous map-
ping of the biomechanical properties of the binding sites. The exciting application 
of AFM in cell biology is seen when combined with the advanced optical tech-
niques, such as confocal fluorescence microscopy or NSOM.  Combining this 
technique with AFM permits the imaging, manipulation and probing of biological 
matter down to nanoscopic scales, providing new ways to unravel the structure-
function relationship of cell-cell interaction.

There are many challenges in AFM technology. High throughput, multicontent 
sensing platforms are needed, and these can be achieved using multifunctional 
devices with thousands of cantilevers working in parallel. Another difficult chal-
lenge will be to develop biological laboratories on AFM tips, making cantilever 
assays easy to personalize and to probe cells’ sophisticated biofunctions.

Fig. 5.19 NSOM imaging of the CD44 localization on MSCs using QDs. (a) NSOM fluorescence 
image obtained in the indicated area of the inset. (b) Corresponding NSOM topographic image. (c) 
Composite 3D image, the 3D image displays a combination of the topographic and fluorescence 
images. The inset shows CD44 molecules are located on slender, microvillus-type plasma mem-
brane protrusions. Reproduced with permission from refs [102]
Acknowledgment This chapter was modified from the paper published by our group in Micron 
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Fig. 5.20 NSOM imaging and analysis of membrane-bound IL-22 molecules on IL-22+CD4+ T 
cell surface. (a) Confocal microscopic images show that IL-22 forms capping domains on CD4 T 
cells after in vivo M. tuberculosis infection. (b) Representative NSOM/QDs-based nanoscale 
imaging shows that IL-22 are engaged as ~100–200 nm nanoclusters or as ~300–600 nm high 
density nanodomains. (c) A representative fluorescent intensity profile of an IL-22 nanocluster. 
Histogram graph shows the frequency of different sizes of FWHM of IL-22 nanoclusters on the 
CD4+ T cells. The green arrow shows a resolution of IL-22 microdomains (>500 nm). (d) A repre-
sentative fluorescence intensity profile of a CD4 nanocluster. Histogram graph shows the different 
sizes of CD4 nanoclusters or nanodomains are observed on the CD4+ T cells. Reproduced with 
permission from refs [100]
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Chapter 6
The Hyphenated Technique of High Speed 
Atomic Force Microscopy and Super 
Resolution Optical Detection System

Xiao Feng, Yunchang Guo, Hongjie An, and Hongshun Yang

Abstract The fast scanning AFM combination with super resolution optical tech-
nique allow co-localized imaging and manipulation with sub-diffraction resolution 
in a few seconds. The hybrid technique opens up new fields of in-situ dynamic study 
in living cells, enzymatic reactions, fibril growth and biomedical research.

1  Introduction

Atomic force microscopy (AFM) is a versatile technology for the study of biologi-
cal samples. A flexible cantilever is used as a force sensor for measuring extremely 
small forces between the AFM tip and sample surfaces. Dynamic mode AFM using 
small imaging forces allows nondestructive measurement. That makes AFM more 
popular in the study of native biomolecules than Scanning Electron Microscopy 
(SEM) and Transmission Electron Microscopy (TEM). However, slow imaging 
speed hinders the use of AFM, comparing to an optical microscope, SEM and 
TEM. Apart from the superb lateral and vertical resolution, researchers expect to 
know sample changes over time during the cellular bioprocess, such as protein fold-
ing and unfolding, DNA assembly, DNA-protein interaction and drug-cell interac-
tion, etc. Most of the reactions are too fast to be recorded by an AFM which usually 
takes more than one minute per frame. The dynamic imaging at single-molecule 
level in a bio-system is difficult to resolve until the invention of high speed AFM 
and super-resolution optical microscopy.
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Many AFM specialists devote considerable efforts in developing new imaging 
systems to increase the scanning rate of AFM. To date, the commercially available 
high speed AFM enables several tens Hertz frame rate [1]. The fast scan techniques 
allow the AFM tip to trace the dynamic bioprocess with a tiny scan force without 
sacrificing the image qualities. The high speed AFM is able to investigate the struc-
ture and dynamics of single molecules, indicating the molecular movement and 
diffusion dynamics. High speed AFM enabled many tremendous discoveries 
recently, such as the nature of myosin V motor mechanism [2], the diffusion dynam-
ics of protein through a membrane [3], and the killing process of an anti-microbial 
peptide towards Escherichia coli (E. coli) [4]. More and more dynamic process at 
the nanoscale have been captured and reported as high scanning speed and the wide 
application in air, vacuum, and liquids [5]. In the life science researches, the optical 
microscopes are widely used and record the images in sub-second. However, the use 
of classical optical microscopy for the single-molecule image is limited by the Abbe 
diffraction of light, which depends on the wavelength of light λ and the numerical 
aperture of the optical system (NA): Resolutionx,y = λ/2NA [6]. To overcome the 
Abbe limit, several advanced fluorescence methods have been developed to obtain 
the super-resolution, either by photo-activation, photo-switching, or by selective 
deactivation of individual fluorophores in fluorescence microscopy. The develop-
ment of stimulated emission depletion (STED) microscopy, photoactivated local-
ization microscopy (PALM) and stochastic optical reconstruction microscopy 
(STORM) allow widespread applications in the study of biological samples with 
sub-Abbe limit, 20–30 nm [6].

Both AFM and optical microscopy provide different information. The AFM 
detect the topology and mechanical properties of the investigated samples. For the 
objects having the similar size and mechanical properties, it is difficult to distin-
guish and specify them simply by AFM images. Moreover, a high-resolution of 
AFM is not enough to detect the binding of very tiny ligands. On the other hand, an 
optical microscope can obtain dynamic bioprocess with the specific fluorescence 
labeling. However, the structure and the mechanical details are missing even at a 
super-resolution and high signal-to-noise ratios. The coupling of AFM and optical 
techniques meet the demands for the achievement of the specification, structure, and 
mechanical information simultaneously. The details of high speed AFM and super- 
resolution microscopy can be seen in the literature [7]. In this chapter, we mainly 
focused on the combination of the high speed AFM and super-resolution optical 
techniques, such as AFM-STED, AFM-STORM and AFM-PALM, for imaging of 
living systems, and for precise manipulations for demanding experiments and 
cutting- edge researches fundamentally in situ and in real time.
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2  High Speed AFM

High speed AFM is scanning faster than normal AFM, and is getting popular in life 
sciences. Commercial available high speed AFM also called as ultra speed AFM 
(JPK) or fast scan AFM (Bruker), all of them comes out with outstanding designs 
for good quality images in short sample acquisition time. The core techniques for 
the new designs is to develop a system which can acquire the data with time resolu-
tion and spatial resolution at the same time. Generally, fast scan always comes at the 
expense of an increase of imaging forces, and thus results in image quality unac-
ceptable and may damage the tip or samples easily.

2.1  A High Bandwidth Z–Scanner

A high sampling frequency requires a fast scanning control system, including a high 
speed scanner and a big bandwidth for the feedback loop [5]. A high resonant fre-
quency of z-scanner is required because Z-movement needs to be faster than the X 
and Y movement. As Z-response time needs to be less than the pixel time in the X-Y 
movement. Assuming an image is captured in scan size L × L with scan lines N and 
pixels N each scan line in scan time t. The scan rate in X-direction νx = 2LN/t, and a 
pixel time is tp = L/Nνx = t/2 N2. Therefore, the Z-scanner needs to move in Z-direction 
a frequency fz = 2 N2/t to follow the surface up and down to resolve each pixel in 
X-direction. If L = 300 nm, N = 100, and t = 20 ms, then one needs a Z-scanner with 
resonance frequency f > = 1 MHz. The X-Y movement is relatively slow and does 
not require very high resonance frequency. Generally, the resonance frequency of 
the Z-scanner is influenced by the size and shape of a scanner. Usually a sample 
scanner is much bigger and moves slower than a tip scanner. Basically, a smaller 
scanner has a higher resonance frequency than a larger one. This is why most AFM 
use separated X-Y and Z-scanner system, while Z-scanner is fixed at the tip side. 
Some type of AFM fix both the X-Y and a separated Z-scanner on the tip side, also 
called as tip-scan AFM (JPK NanoWizard®). The minimal requirement for 
Z-scanner resonance frequency also defines the minimal feedback bandwidth. The 
shorter acquisition image time, the bigger bandwidth for feedback control system.

2.2  A Small Cantilever

To improve the time resolution, a delicate detecting system is highly demanded for 
faster information flow from the surface. Obtaining more information per time unit 
needs more interactions from the sample surfaces. A smaller cantilever should 
deliver information faster with similar interactions comparing with a bigger cantile-
ver [8]. A small laser spot and a small spring constant are required to reduce the 
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acquisition time. However, this increases the noise level. In dynamic mode AFM, 
the acquisition time is influenced by the amplitude reading time, the sensor and 
scanner response time, and the error correction time through the feedback control-
ler. The amplitude detector needs to be fast enough to catch several oscillation 
cycles at X and Y pixel to detect the phase delay and get an accurate amplitude 
value. A sensor response time is expressed as Q/πf0 [9]. A cantilever with low Q 
factor and high resonance frequency delivers shorter response time. A cantilever 
with small Q factor is less sensitive to surface interactions and needs less energy to 
restore the dampened oscillations than one with high Q factor. The AFM tip detach-
ing from the surface also delay the sensor response time, called parachuting [10].

High speed AFM is easy for survey scan at single-molecule level. High speed 
AFM can be applied to detect particulate contaminants to reveal contamination dur-
ing DNA purification [11]. The single-molecular sensitivity enables High speed 
AFM to detect DNA molecules without amplification required in PCR, and no 
chemical labels are required in High speed AFM. Using High speed AFM, trace 
levels of filamentous contamination were discovered. High speed AFM provides an 
alternative to characterize and quantify trace contaminants in biomolecular reagents 
and instruments in the cases when other conventional techniques fail. Importantly, 
High speed AFM provides highly accurate information of the dsDNA molecule 
size, which is related to the nature of the contamination sources [11].

For the dynamic study, DNA-protein interactions, such as short-range slide of 
protein along DNA and hop of protein on DNA, can be visualized by high speed 
AFM, which were usually inaccessible by other high resolute microscopies. High 
speed AFM provides nanoscale and sub-second temporal resolution figures of sin-
gle molecules [12]. The individual protein motion was measured using single- 
particle tracking mode, and it was observed that the composition of imaging-buffer 
has a significant effect on the random walk of proteins. The non-Brownian diffusion 
was investigated in the absence and in the presence of nucleotide cofactors. It was 
found out that the Brownian motion was hindered and prevented as the double- 
stranded DNA was immobilized on the surface of proteins. However, RAD54 
monomers showed a diffusive behavior, which is not related to the motor activity 
[12].

High speed AFM imaged and visualized that M5-HMM was advancing progres-
sively with ∼36 nm steps in Fig. 6.1 [2]. Consecutive high-speed AFM images show 
the progressive movement of M5-HMM in 1  μM ATP solution at 7 fps [13]. 
Molecular motor mechanism is also investigated by high-speed AFM [14], which 
shows that the rotorless F1-ATPase still rotates; the three β subunits cyclically dis-
play conformational changes in the contraclockwise direction in the separated α3/β3 
stator ring, which shows similarity to the rotation of rotary shaft in F1. The stator 
ring showed unidirectional structure basis. These findings suggest and imply the 
cooperative interaction between subunits in other hexameric ATPases.

Figure 6.2 shows the application of high speed AFM for observing the protein 
movement on DNA in 0.5 sec interval (a) [12] and (b) GltPh elevator domain move-
ments in 1 sec interval [15]. The improved speed enables the observation of many 
biological phenomena. Meanwhile, high speed AFM is able to capture images at 1 
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frame per second (fps) for the investigation of cell membrane reconstruction, crystal 
dynamics of purple membrane and annexin V. With the smaller cantilevers, small 
biomolecules such as DNA can be imaged by 1 fps, while larger biomolecules like 
bacteria can be imaged at 10 s for every frame [4]. However, this improved speed is 
used in the scan sizes are up to ~ 400 nm, and it is still not rapid enough to under-
stand the fast large-scale biological phenomenon. A scan of 500  nm  ×  500  nm, 
imaging with 100 × 100 pixel resolution at 10 fps requires a scan rate of 1 mm/s, 
while the line scan rate reaches 1 kHz. For a scan of 10 μm × 10 μm, imaging at 
1 mm/s with 256 × 256 pixel resolution, it takes 5.12 s. This requires the support of 
a scanner with large scan range. The scan rate of 1 mm/s is the standard rate, and to 
pursue a frame rate of 10 Hz is challenging to current techniques.

A force-feedback high speed AFM has been developed using a commercial avail-
able dimensional micro-actuated silicon probe based on a cantilever-based optical 
interfacial microscope, which is shown in Fig. 6.3 [9]. This protocol is successful in 
obtaining large images of E. coli biofilm morphology using zero Newton force as 
feedback at about 1 fps in air. In this method, the removal of bending error of 

Fig. 6.1 High-speed AFM images of walking M5-HMM. (a), AFM images of M5-HMM move-
ment in 1 mM ATP solution. (b), Image of two-headed M5-HMM bound to actin filaments. (c), 
Explanation of (d) and (e). (d) & (e), Time-resolved AFM images of hand over hand movement in 
1 mM ATP solution and in 2 mM ATP. All images were captured at 146.7 ms per frame. Scale bar: 
(a) 30 nm; (d) 50 nm; (e) 30 nm. Reprinted with permission from Kodera et al. [2] © Springer 
Nature (2010)
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 cantilever by self-actuating imposes a counter force to the sample, which causes 
sample deformation. Both the AFM tip and the sample may be contaminated or 
damaged during this process. Moreover, the use of sample scanner limits the fast 
scan speed. There is plenty room to improve the scan speed to 30 fps.

3  Combination of High Speed AFM with Super–Resolution 
Optical Techniques for Imaging

The combined techniques of high speed AFM and high-resolution optical micros-
copy open the door to image the fast-changing biological phenomena, such as DNA 
methylation, protein folding and unfolding, bacteriolysis and so on, which provide 
fundamental experimental data and images for further understanding of the fast- 
changing biological phenomena and verifying the hypothesis. Although high speed 
AFM [2] and high speed microscopy [16] have been developed, the correlative real- 
time imaging of live cells in situ is still challenging.

A setup of AFM combined with a top view microscope has conflict in acquiring 
high-resolution images of biological samples in liquids. To acquire high-resolution 
optical images, the objective with a high NA is required to be close to the sample, 
while the AFM imaging needs the tip to approach the sample. It is hard to get high- 
resolution optical images with an AFM cantilever between the objective and the 

Fig. 6.2 Examples of high speed AFM observations of (a) protein hopping and sliding on DNA 
[12] (Reproduced by permission of The Royal Society of Chemistry) and (b) GltPh elevator 
domain movements (reprinted with permission from Ruan el al [15]. © NAS (2017))
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sample surfaces. The design of inverted optical microscope coupling with high 
speed AFM solved this problem. The AFM scan head rests on the top of an inverted 
microscope providing a platform for any optical access to the sample from below. 
The setup offers the possibility to integrate any type of fluorescence microscopes, 
such as epifluorescence, confocal, total internal reflection fluorescence (TIRF) and 
Fluorescence resonance energy transfer (FRET).

The hybrid high speed AFM/fluorescence microscopy was used to investigate the 
cell surface structural changes of the living HeLa and 3 T3 fibroblast cell [17]; the 
cell response to the tip stimulation with soluble agents [18]; the morphological 
changes of hippocampal neurons at 0.2 fps [19]; the lipid membrane response to 

Fig. 6.3 A schematic diagram of the force-feedback high speed AFM. (a) Conceptual diagrams. 
(Step 1) The tip contacts the surface of sample. (Step 2) The cantilever bending occurs when tip 
encounters the sample. (Step 3) The biological structure was compressed and deformed due to the 
force-feedback. (Step 4) The activation of a feedback loop involving the piezo tube enables the 
sample to move down. (b) Feedback system. The feedback controller 1 is used for the force- 
feedback loop involving ZnO stack to obtain force images. The feedback controller 2 is the mor-
phological feedback loop involving the piezo tube. Reprinted with permission from Kim et al. [9] 
© Elsevier (2016)
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charged polymer nanoparticles [20]; the diffusion of lens cell membrane proteins at 
the cell surface [21] and mechanical properties of elastomeric proteins [22]. 
Furthermore, the combination of DNA manipulation and high speed AFM was used 
to image different biochemical reactions, such as enzymatic reaction and DNA 
structural changes [23].

The combination of high speed AFM and TIRF microscopy was used to simulta-
neously image the dynamics of biological samples, such as the effect and mecha-
nism of chitinase A on chitin microfibrils at 3 fps (Fig. 6.4) [19]; rhodamine-labeled 
actin filaments at 8.3 fps [14]; the morphology changes of B. subtilis cell caused by 
lysozyme [24]; eukaryotic COS-7 and HeLa cell response to insulin [25].

A single chitinase A molecule advancing to the top-right was captured by high 
speed AFM images at 3 fps with 150 × 35 pixels. The TIRF images (40 × 15 pixels) 
confirmed the right movement of chitinase A molecule [19]. Several techniques 
have been developed over the past decades for super-resolution fluorescence micros-
copy including STED, PALM, and STOM [26, 27]. All these techniques have shown 
their strength and are promising for biological research. This review demonstrates 
the current state of high speed AFM development combined with these super- 
resolution techniques, as well as their application in biomedical research.

3.1  High Speed AFM with STED

STED microscopy generates images with super-resolution through selective deacti-
vation of the fluorophores. As the illumination area at the focal point was mini-
mized, the resolution of target imaging was improved significantly [28]. A typical 
STED microscope uses a co-aligned scanning pair of laser pulsed beams at the same 
focus position and controls the fluorescence through the overlap of the point spread 
functions (PSF) [29]. STED theory was first proposed in 1994 by Hell [30], while 
the first STED data was published in 2000 [31]. At first, a laser is used to excite the 
fluorescent molecules to emit the spontaneous fluorescence, which occurs at nano-
second time scale. In the process, an electron is excited into an excited electronic 
state from the ground state. Before a photon is released, a second laser pulse 
(STED beam) is introduced to force the excited electron to relax into a dark state, 

Fig. 6.4 Real-time high speed -AFM/TIRFM imaging of chitinase A labeled with Cy3 moving on 
a chitin microfibril. Reprinted with permission from Uchihashi et al. [19] © Elsevier (2016)
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which depletes the excited state at picosecond time scale [30]. The STED laser has 
a phase modulation to control the special intensity distribution, resulting in a donut 
PSF at the focal plane [32]. Overlapping the standard PSF of the first laser and the 
donut depletion of the second laser results in a suppressed outer PSF (Fig. 6.5). 
An effective PSF fluorescence is achieved by using a filter to exclude the red-shift 
fluorescence. Increase the intensity of the STED beam can increase the lateral 
resolution to less than 50 nm.

Integration of AFM with STED enables high-resolution fluorescence, topo-
graphical, and nano-mechanical imaging of biological samples in a physiological 
environment. This protocol provides fundamental understanding of numerous com-
prehensive studies in medicine, biology and material science. Using this method, 
microtubes have been investigated within antibody labeled COS7 cells in PBS solu-
tions [33]. In Fig.6.6, it can be observed that the STED image (Fig. 6.6e), 3D AFM 
height image (Fig. 6.6c) and a Young’s modulus map (Fig. 6.6f) of the same target 
area on a cell is consistent with each other. Microtubules which are visible in the 
STED image can be observed in the 3D AFM height image and traced in the Young’s 
modulus map. The combined technology of the fast speed AFM and a high resolute 
STED can be applied to different kinds of samples and improve the multifunction 
and versatility of high speed AFM.

Fig. 6.5 Scheme of an AFM and STED based system showing the major components. The sketch 
includes the time-shifted pulse of the excitation source and the STED beam, the detector unit, and 
the AFM placed on an inverted microscope. The layout is adapted from JPK Instruments AG 
Technical Note: combining AFM with super-resolution STED microscopy system

6 The Hyphenated Technique of High Speed Atomic Force Microscopy and Super…



114

3.2  High Speed AFM with dSTORM

STORM is a high-resolution imaging technique, which was proposed in 2006 by 
Zhuang’s group to investigate DNA and DNA-protein complexes with a resolution 
of 20-nm [34]. A fluorescence image is re-constructed from high-accuracy localiza-
tion of photoswitchable fluorophores. There are a series of imaging cycles involved 
in the STORM imaging process and system. In each cycle, there are only a small 
fraction of the fluorophores being switched on. Each of the active fluorophores is 
separated by a distance exceeding the Abbe diffraction limit, so that it is optically 
distinguishable from the other fluorophores. This enables the determination of these 
fluorophores’ position with nanometer accuracy. In a repeating imaging cycle, dif-
ferent fluorophores are switched on. The multiple imaging cycles are used to deter-
mine the positions of the fluorophores, and are applied to reconstruct the overall 
image. This method is based on the discovery of the photoactivable molecule (green 
fluorescent protein) that can be activated and relaxed after emission to a stable dark 
state that could be re-activated [35].

Fig. 6.6 Confocal image (a) and STEM image (b) of Atto 647 N labeled microtubules in COS7 
cells in PBS. 3D height image extracted from AFM mapping (c) and calculated elasticity map (f) 
correlated with the STED (e) and confocal image (d) (both linear deconvolved) collected from the 
same area. Scale bars in (a) and (b): 2 μm, axes bars in (c)-(f): 3 μm. Reprinted with permission 
from [33] © Harke et al.; Springer Nature (2012)
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Integration of AFM with direct STORM holds great potential for conducting cor-
related nanoscale biomolecular and structural characterization on living samples 
under physiological conditions [36]. AFM provides exceptional surface resolution, 
while STORM reveals internal cellular structures at single-molecule level. This 
combination is particularly useful for actin filaments and microtubules, which are 
important in intra-cellular transport and cell stability. A hybrid AFM-STORM was 
used to correlate the density of localizations with the 3D topography along (F-)actin 
cytoskeletal filament, which is shown in Fig.  6.7 [36]. The combination of high 
speed AFM and super-resolution optical detection system can provide complemen-
tary information, which enables the structural and functional nanoscale character-
ization of living samples.

Figure 6.7 compared AFM, dSTORM, and total internal reflection fluorescence 
microscope (TIRF) resolution through correlative imaging the same filaments via 
AFM, dSTORM, and TIRF respectively. It was found that dSTORM provided 

Fig. 6.7 Resolution comparison of AFM (a), dSTORM (c), and TIRF (e) images of correlated fila-
ments. (b), (d), and (f) are the cross-sectional profiles for (a), (c) and (e) respectively. (g) Overlap 
of possible dSTORM map in blue and 3D AFM image in yellow−brown. (h) Suggestion of F-actin 
arrangements based on AFM analysis. (i) Maximum height profile of the filament according the 
AFM image showing below. (j) Corresponding AFM/PALM images of E. coli expressing RNA 
polymerase−mEos2. Reprinted with permission from Odermatt et al. [36] © American Chemical 
Society (2015)

6 The Hyphenated Technique of High Speed Atomic Force Microscopy and Super…



116

 comparable values to AFM when the width of the actin bundles was measured, indi-
cating the comparability of AFM and dSTORM.  However, AFM provides more 
resolute images than dSTORM when the filament diverged (Fig. 6.7a−c).

3.3  High Speed AFM with PALM

PALM and STORM are based on the same principle, using mathematical models to 
reconstruct a sub-diffraction limit from many sets of images [37]. Numerous sparse 
subsets of protein molecules which are photoactivatable fluorescent with caged syn-
thetic fluorophores were activated, localized, and then bleached. A small fraction of 
particular molecules are photoactivated, while the majority of the population 
remains in the dark state. The new computational algorithm enables fast imaging of 
cellular structures with 20 nm resolution to be in less than 10 s [38], which is useful 
for the dynamic imaging of molecules and cells.

The correlative images of bacteria and mammalian cells in aqueous conditions 
can be obtained through AFM-PALM [36]. Figure 6.8 shows real-time AFM and 
PALM images of live CHO-K1 cells in a physiological environment. The paxillin- 
mEos2 cluster changes were monitored by PALM series, while the cell membrane 
dynamics were shown in AFM images. The upper corner of the entire cell was cho-
sen for real-time analysis, as shown in Fig. 6.8a. Figure 6.8b showed that filopodia 
extended gradually followed by the extension of the lamellipodium, as the AFM 
images were obtained every minute. Figure 6.8c shows the PALM images recorded 
after AFM imaging. Figure 6.8d−g zoomed in to show paxillin clusters in certain 
regions. In Fig. 6.8d, there were paxillin clusters on the upper left at 28.2 min, while 
the paxillin clusters disappeared at 31.6 as shown in Fig.  6.8e, while new ones 
appeared at 30.7 and 33.3 min in Fig. 6.8f, g. In (d) and (e), it was observed that 
paxillin clusters disappeared from the top left corner (arrow), and new paxillin clus-
ters were generated within 3 min in (f) and (g) (arrows).

The combination of AFM with dSTORM, PALM and STED was used to give 
complementary information about the same biological sample from different 
aspects. Chemically fixed bacterial cells (Fig. 6.7j) were imaged using AFM and 
dSTORM. E. coli expressing the fusion protein RNP- mEOS2 was firstly measured 
by AFM and followed by PALM. PALM was chosen over dSTORM in this case, 
because PALM can be utilized with lower laser power, which is more suitable for 
living cell imaging. The PALM provided the level of expression, while AFM pro-
vided the 3D bacteria morphology. Interestingly, there was no fusion protein for one 
bacteria in the PALM image (Fig. 6.7j). In the respective AFM image, it is shown 
that the bacterium without fusion protein is situated on the top of two other bacteria. 
This bacterium may be out of the illumination volume, so the respective fusion 
proteins were not found in the PALM image. This example showed the advantage of 
the AFM/PALM combination technique, which produced a better interpretation of 
the microscopy result than AFM or PALM alone.
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The combination of dSTORM, PALM and STED and AFM techniques to image 
biologically relevant phenomenon shows the comparison of the two techniques and 
complement the weaknesses of each technique. In the actin filament imaging and 
measurement, AFM provided the information of dimension and location, which 
could be correlated to the labeling density along the actin filament as imaged by the 
high resolute microscopy.

4  Hyphenated High Speed AFM and Super–Resolution 
Optical Techniques for Manipulation

4.1  AFM Nanomanipulation

AFM nanomanipulation is utilizing tips to pull, push, scratch and move the object 
to know the mechanical properties of the targets. Using an AFM tip as a tool, it is 
able to tailor biological samples at the single-molecule level. Figure 6.9 showed 

Fig. 6.8 Real-time AFM/PALM images of live mammalian cells. (a) Paxillin-mEos2 expression 
in CHO-K1 cell under TIRF illumination off-state. Overlap part indicates AFM overview of the 
upper part of CHO-K1 cell. (b) Time-resolved AFM images indicating the filopodia protrusion and 
lamellopodia extension of normal cell at frame rate 1 min−1. (c) The paxillin-mEos2 clusters rec-
ognized in live-cell by PALM real-time images. The measured area is the same as the white square 
shown in (a). (d) and (e) Zoom-in image of the highlighted green square at different time in (c). (f) 
and (g) Zoom-in image of the highlighted red area in (c) at different time. Reprinted with permis-
sion from Odermatt et al. [36] © American Chemical Society (2015)
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some examples of AFM nanomanipulation. Single-stranded or double-stranded 
DNA molecules were immobilized on a substrate and then were precisely cut by an 
AFM tip [39]. The AFM tips are successfully used for DNA pickup from a chromo-
some [40, 41] or from a substrate by kneading, and then subjected to single- molecule 
PCR and sequencing [42–45]. AFM also can be used to move virus or nanoparticles 
to form a pattern on a surface [46]. Cells can be picked up for the study of cell-cell 
interactions with the assistance of an optical microscope [47]. Apart from mechani-
cal scratching, pulling, or pushing the surface molecules, structures decoration can 
be made by a method called dip-pen nanolithography, where the tip is used as a pen 
to directly deposit collections of ink materials onto the substrate [48, 49].

Fig. 6.9 AFM nanomanipulation at the single-molecule level. (a)–(d), DNA dissection and knead-
ing. Reprinted with permission from Hu et  al. [45] © American Chemical Society (2015). (e), 
Dissection of the chromosome. Reprinted with permission from Fotiadis et  al. [41] © Elsevier 
(2002). (f), Dip-pen Nanolithography for positioning scission of single DNA molecules with a 
nonspecific endonuclease. Reprinted with permission from Li et al. [49] © American Chemical 
Society (2015)
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4.2  Force Spectroscopy

Modification of both the AFM tip and the sample surfaces made AFM very useful 
in biological applications [50]. Single-molecule force spectroscopy techniques have 
been used to study the folding/unfolding of proteins [51], the elasticity of polysac-
charide [52], DNA base pair interactions [53], interactions between proteins, 
between DNA and proteins, and between antibody and antigen. Molecular recogni-
tions can be easily done by tagging a molecule (DNA, RNA, ligand, receptor, pep-
tide, lipids, etc), or virus on the AFM tip for imaging or biosensing (Fig. 6.10).

4.3  Fast Force Mapping

For a survey study, force mapping, like Force Volume technique (Bruker), at a large 
scale usually takes more than 1 h and comes with low-resolution topology image, 
which presents a big challenge to investigating the short-term changes of living cells 
under physiological conditions. Long time scanning has problems in drift and time- 
resolution for in situ reactions. Fortunately, new techniques, Peakforce tapping 
mode AFM (QNM and ScanAsyst, Bruker), QI mode AFM (JPK Instruments AG), 
and Fast Force Mapping mode AFM (Oxford Instruments), can do fast force map-
ping in several minutes. The principles are similar to dynamic AFM, which avoids 
lateral forces by intermittently contacting the sample, and a maximum force is used 
as feedback. They are able to measure the mechanical properties and to image cells 
without changing their surface under liquid conditions. Topology, stiffness, adhe-
sion and Youngs’ modulus of samples are all obtained at one time scan when 

Fig. 6.10 Schematic of AFM resting on an inverted microscope for fast force mapping and force 
spectroscopy
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following the procedure after calibration of the cantilever’s spring constant. QI 
mode AFM is contact mode using contact point to define the height [54]. Small 
cantilevers are reported to increase the speed of force mapping by 10–100 times to 
resolve the dynamic process of embryonic fibroblast. With this technique, it is very 
convenient to study the cell adhesion, dynamics of drug-cell interactions, cell-cell 
interactions [55].

For the mechanical study, a high-resolution optical microscope helps to localize 
the AFM tip on the targets. Height image along with mechanical images are col-
lected by fast force mapping over the desired area and then overlaid with the optical 
image. A modified AFM tip specify the molecules through force mapping to realize 
double localization. Recently, PeakForce mapping was used to measure the binding 
step of single viruses over living animal cells [56]. In this case, the confocal laser 
scanning microscopy was integrated with an AFM to target MDCK cells. The wild- 
type cell is nonfluorescent, while the TVA-mCherry labeled cells expressed the 
virus acceptors. The AFM tip was tagged with a single virus and then used to map 
the cell surfaces. Only cells expressing TVA receptors (mCherry fluorescence chan-
nel) were found to interact with the virus, with these binding events appearing as 
bright pixels in the adhesion image (Fig. 6.11). The combination provides a tool to 
quantify how molecules interfere with viral entry, and therefore aid the invention of 
novel drugs against virus infection.

4.4  AFM Manipulation – STED

With the combination of high resolute microscopies, more detailed properties can 
be discovered. For example, nano-manipulation can be done through combined 
STED and high speed AFM technology. AFM images can be overlaid with STED 

Fig. 6.11 Mapping virus binding to MDCK–TVA cells using correlative confocal microscopy and 
Peak Force Tapping AFM. Reprinted with permission from Alsteens et al. [56] © Springer Nature 
(2010)
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fluorescent image. The STED image can be utilized as a map to target the sample 
precisely with high-resolution [57]. AFM software was applied to control the tip to 
the desired bead according to the information provided by STED image. As a result, 
the AFM tip was manipulated to move a single bead along a designed path and the 
image was obtained through STED before and after dragging. Thereafter, the STED 
images are combined together in green and red for analysis (Fig. 6.12b). The red 
and green colors represent the STED images before and after AFM dragging, 
respectively. Therefore, the yellow beads indicate the stationary status during the 
dragging, and the movement path of the dragged bead was observed as the arrows 

Fig. 6.12 AFM Sub-diffraction Nanomanipulation. STED images show before (c, red channel) 
and after (d, green channel) AFM manipulation of a bead. The overlay of images (b and e) give a 
yellowish color for unmoved beads, and the dislocation of one bead from red to green position. 
This is impossible to be distinguished by confocal images. Reprinted with permission from [57] © 
Chacko et al.; PLOS (2013)
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shown in Fig. 6.12e. The fast imaging mode of a STED microscope helps in measur-
ing the nano-manipulation with high-resolution. It can be observed that the AFM 
manipulation only moved one selected bead while other beads were stationary.

The integration of high speed AFM with high-resolution as STED provides a 
protocol to study the dynamic process of interactions between a functionalized par-
ticle and a target. A dye-labelled enzyme or drug molecules can be easily localized 
by STED images. Followed by an AFM manipulation push them to a target DNA, 
protein, or cell. Fast scanning further gain more information happened in short 
times.

4.5  AFM Nano–Manipulation – Optical Spectroscopy

Combining nano-manipulation with super-resolution optics is crucial for demand-
ing experiments at single-molecule scale. The methodologies for achieving mean-
ingful results with high signal-to-noise ratios in the study of individual molecules or 
single nanostructures are challenging. Bringing the AFM tip into a laser focus 
expands the classical spectroscopy to nanoscale with precise location. The integra-
tion enables new discoveries and experimental methods for both characterization 
and fabrication of nanomaterials, such as tip-enhanced near-field optical micros-
copy and tip-enhanced Raman spectroscopy (TERS). A simple application is to 
stretch a protein or DNA molecule which is positioned in the laser focus. Both opti-
cal and mechanical properties are probed simultaneously.

TERS was introduced and applied to achieve Raman spectroscopy with extraor-
dinarily high spatial resolution [58]. The protocol uses metal-coated tips or solid 
metal, or tips attached to nanoparticles such as gold, silver, or platinum. The AFM 
tip is positioned in a laser beam above the sample surface, and manipulated station-
ary at a z-position, for localized nanoscale enhancement of the Raman signals 
(Fig. 6.13). With the help of fast force mapping, the spatial resolution is in the single 
nanometer regime [59]. The experimental and applications can be seen in review 
[58].

The nanoantenna is usually fabricated by complicated protocols, such as electron 
beam lithography to have the shape of a small rod or triangle [60]. Plasmonic nano-
antennas are able to provide controllable and improved light-matter interactions and 
strong coupling between localized sources and far-field radiation at the nanoscale 
[61]. AFM nano-manipulation facilitates the fabrication and the research of nanoan-
tenna. The colloidal nanoparticle can be easily positioned close to another nanopar-
ticle (Fig. 6.13) or coupling to other nanostructures like a waveguide [62]. Bringing 
the newly formed active nanostructures into the laser focus enables the research of 
surface plasmon resonance, such as electrical generation of surface plasmon polari-
tons [63]. The nanoantenna can be used as biosensors for biotechnological applica-
tions, such as label-free estimation of DNA hybridization, dynamic quantification 
of nucleic acid-protein interactions, medical diagnostics, environmental pollution 
control, insecticide, bacteria, and virus detection [60].
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4.6  AFM Manipulation – TIRF Microscopy

As aforementioned, the integration of AFM with high-resolution optical techniques 
has the advantage of dual localization. The localization of the AFM tip in optical 
microscope view is important for precise specification and controlling the AFM tip 
for dragging, pushing or pressing an object. The optical microscopy records the 
process in video rate. The AFM in return gives more information through imaging 
or fast force mapping. TIRF microscopy enhances image contrast by producing a 
thin evanescent field in the total internal reflection of excitation light at the glass- 
sample interface, which has a Z-resolution of 70–200 nm depends on the refractive 
index [64]. TIRF microscopy is usually used to study the dynamic event in an aque-
ous environment that is close to a solid substrate. Selective excitation of the surface-
bound fluorophores allows TIRF Microscopy to detect single molecule 
fluorescence.

A recent application example is that Tan et al. use this hyphenated method to 
resolve the pinning forces of nanobubbles on a substrate [65]. Surface nanobubbles 
were first generated through a microfluidic channel using solvent exchange protocols 
(Fig. 6.14a). Nanobubbles were imaged by AFM and TIRF Microscopy simultane-
ously to assure the location for bubble pulling. After the AFM tip anchored to the 

Fig. 6.13 Schematic of the AFM nanomanipulation for tip-enhanced Raman spectroscopy or 
nanoantenna
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bubble, the bubble-pulling is completed by the stage moving (Fig. 6.14c). Optical 
images were extracted from the video. The pinning forces can be calculated by a 
simple equation: F h = σ ∆A, where F is the pinning force, h is the pulling bubble 
neck, σ is the surface tension, and ∆A is the surface area change due to bubble-
pulling. This method opens a window for the study of microbe film, adhesion of cell 
membrane and biomolecules on the substrates.

5  Prospect and Outlook

The high speed AFM and super-resolution optics combination systems are the 
experimental setups to fulfil the highest demands on mechanical stability, flexibility, 
and modularity. A tip scan AFM can be easily combined to inverted optical micro-
scopes. The advantage of the integration is superb time and spatial resolution, and 
including, but not limited to the aforementioned optics, there are some techniques 
are under developing and will appeal researchers in the biological research field.

FRET is a highly accurate and sensitive method to determine the nanostructures 
and interactions between molecules, such as lipids, proteins, DNA, sugars, and 
other polymers. For experiments at the single-molecule level, donor with fluorophore 
labelling and acceptor molecules can be bound to a molecular chain. The single 
molecule can be detected and measured, as both substrate and tip are modified with 
suitable chemicals. The intramolecular forces and the changes in fluorescence of 
the donor-acceptor system are measured, when the tip was moved away from the 

Fig. 6.14 AFM manipulation combined with TIRFM for pulling nanobubbles. (a) schematic of 
setup, bubbles formed inside a microfluidic channel and removed for AFM imaging and manipula-
tion. (b) a nanobubble with the stretched neck. (c) schematic of AFM manipulation. (d) dynamic 
bubble motion with a hydrophilic tip. (e) dynamic bubble motion with a hydrophobic tip. Reprinted 
with permission from Tan et al. [65] © American Physical Society (2017)
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surface and the molecule was stretched slowly. This combination provides the 
fundamental information in terms of distance, interactions, structural changes and 
optical spectroscopy. It has been applied to investigate the morphology of carbon 
dots and FRET from carbon dots transferred to riboflavin in the biosensor, respec-
tively [66].

Fluorescence Recovery After Photobleaching (FRAP) is a method to determine 
the diffusion kinetics of a thin molecular film, which contains cells labeled with 
fluorescent probes through tissue and cells. It is useful in biological studies in pro-
tein binding and cell membrane diffusion, and the characterization of surface struc-
ture and free energy. High speed AFM can be combined to examine the phase 
separating structural changes, such as defects, obstructions, lipid condensation and 
collapse structures of lipid bilayers [67].

Fluorescence-lifetime imaging microscopy (FLIM) is an imaging technology, 
which is based on the different fluorescence decay rate of a fluorescent sample. 
Instead of the fluorophore intensity, the lifetime of the signal was used to generate 
images, which minimized the effect of photon scattering in the thick layers of sam-
ples. High speed AFM is combined to obtain the distribution information of biomo-
lecular conformation and structure changes via FRET [68]. For example, FLIM, 
Fluorescence correlation spectroscopy (FCS) and AFM were applied to characterize 
the structure of amyloid β protein (Aβ), which is the possible neurotoxic agent in 
Alzheimer’s disease (AD).

Another setup combines the high-resolution of AFM with confocal two-photon 
fluorescence microscope, which has discriminative power and high sensitivity [69]. 
This scheme provides the capability of obtaining simultaneous morphology and 
optical images with high-resolution and sensitivity, and was successfully tested 
using latex beads loaded with dye. The stacking/unstacking of grana membranes in 
the envelope-free plant chloroplasts was investigated through this scheme. 
Furthermore, the combination of AFM and two-photon fluorescence microscope 
enabled a direct comparison between the signaling protein H-Ras distribution in 
living cells and the cell morphology, which opens up promising applications in the 
various research area, such as material and life science.

The combined AFM and optical tweezers (AFM-OT, JPK instruments AG) have 
high potential in biological studies, molecules manipulation, and nanomechanics. 
The optical tweezers are able to manipulate small dielectric objects and to measure 
the extremely small forces in the AFM scanning area [70]. This needs to consider 
the influence of the AFM laser beam which should be minimized and not affect the 
laser tweezers. AFM-OT techniques allow dual force measurements and provide a 
platform to integrate other super-resolution optics STED/PALM/STORM/TIRF or 
confocal fluorescence microscopy. The new technique achieves more data captured 
simultaneously and opens up new spectrum applications in dynamic studies of sin-
gle molecules and living cells. DNA unzipping can be studied using the laser beam 
to trap a bead attached to DNA hairpin at one end while the AFM tip holding the 
other end of one strand. If a DNA molecule is attached to two beads at both ends, 
which are trapped by the laser beams, and the AFM tip is tagged by a DNA enzyme, 
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the interactions at DNA-enzyme binding can be sensed by both the AFM and the 
optical tweezer. The AFM-OT techniques can extend to signaling studies. The opti-
cal tweezers position a microbead functionalized with signaling molecules close to 
cells, and the dynamic process is imaged by the AFM tip. On the other hand, the 
force can be sensed by the optical tweezers when the cell is stimulated or disturbed 
by the force or temperature from the AFM tip. Using optical tweezers is convenient 
to manipulate the sample and triggering cellular response, immune response, and 
infection process. It is reliable to analyze the resulting changes in cellular structure, 
dynamics, and mechanical properties using fast-scan AFM.

6  Conclusion

The integration of high speed AFM and super-resolution optics provides super spa-
tial and time resolution simultaneous images for biological studies. The combina-
tion is more than the sum of the two parts. Both provide complementary information 
to each other and time resolution is high enough for recording dynamic processes. 
There is no need to stain, coat, or freeze samples and experiments can be done in 
ambient or liquids environments. The hyphenated techniques allow fast acquisition 
of high-resolution morphology, but also obtaining high-resolution optical spectros-
copy at the same interested area. Tip-scanning is a preferred choice for the hyphen-
ated techniques for acquiring stable optical images without stress by shaking the 
cells. Super-resolution optics provide the specific cellular component with a specific 
individual fluorophore.

Fast force mapping enables probing mechanical properties of cell surfaces and 
molecular recognition, such as stiffness, elasticity, and adhesion. AFM nanoma-
nipulation and nanolithography assists the fabrications, patterning, and detections at 
the single-molecule level. The applications of force spectroscopy range from deter-
mining intra-interactions by unfolding or stretching of DNA, protein, polysaccha-
ride, and polymers, molecular recognition, to the interactions between DNA-protein, 
polymer-substrates, and protein-protein.

With the advantage of the precise positioning, the integration of high perfor-
mance of AFM nanomanipulation and optical spectroscopy pave the way to 
advanced optical spectroscopy with high spatial resolution. This is important for the 
fundamental understanding of the fast-changing biological phenomena. These 
approaches are promising in great applications in a study on a cellular response, 
immune signaling, drug selection and so on, which significantly further the knowl-
edge about molecular interactions and dynamic processes in living cells. Precise 
controlling in positioning, high spatial resolution and super time resolution improve 
the throughput, flexibility, and reproducibility, and attract research interests across 
the world in the multidisciplinary field.
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Chapter 7
AFM and NSOM/QD Based Direct  
Molecular Visualization at the Single-Cell 
Level

Liyun Zhong, Jiye Cai, and Zhengwei Chen

Abstract Cell surface molecules such as receptors play an important role to regu-
late many essential cellular processes, including cell adhesion, tissue development, 
cellular communication, inflammation, tumor metastasis, and microbial infection. 
Specially, these events often involve multimolecular interactions occurring on a 
nanometer scale, and how to image the distribution and organization of cell surface 
molecules are becoming increasingly required in Cell and Molecular biology 
Sciences. By combing atomic force microscopy (AFM), near-field scanning micros-
copy (NSOM) and quantum dots (QD) labeling, a novel AFM and NSOM/QD-based 
dual-color nanoscale imaging system is constructed to directly visualize the distri-
bution and organization of these molecules on cell-membrane surface. And this will 
supply a powerful tool for direct molecular visualization at the single-cell level.

Nanotechnology is emerging as a multidisciplinary tool to advance life science and 
medicine [1–3]. However, nanoscale imaging or dissecting of functional biologic 
molecules in cells remain challenging. In the 1980s, the funding of scanning probe 
microscope, including AFM and NSOM provided an opportunity for imaging single 
cell on the nanoscale [4, 5]. However, the conventional AFM topographic imaging 
mode suffers from the lack of biochemical specificity, so single molecule 
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recognition is still difficult. NSOM has proved to be a useful nanotechnology tool 
for studying hard and flat materials, but its application in biomedical research is 
limited [6–11]. Complicated natures of cell membranes or biologic molecules 
make it difficult for NSOM to generate high spatial resolution images. Although 
NSOM combined with some common fluorescent materials are used for imaging 
[12, 13], the absence of highly photostable fluorophores for use in NSOM is perhaps 
one of the major reasons why NSOM has not been reproducibly used for nanoscale 
imaging of functional cellular molecules.

Recently, researchers have made remarkable progress in the application of 
NSOM to image the distribution of cell surface molecules [15–22]. Betzig and 
Trautman first achieved to image nanoscale features of mammalian cell using 
NSOM in 1992; Enderle et al. directly measured the association of a host and para-
site proteins in malaria (Plasmodium falciparum) infected erythrocytes through 
using dual-color NSOM for the first time [15, 16]. Subsequently, quantum dots (QD) 
labeling is introduced, and by combing AFM, NSOM and QD labeling, a AFM and 
NSOM/QD-based nanoscale imaging system was constructed to directly visualize 
the distribution and organization of these molecules on cell-membrane surface. 
Specially, this NSOM/QD-based nanoscale imaging can overcome the outstanding 
problem of photobleaching conventional immune-fluorochromes [23–32] while 
executing near-field imaging that breaks-through the diffraction limit, and provides 
highly-reproducible fluorescence imaging with a best optical resolution of 50 nm.

1  AFM and NSOM/QD Based Nanoscale Imaging System

Near-field scanning optical microscopy (NSOM), first developed in the 1980s [6, 7], 
which and AFM are belong to same scanning probe microscopy family(SPM) in 
which a small (subwavelength sized) aperture, is placed very close to a fluorescently 
labeled sample to create a spot of illumination smaller than Rayleigh radius. This 
spot is then scanned across the sample and fluorescence intensity is recorded as a 
function of position to produce an image. Since the spot of illumination is very 
small, the emitted signal correspondingly represents a very small area of the sample 
and can be resolved much better than the diffraction limit would otherwise allow. In 
general, the probe consists of a small aperture (30–50 nm in diameter) at the end of 
a metal-coated tapered optical fiber. And the lateral resolution, down to tens of 
nanometers, is given by the size of the aperture and the sample-to-probe distance. 
The probe illuminates the sample with an evanescent field that is strongly localized 
at the vicinity of the aperture and decreases very rapidly away from the probe’s end 
face. To keep the probe in the near-field region of the sample (<10 nm), an addi-
tional feedback loop is required. This is commonly achieved using a shear-force 
feedback, which in addition generates a topographic image of the sample, the same 
as AFM, in perfect registry with the optical image.

A NSOM/QD-based dual-color nanoscale imaging is shown in Fig. 7.1 [25]. The 
continuous wave semiconductor laser is launched into a single mode optical fiber 
and used as excitation source. Straight, aluminum-coated probe with an aperture 
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diameter of 30–50 nm was used for imaging. It should be noted that no significant 
difference in full width at the half maximum (FWHM) of fluorescent spots when 
different probes are used [21, 22]. The probe tip is attached to piezoelectric quartz 
tuning fork with the resonance frequency of about 90 KHz, and probe-sample 
 distance is maintained constant of 10 nanometers by tuning-fork-based shear-force 
feedback. This mode of operation will provide simultaneous topographic and opti-
cal data, which is collected with an objective and split into two beams by a polar-
izing cube beam splitter, then detected by two APDs in 00 and 900, respectively. Two 
optical filters with different central wavelength are used to separate the fluorescence 
from the excitation light and the background. The samples are mounted onto the XY 
stage with full scanning range about 30 um, and a video camera is used to locate the 
interested regions.

2  Mapping TCRs Nanoclustering and Multimolecular 
Interactions in T Cell Membranes

T-cell receptors (TCRs) play a crucial role in recognition of antigens and develop-
ment of immune responses. Whereas immune events for TCR-mediated recogni-
tion, signaling, and activation are well described [28–31], nanoscale imaging of 

Fig. 7.1 Schematic of dual-color near-field scanning optical microscopy (NSOM). An optical 
fiber tip with nanoscale aperture is used to scan the sample surface, and then simultaneously gener-
ate topographic (AFM) and optical images
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immunobiology of antigenspecific TCR during the in vivo clonal T-cell expansion 
is still lack. Because TCRs trigger downstream signaling and activation after anti-
gen recognition, some unique TCR nanostructures may develop after TCR contact 
on Ag/antigen-presenting cell (APC) and thus contribute to selected functions, such 
as clonal expansion, effector function, contracting (clonal exhaustion), or differen-
tiation. Whereas this presumption can be tested by imaging or visualization of 
antigen- specific TCR during the in vivo T-cell response, conventional imaging tech-
niques using fluorescent or confocal microscopy do not have nanoscale optical reso-
lution power to reveal individual TCRs and their dynamics during clonal 
expansion–maturation. Nanotechnology-based imaging may make it possible to 
reveal TCR nanostructures in the context of T-cell recognition of antigens and there-
fore provide new insight into T-cell response or ultimately immunity.

The combined NSOM/QD based nanotechnology has been used to perform 
immunofluorescence imaging of antigen-specific T-cell receptor (TCR) response in 
an in vivo model of clonal T-cell expansion. Fig. 7.2 presented a NSOM/QD-based 
single-color nanoscale imaging that Vγ2 Vδ2 TCR arrayed to form high-density 
TCR nanoclusters, nanodomains and microdomains during the in vivo clonal expan-
sion of Vγ2Vδ2 T cells after HMBPP/IL-2 treatment. It is found that before 
Ag-induced clonal expansion, those nonstimulating Vγ2Vδ2 TCRs appeared to be 
distributed differently from their TCR counterparts on the cell surface. Surprisingly, 
Vγ2Vδ2TCR nanoclusters not only were formed but also sustained on the mem-
brane during an in vivo clonal expansion of Vγ2Vδ2T cells after phosphoantigen 
treatment or phosphoantigen plus mycobacterial infection. The TCR nanoclusters 
could array to form nanodomains or microdomains on the membrane of clonally 
expanded Vγ2Vδ2T cells. Interestingly, the expanded Vγ2Vδ2T cells bearing TCR 
nanoclusters or nanodomains were able to rerecognize phosphoantigen and to exert 
better effector function. These studies provided nanoscale insight into the in vivo 
T-cell immune response.

To further prove that the formation of TCR/CD3 nanodomains was a precondi-
tion to induce the immunologic synapse, by using NSOM/QD based dual-color 
imaging system, Fig. 7.3 showed that CD3, CD4 or CD8 molecules were distinctly 
distributed as single QD-bound molecules or nano-clusters equivalent to 2–4 QD 
fluorescence-intensity/size on cell-membrane of un-stimulated primary T cells, and 
a few CD3 were co-clustering with CD4 or CD8 as nano-clusters without forming 
nano-domains. The ligation of TCR/CD3 on CD4 or CD8 T cells led to CD3 
nanoscale co-clustering or interaction with CD4 or CD8 co-receptors forming nano- 
domains or micro-domains. Such nano-spatial co-clustering of CD3 and CD4 or 
CD3 and CD8 appeared to be an intrinsic event of TCR/CD3 ligation, not purely 
limited to MHC engagement, and be driven by Lck phosphorylation.That is to say, 
a variety of signalling molecules are recruited to TCR/CD3 nanodomains leading to 
its signalling amplifies and facilitating T-cell activation.

Also, as shown in Fig. 7.4, it is found that the formation of TCR/CD3 nanodo-
mains wre greatly associated with PKC𝜃 signalling cascades. Since PKC𝜃 was an 
essential component for inducing TCR/CD3 mediated signalling and IL-2 cytokine 
production, so the formation of TCR/CD3 nano-domains may involve the cytoskel-

L. Zhong et al.



135

etal rearrangement and the recruitment of various signalling molecules into the 
immunological synapse, and thus would enhance ZAP70 phosphorylation and T 
cell activation. In contrast, the formation of GM1 nanodomains was associated with 
PKC𝛼𝛽 signalling cascades, and while the amount of GM1 nanodomains was 
decreased, the amount and size of TCR/CD3 nanodomains were remarkably 
decreased. These findings possibly supported the notion that the formation of GM1 
nanodomains indeed served as platforms for the recruitment.

Fig. 7.2 NSOM/QD-based single-color nanoscale imaging showed that Vγ2 Vδ2 TCR arrayed to 
form high-density TCR nanoclusters, nanodomains and microdomains during the in vivo clonal 
expansion of Vγ2Vδ2 T cells after HMBPP/IL-2 treatment. Upper panel showed representative 
NSOM topographic (left) and fluorescence (middle) images indicating the dominance of non- 
engaging fluorescence TCR dots on the membrane of unstimulated Vγ2T cells on day 0. The fluo-
rescent intensity profile graph (right) was extracted from a random cross section in the fluorescence 
image (middle) showing that predominant fluorescence TCR dots here displayed FWHM of 
~50 nm. Lower panel showed representative NSOM images of TCR nanoclusters, nanodomains 
and microdomains on the membrane of clonally expanded Vγ2 Vδ2 T cells on day 4. (2) was 
enlarged from the boxed area in the low magnification NSOM image (1). The fluorescence inten-
sity profile (4) is extracted from the cross section part (dashed arrow) in (3) that is enlarged from 
the boxed area in (2). (5) was the NSOM fluorescence image of another activated/expanded Vγ2 
Vδ2 T cell collected on day. Reprinted with permission from [24]
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Fig. 7.3 NSOM/QD-based nanoscale two-color imaging directly imaged CD3 co-clustering or 
interaction with CD4 co-receptor (a) or CD8 co-receptor (b) after activation of CD4 (or CD8) T 
cells by anti-CD3/CD28 Ab. Top panel: topographic image of a whole T cell (left), two 
 fluorescence images (middle); two-color fluorescence overlay images (right); Low panel:  
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3  Visualizing Spatial Distribution of Immunogen 
Nanoclusters on Vaccine Particles Using NSOM

Moreover, as shown in Fig.  7.5, NSOM/QD-based nanotechnology elucidated 
nanostructural features of a Y. pestis V immunogen containing particle vaccine 
capable of eliciting robust response. The obtained result indicated that high-density, 
high-stability, specific, and immunological pH-responsive loading of immunogen 
nanoclusters on vaccine particles could readily be presented to the immune system 
for induction of strong antigen-specific immune responses [26].

4  Nano-Spatial Peak-Valley Polarities of Molecules on Cell- 
Membrane Fluctuations by Fluorescence-3D Topographic 
Image Fusion

The activation of T cells involved morphological changes, which included the rear-
rangement of cell membrane fluctuations relevant to the actin and microtubules 
cytoskeleton remodeling [33, 34], and the induction of expression for some cell 
surface molecules such as CD69 (a very early activation antigen, usually regarded 
as the earliest activation cell surface maker on T cell) and CD71 (a late activation 
antigen, usually named as membrane glycoprotein transferrin receptor(TfR)). These 
activation markers participated in cell proliferation and correlate with the degree of 
immune activation. Recent studies have illustrated that T cells can functionally 
polarize their actin and microtubules cytoskeleton and some cell surface receptors 
clustering toward antigen-presenting cells(APCs) to facilitate cell signaling, cell 
motility and protein uptake [35–40].

An innovated application of NSOM/QD-based nanotechnology through three- 
dimensional image fusion algorithm to merge the simultaneously-obtained dual- 
color fluorescence information and three-dimensional topography. This novel 
imaging system made it possible to visualize nanospatial distribution and organiza-
tion of early-activation molecules CD69 and late-activation molecules CD71 on 
cell-membrane fluctuations during T-cell activation. Interestingly, most CD69 mol-
ecules were clustered to form 250–500 nm nano-domains polarizing predominantly 
in the peak of the cell-membrane fluctuations. In contrast, although CD71  molecules 

Fig. 7.3 (continued)  topography-  fluorescence overlay images (left), the corresponding zoom 
images of the areas as indicated by the squares on the top panel (middle and right); in which the 
integration time for all the images was 30 ms with 400*400 scanning lines; (c) Molecular-density 
analysis of CD3, CD8 molecules in stimulated CD8 T cells; (d) Molecular number analysis of 
CD3, CD8 molecules in stimulated CD8 T cells (e) Molecule density of CD4 or CD8 in the nano- 
or micro-domains in the stimulated CD4 or CD8 T cells; (f) The percentage numbers of CD4 
molecules that arrayed to form nano- or micro- domains in the CD4 T cells or CD8 in the CD8 T 
cells co-stimulated. Reprinted with permission from [25]
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were also clustered as 250–500 nm nano-domains, they polarized dominantly in the 
valley of the cell-membrane fluctuations. The peak-valley polarities of CD69 nano-
domains and CD71 nano-domains implied their different functions. CD69 nano-
domains polarizing on membrane-peak fluctuations might serve as transient 
platforms driving TCR/CD3-induced signaling and activation, whereas CD71 nano- 
domains distributing in the membrane-valley fluctuations appeared to facilitate iron 
uptake for increased metabolisms in T-cell activation. Importantly, this NSOM/
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QD-based fluorescence topographic image fusion will provide a powerful tool to 
visualize nano-spatial distribution of cell surface molecules on cell-membrane 
fluctuations and enable better understanding of distribution function relationship.

Similarly, NSOM/QD based direct fluorescence-topographic imaging also indi-
cated that GM3 rafts/ nanodomains were localized predominantly on the peaks of 
microvillus-like protrusions in the apical membrane of GM3 Madin-Darby canine 
kidney cells, whereas GM1 rafts/nanodomains were distributed mainly on the slope 
of protrusions or the valleys between protrusions in the plasma membranes of GM1 
1 MDCK cells. The data demonstrated that gangliosides polarized not only in a 
well-known apical-basolateral manner but also in the more microscopic peak-val-
ley manner, implicating unique distribution of GM1 or GM3 in cell-surface fluctua-
tions on the apical membrane of polarized cells. The peak-valley polarities of 
gangliosides also implicated their different functions relevant to lipid rafts, micro-
villi, or cellular processes. Importantly, this result demonstrated that the NSOM-
based direct fluorescence-topographic imaging is unique and powerful for 
elucidating nanoscale distribution of specific cell surface molecules in membrane 
fluctuations.

Fig. 7.5 NSOM/QD-based dual-color proteomics imaging shows that majority of V immunogen 
fused with protein anchor (V-PA) antigen molecules were packed as nanoclusters on the surface of 
gram positive enhancer matrix (GEM) vaccine particle, (a) and (b) the 0° versus 90° split emission 
images for QD-bound V-PA antigen on the surface of GEM particle vaccine, showing the vertical 
polarization component(0°, a) and the horizontal component (90°, b); (c) topographic imaging of 
a GEM particle loading V-PA antigen; (d) topographic-fluorescent merged image; (e) the histo-
gram of FWHM of fluorescent spots; (f) the histogram for the intensity distribution of all measured 
fluorescent spots. Reprinted with permission from [26]
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Fig. 7.6 NSOM/QD-based fluorescence-topographic fusion revealed that CD69 were still clus-
tered to form 250–500 nm nanodomains, and polarized predominantly in the peak of the cell mem-
brane fluctuations in medium-term activated T cells, while CD71 were also clustered to form 
250–350 nm nano-domains, however polarized predominantly in the valley of the cell membrane 
fluctuations (A) Upper panels showed T cell topography (left), fluorescence images of QD-bound 
CD69 and CD71 (red and green respectively, middle), 2-dimensional topography-fluorescence 
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sity (left) and size(FWHM) (right) of QD-bound CD71 on membrane of T cell. Reprinted with 
permission from [27]
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Fig. 7.7 Direct in situ fluorescence-topographic NSOM imaging and quantification of GM1 rafts 
(a) and GM3 rafts (b) on cell-membrane fluctuations Top panel: NSOM topographic (left), fluores-
cence (middle), and merged images (right) of a representative GM11 MDCK cell; Low panel: 
NSOM topographic three-dimensional (3D) images (left), the NSOM topographic (gray)-fluores-
cence (red) merged three-dimensional (3D) images (middle), the histogram for the diameters of 
GM1 rafts or GM3 (right) Reprinted with permission from [29]
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Chapter 8
Assessment of Pathological or Drug- 
Dependent Changes in Cell Membrane 
Morphology and Cell Biomechanical 
Properties by Atomic Force Microscopy

Hua Jin, Yue Zhao, Wandang Wang, Jinhuan Jiang, Jiye Cai, 
and Colin E. Evans

Abstract Identification of the nanoscale changes that take place in cell membrane 
(CM) morphology or cell biomechanical properties (CBPs) in disease states or in 
response to drug treatment enable for a better understanding of the effects of the 
drugs on disease pathogenesis and recovery. CM proteins and CBPs have a crucial 
role in the regulation of many physiological and pathological processes. Direct 
assessment of the CM and CBPs is therefore useful not only for a better appreciation 
of cell structure but also for a better understanding of cell pathophysiology. Atomic 
force microscopy (AFM) is a technique that can be employed to assess CM structure 
and CBPs at the nanometer scale. In the first part of this chapter, we describe the 
principles of AFM and appraise its value in the assessment of CM morphology and 
CBPs. In the second part, we review examples of disease- or drug- dependent changes 
in CM morphology and CBPs that have been elucidated using AFM.
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1  Introduction

The cell membrane (CM) is the boundary between a cell and its extra-cellular 
microenvironment. Each membrane contains a variety of proteins that penetrate or 
span the CM phospholipid bilayer. Multiple protein constituents make up the CM, 
and these proteins together are suitable for the specialized functions of the cell in its 
microenvironment [1, 2]. CM plays an important role in not only maintaining cell 
integrity and controlling the transport of substances in and out of the cell, but also 
in receiving and sending external chemical signals [3, 4]. Crucially, preserved CM 
integrity and cell biomechanical properties (CBPs) are basic requirements for the 
maintenance of a functional cell state. Conversely, CM injury or disruption to CBPs 
can have immediate and severe consequences [5]. In anoxic injury, for example, the 
common protein kinase C-mediated cell signaling pathway that triggers damage to 
the CM, also results in irreversible cell death [6]. Disease-induced disturbance to 
the CM and its structure can also lead to functional alteration of the membrane, 
including changes in proliferation, migration, apoptosis, and necrosis. Changes in 
CM structure [7] and CBPs [8] can directly impair the normal function of healthy 
cells. Experimental studies have shown, for example, that the morphological and 
biomechanical properties of cells and CMs are altered in patients with elliptocytosis 
[9], diabetes [10], or osteoarthritis [11].

Treatments for diseases associated with CM alterations and impaired CBPs will 
commonly require an effective interaction between the therapeutic agent and the 
CM, and may aim to induce beneficial changes in the morphological structure of the 
CM and/or the biomechanical properties of the cell [12]. Changes to the CM mor-
phology and/or CBPs following disease or drug treatment, however, occur at the 
nanometer level, making reliable assessment of CM integrity and CBPs a non-trivial 
task. Given that many pathologies are characterized by dysfunctional CM morphol-
ogy or impaired CBPs, and that some treatments for such diseases aim to restore 
these variables by directly interacting with the CM, the assessment of disease- or 
drug-dependent changes in CM morphology and CBPs could aid in the develop-
ment of novel diagnostic and treatment strategies for diseases associated with CM 
damage or CBP impairment.

One method that can be used to assess CM morphology and CBPs is atomic force 
microscopy (AFM), which enables the imaging of biological samples at the nano-
meter scale [13]. In this chapter, we describe the use of AFM in the assessment of 
CM morphology and CBPs, which could improve understanding of disease patholo-
gies that involve CM disruption or CBP alteration [14, 15]. We also review exam-
ples of AFM studies of disease- or drug-induced alterations in CM morphology and 
CBPs, which often aim to improve diagnostic and treatment strategies for diseases 
characterized by aberrant CM morphology or abnormal CBPs.
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2  Working Principles and Appraisal of AFM

Traditional microscopic methods to visualize the CM include optical microscopy, 
scanning electron microscopy (SEM), and transmission electron microscopy 
(TEM). While these methods can provide detailed information regarding cell struc-
ture, they also have their disadvantages [16, 17]. The common optical microscope, 
for example, is unable to obtain high resolution at a subcellular or nanoscale level. 
Furthermore, scanning and transmission electron microscopes are suitable for imag-
ing conductive samples, but non-conductive biological samples require coating with 
conductive materials, which can complicate sample preparation procedures [18, 
19].

The advent of AFM in 1986 extended imaging capabilities beyond these tech-
niques, offering new possibilities for visualizing the molecular organization of CM 
in real time [20, 21]. The atomic force microscope (Fig. 8.1) is in the scanning probe 
family of microscopes, and consists of a cantilever, a sample stage, and an optical 
deflection system. The cantilever tip is used to scan the surface of biological sam-
ples, which can include tissue or cells in suspension or fixed cells. These tips are 
typically microfabricated from silicon, silicon nitride, or gold, with a radius of cur-
vature in the order of nanometers (4-20 nm). When the tip approaches the sample 
surface, adhesion forces between the tip and the sample result in deflection of the 
cantilever and mounted laser, the signal from which is collected by a photodetector. 
AFM imaging can be performed in contact or dynamic/intermittent modes. The 

Fig. 8.1 The atomic force microscope
Photograph of an atomic force microscope (Bruker, USA)
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most commonly used mode is contact mode, in which force produced by the tip is 
minimized to prevent sample damage. This can be achieved by adjusting sample 
height to keep the deflection of the cantilever constant. In dynamic or intermittent 
mode, an oscillating tip is scanned over the sample surface, meaning interactions 
between tip and sample vary the cantilever feedback amplitude.

In chemical force microscopy (CFM), single molecular force spectroscopy 
(SMFS), molecular recognition mapping (MRM), and single-cell force spectros-
copy (SCFS), the tip of the atomic force microscope is functionalized by the addi-
tion or conjugation of biological molecules or viruses, chemical groups, or even 
replaced with a living cell. The modified tip is moved towards and away from the 
biological sample, and the cantilever deflection provides a measurement of interac-
tion force, through generation of force–distance curves (Fig. 8.2). The characteristic 
adhesion and unbinding forces observed during tip approach and retraction respec-
tively are key parameters that can provide information regarding: spatial distribu-
tion of chemical groups (e.g. in CFM); forces involved in cell–cell and cell–substrate 
interactions (e.g. in SCFS); specific receptor–ligand interactions (e.g. in SMFS); or 
individual receptors (e.g. in MRM). Lastly, topography and recognition (TREC) 
imaging is a recently described MRM mode, in which molecular recognition signals 
are detected during dynamic force microscopy imaging, rather than through the 
recording of force-distance curves. Importantly, these AFM-based methods can all 
be used simultaneously with fluorescence microscopes and to assess samples under 
various physiological conditions.

Fig. 8.2 Generation of force-distances curves by AFM
A force–distance curve can be generated by AFM approach-retraction cycles: (a) the tip approaches 
the sample; (b) the tip and sample connect; (c) the tip retracts from the sample; and (d) the tip- 
sample contact is ruptured. In the schematic curve (middle image), the slope demonstrates the 
elasticity/stiffness of the cell surface, and the interaction between the sample and the tip surface 
provides a measurement of the cellular adhesive force
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AFM allows high resolution imaging of biological samples in a hydrated envi-
ronment, enabling real-time investigation of cell structural, interactive, and biome-
chanical changes [13]. AFM can yield high-resolution information of the 2D and 3D 
topographic view of cell or tissue specimens with a lateral resolution of 0.5–1.0 nm 
and a vertical resolution of 0.1–0.2 nm. As such, AFM is a powerful method for 
visualizing CM structure and CBPs to the level of single nanoscale structures 
including the cell nuclear pore, CM ion channels, and cell cytoskeletal fibers [22–
24]. AFM can also be used to measure intra/intermolecular interactions and struc-
tures ( [25]). Along with the generation of detailed images of CM and cell structure, 
the open architecture of AFM allows for integration with complementary assess-
ment tools, and operation under physiologically-relevant environments that can be 
readily manipulated.

Although AFM has many merits in the investigation of CM and CBPs, still there 
are some disadvantages that could be addressed in the future. Firstly, AFM can only 
image a maximum scanning area of ~150x150μm, and a maximum depth of 
10-20 μm. Secondly, each scan typically takes 5–30 min to complete, and this rela-
tively slow scanning rate can result in thermal drift, potentially leading to inaccurate 
measurement of distances between topographical features. Thirdly, AFM images 
can be affected by nonlinearity, hysteresis, and creep of the piezoelectric material, 
along with cross-talk between the x, y, and z axes. These caveats may require soft-
ware enhancement, filtering, real-time correction, and/or the use of closed-loop 
scanners. Finally, AFM users must be aware of the potential for image artefacts 
resulting from unsuitable or worn tips or from sub-optimal operating 
environments.

3  Pathological and Pharmacological Studies Using AFM

AFM enables for the assessment of numerous parameters at nanoscale resolution 
(Table 8.1), such as cell topography, CM nanostructures [26, 27] and CBPs (e.g., 
cell surface adhesion force and cell surface elasticity) [7]. In endothelial cells, AFM 
has been used to assess topographical CM features [28], CM surface receptors [29–
31], and CBPs [32, 33], showing the potential of AFM to qualitatively and 

Table 8.1 Biological and biomechanical parameters derived by AFM.  AFM can be used to obtain 
a variety of measurements related to CM morphology or CBPs

Category Parameter References

CM morphology CM integrity (e.g. level of CM digestion) [9, 43]
Cell size and shape (e.g. elliptical or bi-concave) [9, 34]
CM topography (e.g. surface deformations or microridges) [9, 35]
CM components (e.g. receptors or microvilli) [35, 42, 51, 54]

CBPs Cell surface adhesion [34, 45, 56, 57]
Cell surface elasticity/stiffness/softness [45, 47, 57]
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quantitatively study cell structures and biomechanics ex vivo. The following part of 
this chapter describes examples of AFM studies that have been used to assess dis-
ease- and drug-dependent alterations in CM morphology and CBPs (for further 
reading, please see accompanying chapter by Cai et al.).

Evaluation of pathological or  drug-induced changes in CM morphology by 
AFM AFM can be used to visualize CM topography, which enables for spatial 
characterization of healthy and unhealthy cell types. Such information could be 
vital from a diagnostic standpoint. Xing et al. [9], for example, observed dramatic 
surface deformations in the cell surface of erythrocytes from patients with ellipto-
cytosis, despite retention of their typical gross elliptocyte shape. Erythrocytes from 
patients with anemia are transformed into oval shapes [34], but following therapy, 
the irregular oval erythrocytes could be seen by AFM to be returned to their regular 
bi-concave shape. Jin et al. also used AFM to detect erythrocytes that were influence 
by type II diabetes or aging [10] (e.g., Fig. 8.3). Iyer et al. [35] reported quantitative 
and qualitative differences between normal and cancerous human cervical epithelial 
cells by assessing the cell surface microvilli and microridges. Based on these data, 
a novel AFM method for the in vitro detection of cancer cells was proposed [36].

Drug-induced changes in CM morphology can also be assessed using 
AFM. Fig. 8.4 shows contact mode AFM images of A549 (human lung carcinoma) 
cell morphology and structure at the nanoscale level. CM structure was visualized 
before and after drug treatment, to assess alterations in CM topography; in this 
instance, cells were treated with oridonin, an anti-tumor drug that induces tumor 
cell apoptosis. Using AFM, Jiye Cai’s research team have demonstrated that the 
morphology of MCF-7 breast cancer cells is markedly altered compared with 
 non- cancer MCF-10A breast cells or following treatment with another anti-tumor 
and apoptosis-inducing drug, apigenin [37]. Elasticity and non-specific adhesion 
force of the CM were also decreased, but to a lesser extent. Many drugs need to pass 
through the CM to reach their site of action. In biomedicine, real-time imaging of 
drug-dependent changes in CM or CBPs could improve understanding of drug 
delivery and efficacy, and advance screening programs for the identification of 
potential therapeutic agents [38, 39]. A comprehensive review of the use of AFM in 
drug discovery can be found elsewhere [40].

Drug-induced changes in CM morphology have been studied using AFM in a 
variety of disease states, ranging from cancer to Pseudomonas aeruginosa infection 
[41]. Incubation of mycobacteria with a series of anti-bacterial drugs induced major 
alterations in cell/CM structure that reflected an inhibition of the synthesis of major 
cell wall constituents including mycolic acids, arabinans, and structural proteins 
[42]. Also, time-lapse AFM images of Staphylococcus aureus exposed to lyso-
staphin (an enzyme that cleaves peptidoglycan) revealed a progressive digestion of 
the cell wall, leading to formation of osmotically-fragile cell types [43].

Identification of pathological or drug-induced alterations in CBPs by AFM CBPs 
including cell surface adhesion force and cell surface elasticity can be assessed 
using AFM (Fig. 8.5) [44]. Using AFM, Cross et al. [45] measured CBPs of meta-
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static cancer cells and normal non-cancerous counterparts, and showed that meta-
static tumor cells were  >  80% softer than benign cells. Cross et  al. [45] also 
quantitatively distinguished cancer cells from normal cells in the same specimen 
using AFM, by showing that cancer cells were softer than normal cells. Furthermore, 
the surface adhesion of cancer cells was ~30% lower than normal cells. Zhao et al. 
[46] used AFM to study the adhesion of single silica beads to normal or malignant 
cells isolated from human cervix, and found that cell surface adhesion was reduced 
in malignant versus normal cells. Li et al. [47] measured the elasticity of benign and 
cancerous human breast epithelial cells using AFM.  In their study, elasticity of 
malignant cells was ~1.5-fold lower than that of non-malignant cells; these authors 
also showed that elasticity was dependent upon sub-membrane actin organization. 

Fig. 8.3 AFM topographic data of young, aged, and diabetic erythrocytes
AFM data of erythrocytes from young (a–d), aged (e–h) and diabetic (i–l) people. Single erythro-
cytes (a, e, i); height profiles (b, f, j); surface ultrastructures (c, g, k); and histograms of the particle 
size (d, h, l). Scanning areas: 8 × 8 μm2 (a, e, i); 500 × 500 nm2 (c, g, k). Reproduced with permis-
sion from Jin et al. [10]
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These data together suggest that AFM could be used as a diagnostic tool, given that 
the ultrastructural and biomechanical parameters measured by AFM often differ 
between normal and malignant cell types.

As well as cancer diagnosis, authors have suggested that AFM could be used to 
diagnose viral infections [9] or early stage osteoarthritis [11]. AFM can be used, for 
instance, to construct force maps that characterize the nanomechanical stiffness of 
bacterial microorganisms [48]. Furthermore, AFM can be used to observe chemical 
species [49] or specific receptors [50] on the CM of bacteria, and to assess real-time 
interactions between antimicrobial agents and bacteria [51]. Using indentation-type 
AFM, Stolz et al. [11] measured the age-related morphological and biomechanical 
changes (i.e. cell adhesion force and elasticity) in the hip cartilage of normal and 
osteoarthritic mice and humans. These authors also speculated that AFM could be 
developed into a minimally-invasive arthroscopic tool to diagnose the early onset of 
osteoarthritis by in situ assessment.

Fig. 8.4 Assessment of cell structure and CM morphology by AFM
Human A549 lung carcinoma cells imaged by AFM at basal state (a-c) and following treatment 
with the anti-tumor drug, oridonin (d, 50 μm for 24 hrs). Scale bars: (a) 20 μm; (b) 1 μm; and (c, 
d) 0.6 μm
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As mentioned above, morphological, biomechanical, and cytoskeletal changes in 
cells following drug treatment can be detected using AFM [52, 53] (e.g., Figs 8.6 
and 8.7). Furthermore, AFM can be used to explore the potential cytotoxic side 
effects of drugs in cultured cell lines, cells extracted from patient blood, or cells 
isolated from patient biopsies [41]. Regarding drug-dependent changes in CBPs, 
Zuk et  al. [32] measured the elasticity of untreated erythrocytes or erythrocytes 
incubated with aminophylline, which acts through the CM. This study showed that 
the elasticity of aminophylline-treated erythrocytes was substantially higher com-
pared with untreated cells. Increased elasticity can reduce cell binding to oxygen 
and impair its transport through capillaries [32]. These data demonstrated that AFM 
could be used as a nanotool to evaluate the effects or side effects of different thera-
peutic agents. Other researchers have also investigated the effect of biomaterials or 
drugs on morphological and biomechanical changes in erythrocytes following treat-
ment with vehicle or drug. Scheuring et al. [31], for instance, imaged the nanoscale 
morphology of erythrocytes and quantitatively mapped erythrocyte viscosity, which 
is crucial for cell integrity and function. These authors showed that structural and 

Fig. 8.5 Assessment of CBPs by AFM
Human A549 lung carcinoma cells imaged by AFM at basal state (a, b) can be used to generate 
distribution histograms of cell surface adhesion force (c) and cell surface elasticity (d). For detailed 
methodological descriptions, see references in Table 8.1 and main text
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biomechanical properties of the erythrocyte membrane were indicative of mem-
brane stability.

Changes in CM morphology and cell elasticity/stiffness can be indicative of 
drug-dependent cell growth. Wang et al. [54] suggested that AFM could represent a 
rapid and sensitive visual method for studying the impact of different drugs on iso-
lated cancer cells. These authors showed that the anti-cancer drugs, colchicine or 

Fig. 8.6 Morphological data of chondrocytes
Control chondrocytes (A1–A2) with enlargement images of white panes in A1 (A3–A8). 
Chondrocytes treated with 1.5 mM sodium nitroprusside (SNP) for 12 h (B1–B4). Chondrocytes 
pretreated with 100 mM of resveratrol (RV) for 24 h, then treated with 1.5 mM of SNP for 12 h 
(C1–C5). Histograms of average length and width (D1), height (D2) and length/width ratio (D3). 
Reproduced with permission from Jin et al. [53]
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cytarabine, resulted in changes in the CBPs of liver and cervical cancer cells, includ-
ing increases in the fluctuation of surface components of the CM and decreases in 
cell/CM surface components [54], suggesting that drug-dependent early stage apop-
tosis can be visualized in tumor cells in response to anti-cancer drugs. Cai et al. [55] 

Fig. 8.7 AFM ultrastructural data of chondrocytes
Control chondrocytes (A1–A3) or chondrocytes treated with 1.5 mM sodium nitroprusside (SNP) 
for 12 h (B1–B3). Chondrocytes pretreated with 100 μM of resveratrol (RV) for 24 h, then treated 
with 1.5 mM of SNP for 12 h (C1–C3). Scanning area: 2 × 2 μm2. Topography mode (A1, B1, C1); 
3-D mode of A1, B1, and C1, respectively (A2, B2, C2); contour map of A1, B1, and C1, respec-
tively (A3, B3, C3). Histograms of average roughness (Ra) of chondrocytes analyzed in 5 × 5 μm2 
and 2 × 2 μm2, respectively (D1, D2). Reproduced with permission from Jin et al. [53]
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employed AFM to detect morphological changes and alterations in adhesion force, 
elasticity, and stiffness of Jurkat cells exposed to artesunate, and concluded that 
AFM can be used to estimate the efficacy of this anti-tumor drug.

4  Future Directions and Conclusions

Areas of future research that utilize AFM could include: (i) electrical recording; (ii) 
microfluidics; (iii) protein misfolding; (iv) parallel integrated cantilevers; (v) iden-
tification of target molecules and structures; (vi) comparisons of normal versus dis-
eased cells and tissues; (vii) assessment of therapeutic efficacy; and (viii) 
development of novel drug nanocarriers [40]. In summary, AFM can be used to 
measure CBPs and to observe cell/CM structure at the nanometer scale. As a power-
ful complement to fluorescence and electron microscopy, AFM provides a useful 
nanotool for the assessment of changes in CM morphology and CBPs that are 
induced by disease or pharmacological treatment.
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Chapter 9
In Situ Measuring Mechanical Properties 
of Normal and Disease Cells

Sui-Ping Deng, Yi-Li Yang, Xing-Xing Cheng, Wen-Rong Li, and Jiye Cai

Abstract Atomic force microscopy (AFM) has recently made great progress in 
mapping local mechanical properties of a single cell including living cell. These 
mechanical properties can provide not only cellular nano- and micro-structure, but 
also physiological and pathological information of cells. Here, the recent applica-
tions of AFM for the study of mechanical characteristics of normal cells and disease 
cells are reviewed.
Recently, the mechanical characteristics of cells have gained increasing attention. 
Cell mechanics can contribute a more detailed understanding of how underlying 
molecular and architectural changes evolve with cell-state and disease processes at 
the single cell level [1–4]. The mechanical properties correlate with extensive bio-
logical processes such as cell adherence, migration, differentiation and prolifera-
tion, etc. [5–9]. Any abnormal changes in the mechanical properties of cells may 
lead to diseases via alterations of cell physiology [10, 11]. Thus, these mechanical 
characteristics have promising biomedical applications for recognizing cellular 
conditions and clinical diagnosis of human health.

Cell mechanics may also serve as a marker for diseases. A recent evidence shows 
that changes in the mechanical properties of living cells are associated with disease 
development, such as inflammation, cancer [12] and muscular dystrophies [13], 
though the exact underlying mechanisms remain to be uncovered.

Elasticity and stiffness are typical mechanical properties of a single cell. The 
elasticity of a material is its ability to recover to its original size, shape and condi-
tion from stress. Stiffness is the rigidity of a substance in response to an applied 
force. Elasticity and stiffness are important factors in modulating cell functions [14, 
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15]. The modulus of elasticity (E) is also called Young’s modulus. Young’s modulus 
is the measurement of a material’s stiffness, and it is used to compare the stiffness 
of different biological samples.

In the last several years, atomic force microscopy (AFM) is applied to measure 
the mechanical properties of a single cell in physiological state. The AFM technique 
has some outstanding benefits for biological research. First, AFM can observe nano- 
and microstructures of living cells and cell organelles in their physiological environ-
ment, that is, in buffer solutions and at room temperature. It is a vital advantage over 
the light microscopy and electron microscopy [16, 17]. Second, AFM can be used 
to simultaneously evaluate the surface morphology and local nanomechanical prop-
erties of living cells with high resolutions [16, 18]. Third, after functioning with 
specific molecules, the tip of AFM can be used to quantify the interaction force 
between single ligand and its receptor on cell surface, either in vitro or in vivo [19, 
20].

Here, some mechanical research by AFM on normal cells and disease cells from 
several kinds of human diseases, such as cancer, erythrocyte-related diseases, are 
reviewed. The results may help shed light on the pathogenesis mechanisms of such 
diseases, and contribute to early diagnosis and clinical treatment.

1  Cancer

By AFM characterization of normal and cancer cells, the mechanical measurements 
of AFM have shown that normal cells are stiffer than cancer cells (Table 9.1). In 
spite of cancer types, it seems that this conclusion is commonly found in many stud-
ies [21]. It’s suggested that the difference in cell elasticity is due to different organi-
zation of membrane actin structures. And these measurements can also identify the 
different cancerous stage. However, few clinical doctors regard AFM technique as 
an alternative way to assess pre-cancerous and cancerous changes. This is due to the 
complicated structures and heterogeneous properties of tumours.

Lim et al. [22] have shown clear stiffness of human breast biopsies under physi-
ological conditions by using AFM. The results disclose distinct mechanical profiles 
that help define the different process of cancer. Compared with normal cells, rele-
vant stiffness maps of cancer cells reveal that the transformation from healthy tissue 
to malignant tumor is accompanied by notable cell softening. In Fig. 9.1, heteroge-
neous stiffness distribution is shown for malignant tumour tissue, and the predomi-
nant peak of Young’s modulus is 0.6 kPa, which is lower than that for normal tissue 
(1.1 kPa). Moreover, it was further proved by the later report about the Young’s 
modulus among healthy and cancerous tissues of breast. Tafazzoli-Shadpour et al. 
[23] demonstrated that cancerous tissues are almost twice softer than healthy tissues 
at the center of tissue samples. They assumed these centers were related to the cel-
lular zone of breast tissue. But there was no significant difference on stiffness 
between healthy and cancerous tissues (P > 0.05) when intermediate and fibrous 
regions of tissue samples were taken into account. However, the relevant  mechanisms 
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of these changes in stiffness remain to be elucidated. It could be in connection with 
high density of collagen fibers in the breast tissue [24]. Furthermore, such results 
are in agreement with other reports. The mean moduli of non-malignant breast cells 
(MCF-10A), malignant breast cells (MCF-7 and MDA-MB-231) are 0.7, 0.5, 
0.3 kPa repectively, when AFM was operated with a low loading-rate indentation at 
1 Hz. Yet these moduli increased to 250, 28, 25 kPa repectively, when AFM was 
operated with a high loading-rate indentation at 250 Hz in Fig. 9.2 [25]. Notably, 
earlier report also showed different values that the Young’s modulus of MCF-7 were 
significantly lower (1.4–1.8 folds) than that of MCF-10A [26]. All of these mea-
surements were done with living breast cells at a single cell level and in a natural 
environment. The reason for the inconsistent values is due largely to the diverse 
conditions of measurement and sample preparations in each research group. For 
example, the cells in different numbers of passage [27] or different cultivation peri-

Table 9.1 Difference in mechanical properties between normal and cancer cells

Organ Normal cell
Average Young’s 
modulus (kPa) Cancer cell

Average Young’s 
modulus (kPa) Refs.

Breast Normal tissue 1.1–1.8 Malignant tissue 0.6, 2.0, 5.8 [22]
Normal tissue 1.427a Malignant tissue 0.709a [23]
MCF-10A 0.5–1.16 MCF-7 0.31–0.61 [26]
MCF-10A 0.7b MCF-7 0.5b [25]

MDA-MB-231 0.3b [25]
MCF-10A 250c MCF-7 28c [25]

MDA-MB-231 25c [25]
Ovary IOSE 2.472 HEY

HEY A8
OVCAR-3
OVCAR-4

0.884
0.494
0.576
1.120

[29]
[29]
[29]
[29]

Thyroid S748(primary) 2.211–6.879 S277(primary) 1.189–1.365 [28]
FTC-133 
LRP-1(−)
FTC-133 
LRP-1(+)

13.39
5.26

[32]
[32]

S747(primary) 1.2–2.6 S277(anaplastic) 1.3 [37]
Osteogen NHOst 2.42 MG-63 0.82 [66]

U-2 OS 2.0–2.8(nucleus)
3.5–4.4(periphery)

[7]
[7]

Cervix Primary cell 2.05 Primary cell 2.8 [35]
Kidney RC-124 1.2–2.1d A498 1–1.2d [36]

ACHN 1–1.9d [36]
Blood Lymphocyte 1.24 ± 0.09 Jurkat 0.51 ± 0.06 [33, 

34]
aValues obtained at the center of tissue samples
bLow loading-rate indentation at 1 Hz
cHigh loading-rate indentation at 250 Hz
dCells on soft hydrogel instead of hard substrate
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ods [28] have various mechanical properties. Although the moduli are not com-
pletely identical, the general trend is unalterable that normal cells have higher 
modulus. Therefore, it is suggested that Young’s modulus can be regarded as a 
promising indicator for cancer diagnosis.

It is remarkable that breast tissue has characteristic nanomechanical behaviours. 
Therefore, similar mechanical properties may be found in other cancers. In Fig. 9.3, 
Prabhune et al. [28] reported that cancerous thyroid cells are 3- to 5-times softer 
than normal thyroid cells because of the different organization of actin cytoskeleton 
in malignant cells.

And cell stiffness could be considered as an indicator for the relative metastatic 
potential of cancerous cells. It’s suggested that relative stiffness is in inverse relation 
to the migratory potential. The changes of overall mechanical properties of cells 
could reflect cancer metastasis. Sulchek et al. [29] measured the Young’s modulus 
for a series of ovarian epithelial cell lines. The results showed that normal ovarian 
epithelial cells (IOSE) were the stiffest compared with other ovarian cancer cell 
lines (HEY, HEY A8, OVCAR-3 and OVCAR-4). The mean stiffness values for 
these cell lines are 2.472, 0.884, 0.494, 0.576, 1.120 kPa, respectively. And less 
stiffer cells exhibited high invasiveness. Such tendency is proved by the studies 
using other types of epithelial cancer cells [30, 31]. It’s due to actin cytoskeleton 
reorganization and/or disruption, and in relation to low-density lipoprotein 

Fig. 9.1 Stiffness of normal mammary gland tissue (a) and malignant tumour tissue (b). H&E- 
stained section of normal mammary gland tissue (c) and malignant tumour tissue (d). Scale bar: 
50 μm [22]
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 receptor- related protein 1 (LRP-1), which is a member of a superfamily of trans-
membrane receptors. LRP-1 can affect the endocytosis of membrane-anchored pro-
teins. Molinari et  al. [32] showed that after LRP-1 silencing in a human thyroid 
follicular carcinoma cell line (FTC-133), Young’s modulus and adhesion force 
increased, and cancer cell invasiveness weakened. These changes were due to an 
alteration of integrin clustering in the LRP-1(−) cells. Moreover, similar behaviors 
also exist in suspension cells. Cai et al. [33, 34] demonstrated the differences of 
morphology and stiffness between normal lymphocyte and Jurkat cell, an acute 
lymphoid leukemia cell. In Fig. 9.4, Jurkat cells exhibited much rougher cell surface 
and lower modulus. The average Young’s modulus of Jurkat cell is 0.51 ± 0.06 kPa, 
which is about 2-times lower than that of normal lymphocyte (1.24 ± 0.09 kPa).

However, the above-mentioned regular mechanical alterations between normal 
and cancer cells are exceptional when Sokolov et al. [35] measured the mechanics 
of primary human cervical epithelial cells, including normal and cancerous cells, 
when considering the brush layer on the cell surface. In this case, the primary can-
cerous cells have higher Young’s modulus (2.8  ±  1.7  kPa) than normal cells 
(2.05 ± 0.48 kPa). Because cancerous cells have longer brush and larger variability 
in brush size, the brush layers should be taken into consideration when measuring 
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the cell surface mechanics [35]. Moreover, metastatic renal cells showed a higher 
values of Young’s modulus with respect to normal renal cells when the cells were on 
the very soft gels instead of harder substrates [36]. Similar phenomenon was 
observed for elastic properties of cancer and normal thyroid cells on softer gels [37]. 
This is unlike the general trend that normal cells are stiffer than cancer cells. It is 
indicated that further detections on cell mechanical properties by AFM still need 
careful considerations.

On the other side, the changes in mechanical properties, binding force between 
ligand-receptor and morphology of cells can be used to screen some potential 
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mine phalloidin of normal thyroid cells and cancerous thyroid cells. First column for healthy nor-
mal cells, second column for cancer cells. The cancer cells showed fewer actin stress fibres and are 
thicker than the normal cells. Elasticity map size is 50 × 50 μm (a, b). Scale bars: 10 μm (c, d), 
20 μm (e, f) [28]
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 anti- cancer drugs or illuminate some cytoactivators to reveal the mechanisms of 
these agents. In order to assess anti-cancer effects of oridonin, single molecule force 
spectroscopy based on AFM was used to detect EGF-EGFR interactions and Young’s 
modulus of living esophageal cancer cells (KYSE-150) [38, 39]. The results showed 
that oridonin could reduce the unbinding force and binding probability of EGF- 
EGFR with respect to intracellular ROS level (Fig. 9.5), and increase Young’s mod-
ulus of KYSE-150 cells (Fig. 9.6). Moreover, a decreased energy barrier width, an 
increase dissociation off rate constant, and a decreased activation energy of EGF- 
EGFR complexes in ROS dependent way were shown after KYSE-150 cells were 
treated by oridonin. Similarly, the effects of resveratrol on unbinding forces between 
EGF-EGFR of living MCF-7 cells [40], the effects of quercetin on Young’s modulus 
of HepG2 cells [41], the effects of curcumin on binding forces between CD44/
CD44 antibody of HepG2 cell [42] were also reported.

RBL-2H3 is basophilic leukemia cell line. Stimulated by ionomycin, RBL-2H3 
cells exhibited degranulation and morphological changes (Fig.  9.7) [43]. Some 
peculiar vesicles and some pores appeared in the cytoplasm area. These vesicles 
would disintegrate to release a lot of granules surrounding the cells by the control-
ling of F-actin. RAW264.7 cells, a macrophage cell line, also showed the changes 
of morphology, larger adhesion force and greater Young’s modulus after lipopoly-
saccharide (LPS) stimulation (Fig. 9.8) [44].

Fig. 9.4 3D morphology and Young’s modulus of normal lymphocyte (a–c) and Jurkat cell (d–f) 
[33, 34]. The average Young’s modulus of normal lymphocyte is 1.24 ± 0.09 kPa, and that of Jurkat 
cell is 0.51 ± 0.06 kPa
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2  Erythrocyte–Related Diseases

Because red blood cell (RBC) membrane is composed of junctional complexes, 
spectrin network and lipid molecules, RBCs are able to change shape and recover to 
the original shape, which is called deformability. Deformability is an important 

Fig. 9.7 AFM images of RBL-2H3 cell morphology (first and second panels) with white arrows 
showing granule location, and blue arrows showing the emergence of pores in the cell membrane. 
Fuorescence images of F-actin cytoskeleton (third panel) with white arrows showing the formation 
of unknown vesicles. Control cells (A1–A5), and cells treated by ionomycin for 5 min (B1–B5), 
10  min (C1–C5), and 30  min (D1–D5), respectively. Scale bars: (first panel): 10 μm, (second 
panel): 2 μm, (third panel): 50 μm [43]

Fig. 9.8 Morphology (A1–A3, B1–B3, C1–C3), adhesion force (A4, B4, C4) and Young’s modu-
lus (A5, B5, C5) of RAW264.7 macrophages induced by LPS. Control cells (A1–A5), and cells 
treated by 100  ng/mL LPS (B1–B5), 1  μg/mL LPS (C1–C5), respectively. The green arrows 
showed some holes on cell membrane, and white arrows showed the pseudopod structures. Scale 
bars: 10 μm [44]
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mechanical property of normal RBCs linking to their physiological functions [45]. 
Reduced deformability of RBC is occurred in many diseases, and it is in direct rela-
tion to stiffness and elasticity of RBC membrane [46]. Reduced deformability is 
corresponding to enhanced stiffness, in term of larger values of Young’s modulus. 
However, the biconcave shape of erythrocyte implied heterogeneous distribution of 
mechanical properties. Obviously, AFM is an appropriate tool to be used for quan-
titatively nanomechanical mapping of erythrocyte. It can link the structure of key 
components of erythrocyte membrane to cell mechanics and function. In Table 9.2, 
the Young’s modulus of healthy and pathological erythrocytes was shown for 
comparison.

2.1  Malaria

Malaria is caused by parasites, called Plasmodium, which is transferred through 
infected mosquitoes bites. Although a significant decline in mortality is observed 
now with the aid of developed treatment including some new drugs and vaccines, 
malaria is still the most important parasitic infection disease. And new methods for 
treatment, prevention and rapid diagnostic testing are needed [47–49].

The disease-associated malaria parasite is confined to human red blood cells 
(RBC), leading to mechanical deformability and biorheological changes in RBC. It 

Table 9.2 Average Young’s modulus (kPa) of healthy and diseased erythrocytes

Healthy erythrocytes
Diseases

Refs.Types of diseases Diseased erythrocytes

26 ± 7a Hereditary spherocytosis 43 ± 21a [53]
Thalassemia 40 ± 24a [53]
G6PD deficiency 90 ± 20a [53]

1.1 ± 0.4 Genotypic sickle cell trait 3.05 ± 1.09 [54, 55]
Sickle cell disease 1.0 ± 1.1, 3.0 ± 2.7 [55]

1.82 ± 0.20 Diabetes mellitus II 2.52 ± 0.58 [57]
26 ± 12a Diabetes I ketoacidosis 300 ± 98a [59]
104 ± 19a Diabetes mellitus II 178 ± 39a [67]
4.9 ± 0.5 Diabetes mellitus 2~19 Average [58]

Hypertension 2~19 8.6 ± 0.8 [58]
Coronary disease 2~19 [58]

1.205 ± 0.0142 Non-ischemic CHF 1.248 ± 0.0108 [2]
Ischemic CHF 1.142 ± 0.0108 [2]

16 ± 5 kPa (<20 days) Aging 34 (33d day) [65]
104 ± 19a Aging 153 ± 41a [67]
75–85 (center)b

105–127 (external)b

Aging
Aging

177–178 (center)b

178–180 (external)b

[64]
[64]

aErythrocytes were pretreated by fixation
bErythrocytes were dried before measurement
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will then affect organ functions, states of overall health and disease. The dramatic 
changes of membrane and cytoskeletal structure during the advancing stage of 
malaria infection should be considered in the loss of deformability of the infected 
cells [50]. But, seen from another point of view, it may be seen as the innate defense 
response of RBCs against the infection. Recent study [51] showed that Plasmodium 
alciparum could not penetrate through the RBCs which have damaged cytoskeleton 
and stiffer membranes under oxidative stress.

Similarly, Fernàndez-Busquets et  al. [52] quantitatively evaluated the binding 
force between heparin and Plasmodiumfalciparum-infected red blood cells (pRBCs) 
by AFM. The results showed that heparin-pRBC binding force was 28~46 pN at 
different loading rates. However, no significant binding force was observed for non- 
infected RBCs.

2.2  Anemia

Lekka et  al. [53] showed the stiffness of erythrocytes from healthy persons and 
patients with hemolytic anemia, respectively. The Young’s modulus was 26 ± 7 kPa 
of healthy erythrocytes, less than that of diseased erythrocytes. The Young’s moduli 
were 43 ± 21 kPa, 40 ± 24 kPa and 90 ± 20 kPa for hereditary spherocytosis, thalas-
semia and glucose-6-phosphate-dehydrogenase (G6PD) deficiency patients, respec-
tively. It’s worth noting that these values of Young’s modulus were a little larger 
because the erythrocyte samples were fixed by 0.5% glutaraldehyde for 1 min.

Lykotrafitis et  al. [54] measured the Young’s modulus of human RBCs from 
healthy subjects and that from persons with genotypic sickle cell trait under physi-
ological conditions. The results showed that normal cells are more elastic. The 
Young’s modulus of normal cells (1.1 ± 0.4) was approximately three-folds lower 
than that of abnormal cells (3.05 ± 1.09). It’s suggested that the sickle cell trait is 
associated with the polymerization of sickle hemoglobin and changed organization 
of cell cytoskeleton. Moreover, Lykotrafitis et al. [55] pointed out that normal RBCs 
are softer than those from patients with sickle cell disease in the oxygenated or 
deoxygenated state, providing further confirmation of the relationship between the 
polymerization of sickle hemoglobin and sickle cell disease.

2.3  Diabetes Mellitus

Deformability reduction of RBC is observed in diabetes mellitus. By using AFM, 
Papi et al. [56] measured the Young’s modulus of living red blood cells, including 
healthy cells from volunteers and pathological cells from diabetes mellitus II 
patients. The results showed that the stiffness of RBC is heterogeneous, stiffer at the 
centre and softer at the periphery. For healthy cells, the average Young’s modulus of 
the whole RBC is 1.82 ± 0.20 kPa while for pathological cells, 2.52 ± 0.58 kPa. It 
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is indicated that healthy RBCs are softer and deformed more easily. In diabetic 
patients, the membrane roughness and ultrastructure of RBC changed, and elon-
gated shape and fibrin fibers around were seen [57]. These changes may affect 
erythrocyte deformability.

Lekka et al. [58] compared the stiffness of RBCs in healthy group with that in 
patients suffering from diabetes mellitus, hypertension and coronary disease. The 
measurements were carried out in physiological conditions. The results showed that 
RBCs in diabetes mellitus patients had higher average Young’s modulus 
(8.6 ± 0.8 kPa) than healthy persons (4.9 ± 0.5 kPa). It is attributed to different 
structures of glycocalix, lipid bilayer and actin cytoskeleton between two groups.

The in situ single molecule detection of local stiffness, ultrastructures and ligand- 
receptor interactions between healthy and diseased erythrocytes, respectively, are 
beneficial to understand the pathology of diabetes. Zhang et al. [59] reported the 
morphology, ultrastructures, stiffness, single molecule binding force between insu-
lin–insulin receptor of healthy erythrocytes and diseased erythrocytes from type 1 
diabetes ketoacidosis (T1-DKA), respectively. A decreased roughness and an 
increased stiffness in T1-DKA erythrocytes were shown in Fig.  9.9, as well as 
decreased binding force and binding probability between insulin–insulin receptor in 
T1-DKA erythrocytes in Fig.  9.10. It indicated decreasingly functional and less 
stable insulin–insulin receptor complexes on T1-DKA erythrocytes than those on 
healthy erythrocytes.

Oxidative stress is related to diabetes. After oxidative stress, the stiffness and 
morphology of erythrocytes have changed. As shown in Fig. 9.11, after hydroxyl 
radicals treatment, the typical morphology of erythrocytes disappeared and the 
adhesion force increased. Besides, the erythrocytes became stiffer after treatment 
with hydroxyl radicals. However, the erythrocytes recover to normal status after 
treatment by quercetin-germanium (IV) complex, a radical scavenging compound 
[60].

Fig. 9.9 Healthy erythrocyte (a–e) and T1-DKA erythrocyte (f–j). Typical morphology (a, f), cor-
responding 3D image (b, g), ultrastructures (c, h), force volume modulus (d, i) and histogram 
distribution of modulus (e, j) [59]
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2.4  Cardiovascular Disease

At present, there are few biomarkers to evaluate the risk of cardiovascular diseases. 
High fibrinogen concentration is a risk factor, however, the underlying mechanisms 
remain unidentified. Recently, cell stiffness, and binding forces between fibrinogen 
and erythrocyte measured by AFM are being prospective factors to identify increased 
risk for patients with cardiovascular diseases.

By using AFM, Santos et al. [2] showed increased fibrinogen-erythrocytes bind-
ing force in ischaemic chronic heart failure (CHF) patients (74.9 ± 10.7 pN) with 
respect to non-ischaemic CHF patients (45.4 ± 5.6 pN). The values of Young’s mod-
ulus of erythrocytes for non-ischemic CHF group and ischemic CHF patients were 

Fig. 9.10 Binding force and binding probability between insulin–insulin receptor of erythrocytes 
(a–f, left panel), and scheme for tip modification (g, right panel). Healthy erythrocyte (a–c) and 
T1-DKA erythrocyte (d–f) [59]

Fig. 9.11 Normal erythrocytes (g, a, d), erythrocytes treated by hydroxyl radicals (h, b, e) and 
after treatment with quercetin-germanium (IV) (i, c, f). AFM images of cell morphology (g–i), 
force histograms (a–c), force-distance curves (d–f), and Young’s modulus (j). Scale bar: 12 μm 
[60]
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1.248 ± 0.0108 kPa and 1.142 ± 0.0108 kPa, respectively, and that of healthy control 
group was1.205 ± 0.0142 kPa. It is indicated that cell stiffness in both patient groups 
were changed.

2.5  Essential Hypertension

Essential arterial hypertension (EAH) is a clinical complication. It is one of the 
major risk factors for heart failure, heart attack or stroke. Many patients with essen-
tial hypertension showed reduced deformability of RBCs by some studies. Decreased 
RBC deformability is related to different patterns of membrane skeleton between 
healthy donors and patients with essential hypertension and/or hypercholesterol-
emia [61]. Hence, the lower RBC deformability may be regarded as a marker for 
endothelial dysfunction in hypertensive patients.

Increased aggregation of erythrocytes by high plasma fibrinogen level has been 
linked to EAH. Santos et al. [62] demonstrated the effects of fibrinogen on erythro-
cyte aggregation in essential arterial hypertension by AFM. The results showed that 
erythrocyte–erythrocyte detachment force is higher for patients than that for healthy 
persons. The force for both groups is increased with higher fibrinogen concentra-
tions. In other words, erythrocyte bridging by fibrinogen is powerful in patients. So 
higher levels of γ’ fibrinogen in EAH patients contributed to increased risk of EAH.

2.6  Aging

The ageing of erythrocytes plays an important role in promoting the removal of 
malfunctioning RBCs. Changes in RBC deformability were observed in aging or 
storage [63].

During the aging process, the mechanical properties of erythrocytes have 
changed. Girasole et al. [64] demonstrated the nanomechanical properties of cell 
plasma membrane in the intermediate states along the ageing of erythrocytes. When 
the aging proceeded, the Young’s modulus of the cells became larger than that of 
normal cells. It is indicating the cells became more rigid. And the spatial distribu-
tion of Young’s modulus also became more uniform in the whole cell together with 
the lose of asymmetry in the cell external and center. It is suggested that the cyto-
skeleton structure had changed, especially at the center.

During storage, structural and morphological changes appeared in RBCs. 
Kozlova et al. [65] showed the mechanical properties of RBCs during 40 days of 
storage by using AFM. At a transition period (20–26 days), the Young’s modulus of 
the cell membranes was 1.6–2 folds than that at the beginning. And cells changed to 
irreversible forms with nanodefects on cell surface.

In brief, a lot of evidence showed that the Young’s modulus of pathological 
erythrocytes was higher than that in normal cells. It is suggested that the pathologi-
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cal erythrocytes became stiffer (i.e. more rigid and less elastic). The cell  deformability 
changed with the variation of pathological conditions. Generally, the changes in cell 
mechanics and deformability were often accompanied by cytoskeleton variation, 
thus erythrocyte functions and blood flow were affected and it would be connected 
to pathological implications and various diseases. Therefore, the mechanical prop-
erties of erythrocytes could be developed into a novel biomarker for diseases.

3  Conclusion

Atomic force microscope is a very sensitive tool for directly evaluating mechanical 
properties of single cells. Moreover, AFM measurements can be carried out in con-
junction with other more commonly used techniques such as optical microscope 
observation, and histological stain. Based on these considerations, cell stiffness may 
be served as a potential diagnostic indicator in quantitatively analyzing the patho-
logical and physiological states of cells by using AFM, and may provide new 
approaches to human diseases, though several challenges remain to be solved before 
clinical implementation of these approaches. Up to now, many questions have 
remained to be the cause for the observed changes in stiffness. Furthermore, because 
human physiological environment is highly complex, a deeper knowledge of 
stiffness- related changes of cells is still required for diagnosing human diseases. 
AFM, a promising tool, can help to obtain a more reliable diagnosis in future 
research.
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Chapter 10
High Resolution AFM and Its Applications

Hao Sun, Ming Ye, and Wanxin Sun

Abstract Imaging fine structures of molecules and cells under controlled condi-
tions, and early detection of subtle changes in material properties are very important 
for understanding the mechanism of many biological processes. In the past decades, 
scientists made extensive efforts in exploring and developing new imaging tech-
nologies to improve the resolution and sensitivity of detection. AFM is not an 
exception, improving the resolution of measurements is a long-lasting effort for 
both users and instrument makers. It is even more challenging for soft materials, 
such as biological molecules, cells and biomaterials, as the force control in soft 
material measurement is more critical and difficult. In this chapter, we will first 
review the applications of high resolution AFM, discuss the challenges for high 
resolution in different aspects and followed by solutions to achieve high resolution 
for different applications, including AFM system optimization and sample-probe 
interaction optimization by probe design and control algorithm. A series of exam-
ples will be used as case studies to illustrate how to achieve high resolution in AFM 
experiments. At the end of this chapter, we will provide our prospective view on 
future developments in AFM technology.

1  Review of High Resolution AFM Applications

There are already several good review papers discussing about the applications of 
high-resolution AFM [1–10]. Raigoza A. F. et al. reviewed some important innova-
tions in AFM techniques for biological molecules studies, and highlighted the chal-
lenges to gain atomic- and molecular-level information of complex biomolecular 
structures [3]. Alsteens D. et al. also discussed the high-resolution imaging of bio-
molecular and cellular systems by force-distance curve based AFM technologies in 
details [4]. For sub-nanometer resolution on biological samples, Dufrene Y. F. et al. 
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reviewed the basic principles, advantages and limitations of the most commonly 
used AFM bioimaging modes, including the popular contact and dynamic modes, as 
well as recently developed modes such as multiparametric, molecular recognition, 
multifrequency and high-speed imaging [5]. In these papers, many techniques are 
discussed for high-resolution AFM imaging. These techniques combined with func-
tionalized probes were used to measure the mechanical and chemical properties of 
single proteins in purple membranes, observe structurally localized chemical groups 
of water-soluble proteins, map and analyze nanomechanically individual sensors on 
yeast cells, image the sites of assembly and extrusion of single filamentous bacte-
riophages in live bacteria, unravel the adhesive properties of biofilm-forming micro-
bial pathogens, map the ligand binding free energy landscape of human membrane 
receptors in proteoliposomes, and map nanomechanically the first binding events of 
viruses to animal cells [4]. For further information, readers are advised to refer to 
the references.

In this section, we will review some representative high-resolution works, includ-
ing biomolecules, and cells. With necessary knowledge in engineering and life sci-
ences, these examples can be readily extended to other applications.

1.1  DNA

The DNA double helix structure was first investigated by X ray diffraction method 
in 1953 [11]. Besides this well-known right-handed helix structure with 10~10.5 
base pairs per turn, many different secondary structures were discovered in last 
century. For example, DNA with guanine-rich sequences could fold into quadruple- 
stranded helical structures, called ‘G-quadruplexes’. These nucleic acids assem-
bling structures play complex roles in gene expression, translation, telomere-end 
maintenance, recombination and replication [12]. X ray diffraction method gener-
ally relies on ensemble-averaging of the DNA molecules. It is less sensitive to sin-
gle mutant as the mutant’s structural information will be buried in the ensemble 
average. Furthermore, it is not always possible to get molecules crystallization 
which is required by X ray measurement. However, local deformations of the DNA 
double helix are important in mediating protein-DNA binding specificity [13]. 
Therefore, it is highly desirable to develop a new technique that can convey the 
information of detailed structure and mechanical properties of single DNA mole-
cule under controlled environment, including temperature, pH, ion strength etc.

Immediately after its invention in late 1980s, AFM was quickly adopted in bio-
molecular researches, especially DNA [14]. To date, AFM is the only tool for human 
to “see” the secondary structure of a DNA molecule directly in real-space. However, 
most of AFM images typically show DNA molecules as featureless strands. This is 
because DNA is a highly dynamic molecule, having both translational and rota-
tional movements. DNA is usually adsorbed on positively charged surfaces for 
AFM imaging, like APTES and APS. This light adsorption maintains its native con-
formation, and its high degree of mobility as well. This mobility, in conjunction 
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with the DNA structure constantly changing, makes it difficult to resolve the double 
helical structure on the time scale of AFM imaging.

The first observation of DNA helical period was achieved in contact mode AFM 
in 1995 [15]. In this work, the pitch of B-DNA was measured by AFM with a 
reported periodical modulation of 3.4 ± 0.4 nm. The DNA molecules were immobi-
lized onto a positively charged lipid bilayer. It is important to note that the DNA 
pitch was only observed when the DNA strands were densely and uniformly packed 
on the bilayer surface and the isolated DNA strands did not show any periodical 
structure. The possible reason is that the close packing of DNA limits its movement, 
thereby enhancing the stability of DNA strands and making the pitch of DNA 
strands resolved.

In addition to contact mode, several groups had reported that the major and 
minor groove can be resolved on conjugated and circular DNA by tapping mode and 
PeakForce tapping mode [16–19]. Figure 10.1 shows the DNA double helix high- 
resolution images obtained with PeakForce tapping on Bruker MultiMode 8 system. 
The probe used is AC40 (Olympus, Tokyo, Japan). As discussed in Chap. 1, the 
imaging force can be precisely controlled to a very low level in PeakForce taping 
mode. In this study, the imaging force was controlled from several tens of pN to 
over 100 pN by using small PeakForce Amplitude ~5 nm. At low imaging force, 
shown in Figs.10.1a, b, direct visualization of the helical structure and accurate 
measurement of the ~2 nm diameter of B-DNA were realized on loosely bound 
DNA sample. With increase in imaging force, the DNA strand is compressed and 
the major and minor grooves disappear, shown in Figs. 10.1e, f.

The applications of AFM in DNA research are mainly in two aspects. One is to 
use AFM to understand the fundamental bio-physical properties of DNA as the 

Fig. 10.1 DNA double helix high-resolution images obtained on Bruker MultiMode 8 System 
under PeakForce tapping with AC40 probe. (a) DNA imaged at a peak force of 49 pN. Inset: High 
resolution image of DNA, and a height profile taken along the dashed line, showing major and 
minor grooves. Color scale: 3.5 nm; (b)–(d) DNA imaged at peak forces of 39, 70, and 193 pN, 
respectively. Insets: Major and minor grooves of the DNA double helix. (e) Height profiles mea-
sured across the DNA under different peak forces, the dashed line in B inset marks the location of 
the height profiles. (f) Measured height as a function of peak force, measured along the same sec-
tion across the DNA (as E). (Reprinted with permission from 19, Copyright (2014) John Wiley and 
Sons.)
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 cornerstone of genetic science [19, 20]. The other is to use DNA as a basic program-
mable nano-construction material and AFM as an imaging tool to visualize the 
designed 2D or 3D smart devices [21]. In both aspects, the core technical challenges 
are still optimizing immobilization method and controlling the imaging force. In 
general, a stronger immobilization would lead to a better quality in AFM imaging. 
However, the strong immobilization achieved by divalent ions could also bend DNA 
molecules in an unnatural way. Furthermore, the binding efficiencies between pro-
teins and DNA molecules could be also strongly influenced by the immobilization 
of DNA molecules on the substrate. Usually, for DNA self-assembling structures, 
like DNA origami, double helix resolution cannot be achieved on their densely 
packaged DNA molecular chains. But the details for the DNA hybridization could 
be identified easily [22–24]. Therefore, optimizing immobilization strength and 
imaging force control are the tricky parts in the whole experiment [25].

Although there were quite a few reports of DNA double helix imaging, the high- 
resolution imaging of RNA by AFM has not been reported yet. This might be 
because of the lack of effective ways to equilibrate RNA on flat surfaces [26]. Ares 
P. et al. imaged double-stranded RNA (dsRNA) for the first time with a lateral reso-
lution sufficient to resolve a ~1.5 nm periodicity under near physiological condi-
tions, compatible with the A-form of dsRNA [27]. Less than 1  nm oscillation 
amplitude was used to keep the imaging force at tens of pN level.

1.2  Proteins

Proteins studied by AFM high resolution imaging are mainly membrane-related 
proteins and amyloid disease related peptides/proteins. Both native membrane pro-
teins and toxin proteins that attack cell membrane have been studied with AFM, 
where sub-molecular resolution morphologies were obtained in aqueous solution 
and at physiological temperature. Time-lapse imaging provides the information 
about how these proteins work, rotate, self-assemble in lipids [28]. The dynamic 
behavior of the KcsA channel on the lipid membrane was studied with high- 
resolution AFM [29], where the functional open and closed gates of the KcsA chan-
nel under the membrane-embedded condition were resolved. However, with the 
rapid developments in cryo-electron microscopy (Cryo-EM), some high resolution 
morphological measurements for protein used to be done by AFM were achieved by 
Cryo-EM [30].

The recent developments in high-resolution mechanical properties mapping by 
AFM, i.e. PeakForce Quantitative Nano-mechanical Mapping (PFQNM) [31], 
achieved single hydrogen bond level energy resolution in membrane protein physi-
cal properties research [9]. In cooperation with high resolution morphology imag-
ing, PFQNM provides additional information in understanding protein dynamics. 
This technique is based on the PeakForce tapping technology discussed in Chap. 1. 
With carefully controlled interaction force, force-distance curves were recorded at 
every pixel. Derived from the force-distance curves, difference in elastic modulus at 
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the subunits of protein molecules was observed. Through energy dissipation calcu-
lation on each probe-sample interaction, the energy to open a specific loop structure 
could be determined. Such kind of results could be used as reference and validation 
for molecular dynamics simulation to understand the functions of the membrane 
proteins [32]. As an example, the work done by Rico F. et al. is highlighted here, 
where PFQNM was used to map quantitatively the flexibility of individual mem-
brane proteins in native, folded state at unprecedented sub-molecular resolution 
[33]. In this work, protein flexibility was correlated with crystal structure, and the 
results support the hypothesis that flexible interhelical loops of bacteriorhodopsin 
(bR) allow conformational changes related to functions, while stiff protruding 
α-helices provide molecular stability. Figure 10.2a, b show the topography image 
and stiffness image, respectively, which were calculated with 3-fold symmetrized 
correlation average from 13 bR trimers and overlaid with the atomic structure. 
Figure 10.2c sketches the structure of the membrane. Stiffness mapping across indi-
vidual bR monomers revealed two major different areas: the areas with high 

Fig. 10.2 High-resolution imaging of bacteriorhodopsin. The 3-fold symmetrized correlation 
average (a) Topography image and (b) Stiffness image were calculated from 13 bR trimers and 
overlaid with the atomic structure. (c) Sketch of the membrane structure. (d) Lateral view of the 
atomic structure (top) of each intrahelical loop, and cross-sectional profiles (bottom) of topography 
(black) and stiffness (blue) along the arrows shown in (b). The blue dashed line shows the average 
stiffness of the lipidic region in (b). (Reprinted with permission from 33, Copyright (2011) 
American Chemical Society)
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 stiffness, which means low flexibility, are α-helices, while the areas with low 
 stiffness, which means high flexibility, are the intrahelical loops. Figure  10.2d 
shows the E-F loop is the most rigid structure at low force and collapses at ~125 pN.

Besides elastic modulus mapping, with functionalized tips, PFQNM has been 
successfully used to recognize chemical groups in single protein molecules under 
physiological condition. A sub-nanometer resolution recognition map could be con-
structed in less than 30 min by 250 or 500 Hz ramp rate in PFQNM mode [34]. 
During each ramp cycle, the total force acting on the probe has three different com-
ponents: the interaction, the hydrodynamic, and the inertial. With the increase in 
ramp rate, the hydrodynamic force and cantilever inertia contribute more, affecting 
the unbinding force measurement results. The ratio of cantilever resonance fre-
quency and ramp rate should be at least 50 to make the contribution of hydrody-
namic force and cantilever inertia negligible [35].

Similar to the situation of membrane proteins, the research on amyloid disease 
related proteins/peptides also requires more than high resolution morphology. High 
resolution mechanical mapping provides significant distinction between amyloid 
fibers with similar diameter but different internal assembling structure [36]. As the 
amyloid fibers are usually several nanometers in dimeter, additional care should be 
taken about elastic modulus fitting model. When doing the mechanical mapping, a 
spherical indenter on cylinder model may be better than the usually used spherical 
indenter on flat surface model [37].

1.3  Live Cells

It has been a dream for molecular cell biologists since the invention of AFM to 
achieve molecular resolution on cell surface under physiological condition. This 
ambitious task has been achieved on bacteria surfaces [38], where nanoscale net- 
like structures were revealed by AFM. However, direct “seeing” single proteins on 
a eukaryotic cell surface is still a challenge for AFM. The best reported result is the 
direct observation of the microvilli structure on live MDCK cell [39]. Microvilli are 
microscopic cellular membrane protrusions that increase the surface area of cells 
and minimize any increase in volume, and are involved in a wide variety of func-
tions, including absorption, secretion, cellular adhesion, and mechanotransduction. 
Microvilli are very soft and are prone to damage even under sub-nN imaging force. 
With PeakForce tapping, microvilli on live cell were imaged for the first time. By 
using less than 100 pN imaging force, a lateral resolution better than 50 nm could 
be achieved on these soft and flexible structures. Figure 10.3 shows AFM images of 
a MDCK C11 cell by PeakForce tapping. Different imaging force and scan rate lead 
to different resolution of the microvilli.

The cell-wall peptidoglycan (PG) structure of Gram-positive bacteria is another 
topic attracting extensive attentions. The strong and elastic multi-layer PG is known 
to resist turgor pressure and determine the cell shape and growth; however, its 
 architecture remains largely unknown. Dover R. S. et al. utilized high-resolution 
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AFM to reveal how the structure and elasticity of PG change when subjected to 
increasing turgor pressure in live Group B Streptococcus (GBS) [38]. To respond 
the osmotic challenge, the net-like arrangement of PG stretches and stiffens.

Another example to study cell wall structure with PFQNM is the water sample 
from the Adriatic Sea [40]. Some cell wall remnants were found in this suspension. 
Figure 10.4 shows the structure and mechanical properties of this sample.

Besides the works on high resolution imaging of cell surface structures, many 
efforts have been made to observe internal structures of cells. For example, Usukura 
E. et al. developed an unroofing method which enabled the cantilever of AFM to 
directly reach into a cell to observe intracellular structure [41]. With this method, 
the intracellular cytoskeletal actin filaments, microtubules, clathrin coats, and cave-
olae were directly observed with high resolution in phosphate-buffered saline 
(PBS). Kumar S. et al. used small amplitude tapping mode in buffer conditions to 
image the membrane organization of intact vesicular bacterial photosynthetic 
“organelles”, chromatophores, prepared from photosynthetically grown cells of 
Rba. Sphaeroides [42]. In this experiment, small cantilever was used to obtain faster 
response and lower thermal noise. Small tapping amplitude around 1  nm was 
adopted to minimize the imaging force in both vertical and lateral. With properly 
optimized imaging parameters, this approach provided sufficiently high resolution 
to allow proteins to be identified by their tertiary and quaternary structure, enabling 
the native organization of the proteins in a largely undeformed organelle to be 
studied.

In addition to high resolution morphological imaging and high resolution 
mechanical properties mapping, using functionalized probes to identify target mol-
ecules on live cell surface [43–45] and integrating AFM with advanced fluorescence 
techniques are two major trends in AFM developments for cell biology. For 
example, Alsteens D. et al. combined AFM and confocal microscopy to image the 
surface receptor landscape on cells and map the virus binding events within the first 
millisecond of contact with the cell at high resolution (better than 50  nm) [45]. 
Furthermore, by integrating AFM with inverted optical microscopy (IOM), the two 
coordinates can be linked together, i.e., fluorescently labeled bio-molecules could 

Fig. 10.3 Microvilli images of a MDCK C11 cell obtained with PeakForce tapping (Bruker 
Bioscope Resolve, PFQNM-LC probe). Individual microvilli were resolved on the cell surface. (a) 
Imaging force 170 pN, scan rate 0.3 Hz, 25 μm scan size. (b) Imaging force 170 pN, scan rage 
0.3 Hz, 10 μm scan size. (c) Imaging force 28 pN, scan rate 0.2 Hz, 10 μm scan size. (d) Imaging 
force 28 pN, scan rate 0.45 Hz, 10 μm scan size. (Reprinted with permission from 39, Copyright 
(2015) John Wiley and Sons)
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guide AFM measurement and their data could be fused together. Figure 10.5 shows 
an example to examine the differences in the mechanical properties of live and dead 
E. coli bacteria cells. In this study, a Bruker BioScope Catalyst (Santa Barbara, CA) 
was operated in PFQNM mode to image the cell surface while the Microscope 
Image Registration and Overlay (MIRO) function [40] was used to register epifluo-
rescence images with the AFM images. By AFM topography image alone, a live and 
a dead bacteria cell cannot be easily distinguished. However, with the fluorescence 
images (Fig. 10.5c) we can easily and definitively identify the red-fluorescing dead 
cell at the top of the image from the two live cells – that are fluorescing green - at 
the bottom of the image. The deformation data (Fig. 10.5a) measure the deforma-
tion of the sample surface under the applied force by the AFM tip. Here, the defor-
mation image reveals the live cells to have a fairly uniform deformation across the 
surface of the cell. The dead cell, however, appears more heterogeneous in deforma-
tion with definitive areas of increased deformation which indicate softer or less 
elastic surfaces. But in adhesion data (Fig. 10.5b), there is no difference. Fluorescence 
images can also be used to navigate the AFM probe to specific points on a surface 
to conduct force-distance curve measurements, which are shown in Fig. 10.5d.

Fig. 10.4 PFQNM imaging of phytoplankton cell wall obtained on Bruker BioScope Catalyst 
system. (a) Topography image, (b) Young’s modulus mapping, (c) Adhesion mapping, (d) 
Deformation mapping. (b) (c) (d) provide a remarkable contrast and high-resolution features. 
(Sample courtesy of Dennis Kunkel, Astrographics)
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With the advances in AFM technology and experimental methods, researchers 
can now identify the binding steps of virus to animal cells through a single virus 
modified AFM tip [45], locate membrane sensor protein Mid2 on yeast cells by 
Ni2+-nitrilotriacetate(NTA) groups modified tip [43], identify knob structures on P. 
falciparum infected erythrocytes by CD36 modified tip [44].

2  Challenges and Solutions in High Resolution AFM 
Imaging

AFMs usually use a feedback system to ensure that the probe accurately tracks the 
surface topography. The feedback system will continually compare the detector sig-
nal with the setpoint at real time. If they are not equal, a voltage is applied to the 

Fig. 10.5 Differences in the mechanical properties of live and dead E.  Coli bacteria. (a) 
Deformation image shows dead cell is softer than live cell. (b) No obvious difference in adhesion 
image. (c) Fluorescence image can distinguish live (green) and dead (red) cells. The bacteria were 
labeled with a fluorescent live/dead assay. This image can be used to navigate the AFM probe to 
specific points to do force-distance curves. (d) Force curves measured at different locations. The 
result shows the stiffness order: substrate > live cells > dead cells
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scanner to move the probe either closer to or farther from the sample surface to 
bring the error signal back to zero. This applied voltage is usually used as the signal 
to generate an AFM image. Based on different feedback signals, there are 4 primary 
imaging modes of AFM, i.e. contact mode (or DC mode, static mode), amplitude 
modulation (AM) mode (or tapping mode, intermittent contact mode), frequency 
modulation (FM) mode (or non-contact mode) and PeakForce tapping (PFT) mode. 
FM mode is mainly used to image in vacuum environment, and will not be dis-
cussed in this chapter. Force control in the rest three imaging modes will be dis-
cussed in detail in this chapter.

2.1  Definition of “Resolution” in AFM Imaging

“Resolution” is one of the basic concepts in AFM imaging. AFM users and manu-
facturers always pursue high resolution imaging, but “resolution” is perhaps the 
most ambiguous term when people talk about it. Sometimes it is used to describe 
“the smallest feature one can observe”, and sometimes it means “the smallest differ-
ence one can observe”, sometimes “resolution” is used to describe pixel spacing or 
imaging size [46]. Some instrument manufacturers define “resolution” as “bit reso-
lution”, which means how many nanometers (or volts, pico-newton, etc.) 1 bit in 
digital-analog converter (DAC) corresponds to. Therefore, more attentions should 
be paid whenever “resolution” is discussed. In this chapter, “resolution” is defined 
as “the minimum distance by which two points must be separated for them to be 
recognized as separate”.

2.2  Vertical Resolution of AFM

The vertical resolution of AFM is defined as the minimum step height that can still 
be recognized as two surfaces. Generally, the vertical resolution is equivalent to the 
noise floor of the AFM system, consisting of cantilever vertical deflection noise, Z 
scanner noise, environment acoustic and seismic noise. Environmental acoustic and 
seismic noise can be reduced by choosing quiet environment and implementing 
proper isolation. The vertical deflection noise can be plotted as a noise density spec-
trum. At low frequency range, the relationship of noise density versus frequency 
shows 1/f trend. The lower the frequency, the higher the noise density. At high fre-
quency range, the noise density is a constant (white noise) [6]. Figure 10.6  illustrate 
this relationship schematically. As a result, the imaging signal is subject to 1/f noise 
in contact mode while the low frequency noise has less effect in dynamic AFM if 
the drive frequency is higher than the 1/f corner frequency (usually at  several hun-
dreds to thousands Hz).
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The vertical deflection noise includes two major components: one is the detector 
noise, which is also known as laser pointing noise, the other is thermal noise. The 
vertical deflection noise determines the detectable smallest change in vertical 
deflection, i.e. the ultimate resolution limit of an AFM. The power spectral density 
(PSD) of the vertical deflection noise is typically 100–1000 fm/ Hz . Many efforts 
were made to reduce this kind of noise, on some AFMs, even <10 fm/√Hz PSD can 
be achieved in both air and liquid [47–51].

In dynamic AFM, thermal noise δzth at frequency f0 with detection bandwidth B 
can be calculated by following equation [52]:
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where kB is the Boltzmann constant, T the absolute temperature, Q the quality 
factor, k the spring constant of cantilever. In general, cantilevers with higher spring 
constant and resonance frequency has less thermal noise. For the typical imaging 
bandwidth of 1 kHz, a typical cantilever for tapping mode (for example, k = 28 N/m, 
Q = 400, f = 318 kHz) has ~0.015 nm thermal noise at room temperature.

Z scanner noise is another factor affecting vertical resolution of an AFM. This 
noise is caused by the electronic noise in the high voltage applied to the scanner and 
the bit resolution of z drive DAC. The z scanner can be extended or retracted by 
applying a DC voltage on it, and this DC is applied via a z drive DAC. The bit reso-
lution of the DAC determines the smallest step of the voltage. The electronic noise 
can be managed through optimizing electronic design and choosing proper band-
width. Narrow bandwidth can reduce the electronics noise, but also limit the  imaging 
speed. Therefore, a tradeoff between noise level and imaging speed must be made. 
If the Z scanner has the option to reduce z range, it will help on noise control for 
both sources.

Fig. 10.6 Schematic diagram of noise density versus frequency. The noise density depends 
strongly on signal frequency. At DC and low frequency, the noise density is inversely proportional 
to the frequency; and at high frequency, the noise density is constant, called white noise
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2.3  Lateral Resolution of AFM

The “Lateral Resolution” of AFM is defined as the minimum separation for which 
the dimple depth Δz arising from the intersection of the individual images of two 
sample features is larger than the noise [53]. Reference [54] derived AFM lateral 
resolution based on the convolution between probe and sample features in details. 
Here we just illustrate the principle briefly. During AFM imaging, both the tip and 
sample are assumed undeformable. Figure  10.7a illustrates the dilation in AFM 
image due to the convolution between the tip and a sharp spike. Figure 10.7b shows 
the dimple depth formed by overlapping the dilated AFM images of two sharp 
spikes with the same height. In case that the sharp spikes have different height, the 

Fig. 10.7 Schematic of the convolution between AFM probe and sample features. (a) a sharp 
spike is dilated in AFM image due to the finite size of probe. (b) Overlap of the dilated AFM 
images of two sharp spikes with the same height. (c) Overlap of the dilated AFM images of two 
sharp spikes with different heights. R, Δz, Δh, and d are the tip radius, depth of the dimple, height 
difference between the spikes, and separation between two spikes respectively
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dimple depth becomes less, as shown in Fig. 10.7c. If we define the lateral distance 
between the adjacent features as d, and the height difference between the adjacent 
features as Δh, tip radius as R, the minimum separation, i.e. the lateral resolution can 
be given by following equation when Δz converge towards vertical noise:
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From the above equation, if the surface is perfectly flat (Δh = 0), which is shown 
in Fig. 10.7b, the smallest d is achieved. As the height difference between the adja-
cent features increases, which is shown in Fig. 10.7c, the value of d increases, so the 
lateral resolution becomes worse. Therefore, flatter surface and sharper tip can lead 
to higher lateral resolution if the deformation of the tip and sample are negligible.

In case that the tip deforms the sample surface, the lateral resolution predicted by 
the above model might be inaccurate. Under such situation, the applied force 
increases the contact area, thus decreases the lateral resolution. A common rule here 
is that the lateral resolution cannot be better than the real or effective tip-surface 
contact area [54]. When the applied force is small, the deformation of the sample 
surface is usually elastic, so the surface can recover after the applied force is 
released. But for large applied force, the deformation of the surface may be plastic 
and irreversible, in such case, high resolution cannot be achieved. Therefore, the 
applied force should be small enough to make the tip-sample contact area smaller 
than the feature to be resolved. In case of true atomic resolution, the tip-sample 
contact area should be smaller than a single atom size. Some calculations have been 
done to find out the relationship between lateral resolution and applied force. If 
Hertz contact mechanism is applied on the tip-sample system, the lateral resolution 
l can be expressed as following equation [54]:
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where R is the effective tip radius, F the applied force and Eeff the effective Young’s 
modulus of the tip-sample system. According to this equation, high resolution is 
easier to achieve on stiffer sample. Sharp tip and low applied force are also vital for 
high resolution. The radius of curvature of the tip end will determine the highest 
lateral resolution obtainable with a specific tip. The sidewall angles of the tip will 
determine its ability to probe high aspect ratio features. Based on the above analy-
sis, proper probe selection and good force control are the core issues in high resolu-
tion AFM imaging, and will be discussed in detail later in this chapter. In order to 
get high-resolution imaging on soft biological samples or polymer samples, force 
control is of paramount importance. Generally, less than 1 nN force is required for 
this kind of applications.

It should be noted that the above discussion is based on the sample deformation 
is less than the radius of curvature of the tip end. In case that the sample deformation 
is larger than the tip radius, the resolution achieved is poorer than that predicted by 
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Eq. 10.3. That is why sharper tip may not always lead to better resolution. If force 
control cannot be improved further to reduce sample deformation, a little bit blunter 
probe is worth a try.

The lateral resolution can also be affected by the number of pixels. According to 
Nyquist–Shannon sampling theorem [55], the pixel spacing should be less than half 
of the lateral resolution. For an image of a lateral size ∆x with pixel number N, the 
lateral resolution cannot be better than 2∆x/N. For high resolution imaging, number 
of pixels should be sufficient to make the tip-sample contact area as the limiting 
factor.

Atomic resolution is a frequently mentioned term when high resolution AFM 
imaging is discussed. However, atomic resolution is often confused with atomic lat-
tice resolution. Atomic resolution of AFM is defined as the capability of AFM to 
resolve single or multiple atomic-scale entities separated by an atomic-scale dis-
tance. Atomic-scale entities include surface atoms, molecules, complexes, point 
defects, dislocations, and grain boundaries [1]. It is also called “true atomic resolu-
tion” [56]. On contrast, atomic lattice resolution refers to the AFM capability of 
revealing crystal lattice structure. Atomic lattice resolution is usually achieved in 
contact mode, and cannot show atomic defects in the image. Atomic lattice resolu-
tion is in general much easier to achieve than atomic resolution.

2.4  Key Elements in High Resolution Imaging on AFM

There are substantial number of factors affecting the final resolution of AFM imag-
ing. In this section, four key elements will be discussed. If all of them are taken care 
carefully, high resolution imaging should be achieved most of time.

2.5  AFM System

A good system design is the foundation for high resolution imaging. To achieve 
high resolution, the AFM must have low noise, good scanner performance, low 
drift, and isolation from environmental noise and interference. Noise analysis and 
control have been discussed previously, and will not be covered in this section.

Drift is the undesired motion of the tip relative to the sample. If the AFM system 
is continuously drifting, the image will be distorted and it will be challenging to 
achieve high-resolution imaging. Drift control is an important task for AFM design 
and operation. When temperature changes, the thermal expansion of mechanical 
parts in AFM may cause relative motion between the tip and sample, called thermal 
drift. Typical values of expansion coefficients are in the range of 10−5 – 10−6 K−1. 
For example, 1 °C temperature change in a 10 cm body will cause 1 μm change in 
its length. To obtain stable high resolution, a drift less than 0.2 Å/s is desirable [56]. 
A good AFM system can achieve 0.2 nm/min thermal drift or better. The thermal 
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drift control is often achieved by both hardware and software. Symmetric design, 
choosing smart materials to match the thermal expansion of different components, 
and relocating heat generating components out of the acoustic enclosure are the 
commonly used approaches to minimize thermal drift. Figure  10.8 shows some 
AFM designs to reduce the thermal drift. In addition to hardware design, software 
is also used to compensate thermal drift, where software tracks features on the sam-
ple surface and calculates the drift direction and speed, then apply proper voltages 
to the XY scanner to correct the drift. One example is the “NanoTrack” function on 
Bruker Dimension Fastscan Bio system. With proper compensation, sub-pixel accu-
racy can be achieved with NanoTrack. Besides the hardware and software designs, 
temperature should be kept at constant during operation. Before high-resolution 
imaging, warm up and stabilizing the system at least half an hour is highly recom-
mended. Increasing the scan speed is another commonly used approach to minimize 
the effect of thermal drift.

Environmental noise and interference also have deleterious effect on high resolu-
tion imaging. The environmental noise often contains seismic vibration from the 
floor and acoustic noise. The noise caused by seismic vibration is usually at low 
frequency. Figure 10.9 shows 2 Hz seismic vibration measured by AFM. The com-
mon vibration sources include large pumps, big fans, ventilation ducts, and so on. 
Removing the vibration sources around the system and high-performance vibration 
isolation table are necessary for high resolution imaging. Ideally, the vibration level 
in any direction should be better than vibration criteria D. Acoustic waves can cou-
ple into mechanical parts of the AFM system, causing noise in images. Even with 
proper acoustic enclosure, the environment acoustic noise should be less than 85 
dBC (C weighting).

Fig. 10.8 Two examples of AFM designs to minimize thermal drift. (a) Bruker MultiMode system 
with a highly symmetrical structure. (b) Bruker Dimension Icon system with a remote electronics 
box to reduce heat generation in the acoustic enclosure
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2.6  Probe

Probe is one of the major parts in AFM. It consists of three components: substrate, 
cantilever and tip. Substrate is used to hold the whole probe in a probe holder, can-
tilever is the force sensor and tip is used to interact with sample surface to form 
images. Both cantilever and tip affect image quality significantly.

Resonance frequency and spring constant are two critical properties of a cantile-
ver. The resonance frequency affects the response time of the cantilever. In tapping 
mode, the change of amplitude with a change in tip-sample interaction is on a time 
scale 2Q/f0, where Q is the quality factor of the cantilever, while in frequency modu-
lation, the change in frequency occurs within a single oscillation cycle on a time 
scale of 1/f0 [7]. So higher resonance frequency leads to faster response of a cantile-
ver. If the AFM system is operated in vacuum environment, where Q is typically in 
the range of 104~105, tapping mode cannot work properly because it takes long time 
for the cantilever to respond to surface topography, while frequency modulation 
works in vacuum as the cantilever response time is independent of Q. Operating 
tapping mode in liquid allows faster scan due to the lowered Q factor in liquid. To 
reduce the deleterious effect of thermal drift, higher scan speed is always preferred, 
so cantilevers with high resonance frequency are usually used.

The spring constant affects the imaging force. In contact mode and PeakForce tap-
ping mode, the operating frequency is far below the cantilever resonance frequency, 
the imaging force is proportional to the spring constant; while in dynamic AFM, the 

Fig. 10.9 AFM image shows 2 Hz seismic vibration
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operating frequency is near the resonance frequency, the imaging force is proportional 
to k/Q. As discussed previously, force control is one of the core issues in high-resolu-
tion imaging. Large imaging force may deform the sample too much and lead to tip 
wear. According to Eq. (10.3), large force and large tip end radius result in low lateral 
resolution. Therefore, cantilever with low k is preferred in high- resolution imaging. 
However, if the k is too low, the attractive force between tip and sample may pull the 
cantilever to jump to contact the surface in dynamic AFM modes. The tip crush may 
blunt the sharp tip end, or/and damage samples, lowering the image resolution as a 
result. In case of strong adhesion force between tip and sample, the cantilever may stop 
oscillation as it is stuck to the sample surface. For high resolution imaging, to avoid the 
“jump to contact”, the following conditions must be fulfilled for stable operations [57]:
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where Vts is the tip-sample potential and A0 is the amplitude of the cantilever.
Another important parameter is “deflection sensitivity” (DS), with a unit of 

nm/V, which is the conversion factor describing how many nm in cantilever deflec-
tion corresponds to 1 V in PSPD output. As discussed in Chap. 1, shorter cantilever 
has better deflection sensitivity. In high resolution imaging, short cantilever is pre-
ferred. It should be noted that the cantilever length discussed above is the effective 
length. When the laser spot position on cantilever changes, the effective length 
changes accordingly.

In summary, cantilevers with short length, high resonance frequency and low 
spring constant are preferred for high resolution imaging. To meet all these require-
ments, the cantilevers should be small and thin. In addition, small cantilevers suffer 
less hydrodynamic damping when operated in fluid.

Since AFM tip physically scans on the sample surface, the image obtained is always 
the convolution of tip shape and the actual sample surface topography. Therefore, tip 
shape and size play significant roles in image quality. If the tip goes bad, the image 
quality will degrade. The bad tip could be caused by tip contamination, double tip, or 
tip wearing. Figure 10.10 shows the typical situations of tip-sample convolution.

Based on the previous discussion, the end radius of a tip intensively affects the 
lateral resolution. But more attention should be paid when specific situation is 
 discussed. The same probe may have different tip end radii under different applica-
tions. As shown in Fig.  10.11a, different indentation has different effective end 
radius for a conical tip. For soft samples, the small load force may lead to large 
indentation, which means, even the very end of the tip may be very sharp, the effec-
tive end radius may not be suitable for high resolution imaging. Conversely, the tip 
with large nominal end radius may have irregularities or sharp spikes on the tip 
surface, as shown in Fig. 10.11b. One of the sharp features can be used for high 
resolution imaging if the imaging force is controlled properly.

In summary, for high resolution imaging applications, a probe with smaller and 
softer cantilever, higher resonance frequency, and sharp tip should be chosen for 
higher sensitivity in detecting tiny change in topography and better force control.
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2.7  Force Control

In the lateral resolution section, the relationship between lateral resolution and 
applied force was discussed, showing that sample deformation increases with the 
increase in applied force and it leads to poor lateral resolution. Therefore, it is vital 
for high resolution imaging to use minimal imaging force. The interactions between 
tip and sample are very complex, especially in liquid environment. This topic has 
been reviewed in detail [1, 55, 58]. For simplicity, only the aspects affecting 

Fig. 10.10 Typical situations of tip-sample convolution. (a) Both tips with large and small end 
radius can get right height but wrong size of the particles on flat surface. The size of the particle is 
closer to its real value if the tip end radius is smaller. (b) Tip with smaller end radius can resolve 
two hills but the one with big end radius cannot. (c) Tip with smaller end radius can resolve right 
height of a valley but the one with large end radius cannot. Both of them cannot get right slope. (d) 
The tip side angle also affects the slope measurement
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Fig. 10.11 The definition of the tip end radius. (a) A cone tip has different end radius at different 
indentation depth. (b) A tip with large end radius may have some irregularities on the very end, 
enabling high-resolution imaging
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imaging resolution will be discussed in this chapter. Figure 10.12 shows the rela-
tionship between the total force and tip-sample separation. The total force is consid-
ered as the sum of repulsive and attractive forces. The repulsive force is typically 
short- range, mainly comes from coulomb repulsion induced by electron orbital 
overlapping, which can be well described by various contact mechanics models. 
Attractive force is typically long-range, mainly comes from Van der Waals interac-
tion. In ambient environment, a meniscus is formed between probe and sample by 
spontaneous condensation, resulting in capillary force with a magnitude ranging 
from 1nN to 100nN. The meniscus formation between AFM tip and sample was 
directly observed with Environmental Scanning Electron Microscopy (ESEM) by 
Weeks B. L. et  al. [59]. The capillary force could dominate all other tip-sample 
interactions [54] in ambient environment. It will be eliminated in liquid. While cap-
illary force is eliminated in liquid, the electrostatic double-layer (EDL) generates 
repulsive force between tip and sample. The EDL force can be long-ranged or short-
ranged, which can be fine-tuned by adjusting the ion concentration, pH, temperature 
and the type of solutions [1]. The electrostatic force has been used to balance the 
attractive force between tip and sample and reduce the net tip-sample interactions 
[60, 61]. Figure 10.13 shows the balancing effect of electrostatic force.

Previous studies show that repulsive force is more localized [6, 62, 63], thus, 
using minimal short-range tip-sample interaction is preferred for high resolution 
imaging. A good force control means the imaging force is controlled instanta-
neously and intuitively at the minimal short-range tip-sample interaction. In this 
section the force control for different AFM working modes will be discussed in 
detail.

Fig. 10.12 Schematic diagram to illustrate the interaction between two objects versus distance. 
The short-range repulsive force originates from Coulomb repulsion at short ranges due to electron 
orbital overlapping, and the long-range attractive is from the van der Waals interaction at long 
ranges. The solid line indicates the total force
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2.7.1 Contact Mode

In contact mode, AFM uses a static cantilever deflection as the feedback signal. In 
this mode, the tip is in perpetual contact with the sample surface. During a scan, the 
changes of surface topography causes changes in cantilever deflection. The feed-
back loop maintains a constant deflection by vertically moving the scanner at each 
location. The constant deflection is called deflection setpoint. As discussed in 
Chap. 1, the force applied by cantilever is proportional to its spring constant and thus 
cantilevers with low spring constant are preferred for high resolution imaging [6].

It seems that force control in contact mode is easy and intuitive, however, it is 
much more than choosing soft cantilevers. In ambient environment, capillary force 
can cause strong interaction force between probe and sample, even the force applied 
by cantilever deflection is small. In addition to the large normal force, the shear 
force in lateral direction always exists, which can cause the image distortion, sam-
ple scratch, and tip wear. Due to the issues caused by capillary force, true atomic 
resolution achieved by contact mode has rarely been reported. The classic work on 
true atomic resolution by contact mode was achieved by Ohnesorge F. et al. in 1993 
[56]. In this work, the true atomic resolution of the (1014) cleavage plane of calcite 
was obtained by immersing tip and sample in liquid. To compensate the attractive 
forces on the cantilever and resist “jump to contact”, a magnetically controlled feed-
back mechanism was designed by Jarvis S. P. et al. [64]. In addition to these experi-
mental achievements, theory study was also carried to answer the question “can 
contact mode achieve true atomic resolution?” [65]. Total-energy pseudopotential 
calculations show that in the case of a diamond tip and a diamond surface, it is pos-
sible for a tip terminated by a single atom to sustain forces more than 30 nN, 
enabling true atomic resolution, but imaging at true atomic resolution may be lim-
ited by the blunting of the tip during lateral scanning.

Fig. 10.13 Force distance curves to illustrate different states of force balancing. When the forces 
are well balanced, the net tip-sample interaction is minimized, shown in the middle curve. The top 
and bottom curves show the situations that long-range repulsive force dominates and short-range 
attractive force dominates respectively. In the bottom curve, “jump to contact” or “snap in” 
happened
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Cantilever deflection drift is another challenge for contact mode imaging, espe-
cially for soft cantilever in liquid. As discussed in Chap. 1, the deflection drift 
prevents users from using minimal setpoint. To overcome this issue, warming up 
AFM till thermal equilibrium and increasing scan speed are commonly used 
approaches.

Instead of atomic resolution, contact mode is often used for atomic lattice reso-
lution imaging. As early as 1987, atomic lattices of graphite and boron nitride were 
reported [66–68]. These images are pseudo atomic images, which show lattice 
periodicity only, and no atomic defect is observed. The atomic lattice resolution 
usually does not require minimal normal force and sharp probes, where both tip 
and sample are deformed by the repulsive force. The tip-sample contact area is 
much larger than that required by atomic resolution. Morita S. et al. proposed a 2D 
stick-slip model to explain the lattice periodicity obtained in contact mode [8]. 
Figure 10.14 shows several examples of atomic lattice resolution achieved by con-
tact mode.

Biological and polymer samples usually do not require atomic resolution, where 
molecular or sub-molecular resolution is of great interest. Molecular sub-units on 
purple membranes adsorbed on mica were imaged in buffer solution with contact 
mode on Bruker Nanoscope III system by Muller D. J. et al. [61]. In this work, to 
obtain sub-nanometer resolution on purple membrane, the EDL force was carefully 
controlled by adjusting pH, ionic concentration and buffer solution types. The forces 
acting on tip were partly canceled and the net tip-sample interaction decreased to 
~100 pN. One example of overcoming cantilever drift to achieve high resolution 
imaging was reported by Czajkowsky D. M. et al., where perfect sub-nanometer 
images of Perfringolysin O (PFO) prepore complex associated with support, choles-
terol containing lipid bilayers were obtained in contact mode on Bruker MultiMode 
system [69]. In this work, imaging force was controlled at ~100 pN by a cantilever 

Fig. 10.14 Atomic lattice resolution images obtained under contact mode, friction channel. (a) 
HOPG atomic lattice resolution obtained on Bruker Dimension Icon system with SNL-A probe at 
6 Hz scan rate. (b) Mica atomic lattice resolution obtained on Bruker MultiMode 8 system with 
SNL-C probe at 60 Hz scan rate. (c) MoS2 atomic lattice resolution obtained on Bruker Dimension 
Icon system with MLCT-F probe at 10 Hz scan rate

10 High Resolution AFM and Its Applications



200

with a spring constant of 0.06 N/m, which corresponds to 0.024 V in deflection 
setpoint. It is a challenge in contact mode as the vertical deflection may drift more 
than 0.05 V/min in case of soft cantilever in liquid. That is why the sub-nanometer 
resolution images were obtained at 9 Hz scan rate in this work.

In summary, contact mode AFM can achieve true atomic resolution and sub- 
nanometer resolution, but capillary force, EDL force, and cantilever deflection drift 
must be taken care in addition to choosing proper cantilevers.

2.7.2  Tapping Mode

In tapping mode, AFM uses cantilever oscillation amplitude as the feedback signal. 
In this mode, the cantilever oscillates at a frequency close to its resonance. During 
a scan, the changes in surface topography cause changes in cantilever oscillation 
amplitude. The feedback loop maintains a constant amplitude by vertically moving 
the scanner at each location. The maintained constant amplitude is called amplitude 
setpoint. This mode eliminates lateral force, generates less damage on sample and 
less tip wear. The imaging force is controlled by amplitude, which is not a direct 
measurement of tapping force, but a force average during each tapping cycle. 
Therefore, force control in tapping mode is not instantaneous, making force control 
in tapping mode more complicating than contact mode.

Since the invention of tapping mode, the efforts to understand the cantilever 
dynamics have never stopped. The peak force in each tapping cycle plays a critical 
role in imaging resolution and tip wear. To understand the peak force, Hu S. et al. 
derived analytical expressions of peak attractive and repulsive forces by using non-
linear asymptotic theory and proved that the peak force in tapping mode is closely 
related to the ratio of amplitude setpoint to its free amplitude [70]. For illustration 
purpose, the relationship is shown in Fig. 10.15. It is easily seen that 1) Smaller free 
amplitude leads to smaller peak force; 2) For constant free amplitude, with the 
decrease in amplitude setpoint, the tip-sample interaction force first increases, then 
decreases. The maximum force is reached at the relative setpoint of about 0.5. To 
control tapping force for high resolution, small free amplitude and optimized set-
point should be used to avoid tip wear and sample damage.

The experimental verification of the relationship discussed above was done by 
Su C. et al. [71], where the tip wear under different amplitude setpoint was studied. 
In this work, an OTESPA probe (Bruker, Santa Barbara, CA) with a spring constant 
of about 40 N/m was used to image a Tip Check RS sample (Bruker, Santa Barbara, 
CA). In all scans, the free amplitude was set to 44 nm, the scan size was 1.5 μm and 
scan rate was 0.3 Hz. Feedback gains were optimized to make the tip track the sur-
face properly. The results are shown in Fig. 10.16, where (a)–(c) are three topogra-
phy images obtained in succession at ~4.4 nm amplitude setpoint, (d)–(f) and (g)–(i) 
are topography images obtained at amplitude setpoint of ~22  nm and 35.2  nm, 
respectively. For each amplitude setpoint, a new probe was used to image the sam-
ple several times, and the image degradation was then compared. The results prove 
that at low (10%) (Figs. 10.16a, b, c) and high (80%) (Figs. 10.16g, h, i)) amplitude 
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ratio, the imaging force is relative small and the tip sharpness is maintained but at 
medial (50%) (Figs. 10.16d, e, f) amplitude ratio, the imaging force is large enough 
to blunt the tip quickly.

Based on the relationship between tapping force and amplitude ratio, low imag-
ing force can be achieved at both high and low amplitude settings. In routine tapping 
mode operation, high amplitude ratio (~60%–80%) is commonly used, but for very 
flat sample, low amplitude ratio can produce higher resolution. Su C. et al. used low 
amplitude ratio to image flat samples, this kind of operation is also called “low force 
tapping”, compared with “normal tapping” [71]. In low force tapping, low ampli-
tude setpoint results in much faster error generation, allowing feedback loop to run 
at higher bandwidth. This makes tip track surface better and faster. A polysilicon 
surface was imaged by normal tapping mode and low force tapping on Bruker 
Dimension V system with OTESPA probe (Bruker, Santa Barbara, CA). The images 
obtained by “normal tapping” and “low force tapping” are shown in Fig. 10.17. The 
image obtained by normal tapping produces a Root Mean Square Roughness (Rq) of 
0.349 nm, while 0.618 nm for low force tapping. Obviously, low force tapping pro-
duces higher resolution. However, it’s noteworthy that the low amplitude operation 
may reach zero tapping amplitude at some points if the sample height variation is 
too much and scan speed is too high. Zero tapping amplitude means tapping mode 

Fig. 10.15 The relationship between the tip impact speed and relative setpoint (amplitude setpoint 
divided by free amplitude). The tip impact speed is in general proportional to the impact force
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is converted to contact mode, causing tip wear and sample damage. Therefore, low 
amplitude tapping is good for flat sample surfaces, but not for rough ones.

Due to the nonlinear characteristics of both attractive and repulsive forces, two 
stable oscillation states coexist in the tip-sample system [72–75], i.e., two solutions 
to the equation of motion. One state is the tip works in pure attractive regime, the 
other is the tip mainly works in repulsive regime. The two states have different 
oscillation amplitudes and phases. In attractive regime, the tip senses long range 
interaction, produces lower resolution in general. On contrast, repulsive force is 
short range interaction. In addition, the tip can penetrate through adsorbed water 
layer on sample surface, which usually happens in ambient environment. Therefore, 
tapping in repulsive regime often gives more details and sharper images. Besides 

Fig. 10.16 Tip wear under different amplitude setpoint in tapping mode. (a)–(c) are three topog-
raphy images obtained in succession at ~4.4 nm amplitude setpoint. So are (d)–(f) and (g)–(i) but 
the amplitude setpoint is ~22 nm and 35.2 nm, respectively
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lower resolution in attractive regime, the phase contrast is also low. Figure 10.18 
shows the images obtained in attractive regime and repulsive regime. In attractive 
regime, the features look larger and almost no phase contrast. However, in repulsive 
regime, the features look sharper and more details can be observed. Phase contrast 
is clear and the measured roughness is higher. Operation in repulsive regime often 
produces the higher resolution in both topography and phase images.

For soft biological samples, the situation might be different. When operated in 
repulsive regime with large force, the tip may deform the soft sample significantly, 
making high resolution imaging impossible. San Paulo A. et al. studied the perfor-
mance of both regimes to image single antibody molecules [76]. In attractive regime, 
the Y-shaped domains of a-HSA molecule can be resolved but in repulsive regime, 
the large imaging force causes irreversible deformation of the molecule, leading to 
significant loss in resolution. The imaging forces in two regimes are 0.4 nN and 3.5 
nN, respectively. In conclusion, operating in repulsive regime should be preferred 
for imaging stiff surface, whenever the sample deformation is not an issue [7].

The tricky part in tapping mode imaging is the two states can transit to each other 
even during one scan. During the transition, one amplitude may correspond to two 
z values and two-phase values, which generates artifacts in image, as shown in 
Fig. 10.19. To prevent state transition, proper imaging parameters usually help. It 
helps keep AFM working in repulsive regime by setting oscillation frequency lower 
than its resonance and optimizing amplitude setpoint to make it out of bi-stable 
regime. However, it is not easy to keep AFM always working in attractive regime. 
By setting oscillation frequency higher than its resonance, adopting small ampli-
tude, and clean imaging environment, the chance that AFM stays in attractive regime 
increases.

Fig. 10.17 The topography images of polysilicon obtained with (a) “normal tapping” and (b) 
“low force tapping” mode. Both images were obtained on Bruker Dimension V system with 
OTESPA probe, scan size 1 μm × 1 μm, and scan rate 1 Hz
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Fig. 10.18 AFM images obtained in attractive and repulsive regime. (a) The topography and 
phase image of a polymer sample obtained in attractive regime. The features are larger and phase 
contrast is almost indiscernible. (b) The topography and phase image of a polymer sample obtained 
in repulsive regime. The features are sharper and phase image clearly shows the material contrast. 
(c) One image on a polymer sample obtained in both regimes. The topography image obtained in 
repulsive regime provides more details and has larger measured roughness

Fig. 10.19 Artifacts induced by the transition between bi-stable states. (a) is topography image 
and (b) is Phase image
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Despite of the complicating force control in tapping mode, atomic resolution can 
be achieved in tapping mode. It is usually achieved in liquid environment with small 
amplitude tapping. Small amplitude helps screen out the long-range force and mini-
mize the imaging force. Imaging in liquid is to eliminate the capillary force to  prevent 
the tip from being stuck to the sample surface. Ohnesorge F. M. et al. used a rather 
stiff cantilever to make the non-contact attractive regime accessible by preventing 
jump-to-contact and obtained the calcite lattice in water [77]. In addition to the crystal 
surface, Voitchovsky K. et al. reported atomic and molecular resolution on both inor-
ganic and organic samples using small amplitude tapping in liquid [78]. Figure 10.20 
shows some examples of true atomic resolution achieved by tapping mode.

As discussed in contact mode section, molecular and sub-molecular resolution 
are of more interest for biological samples and polymer samples than atomic resolu-
tion. High resolution imaging on biological and polymer samples has been reported. 
For example, rhodopsin dimers in native disc membranes were imaged in liquid 
[79], and true molecular scale imaging of organic crystals of polydiacetylene (PDA) 
was obtained in air [80]. In the authors’ opinion, the true molecular resolution 
results from 1) low thermal drift (<0.5  nm/min) of the AFM system (Bruker 
Dimension 5000); 2) small amplitude (7~8 nm); 3) the carbon-spiked probe with 
sharpness of tip apex (1~3 nm).

In summary, tapping mode can achieve true atomic resolution and molecular 
resolution with proper force control. To eliminate the capillary force, imaging in 
liquid is the commonly used method. Cantilever oscillation frequency and ampli-
tude must be optimized to avoid bi-stable state transition and achieve low imaging 
force, which are critical for high resolution imaging.

Fig. 10.20 Atomic resolution images obtained with tapping mode in liquid. (a) Calcite true atomic 
resolution obtained on Bruker Dimension Icon system with SNL probe at 16 Hz scan rate. (b) Mica 
true atomic resolution obtained on Bruker MultiMode 8 system with SNL probe at 5 Hz scan rate. 
The red circles indicate some atomic defects
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2.7.3  PeakForce Tapping Mode

PeakForce Tapping (PFT) mode is a breakthrough new AFM imaging mode intro-
duced by Bruker in 2009 [81, 82]. In this mode, the probe is moved up/down by 
piezo sinusoidal motion at a frequency much lower than its resonance. In each 
cycle, the probe contacts the sample surface intermittently and the maximum force 
or peak force is extracted and used as feedback signal. During a scan, the changes 
in surface topography cause changes in peak force. The feedback loop maintains a 
constant peak force by vertically moving the scanner at each location. The constant 
peak force is called PeakForce setpoint. With the patented background subtraction 
and synchronization algorithm [82], imaging force at pN can be achieved, making it 
possible to image very fragile samples. In fact, the system performs a very fast 
force-distance curve measurement at every pixel, which can be used to calculate 
mechanical properties. In PFT, the cantilever works at a frequency much lower than 
its resonance and no cantilever dynamics needs to deal with. PFT works under 
quasi-static mode and the force on the cantilever is simply determined by Hooke’s 
law, like contact mode. Therefore, the control logic in PFT is as simple as contact 
mode. As PFT measures the complete force-distance interaction at every pixel, the 
system always knows the force at every moment. The simplified feedback mecha-
nism makes PFT more stable. On the other hand, the force sensitivity enhancement 
by cantilever quality factor Q is lost in PFT due to the off-resonance operation, 
unlike tapping mode where force sensitivity is enhanced by operating cantilever at 
its resonance. The force sensitivity in PFT is achieved by using soft cantilevers.

Background subtraction and synchronization algorithm are the two core tech-
nologies in PFT to reduce the imaging force down to pN level. Vertical deflection 
drift is corrected at each force curve, and will not affect force control in PFT, unlike 
contact mode. The fundamental working principle makes PFT feedback loop 
extremely simple and robust. Users can control the imaging force instantaneously 
and intuitively at the lowest short-range tip-sample interaction, making it an easiest 
way to do high resolution imaging in ambient conditions.

To understand the relative importance of proximity and tip radius on spatial reso-
lution, a theoretical simulation was carried out to evaluate the van der Waals interac-
tion between a spherical tip and a flat surface. As shown in Fig. 10.21a, the total 
tip-sample interaction is obtained by integrating the interaction over the whole sur-
face. The interaction originating from the region limited by Y0 underneath the tip 
can also be calculated. With that, we know how many percent of the total interaction 
is contributed by the region limited by Y0. The numeric simulation results are shown 
in Figs. 10.21b, c. For a tip end radius of 10 nm, 80% of the interaction comes from 
the region Y0 = 1.2 nm if tip-sample separation is 1 nm, while the corresponding 
region will increase to Y0 = 8.5 nm if tip-sample separation is 10 nm, as shown in 
Fig. 10.21b. If the tip-sample separation is fixed at 1 nm, surprisingly, the tip radius 
does not have a huge effect on the resolution. In this case, a tip radius of 1 nm 
reaches the 80% mark at Y0 = 0.85 nm, while a tip radius of 10 nm gets there at 
Y0 = 1.23 nm. In other words, if the tip is kept close to the sample surface, but not 
too close to increase tip-sample contact area significantly, high-resolution imaging 
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can be achieved even the tip is not very sharp. In tapping mode, this is not easy to 
achieve as the force control is not instantaneous and intuitive. While in PFT, AFM 
system knows the interaction force between tip and sample at every moment, and 
the background subtraction mechanism guarantees that the peak force setpoint does 
not drift like contact mode, the imaging force suitable for high resolution can be 
easily achieved. True atomic resolution on appropriate surface can be achieved by 
PFT when operating with the minimum interaction force, where the repulsive inter-
action is used for feedback loop control, which arises from the Pauli and ionic repul-
sions between the atoms on very apex of the probe and the atoms/molecules on the 
sample, as illustrated in Fig. 10.21d. Under such scenario, the total peak force is still 
attractive and only the apex of the tip senses the repulsive force. This “lowest short- 
range interaction” is the source of true atomic resolution.

Atomic resolution images of mica and calcite can be routinely obtained by PFT 
in liquid. With “PeakForce Capture” function, force-distance curves can be cap-
tured along a selected line or the whole image for further analysis. Figure 10.22 
shows examples of atomic resolution achieved by PFT in liquid. However, observ-
ing atomic defects in air is still a challenge. The major reasons are that sample 

Fig. 10.21 (a) Model for theoretical simulation to examine the van der Waals interaction between 
a spherical tip and a flat surface, where two bodies 1 and 2, tip radius R, tip-sample separation z0 
and lateral resolution Y0 are defined. The simulation results are shown in (b) and (c). (b) With fixed 
tip radius, change in tip-sample separation cause the lateral resolution changes significantly. (c) 
With the tip-sample separation fixed at 1 nm, the change in tip radius does not change lateral reso-
lution much. (d) When the tip is kept close but not too close to the sample surface, the total peak 
force is attractive and only the apex of the tip senses the repulsive force. This “lowest short-range 
interaction” is the source of true atomic resolution
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self- cleaning and tip ionization will not happen in air, large adhesion is caused by 
capillary force. Compared with tapping mode, adhesion causes less problem in 
PFT. In tapping mode, the tip will be stuck to sample surface if the stored elastic 
energy in the cantilever is not enough to pull the tip away. It will be challenging for 
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Fig. 10.22 Atomic resolution images obtained under PFT in liquid. (a) Mica true atomic resolu-
tion obtained on Bruker MultiMode 8 system with SNL+ probe at 1.95  Hz scan rate. Top: 
Topography image with individual atomic features revealed. Bottom: Adhesion force image with 
the differences in maximum attractive force between individual atoms and the tip, highlighted with 
circles. (b) Calcite true atomic resolution obtained on Bruker Dimension Icon system with SNL+ 
probe at 1.95 Hz scan rate. Top: Topography image with individual atomic features and atomic 
steps revealed. Bottom: Stiffness channel shows that alternate rows of atoms have different contact 
stiffness and rows are switched for different layers, i.e. stiffer rows in top layer correspond to less 
stiff rows in the second layer. (c) PeakForce Capture enables force spectroscopy captured at the 
atomic scale. The force distance curves are very different with only very short-range forces on the 
calcite, and much longer-range forces on the mica
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tapping mode to image sticky samples with soft probe. In PFT, the adhesion force is 
handled by the large PFT amplitude, usually in hundreds of nm.

In addition to atomic resolution, PFT has also great strengths in molecular and 
sub-molecular resolution imaging. PFT can image with pN level force and immunes 
to vertical deflection drift, making it an ideal high-resolution imaging mode for soft 
or fragile samples. Figure 10.23 shows some sub-nanometer resolution examples, 
polymer, protein, virus and live cell were imaged with PFT. In contact mode section, 
a work on sub-nanometer resolution imaging of PFO was introduced, where the 

Fig. 10.23 High resolution examples obtained under PFT. (a) Molecular resolution on 
Polydiacetylene (PDA). (b) Lattice structure of Bacteriorhodopsin (bR) taken on Bruker Bioscope 
Resolve AFM with an inverted optical microscope. Inset showing a single particle averaging of the 
bR trimer, green circle showing a single lattice defect, and blue circle showing the lattice substruc-
tures. (c) Fine structures of Single Herpes Simplex virus surface. (d) MDCK live cell microvilli 
structure obtained on Bruker Bioscope Resolve AFM with an inverted optical microscope
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authors had to scan the sample as fast as possible to keep the imaging force at 
around 100 pN due to the vertical deflection drift. With PFT, a similar work of imag-
ing Listeriolysin O (LLO) in a buffer solution was done on Bruker MultiMode 8 
AFM system [28], where the imaging force is less than 70 pN and imaging is stable 
for several hours’ observation. This is the direct benefits of the good force control 
and immunity to vertical deflection drift of PFT.

In summary, PFT controls the imaging force instantaneously and intuitively to 
the level of pN. It is an ideal mode for high resolution imaging in both air and liquid. 
It has been widely used in high resolution imaging, especially sub-nanometer reso-
lution imaging, since it was invented. Compared with small amplitude tapping 
mode, PFT is better in handling samples not atomically flat, maintaining low imag-
ing force and preserving the tip sharpness.

2.8  Contamination Control

Contamination control is the key issue for high resolution imaging, especially for 
atomic resolution imaging. Anything that may touch the sample or tip must be kept 
clean, including tip, sample itself, tweezers, fluid cell, probe holder, containers, 
sample pucks etc. It is a general practice for operators to wear gloves and mask 
while working with clean items. In general, do not pipette pure water from the bot-
tle, as it may contaminate whole bottle. Instead, pour pure water into a clean beaker 
and pipette from it.

Before doing experiment, fluid cell and all other tools that might be used in the 
experiment must be cleaned. As high-resolution imaging is mainly done in liquid, a 
typical cleaning procedure for liquid imaging is described as follow. The same 
 concept can be used for imaging in air. The recommended products listed below 
have been tested in our lab. Other products may also work.

 1) Clean the tools in ultrasonic cleaner with 1~2% ultrasonic soap solution 
(International Products Corp. Micro-90) for 5 min, then use a clean baby tooth-
brush to brush them with soap water, which is illustrated in Fig. 10.24.

 2) Rinse the cleaned items 4~8 times with ultrapure water (ideally stored in glass), 
make sure every part, including channels, holes etc., is rinsed. The regular DI 
water, even filtered with 0.2 μm filter, is still not clean enough and should be 
avoided. Figure 10.25 shows the calcite surface in DI water and pure water. With 
DI water, lots of contaminations on the sample surface are observed. The 
 contaminations from DI water are very small, only about 10~30 nm in diameter. 
Such small particles cannot be filtered out by the 0.2 μm filter. These particles 
will contaminate both sample surface and sharp tip.

 3) Dry the rinsed items with high purity N2. Canned air usually causes more con-
taminations and should be avoided.

 4) Rinse the dried items with 1:1 IPA/Ethanol mixture (IPA: Sigma Aldrich product 
#190764-1 L; Ethanol: Sigma Aldrich product #459844-1 L) for 5 min.
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 5) Dry the rinsed items again with high purity N2.
 6) Use plasma cleaner (Harrick Plasma PDC series) to clean the dried items. This 

step is optional.

Once the items are cleaned, put them in a clean container for transportation.
Cleaning probe is another important step for high resolution imaging in fluid. 

The basic procedure is as follow.

 1) Soak the probe with 1:1 IPA/Ethanol mixture (IPA: Sigma Aldrich product 
#190764-1 L; Ethanol: Sigma Aldrich product #459844-1 L) for 5 min, and use 
tweezers to swirl probe around.

Fig. 10.24 Critical steps to clean tools for high resolution imaging. A fluid cell for Bruker 
MultiMode 8 system is used for illustration. (a) Items need to be cleaned, including baby tooth-
brush, probe holder or fluid cell, sample puck, tweezers etc. (b) Use the cleaned baby toothbrush 
to brush the sample puck after sonication. Other items follow similar clean steps. (c) Always wear 
gloves when handling parts. Do not breath on the sample and probe holder when handling them

Fig. 10.25 The calcite surface in (a) Regular DI water and (b) Pure water. The regular DI water, 
even filtered with 0.2 μm filter, is not clean enough for true atomic resolution imaging. The parti-
cles from DI water deposit on calcite surface, and can also easily contaminate the sharp tip
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 2) Dry the probe with Kimwipe from the back of substrate using surface tension.
 3) Use plasma cleaner (Harrick Plasma PDC series) to further clean the probe with 

ambient air plasma (~30 W) for about 1 min if possible. The probe must be com-
pletely dry before plasma cleaning. Otherwise, the vacuum may flip it.

 4) Mount the probe to the probe holder, add hanging drop of water, and put it into 
the microscope as quick as possible.

3  High Resolution Imaging Step by Step

In this section, the procedures for high resolution imaging will be discussed in detail. 
Three representative examples, i.e. atomic resolution on Calcite, DNA double helix 
imaging, and live cell imaging, will be used for case studies. For other samples, the 
procedure and method should be easily derived from these case studies. For exam-
ple, imaging soft biomaterials shares most of the procedures as live cell imaging.

3.1  Case Study I: Calcite True Atomic Resolution Imaging

In this case study, true atomic resolution imaging of Calcite will be achieved with 
tapping mode and PFT in fluid. The objective is to see atomic defects as well as the 
atomic lattice, more than just lattice imaging as in contact mode. This work can be 
achieved on Bruker MultiMode 8 system, Dimension Icon system and Dimension 
Fastscan system. The procedures discussed in this section can be applied to other 
AFM platforms, as long as their performance can meet the requirements.

3.1.1  AFM System Performance Check

For Bruker MultiMode 8 system, both the A scanner (XY full scan size is 0.4 μm) 
and E scanner (XY full scan size is 12 μm) are capable for this application. The 
Bruker Dimension Icon and Fastscan are also capable. To check the system noise, 
mount a stiff probe (usually spring constant >20 N/m) into the probe holder, scan 
over HOPG or silicon with tapping mode, adjust feedback loop gains to make the tip 
track the surface properly, then reduce the scan size to 0 and record the height 
image. The typical scan rate is 2.44 Hz and pixel density is 256 × 256.

After a first order flattening on the captured image, check the root mean square 
roughness Rq. This value should be less than 30 pm. It will be ideal if Rq is less than 
20 pm. If system noise is higher than 30 pm, the AFM noise isolation system and 
environment should be checked and necessary rectification should be done to lower 
the system noise to 30 pm level. First, make sure enclosure and vibration isolation 
table are used. For compressed air vibration isolation table, make sure the table is 
floated properly. For active vibration isolation table, make sure the feedback is 
enabled. Second, minimize acoustic noise in the lab. Third, for closed loop scanner, 
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turn off the closed loop to reduce the sensor noise. Usually “Height” channel has 
less noise than “Height Sensor” channel. Height channel should be used for atomic 
resolution imaging.

3.1.2  Probe Selection

Based on the analysis in Sect. 2.6, probes with smaller and softer cantilever, and 
sharp tip are preferred for high-resolution imaging. Smaller cantilevers produce 
higher deflection sensitivity, softer cantilevers help in achieving minimal imaging 
force, and sharp tips produce good lateral resolution.

For true atomic resolution by PFT, SNL-C probe (Bruker, Santa Barbara, CA) is 
often used. Each SNL probe has four cantilevers, two wide cantilevers on one side 
with different lengths, and two narrow cantilevers on the other side with different 
lengths. The short and narrow one is the SNL-C probe. The cantilever length of 
SNL-C and SNL-A is ~120 μm while it is ~205 μm for SNL-B and SNL-D. With 
the same length, the cantilever of SNL-C is narrower and softer than SNL- 
A. Narrower cantilever also causes less hydrodynamic damping in fluid. It is advis-
able to break off the other cantilever with sharp tweezers to avoid interference. 
Besides SNL-C, other probes typically used for this application include ScanAsyst- 
Fluid+ (Bruker, Santa Barbara, CA) and FastScan-C (Bruker, Santa Barbara, CA). 
They all have very small and soft cantilevers.

For true atomic resolution by tapping mode, the recommended probe is Arrow- 
UHFAuD (NanoWorld AG, Switzerland). The cantilever length and width are 
~35 μm and ~42 μm respectively and its typical resonance frequency in air is around 
2 MHz. In liquid, the resonance frequency decreases to 300~500 kHz. It is a high 
bandwidth probe allowing fast scan to reduce the deleterious effect of drift. 
Compared with the probes used in PFT, this probe has higher spring constant. 
Tapping mode exploits Q factor to achieve low force imaging. The Fastscan-B probe 
(Bruker, Santa Barbara, CA) can also be used for this application. Compared with 
Arrow-UHFAuD probe, Fastscan-B probe has a similar small cantilever but lower 
resonance frequency, so slower scan speed should be used in imaging.

3.1.3  Sample Preparation

As discussed in Sect. 2.8, contamination control is critical for high resolution imag-
ing in liquid. The procedures for cleaning different items have been described in that 
section and will not be repeated here. The calcite is purchased from Ward’s Science 
(wardsci.com item #491600, 491,602). The preparation procedure for the calcite 
sample is as follow.

 1) Score calcite crystal with a scriber along a face perpendicular to a cleavage plane 
and 1~2 mm from the edge of crystal. The ideal sample for MultiMode 8 system 
is a piece of crystal with 10 mm in length, 10 mm in width and 1~2 mm in 
thickness.
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 2) Use a razor blade as a chisel to break the crystal along its cleavage plane.
 3) Glue the calcite crystal to a cleaned sample puck and cure for a few hours;
 4) For a freshly cleaved sample, just use it without further cleaning. After experi-

ment, dry the sample with Kimwipes without touching the surface;
 5) For a used sample, wash the calcite and surrounding area on the puck with soap 

solution and rinse it thoroughly with DI water for a few minutes, then rinse it 
with ultrapure water, make drops to roll down from the calcite face, mount the 
calcite sample into the microscope, and add ~50 μL of ultrapure water to the 
center of the sample. The ultrapure water will dissolve a few layers of calcite, 
and further clean the surface. Then remove the water droplets with a pipette, and 
add another a few drops. Repeat this process several times. Then leave only a 
small drop of water on the calcite surface to prevent the water from spilling over 
outside the calcite sample and touching the sample puck. Otherwise the potential 
contamination on the sample puck may migrate to the calcite sample surface 
through water. Figure 10.26 shows a freshly prepared sample.

3.1.4  Drift Control

The common method to reduce thermal drift is to stabilize system longer time in 
enclosure with head installed and scanner on. In addition to stabilization, the fol-
lowing aspects are worth attentions. 1) Keep the instrument and environment tem-
perature as constant. Wearing gloves is helpful to reduce thermal exchange between 
hands and AFM components. 2) Minimize the time for changing probe and sample. 
3) For imaging in fluid, reduce evaporation from open fluid cell by increasing the 
humidity of surrounding environment. This can be achieved by putting paper towels 
soaked in warm water in the enclosure. 4) During imaging, increase scan speed till 
signal to noise ratio starts to degrade.

After the above-mentioned preparation, the experiment can be started. First, 
setup the tip-sample distance in air and align laser to the probe. This is to minimize 

Fig. 10.26 A freshly 
prepared calcite sample
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the operations after liquid is added, which helps to control drift as well. It is ideal to 
carry out these initial setups earlier to give system enough time to warm up and 
stabilize in the enclosure. Second, mount the sample into the AFM. Third, add a 
drop of ultrapure water to the probe to wet the tip, mount the tip and adjust the laser 
and PSPD. Then close the enclosure to stabilize the system. Fourth, wait ~30 min 
for system warm up and stabilization. Adjust PSPD if needed as the cantilever may 
bend a little bit after reaching thermal equilibrium with the fluid. Now the system is 
ready for high-resolution imaging.

3.1.5  Force Control and Feedback Loop Optimization

For PFT, it is easy to control imaging force precisely. For routine high-resolution 
imaging, the automated parameter optimization is good enough to get perfect 
images in most cases. But for true atomic resolution imaging, some parameters 
should be changed a little bit to minimize both the engage force and imaging force. 
The engage force and imaging force are controlled separately in PFT. The engage 
force is controlled by “PeakForce Engage Setpoint”, set this parameter as small as 
possible. 0.02~0.04  V is a good start to try. If the system can engage properly, 
decrease it further till false engage is triggered. If false engage is always triggered, 
increase it by 0.01 V and try again. With this procedure, the lowest “PeakForce 
Engage Setpoint” can be found. The imaging force is controlled by “PeakForce 
Setpoint”. For atomic resolution imaging, the automatic setpoint should be turned 
off, and set it manually to a value around 100 pN. To reduce hydrodynamic damp-
ing, a “PeakForce Amplitude” between 6 and 25 nm is usually used for atomic reso-
lution imaging. Set the “PeakForce Engage Amplitude” the same as the “PeakForce 
Amplitude”, which will prevent the system from auto optimizing some parameters 
twice. Set initial “Feedback Gain” the same as the “Engage Gain”, which is usually 
3 at 2 kHz “PeakForce Frequency” and 1.5 at 1 kHz “PeakForce Frequency”. Set the 
“LP Deflection BW” to 10~20 kHz range to allow fine “Feedback Gain” adjust-
ment. Set the “Deflection Limit” to 4 V and decrease the “Z Limit” to 0.5~0.7 μm. 
During imaging, closely monitor the force curve to check whether the feedback is 
on the peak force in each PFT cycle. If not, the “Sync Distance” should be adjusted 
by using “Auto config” function or manual adjustment. If the force curves do not 
look good, adjust “Lift Height” slightly to trigger background subtraction calibra-
tion. If 256 × 256 pixel density is used, the maximum scan rate is ~ 4 Hz for 2 kHz 
“PeakForce Frequency” and ~ 2  Hz for 1  kHz “PeakForce Frequency”. Further 
adjust “PeakForce Amplitude” and “PeakForce Setpoint” to optimize the tracking. 
Once good tracking is achieved, increase the scan size, e.g. 50 nm range, to find a 
good location for final scan. During the survey scan, use XY offset to avoid con-
taminants. Zoom in to a clean area and record images. If cleaning process is done 
properly and tip is sharp, the atomic lattice should appear. As shown in Fig. 10.27, 
the single atomic step, as well as the atomic lattice on both the top surface and bot-
tom surface are resolved.

10 High Resolution AFM and Its Applications



216

For tapping mode, even force control is a complicating process, it is not difficult 
to achieve atomic resolution following the procedure described below. To reduce the 
engage force, set the “Engage Setpoint” to 1 and “TM Engage Gain” to 0.25. Before 
engage, find the resonance frequency in liquid by “Fast Thermal Tune” or tapping 
mode “Auto Tune” and set the “Drive Frequency” slightly lower than the resonance 
frequency. Once the right frequency is set, adjust the laser spot slightly to maximize 
the cantilever oscillation amplitude. Change drive amplitude to make the free ampli-
tude around 100 mV, and set the “Lock-in BW” to 25 kHz on Dimension Fastscan 
system (20 kHz on MultiMode 8 system and 5 kHz on Dimension Icon system). Use 
the method introduced in Chap. 1 to measure the amplitude sensitivity, adjust the 
drive amplitude to make cantilever free amplitude to 1~3  nm. Then engage the 
probe and start scan. After the probe is engaged, decrease the “Z Range” or “Z 
Limit” to 0.5 μm. Two sets of amplitude setpoint have been tested. 0.7~0.9  nm 
amplitude setpoint for 1  nm free amplitude, 0.3~0.9  nm amplitude setpoint for 
2~3 nm free amplitude. One uses about 80% relative setpoint, the other uses 15–30% 
relative setpoint. Both settings work well. But the latter produces more stable imag-
ing. Adjust scan rate to 10~20 Hz to reduce the deleterious effect of drift. Similar to 
PFT, a survey scan is used to find a clean area to do a final scan. Figure 10.28 shows 
the consecutive images of a calcite sample obtained on Dimension Fastscan system. 
(a)–(e) indicate the same atomic defects in both images. Figure 10.29 shows the 
calcite atomic resolution images obtained on Dimension Icon system.

Fig. 10.27 True atomic resolution images of calcite sample in ultrapure water. The images are 
obtained by PFT on Bruker MultiMode 8 system with Fastscan-C probe at 4 Hz scan rate. (a) 
Survey scan at 50 nm scan size, contaminations are shown on some areas. (b) Final scan at 16 nm 
scan size on a clean area
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Fig. 10.28 Consecutive images with atomic defects of a calcite sample in ultrapure water. The 
images are obtained by tapping mode on Bruker Dimension Fastscan system with Arrow-UHFAuD 
probe at 9.77 Hz scan rate. (a)–(e) indicate the same atomic defects in both images

Fig. 10.29 True atomic resolution imaging of a calcite sample in ultrapure water. The images are 
obtained by tapping mode on Bruker Dimension Icon system with Arrow-UHFAuD probe at 11 Hz 
scan rate. (a) Height image. (b) Phase image
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3.2  Case Study II: DNA Double Helix Imaging

DNA is a biopolymer molecule. The monomer units are nucleotides and the poly-
mer is known as “polynucleotide”. It is normally made up of two polynucleotide 
strands that form a double helix. B-DNA (most common form) is a right-handed 
helix that has a helical repeat (pitch) of 3.6 nm with major and minor grooves hav-
ing widths of 2.2 nm and 1.2 nm, respectively, which is illustrates in Fig. 10.30.

To image DNA double helix, the key elements are almost the same as those for 
true atomic resolution imaging in fluid. Noise control, contamination control, drift 
control, force control, suitable probe selection and sample preparation play impor-
tant roles for this sub-nanometer resolution imaging.

Double helix resolution on DNA can be achieved on Bruker Bioscope Resolve 
system, MultiMode 8 system, Dimension Icon system, and Dimension Fastscan 
system. The procedure was developed on Bruker Bioscope Resolve system, but it 
can be adapted to other AFM platforms easily.

3.2.1  AFM System Performance Check

The low noise requirement for DNA double helix imaging is the same as atomic 
resolution. The system noise level should be less than 30 pm. If the noise is higher 
than the required, check the AFM system with the procedures described in atomic 
resolution section. If the AFM is mounted on an inverted microscope, switch off the 
microscope helps on noise control.

3.2.2  Contamination Control

The requirements are the same as atomic resolution imaging, just follow the proce-
dures described in Sect. 2.8. After the cantilever holder is cleaned, store it by sus-
pending in 1~2% ultrasonic soap solution in a clean glass beaker, as shown in 

Fig. 10.30 Cartoon of DNA double helix structure. The pitch is ~3.6 nm, major groove is ~2.2 nm, 
minor groove is ~1.2 nm, and diameter is ~2.0 nm

H. Sun et al.



219

Fig.  10.31. Bioscope Resolve mainly works with biological samples, the probe 
holder can easily be contaminated during experiments. Soaking in soap solution can 
help remove contaminants from previous fluid experiments.

3.2.3  Probe Selection

Similar to other high-resolution work, probes with short and soft cantilevers com-
bined with sharp tips are preferred for DNA double helix high-resolution imaging. 
Shorter cantilevers produce better deflection sensitivity, softer cantilevers are good 
for better force control, and sharp tips lead to better lateral resolution. Since DNA 
double helix imaging is carried out in liquid, the additional advantage of short and 
narrow cantilever is less damping effect.

The PeakForce-HIRS-F-A (Bruker, Santa Barbara, CA), PeakForce-HIRS-F-B 
(Bruker, Santa Barbara, CA) and Fastscan-D-SS (Bruker, Santa Barbara, CA) are 
suitable for DNA double helix imaging. All these probes have thin, narrow and soft 
cantilever plus very sharp tip with ~ 1 nm end radius. Figure 10.32 shows the SEM 
images of these three probes. They are slightly different from the probes commonly 
used for other applications.

3.2.4  Sample Preparation

One key element for obtaining high-resolution DNA images is how to immobilize 
DNA strands on a suitable surface. The DNA used here is pmaxGFP Vector DNA 
(Lonza, Catalog No. VC-1001 N). 2 vials of 30 μg of DNA (0.5 μg/μL stock solu-
tion, ~60 μL in each vial) are included in the transfection kit. Upon receiving, the 
vials should be stored in freezer and thawed it just before preparing DNA stock 
solution for AFM imaging.

Fig. 10.31 Store the 
cantilever holder by 
suspending it in soapy 
water in a clean glass 
beaker to remove 
contaminants from 
previous experiments
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The DNA purchased is too concentrated for AFM imaging, need to dilute 100 
times. The dilution procedure is as follow. 1) Dilute 10 μL of original DNA solution 
in 990 μL of DNA storage buffer (Tris-EDTA Buffer. Sigma Aldrich Catalog No. 
93283). Then 1 mL solution of DNA with a concentration of 0.5 μg/mL is obtained. 
The buffer/solution must be filtered with 0.22 μm syringe filters (Fisher Scientific 
Catalog No. 09719006) before using. Mix the solution by using pipette or inverting 
the tube. Vortex should be avoided for DNA. 2) Place 50 μL aliquots of the 0.5 μg/
mL DNA solution into microcentrifuge tubes and freeze them at −20°C. 20 tubes 
of DNA stock solution can be obtained. Each tube is enough for one DNA experi-
ment. Aliquoting the solution is to reduce freeze/thaw cycles. 3) Keep the remain-
ing original DNA solution in the freezer at −20°C until more stock solution needs 
to prepare.

Mica is commonly used as substrates for DNA imaging. Most of DNA and 
mica are both negatively charged. To immobilize DNA on the substrate, either the 
mica surface is modified or DNA counterions are used to facilitate the binding. In 
the presence of divalent ions, like Ni2+ and Mg2+, DNA can be adsorbed on the 
mica surface. The binding principle is illustrated in Fig. 10.33. In this experiment, 
NiCl2 solution is used as an example. Other divalent ions are the same. The NiCl2 
solution is prepared as follow. 1) Dissolve 0.38888  g of NiCl2 (Sigma Aldrich 

Fig. 10.32 SEM images of probes suitable for DNA double helix imaging. (a) Fastscan-D-SS 
probe. (b) PeakForce-HIRS-F-A probe. (c) PeakForce-HIRS-F-B probe. All of them have thin, 
narrow and soft cantilever combined with ultra-sharp tip with end radius ~1 nm

Fig. 10.33 Schematic illustration of DNA binding principle. Negatively charged DNA may be 
bound to negatively charged mica in the presence of divalent counterions, such as Ni2+
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Catalog No. 223387) in 150 mL of purified water (Sigma Aldrich Catalog No. 
95280). Then 150 mL 20 mM NiCl2 solution is obtained. 2) Store the solution in 
fridge at 4°C when not in use. The next solution to be prepared is imaging buffer. 
1) Dissolve 0.3575 g of HEPES (Sigma Aldrich Catalog No. H3375) and 0.0195 g 
of NiCl2 (Sigma Aldrich Catalog No. 223387) in 150 mL of pure water (Sigma 
Aldrich Catalog No. 95280). 2) Adjust its pH to ~7.0. Then 150  mL 10  mM 
HEPES buffer with 1 mM NiCl2 is obtained. 3) Store the imaging buffer in fridge 
at 4 °C when not in use. All buffer solutions, except DNA solution, must be  filtered 
with 0.22  μm syringe filters (Fisher Scientific Catalog No. 09719006) before 
using.

The mica substrate is prepared by gluing a Teflon disc to an AFM sample puck 
and then gluing a mica disc to the Teflon disc, as shown in Fig. 10.34. The mica disc 
should be smaller than the Teflon disc. Mica disc and Teflon disc can be prepared by 
punching from sheet form. The edge of the discs should be smooth. The Teflon sheet 
used this experiment was purchased from McMaster-Carr (Catalog No. 8711 K92) 
and the glue is Loctite Super Glue “Ultra Liquid Control” (water resistant). The glue 
should be uniformly distributed on the surface, bubbles should be avoided. Bubbles 
can cause vibration and drift. Wait until the glue is completely hardened (while may 
take a day), use Scotch tape to cleave the mica disc uniformly. Make sure an entire 
layer of mica is peeled off. Otherwise the residue from the tape may contaminate the 
DNA sample during imaging.

Once the solutions and mica substrate are prepared, it is the time to prepare DNA 
sample for imaging. 1) Take out one tube of DNA stock solution (50 μL of 0.5 μg/
mL solution) from the freezer, 20 mM NiCl2 solution and 10 mM HEPES buffer 
with 1 mM NiCl2 solution from the fridge. Wait until all the items reach room tem-
perature. 2) Filter the NiCl2 and HEPES buffer solutions with 0.22 μm syringe fil-
ters. It is better to filter more solution in case that additional solution is needed 
during experiment. DNA solution should not be filtered. 3) Pipette 25 μL of filtered 
NiCl2 solution onto a freshly cleaved mica surface and incubate for 2 min. 4) Mix 
the DNA solution by using a pipette tip and then add 1.5 μL of DNA solution (can 
vary from 1 to 5 μL) onto the mica substrate. 5) Add 25 μL of filtered HEPES buffer 
onto the mica substrate and mix the sample using a pipette tip to distribute DNA 
uniformly on the mica surface. 6) Cover the sample in a petri dish to incubate for at 
least 30 min before imaging. If the environment is dry, put a small piece of wet 

Fig. 10.34 Mica substrate 
preparation by gluing mica 
disc and Teflon disc to 
AFM sample puck
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paper tower inside the petri dish to reduce evaporation. Low concentration NiCl2 
solution is used for DNA double helix imaging because high concentrations NiCl2 
can cause DNA strands to condense and form Ni aggregates which can contaminate 
the surface.

3.2.5  Drift Control

The drift control in DNA imaging is the same as atomic resolution imaging. 
Following the same procedure will do. In case more buffer need to add during imag-
ing, it is a good idea to keep the buffer solution inside the acoustic enclosure, mak-
ing the temperature of buffer closer to that of the sample.

3.2.6  Force Control and Feedback Optimization

PFT provides very precise force control, enabling imaging soft biological samples 
at extremely low forces. Before engage the probe, add ~20 μL of filtered HEPES 
buffer onto the probe to avoid bubbles during engage. Probes with calibrated deflec-
tion sensitivity and spring constant are preferred because the imaging force can be 
controlled directly during engage and scan. Similar to atomic resolution imaging, 
parameters should be modified for low engage force and image force. Set “PeakForce 
Engage Setpoint” to 0.02~0.05 V and “PeakForce Engage Amplitude” to 50 nm. 
Turn off “Auto Setup” and “ScanAsyst Auto Control”. Set “PeakForce Setpoint” to 
30~35 pN, “PeakForce Amplitude” as the same as engage settings, 50  nm, 
“PeakForce Frequency” to 2 kHz, “Feedback Gain” to 5, “LP Deflection BW” to 
10 kHz, both “Sync Distance New” and “Sync Distance QNM” to 85. Turn on both 
“Auto Sync Distance” and “Auto Sync Distance QNM”. After engaged, park the 
probe ~200 nm above the sample, then change both “PeakForce Engage Amplitude” 
and “PeakForce Amplitude” to 5 nm from 50 nm, change “Lift Height” to 5 nm, 
then return to scan. If the baseline of force curves is jumpy or the retract curve 
crosses over the approach curve, change the lift height slightly to trigger the system 
to do a background subtraction calibration. “Auto Config” function should be 
avoided for this application. Now it is ready to image DNA double helix. 1) Set the 
image size to 1 μm. Several strands of DNA should appear within this area if the 
DNA concentration is appropriate. If no DNA appears, offset or re-engage in another 
area until a good region is found. Good region is a region with at least 4~5 DNA 
strands in 1 μm area, fairly open DNA strands, and clean mica surface without large 
particulates or aggregates. If DNA strands are too dense and overlap with each 
other, less DNA stock solution should be used. 2) Once a nice DNA strand is located, 
zoom in on it. 3) For the zoom in scan, reduce the z range to 1 μm, decrease the 
imaging force to ~20 pN (to be optimized based on image quality but 20 pN is a 
good start to try) and increase scan rate to 1.5 Hz. 4) A scan size <200 nm is good 
to show DNA double helix. The image shown in Fig. 10.35 was obtained on a scan 
size of 130 nm. 5) Increase feedback gain till noise starts to increase and drop it 
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back a little bit. The double helix is easier to resolve on strands along AFM fast scan 
axis. Areas where strands cross over each other are often a little more stable and 
tend to show nice double helix structure.

3.3  Case Study III: Live Cell High-Resolution Imaging

Live cell high-resolution imaging shares the similar principle with other high- 
resolution imaging applications. Imaging live cell itself is not difficult, but imaging 
the fine structures on a live cell is a challenge. Essentially, imaging fine structures 
on the live cell is to image bio-molecules. The procedures and methods discussed in 
DNA double helix imaging and calcite true atomic resolution imaging, such as noise 
control, contamination control, drift control, force control, can be adapted to live 
cell imaging. Only the probe selection and sample preparation are different.

3.3.1  Probe Selection

Live cells are usually large, tall and ultra-soft, sharp tip usually deform cell surface 
significantly or even damage the cell. Super sharp tip should be avoided in live cell 
imaging. When scanning over a tall live cell, the interaction between cantilever and 
the cell will affect AFM imaging. Therefore, the tip height should be larger than the 
cell height. To minimize the imaging force, soft cantilever is still preferred. To meet 
these requirements, Bruker release a probe, PFQNM-LC, for live cell imaging. This 
probe has a tip height of ~17 μm, tip end radius of ~65 nm, and a soft cantilever. 
This probe is ideal for whole cell imaging. MLCT-Bio probe (Bruker, Santa Barbara, 
CA) has 6 cantilevers with spring constant in the range of 0.01~0.6 N/m, 2.5~4.5 μm 

Fig. 10.35 DNA double helix image obtained on Bruker Bioscope Resolve system with a scan 
size of 130 nm
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tip height and 20 nm tip radius. This probe is good for live cell imaging in small 
area. Incorporating a larger tip radius and apex angle, the probe is good for consis-
tent cell imaging. The SEM images of these two probes are shown in Fig. 10.36.

3.3.2  Sample Preparation

Live cells must attach to the substrate firmly before they can be imaged with 
AFM. The cell sample preparation methods for contact mode imaging, discussed in 
Chap 1, can also be used for PFT.  The procedures will not be repeated here. 
Figure 10.37 shows a cell sample good for AFM imaging. The cells, fibroblast, are 
50–70% confluent and nicely spread over the surface of petri dish, with very few 
nonadherent or dead cells (rounded cells). On contrast, bad examples are shown in 
Fig. 10.38. In Fig. 10.38a, majority of cells are not attached to the surface of dish. 
Nonadherent cells appear round and will be easily moved around by the AFM probe. 
In conjunction with the very low number of spread cells, it indicates that these cells 
are just seeded and need more time to grow. Figure 10.38b shows another situation. 
While confluency of spread cells is good (~50%), there are lots of unattached cells 
(rounded), which will be easily moved around with the AFM probe and potentially 
contaminate the probe. Overgrown is also an issue for cell imaging, as shown in 
Fig. 10.38c, where cells overlap with each other and many cells are dead, indicating 
the cells have been growing too long.

Once a nice cell sample is prepared, follow the steps for PFT imaging in liquid 
to image live cell. 300 pN imaging force and 1 kHz “PeakForce Frequency” are 
usually used. Figure 10.39 shows an image of microvilli on a Madin-Darby canine 
kidney (MDCK) cell, which was obtained on Bruker Bioscope Resolve system with 
PFQNM-LC probe and scan size of 10 μm.

Fig. 10.36 Probes for live cell imaging. (a) PFQNM-LC probe. It has ~17 μm tip height and 
~65 nm tip radius. (b) MLCT-Bio probe. It has 6 cantilevers with spring constant ranging from 
0.01 to 0.6 N/m, 2.5~4.5 μm tip height and 20 nm tip radius
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Fig. 10.37 Optical images of good cell sample. (a) Low magnification and (b) high magnification 
images of fibroblast cells good for AFM imaging. Cells are 50–70% confluent and nicely spread 
over the surface of petri dish. Very few nonadherent or dead cells (rounded cells)

Fig. 10.38 Optical images of bad cell samples. (a) Majority of cells are not attached to the surface 
of dish. (b) While confluency of spread cells is good (~50%), there are lots of unattached cells 
(rounded). (c) Overgrown cell sample. Multiple layers of cells and many dead cells
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4  Prospects

4.1  Resolution in Another Dimension – “Temporal 
Resolution”

With the advances in technology, AFM is able to convey structural information at 
atomic and sub-nanometer scale. However, it is still an elusive goal to measure 
time-resolved properties at this length scale to understand the kinetics. With the aim 
to investigate dynamic phenomena and reduce the effect of thermal drift in high 
resolution imaging, extensive efforts have been made to develop high speed 
AFM. The theoretical aspects for the highest possible imaging rate and the future 
applications in biomolecular system [83], biology, biophysics [84, 85] and material 
science [86] have been reviewed. For example, the dynamics of phase transition of 
lipid bilayers was observed with a high speed AFM [87]. Besides this kind of flat 
samples, the molecular dynamics of live bacterial cell surfaces was imaged and the 
direct observation of dynamic molecular architectures on a live cell surface was 
reported for the first time [88].

As an example, Fig. 10.40 shows a set of high-speed AFM data of DNA origami 
at different scan rates. The scan size is 350 nm and the highest scan rate is 98 Hz, 
which corresponds to 69 μm/s. At all speed, DNA strands that make up the origami 
structure and single stranded DNA end piece are resolved.

4.2  High Resolution Quantitative Physical Properties Mapping

Besides the progress in spatial and temporal resolution, another trend in AFM tech-
nology developments is to produce high resolution mapping of material properties, 
including nano mechanical properties and nano electrical properties. In recent years, 

Fig. 10.39 MDCK live 
cell microvilli structure, 
obtained by PFT on Bruker 
Bioscope Resolve system 
with PFQNM-LC probe 
and scan size of 10 μm
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many secondary imaging modes were developed to do high-resolution quantitative 
mechanical properties imaging. The properties include Young’s modulus [89, 90], 
stiffness [33], adhesive force [43–45, 90, 91], real-time dynamics [92], and even 
tip-sample interactions at single atom. The AFM techniques developed to obtain 
these properties include topography and recognition imaging (TREC) [93], 
HarmoniX [94], PFQNM [31], Quantitative Imaging (QI) [95] and multifrequency 
modes [96]. As an example, the mechanical property changes of living HaCat cells 
under oxidative stress were studied with PFQNM [40], where dynamics of actin 
stress fibers was observed.

On the side of electrical properties, conductivity [97], potential [98–103], piezo- 
response [104], even combined with in-situ mechanical information, can now be 
studied at nanometer spatial resolution by AFM.  The PeakForce Tunneling 
AFM(PFTUNA) [105] allows mapping local conductivity and mechanical informa-
tion simultaneously at high resolution. Benefitting from PFT, this technique can be 
used to measure loosely bound nanomaterials and pillar structures, which are diffi-
cult for traditional imaging modes. PeakForce Kelvin Probe Force Microscopy 
(PFKPFM) [106] allows mapping local potential and mechanical properties at the 
same time. With frequency modulation technique, PFKPFM improves the spatial 
resolution of potential mapping from traditional micrometer level to nanometer 
level.

Measuring electrical properties at nanometer scale in liquid is of great interest 
for many applications. However, the AFM based electrical measurements in liquid 
are challenging due to the possible current leakage and stray capacitance. Recently, 
we developed a solution to do electrical measurements in liquid, such as piezo 
response, conductivity [107] and potential mapping. The solution is based on 
 isolated nano-electrode probes with an exposed Pt tip apex of ~25 nm tip radius, 
in conjunction with PFT technology and Fast Force Volume (FFV) technology.  
To study biological piezoelectricity, direct observation of ferroelectric electro-
mechanical responses in electrolytes with different salt concentrations is required 
[108]. The recently developed Piezo-response Force Microscopy (PFM) in liquid 
enables the study of biological piezoelectricity under physiological environment. 

Fig. 10.40 DNA origami images obtained on Bruker Dimension Fastscan system. The scan size is 
350 nm. At different scan speed, (a) 11 Hz, (b) 22 Hz, (c) 49 Hz, (d) 98 Hz, DNA strands that make 
up the origami structure and signal stranded DNA end piece are resolved
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Figure 10.41 shows an example of PFM measurement on a piece of periodically 
poled lithium niobate (PPLN) in air, DI water and NaCl solutions. The results 
clearly show the PFM phase contrast decreases with the increase in salt concentra-
tion. In addition, local conductivity and potential mapping in liquid have also been 
achieved with this probe isolation technique, results are not shown in this chapter 
due to the limited space. These new developments enable many possibilities in 
future biological system research.

Scanning ion conductance microscopy (SICM) [109] and scanning electrochem-
ical microscopy (SECM) [110] have the ability to detect ionic current and electro-
chemical current, respectively. AFM based SICM and SECM were recently 
developed, which enables high-resolution ionic current and high-resolution electro-
chemical current imaging. For biological systems, these techniques can be used for 
characterization of proteins and their building blocks, identification of mismatches 
in double-stranded DNA, evaluation of interaction between antigens and their 
 antibodies, measurement of enzymatic activity, measurement of cellular expression 
of proteins and study of cellular response to environmental stimuli [111]. 
Simultaneously high-resolution imaging of single ion channel structure and ionic 
current on biological membrane by AFM based SICM has been reported [112]. 
With the breakthrough in the new nanoelectrode probe mentioned above, the elec-
trochemical current resolution of SECM is dramatically improved [113]. As a result, 
high resolution (< 80 nm) electrochemical activity mapping has been achieved by 
PeakForce Scanning Electrochemical Microscopy (PFSECM) [114].

Fig. 10.41 PFM images of PPLN obtained on Bruker Icon system. (a) In air, first contact reso-
nance. (b) In DI water, second contact resonance. (c) In 1 mM NaCl solution, second contact reso-
nance. (d) In 10 mM NaCl solution, second contact resonance. (e) The phase contrast decreases 
with the increase in salt concentration due to the EDL
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4.3  High Resolution AFM Integrated with Other Techniques

High resolution AFM has been extensively used for the characterization of material 
surfaces at atomic level and nanoscale. With the developments in nano mechanical 
and nano electrical properties measurements, AFM has further extended its applica-
tions. However, it is still lack of some material related properties, such as chemical 
information. Therefore, integration with other techniques will be the future develop-
ments in AFM technology.

By integrating with infrared (IR) spectroscopy and Raman spectroscopy, AFM 
overcomes the limitation of the traditional IR and Raman technology in spatial reso-
lution. It has demonstrated the new capability of obtaining simultaneously topogra-
phy, physical and chemical properties of samples at ~10 nm lateral resolution and 
monolayer sensitivity. The technology developments and applications of AFM-IR 
and AFM-Raman were reviewed by Fu W. et al. [115]. Readers may refer to this 
reference for details.

Mass spectroscopy (MS) is another commonly used analytical technique. By 
integrating with an AFM, the sampling spot can be significantly shrunk and the 
spatial resolution is improved as a result. A representative work was done by 
Somnath S. et al. [116]. By tailoring the heating in thermal AFM cantilevers, desorp-
tion craters in thermal desorption spot sampling were shrunk. Submicron spatial 
resolution and a 381× improvement in desorption efficiency over the traditional 
heating method were achieved.

The combination of AFM and X-ray techniques has also been explored. The 
uptake of asbestos fibers by mesothelial cells was studied with AFM and soft X-Ray 
imaging [117]. After exposure to asbestos fibres and fixation, cells were first ana-
lyzed with AFM and then imaged with soft X-ray. With this approach, the experi-
mental uncertainty was drastically reduced. Another example is the combination of 
AFM and small-angle X-ray scattering (SAXS). This combination can be applied to 
many different macromolecules and sample surfaces depending on characterization 
need and sample properties [118]. The combination of AFM and X-ray techniques 
can also be used to study the effect of radiation damage on various biological 
samples.

5  Summary

High-resolution AFM imaging is a powerful technique to study fine structures, as 
well as mechanical and electrical properties, at atomic or sub-nanometer scale. In 
this chapter, after reviewing some applications of high resolution AFM imaging, the 
fundamentals of “resolution” were discussed, followed by analyzing the challenges 
and solutions in high resolution AFM imaging. Noise and drift control, probe selec-
tion, contamination control, and force control are the key elements to achieve high 
resolution. In force control, exploiting the lowest short-range tip-sample interaction 
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is very important for high resolution imaging. The approaches to achieve that were 
discussed for different imaging modes, i.e. contact mode, tapping mode and 
PeakForce tapping mode. After the principles being discussed, detailed practical 
guides for high-resolution AFM imaging were described for three representative 
applications, i.e. atomic resolution, sub-molecular resolution and live cell imaging. 
In the last section of this chapter, we provide our prospective view on the future 
developments in high resolution AFM technology. High speed, high content infor-
mation at nanoscale, and integration with other analytical techniques are the three 
development directions.
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