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Preface

Bioenergy derived from biomass may play a significant role in future energy
systems due to its renewability and sustainability. The wide distribution of biomass
provides rich sources of raw materials, while the significant development in
bioenergy conversion technology has improved its competitiveness. Bioenergy,
which is used to produce biofuel, heat, and electricity, may be generated via various
routes such as thermo-chemical, biological, and bio-electrochemical processes.
Bioenergy systems should be optimized to ensure their sustainability, maximize
their efficiency, and minimize costs.

The bioreactor is a critical unit in the microbial conversion process, since it
provides a suitable, stable place for microbial growth and metabolism by
controlling the operating conditions. The performance of bioreactors is greatly
influenced by many other factors, such as the bioreactor’s structure and size, mixing
and transfer characteristics, and means of feed introduction and product removal.
There are complex multiphase flow patterns that exist in bioreactors that can vary
the heat and mass transfer characteristics in the bioreactors and affect the microbial
conversion processes. This book discusses the fundamentals of biomass energy
systems, as well as the recent trends and developments in the microbial conversion
process, with a particular focus on bioreactors. It combines the most current
understanding of microbial conversion with the multiphase flow and mass transfer
and provides an alternative perspective for the understanding of the microbial
biomass and energy production process, as well as enhancement strategies.

This book contains 4 parts and 11 chapters, with contributions from leading
scientists in the bioenergy field. Part I presents an overview of bioenergy and
bioreactors, with a focus on the current state of the art. Chapter 1 provides an
introduction to the basics and developments in biomass and bioenergy technologies.
A large variety of bioenergy conversion pathways, such as thermo-chemical,
biological, and bio-electrochemical, are introduced and compared. Biomass
pre-treatment and biofuel upgrading technologies are also outlined. Chapter 2
reviews the function and role of bioreactors in the applications of bioenergy
conversion technologies, including microbial biomass production, microbial
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biofuels conversion, and microbial electrochemical conversion systems.
It comprehensively discusses the mass and heat transfer in bioreactors.

Part II covers bioreactors for the biomass production of phototrophic and het-
erotrophic microalgae. Chapter 3 deals with the phototrophic cultivation of
microalgae in open and closed photo-bioreactors. It provides a comprehensive
discussion on the photo-bioreactors and their enhancement strategies from the
aspects of light and mass transfer. This chapter includes the potential approaches for
autotrophic microalgal cell concentrating and conversion to biofuels. Chapter 4
discusses the heterotrophic metabolism of microalgae in detail, the factors affecting
heterotrophic cultivation, and commercial value-added products. It presents some
future perspectives for heterotrophic cultivation as a potential solution for obtaining
large-scale microalgal biomass.

Part III deals with bioreactors for gaseous and liquid biofuel conversion pro-
cesses. Chapter 5 presents an overview of the fundamentals of biogas production
and bioreactor configurations for the production of biogas. It investigates different
enhancement strategies related to bioreactor design for the conversion of organic
biomass to methane during the anaerobic digestion with various solid contents.
Chapter 6 presents the basic concepts of hydrogen production by dark fermentation.
The main operational parameters, such as the inoculum source and pre-treatment,
organic substrate used, reactor operation and type, temperature, pH, and hydraulic
retention time, are comprehensively reviewed. The integration of the dark
fermentation bioprocesses into the concept of an environmental biorefinery is
outlined. Chapter 7 provides an overview of photo-fermentative hydrogen
production by purple non-sulfur bacteria. It reviews the key enzyme system
involved in the fermentation, factors affecting the fermentation, and hydrogen
production from industrial wastes, wastewater, and agricultural biomass. Both the
suspension and immobilized cultures for various types of photo-bioreactors are
discussed in detail. The fluid flow and mass transfer in bioreactors using the lattice
Boltzmann simulation are presented. Chapter 8 presents the key principles of
bioreactor design for the production of alcohols by the fermentation of sugar and
syngas. It analyzes the hydrodynamics inside the units, bubble columns or stirred
tank reactors, gas–liquid mass transfer rates, implications in the heat transfer for
jacketed reactors, and kinetic mechanisms for microbial reactions. Chapter 9
reviews the sources of microbial lipids, factors that affect microbial lipid produc-
tion, and the technologies and bioreactors used for microbial lipid conversion into
biofuels. Alternative and innovative techniques for biofuel production and the life
cycle impact of biofuel production from microbial lipids are discussed in detail.

Part IV defines the role of bioreactors in microbial electrochemical systems.
Chapter 10 focuses on microbial fuel cells for electricity production in light of the
fundamental principles, electrode materials and construction methods, architectures,
cell stack, and feasibility in practical power generation. The applications of such a
technology are also discussed. Chapter 11 reviews the recent developments in
microbial electrolysis cells and microbial electrosynthesis cells for gaseous biofuel
production. It includes the recent developments in the electrode materials,
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configurations, electron transfer manners, microbial ecosystems, and applications in
bio-electrochemical systems.

We would like to thank all the contributors to this book. We also wish to express
our appreciation to the editorial team from Springer for their support and assistance.
We hope this book will be helpful for students, researchers, engineers, policy
makers, and economists in the fields of renewable energy, engineering, and
biotechnology.

Chongqing, China Qiang Liao
Tainan, Taiwan Jo-shu Chang
Potsdam, Germany Christiane Herrmann
Chongqing, China Ao Xia
December 2017
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Chapter 1
Biomass and Bioenergy: Current State

Chihe Sun, Ao Xia, Qiang Liao, Gopalakrishnan Kumar
and Jerry D. Murphy

1 Energy and Environment

1.1 Energy Demand

Energy sources are ubiquitous. Potential for energy is found within fossil fuels, in
the light of sun, in forests, in water, wind, and even in geologic activity. Our
modern society depends on these forms of energy in many aspects, including
chemical and medical production, food processing, illumination, and heating [1].

Increase of global energy demand is associated with world economy develop-
ment and population growth [2]. The average growth in population is 3.4% per year
with more than 2 billion people in poverty [3]. Global energy demand is forecasted
to continuously grow over the next two decades with economy and population.
However growth rate of energy demand is slower than in the past, expected to be
1.3% per annum in the time frame 2015–2035 as opposed to 2.2% per annum in the
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years 1995–2015. This phenomenon is mainly attributed to the changes of economy
form and energy structure. The major increase of energy demand is driven by
fast-growing emerging economies, particularly in China and India (accounting for
more than half of the increase) [3]. In contrast, the energy demand is relatively
stagnant in developed areas, such as America and Europe.

In 2014, fossil fuels, which include for oil, coal, and natural gas, still played a
significant role in the global energy supply (Fig. 1) [4]. Among these fossil fuels,
the consumption of oil is largest (31.3%), followed by coal (28.6%) and natural gas
(21.2%).

Coal and natural gas, are still the dominant energy source for power generation
(62.4%). Additionally, the world primary energy consumption in 2015 increased to
552.2 EJ, which is equivalent to 13,147 Mtoe, leading to a 20.2% increase com-
pared with 2005 [5]. This has led to often extreme environment pollution in par-
ticular in China and India, especially in air quality. It is absolutely necessary to
convert energy systems to alternative energy sources, which are sustainable and
clean. There is a huge interest and growing production in renewable energy [6, 7].
For example, the world power generation from renewable energy is forecasted to
increase to 25% in 2040, while the coal-fired share would decrease to 36% [8].
Renewable energy has an average annual growth rate of 2.5% [8].

China consumed 3,069 Mtoe of energy and generated 5,716 TWh of power in
2014, 22.4% of the global energy consumption and 24.0% of the global power
generation, respectively [4]. The increases in energy supply and power generation
were 1.6% and 4.3%, respectively, compared to 2013 [9]. However, energy demand
is projected to grow by less than 2% per year in the next few years as compared
with 6% over the past 20 years [10]. This is driven by the transformation of society
from an energy-intensive industry infrastructure to a more low-energy consumption
society [10]. Government policies also drive further improvements in energy
conversion efficiency. Fossil fuel combustion and pollution are also problematic
elsewhere. Power generation in the Organisation for Economic Co-operation and
Development (OECD) is nearly twice that of China [4]. It is essential that all
countries play a role in devising a more prosperous and sustainable planet.

1.2 Environmental Sustainability

Excessive greenhouse gas (GHG) emissions derived from the utilization of fossil
fuels increase the earth’s temperature, leads to the water acidification, and climate
change [11, 12]. To reduce GHG emissions, over 40 countries have established
carbon taxes [13]. In 2014, global CO2 emissions were 32,381 Mt which only
increased about 0.6% compared to that in 2013 (32,190 Mt) [4, 9]. The growth rate
of carbon emissions is considered to be slowing as compared to past decades;
however, it still falls below the target of total carbon emissions set at COP21 in
Paris. Global CO2 emissions from energy in 2014 are mainly attributed to the use of
coal, followed by oil and natural gas (see Fig. 1c). As coal accounted for more than

4 C. Sun et al.



Fig. 1 Global energy supply (a) power generation (b) and CO2 emissions (c) by fuel in 2014.
(Data collected from [4])
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40% of total power generation, the abatement of CO2 emissions depends on
decarbonizing the power sector. To limit global temperature rise to 2 °C on the
pre-industrial times, global CO2 emissions in 2035 should be decreased by 32%
compared to that in 2015 [14].

In 2014, China produced 28.2% of global CO2 emissions (9,131 Mt) [4]. China’s
13th Five-Year Plan for national economic and social development stated that the
government should pay more attention to changing the structure of energy supply,
introducing feasible policies, and moving to cleaner and lower carbon fuels [15].
Due to the development of renewable and nuclear energy, total CO2 emissions in
China are on a deceleration pathway. The increase of total CO2 emissions was only
1.3% from 2013 to 2014, which is equivalent to 117.8 Mt [4, 9]. It is forecasted that
the coal consumption in China will reach a steady-state, while more renewable
power will be produced during the next 20 years. This should facilitate significant
deceleration of growth in total CO2 emissions in China [10].

Probably a bigger driver in China is tackling air quality and the concerns for
public health [16]. The production and consumption of oil and gas contributes to
serious air pollution. Burning large amounts of fossil fuels for power generation
emits excessive air pollutants, such as nitrous oxides (NOx), sulphur oxides (SOx),
and particulate matter (PM) [5].

Exploration, production and refining of fossil fuels such as natural gas and oil
consume about 1% of global freshwater sources. Water requirement may be much
higher in some developing economies due to the relatively underdeveloped tech-
nology and poor government regulation [17]. Additionally, in countries with water
shortages, such as Egypt, Saudi Arabia, Kuwait, Jordan, and Yemen, the limitation
in supply of potable water has significant impact on quality of life and industrial
output.

1.3 Renewable Energy

Many countries have committed to the development of renewable energy.
Renewable energy is produced from natural resources that can be sustainably
reused in the foreseeable future; it can be classified into various types, such as
geothermal energy, wind energy, hydro-energy, tidal energy, ocean energy, solar
energy, and bioenergy [18].

In 2016 China produced the largest amounts of wind electricity of any country,
followed by the United States, Germany, India, and Brazil [19]. China is also the
largest hydroelectricity-generating country. Electricity produced through photo-
voltaic (PV) technology has developed rapidly in the past decades [20]. In 2035, the
total production of electricity obtained through solar PV is expected to reach 740
TWh, which is over 35 times higher than in 2011 [21].
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Bioenergy is a broader energy vector with a numerous sources and many
applications. It is not possible to compare bioenergy across the entire production
and use system to a wind turbine. Bioenergy can be readily adapted to provide heat,
electricity for industrial and residential application and a source for the production
of transport fuels [18, 22]. In 2015 petroleum provided the major energy source in
the transport sector (more than 90%), whereas biofuels shared only around 4% of
global transport fuel.

As shown in Table 1, global biofuel production was 82.3 Mtoe in 2016, nearly
two times more than 2006 [23]. The United States (35.8 Mtoe) and Brazil (18.6
Mtoe) are two major biofuel-producing countries, accounted for more than 60% of
global production. Over the past ten years, Belgium had the fastest average growth
rate (89.9%), followed by Netherlands (87.5%), Portugal (79.7%), and Argentina
(71.7%).

Different regions have large differences in the annual yield and growth rate of
biofuels. For example, the annual productivity of biofuels in China in 2015 showed
negative growth (of −22.8%); this was the first contraction since 2005 [23] and can
be attributed to the changes of strategic direction on energy and economic devel-
opment, as well as the fundamental realities of China. In 2016, due to falling
bio-ethanol production in Brazil, the global bio-ethanol production only increased
by 0.7%. Bio-oil production rose by 6.5% with Indonesia providing more than half
of the increment. As a result, Indonesia had the largest increase in biofuel pro-
duction in 2016 (about 84.3%), whereas Brazil has a decline (about −4.3%) [23].

According to the International Energy Agency (IEA) [24], bioenergy accounts
for approximately 11% of the total world primary energy supply. However, almost
two-thirds of bioenergy has been used in rural areas of developing countries for
cooking and heating. In 2015 around 6% of the global heat supply was from
bioenergy, which is equivalent to 13 EJ. Heat energy obtained from biomass is
widely used in the pulp and paper industry as well as in city heating schemes.
Additionally, around 2% of the global power generation was also from bioenergy,
equivalent to 474 TWh.

Table 1 Biofuel production
in major countries around the
world during 2012 to 2016.
(Data collected from [23])

Countries 2012 2013 2014 2015 2016

United States 29.8 31.1 32.9 33.8 35.8

Brazil 14.7 17.1 18.0 19.3 18.6

Germany 3.0 2.8 3.5 3.2 3.2

Argentina 2.3 2.0 2.6 2.0 2.8

Indonesia 1.4 1.8 2.5 1.4 2.5

France 2.1 2.3 2.5 2.5 2.2

China 2.1 2.3 2.6 2.7 2.1

Total world 66.9 72.3 79.7 80.0 82.3

The unit of biofuel production is million tonnes oil equivalent
(Mtoe)
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1.4 Source, Resource and Benefits of Bioenergy

Energy is stored in biomass in the form of chemical energy, which is converted
from solar energy by photosynthesis. Solar energy enters the atmosphere as light
and is radiated by the earth’s surface as heat. Only a small portion of this solar
energy, is available to humans. Most of the solar energy is stored in the atmosphere
(such as wind) and other substances (such as water) in the earth. Since solar energy
can be effectively absorbed and stored through the photosynthesis of biomass, it
becomes the ultimate source of bioenergy [25].

Biomass, as the sole renewable carbon source, is widely distributed in most
regions of the earth; it can be continuously converted to bioenergy with little
influence on climate change [26, 27]. A recent IEA publication states there is 63 EJ
of bioenergy in current use with a sustainable resource estimated between 100–300
EJ per annum [28]. In many developing areas, the use of bioenergy can effectively
boost the industrialization of countries through stimulation of economic develop-
ment by creating employment opportunities [29]. For example, the United Nations
Environment Program (UNEP) states that the bioenergy industry may offer about
12 million jobs by 2030, which is equivalent to more than 50% of total jobs
obtained from the renewable energy industry. The Chinese government has pro-
vided many preferential policies for companies to develop the bioenergy industry
such as tax incentives and electricity subsidies over the past two decades [30].
Correspondingly, these companies offered employment. Using bioenergy can also
obviously reduce the national dependence on imported energy resources and mit-
igate the issue of energy security. Bioenergy has advantages for political strategy,
economic development, and social construction [31].

2 Generation of Biomass Feedstock

2.1 First Generation Feedstock

The first generation feedstock is starch-based and oilseed-based biomass feedstock
(Table 2). Since starch-based biomass contains a high content of carbohydrates
(excess of 60% of the total dry weight), they are ready for fermentation conversion
and are considered as the major resources for bio-ethanol and bio-methane pro-
duction during the last decade [32]. If 1 kg of starch or sucrose can produce about
0.5 kg of bio-ethanol at an overall conversion efficiency of 90%, the yields of
bio-ethanol produced from corn, cassava, and sweet potato are about 1.7, 2.3, and
1.2 t/ha, respectively. The energy yields of these crops are 374, 522, and 258
gasoline gallon equivalent (GGE) per hectare [33]. Due to the variation of the
annual yield of starch-based biomass and the relations between food supply and
demand in different regions, the source of biomass feedstock may be significantly
different. For instances, the annual yield of cassava is much higher in Nigeria,
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Thailand, and Indonesia. As a result, cassava is usually used for bio-ethanol pro-
duction in these countries. However, corn is the dominant biomass feedstock for
bio-ethanol in USA, which is the largest corn producer [33].

Additionally, the differences in growth conditions, such as light, temperature,
and water, in different regions can significant change the bio-chemical compositions
of starch-based biomass, thereby affecting bio-ethanol production. Ziska et al.
found that sweet potato planted in Maryland exhibited a greater potential for
bio-ethanol production than corn due to its high starch content [34].

The major sources of oilseed-based biomass feedstock are oil plants (see
Table 2). Oil plants contain large amounts of lipids ranged from 20 to 50% [35],
resulting in a high potential for bio-oil production [36, 37]. Similar to the

Table 2 Comparison of different generation biofuels for bioenergy conversion (adapted and
reprinted from [11], Copyright 2016, with permission from Elsevier)

First generation Second generation Third generation

Compositions • Starch-based biomass
such as corn, wheat,
barley, rice, millet,
sorghum, potato,
cassava, and sweet
potato

• Oilseed-based biomass
such as soybean,
safflower, peanut,
rapeseed, sesame,
jartropha, and oil palm

• Lignocellulose-based
biomass such as crop
residues, woody
crops, and forest
biomass

• Perennial rye grass
• Waste streams such as
food waste, waste
sludge, household
garbage, and animal
dung

• Macroalgae such as
Saccharima
latissima,
Himanthalia
elongate, Gracilaria
verrucosa, and
Codium tomentosum

• Microalgae such as
Chlorella sp.,
Scenedesmus sp.,
Nannochloris sp.,
and Dunaliella sp.

Advantages • Mature conversion
techniques

• Low cost

• No food crop
competition

• Reuse and recycling
of waste

• Environment benefit
of waste treatment

• Non-arable land for
energy crop
cultivation

• No food crop
competition

• High growth rate and
yield

• Non-arable land for
energy crop
cultivation

• Independent of fresh
water

• Environment benefit
of waste water and
flue gas treatment

• Various bioenergy
products

Disadvantages • High arable land
requirement

• High fertilizer
consumption

• High fresh water input
• High economic cost
• Food fuel debate

• High energy
consumption in
pre-treatment and
conversion

• Requirement of
advanced technology
for cost-effective
conversion

• High economic cost
in cultivation

• High energy
consumption in
harvesting

• Easily contaminated
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starch-based biomass, the species of oil plants used for bio-oil production also
depends on the climate and economic conditions. In tropical regions, such as
Malaysia and Indonesia, palm is the major oil plant, and these two countries pro-
duce more than 70% of the global palm oil. USA is the largest soybean producing
country, followed by Brazil and Argentina. Oilseed rape is largely grown in the
European Union (EU), Canada, and China [38].

Starch-based and oilseed-based biomass feedstock have been widely used for
bioenergy production on a large-scale; however, there still exists a number of
drawbacks [39]. Excessive production of bio-ethanol from starch-based feedstock
such as rice, wheat, and corn can significantly increase food prices [40]. Expanding
growth of oil plants reduces the available arable land areas, which may lead to food
riots in some countries [11]. Also, food crops planted in large monocultures over
large areas of land may increase deforestation, upsetting biological diversity and
ecological balance. Furthermore, large quantities of freshwater would be consumed
during crop cultivation causing water shortages in some water-deficient regions.
The large use of chemicals in several processes, such as fertilizer production, can
have adverse impacts on the environment. Fertilizer runoff can lead to eutrophi-
cation and soil hardening. The first generation feedstock has caused critical debates
on food and energy.

The European Union (EU) legislation states that bioenergy obtained from crops
should not exceed 6% of total energy consumption in transport by 2020 [11]. In
China, the 13th Five-Year Plan for energy development requires that bio-ethanol
and bio-oil produced from non-food crops should be at levels of production of 400
and 200 Mt, respectively by 2020 [41]. To avoid the food and energy competition
caused by the first generation feedstock, bioenergy derived from other biomass
sources should be carefully considered.

2.2 Second Generation Feedstock

The second generation feedstock mainly includes lignocellulose-based biomass,
grasses and waste streams (see Table 2). Compared with the first generation
feedstock, using second generation feedstock can effectively reduce the food fuel
competition, while decreasing the energy input in ploughing, fertilizing, and har-
vesting processes.

Lignocellulose-based biomass is considered as the major feedstock for bioenergy
production; it is one of the most abundant resources around the world, with an
annual global energy potential ranged from 100 to 270 EJ [33]. In the US, more
than 1.3 billion tons of lignocellulose-based biomass can be used [42]. Forest
biomass, as the main resource of lignocellulose-based biomass, alone contributes
more than 40% of total global biomass [43]. In China, the yield of primary forest
biomass was around 72.2 million cubic meters in 2015 [44]. Thus, abundant bio-
mass resources if sustainable managed can provide feedstock for bioenergy pro-
duction. However, traditional conversion techniques of lignocellulosic biomass are
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not energy efficient and have caused environmental problems. For example, in
many rural areas of developing countries, forest biomass is usually used for heating
and cooking, whereas waste crop residues such as rice and wheat straw are burned
in the fields. This can cause serious air pollution. Advanced bioenergy technology
is required to improve the energy efficiency whilst reducing the environmental risk.

Lignocellulose-based biomass is primarily composed of cellulose, hemicellulose,
and lignin. Cellulose surrounded with lignin and hemicellulose leads to a compact
and complex cell structure, which effectively protects biomass from the damage of
extreme environment. Comprehensive pre-treatment is required to break down the
lignocellulosic structure for efficient bioenergy conversion. Thus, bioenergy pro-
duced from the second generation feedstock may not be commercially available by
2020, either because of techniques or costs [35].

2.3 Third Generation Feedstock

Third generation feedstock is mainly sourced from aquatic algae (macroalgae and
microalgae). As the oldest plant in the world, algae are commonly present in fresh
water and seawater. Algae can use light (natural light or artificial light) and inor-
ganics (water, inorganic salt and carbon dioxide) as an energy source for photo-
synthesis to produce organics.

Generally, the physiological and morphological characteristics of algae vary.
Depending on the compositions and contents of the intracellular pigments,
macroalgae can be classified as brown, red, and green macroalgae [45].
Additionally, macroalgae that grow in the intertidal zones (between high and low
water of tides) or the sub-tidal zones (submerged most of the time) also need to be
differentiated [46]. Due to the difficulty of harvesting of algae, the amounts and
values of macroalgae from the sub-tidal zone are frequently underestimated.

Microalgae can also be divided into several major species according to the
abundance of the intracellular pigments, such as red, green, golden, and blue
microalgae. Unlike macroalgae, microalgae are microscopically small, and the
average cell diameter generally ranges from 3 to 20 lm [47]. Although most
microalgae are single-celled organisms, they can still form microbial colonies
through bio-sorption [35]. The colonies with different shapes can be used to dif-
ferentiate the species of microalgae. For instance, the colonies formed by
Mougeotia sp. are filamentous, while the colonies formed by Chlorella sp. are
simple spherical. Since the concentration of microalgae in the cultivation system is
low and the density of microalgae is close to water, microalgae in the cultivation
system are even more difficult to harvest compared to macroalgae [35]. The har-
vesting process is energy intensive and expensive, and is an unavoidable bottleneck
for bioenergy production from microalgae.

Algae with different chemical compositions can be widely applied in distinct
fields, such as feed/food and bioenergy production. In terms of bioenergy pro-
duction, researchers usually apply different cultivation conditions, including
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temperature, pH, illumination, CO2 and nutrient supply, to directionally change the
chemical composition of algae. For example, Illman et al. found that nutrient
limiting condition in the steady-phase was effective for improving the algae’s lipid
content [48]. Besides, high light intensity may also promote the accumulation of
lipids [7].

Due to the high photosynthesis efficiency and growth rate, the cultivation area
requirements of algae are lower than other biomass feedstock. Most of all, algae
cultivation combining with waste water and flue gas treatment can significant
decrease the pollutant emissions [11]. Nevertheless, algae grown in the open
raceway ponds (ORPs) may be easily contaminated by other microorganisms,
resulting in a low biomass yield. The economic cost in building closed
photo-bioreactors is also quite high [11]. Commercially viable bioenergy produc-
tion from algae depends on the effective strategies. High-volume and low-cost
bioenergy coupled with high-value by-products is the ambition of future develop-
ment [11, 49]. Table 2 shows a comparison of different generation feedstock for
bioenergy conversion.

3 Production Technology of Bioenergy

The production technology of the bioenergy system with different operational
parameters and reaction mechanisms has a critical impact on the bioenergy yield,
energy balance, environmental impact, and economic cost. Over the past decades,
significant efforts have been devoted to develop various conversion technologies in
lab-scale, pilot-scale, as well as large-scale. Figure 2 shows the relationships of
various technologies based on final bioenergy products.

3.1 Thermo-Chemical Conversion Technology

Various types of bioenergy can be obtained through thermo-chemical conversion
technologies, including heat and electricity produced via combustion of biomass,
liquid biofuels produced via trasesterification, hydrothermal liquefaction (HTL) and
pyrolysis, and gaseous biofuels produced via gasification. Table 3 compares the
advantages and disadvantages of different thermo-chemical conversion
technologies.

3.1.1 Combustion

Biomass combustion generally comprises four stages; drying, pyrolysis, volatile
combustion, and char combustion [50–52]. At the drying and pyrolysis stages,
biomass is firstly heated from ambient temperature to initial pyrolysis temperature
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(about 200–225 °C), and then devolatilized into condensable and non-condensable
gases (about 200 to 400 °C). The decomposition mechanisms of different biomass
composition may vary at the pyrolysis stage. For example, cellulose and hemi-
cellulose can be decomposed through the damage of glycosidic bonds at a

Fig. 2 Relationships of various production technologies based on final bioenergy products

Table 3 Comparison of different thermo-chemical conversion technologies

Methods Advantages Disadvantages

Combustion • Low economic cost
• Heat and power generation
• Simple operation
• Mature conversion technology

• High air pollutant emission
• Low conversion efficiency

Gasification • High thermal efficiency
• Less secondary pollution
• Synthesis gas production
• Heat and power generation

• High energy consumption
• Strong peculiar smell
• Large amounts of tar

Pyrolysis • Process hazardous substance
• Less secondary pollution
• Various bioenergy products

• Require biomass drying
process

• Low quality of bio-oil
• High energy consumption

Hydrothermal
liquefaction

• Process biomass with high water
content

• Less secondary pollution
• Flexible biomass feeding model
• Bio-oil production

• High energy consumption
• Low quality of bio-oil

Transesterification • Low economic cost
• Low energy consumption
• Simple operation
• Less secondary pollution
• Bio-oil production

• Depend on the catalytic
activity

• Require large amounts of
organic solvents

• High quality of bio-oil
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temperature between 200 and 350 °C, whereas lignin can be degraded between 350
and 500 °C [50].

Biomass combustion has been inextricably linked to human civilizations.
Although much of the recent focus has shifted to liquid and gaseous biofuel pro-
duction, biomass combustion is still widely used for heat and power generation. In
recent years, excess of 75% of the primary energy supply is derived from biomass
combustion in many developing countries [33]. However, serious air pollution
caused by the incomplete combustion urgently needs to be addressed [53, 54].
Developing high-performance biomass combustion furnace with pollutant control
units is very important for highly efficient and environmentally friendly biomass
combustion.

3.1.2 Gasification

Gasification is usually carried out under a high temperature (around 700–1400 °C)
and an oxygen-limited environment [33, 55]. In such a process, the major products
include synthesis gases such as hydrogen, methane, carbon dioxide and carbon
monoxide. To facilitate biomass conversion, oxygen can be supplied in various
forms, such as pure oxygen, air, steam, and mixtures of the foregoing. Gasification
can handle biomass with high water content; however, the energy that is supplied to
heat water is still higher than other conversion technologies, such as transesterifi-
cation and HTL.

3.1.3 Transesterification

Transesterification is one of the most common technologies to produce bio-oil and
glycerine from biomass, in which triglycerides are reacted with a short chain
alcohols (such as methanol or ethanol) with the aid of alkaline or acidic catalyst [56,
57]. It is a relatively eco-friendly process compared to biomass combustion.
Meanwhile, compared to HTL and pyrolysis, the physical characteristics of bio-oil
products are closer to diesel fuel [55]. Prior to transesterification, the raw lipid
contained in the biomass feedstock should be extracted through organic solvents
(such as ethanol/n-hexane and chloroform/methanol). Hence, lipid extraction is a
necessary step for bio-oil production [58]. Due to the compact cell structure of
biomass, the process of lipid extraction usually requires large amounts of organic
solvents and long reaction time. As transesterification cannot convert proteins or
carbohydrates to lipids, the extraction performance is limited by the lipid content of
biomass [59, 60].

The reaction rate of transesterification is closely linked to the catalytic activity.
To avoid the adverse impacts on environment and the high economic costs in
catalyst recovery, heterogeneous catalysts with high catalytic activity, reusability,
and separability are promising alternative catalysts for homogenous acids or alkalis
[61]. Besides, many studies focus on a one-step method, in which lipid extraction
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and transesterification can be carried out in the same reactor [58, 62, 63]. It not only
reduces the production units, but also lowers the economy costs and reaction time
for bio-oil production.

3.1.4 Hydrothermal Liquefaction (HTL) and Pyrolysis

As HTL and pyrolysis can produce bio-oil not only from lipids but also from
carbohydrates and proteins, they are also considered as effective technologies for
bio-oil production [12]. However, the reaction conditions of these two
thermo-chemical processes are harsher than transesterification, resulting in a high
energy input. Meanwhile, the quality of bio-oil is also lower. Based on the lifecycle
assessments (LCA) of bio-oil production from microalgae, the energy consumption
of transesterification, HTL, and pyrolysis are 3.7, 6.6, and 4.1 MJ/kg dry
microalgae, respectively.

HTL is an effective method for converting biomass that contains a high water
content to bio-oil in sub-critical water at temperatures from 200 to 350 °C and
pressures from 15 to 20 MPa [64, 65]. Differently, pyrolysis is more suitable for
dried biomass (with less than 20% water content). Water must be removed before
being heated to high temperatures (approximately 400–600 °C) under ambient
pressure [66]. Thus, the energy consumption is usually quite high. This process
would be more competitive if a waste heat source is available.

3.2 Biological Conversion Technology

Biological conversion technology, such as anaerobic digestion (AD), fermentation,
bio-photolysis, usually operates under ambient temperature and pressure. It is
considered as an energy-efficient and eco-friendly approach, especially when or-
ganic wastes are used as substrates. In this process, various soluble and gaseous
metabolites, including alcohols, volatile fatty acids (VFAs), methane, carbon
dioxide and hydrogen, can be produced through pure or complex microorganisms
[67].

3.2.1 Anaerobic Digestion (AD)

AD, as a well-known approach for bio-methane production, is composed of four
stages; hydrolysis, acidogenesis, acetogenesis, and methanogenesis [11, 68].
High-molecular-weight organic macromolecules can be degraded into
low-molecular-weight monomers at the hydrolysis stage. These monomers are
further converted to soluble (such as acetate, propionate, butyrate, and, ethanol) and
gaseous products (such as hydrogen, and carbon dioxide) at the acidogenesis stage.
Afterwards, the soluble products are converted to acetic acid. Notably, acetic acid
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can be also produced from hydrogen and carbon dioxide through homoacetogen-
esis. At the final stage, methane can be produced not only from acetic acid but also
from hydrogen and carbon dioxide. Due to the complex structure of biomass cells,
the whole process of AD is limited by the hydrolysis stage [69]. Although biomass
cells can be completely disrupted and intracellular metabolites can be successfully
released by pre-treatment, it is still difficult to rapidly convert several types of
organic macromolecules to monomers, such as cellulose and triglyceride. This
unfavourable result would also limit bio-methane production.

AD can be carried out at the mesophilic (ranged from 20 to 45 °C) and ther-
mophilic (ranged from 45 to 60 °C) conditions [70, 71]. Compared to the mesophilic
condition, the thermophilic condition with higher degradation rate can significantly
reduce the activity of harmful microorganisms [72–74]. However, without effec-
tively surplus heat utilization, high temperature would increase the energy input of
fermentation. Besides, many other factors, including hydraulic retention time (HRT),
organic loading rate (OLR), and substrates, can also affect the fermentation per-
formance. For example, substrates containing excessive inhibitors such as ammonia,
sulphide, metals, and organics may make the fermentation process more instable,
resulting in a low yield of bio-methane [75]. Short HRT may lead to a risk of
washout of microbial communities [11, 74]. Meanwhile, high OLR would boost the
acidogenesis stage of easily degradable substrates and the excessive accumulation of
VFAs may further inhibit the activity of microorganisms [76, 77].

3.2.2 Hydrogen Fermentation and Bio-photolysis

Hydrogen is a potential alternative energy source due to its cleanliness and high
energy density by mass [78]. It can be produced by various routes through using
different types of microorganisms, including dark fermentation (DF) via hydrogen
producing bacteria (HPB), photo fermentation (PF) via photosynthetic bacteria
(PSB), direct bio-photolysis via green microalgae, and indirect bio-photolysis via
cyanobacteria. DF can be considered as a sub-process derived from AD, in
which the methanogenesis stage is hindered by the inactivation of methanogenic
archaea [79].

In terms of PF, PSB can degrade low-molecular weight organics including
sugars, alcohols, and VFAs to hydrogen and carbon dioxide under an anaerobic
environment [80, 81]. Unlike DF and AD, this process is driven by light. Generally,
the light penetration depth is inversely related to the concentration of PSB. With
increasing growth of PSB, the distribution of light may be heterogeneous [82]. An
efficient photo-bioreactor with high illumination surface area to volume ratio is
usually required in PF. However, this design would increase the economic costs in
equipment construction. The use of artificial light is expensive and increases energy
consumption [83]; sunlight, as a cheap and abundant light source, may be a rela-
tively good option. When using sunlight as the energy source, the uncontrolled
temperature caused by the discontinuous sunlight should be avoided. Besides, PF is
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also more sensitive to the accumulation of ammonium [84]. Effective methods of
ammonium removal need to be applied for the large-scale industrial bio-hydrogen
production.

For direct bio-photolysis, water can be converted into hydrogen and oxygen by
green microalgae [85]. However, the gas mixture may be potentially explosive due
to the inseparability of hydrogen and oxygen [86]. Meanwhile, the increasing
oxygen content may limit the metabolic process of hydrogen generation, resulting
in a low hydrogen yield. An indirect bio-photolysis using cyanobacteria can solve
these problems to some extent; photosynthesis and fermentation are carried out in
separate bioreactors [87, 88]. Notably, hydrogen produced via indirect
bio-photolysis usually contains complex operational sub-processes, leading to high
costs in time, energy, and economy.

3.2.3 Ethanol Fermentation

Bio-ethanol can be produced through microbial fermentation. The microbial com-
munity of ethanol production mainly includes two groups [89]. One group is used
to degrade complicate substrates to simple compounds (such as sugars) through the
catalysis of hydrolytic enzymes at the stage of saccharification (or hydrolysis).
The other group is used to convert metabolic sugars to ethanol and carbon dioxide
at the stage of fermentation.

Generally, saccharification and fermentation can be operated in the same or
separate bioreactors [90, 91]. The use of enzymes and the culture conditions of
microbes (such as pH and temperature) in different stages need to be differentiated
[89]. Compared with separate hydrolysis and fermentation (SHF), the limitation of
cellobiose and glucose can be significantly reduced in simultaneous saccharification
and fermentation (SSF) [92]. However, a low cellulose hydrolysis rate in SSF still
hinders its development. Lignocellulose-based biomass is commonly used as the
fermentative substrate for ethanol production [93, 94]. It should be noted that only a
few microorganisms can readily ferment xylose, which is the major component of
hydrolyzates derived from cellulose and hemicellulose [95]. Thus, recombinant
microorganisms should be developed and used in the xylose rich hydrolyzates.

In recent years, some advanced technologies have been widely used to improve
the fermentation performance. For substrate improvements, algae has been con-
sidered as promising biomass for microbial fermentation due to the high growth rate
and high content of easily degradable compounds [96–98]. For inoculum
improvements, efficient and stable metabolic engineering has been applied, such as
genetic engineering and high-throughput screening [99]. Genetic engineering can
not only provide the overexpression of genes encoding for the rapid and sufficient
use of substrate, but also can active the pathway regulating carbon flux towards
desired products through blocking the formation of by-products [100–102]. For
process improvements, immobilization cultures have been developed to reduce
washout of microbial cells and eliminate inhibition caused by high substrate con-
centration [89].
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3.3 Bio-electrochemical Conversion Technology

3.3.1 Microbial Fuel Cell (MFC)

MFC, as a typical bio-electrochemical conversion technology, can directly convert
chemical energy that is stored in the organic matters of biomass to electrical energy
through the catalytic effect of electrogenic bacteria [103–105]. Generally, a simple
MFC includes an anode chamber and a cathode chamber, split by a separator (such
as a proton exchange membrane). Electrogenic bacteria in the anode chamber
oxidize organic matters to release electron and protons under an anaerobic condi-
tion. Afterwards, protons enter the cathode chamber through the separator. The
electrons flow through the external circuit to the cathode chamber and combine with
oxygen and protons to form water, resulting in electricity production [106]. The use
of electrogenic bacteria makes MFCs more suitable compared with the conventional
fuel cells that use precious metal catalysts. MFCs can also take advantages of using
low-cost substrates (such as organic waste) and environmentally available electron
acceptors (such as oxygen) [33, 107, 108].

Although MFCs have a certain potential to produce electricity, there still exists
several technical challenges that need to be solved, such as the economic invest-
ments, electrochemically active bacteria and electrode materials [109–111]. In
recent years, a series of advanced methods have been studied for improving the
viability of MFC technologies. For bacteria improvements, high electrochemically
active bacteria has been successfully achieved through artificial screening [112,
113]. For oxidizing agent improvements, air used in the cathode chamber has been
considered as an alternative chemical agent due to high conversion efficiencies and
desirable environmental impacts [114, 115]. For electrode material improvements,
using carbonaceous materials (such as waste paper, algae, and bamboo) can
decrease the economic cost whilst enhancing the biological compatibility [104,
116]. For bioreactor configuration improvements, single-chamber construction was
used to reduce the ohmic resistance between the anode chamber and cathode
chamber [117]. For process improvements, the concept of microbial electrochem-
ical system has been extended to other applications, including the electrochemical
treatment of contaminants and microbial electro-synthesis of valuable chemicals
[109, 115].

3.3.2 Microbial Electrolysis Cell (MEC)

Generally, the reactions occurred in the anodes of MEC are similar to MFC, and the
same materials used for anodes in MFC (such as carbon cloth, carbon paper, graphite
felt, and graphite granules) can also be employed in MEC [117]. Nevertheless, MEC
utilizes metals or microorganisms attached to the cathode as catalysts to convert
chemical energy in biomass into hydrogen, or to electrosynthesize versatile carbon
fuel (such as methane and alcohols) and valuable chemicals (such as formate,
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acetate, and hydrogen peroxide) from CO2 by using electricity [118, 119]. The
process of bio-electrochemistry in such a system cannot occur spontaneously.
A small power supply generally ranged from 0.2 to 0.8 V should be supplied
between the two electrodes, thereby reducing the thermodynamic barrier [120].
Considering the extra energy consumption of the external power supply, renewable
energy sources such as wind and solar can be applied in such a system [120].

3.4 Biomass Pre-treatment for Bioenergy Conversion

Pre-treatment of biomass prior to bioenergy conversion is shown to be an effective
method for improving bioenergy production. The major pre-treatment methods are
comprised of four different technologies, i.e., physical, mechanical, chemical, and
biological technologies (see Table 4) [121]. Notably, an ideal pre-treatment should
contain the following qualities. First of all, the cell wall structure of biomass should
be effectively destroyed with high reaction rates, low energy requirements, and low
toxic wastes. Secondly, when the hydrolysates are used for biological conversion,
they should contain large amounts of degradable substrates (such as carbohydrate
and protein) and little toxic by-products (such as furan and phenols). Thirdly, the
process of pre-treatment should be easily operated for the large-scale bioenergy
production with low economic investments.

3.4.1 Physical Pre-treatment

Physical pre-treatments mainly include microwave, thermal, hydrothermal, steam
explosion, freeze drying, and osmotic shock. Microwave is commonly used to
extract intracellular organic matters at lab scale. The frequency of microwave is
around 2.5 GHz. When a polar or dielectric material is put in a rapidly oscillating
electric field, heat would be generated by the frictional forces from the inter-
molecular and intramolecular movements [122, 123]. With the increase of energy,
the intracellular water would be heated to a boiling state. Afterwards, water vapour
can disrupt biomass cells in situ. This physical energy can cause the rotation of
molecular dipole through disrupting the weak hydrogen bonds [124]. However, it is
still too weak to break the chemical bonds.

Thermal, hydrothermal, and steam explosion pre-treatment methods have been
long used for disrupting the cell wall structure and decomposing the intracellular
metabolites in large-scale industrial production [69, 121, 125]. Generally, thermal
and hydrothermal pre-treatment are operated in a heating reactor without obvious
pressure changes. However, steam explosion pre-treatment can be described as a
process of sudden pressure drop [126, 127]. Biomass is firstly placed in a sealed
vessel, and generated steam is kept at a high temperature (more than 160 °C) and
pressure (no less than 6 bars) for about 10 to 30 min [128, 129]. Afterwards, steam
is rapidly discharged, and biomass is cooled down in another vessel. The biomass
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structure can be effectively destroyed due to this rapid change of pressure. The
heating temperature of hydrothermal pre-treatment without or with steam explosion
(from 110 to 270 °C) is higher than conventional thermal pre-treatment (from 50 to
100 °C) [121]. It is also dependent on the characteristics of biomass. Cellulose
surrounded by hemicellulose and lignin cannot be easily destroyed, resulting in the
requirement for a high pre-treatment temperature (above 180 °C) during
pre-treatment. In terms of microalgae or other waste organic substrates (such as
food waste and sewage sludge), temperatures above 180 °C may cause formation of
toxic by-products and reduce the anaerobic biodegradability of biomass [130].

Freeze drying is a process of ice crystal sublimation. Biomass is firstly frozen at
a temperature below −40 °C and then subjected to a low pressure around 1 kPa
[123, 131]. Due to the growth of ice crystals, the cell wall of biomass can be
punctured and become more porous. Additionally, biomass should be allowed to
freeze slowly in order to form large intracellular ice crystals. A quick supply of heat

Table 4 Comparison of major pre-treatment methods (adapted from [121], Copyright 2014, with
permission from Elsevier)

Pre-treatment Advantages Disadvantages

Thermal
(below 100 °C)

• Low energy demand
• Non-chemical
contamination

• Simple operation
• Scalability

• Long reaction time
• Low hydrolysis performance

Hydrothermal (above
100 °C)

• Non-chemical
contamination

• Simple operation
• Scalability

• High energy demand
• Risk of formation of inhibitors

Steam explosion
(above 100 °C)

• Non-chemical
contamination

• Scalability

• High energy demand
• Risk of formation of inhibitors
• High investment cost

Microwave • Non-chemical
contamination

• High hydrolysis
performance

• Short reaction time

• High energy demand
• High investment cost

Sonication • Non-chemical
contamination

• Simple operation
• Scalability

• High energy demand
• Low hydrolysis performance
• High investment cost

Chemical • Low energy demand
• High hydrolysis
performance

• Short reaction time

• Chemical contamination
• Risk of formation of inhibitors
• High economic cost

Enzymatic • Low energy demand
• Non-chemical
contamination

• High hydrolysis
performance

• Long reaction time
• High sensitivity to reaction
conditions

• High economic cost
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energy may cause localized melting and structural deformations [123]. Although
freeze drying can effectively enhance the extraction performance, some disadvan-
tages still hinder its fast development, including for high energy input and long
reaction time.

Osmotic shock using salt solution or other neutral polymers (such as poly-
ethylene glycol and dextran) is considered as a simple pre-treatment method for a
wide range of biomass [132, 133]. This method can cause a sudden reduction in the
concentration of water across the cell membrane. The rapid change of intracellular
pressure can lead to the disruption of biomass cells. Nevertheless, it usually con-
sumes large amounts of chemicals, resulting in adverse environmental impacts and
high economic costs. It also requires a long reaction time to successfully disrupt
cells. As for these reasons, freeze drying and osmotic shock have not yet been
applied for biomass pre-treatment at a large scale.

3.4.2 Mechanical Pre-treatment

The major mechanical pre-treatments consist of bead milling, homogenization, and
sonication. Among these methods, bead milling and homogenization have been
proven to be more promising technologies for large-scale biomass disruption,
especially in high biomass concentration applications (50–200 kg/m3) [132].
However, the energy requirements of such methods are higher than sonication.
A bead beater composed of either a vertical or a horizontal cylindrical compartment is
commonly used for bead milling. In the compartment, biomass and glass or steel
beads are mixed under a high speed spin condition [132, 134]. The disruption degree
mostly depends on the contact area between biomass and beads, the size, shape and
composition of the beads, and the strength of the biomass cell wall [135–137].

The reactor of homogenization includes one or two positive displacement
pumps; this design can force biomass suspension through an orifice to collide
against a valve seat under a pressure from 150 to 400 MPa [123, 138, 139]. The
impingement of biomass on the surfaces of valve seats and impact rings can cause a
sudden drop of pressure, leading to an increase of gas bubbles in biomass cells.
With the decrease of flow velocities, these gas bubbles may collapse and a series of
cavitation bubbles would emerge. Many studies propose that cavitation bubbles
have a closely link to cell disruption [134, 140, 141].

The mechanism of cell disruption caused by sonication is similar to homoge-
nization. For sonication, the micro-bubble cavitation can provide chemical and
mechanical energy to disrupt the cell wall structure of biomass [142]. To obtain a
good pre-treatment performance, high output power should be applied; whereas a
low output power may only provide a small amount of cavitation, resulting in an
undesirable damage of biomass cells.
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3.4.3 Chemical Pre-treatment

Chemical pre-treatments mainly include acids, alkalis, organic solvents, ionic liq-
uids, and supercritical fluids. Alkali and acid reagents are commonly applied in the
pre-treatment of lignin rich biomass. Alkalis have significant effects on lignin
removal, whereas acids are proven to be efficient in the solubilization of cellulose
and hemicellulose [33, 143, 144]. Additionally, alkalis can decrease the crystallinity
of lignocellulose-based biomass, leading to an increase of the porosity and internal
surface area [69, 132]. A certain amount of alkali residues remaining in the biomass
hydrolysates may be helpful to prevent the rapid reduction of pH during the aci-
dogenesis process of AD [69]. Alkaline and acid pre-treatment can be conducted by
diluted or concentrated solution. Diluted solution pre-treatment is usually combined
with other pre-treatment methods, such as sonication and microwave [76, 145, 146].
With a good synergistic effect, this combined method can increase the degradation
degree of biomass and obtain a high yield of biogas. Concentrated solutions are
more effective than dilute solutions for cellulose and hemicellulose hydrolysis.
However, the reliability of operation and the formation of by-products are the main
factors limiting large scale application. Additionally, due to a heavy use of toxic
and corrosive chemicals, post-treatment is required to reduce the environment
impact.

Organic solvents are conventional reagents that are used to improve the per-
formance of lipid extraction. Polar solvents such as ethanol or methanol have the
ability to disrupt the vander Waals interactions in the cell membrane, which are
formed by the hydrogen bonds and proteins [147]. Non-polar solvents (such as
n-hexane) or weak-polar solvents (such as chloroform) can successfully penetrate
into the cells and extract the crude lipids presented in the cytoplasm. As this method
requires large amounts of solvents and long reaction time, cell wall disruption and
lipid extraction are commonly conducted in the ionic liquids or supercritical fluids.
Ionic liquids are composed of relatively large asymmetric organic cations and small
inorganic or organic anions [148–150]. Similar to the effects of polar solvents, the
hydrogen bonds on the cell wall can also be disrupted by the ions. A strong change
of cell morphology can increase the extraction yield of crude lipids [151]. It should
be noted that even today the economic cost of ionic liquid production is still very
high.

Supercritical fluids generally have the properties of liquid and gas [132, 152]. In
other words, they can effuse through solids like gases and dissolve materials like
liquids [153]. Compared to other chemical pre-treatment methods, this method can
effectively extract intracellular materials in a short time without using toxic organic
solvents. As a result, using supercritical fluids is considered as a promising tech-
nology for biomass pre-treatment. High economic cost in equipment investment and
maintenance is the major challenge for realizing its commercial utilization.
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3.4.4 Biological Pre-treatment

Enzymes, as the biological catalysts, can catalyse a large number of reactions in
biological systems, especially the biological degradation of organic compounds.
For biological pre-treatment, the hydrolytic enzymes can effectively convert the
macromolecular substrates (such as cellulose and hemicellulose) to low molecular
compounds (such as oligosaccharide or monosaccharide) [33]. Most of all, bio-
logical pre-treatment does not produce large amounts of toxic inhibitors in the
subsequent bioenergy production. Since the reaction conditions are mild, it is also
considered as a promising method to replace high energy-consuming
pre-treatments. Notably, the operability of this method depends largely on the
activity and the specificity of hydrolytic enzymes. A slight change of the reaction
conditions including temperature and pH may significantly reduce the pre-treatment
performance. The high economic costs in enzyme extraction may also limit its
development.

4 Biofuel Upgrading and Utilization

4.1 Biofuel Upgrading

Bio-oil and biogas are common biofuel products that can be widely used in the
transport sector. Raw bio-oil is composed of several hundred organic compounds
such as acids, alcohols, aldehydes, esters, ketones, and phenols [153–155]. Extreme
amounts of unwanted organic compounds would result in negative impacts, such as
low heating value and high viscosity [12, 156]. The metallic elements remaining in
the aqueous phase may also affect the normal engine operation and reduce its
lifetime. Additionally, high water and ash content may limit the utilization of
bio-oil. Thus, a bio-oil upgrading process is required to remove the impurities and
to improve the heating values before utilization.

Raw biogas mainly comprises of abundant methane (40–75%) and carbon
dioxide (15–60%). Besides, trace amounts of other gaseous components such as
water vapour, nitrogen, oxygen, hydrogen sulphide, ammonia and carbon monoxide
still remain in raw biogas [11]. To make the use of biogas more effective and clean,
carbon dioxide and trace components also should be removed.

4.1.1 Bio-oil Upgrading Technology

The bio-oil upgrading technologies mainly include hydrogenation, supercritical
fluids, esterification, emulsification, and steam reforming [153]. Table 5 shows the
advantages and disadvantages of different bio-oil upgrading technologies.
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Hydrogenation consists of hydro-treating and hydro-cracking and is most
commonly used in industrial refineries. With increase in hydrogen content,
excessive oxygen in the raw bio-oils can be successfully removed and the quality of
fuel products can be significantly improved. To realize hydrogenation reactions,

Table 5 Comparison of different bio-oil upgrading technologies (adapted and reprinted from
[153], Copyright 2012, with permission from Elsevier)

Methods Reaction
conditions

Advantages Disadvantages

Hydro-treating Temperature:
around 500 °C;
Pressure:
atmospheric
pressure;
Requires
catalysts

• Mature conversion
technology

• High amounts of char,
coke, and tar

• Reactor clogging
• Catalyst deactivation

Hydro-cracking Temperature:
above 350 °C;
Pressure: 0.7–
13.8 Mpa;
Requires
catalysts

• Mature conversion
technology

• Large quantities of
light
products

• High energy
consumption and
economic cost

• Reactor clogging
• Catalyst deactivation

Supercritical
liquids

Temperature:
mild;
Supercritical
state;
Requires
organic
solvents

• High bio-oil yield
• High quality of bio-oil

• High economic cost for
the use of organic solvent

• High energy
consumption

Esterification Temperature:
mild;
Pressure:
atmospheric
pressure;
Requires
organic
solvents

• Simple operation
• Low energy
consumption and
economic cost

• Mature conversion
technology

• High quality of bio-oil

• Adverse environmental
impacts caused by
homogeneous catalysts

• Low reusability of
heterogeneous catalysts

• High economic cost for
the use of organic solvent

Emulsification Temperature:
mild;
Pressure:
atmospheric
pressure;
Require
surfactants

• Simple operation
• Low energy input
• Low corrosive

• High economic cost for
surfactant production

• Not a long-term method

Steam
reforming

Temperature:
800–900 °C;
Pressure: low;
Require
catalysts

• Produces synthesis
gases, including
hydrogen production;

• High energy
consumption and
economic cost

• Complex reaction system
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catalysts are usually required [157]. Comparing these two different hydrogenation
processes, hydro-treating can be used to convert aromatics to naphthenes at around
500 °C under atmospheric pressure [153, 154, 158]. A constant high pressure
ranged from 0.7 to 13.8 MPa is needed for hydro-cracking. Table 5 shows the
advantages and limitations when hydrogenation is applied for bio-oil upgrading.
Large amounts of by-products such as char, coke, and tar produced by
hydro-treating would cause catalyst deactivation and reactor clogging. Meanwhile,
high pressure and temperature used in hydro-cracking would also increase the
energy consumption and investment cost [156, 157].

Steam reforming is considered as an effective method to upgrade raw pyrolysis
bio-oils through increasing the octane numbers at the temperature from 800 to 900 °C
[153]. Since various chemical reactions including cracking, dehydrogenation, and
isomerisation would simultaneously occur at such a high temperature, a dependable
and steady reaction process is necessary for steam reforming [153]. On the other hand,
these uncertain reactions also increase the complexities of reactor design.

Supercritical fluids can promote the gasification and liquefaction reactions via
dissolving liquid or gaseous insoluble materials [153, 159] Many organic solvents
such as ethanol, methanol, butanol, and propanol have been adopted to improve the
performance of bio-oil upgrading [159]. In such a process, the final bio-oil products
usually exhibit a high heating value with a low viscosity. Whereas, the heavy use of
organic solvents would also make it economically unfeasible on an industrial scale.
Many advanced approaches have been employed to solve these problems in recent
years. Bennion et al. reported a detailed process that used near-critical propane for
bio-oil upgrading [12]. The bio-oil upgrading process includes four sub-processes,
in which four extractors are operated at 23 °C under the pressure of 3.5, 3, 2, and
0.2 MPa, respectively. Besides extracting oil products for biofuel production, some
of the chemical absorbents can be also used to extract derivative products, such as
phenols, pyrroles and alkanes [160]. Esterification is defined as the reaction
between organic acids and short chain alcohol (such as methanol or ethanol) in the
presence of catalyst. This method can not only reduce the acidity and viscosity of
raw bio-oil, but also improve its volatility and heating value [161, 162]. Adding
emulsifier such as octanol to raw bio-oil can also improve its ignition property
[153]. In addition, mixing bio-oil with other fuel sources such as diesel fuels is
widely adopted due to the simpler operation and lower economy costs [163].

4.1.2 Biogas Upgrading Technology

The current technologies for biogas upgrading mainly include water scrubbing,
physical absorption, chemical absorption, pressure swing adsorption, cryogenic
separation, and membrane separation. Table 6 shows a comparison of several major
biogas upgrading technologies. Considering the potential for inexpensive heat
associated with power plants and electricity availability, different countries may
choose different upgrading technologies [11]. The energy consumption and
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Table 6 Comparison of biogas upgrading technologies (adapted and reprinted from [11],
Copyright 2016, with permission from Elsevier)

Methods Reaction parameters Advantages Disadvantages

Water
scrubbing

Temperature: ambient;
Pressure: 0.8–2.0 Mpa;
Material: water

• High gas quality
• Less CH4 losses
• No deep
desulfurization

• No heat energy
supplement

• Complex operation
• High investment cost
• Scrubber clogging
caused by
microorganism growth

• Require dry process
• Require large amounts
of water

Physical
absorption

Temperature: mild;
Pressure: 0.7–0.8 Mpa;
Material: propylene carbonate,
polyethylene glycol dimetyl ether,
etc.

• High gas quality
• Less CH4 losses
• No deep
desulfurization

• Require large amounts
of solvents

• Solvent losses caused by
volatilization

• Chemical contamination

Chemical
absorption

Temperature: around 160 °C;
Pressure: around 0.1 Mpa;
Material: monoethanolamine,
diethanolamine, etc.

• High gas quality
• Less CH4 losses
• Compact process

• High investment cost
• High energy
consumption

• Require large amounts
of solvents

• Require deep
desulfurization

• Chemical contamination
• Waste water disposal

Pressure
swing
adsorption

Temperature: ambient;
Pressure: 0.6–0.8 Mpa;
Material: activated carbon, carbon
molecular sieve, etc.

• High gas quality
• No process water
demand

• Partial removal of
N2 and O2

• No waste water

• Complex operation
• High investment cost
• CH4 content not stable
• Require deep
desulfurization

• Require 3–4 parallel
sheets

Cryogenic
separation

Temperature: around −60 °C;
Pressure: 1.8–2.5 Mpa

• High gas quality
• Less CH4 losses
• No chemicals
• No deep
desulfurization

• Low extra energy
cost for liquid
CH4

• Complex operation
• High investment cost
• High energy
consumption

Membrane
separation

Temperature: ambient;
Pressure: 0.6–0.8 Mpa;
Material: polyimide membrane,
polysulfone membrane, etc.

• Fast installation
and start-up

• Flexible
production output

• Low mechanical
abrasion

• Possible re-use of
CO2

• Compact process

• Complex operation
• Low CH4 recovery
• High investment cost
• Unstable long-term
operation

• Require deep
desulfurization
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economic cost are also closely related to the size of biogas plant; they significantly
decrease through increasing the capacity of biogas plant [164].

For transport fuels, upgraded biogas should contain a high content of methane
(more than 97%) and a low content of carbon dioxide (less than 3%) [165]. Carbon
dioxide removal is the most important process for biogas upgrading. However,
current biogas upgrading technologies are not considered complete carbon dioxide
absorption; the released carbon dioxide can still lead to some GHG emissions and
reduce the sustainability of the bio-methane. For this reason, exploring alternative
biogas upgrading technology and associated carbon capture is necessary to optimize
sustainability.

Methanation using hydrogen sourced from surplus electricity sourced from
renewables such as wind, solar, and tide provides a good sustainable option for
biogas upgrading and carbon capture. Water can be converted to hydrogen and
oxygen via electrolysis; hydrogen and carbon dioxide can be used to produce
methane and water through the catalytic or biological methanation [166, 167].

Furthermore, since carbon dioxide is commonly used as a carbon source in the
microalgae cultivation, biogas can also be effectively upgraded through microalgae
photosynthesis. When raw biogas is directly pumped into the microalgae suspen-
sion, the increased oxygen content may make the gas mixture potentially explosive
[168]. Separating oxygen and methane would still consume large amounts of
energy and is expensive. Many advanced technologies focused on consuming the
produced oxygen [169] or separating the process of microalgae cultivation and
carbon dioxide absorption [11].

4.2 Biofuel Utilization

Compared to the conventional fossil fuels, the use of biofuels have many benefits,
including readily available sources and technologies, renewability, high combustion
efficiency, low sulphuric and aromatic content, and biodegradability [170].
Co-combustion of biofuel and conventional diesel fuels in the same engine or boiler
usually results in low flue gas emissions of carbon monoxide (CO), unburned HCs,
sulphide, and PM; it can further reduce adverse environmental impacts such as air
pollution, acid rain, and soil acidification [171]. For instances, when adding 20%
soybean-based bio-oil to diesel fuels, the total emissions of PM, unburned HCs, and
CO would decrease by 10.1%, 21.1%, and 11%, respectively [172]. When burning
of ethanol-diesel blend fuel, the mass of PM can decrease by 11.7–26.9% [173].
Nevertheless, emissions of nitrogen oxide (NOx) would increase via co-combusting
of these blended fuels [172]. This is attributed to the high oxygen content of bio-oil
and bio-ethanol. A series of reasonable modifications, such as lowering the reaction
temperature, reducing the oxygen supply, and decreasing the burning time can
overcome this unfavourable issue.

Due to the effective absorption of CO2 by biomass photosynthesis, global
warming can also be mitigated to some extent [12, 174–176]. The compatibility of
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bioenergy vectors with existing industrial production can decrease the economic
cost in technical improvement [177]. High value by-products (such as pitch,
paraffin, and lubricating oil) can be produced during the biofuel production, thereby
promoting the formation of bio-chemical production system.

Biogas can be regarded as a clean gaseous biofuel. The use of biogas as a vehicle
fuel can significant decrease the exhaust emissions that are caused by
diesel-powered vehicles; the total emissions may be even lower compared with
those of using bio-oil or bio-ethanol [178]. Nevertheless, to date, most of the
produced biogas is used for heat and/or power generation. The development of
biogas as a transport biofuel is hampered by several factors, such as the complex oil
engine modification, the limited biogas filling stations, and the high economy costs
of dual-fuel vehicles [179]. Stimulating policies would be very beneficial for the use
of biogas as a vehicle fuel. It must be stated that these problems can be overcome as
exemplified by the widespread use of bio-methane as a transport fuel in Sweden.

5 Conclusion

Biomass, which is considered as the sole renewable carbon source, is widely dis-
tributed across the planet. Bioenergy derived from biomass will play an important
role in the future as a clean energy supply, especially for the transport sector. There
are a number of existing techniques to realize bioenergy production from various
types of biomass. However, no single bioenergy conversion route is suitable for all
biomass feedstock. It is very important to combine suitable biomass substrate with
the cost-effective bioenergy conversion pathway to improve the energy efficiency
and the economic feasibility. Advanced techniques for high efficient bioenergy
conversion using non-food based biomass, such as lignocellulosic biomass and
aquatic algae, needs to be developed urgently. Bioenergy in all its complexity and
variety is constantly scrutinised for its sustainability. Evidence of sustainability
must be shown through detailed analyses of energy flows, economic feasibility and
environmental impacts in biomass cultivation, harvesting, and conversion.
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Chapter 2
Role of Bioreactors in Microbial
Biomass and Energy Conversion

Liang Zhang, Biao Zhang, Xun Zhu, Haixing Chang, Shiqi Ou
and Hong Wang

1 Introduction

In recent decades, the global energy crisis and widespread environmental
destruction caused by over-exploitation of traditional, petroleum-based energy
sources have put forward a pressing need to develop renewable and sustainable
energy. Renewable sources of energy, including biomass, hydropower, geothermal,
solar, wind and marine energy, have become important and promising parts of the
energy infrastructure. Among the different types of renewable energy, bioenergy is
a widely available source that supplies combustion for motor fuels, electricity
power, and other domains. Bioreactors are the principal devices that provide a
suitable environment for the biochemical reactions involved in microbial biomass
cultivation and energy conversion. Bioreactor technology attracts great interest in
processes such as microbial biomass cultivation, microbial biofuel conversion, and
microbial electrochemical systems because of its simplicity, moderate reaction,
sustainability, low energy and raw material input, and minimal carbon footprint.
Undoubtedly, bioreactor technology is one of the most promising approaches for
microbial biomass production and energy conversion, and plays a significant role in
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this bioprocess. In this chapter, the role of bioreactors is reviewed with respect to its
application in microbial biomass cultivation, microbial biofuel conversion, and
microbial electrochemical systems. In addition, fundamental aspects and notewor-
thy functions of bioreactors are outlined within each of these applications.

2 Bioreactors in Microbial Biomass Cultivation

It is well known that microbial energy conversion technology is an effective and
eco-friendly solution to global energy problems. Within this technology, cultivation
of microbial biomass such as microalgae is one of the most promising. The lipid
productivity of microalgae is ten times higher than that of terrestrial crops like
soybean and sunflower. Additionally, microalgae have many other advantages like
high photosynthetic efficiency, low water footprint, and the ability to grow on
non-arable land using nutrients from wastewater. The microbial energy conversion
process is usually conducted in a bioreactor, which provides a suitable environment
for microbial cells. Therefore, bioreactors play a significant role in the cultivation of
microbial biomass and can promote the widespread use of bioenergy.

2.1 Application in Microbial Biomass Cultivation

As one of the main methods of producing microbial biomass, microalgae cultiva-
tion can be divided into photoautotrophic, heterotrophic and mixotrophic cultiva-
tion depending on the type of carbon and energy source.

In photoautotrophic cultivation, microalgae use photosynthesis to convert light
and inorganic carbons (e.g., CO2 and HCO3

−) into high-value organic matter,
which is nature’s most primitive way of converting carbon into biomass. The
synthetic intracellular organic matter produced by microalgae in photoautotrophic
cultivation can be made into biodiesel, cosmetics, and food. Additionally, pho-
toautotrophic cultivation is suited to large-scale production due to its easy, low-cost
operation and maintenance. However, photoautotrophic culture medium impedes
light penetration, thereby greatly restricting high-density microalgae cultivation. At
present, the microalgae concentration in small photobioreactors can reach 5–6 g/L,
but the concentration in outdoor ponds only reaches 1–1.5 g/L. The low density of
microalgae makes it difficult to separate the useful biomass from excess bulk and
limits the large-scale cultivation of microalgae in bioreactors.

In heterotrophic cultivation, microalgae utilize organic carbon sources present in
the culture medium (like glucose and acetic acid) to synthesize intracellular
macromolecules like chlorophyll, proteins, and carbohydrates, without the need for
light energy [1]. Heterotrophic microalgae cultivation can produce a relatively high
biomass concentration since it directly utilizes organic matter in the medium as the
energy source, thereby avoiding the growth limitations caused by insufficient light
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penetration in photoautotrophic cultivation. It is reported that the biomass con-
centration of heterotrophic cultivation can easily reach 100 g/L. Therefore, in terms
of high-density accumulation of biomass, heterotrophic cultivation of microalgae in
bioreactors is superior to photoautotrophic cultivation [2]. However, there is an
increased risk of bacterial contamination in heterotrophic cultivation, requiring the
culture medium to undergo a thorough sterilization process prior to use.
Additionally, the cost of replenishing the culture medium is also an important factor
hindering commercial heterotrophic production of microalgae biomass [3].

In mixotrophic cultivation, microalgae cells are capable of reproducing under
both photoautotrophic and heterotrophic conditions, using both inorganic and
organic carbons as their energy source for growth [4]. Although mixotrophic cul-
tivation can partially reduce the photo-limitation effect present in photoautotrophic
cultivation and the bacterial contamination risk present in heterotrophic cultivation,
it is rarely used in large-scale microalgae biomass and biofuel production due to
operating complexity.

2.2 Bioreactors in Microbial Biomass Cultivation:
The Fundamentals

A bioreactor refers to any manufactured or engineered system that supports a
biologically active environment [5]. A photobioreactor (PBR) is a type of bioreactor
that incorporates a light source (natural sunlight or artificial illumination). The
success of mass production of microalgae for biodiesel depends greatly on the
design and performance of PBRs [6].

2.2.1 Configurations

As shown in Fig. 1, bioreactors for microalgae cultivation can be categorized into
open ponds (raceway pond) and closed PBRs (flat-plate, column, and tubular PBRs)
[7].

Open ponds can be subdivided into natural waters (lakes, lagoons, and ponds),
artificial ponds, and containers [8]. Because of their low cost, convenient mainte-
nance, and large-scale suitability, open ponds are widely used in commercial
production. Taking raceway ponds as an example, the depth of microalgae sus-
pension is about 15–30 cm, with circulating flow driven by a pump. This water
circulation keeps the cells in suspension, generating enough velocity to prevent
cells from settling or aggregating via flocculation. However, the major limitations in
open ponds include poor productivity, the need for large tracts of land, the
restriction to certain microalgae strains, poor light utilization, and constant loss of
water via evaporation [9]. Raceway ponds can typically yield a biomass concen-
tration of 1 gdryweight/L and reach a productivity level of 100 mgdry weight/L/d [10].
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A closed PBR is generally made of glass, plastic, or some other transparent
material [11]. Since the culture conditions (like temperature, humidity, and flow
parameter) are easy to control, this kind of bioreactor has some advantages over
open ponds, such as large illuminated surface area per unit volume, long gas
residence time, high growth rate, and high biomass concentration. In addition, the
closed PBR is less likely to cause environmental pollution. Therefore, extensive
research is focused on optimizing the closed PBR. In terms of structure, closed
PBRs can be divided into three types: the flat-plate, the column, and the tubular
PBR [7]. Flat-plate PBRs have attracted particular interest for the cultivation of
photosynthetic microorganisms due to their large illuminated surface to volume
ratio and their modular design that is convenient for scaling up. For example, Pulz
et al. [12] reported an optimized, large-scale, flat-plate PBR module of 6000 L, and
Tredici et al. [13] developed a vertical alveolar panel (2.2 m2) based on the same
material. In column PBRs, CO2 gas is bubbled into the microalgae suspension
through a gas distributor to provide the carbon source for growth. The force of the
rising bubbles keeps the microalgae suspension circulating. The advantages of
column PBRs include efficient mass transfer, good mixing with low shear stress and
low energy consumption [9]. Tubular PBRs are usually made of transparent
materials and are placed under natural sunlight or an artificial light source.
The mixing of the microalgae suspension in this type of bioreactor is driven by a
pump or airlift system. Some disadvantages include high manufacturing cost,

Fig. 1 Raceway pond (a), flat-plate photobioreactor (b), column photobioreactor (c) and tubular
photobioreactor (d) (adapted and reprinted from [7], Copyright 2011, with permission from
Elsevier)
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poor circulation, and accumulation of dissolved oxygen [14]. Nevertheless, tubular
PBRs are currently the most widely used type of closed bioreactor for large-scale
cultivation of microalgae due to their large illuminated surface to volume ratio and
relatively high biomass productivity.

2.2.2 Functions

There are four main applications of bioreactors in microalgae cultivation [15]:

(1) Bioreactors are used to cultivate small phototrophic organisms, such as
cyanobacteria, algae, or moss plants for biodiesel and other liquid fuels [16].
For example, microalgae open pond systems were used for biofuel production
between 1980 and 1996 by the United States (U.S.) Department of Energy’s
ASP plan [17].

(2) Bioreactors can be used to generate microalgae biomass and other high-value
metabolites. The nutrient composition of algal biomass has proved to be a
superior alternative in animal feed supplements [18]. For example, the most
common Chlorella sp. and Spirulina sp. can be used as food, food additives,
and feed supplement in the form of algal biomass powder.

(3) Bioreactors are also designed to treat exhaust gas and wastewater [19]. Since
CO2 is efficiently absorbed by microalgae in bioreactors, flue gas and other
industrial waste gases can be used to provide their carbon source. Microalgae
cultivated in bioreactors are used to absorb nitrogen, phosphorus, heavy metals,
and other toxic substances present in wastewater [9].

(4) Bioreactors are used in manned space exploration programs as bioregenerative
technology like the Controlled Ecological Life Support System.

2.2.3 Influencing Factors

Light is used as an energy source in microalgae photosynthesis, and light intensity
is one of the most important factors in this process [20]. There are three aspects of
light that influence the growth of microalgae: light intensity, optical wavelength,
and photoperiod. Light is the driving force of photosynthetic electron transfer, and
the electron transfer rate is improved with increased light intensity. An increased
electron transfer rate in turn enhances the rate of photosynthesis. However, light
intensities above the light saturation point can inhibit the growth of microalgae [21].
Therefore, in the process of microalgae cultivation, light intensity should be
maintained as close to the light saturation point as possible.

CO2 is the main carbon source for microalgae photosynthesis, and the CO2

transfer process directly affects photosynthesis, especially the dark reactions of
photosynthesis. According to the two-film theory, CO2 molecules in the gaseous
phase are utilized by microalgae cells in two main stages. In the first stage, CO2

molecules transfer from the gaseous phase to the liquid phase. In the second stage,
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this liquid form of inorganic carbon is converted into organic carbon in the
microalgal cell [22]. Microalgae cultivation in an airlift PBR uses a typical
carbon-capture process in which CO2 is bubbled into the reactor via a gas dis-
tributor. As the gas rises up through the reactor, the CO2 molecules diffuse across
the gas-liquid interface and dissolve into the surrounding microalgae suspension.
Afterwards, the dissolved CO2 is consumed by microalgae cells to produce organic
matter through photosynthesis [6, 23]. In the above-mentioned process, the effi-
ciency of CO2 delivery can significantly affect microalgae growth, bio-oil accu-
mulation, and CO2 fixation in the PBR.

Temperature is another important factor influencing microalgae metabolism by
affecting enzyme activity. The optimum temperature range for microalgae growth
varies by strain. In general, the ideal temperature for microalgae cultivation ranges
from 20 to 24 °C. The most commonly used microalgae species can tolerate
temperatures between 16 and 27 °C. Temperatures lower than 16 °C will attenuate
the growth of microalgae, whereas temperatures higher than 35 °C are lethal for a
number of species [24].

The pH of the culture medium has a large impact on microalgae growth and other
physiological processes. The pH can affect the dissolution and diffusion of CO2 in
the liquid phase, thus affecting the efficiency of photosynthetic carbon fixation. In
addition, the pH can influence microalgae respiration rate, ion absorption, metabo-
lism, and distribution of algal cells in the bioreactor [25–27]. Different species of
microalgae prefer different pH values. Additionally, the pH of a microalgae sus-
pension tends to increase during the cultivation process, which hinders the enzy-
matic activity of the microalgae and in turn inhibits growth. Therefore, it is important
to actively maintain the pH of the culture medium at the optimum range by adding
acetic acid or hydrochloric acid to the medium during cultivation.

2.3 The Importance of Bioreactors in Microbial Biomass
Cultivation

2.3.1 Ideal Site for Microbial Growth and Metabolic Reactions

Bioreactors are the primary devices that provide a suitable environment for the
biochemical reactions mediated by microorganisms. Almost all microbial metabolic
processes are carried out in bioreactors. Growing microorganisms in bioreactors
reduces the risk of contamination, improves the reproducibility of cultivation con-
ditions, provides controlled hydrodynamics, temperature, and substratum, and
allows appropriate technical design [28]. Bioreactors provide favorable physical and
chemical environments for biological metabolism, allowing microorganisms to grow
and metabolize at relatively high rates. In the biological engineering industry, the
bioreactants, substrate, enzyme, catalyst, and nutrients are added to the bioreactor to
undergo biochemical reactions aided by microbial cells. Then, these microbial cells
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proliferate and synthesize various metabolic products. Bioreactors provide the
necessary mixing, mass transfer, and physical containment to guarantee a controlled
environment for the organism to produce the desired biological product [29].

During the past few decades, bioreactors have been applied in many fields for
biomass cultivation and metabolite production. Chinnasamy et al. [30] used open
and closed bioreactors for microalgae biomass accumulation. Lehr and Posten [31]
employed PBRs to produce biofuel. Zhang et al. [32] analyzed the performance of a
groove-type PBR for hydrogen production by immobilized photosynthetic bacteria.
Pen et al. [33] designed an innovative membrane bioreactor for methane biohy-
droxylation. Furthermore, bioreactors have been widely used in many fields such as
the chemical, pharmaceutical, material, environmental protection, and metallurgy
industries. The development and optimization of bioreactors and their operating
parameters are therefore a key focus of biochemical engineering.

Microbial biomass production involves a series of complex biochemical reac-
tions that call for specific physicochemical properties of the reactants and appro-
priate transfer characteristics of light, mass, and heat [34]. A high solid liquid ratio
is conducive to the mass and heat transfer process in microbial systems. The vis-
cosity, turbidity, and homogeneity of the reaction liquid inside the bioreactor, as
well as its physical properties (temperature, light intensity, pH, etc.), have important
influences on the biomass production process. In other words, flow pattern, light
penetration properties, as well as heat and mass transfer characteristics of the
reaction liquid directly influence the microbial biomass production process.

2.3.2 Multiphase Flow

For the optimal design and operation of bioreactors, turbulent mixing of multiphase
flows have been recognized as an important factor in determining the overall per-
formance of the bioreactor [35]. In a well-mixed bioreactor, local turbulences can
position the microorganism’s cells randomly throughout the container and near the
substratum sources. As a result, each individual cell is exposed to a suitable growth
environment. A well-mixed bioreactor is also necessary to prevent cells from set-
tling or attaching to the reactor walls. Free-floating cells allow for maximal gas
exchange and prevent accumulation of excess metabolites that could inhibit growth.
However, intense mixing can inhibit growth by causing high levels of shear stress
and physical damage to the cells [36]. Therefore, appropriately controlled circu-
lation is a key factor for the optimal design and operation of a bioreactor.

Several studies have investigated the optimum circulation dynamics of different
types of bioreactors. Ninno and Power [37] investigated turbulent multiphase flows
in a flat-panel bioreactor and their consequent effects on microalgae cultivation
using Computational Fluid Dynamics (CFD) simulation and Particle Image
Velocimetry (PIV). Liao et al. [38] conducted Lattice Boltzmann simulation on
liquid flow and mass transfer in a bioreactor with a cylinder bundle for hydrogen
production. Sikula et al. [39] developed a fermentation model in an internal loop
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airlift bioreactor to enhance fermentation efficiency. Zhang et al. [40] studied
multiphase flow in an anaerobic bioreactor with a multi-scale approach.

2.3.3 Heat and Mass Transfer

Heat and mass transfer in a bioreactor mainly include the transfer of light, heat,
organic or inorganic matter, and metabolites. Most bioreactions are sensitive to
temperature. Hence, it is essential to analyze the thermal dynamics of the microbial
biomass production process and regulate heat transfer to achieve efficient biomass
production.

Laukevics et al. [41] reported that steric hindrance, which encompasses the
effects of geometry, mass transfer, and substrate availability, was partially
responsible for limited microbial growth in the void spaces of the substrate bed.
Rathbun and Shuler [42] reported that steep temperature gradients (reaching 50 °C
in the reactor bed) inside the static bioreactor were sufficient to prevent the growth
of microorganisms. The interaction between the complex phenomena of heat and
mass transfer often leads to the development of steep concentration and temperature
gradients, resulting in non-homogeneous conditions in the bioreactor and subse-
quent low efficiency. In addition, Rajagopalan and Modak [43] modeled the heat
and mass transfer for solid-state fermentation (SSF) in a tray bioreactor. The extent
of growth restriction due to inefficient heat and/or mass transfer was analyzed
during different stages of fermentation. It is expected that this model can lead to a
better understanding of the transport processes in SSF, thereby allowing opti-
mization of bioreactor design for SSF. A different study by Valiorgue et al. [44]
investigated CO2 mass transfer and conversion to improve microalgae biomass
accumulation in a horizontal gas-liquid PBR.

2.3.4 Energy Conversion

The potential for the production of biofuels or other valuable byproducts from
biomass has recently been intensively investigated. However, many bottlenecks still
exist and most of these processes are considered cost-prohibitive [45]. Open PBR
systems like raceway ponds have proven to be the most cost-effective method to
produce microbial biomass on a large scale but closed PBR technologies are still
necessary to provide inoculum cultures for the large-scale systems [46]. Even for
the production of high-value products, the cost of manufacturing and operating
closed bioreactors can be restrictive. Therefore, there is much ongoing research
examining and optimizing the cost-benefit ratio of PBRs. Jacoblopes et al. [47]
investigated the biotransformation of carbon dioxide (CO2) in PBRs. Murphy [48]
designed an artificial leaf for biofuel production and improved the energy conver-
sion efficiency in the bioreactor system. Moreover, many researchers have inves-
tigated the light energy conversion process and designed many kinds of novel
bioreactors to improve the efficiency of energy conversion [49–52].

46 L. Zhang et al.



3 Bioreactors in Microbial Biofuel Conversion

Over-utilization of traditional fossil fuels has caused severe energy shortages and
environmental damage. The combustion products of fossil fuels, like SO2, NOx,
CO, CO2, etc., are harmful to the environment. It is therefore necessary to develop
renewable and environment-friendly energy sources [53]. Microbial biofuels are
promising energy alternatives owing to prevalent raw materials, mild operation
conditions, and clean combustion products. Currently, increasing efforts are being
made to improve biofuel production using this promising approach. In order to
maximize biofuel production, microbial cells require an optimal environment for
growth. To maintain such favorable conditions for microbial growth and metabo-
lism, bioreactors play an indispensable role.

Bioreactors, especially closed bioreactors, can provide the ideal milieu for
microbial growth and metabolism. Microbial biofuel conversion is mainly divided
into an upstream treatment process that includes fermentation for microbial growth
and product generation, and a downstream treatment process that includes product
purification, isolation, and collection [54]. In order to improve energy conversion
efficiency, the specifications of the bioreactor should integrate not only the correct
structural configuration but also precise operational control for optimized multi-
phase flow as well as heat and mass transfer in the reaction solution.

3.1 Application in Microbial Biofuel Conversion

Due to their adaptable operating conditions, bioreactors are widely used in different
types of microbial biofuel conversion processes, such as biogas production by
anaerobic digestion, hydrogen production by photo-fermentation or
dark-fermentation, alcohol production by fermentation, and fatty acid production by
microalgae. Microbes utilize a variety of substrates (cellulose, hemicellulose,
starch, glucose, xylose, etc.) to produce biofuels. During the biofuel conversion
processes, microbial cells are sensitive to variations in their surroundings, and any
instability is detrimental to their growth and product synthesis. In bioreactors, the
environmental parameters (temperature, pH, medium composition, retention time,
mass and heat transfer rate, etc.) can be maintained at near-optimal ranges to
enhance microorganism growth and product accumulation.

Anaerobic digestion is a biological process in which microbes metabolize
organic substrates in the absence of oxygen to produce biogas [55]. This biogas is
composed of a mixture of compounds, with methane and CO2 as major contribu-
tors. Fermentative hydrogen production is an anaerobic reaction that has received
substantial attention in recent years owing to advantages such as rapid hydrogen
production rate, mild production conditions, and ease of operation. There are two
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types of fermentative hydrogen production: photo-fermentative production and
dark-fermentative production. Photo-fermentative hydrogen production is mainly
catalyzed by photosynthetic bacteria, whereas dark-fermentative hydrogen pro-
duction is mainly catalyzed by anaerobic bacteria. Alcohols and fatty acids can also
be produced via anaerobic fermentation processes. Both alcohols and fatty acids are
potential substitutes for petroleum-derived fuel as they have comparable properties
to those of gasoline [56]. Types of alcohols that can be generated by fermentation
include short-chain alcohols like ethanol and several higher alcohols like 1-butanol,
isobutanol, 2-methyl-1-butanol and 3-methyl-1-butanol [56]. The most widely used
form of alcohol is ethanol; however, being highly corrosive and hygroscopic, it is
not conducive to the existing fuel storage and distribution equipment [57]. On the
contrary, n-butanol, isobutanol, and other higher alcohols have a lower hygro-
scopicity compared to ethanol, with an energy density (27 MJ/L) close to that of
gasoline (32 MJ/L) [58]. In addition, these higher alcohols are compatible with the
existing fuel storage and distribution infrastructure. Fatty acids can be classified
into three groups by the length of their carbon chains, i.e., short-chain fatty acids
(less than 6 carbon atoms), mid-chain fatty acids (6–12 carbon atoms) and
long-chain fatty acids (more than 12 carbon atoms) [59].

3.2 Bioreactors in Microbial Biofuel Conversion:
The Fundamentals

A bioreactor represents the equipment in which biological reactions and microbial
cell reproduction occur using enzymes or living cells as biocatalysts. The biore-
actors can simulate the biological characteristics and physiological functions of
microbial cells and tissues to synthesize target products. They are widely used in a
variety of fields, like food and agriculture, health and medicine, energy, and
environmental protection. In particular, bioreactors play an important role in mi-
crobial biofuel conversion where microbial catalysts generate biofuels like biohy-
drogen, biogas, alcohols and fatty acids. Research has developed various
configurations of bioreactors with optimized operating conditions to maximize
biofuel output [60]. The merits and limitations of each type of bioreactor are
discussed below.

3.2.1 Configurations

Microbial biofuel conversion is a complex biochemical process that is greatly
dependent on the configuration of the bioreactor where it occurs. Bioreactor design
is usually conducted on an experimental basis, taking into consideration influencing
factors like gas-liquid-gas multiphase flow, mass and heat transfer balance, and
energy conversion efficiency. A bioreactor with superior performance requires a
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watertight structure, high heat and mass transfer efficiency, good mixing perfor-
mance, low energy investment, and high product output. Thus far, the most com-
monly used configurations include: (i) conventional anaerobic reactors such as the
anaerobic sequencing batch reactor, the continuous stirred tank reactor, and the
anaerobic plug-flow reactor; (ii) sludge retention reactors such as the anaerobic
contact reactor, the up-flow anaerobic sludge bed reactor, the up-flow anaerobic
solid-state reactor, the anaerobic baffled reactor, and the internal circulation reactor;
and (iii) anaerobic membrane reactors such as the anaerobic filter reactor, the
anaerobic fluidized bed reactor, and the expanded granular sludge blanket.

The conventional anaerobic reactor is a single-tank system that utilizes the same
tank for substrate treatment and fermentation [61]. All steps of microbial biofuel
conversion take place in a single tank, which means that downstream treatment
processes as well as the intermediate byproducts can have significant negative
influences on the upstream treatment processes. Thus, efficient approaches to avoid
the interactive effects of different reactions are essential to enhance bioreactor
performance.

The configuration of sludge retention reactors is relatively complex compared to
the conventional reactors. Sludge retention reactors usually contain two main
components: the liquid-phase reaction module and the solid-phase recycling or
gathering module. For example, the anaerobic contact reactor contains an agitated
reactor module and a solid phase setting module to recycle the microorganisms,
whereas the up-flow anaerobic sludge bed reactor contains the liquid-phase reaction
module at the top of the reactor and a dense sludge bed located at the bottom of the
reactor. Sludge retention reactors provide good contact between wastewater and
biomass, which prevents washout of microorganisms. They are often used to pro-
cess effluents containing high concentrations of suspended solids.

Anaerobic membrane reactors are constructed with a supporting membrane to
enhance contact between wastewater and the bacterial microorganism. The bacterial
biofilm accumulates and grows on this supporting membrane, causing a separation
between bacterial biomass and the wastewater in the reactor. For example, the
anaerobic filter reactor contains a filter on which the bacterial biofilm grows. In the
anaerobic fluidized bed reactor, inert particles like fine sand and alumina are pro-
vided for the thin bacterial biofilm to grow on. The configurations of anaerobic
membrane reactors enhance the resistance of the microbes to inhibitors, thereby
improving biofuel production.

3.2.2 Functions

In the microbial biofuel conversion process, bioreactors provide fine control of
operating conditions for microorganism growth, metabolism, and product synthesis,
thus improving biofuel production. For example, the pH can be maintained at
suitable levels by adding buffer solutions, the temperature can be controlled by a
thermostatic water bath, and the hydraulic retention time (HRT) of wastewater can
be controlled by regulating the inward feeding rate. The structural configuration of a
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bioreactor closely aligns with its functional advantages. Different structural char-
acteristics are required for different applications of a bioreactor. For example, the
leakage resistance of a bioreactor is critical when applied to biogas production. The
function of conventional anaerobic reactors is to supply relatively stable operating
conditions in an established temporal sequence. Owing to its simple structure, the
sequencing anaerobic reactor has advantages of operational simplicity and low cost.
However, the self-immobilization of the conventional anaerobic reactor is poor, and
the channeling and clogging effects severe. These disadvantages limit reactor per-
formance and biofuel conversion efficiency. The major function of sludge retention
reactors is recycling of microbial biomass, thus avoiding biomass washout. These
reactors rapidly achieve steady-state due to short hydraulic retention time [62]. In
addition, some configurations of sludge retention reactors can have special func-
tions. For example, in the anaerobic baffled reactor, the flow patterns of waste
influents can be regulated by arranging the baffles, serving to separate acidogenesis
and methanogenesis along the vertical axis of the reactor and allowing different
bacterial communities to develop under independently suited conditions [63]. The
function of the anaerobic membrane reactor is based on the supporting membrane
material used for microbial biofilm formation, which serves to separate influents
from microbial biomass. By generating this microbial biofilm, biomass washout can
be avoided and the microbes have a longer retention time than the hydraulic
retention time. As a result, the mechanical mixing and sludge settling that occur in
sludge retention reactors can be avoided in anaerobic membrane reactors [64].

3.2.3 Influencing Factors

During the microbial biofuel conversion process, product yields are affected by
many factors including temperature, pH, nutrient content, organic loading rate, type
of reactor, hydraulic retention time and solids retention time [61, 65, 66]. In par-
ticular, bioreactor design is important for applications of biochemical engineering.
The design of a bioreactor includes determination of operating conditions, reactor
size, mixing and mass transfer capabilities, temperature and sterility conditions, the
means of feed introduction and product removal, and control of operating variables
such as pH, oxygen concentration, and illumination [67]. Reactor size and shape
usually influence biofuel output capacity. Increasing the size of the container can
improve biofuel production to some extent, but can also cause biomass concen-
tration gradients in the reactors, which hinders biofuel production. Bioreactors
operated at low temperature are less prone to thermal instability and degradation.
However, since some thermophilic bacteria prefer high ambient temperatures of up
to 65 °C, bioreactors must maintain the standard for thermotolerance. Generated
byproducts can dissolve and accumulate in the bioreactor over time, inhibiting
microbial growth and metabolism. Thus, in order to maximize the efficiency of
microbial biofuel conversion, bioreactor design must incorporate some mechanism
to quickly remove such byproducts.
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3.3 The Importance of Bioreactors in Microbial Biofuel
Conversion

3.3.1 Ideal Site for Microbial Metabolic Reactions

By appropriately controlling the operating conditions, bioreactors provide a
near-optimal environment for biofuel conversion reactions. Inside the bioreactor,
biogas is produced via the degradation of organic substrates, cycling consecutively
through hydrolysis, acidogenesis, acetogenesis, and methanogenesis [68]. Firstly,
the fermentative microbes excrete hydrolytic enzymes that break down complex
carbohydrates, lipids, and proteins into soluble monomers and oligomers,
long-chain fatty acids, and amino acids, respectively. Then, these soluble molecules
are converted into volatile fatty acids, CO2, alcohols, and hydrogen by acidogenic
microbes. Next, the volatile fatty acids and alcohols are converted into acetic acid
and hydrogen via acetogenesis. Finally, the acetic acid, CO2, and hydrogen are
converted into methane through acetotrophic, hydrogenotrophic, and methanogenic
reactions [69]. A bioreactor designed to incorporate the physiological requirements
of several different microbial communities (acidogenic bacteria, acetogenic bacte-
ria, and methanogenic bacteria) is necessary to maximize biogas production from
anaerobic digestion.

In photo-fermentative hydrogen production, the degradation of organic sub-
strates generate electrons that need to be eliminated to maintain electrical neutrality
of the system [70]. Surrounding protons act as electron acceptors, thereby gener-
ating hydrogen (H2). Fermentative hydrogen production can be described by
Eq. (1) when microorganisms use glucose as the organic substrate. The glucose is
first converted to pyruvate and NADH (the reduced state of nicotinamide adenine
dinucleotide) via the glycolytic pathway. Then, the pyruvate is converted to acetyl
coenzyme A (acetyl-CoA), CO2 and H2 by pyruvate-ferredoxin oxide-reductase and
hydrogenase enzymes [65, 66].

C6H12O6 þ 6H2O ! 6CO2 þ 12H2 ð1Þ

To produce alcohols, microorganisms first reduce primary metabolites like
acetyl-CoA and pyruvate and then elongate them into electron-rich compounds like
higher carbon acyl-CoA and 2-keto acids. Then the electron-rich compounds are
further reduced into higher alcohols by microbial metabolism and secreted into the
medium [58]. Similarly, fatty acids are produced through an anaerobic process
involving hydrolysis and acidogenesis. During hydrolysis, complex organic poly-
mers are broken down into simple monomers by specific enzymes. Subsequently,
during acidogenesis, acidogens ferment the monomers into fatty acids (acetic acid,
propionic acid, butyric acid, etc.). Fatty acids can also be produced by photosyn-
thetic bacteria (like algae and cyanobacteria) through photosynthesis. All these
microbial biofuel conversion reactions are conducted in bioreactors and are dis-
cussed in the following text.
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3.3.2 Biomass Cultivation

Another important role of the bioreactor is to provide a suitable environment for
microbial reproduction, namely microbial biomass cultivation. Biofuel production
is collectively determined by both microbial biomass concentration and specific
biofuel production capacity. A bioreactor with high biofuel production requires
high biomass concentration as well as high specific biofuel productivity. However,
the robust growth of microbes and high specific biofuel productivity are mutually
exclusive, especially for microalgal lipid production [71]. When microalgae are
cultivated in optimal conditions for growth, the lipid content in the cells is usually
poor [72]. Conversely, when microalgae are cultivated in optimal conditions for
lipid synthesis, microalgae growth is usually slow. As a result, overall lipid pro-
ductivity is rarely improved.

3.3.3 Multiphase Flow

Microbial biofuel conversion requires a typical multiphase flow system in which all
three phases (gas, liquid and solid) coexist. The gases present in the bioreactor are
mainly H2, CO2, and O2 produced by the metabolism of microbes and algae, the
liquid phase consists primarily of influents like wastewater, and the solid phase
consists of the microbial biomass and particles suspended in the influents. The
gases produced by microbial metabolism exist in the reaction solution as bubbles
and rise to the top of the bioreactor by the force of buoyancy. The rising bubbles
create a constant flow of the liquid solution and the microbial biomass, and the flow
patterns are influenced by bioreactor shape and size. For example, the up-flow
anaerobic sludge bed reactor permits upward circulation, whereas the anaerobic
baffled reactor allows alteration of this flow pattern by adjusting the position of the
baffles. Aside from the structural configuration of the bioreactor, mixing method
can also alter multiphase flow characteristics of the system. An efficient mixing
method is particularly important in photo-fermentative hydrogen production since
mixing is beneficial for the effusion of hydrogen from the reaction solution and can
prevent the inhibitory effect caused by hydrogen dissolution in the reaction liquid
[73]. In conclusion, the flow characteristics and rheological properties of multiphase
flow systems can significantly influence mixing and contact between the microbes
and the liquid solution. They can also influence the heat and mass transfer between
different phases in the bioreactor, which are important factors affecting the growth
and metabolism of the microorganism.

3.3.4 Heat and Mass Transfer

Inside a bioreactor, heat and mass transfer characteristics of the reaction solution
directly influence the microbial biofuel conversion processes. For example, dis-
solved hydrogen concentration (i.e., hydrogen partial pressure) negatively affects
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the metabolism of photosynthetic bacteria by decreasing the mass transfer efficiency
of hydrogen. In other words, when hydrogen concentration in the reaction solution
is high, the mass transfer efficiency of hydrogen is reduced, hindering the pro-
ductivity of the microbes [34]. Thus, removal of dissolved hydrogen from the
reaction liquid by adjusting the operating conditions (temperature, pressure, etc.) is
important to enhance mass transfer and subsequent hydrogen yield. Temperature
and pressure can affect mass transfer characteristics by influencing the physical and
chemical properties of the reaction solution. The surface tension of the reaction
solution, density, viscosity, diffusion coefficient of the solute, and the individual
properties of reaction byproducts also influence the mass transfer characteristics of
the system [34, 74]. In general, mixing is the simplest way to enhance mass transfer
efficiency, but the shear effect of the mixing wheels and the heat generated in the
reaction liquid have a negative impact on microbial metabolism. Therefore,
reduction of the shear effect and improvement of heat transfer are essential. There
are many factors that influence the heat transfer efficiency of a bioreactor: the
physical and chemical properties (thermal conductivity, specific heat, etc.) of the
solution, the rheological properties (i.e., viscosity) of the reaction solution, flow
characteristics of the solution, and ambient conditions (temperature, light intensity,
etc.) [75]. Along with the running of the bioreactor itself, the heat produced by
exothermic biochemical reactions gradually increase the internal temperature of the
bioreactor. Thus, strategies to dissipate this accumulated heat by enhancing heat
transfer and evaporative heat loss are important to keep the reaction solution at a
temperature range conducive to maximal bacterial activity.

3.3.5 Energy Conversion

Transformation of energy sources (like organic substrates and light) to
energy-containing products (biogas, hydrogen, fatty acids, alcohols, etc.) is a key
purpose of a bioreactor. Researchers have explored several strategies to improve the
conversion efficiency of the substrate or light energy. Maximal exploitation of the
energy source is necessary to enhance energy conversion efficiency. For example,
high light intensity, large illuminated surface area, and reasonable light distribution
in bioreactors are effective methods to improve light conversion efficiency in the
photo-fermentative hydrogen production process [34, 76]. However, excess light
exposure significantly reduces light energy conversion efficiency by dissipating the
light [77]. In theory, the highest light energy conversion efficiencies that can be
achieved from microalgae biomass in the photo-fermentative hydrogen production
process and in the lipid production process are 10% and 12%, respectively [78, 79].
But in reality, the actual efficiencies are very low due to light shading and scattering
effects, which stand at about 8% in photo-fermentative hydrogen production [80]
and 6% in lipid production via microalgae cultivation [81]. Similarly, the energy
conversion efficiency of most fermentation processes is poor because the structure
and composition of the fermentative substrates (with cellulose and hemicellulose
components) are very complex. The conversion of cellulosic substrates to biofuels
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requires deconstructing the robust outer structure to release the interior mass for
further fermentation, and this step is a key limiting factor for high-energy con-
version efficiency. Thus, researchers have proposed that cellulosic substrates
undergo pretreatment methods to increase their surface area and porosity, while
decreasing cellulose crystallinity and polymerization [82]. Commonly used pre-
treatment strategies include mechanical methods like milling and extrusion, ther-
mochemical methods like pyrolysis, steam explosion, high pressure, and ammonia
fiber explosion, physicochemical methods like alkali treatment, acid treatment, and
gas oxidizing treatments, and biological methods like microbial deconstruction and
enzymatic deconstruction [83]. Results from testing such methods showed that
pretreatment of substrates can effectively improve substrate accessibility for energy
conversion. For example, Dale et al. [84] demonstrated that hydrolysis yields in the
reduction of sugar reached 90% of the theoretical yields after using the ammonia
fiber explosion method to pretreat the lignocellulose substrate.

4 Bioreactors in Microbial Electrochemical Systems

Microbial electrochemical systems (MESs) exploit the metabolism of microor-
ganisms to bio-electrochemically convert low-grade chemical energy stored in
biodegradable substrates to high-grade energy (i.e., electricity) and value-added
chemicals like hydrogen and methane [85]. As a rapidly evolving technology,
MESs have been successfully implemented to treat wastewater for electricity
generation (using microbial fuel cells; MFCs) and in biorefinery facilities (using
microbial electrolysis cellss; MECs and microbial electrosynthesis; MEs). Specific
applications include wastewater treatment [86, 87], power sources for remote
sensors [88], research platforms for electrode-bacteria interaction [85, 89], and
value-added component production [90–93]. Compared with other biological pro-
cesses, MESs show higher versatility and lower sludge production [94], making
them very promising in practical applications.

The substrates used in MESs can vary greatly from glucose, acetate, lactate, and
dyes to domestic wastewater containing complex species [95]. Typically, these
biodegradable substrates are electro-oxidized at the anode via bacterial metabolism
to produce electrons and protons. Then, the electrons are conducted to the cathode
and are accepted by oxygen, nitrate, or metal ions. After decades of research and
development, the performance and stability of MESs have approached industry
standards. It is predicted that MFCs can potentially produce 23.3 and 40 TWh of
electricity from wastewater in India by 2025 and 2050, respectively [96]. Their
long-term operational stability has also been verified. Zhang et al. [97] installed and
operated two MFCs in a municipal wastewater treatment plant for over 400 days.
The two MFCs showed great durability in COD (chemical oxygen demand)
removal and fluctuation tolerance, demonstrating the long-term effectiveness of this
technology outside the laboratory.
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At the heart of an MES lies the bioreactor, where biodegradable substrates are
converted to electrical current. The current is utilized directly (in MFCs) or con-
ducted to the cathode for further reaction (in MECs). Therefore, the performance of
an MES is dictated by the performance of the bioreactor within, where scientific
disciplines like microorganism ecology, biomaterials science, mechanical engi-
neering, and control strategy meet multiphysics phenomena like biofilm formation,
multiphase flow, heat/mass transfer, and bio-electrochemical conversion.

This section aims to provide a fundamental and comprehensive overview of the
bioreactors used in MESs, detailing principles in each transport phenomenon that
play an important role in overall system performance. Perspectives on future
development and optimization will also be discussed.

4.1 Application in Microbial Electrochemical Systems

For a typical wastewater treatment plant, about 45–75% of the energy needed is
consumed by aeration treatment step [98]. In 2006, nearly 3% of all the electrical
power produced in the U.S. (*110 TWh per year) was consumed by wastewater
treatment [99]. Similarly, wastewater treatment constitutes up to 3–5% of the
United Kingdom’s national electricity consumption [100]. This demand is expected
to increase further due to growing human population and higher environmental
protection standards. If aspiring to the profitable operation of MESs, the energy cost
has to be significantly reduced. On the contrary, wastewater has great potential for
energy recovery; a report in 2004 indicated that domestic, industrial, and animal
wastewater together contain *1.50 TWh of potential energy output in the U.S.,
which is higher than the power required for wastewater treatment [101].
Additionally, the energy-consuming aeration step can be replaced by MEs treat-
ment; this would entirely eliminate aeration power consumption and allow the net
power produced (10–20% of the aeration power) to be recycled for other processes
within the MES. This strategy could make wastewater treatment commercially
competitive.

Recently, Wang et al. reviewed the diverse applications of MESs, assessing 47
different functions and system configurations [85]. Figure 2 shows the basic prin-
ciples of four typical MESs. Among these, MFCs are the most common application
of MESs, converting the chemical energy stored in both the electron donor (i.e., the
substrate) and electron acceptor (i.e., the oxidant) into electricity (Fig. 1a).
A typical MFC consists of two chambers: the anaerobic anode chamber where
microorganisms generate electrons via electro-oxidation of organic substrates and
the aerobic cathode chamber where the reduction reaction takes place with oxygen
or other chemicals. These two chambers are separated by an ion exchange mem-
brane or a salt bridge to allow ion transport. Electrons produced by microorganisms
are transferred to the anode by direct or indirect extracellular electron transport and
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are conducted to the cathode through an external circuit. Protons and other ions
migrate through the membrane to complete the circuit. When an external power
source is applied to increase the cathode voltage (0.6–1.0 V) for hydrogen pro-
duction, the MFC is transformed into an MEC (Fig. 1b), where the mobile H+ in the
cathode chamber is reduced by the cathode to form H2 or hydrogen gas [102]. This
strategy provides a fundamentally new approach to hydrogen production that out-
performs the traditional water-split (requiring a voltage higher than 1.2 V) and
dark-fermentation methods in terms of power consumption and production rate. It
was also noted that the produced H2 can be further consumed by methanogenesis to
produced methane (Fig. 1c) [102–104], especially in a single-chambered MES. In
addition, the inner electrical field between the anode and cathode can be utilized to
drive water desalination. For this application, the conventional ion exchange
membrane is replaced by a thin chamber, sandwiched by an anion exchange

Fig. 2 Principles of four typical MESs (left chamber: anode; right chamber: cathode).
a Electricity generation in air-cathode microbial fuel cells (MFCs); b hydrogen generation with
external power supply in microbial electrolysis cells (MECs); c chemical production by microbial
electrosynthesis (MES); d middle chamber desalination in microbial desalination cells (MDCs).
(adapted and reprinted from [85], Copyright 2013, with permission from Elsevier)
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membrane (AEM) and a cation exchange membrane (CEM). Upon operation, the
inner electrical field drives the anions (e.g., Cl−) and cations (e.g., Na+ and Ca2+) to
migrate through the AEM and CEM towards the anode and cathode, respectively,
thereby desalinating the salt water present in the thin chamber (Fig. 1d). Cao et al.
[105] were the first to describe this novel approach. A high desalination efficiency
of 90% was achieved in a single cycle, outperforming traditional, energy-intensive
water desalination technology.

The energy source of MEs systems comes from microbial metabolism at the
anode. Limited by the activity and conversion efficiency of these microorganisms,
MESs are more suitable for treatment of domestic wastewater than for treatment of
industrial wastewater that contains heavy metal ions and chemical toxicants. In
order to meet the strict environmental standards for domestic wastewater treatment,
the concentration of organic components and nutrients like nitrogen and phosphorus
need to be reduced. Numerous studies have shown excellent MEs performance in
decreasing organic components (99% acetate removal was achieved in [106]), but
the removal of nutrients requires aerobic conditions not compatible with the
anaerobic conditions at the anode [86]. Wang et al. [107] developed a novel
electrochemical membrane bioreactor, in which wastewater was treated by the
microorganisms at the anode and then filtered at the cathode, releasing a final
effluent of high quality. This study highlighted the possibility of simultaneous
wastewater treatment and net energy production in an MES. Kelly and He [86]
reviewed the influencing factors and challenges for nutrient removal and recovery
in various MESs including MFCs and MECs. In addition, Nam et al. [108]
demonstrated that a high nutrient concentration can negatively affect power gen-
eration by MFCs; specifically, an initial concentration of TAN (total ammonia
nitrogen) over 500 mg N L−1 strongly decreased electricity production in MFCs by
inhibiting the anode-attached bacteria. The peak power density dropped by 59%
when the initial TAN increased from 500 to 4000 mg N L−1. For simultaneous
COD and nutrient removal, configuration innovation and system integration are
needed. Gao et al. [109] proposed an integrated system that combined an MFC and
an electric membrane bioreactor. In this configuration, the effluent from the MFC
was driven to flow through an air-contact oxidation bed and trickling filter to
enhance TAN removal by leveraging the aeration effect. The efficiency of both
COD and TAN removal exceeded 93% in this system.

Although significant strides have been made in the development of MESs, their
performance (in terms of power density) is still lower than the industry standard of
1 kW m−3. Exceptions to this do exist in several microscale bioreactors that have
achieved industry-level values for power density [86, 94]. Factors that have
potential for improvement include the following: (i) biomass and microorganism
catalytic activity; (ii) mass transport between bulk and reactive region; (iii) electron
transport between microorganisms and solid electrodes; and (iv) material conduc-
tivity and durability.
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4.2 Bioreactors in Microbial Electrochemical Systems:
The Fundamentals

MESs employ the electrochemical activity of certain microorganisms that oxidize
organic or inorganic (e.g., sulfides) substrates to produce electrons during their
anaerobic respiration. These electrons are transferred to solid electrodes either
directly via membrane-bound protein structures such as nanowire and c-type
cytochrome, or indirectly using mobile redox electron shuttles [85]. As a result, a
negative anode potential of about −0.2 V versus SHE (Standard Hydrogen
Electrode) is obtained. Meanwhile, due to the sluggish reaction kinetics with
non-precious metal catalysts, the cathode potential can only reach about +0.3 V,
together providing an open circuit voltage of +0.5 V [101]. The efficiencies of the
reaction at the anode and of electron transport are the cornerstones of the MES, and
they are currently the limiting factors of overall system performance [94]. It should
be mentioned that an exhaustive electron transfer mechanism remains to be
established, and the interactions between direct and indirect electron transfer
methods still need further investigation. Both the anode and cathode reactions are
usually conducted in different chambers of the bioreactor, at least one of which is
catalyzed by microorganisms. Therefore, the bioreactor plays a significant role in
the bio-electrochemical reaction rate and electricity production.

4.2.1 Configurations

As described above, a typical MES consists of two chambers: the anode chamber
for electron production and the cathode chamber to close the circuit and yield the
final products. MESs have evolved from typical two-chamber configurations to
single-chamber and hybrid designs. Novel modes of operation like the up-flow
mode have also been developed. In a two-chamber MES, aqueous and gaseous
substrates are bio-electrochemically degraded to produce electrons in the anode.
These electrons are transferred to the cathode, resulting in electricity production or
product generation. The first single-chamber MFC was described by Liu et al. [110]
as shown in Fig. 3a. They demonstrated that atmospheric oxygen can passively
diffuse into and react with the porous hydrophobic cathode. Plain anode and
cathode can also be used to form a single-chamber MES bioreactor (Fig. 3b).
Single-chamber MFCs are capable of treating wastewater with a high concentration
of nitrogen [106], although ammonia inhibition was still observed. The maximum
power density decreased from 6.1 to 1.4 W/m3 when TAN concentration increased
from 3500 to 10,000 mg/L. One concern for the single-chamber MFC is that a large
percentage of the organic substrate is lost without contributing to electricity pro-
duction [110].

From a geometric perspective, both the single- and double-chamber MESs can
be engineered to form a tubular configuration. This configuration is considered very
promising due to increased sludge retention time and reduced hydraulic retention
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time. More importantly, tubular MESs can be readily integrated to fit into existing
facilities [100]. Rabaey et al. [113] proposed a tubular single-chamber MFC using
packed granular graphite as the anode and a woven graphite mat as the cathode. Ye
et al. [112] developed tubular two-chambered MFCs using PMMA (Polymethyl
Methacrylate) tubes of different diameters; the inner tube and the interspace served
as the anodic and cathodic chambers, respectively. Five of these MFCs were
integrated into a sink drainpipe for kitchen wastewater treatment (Fig. 3c). The
flushing process was found to disturb the performance of the MFC, but only for a
few minutes. On the contrary, an irreversible drop in MFC performance was
observed after flushing the substrate at 50 °C. Conventional tubular two-chamber
MFCs usually have a concentric cylinder configuration (Fig. 3c), where a cation
exchange membrane covers the inner cylinder to segregate the anode and cathode
chambers and to allow proton transport. However, many other configurations have
also been developed. Li et al. [114] proposed a single-chamber MFC with a cathode
on either side of the anode chamber. Their results showed that the volumetric power
density was positively correlated with the ratio between cathode surface area and
anode volume, implying that a larger cathode surface area can lead to better
performance.

Recently, the unique advantages of miniaturized platforms (i.e., microfluidics
and lab-on-a-chip devices) in microbial research have been recognized. These
methods provide better microenvironment manipulation for cell and biofilm cul-
turing, as well as high-throughput and time-effective approaches for characteriza-
tion [89, 115–118]. In addition, by leveraging advanced microscopy technologies as
a powerful research tool, microfluidic chips enable real-time and in situ imaging
even at a single-cell level [119]. Qian et al. [120] developed a two-chamber MFC
with an anode chamber volume of 1.5 lL to investigate microbe-anode interaction,
and succeeded in enhancing biofilm growth on the anode electrode. Qian et al.
[121] also developed a PDMS (Polydimethylsiloxane)-fabricated MFC with a
chamber volume of 4 lL. This MFC showed faster start-up and higher power
density. Their results suggested the volumetric power density was inversely

Fig. 3 Configurations of microbial electrochemical systems (MESs). a Schematic and prototype
of the first single-chamber MFC (adapted and reprinted from [110], Copyright 2004, with
permission from American Chemical Society), b Schematic illustration of a single-chamber MFC
with plain anode and cathode (adapted and reprinted from [111], Copyright 2016, with permission
from Elsevier), c Tubular two-chamber MFC, and 5 MFCs were connected to form a stack and
integrated into a sink drain pipe (adapted and reprinted from [112], Copyright 2016, with
permission from Springer)
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correlated with chamber volume. However, one major challenge that still hinders
the application of miniaturized platforms is the clogging that results from the
growth and aggregation of microorganisms over time [122].

4.2.2 System Integration

The output of a single bioreactor is usually insufficient for most applications. One
promising approach to this problem is to combine several bioreactors to form a stack,
which improves productivity and efficiency. For example, several MFCs can be
hydraulically and electrically connected to form an MFC stack. This approach does
not affect the coulombic efficiency of individual fuel cells but can increase the total
power output and COD removal efficiency [123]. Ledezma et al. [124] demonstrated
the first self-sustainable MFC stack that is not only self-sufficient (in terms of
feeding, hydration, sensing, and reporting), but can also produce sufficient net power
output to run peristaltic pumps. Research has revealed that MFC configuration, as
well as the hydraulic and electric connections in stacked MFCs, have to be properly
engineered to avoid short-circuiting and to fulfill the requirements of the desired
application. One major challenge for MFC stacks is voltage reversal (where one or
more MFCs reverse polarity), which results in severe deterioration of the MFC
system as a whole. Oh and Logan [125] investigated voltage reversal in two
air-cathode MFCs connected in series. They found that the MFC voltage can reverse
under conditions of low fuel or in the absence of bacterial activity. They suggested
the development of a control strategy that isolates the reversed MFC while still
maintaining power output from the remainder of the stack. In order to avoid voltage
reversal of any one fuel cell, all the cells in the MFC stack need to have exceptionally
consistent performance characteristics. This is quite challenging in practice, espe-
cially when the cells are hydraulically connected in series. Alternatively, electrical
engineering approaches can be utilized to mitigate voltage reversal. For instance,
capacitors can be integrated into a serially connected MFC stack to accumulate
charge, which would prevent voltage reversal and enhance power output [126, 127].
Kim et al. [127] integrated an MFC stack with two sets of multiple capacitors, which
were alternately charged and discharged at a frequency of 1 Hz. The capacitors were
charged in parallel to avoid voltage reversal of the MFC stack but were discharged in
series to increase the voltage output (*2.5 V). Wu et al. [128] developed a DC/DC
booster circuit to increase the voltage of an MFC stack to more than 3 V. However,
one commonly ignored issue is that an MFC stack is merely a composite of single or
double-chamber MFCs, and therefore suffers from the same disadvantages as indi-
vidual cells. For example, single-chamber MFCs suffer from decreased coulombic
efficiency [129]. Double-chamber MFCs suffer from anode chamber acidification,
which is amplified when multiple two-chamber MFCs are hydraulically connected in
series due to the gradual accumulation of protons in downstream cells [130, 131].
Yang et al. [132] found that the aerobic oxidation of acetate by the microbial biofilm
at the cathode of the single-chamber MFC was able to remove accumulated H+ in the
medium. Therefore, they proposed a hybrid MFC stack that combined single- and
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double-chamber MFCs to achieve self-sustaining pH control and avoid anodic
acidification.

Bioreactors do not serve as stand-alone devices; they need to be integrated with
other MESs and even other energy systems for maximum performance and energy
efficiency. Liu et al. [133] proposed an integrated MFC-SBR (sequencing batch
reactor) for the activated sludge process. The MFC was submerged into the SBR,
synthetic wastewater was fed to the MFC first, and the resulting effluent was
processed by the SBR. The oxygen for the aeration process was shared by the MFC
biocathode to further recover electrical energy and reduce the cost of operation.
Wang et al. [134] integrated an MFC and a membrane bioreactor (MBR) to develop
a hybrid system (Fig. 4a) where the excess oxygen in the aeration chamber of the
MBR was used to enhance the cathode performance of the MFC and the electricity
produced by the MFC partially offset the overall energy cost. Gao et al. [109]
proposed an integrated system with an MFC and an electric MBR. The conven-
tional proton exchange membrane was replaced with a quartz sand chamber
(Fig. 4b). The effluent from the MFC was run through an air-contact oxidation bed

Fig. 4 Schematic illustration of typical integrated MESs. a An integrated MFC-membrane
bioreactor (MBR) system. The oxygen in the MBR aeration tank was further utilized by MFC for
electricity generation and more efficient treatment (adapted and reprinted from [134], Copyright
2012, with permission from Elsevier), b a combined system with MFC and electric membrane
bioreactor (EMBR). This system exploited the hydraulic pressure difference between the anode
and cathode chambers to drive the MFC effluent to flow through an air contact oxidation bed and
trickling filter for enhanced nitrogen removal (adapted and reprinted from [109], Copyright 2017,
with permission from Elsevier), c a combined MFC and photosynthetic biohydrogen reactor
(PBR) system. The effluent from upstream PBR was treated by MFCs to remove inhibitory
byproducts and protons, enhancing the performance of downstream PBR (adapted and reprinted
from [135], Copyright 2013, with permission from Elsevier), d MESs can also be integrated with
renewable energy systems to maximize the energy efficiency (adapted and reprinted from [136],
Copyright 2017, with permission from Elsevier)
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and trickling filter to exploit the aeration reaction for nitrogen removal. This hybrid
system achieved >93% efficiency in COD and TAN removal, and 50% efficiency in
phosphorus removal. Li et al. [135] integrated two photosynthetic biohydrogen
reactors (PBR) with three MFCs to form a PBR1-MFCs-PBR2 system to produce
additional hydrogen from PBR2 (Fig. 4c). The idea was to utilize the MFC to
degrade soluble intermediate products (e.g., lactate, propionate, and butyrate)
generated from PBR1 thereby (i) removing excess H+ for pH adjustment and
(ii) changing the volatile fatty acid composition to facilitate hydrogen production in
downstream PBR2. The results showed that this configuration outperformed tra-
ditional series-connected PBR systems (PBR1-PBR2) by reaching a 15-fold
increase in hydrogen production rate, and also surpassed conventional pH adjust-
ment methods (PBR-pH regulation-PBR2) by achieving a fourfold improvement in
hydrogen production rate.

MESs can also be coupled to renewable energy sources (e.g., solar, wind, and
geothermal energy) to maximize the energy production of the entire system
(Fig. 4e). These renewable energy sources are naturally intermittent and their power
output is not as stable as conventional power plants, which leads to big fluctuations
and potential risks for the electric grid [137–139]. Alternatively, the electricity
produced by these renewable sources can be used to power MESs, within which
reactions are mild and can easily be started or stopped. Before successful execution
of this strategy, the electrical and material (e.g., substrate and oxygen) flux at both
the bioreactor and system levels should be properly distributed and regulated for
safe and efficient operation.

4.2.3 Influencing Factors

Since MES performance is dominated by bio-electrochemical reactions, it is
expected that factors affecting reaction kinetics such as external resistance, opera-
tion mode, and environmental elements will have a significant influence on MES
performance. Aelterman et al. [140] studied the electrochemical performance of
MFCs with different three-dimensional electrodes. Their results showed that low-
ering the external resistance from 50 to 10.5 X increased the kinetic capacity of the
microbes in the bioreactor and caused a threefold increase in electricity generation.
The authors suggested that an MFC should be operated at an external resistance
closely matching its internal resistance, in order to increase COD loading rate and
subsequent electricity production. Zhang et al. [141] performed a detailed investi-
gation of the effect of external resistances on biofilm formation and electricity
production in MFCs. When external resistance was decreased from 1000 to 50 X,
the maximum power density increased by *181%. On the contrary, an even lower
external resistance of 10 X caused a decrease in MFC performance due to low
biomass activity and high extracellular polymer content in the biofilm. This study
demonstrated that biofilm structure plays a crucial role in MFC performance.

Continuous and batch modes are the two typical modes of operation for MESs.
In continuous mode, the substrate and catholyte are fed into the MES continuously,
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whereas in batch mode, they are fed in all at once and then stored in the MES
chamber for subsequent treatment. Although it is still unclear whether continuous
mode outperforms batch mode in terms of performance and energy efficiency, the
continuous mode of operation does have the advantage of being more productive,
less labor-intensive, readily regulatable, and easier to control [96]. Kim et al. [106]
compared the performance of a single-chamber MFC operated in either continuous
or batch mode. They found that the MFC operated in continuous mode showed
much higher TAN tolerance and sustained a 6.5-fold increase in TAN concentration
when compared to the MFC in batch mode. However, a relatively long acclimation
period of 40 days was required to achieve optimal electricity production in con-
tinuous mode.

Zhang et al. [142] investigated the effect of anolyte recirculation in MFCs with a
floating air-cathode. Their work suggested that recirculation rate has a significant
influence on proton transfer, fuel cell performance, and coulombic efficiency. Patil
et al. [143] investigated the effect of temperature on biofilm formation and per-
formance in MESs. They found that high temperatures not only accelerate biofilm
formation but also increase biofilm activity. On the contrary, when the operating
temperature was low, biofilms grown at low temperatures outperformed those
grown at higher temperatures, implying the existence of a compensatory biological
mechanism that accommodates environmental factors like temperature. The same
study also found that the temperature limit for biofilm growth was approximately 0–
50 °C, in which range the biofilm can adjust reversibly to temperature fluctuations.

4.3 The Importance of Bioreactors in Microbial
Electrochemical Systems

4.3.1 Biomass Cultivation

The functionality of MESs relies on the anode reaction, which means that their
performance is dominated by the metabolic activity of microorganisms [94].
A strong correlation between microbial metabolic rate and growth rate has been
observed [96], implying that growth rate can be used as an indicator to predict
biofilm performance. The stability of the microbial biofilm is dictated by substrate
transport and the chemical signaling between multiple species [144]. Bhattacharjee
et al. [144] fabricated surfaces with different topographies to regulate biofilm
growth. Biofilm morphology was found to strongly correlate with the topography of
the membrane material. Fluid flow is known to affect the three-dimensional mor-
phology and bacterial communities forming the biofilm by generating shear stress
and regulating molecular transport. Thomen et al. [145] developed a microfluidic
platform that enabled hydrodynamic control and in situ observation of biofilm
development. They determined the shear stress threshold for biofilm formation.
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Hydrodynamic shear stress was found to regulate biofilm growth by controlling
oxygen distribution.

Proton transport between the reaction solution and the biofilm also has a sig-
nificant influence on the performance of the microbial biofilm. It has been shown
that the protons accumulated inside the microbial biofilm can induce acidification,
which severely inhibits biofilm metabolic activity [130]. Several methods have been
proposed to mitigate this acidification, either by operating the bioreactor in con-
tinuous mode or by adding a buffer to regulate the pH of the surrounding milieu. Li
et al. [146] proposed a new method to overcome acidification by periodically
reversing the polarity of the MFC, thereby neutralizing the accumulated protons and
hydroxyl groups. In addition, they showed that polarity reversal further enhanced
the anode and cathode performance. Long-term stability (>4 months) with an
ultra-low phosphate buffer concentration of 5 mM was also demonstrated. Yang
et al. [132] proposed a hybrid MFC stack that utilized single-chamber MFCs to
remove the accumulated H+ produced by the double-chamber MFCs. Liao et al.
[147] proposed to operate an MFC in alkaline media, as they found that the MFC
operated with a repeating pH sequence (pH 7-8-9-8-7) achieved the highest per-
formance. Electrochemical and biological analyses confirmed that the enhanced fuel
cell performance was induced by the synergistic effects of highly active biomass
and low internal resistance.

In addition to the reactions at the anode, the biomass in the cathode chamber can
also contribute to enhancing reaction kinetics and producing bio-product. Park et al.
[148] showed that the cathodic biofilm contributed to removal of organic compo-
nents and nitrogen. Commault et al. [149] demonstrated that microalgae at the
cathode can generate oxygen via photosynthesis to improve cathode reaction
kinetics, resulting in a 100% increase in maximum power density. In addition, the
cathodic microalgae also contributed to ammonium removal and algal biomass
production. However, it was noted that the cathode biofilm can induce irreversible
alkalization by inhibiting clearance of hydroxyls, also known as air-cathode bio-
fouling [150]. Since cathode biofouling can be compensated by gradually
increasing anode performance, it cannot be directly detected from the polarization
curve [151]. Oliot et al. [151] developed a novel MFC enabling easy air-cathode
replacement. Their results suggested that replacing the air-cathode can enhance fuel
cell performance by 108% and 180% for anode areas of 9 and 50 cm2, respectively.
This study acknowledged the existence of biofouling and proposed a promising
solution.

Significant effort was focused on increasing biomass production and enriching
specific microorganisms that directly contribute to electron generation; however,
little is known about the competition and evolution of microorganisms after
inoculum [100]. As a result, one can only tune the system’s performance using
empirical correlations, which are quite apparent and facility-dependent. There is a
long-standing debate over whether mixed microorganism cultures can outperform
pure cultures. Increasing evidence points toward the mixed microorganism cultures,
which show higher productivity and better tolerance to environmental impacts
[152, 153]. Other benefits include substrate flexibility and less maintenance.
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Conversely, mixed cultures normally involve several competitive bio-electrochemical
processes and the electrosynthesis production efficiency exhibits considerable fluc-
tuations [154, 155]. In order to target practical applications like the treatment of real
waste materials (e.g., municipal and industrial wastewater, and biomass wastes), at
least two types of microorganisms should be cultured in the MESs: one to break
down complex polymers like cellulose and another to convert the resulting small
molecules into electrons.

4.3.2 Mass Transport

Transport phenomena are crucial for MES performance, from the biofilm level
(intracellular transport of biomolecules and extracellular transport of electrons/
signal molecules) to the electrode level (substrate/product transport near the elec-
trodes) and even at the bioreactor level (two-phase transport inside the anode and
cathode chambers). In this section, we will focus mainly on the electrode and
bioreactor levels.

As mentioned above, MES performance is not intrinsically limited by the mi-
croorganisms themselves, but by the biofilm microenvironment that is suboptimal
for every bacterium. One can slightly enhance mass replenishment by increasing the
reactant flow rate. However, this strategy is limited by uneven flow as well as
increased power consumption. More importantly, the shear stress at high flow rates
can destroy up to 50% of the microbial biomass and induce structural changes in the
biofilm [156].

At the electrode level, the electrode configuration and material properties greatly
affect biomass transport and enrichment. Conventional electrodes used in MESs
were based on only graphite/carbon-based materials like graphite plate and carbon
cloth. It has been demonstrated that biofilm distribution was not uniform and tilted
towards the inlet end due to the continuous consumption of substrate and develop-
ment of concentration boundary layer. Ye et al. [157] developed a microfluidic MFC
and observed that biofilm thickness gradually decreased along the microchannel due
to the severe diffusive mixing of the catholyte downstream. Compared to planar
electrodes, the three-dimensional electrode can provide a larger surface area for
microorganism attachment, and more importantly, can enhance mass transport by
breaking the continuous development of concentration boundary layer. Cheng et al.
[158] proposed a novel MFC in which the substrate was driven to penetrate a porous,
carbon cloth-based anode in the through-plane direction. Although this approach
could cause clogging, the maximum power density was improved by 17% as com-
pared to the flow-over MFC configuration (substrate moving in plane with the
anode). Recently, the unique advantages of three-dimensional electrodes (e.g.,
porous electrode, graphite rod array, and graphite granules) have been recognized.
Jiang et al. [159] reported an MFC where the substrate was driven to flow through a
3D grapheme foam anode in the in-plane direction. Because of the convective mass
transport and rapid replenishment of substrate inside the anode, this MFC yielded a
volume power density of 745 lW/cm3, which is higher than that of other devices.
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Additionally, the consumption of culture medium and response time of this MFC
were reduced by over 16-fold and fourfold, respectively, compared to
non-flow-through devices. Graphite granules were also used to form a packed-bed
anode for MFC operation. Rabaey et al. [160] found that packed-bed anodes made of
granules can lead to a two-fold increase in MFC voltage, as compared to a plate
anode. Additionally, fuel cell voltage can be further improved by inducing a
cross-flow in the granular bed using baffles. However, other studies suggested that
the graphite granules have a higher electrical resistance compared to graphite and
carbon felt, and therefore decrease performance [140]. Recently, novel electrode
materials with multi-scale porous structures were invented. Xie et al. [161] proposed
a novel strategy to boost the effective anolyte-biofilm-anode reaction area by
employing a unique, two-scale porous anode material made of carbon
nanotube-textile (CNT-textile) composite. This two-scale porous structure featured
(i) intertwined CNT-textile fibers that form a macroscale three-dimensional space for
efficient substrate transport and microorganism colonization, and (ii) a microscale
porous CNT-textile layer for enhanced electron transfer from biofilm to electrode.
The MFC equipped with this CNT-textile composite outperformed the one with
traditional carbon cloth; the maximum current density and power density were
increased by 157% and 68%, respectively. In summary, an optimal electrode con-
figuration for MESs should fulfill the following requirements: porous framework and
biocompatible surface for microorganism attachment, large pore size for efficient
mass transport inside the electrode, exceptional electrical conductivity, great cor-
rosion resistance, convective replenishment for reaction depletion, and rapid product
removal.

At the bioreactor level, several strategies to enhance mass transport have been
reported. Li et al. [114] placed two baffles in the anode chamber to enhance the
mixing of wastewater and active sludge (Fig. 5a). Jiang et al. [159] proposed a
microfluidic MFC equipped with a flow-through porous anode (Fig. 5b). The
interconnected pores of this graphene foam anode allowed convective enhancement
of the electrochemical interactions between the microbes and the substrate. In
addition, the unique scaffold structure of the graphene foam anode also enabled
efficient diffusive nutrient transport to the biofilm. Compared with
non-flow-through configurations, this flow-through MFC achieved 16-fold lower
consumption of the culture medium and fourfold lower response time for electricity
generation. Liao et al. [162] enhanced substrate transfer by rotating the
carbon-brush anode (Fig. 5c). Compared with the non-rotating anode, the MFC
with a rotating anode yielded 1.4 and 2.7 times higher peak power density and
current density, respectively. It should be noted that external power was needed to
drive the motor, which is not favorable for maximum system efficiency. Generally,
buffers like phosphate or bicarbonate are added to the substrate to maintain the pH
and facilitate proton transport to the cathode. Operating the system without
buffering usually slows down proton transfer rate, thereby limiting the performance
of the bioreactor. However, in practical applications, the use of buffers have to be
minimized or eliminated, as they not only increase cost but also induce secondary
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Fig. 5 Typical mass transport enhancement methods in the area of MESs. a Baffles were inserted
in the anode chamber to enhance the mixing of wastewater and active sludge (adapted and
reprinted from [114], Copyright 2008, with permission from Elsevier), b the substrate was driven
to flow-through porous anode to convectively enhance mass transport (adapted and reprinted from
[159], Copyright 2017, with permission from Springer), c a rotating brush anode was introduced to
enhance substrate transfer (adapted and reprinted from [162], Copyright 2015, with permission
from Elsevier), d The anolyte was recirculated to enhance the proton transport (adapted and
reprinted from [142], Copyright 2008, with permission from Elsevier), e schematic of the
continuous-flow tubular MFC with PEM and porous textile. The proton transfer and cell
performance can be enhanced by flowing the anode effluent through the cathode electrodes
(adapted and reprinted from [163], Copyright 2015, with permission from Elsevier)
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contamination and/or eutrophication [163]. Zhang et al. [142] proposed a novel
MFC with a floating air-cathode that allowed anolyte recirculation to enhance
proton transport in buffer-free conditions (Fig. 5d), resulting in higher voltage
output and higher coulombic efficiency. However, this recirculation strategy for
effective proton transfer also causes excess oxygen transport into the anode, and the
latter was found to deteriorate fuel cell performance at recirculation rates above
0.35 mL/min. In this study, the feasibility of enhancing the performance of
unbuffered MFC via anolyte recirculation was also demonstrated. Zhang et al. [163]
proposed another novel method to enhance proton transport by directly running the
anode effluent through the cathode electrodes (Fig. 5e). Compared to
membrane-segregated MFCs, this method improved the maximum power density
by 125%. Further analysis indicated that the enhanced proton transport and
increased catholyte conductivity contributed 51% and *40%, respectively, to total
performance improvement.

4.3.3 Energy Conversion

Energy conversion in MESs is a relatively complicated process that needs com-
prehensive analysis. For instance, the commonly reported performance metrics (i.e.,
cell voltage, current and power density, coulombic efficiency) only assess electrical
energy, while ignoring chemical energy like methane [109, 123] and biomass
production [149, 164–167]. He [88] suggested using metrics like energy density
(kWh/m3) or COD removal (kWh/kg) to properly estimate the energy conversion
from organic substrate to electricity and better assess MFC performance. He also
performed an energy balance analysis, which suggested that the electricity produced
by MFCs hardly compensate for their power consumption in a wastewater treatment
plant or generate net energy output at the system level. Following this analysis, the
major promotion for the implementation of MFC in the wastewater treatment
process should be reduced power consumption and less sludge production, as
compared to conventional aeration treatment.

Besides electricity, MESs also hold great potential in the production of
value-added chemicals and biomass. Yu et al. [90] utilized MFCs and MECs to treat
wastewater from a high-strength soybean edible oil refinery (SEOR) while simul-
taneously producing electricity and methane. The methane was produced at an
efficiency of 45.4 ± 1.1 L/kg-COD and a rate of 0.133 ± 0.005 m3/(m3 d), which
was higher than that obtained in non-electrochemical anaerobic digestion. Zhou
et al. [167] integrated an algal biocathode with a dual-chamber MFC to provide
oxygen to the MFC cathode via the photosynthetic activity of the algae. The CO2

produced at the anode was further converted to biomass at the cathode, enabling
simultaneous wastewater treatment, electricity generation, and biomass production.
Commault et al. [149] developed an MFC equipped with a photo-cathode, in which
the wastewater was pretreated by anodic bacteria and then further treated by
cathodic microalgae to produce electricity and algal biomass. Ma et al. [164]
reported a photosynthetic MFC that also used microalgae-mediated oxygen
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production to enhance the oxygen reduction reaction at the cathode. The energy
flow analysis of this system suggested that the production of algal biomass took a
majority of the recovered energy, and the net electricity production did not meet
expectations.

Another issue regarding energy conversion by different types of MESs is the
metric used for quantification and comparison. Current density based on the pro-
jected surface area is the most commonly reported parameter. However, the widely
used porous electrode materials usually have a much larger inner surface area than
the projected surface area, causing the current density calculation to overestimate
system performance. Sharma et al. [168] published a critical review about the key
parameters for assessing MESs, and provided guidelines to correct current and
exchange current densities based on different surface areas (e.g., biofilm covered
area, electrochemically active surface area) of the electrodes. In addition, the
authors also suggested including the robustness of electrochemically active biofilms
as a performance indicator.

5 Conclusions

Microbial energy conversion technology is a promising approach to relieve the
burden on fossil fuels and decrease environmental pollution. Bioreactors play a very
important role in microbial biomass production and energy conversion. This chapter
presents a fundamental understanding of the functions, configurations and
influencing factors of bioreactors with respect to their application in microbial
biomass cultivation, microbial biofuel conversion, and microbial electrochemical
systems. Bioreactors can provide a suitable and stable place for microbial growth
and metabolism by appropriately controlling their operating conditions. In addition
to the operating conditions, the performance of a bioreactor is greatly influenced by
many other factors like structure and size, mixing and transfer characteristics,
means of feed introduction and product removal. In particular, bioreactors exhibit
complex multiphase flow patterns that result in varying heat and mass transfer
characteristics in microbial biomass and energy conversion. However, the mass and
heat transfer efficiency in bioreactors is low, leading to a poor biomass and biofuel
productivity. The economic viability and competitiveness of microbial energy
conversion in bioreactors are much lower than that of petroleum-based energy
sources. As a result, the energy conversion efficiencies of bioreactors are poor and
unstable. Further optimization of bioreactor structure and operating conditions,
mass and heat transfer, as well as reactant activity should be conducted.

In conclusion, bioreactor-based microbial energy conversion is a very promising
technology and holds great potential for commercialization as a sustainable energy
source. Bioreactor development and system integration are already underway, and
several field tests have been reported. However, further studies to improve per-
formance, scalability, and reliability are needed to make bioreactor-based microbial
energy conversion a commercially applicable energy source.
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Chapter 3
Photoautotrophic Microalgal
Cultivation and Conversion

Yahui Sun, Yun Huang, Gregory J. O. Martin, Rong Chen
and Yudong Ding

1 Introduction of Microalgae

Microalgae are photosynthetic microorganisms characterized by unicellular and
simple multi-cellular structures that commonly exist in freshwater habitats and
marine systems living in both water columns and sediments [1]. Owing to the
wide varieties of microalgal species, their sizes generally range from a few
micrometers to dozens of micrometers. Specifically, they can be categorized into
prokaryotic microalgae (i.e. cyanobacteria Chloroxybacteria), and eukaryotic
microalgae (e.g. green algae Chlorophyta, red algae Rhodophyta, and diatoms
Bacillariophta). With regard to their cellular chemical compositions, microalgal
cells are mainly composed of proteins (40–60%), carbohydrates (8–30%), lipids
(5–60%), and other valuable components, such as pigments, antioxidants, vita-
mins, etc. [2]. As compared to terrestrial plants, microalgae exhibit the advantages
of a rapid growth rate, higher lipid content, wide environmental adaptability, etc.
In particular, they can be grown without competition with conventional crops
using non-arable land, oceans, lakes, alkali lakes, and marshes [3].

Photoautotrophic microalgal growth refers to the process of converting CO2 and
water directly to chemicals through photosynthesis. Under this kind of
sunlight-driven cultivation mode, microalgal cells can absorb CO2 from industrial
waste gas or the atmosphere and utilize nitrate and phosphate in industrial and
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agricultural wastewater as nutrients and eventually convert them into organic
matter, which can be used to produce biodiesel, cosmetics, nutrition, etc. [4].
Photoautotrophic, heterotrophic, mixotrophic, and photoheterotrophic cultivation
are the four dominating microalgal cultivation modes. Among them, photoau-
totrophic cultivation is recognized as the most environmental and only economi-
cally feasible method of microalgal cultivation when targeting biomass production
at the commercial scale [5]. Additionally, photoautotrophic cultivation provides a
promising and effective solution to global warming, wastewater pollution, and
fossil energy crisis.

2 Photosynthetic Mechanism of Microalgae

2.1 Microalgal Photoautotrophic Cultivation

As for microalgal photoautotrophic cultivation, microalgal cells utilize light (natural
sunlight or artificial light) and inorganics (H2O, inorganic salt, and CO2) as the
energy and mass sources for photosynthesis to produce organics [6, 7], which is the
most commonly adopted cultivation mode for microalgal growth [8]. The overall
equation for photosynthesis is shown as follows:

nCO2 þ nH2Oþ light ! CH2Oð Þn þ nO2 ð1Þ

To be specific, the entire photosynthesis process consists of two stages, i.e.,
light-dependent reactions and light-independent reactions (also named carbon
reactions), as illustrated in Fig. 1. In light-dependent reactions, H2O is
photo-decomposed into reducing hydrogen in the chloroplast thylakoid. Meanwhile,
O2 is released and adenosine triphosphate (ATP) is produced. In light-independent
reactions, ATP and CO2 are used to produce organics in the chloroplast stroma. As a
consequence, it can be concluded from the process of photosynthesis that light, CO2,
and inorganic nutrients are the three critical factors affecting microalgal photoau-
totrophic growth. Moreover, the combination of CO2 and inorganic nutrients transfer
with O2 releasing also have a significant impact on photosynthetic efficiency.

2.2 Factors Affecting Microalgal Photoautotrophic
Cultivation

2.2.1 Light

Light, as the energy source of photosynthesis, plays an important role in chloroplast
development and chlorophyll synthesis. Light is essential for the process of pho-
tosynthesis, especially during light-dependent reactions. When light penetrates the
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microalgal suspension, one part is absorbed by the microalgal suspension and other
is reflected and scattered back to the surrounding environment by microalgal cells
and CO2 bubbles. The remainder of the light goes into the depths of the microalgal
suspension. With the growth of microalgae, the concentration of microalgal bio-
mass increases, whereas the light penetrability within microalgal culture rapidly
declines, thereby resulting in the serious attenuation of light intensity along with the
direction of the light path (Fig. 2). Consequently, in terms of the local light
intensity microalgal cells are exposed to, the whole microalgal suspension volume
can be divided into three regions, namely the photoinhibition, light-limited, and
stagnation regions, as depicted in Fig. 2. Microalgal cells in the light-limited and
stagnation regions do not receive enough light and thus hinder the further accu-
mulation of microalgal biomass. In comparison, microalgal cells in photoinhibition
regions close to light incident surfaces are exposed to excess light, thereby arousing
serious photoinhibition destruction in the photosystem II (PSII) complexes of the
cells, both of which are detrimental to microalgal growth [9]. In this regard,
increasing the disturbance degree within the microalgal suspension, i.e., forcing the
microalgal cells to circulate periodically between the light and dark regions, is
beneficial as it helps the microalgal cells receive uniform illumination and hence
improves the yield of microalgal biomass [10].

Fig. 2 Light intensity distribution characteristics within microalgal suspension

Fig. 1 Schematic diagram for the process of photosynthesis
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More specifically, when microalgal cells encounter light, photons are captured by
the light-trapping apparatuses in the cells, which provide energy for the subsequent
photosynthesis process. Photon-trapping apparatuses mainly consist of peripheral
antennae, pigments, nuclei, and reaction centers. Chlorophyll b is characterized as
the primary peripheral antenna pigment, as well as chlorophyll a and other accessory
pigments, such as carotenoids and phycobiliproteins. These pigments absorb light
with different wavelengths, thereby allowing the efficient utilization of solar energy
[11]. The peripheral antenna pigments capture photons and transfer the activation
energy to the interior closely linked pigment core (chlorophyll a cluster).
Subsequently, the activation energy undergoes further migration and transfers to the
reaction center where it undergoes electron separation.

The electrons transmitted from PSII to photosystem I (PSI) are combined with
nicotinamide adenine dinucleotide phosphate (NADP+) to form NADPH under the
action of the ferredoxin-NADP enzyme [12]. At the same time, protons released
from water molecules and the transition from PQH2 to PQ forms an electrochemical
proton potential on both sides of the thylakoid, which drives adenosine diphosphate
(ADP) and Pi to synthesize ATP [13]. Finally, NADPH and ATP participate in the
immobilization of CO2 and the synthesis of carbohydrates in the light-independent
reactions [14].

2.2.2 CO2

CO2 is the primary carbon source for photosynthesis [6]. Its transportation process
directly affects the photosynthetic process, especially light-independent reactions.
When CO2 is injected into the microalgal suspension, CO2 forms a concentration
gradient between the gas and liquid phases due to microalgal cell-driven CO2

absorption. According to the double film layer theory, the transmission of CO2

molecules from the gas phase to microalgal cells mainly occurs via two stages [15].
The first stage is the transportation of CO2 molecules from the gas phase to the
liquid phase, as presented in Fig. 3. To be concrete, CO2 molecules are transferred

Fig. 3 Transmission of CO2 in microalgal suspension
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from the gas phase (Zone 1) to the thin gas film region (Zone 2) close to the
gas-liquid interface, after which it is diffused from the thin gas film to the liquid film
(Zone 3) close to the gas-liquid interface. Finally, the molecules are transferred
from the thin liquid film region to the liquid phase.

In general, inorganic carbon is present as H2CO3, CO2 (aq), HCO3
−, and CO3

2−

in aqueous solutions and exhibits a dynamic balance between them [16, 17]. The
relative content of each inorganic carbon form is mainly controlled by the pH and is
also affected by salinity and temperature. The total dynamic balance equations are
defined as follows:

CO2 þH2O�H2CO3 �HCO�
3 þHþ ð2Þ

HCO�
3 �CO2�

3 þHþ ð3Þ

The second stage is the transportation of CO2 molecules from the liquid phase to
the microalgal cells. First, CO2 molecules are transferred from the liquid phase to
the thin liquid film region near the cell wall, after which it is diffused through the
thin liquid film and passed into the cells as the carbon source for microalgal
photosynthesis. Consequently, the transmission process can be enhanced by
increasing the disturbance of the liquid phase, gas phase, and the fluctuation of the
gas-liquid interface. In addition, an increase in the direct contact between
microalgal cells with gaseous CO2 molecules decreases the transportation time the
molecules spend in the liquid phase, which plays a certain role in promoting the
transmission and consumption of CO2. Furthermore, smaller gas bubbles are
characterized by higher surface areas for mass transfer and longer residence time
within microalgal suspension due to their reduced buoyancy as compared to larger
bubbles, which provide promising ways to facilitate CO2 transfer and thus enhances
microalgal growth.

When CO2 molecules are diffused into microalgal cells, they are fixed by
RuBisCo and converted to organic carbon by the Calvin-Benson cycle. These
molecules are eventually converted into complex biomolecules, such as carbohy-
drates, fats, and proteins.

2.2.3 Inorganic Nutrients

With the exception of carbon, nitrogen (N) and phosphorus (P) are the other two
dominating components in microalgal cells, thereby indicating that the supply of N
and P also have a significant influence on microalgal photoautotrophic growth [18].
Inorganic nitrogen forms, such as nitrates, nitrites, and ammonia, are currently the
most commonly used nitrogen sources for microalgal phototrophic cultivation,
among which nitrates are the most frequently adopted. Nitrogen is mainly used for
the synthesis of amino acids, purines, pyrimidines, amino sugars, amines, and
chlorophyll as it has an important effect on the metabolism and fission of
microalgae [19]. When the N concentration is too low, the total chlorophyll content

3 Photoautotrophic Microalgal Cultivation and Conversion 85



of microalgal cells decreases and the demand for light and CO2 is reduced, which
adversely affects the photosynthesis of microalgae. However, when the N con-
centration is too high, the microalgal growth can be inhibited.

The P sources that are commonly employed in microalgal photoautotrophic
cultivation include biphosphate and dihydric phosphate [20]. For microalgal cel-
lular metabolism, P is used to produce ATP, guanosine triphosphate (GTP), nucleic
acids, phospholipids, and coenzymes. Moreover, P mainly exists in the protoplasm
and nucleus of unicellular microalgal cells and acts as the substrate or regulator that
is directly involved in all of the aspects of photosynthesis, including the absorption
of light energy, the formation of assimilative force, the Calvin-Benson cycle, the
transportation of assimilation products, and the regulation of some key enzymes. In
this way, P directly affects the metabolism of carbohydrates, proteins, fats, and
other metabolic processes as well as the synthesis of phospholipids, nucleic acids,
and some coenzymes in microalgal cells [21]. Generally, the exogenous inorganic
phosphorus that is absorbed by microalgae is transported into the microalgal cells
via active transportation. The majority of the phosphorus is present as soluble
phosphorus in the cytoplasm, of which the residual is converted to polyphosphate
for energy storage, for the synthesis of phospholipids, or for other cellular
components.

2.2.4 Other Environmental Parameters

Microalgal photoautotrophic growth is also affected by temperature given that
temperature can influence the activity of enzymes during photosynthesis and thus
affects the metabolism of microalgae [22, 23]. In addition, the pH of the culture
medium also has a significant impact on the physiological processes (i.e., growth
and metabolism) of microalgae as it influences the activity of enzymes that are
crucial for photosynthesis. However, the pH value affects the dissolution and dif-
fusion of CO2 within the microalgal suspension. Furthermore, the pH value also
plays an important role in the respiration of microalgal cells, absorption of ions, the
ups and downs of microalgal cellular metabolism, and the associated metabolite
production [24].

3 Photobioreactors for Microalgal Photoautotrophic
Cultivation

As mentioned in Sect. 2, microalgal photoautotrophic growth is executed through
photosynthesis, which is primary influenced by light availability, CO2 transfer, and
nutrients supply. In practice, microalgal photoautotrophic cultivation is realized in
open or closed growth systems called photobioreactors (PBRs), which can provide
appropriate growth conditions, such as pH, temperature, light, CO2, and inorganic
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nutrients, for the proliferation of microalgal cells [25]. To date, according to the
motion state of microalgal cells during cultivation, PBRs for microalgal photoau-
totrophic cultivation are classified into aqua-suspended PBRs, biofilm PBRs, and
PBRs with integrated aqua-suspension and biofilm. The detailed instructions of
these PBRs are presented as follows.

3.1 Aqua-suspended PBRs

Aqua-suspended PBRs are currently the dominating microalgal photoautotrophic
cultivation devices which cultivate microalgal cells as planktonic cells, suspended
in liquid nutrient media in PBRs [25]. Light, CO2, and inorganic nutrients are the
three primary factors that affect microalgal photoautotrophic growth. Hence, for an
efficient aqua-suspended PBR, the adequate presence of light, CO2, and inorganic
nutrients should be guaranteed for microalgal cells suspended in culture media.
However, due to an inherent property in aqua-suspended PBRs, water accounts for
over 95% of the proportion of the total volume [26]. With such large volumes of
water, the efficient transfer of light, CO2, and inorganic nutrients from the sur-
rounding environment to the microalgal cells in culture media is crucial for an
aqua-suspended PBR. In this section, we will summarize the recent advances on
aqua-suspended PBRs with elevated microalgal growth from the aspects of light,
CO2, and inorganic nutrients transfer enhancement, respectively.

3.1.1 Improving Light Availability of Microalgal Cells
in Aqua-suspended PBRs

For microalgal photoautotrophic proliferation, light is indispensable since it is the
fundamental driving force for microalgal cells to synthesize chemical energy
through photosynthesis [6]. Therefore, light availability is one of the most impor-
tant factors affecting microalgal growth in any photoautotrophic cultivation system.
However, due to strong mutual shading effects between microalgal cells, microalgal
cultures in aqua-suspended PBRs are characterized by exponential light attenuation
along with the light path [27, 28]. As a consequence, microalgal cells in regions
close to the illumination surfaces are generally exposed to excessive light, thereby
resulting in harmful photoinhibition. Conversely, most of the cells in the interior
regions receive inadequate or no light at all to sustain their growth, both of which
are unfavorable for biomass accumulation [28]. In this regard, maintaining an
optimal light environment inside the PBR is a key challenge for an efficient
high-density aqua-suspended PBR. Intensive efforts have been devoted to address
the adverse effects of heterogeneous light distribution on microalgal growth,
including bringing light to microalgal cells by employing light-guiding materials,
enhancing the circulation of microalgal cells along the light gradient direction by
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installing novel static mixers, and improving light penetrability within the
microalgal suspension by periodically pre-harvesting microalgal cells with recycled
culture medium.

Optimization of Light Distribution by Employing Light-Guiding Materials

According to the relative position between the light source and microalgal cells, the
transfer of light to microalgal cells by employing light-guiding materials is an
effective approach to homogenize the light distribution within the microalgal cul-
ture, thereby alleviating the adverse effect of light attenuation on microalgal growth.
Optical fiber excited by artificial lights or sunlight is a means to improve the light
distribution within the microalgal culture. When the surface of the end-light illu-
minated optical fiber is polished mechanically or chemically, light is emitted from
the lateral surface of the core, thereby producing the so-called side-light optical
fiber. Side-light optical fibers are expected to remarkably enhance the light con-
version efficiency of PBRs since they can provide uniform light distribution within
the microalgal suspension, thereby resulting in a higher illumination surface
area-to-volume ratio [29].

Side-light optical fibers can be directly immersed into the microalgal suspension
to serve as internal light sources to achieve efficient light energy transfer without
heat generation. For instance, Chen et al. [7] proposed a solar-energy-excited
optical fiber PBR system with an internal light source (an optical fiber excited by a
sunlight collecting system), as shown in Fig. 4a. In such a system, side-light optical
fibers were inserted into the PBR as internal light sources to illuminate the
microalgal culture. Specifically, sunlight was collected by Fresnel lenses and
transferred via end-light optical fibers to the side-light optical fibers submerged in a
microalgal suspension. Subsequently, light was emitted from the rough surfaces of
the optical fibers to provide internal illumination for microalgal photoautotrophic
growth. Xue et al. [30] developed a novel PBR structure adopting optical fibers as
the inner light source to fulfill the flashing light effect of microalgae, thereby
achieving a higher light conversion efficiency. As depicted in Fig. 4b, sunlight was
collected and transmitted through the end-light optical fibers into a PBR and dif-
fused from the circumference surfaces of light-diffusing optical fibers to illuminate
the vicinal regions. Notably, light-diffusing optical fibers were in parallel
arrangement inside the PBR and the microalgal suspension was controlled to flow
vertically across the light-diffusing optical fibers (Fig. 4b), thereby periodically
exposing microalgal cells to illumination conditions. The experimental results
indicated the attainment of light/dark frequencies reached over 10 Hz and Spirulina
platensis and Scenedesmus dimorphus microalgal productivities were elevated by
43% and 38% relative to that of the control in the PBR, respectively. However, the
high initial investment costs of optical fibers together with the complicated structure
of the reactor have largely hindered the further development of this type of PBR.

As an alternative to expensive light-diffusing optical fibers, Hsieh and Wu [31]
introduced transparent rectangular chambers (TRCs) made of transparent acrylic
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into an open tank PBR with the aim of conducting light deep into the PBR,
especially at high microalgal biomass concentrations (Fig. 4c). As shown in
Fig. 4c, a portion of the incident light Ia irradiated into the TRC was diffused from
the side surfaces of the TRC (i.e., Id in Fig. 4c) into the microalgal suspension.
Conversely, the rest of the incident light was emitted from the bottom surface of the
TRC to provide light for the microalgal cells with deep depths in the reactor. In this
way, local light intensities in the microalgal suspension were given by the sum of
the incident light flux on the surface and the diffused light flux from the edge
surfaces of the TRCs. Large areas of illumination resulted in improved light energy
utilization efficiency in this PBR and a 56% increase in the total biomass production
as compared to the PBR without TRCs after 13 days of cultivation. Recently, Sun
et al. [32] embedded hollow polymethyl methacrylate (PMMA) tubes into a

Fig. 4 a A solar-energy-excited optical fiber PBR system, adapted from [7], Copyright 2011, with
permission from Elsevier, b PBR employing optical fibers as inner light source to fulfill flashing
light effects of microalgae, c an open tank PBR containing transparent rectangular chambers
(TRCs) to conduct light deep into the PBR, d PBR embedded with hollow light guides, e a
10-stack PBR with integrated borosilicate glass slides with chemically etched surfaces, f PBR with
integrated industrially manufactured planar waveguides doped with light scattering nanoparticles
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flat-plate PBR to serve as the light guide to mitigate the adverse effects of poor light
penetrability on microalgal growth (Fig. 4d). In particular, aluminum-coated
polyethylene terephthalate (PET) films with high reflectivity were adhered onto the
inner surfaces of the hollow PMMA tubes (Fig. 4d). In this way, a fraction of the
incident light was transmitted and emitted to the interior of the PBR, thereby
providing a secondary light source for microalgal cells in light-deficient regions
(i.e., the rear part of the PBR). Specifically, when light irradiates onto the open end
of the tube, a part of the incident light is transmitted forward via its total reflection
on the reflecting film (light paths I1 and I2 in Fig. 4d) and the residual fraction is
transmitted forward directly through the air (light path I3 in Fig. 4d). Afterwards,
the transmitted light is directly emitted from the sealed end of the tube and irradiates
the microalgal cells in the rear part of the PBR. Eventually, the average light
intensity of the interior regions that were 3–6 cm from the light incident surfaces was
enhanced about 2- to 6.5-fold after 3.5 days cultivation, thereby resulting in a 23.4%
improvement in the biomass production relative to that obtained in the control PBR
without PMMA tubes under an incident light intensity of 70 lmol m−2 s−1.
Nevertheless, the introduction of these transparent rectangular chambers and hollow
PMMA tubes occupied too much of the effective volumes of the PBRs. Besides, the
light distribution characteristics of regions near the light incident surfaces were not
optimized and may exhibit harmful photoinhibition.

To improve the light distribution throughout the entire volume of the PBR, Jung
et al. [33] designed a 10-stack PBR with integrated slab waveguides for
microalgae-based ethylene production, as displayed in Fig. 4e. Borosilicate glass
slides with chemically etched surfaces served as waveguides to allow the light
within the waveguide to escape (Fig. 4e). In particular, the adjacent stacks exhibited
spacing of 2 mm to leverage the advantages of the short-light path design. The
experimental results demonstrated that the PBR exhibited the ability to sustain
uniform biomass growth throughout the bioreactor for three weeks and exhibited an
eight-fold enhancement in biomass productivity. In other words, the stacked ar-
chitecture design reduced the requirement of intense culture mixing for optimum
light distribution due to the optimized light distribution throughout the whole
microalgal suspension in the PBR, thereby potentially decreasing the operational
costs. However, the secondary processing of the glass slides to form chemically
etched surfaces was complicated, hard to control, and difficult to scale-up.

Sun et al. [34] introduced industrially manufactured planar waveguides doped
with light scattering nanoparticles to dilute and more uniformly redistribute intense
incident light within the microalgal suspension, of which a flat-plate PBR with a
width of 25 cm was employed to alleviate the adverse effect of heterogeneous light
distribution resulting from the serious light attenuation on microalgal growth (de-
noted as PW-PBR), as shown in Fig. 4f. Different from the slab waveguides with
etched surfaces [33, 35], engineered surface scatterers [36] and wedge-shaped
waveguides with notched surfaces [37] which were reported in previous studies,
wherein nanoscale organosilicon particles were doped inside the planar waveguides
to serve as light scattering media (as depicted in Fig. 4f) and no secondary pro-
cessing was required when using these planar waveguides. The planar waveguides
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doped with light scattering nanoparticles have the advantages of lower cost, longer
lifespan, higher luminance uniformity, conveniently able to be cut to any size with
no need for secondary processing, etc. When incident light irradiates into the planar
waveguide from its edge and is transmitted forward within it, some of the light rays
encounter nanoscale organosilicon particles and are then scattered to various
directions. Subsequently, the scattered light rays that no longer satisfy the total
reflection condition are emitted out from the waveguide surface (Fig. 4f). It is worth
noting that from the left side wall of the PW-PBR (Fig. 4f), three adjacent regions
separated by the planar waveguides constituted a module and the PW-PBR was
scaled-up by increasing the module number. During the entire cultivation period,
the illuminated volume fractions in the proposed PBR were 21.4–410% higher over
those in the flat-plate PBR without waveguides, thereby resulting in a 220%
improvement in the biomass production relative to that in the flat-plate PBR without
waveguides. Thereafter, PW-PBRs with different intervals between adjacent
waveguides were constructed to determine the optimal configuration of the reactor
and the responses of microalgal growth and lipid productivity in the optimized
PW-PBR to various initial nitrate concentrations and light intensities emitted from
planar waveguide surfaces were investigated [38]. The experimental data demon-
strated the effective illuminated volume fraction of the microalgal cells in the
regions between the adjacent waveguides under an interval of 10 mm reached
100%. Furthermore, the microalgal growth and lipid accumulation were syn-
chronously enhanced with the rising light intensities emitted from the planar
waveguide surface, thereby resulting in a maximum lipid content of 41.7% and a
lipid yield of 2200 mg L−1 under 560 lmol m−2 s−1. Hence, the PW-PBR exhib-
ited great potential in microalgae-based lipid production when operated cost
effectively at a large scale. Thereafter, although the use of light-guiding materials
has been an emerging effective approach to eliminate the adverse effect of poor light
penetrability on microalgal growth in closed PBRs, the integration of light-guiding
materials into the open raceway ponds (ORPs) to homogenize light distribution and
hence boost microalgal growth has been rarely reported. To fulfill this gap, Sun
et al. [39] constructed a lab-scale ORP with built-in planar waveguide modules as
light-guiding materials (herein referred to as PWM-ORP) for Nannochloropsis
oculata cultivation. The light distribution characteristics within the
Nannochloropsis oculata suspension were significantly improved due to the inte-
gration of the planar waveguide modules and the superior light distribution char-
acteristics in the proposed ORP contributed to the 193.33% and 443.71%
enhancement in the biomass concentration and lipid yield as compared to those
achieved in the conventional ORP, respectively. Meanwhile, the biodiesel obtained
in the PWM-ORPs also exhibited better properties over the conventional ORP due
to higher monounsaturated fatty acids (MUFAs) and C18:1 component proportions.
Notably, the newly-designed PWM-ORP exhibited a promising perspective for its
industrial application because both planar waveguides and ORPs have been com-
mercially used. With respect to the scaling up of the PWM-ORP, linear Fresnel
lenses or trough solar collectors can be adopted to replace the energy-intensive LED
light bars, thereby decreasing the cultivation cost to a further extent.
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Enhanced Movement of Microalgal Cells Along the Light Gradient by
Installing Novel Static Mixers

Vigorous mixing is essential for an aqua-suspended PBR as it keeps microalgal
cells in suspension, eliminates thermal stratification, allows even nutrients distri-
bution, enhances gas-liquid mass transfer to prevent oxygen accumulation, etc.
[25]. In addition, proper mixing can shuttle microalgal cells between the light zone
near the illumination surfaces and the dark-interior regions, thereby resulting in
mixing-induced periodic light/dark cycles, which are beneficial for microalgal
growth [40]. Given that microalgal cultures in aqua-suspended PBRs are charac-
terized by exponential light intensity attenuation along with the light path length, a
light intensity gradient was observed along the light path. It has been reported than
microalgal cellular transfer between light and dark regions at a suitable frequency
elevated both the light energy utilization and photosynthetic efficiency of the
microalgal cells [41]. Therefore, the enhanced movement of microalgal cells along
the light gradient is more favorable for microalgal growth as compared to random
mixing. On account of this, the installation of static mixers in PBRs can effectively
facilitate the movement of microalgal cells along the light gradient. As a result,
various attempts have been conducted from this point of view to boost microalgal
growth.

For instance, Degen et al. [42] developed a novel flat-plate airlift PBR with
baffles to induce regular light cycling in the microalgal suspension, and hence
enhance the microalgal growth via the flashing light effect, as shown in Fig. 5a. To
be specific, the proposed PBR consists of two parts, i.e., the downcomer and riser
zones. Moreover, the riser zone was further subdivided into interconnected
chambers by horizontal baffles that were alternately attached to the front and back
of the larger flat faces of the PBR. When compressed air was injected into the riser
zone, the microalgal suspension fluid inside the chambers circulated, thereby
resulting in the periodic cell movement between the narrow illuminated and deeper
dark zones. Eventually, Chlorella vulgaris biomass productivity was 1.7-fold
higher than that attained in a randomly mixing bubble column with identical
dimensions. Similarly, Wang et al. [43] designed a flat-plate PBR with horizontal
baffles alternately attached to the front and back of the PBR, whereas the small
downcomer zone designed in Degen et al. [42] was omitted to improve the scal-
ability of the PBR. By using computational fluid dynamics, the effect of the aeration
intensity, aeration site, and baffle structural parameters on the flow and mixing
performance of PBR were investigated. The experimental data indicated that the
maximum biomass productivity in the optimized PBR was 1.88-fold higher than
that of the control PBR without baffles. To enhance the mixing degree along the
light gradient in a flat-plate PBR characterized by a larger light path of 15 cm,
Huang et al. [44] proposed novel mixers characterized by trapezoidal chambers that
consisted of inclined baffles to promote microalgal culture mixing along the light
gradient (Fig. 5b). Notably, these novel mixers were independent of the PBR to
allow easy removal and cleaning. The flow field and cell trajectories of the PBRs
with these novel mixers were numerically investigated through computational fluid
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dynamics (CFD). The results indicated that these novel static mixers significantly
enhanced the liquid mixing degree along the light gradient as compared to those in
the control PBR without mixers and a 42.9% increase in biomass production was
achieved relative to the control PBR without mixers. Yang et al. [45] introduced
horizontal tubes and triangular prism (HTTP) baffles that can generate flow vortices
into a flat-plate PBR to elevate the solution velocity between the dark and light
regions, thereby improving microalgal growth, as depicted in Fig. 5c. The solution
velocity, mass-transfer coefficient, and mixing time were measured, of which the
results demonstrated that the solution velocity between the dark and light regions
increased from ca. 0.9 to 3.5 cm s−1, which is equivalent to a four-fold decrease in
the dark/light cycle period, thereby resulting in a 70% improvement in the biomass
yield as compared to that in the control PBR.

In addition to the flat-plate PBRs, intensive efforts also have been devoted to
enhance the vertical microalgal suspension velocity between the bottom dark and
top light zones in ORPs by installing static mixers. Cheng et al. [46] proposed an
ORP with built-in up-down chute baffles that can sequentially generate clockwise
and anticlockwise liquid vortexes (Fig. 5d). The vertical velocity of the microalgal
suspension was measured using a particle imaging velocimeter. The results indi-
cated that the up-down chute baffles accelerated the mixing process, thereby
enhancing the vertical liquid velocity and microalgal growth rate. Consequently, the
vertical liquid velocity was improved from ca. 0.5 to 6.1 cm s−1, thereby resulting
in a 32.6% increase in biomass production as compared to that in the control ORP
without baffles.

Fig. 5 a A flat-plate airlift PBR with baffles to induce a regular light cycling of microalgae,
b PBR with novel mixers characterized by trapezoidal chambers, c flat-plate PBR with new
horizontal tubes and triangular prism (HTTP) baffles, d an open raceway pond with built-in
up-down chute baffles
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With the purpose of reducing the dead zone and enhancing the flashing light
effect, Zhang et al. [47] developed a novel ORP with flow deflectors and wing
baffles. The configurations of the proposed wing baffles were similar to airplane
wings, and significant swirling flow was produced in the ORP with built-in wing
baffles, whereas no swirling flow was observed in the control pond. When
microalgal suspension flowed over the baffles, a pressure difference was created
under the wing baffles. At the tips of the wing baffles, the microalgal suspension
flowed from the high-pressure region below the foil to the low-pressure region
above the foil, thereby creating a vortex off each tip of the baffle. The results
demonstrated that the installation of optimized flow deflectors and built-in wing
baffles in the raceway pond generated a decrease in the dead zone area of 60.4% and
the average light/dark cycle period decreased from 14.0 to 4.4 s. Finally, the
Chlorella sp. biomass concentration in the wing-baffled raceway pond was 30%
higher than that in the control pond. Similarly, Huang et al. [48] proposed the
installation of sloping baffles and flow deflectors in the ORP. The results indicated
that the newly-designed ORP fitted with the sloping baffles and flow deflectors
promoted a 93% increase in the velocity along the light attenuation direction, and
the cultivation experiments demonstrated the combination of sloping baffles and
flow deflectors significantly improved microalgal productivity.

However, light penetrability decreased exponentially following an increase in
biomass concentration, thereby indicating that light distribution characteristics in
aqua-suspended PBRs are primarily determined by the biomass concentration in the
PBR. As a result, the rational control of the biomass concentration in an
aqua-suspended PBR can enhance the light penetrability within the microalgal
suspension and thus improves the microalgal growth rate. From this point, Huang
et al. [49] put forward a cultivation mode that involves periodically pre-harvesting
partial of microalgal cells from the suspension with culture medium recycling. In
particular, no additional nutrients were replenished during the culture medium
recycling. The results indicated that the daily pre-harvesting of 30% of the
microalgal cells from the suspension enhanced the average light intensity in the
PBR by 27–122%, thereby contributing to a 46% increase in the total biomass
production relative to that cultivated in batch cultivation without pre-harvesting.

3.1.2 Enhancing the CO2 Transfer in Aqua-suspended PBRs

For microalgal photoautotrophic growth, carbon is one of the most important
nutrients as it represents almost 50% of the microalgal biomass dry weight. For an
aqua-suspended PBR, CO2 gas is generally pumped into the microalgal culture in
the form of bubbles to provide a carbon source for microalgal photosynthesis.
However, the low mass transfer coefficient of CO2 has been a main limitation in the
transfer of CO2 from the gaseous to the liquid phase as it can greatly limit
microalgal growth [15, 50]. Various approaches have been proposed to enhance
CO2 transfer in aqua-suspended PBRs and thus boost microalgal growth.
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The enlargement of the gas-liquid contacting area by reducing the size of the gas
bubbles that are aerated into the PBRs has been recognized as one of the most
effective ways to increase the overall mass transfer coefficient of CO2. From this
point of view, Cheng et al. [51] constructed a PBR integrated with a hollow fiber
membrane module to remove CO2 from air using microalgae (Fig. 6a). Specifically,
the gas outlet of the hollow fiber membrane module was sealed, and the module
was connected to the PBR. The microalgal suspension was driven to circulate
between the membrane module and PBR by a peristaltic pump, and CO2 was
permeated into the microalgal culture through a hollow fiber membrane tube
contained in the membrane module. In this way, the retention time of the smaller
and more uniform gas bubbles in the new membrane-PBR increased from 2 to more
than 20 s, thereby resulting in an improved CO2 fixation rate from 80 to 260 mg
L−1 h−1. Hollow fiber membranes have demonstrated their ease and effectivity in
supplying CO2 into the microalgal culture. Similarly, to enhance the mass transfer
of CO2 from the gaseous to the liquid phase, Fan et al. [52] designed a
membrane-sparged helical tubular PBR, which consisted of a cylindrical-shaped
light receiver and a mass transfer system, as illustrated in Fig. 6b. Specifically, for
the mass transfer system, hollow fiber membranes were uniformly fitted inside the
reactor to function as the gas sparger and to generate small bubbles. The experi-
mental results demonstrated improvement in microalgae-based CO2 biofixation
following the introduction of the membrane sparger. Recently, Kim et al. [53]
proposed an advanced material PBR, i.e., the direct membrane-carbonation PBR
(DMCPBR) in which a membrane carbonation (MC) module of hollow fiber
membranes was directly submerged inside the DMCPBR. By matching the CO2

flux to the carbon demand of photoautotrophic microalgal growth, over 90% of the
supplied CO2 was utilized by the DMCPBR, which exhibited an opportunity to
improve the CO2 delivery efficiency for microalgal cultivation. Zheng et al. [54]
designed a novel membrane system to directly deliver CO2 to microalgae from CO2

capture solvents. To be specific, CO2 was first absorbed by the potassium carbonate
solvent and then the CO2 gas was desorbed directly into the microalgal medium
through a non-porous polydimethylsiloxane (PDMS) hollow fiber membrane sub-
merged inside microalgal ponds or a bioreactor (Fig. 6c). In this way, Chlorella
sp. exhibited elevated growth as compared to the control PBR, and the maximum
volumetric productivity and biomass concentration reached 0.38 g L−1 d−1 and
1.8 g L−1, respectively, by completely avoiding carbon limitation in the culture.

Another way to enhance the transfer of CO2 into microalgal suspension is to
prolong the retention time of the CO2-enriched bubbles within the microalgal
culture. Based on this point, Ketheesan and Nirmalakhandan [55] developed a
pilot-scale airlift-driven raceway pond consisting of a raceway section and an airlift
section, as illustrated in Fig. 6d. The airlift section was composed of plexiglass pipe
with a built-in central partition to serve as a U-tube, thereby forming the down-
comer and riser. Air was aerated into the pond from the bottom of the riser side of
the U-tube to create fine bubbles. The microalgal suspension was driven around the
raceway pond due to the density difference between the downcomer and riser
(Fig. 6d). Supplemental CO2 was injected at the mid-depth of the downcomer to
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allow the downward flow of the suspension in the downcomer to retain the rising
CO2 bubbles for a longer period and carry them towards the riser, thereby
improving the transfer of CO2 into the microalgal culture and generating a maxi-
mum CO2 utilization efficiency of 33%. However, with the aim of preventing CO2

from directly escaping into the atmosphere and thus prolonging the retention time
of CO2 in the ORP, Li et al. [56] covered the ORP with a specially designed
transparent cover that was in direct contact with the surface of the microalgal
culture, as shown in Fig. 6e. The CO2 mass transfer and CO2 fixation efficiency of
the microalgae in the closed ORP were investigated. Notably, CO2 reached a fix-
ation efficiency of 95% under intermittent gas sparging.

Furthermore, gas aerators play an important role in microalgal photoautotrophic
cultivation given that smaller bubbles provide larger gas-solution interfacial areas
and higher mass transfer coefficients. From this point, Yang et al. [57] proposed a
novel oscillating gas aerator combined with an oscillating baffle to generate smaller
aeration bubbles and thus enhance CO2 mass transfer, as depicted in Fig. 6f. In the
proposed oscillating gas aerator, the shearing lift force played a major role in
removing generated bubbles from the aerator orifice in the presence of cross flow
velocity. As such, the compressed gas was broken into smaller bubbles due to the
enhanced shearing lift force that resulted from the intensively oscillating pumped
solution inside the gas aerator (Fig. 6f). The results indicated that the optimized
oscillating gas aerator decreased the bubble diameter and bubble generation time by
25% and 58% relative to a horizontal tubular gas aerator, respectively. In addition,
the CO2 mass transfer coefficient was increased by 15%, thereby resulting in a 19%
improvement in the microalgal biomass yield. Thereafter, Yang et al. [58] replaced
the oscillating gas aerator with a swing gas aerator made of a rubber hose with the
length of 15 mm, as displayed in Fig. 6g. When the swing gas aerator was operated
within the microalgal culture, small bubbles were generated due to the enhanced
shearing lift force. In this way, the CO2 mass transfer coefficient exhibited an
improvement of 25% and an increase of 18% in biomass production. In addition,
when CO2 bubbles rise due to buoyancy within the microalgal suspension, the
dynamic behaviors of the CO2 bubbles significantly affect CO2 mass transfer and
thus arouse uneven distribution of the microalgal cells inside the PBR due to the
bubble carrying effect. In consideration of this, Huang et al. [59] recently designed a
gas distributor with an optimized vent hole diameter and arrangement. When
microalgal cells were cultivated using the gas distributor with a hole diameter of
0.5 mm and an inner hole spacing distance of 1.5 mm, the microalgal cells

JFig. 6 a A PBR integrated with a hollow fiber membrane module to remove CO2 from air by
using microalgae, b a membrane-sparged helical tubular PBR, c a novel membrane system used
for delivering CO2 to microalgae directly from CO2 capture solvents, d a pilot-scale airlift-driven
raceway reactor consisted of the raceway section and the airlift section, e an open raceway pond
covered with specially designed transparent cover, f an open raceway pond integrated with a novel
oscillating gas aerator combined with an oscillating baffle to generate smaller aeration bubbles and
thus enhance solution mass transfer and g an open raceway pond integrated with a swing gas
aerator
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exhibited the highest growth rate and carbon sequestration ability, thereby
demonstrating that the dynamic behaviors of the CO2 bubbles indeed provided
important theoretical guidance for the optimization of the subsequent PBR design
and operating conditions.

3.1.3 Enhancing Inorganic Nutrients Transfer Within the Microalgal
Culture in Aqua-suspended PBRs

In addition to light and CO2, N and P are two essential inorganic nutrients for
microalgal photoautotrophic growth. As N is a major element of nucleic acids and
proteins, the starvation of N can hinder microalgal growth. P is a critical component
of organic molecules, including nucleic acids (DNA and RNA), ATP, and mem-
brane phospholipids, that are essential for microalgal metabolism [60]. Under the
P-deficient condition, various aspects of intracellular metabolism, including nitrate
transportation and protein synthesis (N needed), can be downregulated due to the
limitation of adenylate and plasmalemma H+-ATPase activity. In this regard, suf-
ficient N and P are crucial for the accumulation of the microalgal biomass.
Nevertheless, an excess of N and P nutrients can inhibit microalgal growth. In
addition, deliberate N and P limitation is an often adopted to trigger lipid accu-
mulation in microalgal cells for the production of biofuels. From this point of view,
Fu et al. [61] proposed a self-adaptive microalgal PBR in which anion exchange
membranes were introduced (Fig. 7a). To be specific, the anion exchange mem-
brane is a kind of organic polymer membrane characterized by certain active groups
on the surface, which shows selectivity for the permeation of different anions. As
for the designed PBR, N and P can be continuously transferred from the feeding
medium inside the feeding chamber to the microalgal suspension inside the culti-
vating chamber by the driving force of the ion concentration gradient, which not
only provides adequate nutrients for microalgal growth but also avoids any adverse
effects caused by the excessive nutrients that were initially added in the batch
cultivation. The experimental data exhibited a 129% improvement in biomass

Fig. 7 A self-adaptive microalgae PBR with anion exchange membranes

98 Y. Sun et al.



production as compared to that obtained in the control PBR with all of the nitrogen
added in the culture medium at the beginning of the batch growth. Thereafter, an
annular PBR with an ion exchange membrane for microalgal cultivation together
with wastewater treatment (denoted as IEM-PBR) was designed [62]. Particularly,
the IEM-PBR avoided the direct mixing of the microalgal suspension with
wastewater by means of separating them into two chambers. Nutrients (mainly N
and P) contained in the wastewater were continuously permeated into microalgal
suspension across the ion exchange membrane to enable microalgal growth,
whereas the pollutants hardly permeated into the microalgal suspension. In this
way, the negative impacts of the pollutants in the wastewater on the microalgal
growth were greatly reduced. The results indicated that microalgal growth under the
wastewater characterized by excess nutrients, high turbidity, and excess heavy
metals exhibited significant improvements in the maximum microalgal biomass
concentrations from 2.34, 2.15, and 0 g L −1 in the conventional PBR to 4.24, 3.13,
and 2.04 g L−1 in the IEM-PBR, respectively. That is to say, the newly designed
annular IEM-PBR provided a promising approach to exploit nutrients in wastewater
for microalgal photoautotrophic cultivation.

3.2 Microalgal Attached Biofilm Cultivation PBRs

Although aqua-suspended PBRs are currently the predominant systems for
microalgal photoautotrophic cultivation, many inherent disadvantages of these
aqua-suspended PBRs are hard to overcome, such as huge water requirements, high
energy costs in biomass harvesting, poor biomass productivity, difficulty in scaling
up, susceptibility to contamination, etc. [63]. In recent years, microalgal attached
biofilm cultivation has been regarded as a promising alternative to aqua-suspended
PBRs. Generally, microalgal cells were directly inoculated onto the surfaces of
supporting materials in the form of high-density nutrient-fed biofilm, also termed as
biofilm cultivation. As compared to aqua-suspended cultivation, this method has the
advantages of reduced water requirements, easier harvesting, better contamination
control, and simpler scale-up. Moreover, Huang et al. [64] also validated that the
effective illumination portion of the cells in the biofilm was much higher than that
in the aqua-suspended microalgal culture. In addition, microalgal cells in biofilm
appeared more amiable to CO2 than those in aqua-suspended microalgal culture.
Consequently, the enhanced CO2 and light transmission within microalgal biofilm
exhibited an improved light energy conversion efficiency and microalgal biomass
productivity.

As examples of these microalgal attached biofilm cultivation PBRs, Ozkan et al.
[65] reported a microalgal biofilm PBR consisting of a biofilm growth surface, a
nutrient medium recirculation system, and an illumination device, as depicted in
Fig. 8a. To be specific, the biofilm growth surface was a concrete substrate layer
placed over a wood supporting flat plate. For the nutrient medium recirculation
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system, the culture medium was delivered by dripping nozzles located right above
the concrete substrate layer. In particular, the microalgal growth surface was tilted
by 0.2° with respect to the horizontal line to enable gravity-driven nutrient medium
flow over the microalgal biofilm. According to the results, the required water to
produce per kilogram of microalgal biomass was reduced by 45% and the dewa-
tering energy requirement was correspondingly decreased by 99.7%. Thereafter,
Liu et al. [66] proposed a novel microalgal biofilm cultivation method in which
microalgal cells were evenly filtered onto a cellulose acetate/nitrate membrane to
form a microalgal ‘disk’. In addition, each microalgal ‘disk’ was placed onto an
artificial substratum material composed of a piece of filter paper, after which the
filter paper was attached onto a rigid glass flat plate (Fig. 8b). The culture medium
was dripped down from a perforated nylon tubing placed on the top brim of the
glass flat plate into the interval between the filter paper and glass flat plate, thereby
maintaining the wetness of the filter paper, cellulose membranes, and microalgal
‘disks’ as the culture medium flowed down under gravitational effects. Given that
the aqua-medium and microalgal cells were largely separated, the disadvantages
caused by the huge water proportion could be significantly neutralized. In general,
the merits of the proposed microalgal attached biofilm cultivation method included
water savings, high microalgal biomass productivity, and highly efficient harvest-
ing. Additionally, each of the glass flat plate together with the attached microalgal
biofilm ‘disks’ could be regarded as a ‘cultivation module’. In addition, this type of
microalgal attached biofilm cultivation PBR can be scaled up by increasing the
corresponding module number. Notably, the microalgal cells must cover the entire
surface of the filter paper in the subsequent practice applications. On the basis of
this cultivation method, Scenedesmus obliquus exhibited an outdoor cultivation
biomass productivity of 50–80 g m−2 d−1, which corresponds to a photosynthetic
efficiency of 5.2–8.3% (total solar radiation). Afterwards, Zhang et al. [67] con-
structed a small-scale outdoor attached biofilm cultivation PBR for Spirulina
platensis growth characterized by daily harvesting for 10 days, the results of which
exhibited an average microalgal productivity of 60 g m−2 d−1 (Fig. 8c). Microalgal
attached biofilm cultivation has also been applied in wastewater treatment. As
depicted in Fig. 8d, Shi et al. [68] immobilized Halochlorella rubescens onto
sheet-like surfaces in a vertical arrangement and operated the system employing the
primary and secondary municipal wastewater as nutrient sources for microalgal
cultivation. According to the results, microalgal growth was not impaired by the
suspended solids or bacteria throughout the entire growth process.

3.3 PBRs with Integrated Aqua-suspended and Attached
Biofilm Cultivation

Except for the aqua-suspended PBRs and attached biofilm PBRs for microalgal
cultivation, PBRs with integrated aqua-suspended and attached biofilm cultivation
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have also been proposed and have exhibited promising prospects. For example,
Zhuang et al. [69] established a suspended-solid phase PBR (referred as ssPBR) in
which solid carriers were added and kept suspended via bubble aeration (Fig. 9a).
In the process of microalgal growth, some microalgal cells attached onto the
suspended-solid phase carriers. Thereafter, when the quantity of the microalgal
biomass attached onto the suspended-solid carriers reached a certain amount, the
suspended carriers attached to the high-density microalgal biofilm were easily
removed from the ssPBR for biomass harvesting. Notably, these suspended-solid
carriers could be put back into the ssPBR for recycling following the harvesting of
the microalgal biomass attached onto the carriers. The experimental results
demonstrated a 30% increase in biomass production in the ssPBR as compared to
that in the control PBR. Similarly, Gao et al. [70] proposed a microalgal attached
biofilm membrane PBR (denoted as BMPBR) equipped with solid carriers and a

Fig. 8 a A microalgal biofilm PBR, adapted from [65], Copyright 2012, with permission from
Elsevier, b a novel microalgal attached biofilm cultivation method, adapted from [66], Copyright
2013, with permission from Elsevier, c an outdoor microalgal attached biofilm cultivation
bench-scale PBR for Spirulina platensis cultivation, adapted from [67], Copyright 2015, with
permission from Elsevier, and d microalgal attached biofilm cultivation applied for wastewater
treatment, adapted from [68], Copyright 2014, with permission from Elsevier
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submerged membrane module, as depicted in Fig. 9b. In the designed BMPBR, the
submerged membrane module functioned as a solid-liquid separator that could
completely separate the suspended microalgal cells from the culture medium,
whereas the solid carriers made of flexible fiber bundles served as the supporting
material for attachment of the suspended microalgal biomass.

On the other hand, Gross et al. [71] designed a rotating algal attached biofilm
(RAB) cultivation PBR (Fig. 9c). To be concrete, a flexible cell attachment material
was stretched around the three shafts in the form of a triangular configuration. In
particular, the lowest elevated corner of the triangular configuration was submerged
within a nutrient-rich medium reservoir for nutrients feeding, whereas the rest of the
attachment material was directly exposed to the surrounding atmospheric condi-
tions. In terms of the working process of the RAB cultivation PBR, the flexible cell
attachment material was rotated, thereby periodically exposing the microalgal cells
to the nutrient-rich liquid phase and CO2-rich gas phase. As a consequence, the
microalgal biofilm attached on the material alternatively accessed nutrients and CO2

Fig. 9 a A suspended-solid phase PBR (named as ssPBR) in which suspended-solid carriers were
added and kept suspended by bubble aeration, adapted from [69], Copyright 2014, with permission
from Elsevier, b a microalgal biofilm membrane PBR (referred as BMPBR) integrated with solid
carriers and submerged membrane module, adapted from [70], Copyright 2015, with permission
from Elsevier, c a rotating microalgal biofilm (RAB) cultivation system and d a PBR based on a
rotating biological contactor
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to sustain their growth. After a few days of growth, a thick microalgal biofilm was
formed on the attaching material. At that time, the high-density microalgal biomass
was easily harvested by scraping the biofilm with a rubber knife. In the meantime,
the residual microalgal cells remaining on the material served as the inoculum for
the next microalgal biofilm growth cycle. Eventually, the RAB system was
experimentally demonstrated as an efficient microalgal photoautotrophic cultivation
system due to its easier biomass harvesting process and its elevated biomass
productivity.

Thereafter, Blanken et al. [72] constructed a PBR based on a rotating biological
contactor (RBC), which is referred to as Algadisk. In the proposed PBR, microalgal
cells grew in the form of biofilm attached onto the vertical rotating disks that were
partially submerged within a liquid culture medium (Fig. 9d). When the microalgal
biomass attached on the rotating disk reached a certain amount, the corresponding
microalgal attached biofilm was conveniently harvested by scraping. Afterwards,
the microalgal cells attached onto the rotating disk regrew in the form of biofilm
from the microalgal biomass that remained on the disk surface. The experimental
results indicated that the proposed cultivation system was stable for over 21 weeks
and a disk diameter of at least 1.5 m was observed for practice applications.

4 Potential Technologies for Photoautotrophic
Microalgal Biomass Conversion

Microalgal photoautotrophic cultivation has four characteristics. The first and
foremost is the dilute nature of the microalgal suspension (generally the microalgal
biomass concentrations are lower than 6 g L−1), thereby deeming it necessary to
concentrate and harvest microalgal biomass from the culture medium prior to the
downstream energy conversion of the microalgal biomass [73]. Second, the density
of microalgal cells is close to the water (1070–1140 kg m−3), thereby indicating the
ineffectiveness of gravity sedimentation (i.e., the easiest method for solid-liquid
separation) on microalgal biomass harvesting [74]. Third, the small size of the
microalgal cells with diameters ranging from 2 to 20 lm challenged the harvesting
of microalgal biomass via filtration [75]. Lastly, the surfaces of the microalgal cells
are generally electronegatively charged with an intensity within a range of −10 mV
for Chlorella to −35 mV for Scenedesmus over a wide pH range [76]. The elec-
trostatic repulsion effects between the microalgal cells resulted in the suspended
stability of the microalgal cells within the culture medium, which further increases
the difficulty in microalgal biomass harvesting. However, the downstream utiliza-
tion of the microalgal biomass for energy conversion is primarily dependent on the
high-density concentrated microalgal biomass. In this regard, the dewatering pro-
cess for microalgal suspension is essential and is of vital importance.

3 Photoautotrophic Microalgal Cultivation and Conversion 103



4.1 Microalgal Suspension Dewatering and Biomass
Harvesting

To date, the prevailing microalgal biomass harvesting methods consist of floccu-
lation, flotation, centrifugation, filtration, or a combination of them, as summarized
in Table 1. Nevertheless, on account of the high energy consumption, it is unfea-
sible to apply centrifugation and filtration in large-scale applications without prior
pre-concentration [77, 78]. Moreover, the filtration process requires relatively
higher operating and maintenance costs, and frequent membrane replacements
caused by continuous fouling make it more complicated to operate [77]. Although
flotation is generally adopted in the field of wastewater treatment and is often
preceded by flocculation, it is much more effective than flocculation [79]. However,
added chemical flocculation agents are always difficult to remove and an excess of
added flocculants is harmful to microalgal cells. For example, the application of
ferric salts has been proved to induce brown-yellow coloration in microalgal cells,
and cytolysis was observed following the addition of aluminium salts [80, 81].
Furthermore, the cost of the microalgal harvesting process was estimated to account
for 20–30% of the total cost of microalgae-based biofuel production [73].

Hence, an ideal microalgal biomass harvesting method should be applicable to
many different microalgae strains, convenient to achieve high biomass concentra-
tions and recovery efficiencies, and require only moderate costs of operation [85].
Generally, two microalgal biomass harvesting strategies, i.e., the single-step con-
centrating process and the two-step concentrating process, have been employed.
The two-step concentrating process consists of a primary harvesting step to produce
2–7% total suspended solids (TSS), followed by a thickening step to generate 15–
25% TSS [82]. In other words, the two-step concentrating process for microalgal
harvesting is comprised of the two-stage concentrating process, i.e., the primary
harvesting and subsequent thickening steps [73]. The two-step concentrating

Table 1 Comparisons of the prevailing microalgal biomass harvesting methods

Costs Biomass
recovery
efficiency (%)

Concentration
range (%
solids)

Disadvantages Refs.

Flocculation Low 40–95 1–5 Contamination
issues and slow
process

[74]

Centrifugation High 80–90 10–25 High energy input [82]

Filtration Medium-high 70–90 5–15 Slow process and
high operating
costs

[83]

Flotation Low–
medium

80–90 2–6 Contamination
issues and high
costs

[84]
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process can reduce the overall cost given that the thickening step, which is much
more energy-intensive than the primarily harvesting step, can be conducted on
concentrated microalgal suspension [86, 87]. In particular, for microalgal pho-
toautotrophic cultivation, the most feasible scheme for large-scale microalgal bio-
mass harvesting is the adoption of flocculation or flotation as the primarily
harvesting step, followed by centrifugation or filtration to further thicken the
microalgal suspension.

4.2 Biomass Conversion

Given that the major compositions of microalgal biomass, proteins, carbohydrates,
and lipids contain reduced carbon that can be oxidized exothermically, these all
represent potential energy sources. Although energy is important, it is not neces-
sarily the best product that can be produced from the different components. In
particular, protein is not an ideal feedstock for energy production as it has greater
utility as a nutrient (e.g., for animal or aquaculture applications) [88]. Similarly,
pigments, carotenoids, and lipids that contain omega-3 fatty acids are much more
valuable as nutritional supplements than as energy feedstocks [89].

Most microalgae have the ability to store energy in the form of intracellular oil
droplets or starch granules. These are the compounds that are most readily con-
vertible into fuels and the most suitable feedstocks for energy production. However,
the cost of producing only biofuels from microalgal biomass is not competitive with
petroleum-based fuels [90, 91]. The most economically sensible approach to obtain
energy from microalgal biomass is to produce energy from oils or carbohydrates
while retaining the value of proteins and other components in a so-called
‘biorefinery’.

In recent years, many studies have focused on methods for extracting lipids from
microalgal cells. However, many of these methods, such as Soxhlet, Kochert,
liquid-liquid extraction, and supercritical fluid extraction [92–94], are only suitable
for laboratory or small-scale applications as these require drying, which necessitates
prohibitive amounts of energy [95, 96]. For the conversion of microalgal biomass
obtained from photoautotrophic cultivation, it is more economical and effective to
adopt the methods that can be applied to wet, concentrated microalgal slurries.
These include hydrothermal liquefaction, dilute acid hydrolysis, and lipid
extraction.

4.2.1 Hydrothermal Liquefaction

Hydrothermal liquefaction is a process in which the macromolecular constituents of
wet biomass are hydrolyzed into smaller organics during exposure to subcritical
water (200–400 °C and 10–40 MPa) [97]. This results in the production of a liquid
biocrude (or bio-oil) fuel precursor, as well as aqueous, gaseous, and solid
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by-products [98]. While nitrogen- and phosphorus-containing nutrients can
potentially be recycled back to the microalgal cultures following sufficient dilution
[99], nitrogen can remain as a contaminant in the biocrude oil [98]. An additional
drawback is that the value of the protein is at best degraded back into a low-grade
nutrient, which disregards the added value provided by the conversion of low-grade
nitrogen into a protein by the microalgae. An alternative to processing the whole
biomass is the adoption of a ‘biorefinery’ approach, wherein proteins and/or lipids
are first fractionated from the residual biomass, which can then be separately
subjected to hydrothermal liquefaction [100].

4.2.2 Dilute Acid Hydrolysis

Dilute acid hydrolysis is another thermochemical process for obtaining biofuels
from microalgal biomass. During this approach, fermentable sugars (e.g., glucose)
are released from the cellulosic and starch components of the microalgal cells
through acid-catalyzed hydrolysis. These sugars are then fermented into ethanol and
the lipids and proteins are recovered separately [101]. Slurries of 15% w/v biomass
have been processed using acid concentrations of up to 4% and temperatures in the
range of 120–170 °C [102]. At these temperatures, proteins are denatured and they
are likely to undergo some chemical degradation, including via the Maillard
reaction [103].

This process breaks down the cell walls, thereby eliminating the requirement of
cell rupture by high-pressure homogenization. However, to obtain ethanol from
carbohydrates, additional unit operations of fermentation and ethanol distillation are
required. These can be costly if only dilute sugar solutions are obtained that pro-
duce low titers of ethanol.

4.2.3 Lipid Extraction

Oils (i.e., TAGs) recovered from microalgal biomass are an alternative feedstock
for biodiesel that can be produced with greatly reduced demands for arable land and
fresh water. TAGs are hydrophobic. As a result, they can be selectively recovered
from other biomass components using organic solvents [95]. Although polar sol-
vents, such as ethanol and isopropyl alcohol, can be effective, they are miscible in
water which necessitates energy-intensive thermal distillation for their recovery.
Therefore, the energy-efficient recovery of lipids from wet microalgal biomass
requires the use of immiscible solvents that can be physically separated [104, 105],
such as hexane, which is used extensively for soybean oil extraction [106].
Effective lipid recovery can be achieved by employing immiscible solvents after the
cells have undergone mechanical rupture by high-pressure homogenization [105].

As compared to hydrothermal liquefaction and dilute acid hydrolysis, lipid
extraction can be performed at sufficiently low temperatures (<60 °C) [107] to
avoid protein denaturation and any possible chemical degradation of the protein or
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nutraceutical components. In addition, non-polar solvents are selective to TAG,
thereby allowing the omega-3 fatty acid-rich polar membrane lipids to remain in the
delipidated biomass [108]. A key requirement for energy efficiency is to reduce the
amount of solvent used in relation to the TAG recovered [104]. While most of the
lipid-containing solvent can be physically recovered from the microalgal biomass,
the solvent must be recovered from the lipid. At present, this proceeds via thermal
evaporation. While this process can be sufficiently energy efficient [104], there is
potential for further improvement if novel technologies, such as the use of
switchable solvents [109, 110] or membrane-based solvent-lipid separation [111]
can be successfully developed. However, the challenge of fully recovering of
lipid-rich hexane via centrifugation has yet to be resolved. It has been shown that
the separation process is limited by barriers to coalescence presented by the strongly
emulsifying properties of the ruptured cells [112].

4.2.4 Conversion of Lipids to Fuels

As mentioned above, the TAG derived from microalgal biomass can be converted
to biodiesel. This is achieved by transesterification, which converts the triacyl-
glyceride into glycerol and three fatty acid methyl (if methanol is used) esters
(FAME). Base-catalyzed transesterification is the most economical. However, acid
catalysis and enzymatic transesterification are alternative methods that are currently
being investigated. The TAG recovered from microalgae have other components,
including some polar lipids, sterols, and pigments, which should be removed via
degumming. The fatty acid profile of the TAG obtained from the microalgal bio-
mass must also be considered as it directly affects the functional properties of the
biodiesel, such as cold flow, oxidative stability, etc. [113, 114]. Alternatively,
microalgae-based TAG can be converted into biojet fuel through the hydrotreatment
process, in which the partially oxidized organics are catalytically reduced using
hydrogen [115, 116].

4.2.5 Comparison of the Technologies

Each of the three technologies discussed here have unique advantages and disad-
vantages. Ultimately, the adoption of these methods significantly depends on the
economics. In this regard, there are a number of thorough and instructive tech-
noeconomic assessments [90]. However, these are inherently limited by the lack of
full-scale data and large uncertainty in the markets (i.e., the market prices of pro-
tein, fuel, nutrients, etc. must be extrapolated over multiple decades). This makes it
difficult to predict with any certainty which technology will be favored.
Nonetheless, a comparison of certain key differences between the technologies can
be instructive. In particular, differences in the utilization of the various microalgal
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components are important and inherent to each process (Table 2). Major technical
challenges have also been identified (Table 2) that may be minimized through
continuous research and development. By targeting these issues, these technologies
can advance and their costs can reduce over time.

5 Perspectives

Although many effective methods have been proposed to improve microalgal
photoautotrophic cultivation, most of them were conducted at the laboratory scale.
To produce abundant amounts of microalgal biomass, future work must scale up
these PBRs to the commercial scale. However, PBR scaling up presents many
obstacles. First, for commercial scale PBRs, sunlight must be employed as the

Table 2 Comparative summary of processing options for producing liquid fuels from microalgal
biomass

Hydrothermal
liquefaction

Dilute acid hydrolysis Lipid extraction

Fuel type Biocrude—long
range
transportation
after conversion

Ethanol—petroleum
substitute/blend; and
biodiesel or biojet—long
range transportation

Biodiesel or biojet fuel—
long range transportation

Biomass
processing
temperature

200–400 °C 120–170 °C <60 °C

Fate of protein Fully degraded
into
contaminants
and recyclable
nutrients

Recoverable, but
denatured and likely with
some chemical
degradation—likely
suitable for animal or
aquaculture feed
depending on extent of
degradation

Recoverable with
minimal denaturation and
no chemical degradation
or reactions—suitable for
animal or aquaculture
feed after
desolventisation

Fate of TAGs Converted to
biocrude, gas,
solids, aqueous

Converted to biodiesel or
biojet if combined with
solvent extraction

Converted to biodiesel of
biojet fuel

Fate of
carbohydrates

Converted to
biocrude, gas,
solids, aqueous

Converted to ethanol Recoverable for
inclusion in animal/
aquaculture feed

Fate of
nutraceuticalsa

Converted to
biocrude, gas,
solids, aqueous

Recoverable but likely to
undergo some chemical
degradation

Recoverable with no
chemical degradation

Technical
challenges

Yield and
quality of
biocrude

Low ethanol titres Physical separation of
solvent

aOmega-3 fatty acids, pigments and carotenoids
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primary light source for microalgal photoautotrophic cultivation rather than
artificial light sources to reduce cultivation costs. In this regard, the structures of the
PBRs must be adjusted during scaling up. Second, biomass production in
aqua-suspended PBRs must be further improved through the optimization of light
distribution within the microalgal culture. Third, for microalgal attached biofilm
PBRs, cheap supporting substratum material should be selected and convenient
approaches to inoculate microalgal cells onto supporting substratum materials
should be proposed. For microalgal biomass harvesting, novel pathways with lower
energy consumption, lower costs, and higher efficiency need to be developed. To
increase microalgae-based lipid productivity, cultivation that simultaneously
enhances microalgal growth and lipid accumulation should be exploited.
Furthermore, given the high-energy consumption of during microalgal biomass, the
development of cost-effective biofuel conversion methods using wet microalgal
biomass are urgently required.
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Chapter 4
Heterotrophic Microalgal Cultivation

Dillirani Nagarajan, Duu-Jong Lee and Jo-shu Chang

1 Introduction

Global population is on the rise, and coupled with economic development, energy
demands continue to rise. The energy demand will rise over 85% by 2040 [1].
Fossil fuels are still the major source of our primary energy, but they are finite and
dwindling. Incessant use of fossil fuels has led to severe concerns, leading to
anthropogenic climate change because of a considerable increase in greenhouse
gases in the past century [2]. The current atmospheric CO2 level is at 406 ppm, and
it has risen from 400 ppm in the past two years (https://climate.nasa.gov/vital-signs/
carbon-dioxide/). There is a pressing need for sustainable alternative energy
resources to overcome the shortage of fossil fuels and concomitant decarbonization
of the energy sector. In the current scenario, there is a gradual transition in the
energy mix and increasing amounts of nuclear, hydro and renewable energies are
being included. Renewable energy (wind, solar, geothermal, biomass, and biofuels)
is the fastest growing energy sector, banking a major 10% in the primary energy
pool by 2035 (BP Global energy outlook, 2017). Microalgae are increasingly
recognized as the alternative feedstock for renewable and sustainable biofuel pro-
duction, as they are natural sources of energy rich compounds like carbohydrates
and lipids.

Microalgae are the primary producers and the most primitive photosynthetic
organisms on earth. The term “microalgae” comprises of both prokaryotic and
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eukaryotic photosynthetic microorganisms with a wealth of about 200,000 to
800,000 species and only about 40,000 species have been identified and classified
[3]. They are extremely diverse, both physiologically and phylogenetically, and has
been classified into at least 10 major groups including green algae, cyanobacteria
and diatoms [4]. The major metabolic modes used for the cultivation of microalgae
are photoautotrophic, heterotrophic, mixotrophic and photoheterotrophic cultiva-
tion. Microalgae are capable of fixing atmospheric CO2 by photosynthesis with
sunlight as energy source and convert it into organic biomass, which forms the
basic photoautotrophic mode of microalgal metabolism. They are also capable of
using organic carbon sources like glucose and acetate as a source of energy and
carbon, in the heterotrophic mode of metabolism [5]. Mixotrophic mode requires
sunlight as the energy source, but can incorporate both organic and inorganic
carbon into the biomass, highlighting the ability of the microalgae to live under
both autotrophic and heterotrophic conditions. Photoheterotrophic mode, in contrast
to photoautotrophic mode, does not require inorganic carbon, but requires sunlight
to metabolize organic carbon [5]. Of all these cultivation modes, mixotrophic mode
is believed to yield higher biomass, combining the benefits of both photoau-
totrophic and heterotrophic modes of cultivation but not commonly used in com-
mercial cultivation purposes.

Photoautotrophic mode of cultivation is the most commonly used mode of
cultivation, and can be done so in open systems like circular ponds, raceway ponds
or in closed systems using specially designed photobioreactors (PBRs). Open
systems are currently the major mode of cultivation of microalgae, making use of
sunlight as energy source and atmospheric CO2 as carbon source, but limited to a
few sturdy and extreme microalgae like Arthrospira, Dunaliella and Chlorella [6].
The cultures are grown in open ponds and often mixed to prevent sedimentation of
algae; in circular ponds this is carried out by a pivotal arm and in raceway ponds a
special paddlewheel is installed for mixing. Decreased cost associated with
installation and operation and reduced requirement of skilled personnel makes
photoautotrophic cultivation economically feasible. The use of arid lands and
non-potable water for cultivation ensures that the land use controversies and
competition with food crops can be avoided [7]. But open systems for microalgal
cultivation suffer from several challenges: very few microalgae could be cultivated,
highly prone to contamination by weed algae and grazers, light penetration limits
the pond depth to 15–20 cm, inefficient use of incident sunlight and CO2, low
biomass productivity and associated high costs of harvesting, requirement of large
areas of land, and evaporation losses of water [8]. On the other hand, closed
systems like PBRs offer all the advantages of a conventional fermenter: good
control over process parameters like pH, temperature and illumination, control over
contamination as the system is sealed off the environment, and higher biomass
productivity compared to open systems. However, the issue of efficient distribution
of light for the cultures still needs to be addressed, as light penetration decreases
with increase in cell density. Also, cells often move into unilluminated dark zones
leading to respiratory biomass losses, similar to night biomass loss in photoau-
totrophic cultivation [7]. PBR design is not versatile or universal and oftentimes a
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PBR is specially built and installed for a particular strain with a product of interest,
thus it comes with high installation and operating costs.

Heterotrophic cultivation of microalgae is very similar to heterotrophic bacterial
cultivation and can be carried out in a conventional bacterial fermenter without any
illumination under dark conditions. Thus, the major problem faced in photoau-
totrophic cultivation, the efficient supply of optimal light intensity is overcome in
heterotrophic cultivation. Many microalgal species are capable of growing under
dark conditions utilizing an organic carbon source like glucose as a source of
energy and carbon. Many species of Chlorella, Scenedesmus, Neochloris, and
Tetraselmis are capable of heterotrophic growth in the presence of glucose under
dark conditions. Very high cell densities of the order of 25–100 g/L can be
achieved for Chlorella using process engineering strategies and cultivation modes
like continuous and fed-batch cultivation [9]. The major characteristics required for
heterotrophic microalgae were summarized earlier and are as follows: the ability to
grow and metabolize in the absence of light, the ability to utilize organic carbon as a
source of energy and carbon, the ability to grow on inexpensive sterilized media,
the ability to withstand the high hydrodynamic shear associated with vigorous
mixing in fermenters, and the ability to adapt to harsh environmental conditions
[10]. The major advantages of heterotrophic microalgal cultivation is illustrated in
Fig. 1. In this work, we discuss in detail the metabolism of microalgae based on the
utilization of carbon sources, the factors affecting heterotrophic cultivation of mi-
croalgae, including the carbon and nitrogen sources. Also, commercially important
products of interest that can be obtained by heterotrophic cultivation of microalgae
are reviewed. The challenges faced in heterotrophic cultivation of microalgae is
discussed in detail and the future perspectives are presented.

Fig. 1 The advantages of heterotrophic cultivation of microalgae and the products of interest
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2 Microalgal Metabolism and Heterotrophy

All organisms have a central carbohydrate metabolism pathway. Even in photo-
synthetic organisms, the atmospheric CO2 is fixed as the carbohydrate molecule
phosphoglycerate, which is then polymerized to sucrose or starch based on the
metabolic requirements of the cell. Photosynthesis occurs in the thylakoid mem-
branes of the chloroplast and it is divided into 4 stages. The first three steps occur
exclusively in the presence of light and are called light reactions and the last step
can be performed in the absence of light utilizing the metabolites derived from light
reaction, hence called dark reaction. The four steps are as follows: (1) the
absorption of incident light by photosynthetic pigments present in the light har-
vesting center of the photosystem II, (2) excitation of the chlorophyll molecules,
and the resultant electron flow from PSII to PSI via the plastoquinone, and the
reduction of NADP+ to NADPH, (3) generation of ATP by the membrane bound
ATP synthase, (4) the actual fixation of CO2 by the enzyme Ribulose bisphosphate
carboxylase/oxygenase (often dubbed as Rubisco) [11]. For each molecule of CO2

fixed, 2 molecules of NADPH and three molecules of ATP are required. Hence the
overall reaction that generates a six-carbon sugar like glucose from CO2 can be
described as follows:

6CO2 þ 18ATP þ 12NADPH þ 12H2O
! C6H12O6 þ 18ADP þ 18Pi þ 12NADPþ þ 6Hþ

The fixation of CO2 by RubisCo is the rate limiting step in photosynthesis and
the ribulose phosphate which is used as the substrate and to which CO2 is added is
regenerated in a series of steps first characterized by Andrew Benson and Melvin
Calvin and hence called the Calvin-Benson cycle. The fixed carbohydrate can be
converted to starch by the enzymes present in chloroplast, while synthesis of
sucrose for metabolic needs of non-photosynthetic cells occurs in the cytosol [12].
However, it is intriguing to note that despite the presence of a central carbon
metabolic pathway, most microalgae are incapable of growth in the dark with an
organic carbon as the carbon source.

The inability of certain microalgae to utilize any organic carbon as a source of
carbon and energy is attributed to the absence of transporters for the specific sugars.
All living cells, both prokaryotic and eukaryotic, are covered by a double layered lipid
cell membrane which monitors the traffic across the membrane. Transport of sugars
across this cell membrane requires specific transporters, which are absent in many
microalgae. The exogenous expression of one such transporter, the human erythrocyte
glucose transporter GluT1 in an obligate photosynthetic diatom Phaeodactylum tri-
cornutum enabled the diatom to grow in the dark utilizing glucose as a carbon source
[13]. The sugar transporters have been earlier characterized in the heterotrophic
Chlorella kessleri and it was found to be a glucose/H+ symporter that simultaneously
transports onemolecule of glucose and a proton at the expense of onemolecule ofATP
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[14]. The transporter is induced in the presence of glucose and aminimum time of 15–
18 min is required for the expression of the hup1gene (Hexose uptake protein gene) as
accomplished by enhanced glucose uptake and increased amount of membrane pro-
teins [15, 16]. The gene is named as hexose transporter as it was induced in the
presence of hexoses like D-glucose, D-fructose and D-galactose, while pentoses,
sucrose, mannose and other disaccharides and sugar alcohols could not induce the
expression of the protein [17] and it was observed that a set of amino acid transporters
were co-induced facilitating the transport of amino acids including glycine, L-alanine,
L-proline, L-serine, L-arginine L-lysine and proline [18] gathering organic nutrients
for heterotrophic growth. In Chlamydomonas, a glucose transport phenomenon was
reportedwhich could be saturated at a glucose concentration of 5 mg/L [19]. A similar
hexose transporter has been reported for Neochloris oeloabundans UTEX 1185,
where the glucose uptakewas blocked by an ionophore that worked as proton gradient
decoupler and growth was not supported by xylose, arabinose, fructose, sucrose,
lactose, glycerol or acetic acid indicating that the transporter is specific for hexoses
[20]. A hexose inducible xylose transporter was reported in Chlorella sorokiniana
UTEX 1602 and xylose transport was inhibited in the presence of glucose or galac-
tose. The xylose was further metabolized to xylitol, but resulted in decreased biomass
and growth rate compared to glucose [21]. Even though there are genome encoded
sugar transporters in microalgae [22], the expression levels of these might be too low
to support efficient growth or by evolution these genes could not be expressed in a
phototrophic organismwhere ATP is needed for obtaining organic carbon, while CO2

could simply diffuse across the membrane. The only organic carbon substrate that can
be obtained by diffusion microalgae is glycerol [23]. Glycerol is an important con-
stituent of many microalgae growing in high osmolarity conditions like seawater or
saline ponds, where it acts as an osmoticum balancing the osmotic equilibrium of the
microalgal cells [9].

Another important reason for obligate heterotrophy could be an incomplete
carbohydrate metabolic pathway, where sufficient energy and reducing equivalents
are obtained just for the maintenance of metabolism but cannot sustain growth or
cell division [24]. In obligate heterotrophs like the marine Thraustochytrids, the
organism has lost the photosynthetic capacity in evolution and was left with a
rudimentary chloroplast which functions as the storage place for the fatty acids [25].
It has been previously reported that the industrial yeast Saccharomyces cerevisiae
could not utilize xylose mainly because the xylose utilization enzymes are
expressed at a very low level to promote growth and metabolism of the yeast [26].
An incomplete tricarboxylic acid cycle has been reported for certain obligate
autotrophic cyanobacteria, restricting the organic carbon assimilation only to certain
amino acids but not any carbohydrates. It was shown that only 10% of the organic
carbon was incorporated into new carbon molecules, whereas in chemoautotrophs
the rate is as high as 40% [27]. The lesion was particularly identified as the absence
of the enzyme a-ketoglutarate dehydrogenase, and very low level expression levels
of succinate and malate dehydrogenase insufficient to support biomass growth with
the supply of carbon skeletons required for anabolism [27].
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Like many other chemotrophic microorganisms, glucose is predicted as the pre-
ferred carbon source. The central metabolic pathway for glucose, the EMP pathway is
constitutively expressed in microalgae as some of the steps are interconnected with
gluconeogenesis and starch synthesis, and it has been reported that the presence of
glucose inhibits the uptake of other reducing sugars. Under photoautotrophic con-
ditions, the reserve starch is hydrolyzed by amylases and starch phosphorylases in the
chloroplast and the glucose is released as glucose phosphate [28]. In heterotrophic
conditions, external glucose is transported via the glucose/H+ symporter at the
expense of an ATP molecule and phosphorylated by a cytoplasmic kinase, yielding
Glucose-6-phosphate that would enter one of the two metabolic pathways: (i) the
Embden-Meyerhoff-Parnas pathway, EMP (ii) the oxidative pentose phosphate
pathway, OPPP [29]. The alternative Entner–Doudoroff pathway (ED) has been
reported in both prokaryotic cyanobacteria [30] and eukaryotic microalgae [31] and
their role in metabolism is still unclear. In Synechocystis sp. PCC 6803, ED pathway
was shown to be physiologically significant in mixotrophic conditions or during dark
periods in day-night cycles, with low protein costs and higher ATP yields than the
EMP pathway reflecting the low nutrient conditions in the cells [30]. In
Chlamydomonas reinhardtii, the glycolysis enzymes are compartmentalized: the
upper half or the preparatory phase for the conversion of glucose to
Glyceraldehyde-3-phosphate occurs in the chloroplast, while the payoff phase or the
conversion of GAP to pyruvate occurs in the cytosol withATP production fromwhere
it can be easily supplied to theflagella [32]. TheOPPpathway, the essential supplier of
precursors for nucleic acid synthesis and reducing equivalents for fatty acid synthesis,
are co-localized with the Calvin-Benson cycle in the plastids, closely linking the two
cycles and tightly regulated to avoid futile cycling [33]. The flux of glucose via the
EMP pathway or the OPPP pathway is determined by illumination: under light con-
ditions the EMP pathway remains highly active while the OPP is slightly toned down
[9], and under dark conditions the OPPP pathway takes over with a slight turndown of
the major glycolytic enzymes [34]. Thus, in green algae the conversion of glucose to
pyruvate can occur via any one of the above mentioned pathways distributed among
the chloroplast and cytosol. The interconnectivity of these pathways in the cytosol and
chloroplast is accomplished by the presence of a number of transporters for sugar
derivatives on the organelle membranes including ion channels, primary and sec-
ondary transporters [35].

The fate of pyruvate depends on the oxidation potential of the cells. Under
aerobic conditions, the glucose is directly channeled via EMP, pyruvate oxidation,
tricarboxylic acid cycle (TCA) and oxidative phosphorylation in the mitochondria
generating ATP. Under anaerobic conditions, the pyruvate is completely fermented
to acetate. C. reinhardtii is endowed with the complete set of enzymes for the
fermentation of pyruvate to acetate in the cytosol and fermentation is associated
with the evolution of hydrogen gas as the hydrogenases are induced under anoxic
conditions [36]. Dark respiration is regarded as maintenance respiration to meet the
energy demands of maintaining macromolecular turnover and maintenance of the
gradient across cell membranes in solution supplying alongside the necessary ATP,
carbon skeletons and reducing equivalents [37, 38]. Hence, aerobic conditions or
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sufficient aeration of the cultures heterotrophically grown on glucose is an impor-
tant parameter determining growth and biomass production. Under aerobic condi-
tions in heterotrophic cultivation the respiration efficiency is very close to
theoretical maximum, while under dark conditions the efficiency is reduced to a
mere 40% [9].

Acetate is the second most commonly used carbon source in heterotrophic and
mixotrophic cultivation of microalgae. Acetate is transported into the cells by an
ATP dependent monocarboxylic acid/proton transporter protein and it is converted
into acetyl CoA. In C. reinhardtii, acetyl CoA synthetase is present in cytosol,
chloroplast and the mitochondria assisting growth on acetate [39], while the
phosphotrannsacetylase-acetate kinase cycle (PTA-ACK cycle) in the cytosol and
mitochondria that interconverts acetate and acetyl CoA determines the availability
of acetyl CoA for synthesis of fatty acids and isoprenoids [33]. Acetyl CoA can also
be metabolized via the glyoxylate cycle in the cytosol or enter TCA cycle and
oxidative phosphorylation in the mitochondria. Glyoxylate cycle eliminates the
release of carbon as CO2 and is more efficient in assimilating the acquired carbon,
with succinate, fumarate, malate, and oxaloacetate as the byproducts. Oxaloacetate
can be converted to phosphoenol pyruvate and eventually to glucose via gluco-
neogenesis, thus connecting glyoxylate cycle and gluconeogenesis [39]. Glyoxylate
cycle is functional in some cyanobacteria [40], although it is absent in
Synechocystis sp. [41]. Knockdown of glyoxylate cycle enzyme isocitrate lyase in
C. reinhardtii redirects the carbon flow towards lipid accumulation by decreased
glyoxylate cycle activity, decreased gluconeogenesis and decreased b-oxidation of
fatty acids. The enhanced TCA cycle activity and the resultant oxidative stress is
managed by an increased levels of superoxide dismutase and ascorbate peroxidase
[42]. Glycerol, now considered as a renewable carbon source as it is the abundant
byproduct of biodiesel production process, can be easily used by microalgae.
Glycerol is taken up by microalgae by passive diffusion across the cell membrane
and then it is further metabolized to enter the central carbohydrate pathway.
Glycerol is first phosphorylated by glycerol kinase using one molecule of ATP and
then it is oxidized to the glyceraldehyde-3-phosphate or glycerate which are
intermediates of the EMP pathway, then further metabolized to pyruvate and enters
TCA cycle [23]. However, glycerol can be metabolized in the presence of light and
the absence of inorganic carbon source by photoheterotrophy [9].

3 Factors Affecting Heterotrophic Cultivation

The nutritional requirements of microalgae in heterotrophic cultivation is very
similar to autotrophic cultivation, the exception being the requirement of light. In
photoautotrophic growth, light is used as a source of energy and atmospheric CO2 is
used as a carbon source, while the cultivation medium provides nitrogen in the form
of inorganic nitrate most of the times. Heterotrophic cultivation eliminates the
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requirement of light, organic carbon source is provided and the nitrogen source can
be organic or inorganic depending upon the strain used. The major macronutrients
to be provided for microalgal growth are carbon, nitrogen, phosphorus and potas-
sium. Carbon is the most important nutrient to build biomass and carbon content of
the biomass vary between 17 and 65% depending upon the microalga and the
cultivation conditions and an average of 50% is usually seen [43]. Carbon provides
the basic skeleton for all the functional biomolecules like carbohydrates, lipids and
proteins, and in heterotrophic cultivation it is a source of energy. The second most
important nutrition is nitrogen, and it accounts for about 5–10% of the biomass
content. Nitrogen is an integral component of amino acids, nucleic acids, and
pigments [44]. Also, nitrogen deprivation is an important cultivation strategy used
for the accumulation of lipids or carbohydrates in microalgae. Next, phosphorus is
an essential requirement in microalgal cultures, up to 3.3% of biomass and it is
involved in the synthesis of the energy rich compound ATP and forms the backbone
of nucleic acids and is also involved in various regulatory mechanisms maintained
by the phosphorylation state of signaling molecules. Potassium is required for the
maintenance of the osmotic potential of the cells and as the activator for many
enzymes it is involved in the regulation of many biological processes [44]. The
micronutrients essential for the cellular metabolism are magnesium, sulfur, calcium,
sodium and iron. Trace elements are usually provided in the culture medium, which
include Boron, Copper, Manganese, Zinc, Molybdenum, Cobalt, Vanadium, and
Selinium. Vitamins are added as a vitamin solution and silica is required for the
cultivation of diatoms [43]. Fresh water and seawater are used for the cultivation of
freshwater and marine algae. In this section, the important factors affecting the
heterotrophic cultivation like carbon, nitrogen, oxygen requirement and other cul-
tivation parameters are discussed in detail.

3.1 Carbon Source and Availability

Organic carbon source is provided for heterotrophic cultivation, which needs to be
transported into the cell for further metabolism and the import is energy dependent.
The optimal carbon source for the heterotrophy of microalgae is mainly influenced
by the strain used, the type of sugar transporters present on the cell that will
facilitate the sugar import and the metabolic potential of the cell. As previously
discussed in Sect. 2, certain algae has metabolic lesions that prevents them from
utilizing a certain carbon source [24]. Various monosaccharides like glucose,
galactose, mannose, sugar alcohols like mannitol, carboxylic acids like acetate,
disaccharides like sucrose and lactose can be applied as the carbon source to
support microalgal growth in dark. Sugar transporters have been reported for
hexose sugars in green algae, but not for pentoses like xylose. A glucose inducible
xylose transport system has been previously reported in C. sorokiniana [21] but the
specificity of the transport system for a particular pentose has not been established.
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Thus, the isolation of a strain capable of heterotrophic growth should be accom-
panied by optimizing the preferred carbon source for the strain.

C. zofingensis was tested for its ability to utilize various simple sugars and
disaccharides like lactose, galactose, sucrose, fructose, mannose and glucose [45].
Of these, glucose as a carbon source yielded high biomass and lipid productivity
followed by slightly lower productivity in mannose, fructose, and sucrose medium.
Galactose and lactose did not provide sufficient biomass or lipids. The lipid content
and yield with glucose as the carbon source was obtained as 0.52 g/g biomass and
5.72 g/L [45]. A newly isolated heterotrophic Scenedesmus sp. R-16 was tested for
its efficiency in utilizing different carbon sources using fructose, maltose, glucose,
acetate, propionate, butyrate and sucrose. Glucose was able to achieve the highest
biomass and lipid content 3.46 g/L and 43.4% respectively [46]. Both the above
mentioned studies report that the organism was not able to utilize sucrose as a
carbon source. C. protothecoides however could utilize the sucrose present in waste
molasses for growth and lipid production with a biomass of 8.8 g/L, and with
hydrolysis of the molasses and the presence of glucose and fructose as monomers
doubled the cell density to 16.9 g/L. The nitrogen content of the molasses hydro-
lysate seems to be higher to initiate lipid accumulation [47]. The Phycocyanin
producing red alga Galdieria sulphuraria was able to utilize sucrose and sucrose
rich sugar beet molasses as a sole carbon source without hydrolysis, with a phy-
cocyanin production of 350 mg/L [48]. The marine Thraustochytrid Schizochytrium
limacinum SR21 was grown on different carbon sources like glucose, fructose,
sucrose, maltose, lactose, glycerol, starch, oleic acid and linseed oil. The optimal
biomass production and DHA levels were obtained with glucose, fructose and
glycerol, with a maximum of 43.1% of DHA with glycerol. Oleic acid and linseed
oil produced good biomass but the DHA levels were lower compared to the other
carbon sources [49]. Botryococcus braunii, the highest lipid and hydrocarbon
accumulating green alga was tested for heterotrophic growth using various carbon
sources like glucose, mannose, fructose, galactose, sucrose, ethanol, lactic acid,
ribose, glycerol, mannitol, sorbitol, sodium acetate and sodium bicarbonate [50].
The alga could grow in the dark with glucose and mannose as carbon sources, while
mixotrophic mode was much more effective than autotrophic mode. This study
opens new possibilities of exploiting the heterotrophic growth of B. braunii for oil/
lipid production, but no other study was reported. Sodium acetate was a preferred
carbon source for the production astaxanthin in H. pluvialis. It was observed that
the addition of acetate could induce the formation of the pigment accumulating
resting stage and enhance carotenogenesis [51]. The DHA producing marine
dinoflagellate Crypthecodinium cohnii is obligate heterotroph, and it can use
ethanol as a carbon source for the production of DHA. In fed-batch cultures, up to
15 g/L ethanol could be used as the carbon source, with biomass content of 83 g/L,
35 g/L of total lipids, 11.7 g/L DHA and lipid productivity of 53 mg/L/d [52]. Of
all these carbon sources, glucose is the most preferred carbon source, although other
carbon sources can be used if it gives exceptional productivity. In addition to
serving as a carbon source, the presence of glucose seems to favor the production of
lipids and some carotenoids. When molasses was used as a carbon source for the
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production of lipids and astaxanthin in C. zofingensis, increasing concentrations of
glucose present in the medium enhanced biomass production and lipid accumula-
tion. The glucose concentration of 30 g/L was found to be optimal and at this
concentration, TAGs were preferably accumulated with their percentage as high as
75% of the total lipids and over 90% of the neutral lipids [53]. Also, the fatty acid
composition varied based on the initial sugar concentrations. At higher initial sugar
concentrations, the percentage of C18:1 increased, while at lower initial sugar
concentrations, the percentage of C18:3 increased [53]. And it has also been shown
in C. zofingiensis (ATCC30412) that the import of glucose and its subsequent
phosphorylation leads to the up regulation of BKT (b-Carotenoid ketolase) and
CHYb (b-Carotenoid hydroxylase), the genes responsible for the synthesis of
astaxanthin. The mitochondrial alternative pathway could be involved in the syn-
thesis of astaxanthin in C. zofingensis [54]. In contrast, the presence of glucose in
nitrogen limited medium markedly reduced the content of lutein and chlorophyll in
C. pyrenoidosa, referred as glucose bleaching. Lutein and chlorophyll are nitrogen
rich compounds and the synthesis could be down regulated in nitrogen limiting
conditions, and the presence of glucose enhances the effect. Even in the presence of
sufficient nitrogen, lutein content was decreased [55]. And hence the selection of
suitable carbon source for growth is crucial. As it can be seen from the Tables 1, 2
and 3, various renewable or waste carbon sources rich in glucose like sweet

Table 1 Heterotrophic production of lipids from various microalgae

Microalga Cultivation mode, carbon
source

Lipid
content (%
dry cell
weight)

Lipid
productivity

References

Neochloris
oleoabundans
UTEX 1185

Exponential fed-batch,
nitrogen limited, glucose

53.8% 1.9 g/L/d [57]

Chlorella
protothecoides
UTEX 25

Fed batch, pure glycerol 36% 1.18 g/L/d [58]

Semi-continuous, pure
glycerol

50% 4.3 g/L/d [58]

C. protothecoides
UTEX 256

Batch, whey permeate 42% – [59]

Fed batch, whey permeate 20% – [59]

SSF, whey permeate 50% – [59]

C. protothecoides Fed batch, sugarcane
hydrolysate

53% [60]

C. protothecoides Batch, sweet sorghum juice 52.5% 586.8 mg/
L/d

[61]

C. protothecoides
sp. 0710

Fed-batch, SSF, cassava
starch

54.6% – [62]

C. saccharophila
UTEX 247

Batch, glucose 54% – [63]

(continued)
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Table 1 (continued)

Microalga Cultivation mode, carbon
source

Lipid
content (%
dry cell
weight)

Lipid
productivity

References

C. protothecoides
UTEX 256

Fed batch, pure glycerol 23 g/L 2.8 g/L/d [64]

Fed batch, biodiesel derived
crude glycerol

24.6 g/L 2.99 g/L/d [64]

C. protothecoides Batch, Jerusalem artichoke
hydrolysate

46% 1.6 g/L/d [65]

C. protothecoides Batch, waste molasses
hydrolysate

57.6% – [47]

Chlorella
protothecoides

Batch, glucose 57.8% – [66]

Chlorella
protothecoides

Batch, corn powder
hydrolysate

55% – [67]

Chlorella vulgaris
NIES-227

Batch, glucose, nitrogen
limited

89% 126.8 mg/
L/d

[68]

C. vulgaris
CCTCC M
209256

Batch, enzyme hydrolysate of
lipid extracted microalgal
residue

35% 116 mg/L/d [69]

Chlorella sp. Batch, molasses hydrolysate,
lipid extracted microalgal
residue hydrolysate

45% 335 mg/L/d [70]

C. protothecoides Fed-batch, sugarcane bagasse
hydrolysate

34% 1.19 g/L/d [71]

Scenedesmus
obliquus
NIES-2280

Batch, acetate, nitrogen
limited

47% 56 mg/L/d [72]

Chlorella vulgaris
NIES-227

Batch, acetate, N-limited 56% 66 mg/L/d [73]

Chlorella vulgaris
#259

Batch, acetate, N-limited 36% 29 mg/L/d [74]

Chlorella vulgaris
#259

Batch, glucose 23% 35 mg/L/d [74]

Chlorella vulgaris
#259

Batch, glycerol 34% 31 mg/L/d [74]

C. kessleri
CGMCC
No. 4917

Batch, glucose 47.67% – [75]

Monoraphidium
sp. QLY-1

Batch, glucose, NaCl, glycine
betaine

48.54% – [76]
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Table 2 Heterotrophic production of polyunsaturated fatty acids from various microalgae

Microalga used PUFA Cultivation
mode, carbon
source

PUFA
content

PUFA yield References

Thraustochytrium
striatum KF9

EPA Batch, 60 g/L
glucose

23.3% – [77]

Batch, 10 g/L
okara (soybean
residue)

1.7%
TFA

– [77]

Ulkenia sp. KF13 EPA Batch, 60 g/L
glucose

1.7%
TFA

– [77]

Batch, 10 g/L
okara (soybean
residue)

1.3%
TFA

– [77]

Monodus
subterraneus
UTEX 151

EPA Batch, 60 g/L
glucose

3.8%
TFA

96.3 mg/L [78]

Phaeodactylum
tricornutum UTEX
642

EPA Batch, 60 g/L
glucose

2.2%
TFA

43.4 mg/L [78]

Chlorella
minutissima UTEX
2341

EPA Batch, 60 g/L
glucose

3.7%
TFA

36.7 mg/L [78]

Porphyridium
cruentum UTEX
161

EPA Batch, 60 g/L
glucose

1.9%
TFA

17.9 mg/L [78]

Nannochloropsis
sp.

EPA Batch, 30 mM
glucose

3.1%
TFA

10.1 mg/L [79]

Batch, 30 mM
ethanol

3.8%
TFA

10.1 mg/L [79]

Nannochloropsis
salina

EPA Batch, 8 g/L
glucose, 1.46 g/L
sodium acetate

30.54% – [80]

Nitzschia laevis
2047

EPA Batch, 10 g/L
glucose

1.7%
TFA

0.017 g/g DW [81]

N. laevis UTEX
2047

EPA Perfusion
culture, 50 g/L
glucose

2.84%
TFA

1112 g/L [82]

Crypthecodinium
cohnii ATCC
30772

DHA Batch, 7%
rapeseed meal
hydrolysate and
1–9% waste
molasses

22–34% 8.72 mg/L [83]

C. cohnii ATCC
30772

DHA Fed-batch, 50%
glucose

– 1.7 g/L [84]

Fed-batch, 50%
acetic acid

– 8 g/L [84]

(continued)
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Table 2 (continued)

Microalga used PUFA Cultivation
mode, carbon
source

PUFA
content

PUFA yield References

Crypthecodinium
cohnii CCMP 316

DHA Fed-batch
fermentation
with diluted
carob pulp syrup

4.4%
TFA

1.9 g/l [85]

Schizochytrium
sp. KH105,

DHA Batch, 80 g/L
glucose, Shochu
distillery
wastewater for
2 g/L total
nitrogen

– 3.4 g/l [86]

Schizochytrium
mangrovei Sk-02

DHA Batch, 60 g/L
glucose in 100%
coconut water

20.7%
TFA

5.7 g/L [87]

Schizochytrium
limacinum SR21

DHA Continuous,
90 g/L crude
glycerol and5 g/
L corn steep
solid

148.2 mg/
g biomass

90 g/L [88]

Schizochytrium
sp. CCTCC
M209059.

DHA Batch, 40 g/L
glucose

42.10%
TFA

0.12 g/g [89]

Schizochytrium
sp. HX-308 M,
mutant

DHA Batch, 40 g/L
glucose

58.25%
TFA

0.23 g/g [89]

Thraustochytriidae
sp. AS4-A1

DHA Batch, liquid
residues from
food industry
(Potato chip
processing and
brewery),
supplemented
with nitrogen and
vitamins

10–24%
TFA

2698 ± 132 mg/
L

[90]

Aurantiochytrium
sp. KRS101

DHA Fed-batch, 60 g/
L glucose, 10 g/
L corn steep
solid

40% TFA 8.8 g/L [91]

Aurantiochytrium
sp. SW1

DHA Batch, glucose 50% of
TFA

1.12 g/L [92]

Aurantiochytrium
sp. SW1

DHA 5L fermenter,
60 g/L glucose

47.87%
TFA

4.5 g/L [93]

Thraustochytrium
sp. ONCT18

DHA Batch, 5 g/L
glucose

31.4% 4.6 g/L [94]
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Table 3 Heterotrophic production of various pigments from microalgae

Microalgae used Pigment
produced

Cultivation mode, carbon
source

Pigment
content

References

Chlorella
protothecoides
CS-41

Lutein Batch, Basal medium, glucose
9 g/L

16 mg/L,
4.6 mg/g

[95]

Lutein Batch, Kuhl medium, glucose
6 g/L

14.8 mg/L,
4.4 mg/g

[95]

Lutein Batch, Basal medium, glucose
36 g/L, 30L fermenter

66.3 mg/L,
4.9 mg/g

[95]

Chlorella
protothecoides
CS-41

Lutein Batch, 3.7 L fermenter,
glucose 40 g/L
Urea 1.7 g/L

4.58 mg/g,
83.81 g/L

[96]

Chlorella
protothecoides
CS-41

Lutein 30 L fermenter, fed batch,
N-limited, glucose 40 g/L
Urea 3.6 g/L

5.35 mg/g,
209 mg/L

[97]

Chlorella
pyrenoidosa
15-2070

Lutein Initial glucose 10 g/L,
fed-batch with 400 g/L
glucose

178 mg/L [98]

Chlorella
pyrenoidosa
15-2070

Lutein Batch, glucose 40 g/L 2.5 mg/g [99]

Chlorella
protothecoides
UTEX 29

Lutein Batch, glucose, NaClO, H2O2,
Fe2+ as inducers

1.98 mg/g,
31.4 mg/L

[100]

Haematococcus
pluvialis Flotow
NIES-144

Astaxanthin Batch, NaCl stress, 45 mM
acetate

30 pg/cell
(9 µg/ml)

[51]

C. zofingiensis
ATCC 30412

Astaxanthin Batch, 50 g/L glucose, 10.3 mg/L [101]

Astaxanthin Batch, 30 g/L glucose, 10 mM
H2O2, 0.5 mM NaClO

12.58 mg/L [102]

Astaxanthin Batch, 30 g/L glucose, 1 mM
peroxynitrite

11.78 mg/L [103]

Astaxanthin Batch, 30 g/L glucose, nitryl
chloride

10.99 mg/L [103]

C. zofingiensis
ATCC 30412

Astaxanthin Batch, 30 g/L pretreated
molasses

1 mg/g [53]

C. zofingensis
Mutant E17

Astaxanthin Batch, 20 g/L glucose 1.21 mg/g [104]

Astaxanthin Batch, 20 g/L fructose 1.17 mg/g [104]

Astaxanthin Batch, 20 g/L sucrose 1.23 mg/g [104]

Astaxanthin Batch, 20 g/L sugar mixture 1.18 mg/g [104]

Chlorococcum
sp.

Astaxanthin Batch, 44 g/L glucose,
0.1 mM H2O2

1.8 mg/g [105]

Galdieria
sulphuraria 074G

Phycocyanin Batch, molasses 7.5 g/L plus
glucose 45 g/L

11.2 mg/g [48]

Phycocyanin Sugar beet molasses sucrose
50 g/L, total sugar up to
750 g/L

350 mg/L [48]

(continued)
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sorghum juice, molasses, cassava hydrolysate and other waste resources like bio-
diesel derived crude glycerol has been used successfully for the production of
biomass and desired products. It has been estimated that in the current scenario, the
feedstock price in case of biodiesel production from various oils contributes to
around 85% of the production costs [56]. Assuming that microalgal biomass is used
as the feedstock, utilization of cheap or waste carbon sources can help reduce the
feedstock price dramatically, hence assisting in cost competitive biofuel production.

3.2 Nitrogen Source and Availability

Nitrogen is the second most important nutrient for microalgal cultivation and is
often supplied as organic and inorganic nitrogen based on the requirements of the
microalga. Most commonly used nitrogen sources are ammonium, nitrate salts,
nitrite salts, yeast extract and urea. Microalgae transport ammonium, nitrate and
nitrite across the cell membranes with specific transporters. The C. reinhardtii
genome has about 8 ammonium transporters and 13 putative nitrate/nitrite trans-
porters [109]. Once inside the cells, the nitrogen sources are assimilated into bio-
mass by various enzymatic reactions. Ammonium assimilation is catalyzed by two
different pathways: (i) the GS/GOGAT pathway, comprising the enzymes glu-
tamine synthetase and glutamate synthase, resulting in the formation of
a-ketoglutarate. Or (ii) the GDH pathway catalyzed by glutamate dehydrogenase,
and ammonium is incorporated into glutamate to form a-ketoglutarate [9]. The
nitrogen in the form of glutamate is then converted to aspartate or asparagine by the
action of aspartate aminotransferase and asparagine synthetase [110]. These four

Table 3 (continued)

Microalgae used Pigment
produced

Cultivation mode, carbon
source

Pigment
content

References

G. sulphuraria
074G

Phycocyanin Batch, glucose, fructose,
glycerol 5 g/L

2–4 mg/g [106]

Phycocyanin Batch, glucose, fructose,
glycerol 5 g/L, carbon limited,
nitrogen replete

8–12 mg/g [106]

G. sulphuraria
074G

Phycocyanin Batch, glucose 5 g/L 18 mg/g [107]

Phycocyanin Batch, restaurant waste with
glucose 5 g/L

20 mg/g [107]

Phycocyanin Batch, bakery waste with
glucose 5 g/L

21.8 mg/g [107]

G. sulphuraria
strain 074G

Phycocyanin Batch, glucose 5 g/L 25–30 mg/g [108]
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amino acids are the nitrogen suppliers for all other metabolic processes. Nitrate and
nitrate are transported into the cells and are ultimately converted to ammonium by
the combined action of nitrate reductase and nitrite reductase [109]. The other
nitrogen source that is commonly used for heterotrophic cultivation of microalgae is
urea. Urea is utilized by microalgae by splitting it into ammonium and bicarbonate
by the action of two different enzymes urease and urea amidolyase, and most
microalgae metabolize urea by urea amidolyase [9]. Based on the ease of assimi-
lation, ammonium seems to be the best nitrogen source followed by nitrate and
nitrite. Urea is most commonly used in heterotrophic or mixotrophic cultivation,
rather than autotrophic cultivation. The use of ammonia in cultivation medium leads
to a decrease in pH, hence this might affect microalgal strains that are sensitive to
pH [96]. Therefore, ammonium should be used as a nitrogen source in pH-stat
cultivations.

The preference for nitrogen source varies with each microalgal strain and the
nitrogen source is usually optimized for maximal biomass production. Nitrogen
sources tested for a newly isolated Scenedesmus sp. R-16 include beef extract, urea,
peptone, ammonium, sodium nitrate, yeast extract, sodium glutamate and
L-cysteine [46]. Highest biomass concentration was observed in nitrate medium,
while highest lipid content of 45% was obtained in peptone medium and it was
suggested that inefficient utilization of peptone as a nitrogen source simulating
nitrogen limitation might have led to enhanced lipid accumulation. Schizochytrium
limacinum SR21 was used for the production of DHA and various organic and
inorganic nitrogen sources were tested [49]. Yeast extract, polypeptone, tryptone,
corn steep liquor, urea, ammonium acetate, ammonium sulfate, ammonium nitrate,
and sodium nitrate were applied for fermentation. Corn steep liquor was determined
as the best organic nitrogen source with a DHA content of 1.7 g/L and ammonium
acetate was the best inorganic nitrogen source [49]. Addition of non-conventional
nitrogen sources like arginine, tryptophan and tyrosine was also shown to improve
fatty acid accumulation by Schizochytrium limacinum SR21 [111]. Lutein pro-
duction by C. protothecoides was enhanced by the addition of urea as a nitrogen
source and a maximum biomass of 19.6 g/L and lutein yield of 83.81 mg/L was
obtained [96]. The marine alga Nannochloropsis salina was cultivated
heterotrophically for biomass and lipid production using various nitrogen sources
including peptone, yeast extract, malt extract, meat extract, urea, sodium nitrate and
ammonium nitrate. Optimal biomass production and lipid accumulation was
obtained with peptone as a carbon source [80]. Nitrogen as a nutrient also plays an
important role in the accumulation of carbohydrates or lipids based on the
microalgal strain used. The nutrient deficient strategy accomplished by nitrogen
starvation is the most widely used strategy for the accumulation of carbohydrates/
lipids and the mechanisms involved are discussed in detail in Sects. 4.1 and 4.2. It
should be noted that a majority of wastewaters are rich in nitrogen and this needs to
be removed before environmental release to prevent the growth of harmful algal
blooms. Bioremediation by microalgae is an excellent option for nutrient removal in
wastewater, particularly nitrogen. Based on the analysis of different wastewaters, it
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was observed that the total nitrogen, ammonia and nitrate levels of wastewaters
were in the range of 35.7–7,300 mg/L, 3.3–4,800 mg/L and 0.74–195.2 mg/L
respectively [112]. Wastewater also contain a high amount of volatile organic acids
like acetic acid, propionic acid, butyric acid, and valeric acids providing organic
carbon sources. Wastewater generated form swine farms are particularly rich in
ammonia and could be a potential source of nitrogen for the cultivation of mi-
croalgae. Chlorella vulgaris JSC-6 was cultivated heterotrophically in swine
wastewater and the nutrient removal potential was evaluated. Highly efficient
nutrient removal was achieved with ammonium removal and COD removal at
64.2% and 74.3% respectively, a biomass concentration of 2.35 g/L and the strain
accumulated carbohydrates at 54% dry cell weight [113]. Heterotrophic Chlorella
sorokiniana was able to efficiently remove nitrate and phosphate when ammonium
was used as a nitrogen source instead of nitrate, implying that wastewaters rich in
ammonium enhances nitrogen removal [114]. Addition of an organic carbon source
like acetate or glucose might improve the nitrogen removal efficiency of hetero-
trophic microalgae [115].

3.3 Aeration and Agitation

When all the nutrients are supplied in optimal conditions and the cultivation con-
ditions are maintained, aeration of the culture and agitation can solely influence the
biomass production in heterotrophic microalgal cultivation. Heterotrophy in mi-
croalgae is an aerobic process, and in high cell density fermentation supply of
optimal oxygen concentration for the cells is critical [9]. Agitation is a way of
evenly distributing the supplied oxygen; aeration and agitation should be optimized
with respect to each other to maintain a constant dissolved oxygen concentration. In
photoautotrophic cultivation, mixing of the cultures or agitation is mainly to prevent
sedimentation of the cells, even distribution of nutrients and prevent prolonged
exposure of cells to dark zones of the photobioreactor. In heterotrophic cultivation,
oxygen is required for the metabolism of organic carbon sources and is a key factor
of fermentation. The cultivation medium is loaded with organic and inorganic
nutrients and the solubility of gaseous oxygen is low, requiring a continuous
supply. The oxygen mass transfer rate describes the oxygen requirements of the
culture in a quantifiable way and the maintenance of this rate is essential to maintain
the biomass production [116]. It has been reported that the limitation of oxygen
supply can markedly decrease the growth rate and biomass productivity of het-
erotrophic Chlorella. The optimal dissolved oxygen concentration set for most
heterotrophic microalgal fermentation is 50%. Cell lysis might occur under high
aeration conditions and insufficiency of oxygen also affects the metabolic potentials
of the cells. The diatom Cyclotella cryptica was cultivated heterotrophically and the
effect of aeration and agitation was investigated separately. It was found that
increased aeration rate (0.42 vvm) increased maximum specific growth rate, and
agitated vessels shows increased growth rate than aerated culture vessels [117].
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Similarly, agitation increased the biomass productivity of A. microscopica Nägeli
(RSMan92) when the culture was agitated at 200 rpm without aeration [118]. In
contrast, the biomass production and fatty acid profile of Chlorella sp. TISTR 8990
was unaffected by agitation speed in the range of 100–200 rpm, but it was mainly
influenced by the C/N ratio maintained in the culture medium [119].

The oxygen concentration of the medium and aeration is significant for the
production of PUFAs by Thraustochytrids, as the desaturase enzyme responsible for
the production of PUFAs are dependent on molecular oxygen for their activity
[120]. It was shown that a high oxygen mass transfer coefficient kLa enhanced the
biomass production, fatty acid composition, and fatty acid yield in Schizochytrium
sp. S31. In fed batch cultivation with glycerol and yeast extract, a high kLa of 1802/h
resulted in the highest DHA concentration, productivity and yield of 28.93 g/L,
301 mg/L/h and 0.44 ± 0.02 g/g respectively [121]. Maintaining the volumetric
mass transfer coefficient is an important parameter for scale-up of the culture.
Schizochytrium sp. CCTCC M209059 fermentation for the production of DHA was
scaled up from 10, 50, 1500 and 7000 L, and kLa was maintained at 88.9/h.
The DHA concentration was maintained at around 14 g/L for all the scale of
bioreactors, and the maximum DHA content of 19.72 g/L was obtained in 7000 L
fermenters [122]. Oxygen independent fatty acid synthesis mechanisms has been
proposed in Schizochytrium sp. ATCC 20888 [123]. The alga possess an oxygen
independent polyketide synthase like fatty acid synthesis mechanism. Hence, oxy-
gen limitation seems to enhance the PUFA content of the alga. However, decreased
oxygen levels affect biomass content and productivity. Therefore a two stage cul-
tivation strategy, where initial biomass was obtained with higher oxygen content,
followed by a lipid accumulation stage with low oxygen content was devised for the
cultivation of Aurantiochytrium sp. By applying this strategy, the fatty acid content
increased from 29% in well oxygenated cells to 54% in O-limited cells [123]. Similar
two stage cultivation strategy with shifting oxygen levels has been successfully
employed for enhanced PUFA and lipid production in different Schizochytrium
sp. [124–126].

3.4 Other Operational Parameters

3.4.1 The C/N Ratio of the Cultivation Medium

Microalgal heterotrophic cultivation is generally carried out in conventional bac-
terial fermenters and a good control over process parameters are provided, com-
pared to open pond systems. Heterotrophic cultivation is also much suited for lipid
accumulation, because of the high carbon content supplied in the media and
assimilated. The C/N ratio plays a key role in lipid accumulation of microalgal
cultures and it is known that a high C/N ratio and decreased nitrogen concentration
can enhance lipid accumulation. For the microbial production of lipids, the ratio as
high as 700:1 is considered optimal to obtain a high fat coefficient of 25 [127].
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C. protothecoides was grown using sugar cane juice hydrolysate as a carbon source
and yeast extract as a nitrogen source [60]. It was observed that highest lipid
accumulation of 53% was obtained when the C/N ratio was set at 26.9 and 0.6 g/L
of yeast extract. In the coculture of Chlorella vulgaris and the blue green alga
Leptolyngbya sp., with C/N ratios of 15:1 and 13:1, higher lipid accumulation and
productivity was achieved at the low C/N ratio of 15:1 as opposed to the higher
ratio in mixotrophic mode. The lipid production was much lower in heterotrophic
mode [128]. This implies that the optimal C/N ratio depends on the microalgal
strain cultivated and the mode of cultivation. For cyanobacteria, the C/N ratio could
be lower. The blue green alga A. microscopica Nägeli (RSMan92) was grown
heterotrophically with cassava and corn starch as carbon source and sodium nitrate
as nitrogen source. Maintaining a constant C/N ratio of 20, the concentrations of
carbon and nitrogen were varied and it was observed that increase in nitrogen
concentration significantly affected lipid accumulation and maximum lipid pro-
duction was obtained at the C/N concentrations of 5,000/250. An increase in the
C/N concentration to 10,000/500 increased biomass productivity but decreased
lipid accumulation [118]. The effect of C/N ratio on the heterotrophic growth and
fatty acid accumulation of Chlorella sp. TISTR 8990 was evaluated using glucose
as a carbon source, potassium nitrate as the nitrogen source and different C/N ratios
of 29:1, 63:1 and 95:1 [119]. The maximum biomass production was obtained at
C/N ratio of 29:1, with biomass productivity and yield coefficient from glucose as
0.68 g/L/d and 0.62 g/g respectively. The C/N ratios of 63:1 and 95:1 resulted in
maximum fatty acids productivity of 186 mg/L/d and lower C/N ratio decreased the
fatty acid content of the biomass [119]. Hence, C/N ratio is a crucial parameter that
has to be optimized carefully for heterotrophic lipid accumulation. Increase in C/N
ratio can also increase pigment production during heterotrophic cultivation of mi-
croalgae. The biomass and astaxanthin content of C. zofingensis almost doubled and
attained 10.29 mg/L when the glucose concentration was increased from 5 g/L to
50 g/L [101]. Similar results were observed with C. protothecoides, where the
intracellular lutein content increased from 19.39 to 76.56 mg/L when the glucose
concentration was increased from 10 to 40 g/L [129].

3.4.2 Culture Temperature

Temperature of the culture is an important parameter when microalgae are culti-
vated for the accumulation of PUFAs. It has been shown that higher temperature
increased the saturated fatty acid (SFA) content and a decrease in temperature
increased the unsaturated fatty acid (UFA) content. Cultivation of S. limacinum
OUC88 in increasing temperatures from 10 to 40 °C resulted in a change of the
fatty acid composition, even though there was no significant change in the total
fatty acid content. The SFA/UFA ratio increased from 1.13 to 1.45 when the
temperature was increased from 16 to 35 °C [130]. C. minutissima UTEX 2341
achieved higher lipid content when the temperature was at 20 °C, even though there
was no significant change in biomass between 15 and 25 °C [131]. Higher
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unsaturation in phosphatidyl choline fraction of the phospholipids and increase in
EPA fraction was obtained at 15 °C for Nitzschia laevis, while maximum biomass
content was achieved at 23 °C [132]. When C. protothecoides was grown
heterotrophically for the production of lutein, the effect of different temperatures
(24, 26, 28, 30, 35, and 40 °C) were tested for maximal biomass content, lutein
content and lutein productivity. The maximum biomass content of 10.7 g/L and
maximum lutein of 74.29 mg/L was obtained at 28 °C, while higher cellular lutein
content of 4.59 mg/g was obtained at 35 °C [133].

3.4.3 Salt Stress or Changes in Salinity of the Medium

Salt stress or changes in the salinity of the medium is an important factor governing
the cellular mechanisms and the resulting stress responses in microalgae. In marine
microalgae, both the decrease and increase in salinity other than the adapted level
might induce stress, while in freshwater algae the presence of high amounts of salts
in the medium might lead to changes in osmolarity of the medium and leading to
osmotic stress. Salt stress is known to affect the membrane fluidity of the cells,
change the ion permeability of the membranes and disrupt the ionic potential,
induce ion toxicity by the excess Na+ and Cl− ions and cause osmotic stress [134].
C. protothecoides, when subjected to salt stress accumulated higher lipid content of
41.2% when cultivated in the presence of 30 g/L NaCl and it was shown that salt
stress is superior to osmotic stress by producing more ROS by the ionic effect [135].
The salinity of the medium is often optimized for the enhanced production of the
desired product and certain microalga are tolerant to high salinity levels. C. pro-
tothecoides 249 could tolerate very high NaCl concentration of up to 35 g/L and
change in salinity does not drastically change the lipid content of the alga.
However, a slight increase in lipid content could be observed when the salinity
increases from 17.5 to 35 g/L [136]. In contrast, C. minutissima had a very low
tolerance to NaCl with growth severely inhibited at 20 g/L. However, when salt
stress was induced after biomass production in salt free media, 40 g/L NaCl con-
centration resulted in maximal lipid accumulation and lipid yield of 31.82% and
2.38 g/L respectively [131]. The diatom Nitzschia laevis also had a very low tol-
erance to salinity, with growth inhibited at NaCl concentrations of 10 g/L and
above. The degree of unsaturation of polar and neutral lipids decreased with
increase in salinity from 10 to 20 g/L and maximum total fatty acids and EPA were
obtained at 20 g/L NaCl [134]. However, the EPA was allocated with polar lipids
when subject to salt stress, similar to temperature stress [132]. The increase in
phospholipid content and the increase in the UFAs in polar lipids reveals that under
stress conditions, N. laevis stores polar lipids that will aid them in rapid revival, cell
growth and division upon return to favorable conditions with an enhanced supply of
polar lipids for membrane synthesis. S. limacinum was cultivated for lipid accu-
mulation and when salinity decreased from 3.6% (w/v) to 0.9% (w/v), the SFAs
decreased from 59 to 53%, accompanied by a change in the DHA/DPA ratio [130].
Salt stress is also applied as a carotenogenesis inducer for H. pluvialis [51, 137].
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3.4.4 The pH of the Cultivation Medium

The pH of the medium strongly influences the metabolic processes of the cell, as the
membrane potential and transport across cell membranes are governed by external
pH which in turn governs the internal pH of the cells. C. cohnii ATCC 30556 could
grow well over a wide pH range of 5.5–9, however extreme pH like 4 or 10
severely inhibited biomass growth. Highest fatty acid content of 56.8% was
obtained when the pH of the medium was maintained at 7.2 [138]. Schizochytrium
sp. S31 was cultivated under different pH conditions of 5–8. Optimal biomass
growth was obtained at the neutral pH 7, while at pH 8 growth was completely
inhibited, and pH 5 and 6 supported sub optimal biomass growth. The lipid content
and DHA content obtained at pH 7 were 40% and 13% respectively [139].
C. minutissima UTEX 2341 grew well over a pH range of 4–8, but biomass and
lipid content were drastically decreased when the pH increased to 9 and above.
Maximum biomass content of 8.67 g/L was obtained at pH 7 and maximum lipid
yield of 1.16 g/L was achieved at pH 6 [131]. C. protothecoides was cultivated in
the pH range of 5–8 for optimal biomass and lutein production. Optimal pH was
found to be 6.6, with maximal biomass production, cellular lutein content and total
lutein yield as 18.2 g/L, 4.75 mg/g dry cells and 77.92 mg/L respectively [129].

4 Products of Commercial Interest from Heterotrophic
Algae

4.1 Lipids/Oils

Lipids are one of the most important biopolymers seen in any living organism; the
basic structure of any living cell is the presence of a lipid membrane enclosed
cytoplasm and nucleus. All the membranes present in both prokaryotic and
eukaryotic cells are made of lipids or fats and lipids are often stored as an energy
reservoir in microorganisms, plants and animals. In microalgae, lipids can be of two
types based on their function: structural lipids and storage lipids. Structural lipids
include (i) phospholipids, which are the most abundant accounting for about 20% of
the structural lipids and is the major extra-chloroplast membrane lipid, (ii) glycol-
ipids which are the major constituents of the chloroplast membrane, (iii) betaines
seen in some microalgae, and (iv) some special lipids like squalene seen in very
specific microalgae [140]. The most important category of lipids in the renewable
energy sector are the storage lipids—the non-polar glycolipids or neutral lipids.
Triacylglycerol (TAG) is the most commonly stored neutral lipid in oleaginous
microalgae and lipid accumulation occurs during adverse conditions, serving as a
source of energy or precursors for fatty acid synthesis during rejuvenation. TAG is
the fatty acid ester of three fatty acid molecules with glycerol, and the diversity of
TAG is derived from different combinations of the three component fatty acids, the
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chain length of the component fatty acids and the degree of saturation [141].
Polyunsaturated fatty acids (PUFA) are generally seen in marine microalgae and are
discussed in detail in Sect. 4.3. The lipid content in oleaginous algae vary from 10
to 70% depending on the microalgal species and the strain [142]. The lipid content
of microalgae in their natural environment could be affected by seasonal variation,
with higher PUFAs in winter and higher TAGs in summer. However, under lab-
oratory cultivation many factors like light intensity, pH, carbon availability, nutrient
composition of the medium, salinity of the medium might affect lipid content and
productivity [142]. The pivotal point in selecting a microalgal strain for lipid
production is the high biomass productivity and high lipid content of the strain
chosen and with the aid of cultivation strategies, maximum lipid accumulation can
be achieved.

Oleaginous algae are incapable of accumulating carbohydrates and only accu-
mulate lipids. Well known oleaginous algae are from Eustigmatophyceae and
Bacillariophyceae, and are mostly marine. Green algae or Chlorophyta can accu-
mulate lipids or carbohydrates based on the strain and it can be seen that marine
green algae preferentially accumulate lipids [143]. A screening of a total of 175
strains for higher total fatty acid accumulation revealed that the top lipid accu-
mulators were from the genera Nannochloropsis, marine Chlorella and Dunaliella
[144]. This holds true based on the literature and the most common lipid accu-
mulators are from the genera Porphyridium, Dunaliella, Isochrysis,
Nannochloropsis, Tetraselmis, Phaeodactylum, Chlorella and Schizochytrium
[141] with the lipid content varying between 20 and 50%. Carbon flux between
lipids and carbohydrates has been poorly understood in microalgae, with both
sharing the same precursors. Starch is the primary storage product is algae, both
from photosynthesis and from assimilation of organic carbon sources. Starch is
mobilized from the chloroplast and utilized for cell growth and maintenance during
dark survival in photoautotrophic algae and in even in lipid accumulating algae
starch is accumulated in the initial stages of nutrient deprivation [143]. Nutrient
deprivation, mainly nitrogen deprivation can reduce protein synthesis in microal-
gae. Proteins are the essential cellular machinery for cell division and metabolism
cell division is arrested under nitrogen deprivation conditions. Hence, the carbon
available is metabolized and funneled into storage reserves like lipids, which upon
return to a nutrient replete medium is mobilized for cell growth and division [145].
Transcriptional analyses of lipid accumulating C. reinhardtii gene expression under
nitrogen limited conditions revealed that within 10–15 min of nutrient deprivation,
the cell growth is arrested by the expression of a specific set of genes and the
metabolism is remodeled further to favor TAG accumulation. It was also shown that
this cascade of events are controlled by 17 transcriptional regulators and the same
set of regulators are functional during sulfur deprivation, but phosphorus depriva-
tion unleashes a new set of regulatory elements [146]. Lipids are the most reduced
from of carbon and the energy input for lipid synthesis is higher: the energy cost for
storage of a single carbon in lipids is 53% greater than storage in starch [147] and
thus the energy returns from lipids are higher than carbohydrates.
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The cultivation of microalgae under heterotrophic conditions and their lipid
accumulation potential are summarized in Table 1. It can be seen that Chlorella
sp. dominates the scene as a promising heterotrophic microalgal strain for lipid/oil
production, which can be further converted to biofuels based on the fatty acid
composition. Biodiesel, aviation fuels or jet fuels and biocrude oils can be obtained
from microalgal oils based on the conversion process. Biodiesel production from
Chlorella biomass seems to be a feasible option for commercial scale. The het-
erotrophic C. protothecoides has been previously cultivated successfully in large
scale up to 11,000 L bioreactors with a biomass yield of 14.2 g/L and lipid content
of 44.3% dry weight [148]. The lipids were extracted using Soxhlet extractor
method and transesterified using immobilized Candida lipase with a conversion rate
of 98.15% and biodiesel yield of 6.24 g/L in the commercial scale cultivation.
Heterotrophic cultivation of microalgae has the potential to be the microalgal
biomass supplier for large scale biodiesel production, but the cost of installation and
operation of bioreactors might hinder the economics. It was estimated that in a
7500 m2 plant, 10,000 tons of biodiesel can be produced per year, with cost cutting
measures like selling the residues as feed, using the crude glycerol for cultivation,
extraction of other valuable products from the residual biomass, application of a
microalgal strain with higher biomass yield and anaerobic digestion of the residues
for methane production [149]. It was also suggested that algal biodiesel production
facilities should be co-localized with industries which could supply the raw
materials to sustain the microalgal cultivation and both industries rely symbiotically
on each other for energy and other resources [150]. Dewatering and drying of the
biomass and the subsequent lipid extraction for biodiesel production is another
energy and cost intensive process in biofuel production process. Direct transes-
terification of wet microalgal biomass with 90% of water content has been
attempted with success [151]. Schizochytrium limacinum was cultivated
heterotrophically on biodiesel derived crude glycerol with a lipid yield of 51%.
Direct transesterification of the wet biomass with chloroform, petroleum ether or
hexane resulted in a biodiesel yield of around 55–65%, while the two step lipid
extraction and transesterification yielded only 57% of crude biodiesel [151]. Thus,
microalgal biomass obtained by heterotrophic cultivation of microalgae is a
potential source for biodiesel production. Screening of the Peking University Algae
Collection for heterotrophic algae suitable for biodiesel production led to the iso-
lation of Chlorella sp. PKUAC 102 with a lipid content of around 50% and a fatty
acid profile suitable for biodiesel production [152]. Heterotrophy of microalgae is
the most untapped potential for successful microalgal biomass production and it can
be used for cost effective biodiesel production.

4.2 Carbohydrates

Carbohydrates are the essential components of any living cell, as they are the source
of energy and carbon skeletons for growth and cell division. The central metabolic
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pathway is conserved in most living organisms that uses organic carbon and the
glucose utilization pathway, glycolysis is also universal. Microalgae are rich in
carbohydrates as they serve two functions, as the energy reserves and as structural
components in cell walls. Microalgal cell walls are composed of two layers, an
inner layer and an outer layer both composed of cellulose and hemicellulose. Most
aquatic algae are devoid of rigid cell walls as they are buoyant in their natural
environment without any prerequisite for tough cell structures [153]. Microalgal
cell wall structure is devoid of lignin as opposed to higher plants, as lignin renders
the biomass recalcitrant to mild treatment conditions and requires very harsh pre-
treatment methods for cell wall disruption and the release of respective reducing
sugars. Even present, lignin is generally seen in macroalgae in very less quantities
(<3%) [154], the presence of lignin is considered more in the evolutionary sense for
the development of terrestrial plants from aquatic algae [155]. The storage
polysaccharides of microalgae are generally starch and glycogen [5] and the storage
polysaccharide vary widely in macroalgae: glucans and sulfated polysaccharides
like ulvan in green macroalgae; agar, agarose, agaropectin and carrageenan in red
macroalgae; mannitol, alginate, fucoidan and laminarin in brown macroalgae [156].
Upon hydrolysis, microalgae releases simple sugars like glucose, mannose, xylose
and arabinose [5], while the macroalgal sugars are rich in glucose, galactose,
mannitol, and some pentoses like xylose and arabinose [157]. These sugars serve as
efficient feedstock in microbial fermentations for the production of biofuels like
bioethanol, biobutanol and biohydrogen. Microalgal hydrolysate are also rich in
free alpha amino nitrogen (FAAN) or organic nitrogen and hence it can be used to
reduce or replace organic nitrogen sources in bacterial fermentations [158]. Other
renewable feedstock like lignocellulosic biomass are very low in nitrogen content
with a very high C/N ratio, often requiring the addition of expensive nitrogen
sources in fermentation. Microalgae can serve as both nitrogen and carbon source
for heterotrophic bacteria in biofuel or alcoholic fermentations. The hydrolysis of
microalgae does not release any potential fermentation inhibitors like furfural and
the efficiency of the fermentation remains unaffected.

Some green algae tend to accumulate high amounts of carbohydrates and the
carbohydrate content can vary between 20 and 77% [5, 159]. Carbohydrate accu-
mulation in microalgae is triggered by nutrient deprivation, and sulfur deprivation is
the most efficient strategy for inducing carbohydrate accumulation [143]. Molecular
analysis of carbon flux in nitrogen deprived Dunaliella teraticola revealed an up
regulation in starch synthesis and tricarboxylic acid cycle enzymes for the con-
tinued supply of carbon skeleton, and a down regulation of enzymes involved in
fatty acid and TAG synthesis [160]. This gene expression mechanism in different
from the lipid accumulation mechanism mentioned earlier [146] and is unique to
starch accumulating algae. An increase in photosynthetic efficiency in case of
photoautotrophic algae is also an inducer for increased carbohydrate accumulation
[5]. Under heterotrophic conditions, algae accumulate carbohydrates by the same
mechanism as autotrophic algae, the metabolic carbon feed is funneled into storage
polysaccharides in adverse conditions. It has been reported very early that algae that
are incapable of cell division in the dark can utilize the organic carbon and
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accumulate very high quantities of carbohydrates [161]. This works in the similar
fashion of nutrient deprivation, cell division is blocked because they are incapable
of cell division in the absence of light, while in nutrient deprivation conditions cell
division is blocked because of the turn down in protein synthesis in the absence of
sufficient nutrients. The carbon that is metabolized is stored as reserve polysac-
charides leading to an increase in cellular carbohydrate content [161]. This strategy
has been applied in an innovative two stage microalgal cultivation system where the
initial biomass was obtained by photoautotrophic culture and upon incubation with
a carbon source in dark conditions, carbohydrate accumulation occurs [162].

Heterotrophic cultivation has been applied to enhance starch accumulation in
microalgae. The oleaginous microalga Neochloris oleoabundans UTEX 1185 was
cultivated under heterotrophic conditions in the presence of glucose as a carbon
source. When cultivated in batch mode with a C/N ratio of 278 and N-limitation,
lipid accumulation occurred resulting in 52% dry weight lipid accumulation. When
cultivated in fed-batch mode, C/N ratio of 278 and pulsed addition of N, carbo-
hydrate accumulation ensued resulting in a 54% dry cell weight of starch [57].
Chlorella vulgaris and Chlorella sorokiniana accumulated higher quantities of
starch under heterotrophic conditions with glucose as a carbon source when
co-immobilized with the plant growth promoting bacteria Azospirillum brasilense
[163]. The carbohydrate yield and carbohydrate productivity were enhanced for
both C. vulgaris and C. sorokiniana when co-immobilize with A. brasiliense than
when they were immobilized separately. Some extracellular polysaccharides or EPS
have been reported in heterotrophic algae. The Function of EPS could be to protect
the alga from adverse conditions, while carbohydrates with high viscosity has
applications in food and pharmaceutical industries as viscosity enhancer [164] and
in enhanced oil recovery applications (EOR) in petrochemical industries [165].
Most recently, EPS has received much attention for their immune modulation and
antibacterial, anti-oxidative, and anticancer properties and has new found applica-
tions in pharmaceutical industries [166]. The oleaginous alga Crypthecodinium
cohnii ATCC 30772 secreted large amounts of EPS rich in glucose, galactose and
mannose, which resulted in increased viscosity and decreased oxygen transfer
efficiency in the bioreactor [164]. Arthrospira platensis is capable of producing EPS
but the productivity and yield under heterotrophic conditions were very less
compared to photoautotrophic and mixotrophic conditions. The EPS content and
productivity for photoautotrophic and heterotrophic conditions were 219.6 g/L and
433.62 mg/g/d and 30.3 g/L and 38.33 mg/g/d respectively [167]. However, the
oleaginous alga N. oleoabundans was incapable of any EPS production under
heterotrophic conditions but it produced EPS under mixotrophic conditions from
glucose and lactose [165].
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4.3 Polyunsaturated Fatty Acids (PUFA)

The second class of lipids of importance in microalgae are the polyunsaturated fatty
acids or PUFAs. The fatty acids with chain length C20 or greater are suitable fatty
acids for health supplement purposes with their unsaturated bonds, while fatty acids
with chain length of less than C20 are most suitable for biofuel purposes [168]. In
general, the chain length of fatty acids and the degree of unsaturation is higher
in microalgal lipids than lipids of higher plants owing to their natural habitats. In
animals and humans, PUFAs, especially x-3 and x-6 PUFAs like Docasahexaneoic
acid (DHA) and Eicosapentaneoic acid (EPA) cannot be synthesized as the pre-
cursor fatty acids a-linoleic (ALA) acid and cis-linoleic acid (LA) are not syn-
thesized de novo. Thus animals are dependent on the dietary intake of these fatty
acids, hence the name essential fatty acids. The efficiency of conversion of ALA
and LA to the subsequent PUFAs is very low in humans, in men the conversion of
ALA to EPA is about 8% while it is much higher in women at 21% owing to the
requirements of a developing infant in the form of breast milk [169]. Nonetheless,
supplementation of these essential fatty acids, particularly ALA, EPA and DHA is
considered and the recommended daily dietary intake is set at a minimum of
250 mg/day [170]. Essential fatty acids are the precursors for the synthesis of
eicosanoids, the signaling molecules comprising of thromboxanes, prostaglandins
and prostacyclins which are involved in homeostasis and inflammation [171]. The
regular supplement of PUFA rich foods are known to impart health benefits
including cardio-protective effects, lower blood cholesterol, can positively impact
low-grade systemic inflammation involved in conditions like Coronary heart dis-
ease, stroke, diabetes mellitus, hypertension, cancer, depression, schizophrenia, and
Alzheimer’s disease [172]. Most importantly, DHA is essential for proper devel-
opment of nervous system and brain in infants and hence DHA is an additive in
infant formula and health drinks for pregnant women [173]. Most plant based oils
like soybean oil, mustard oil, sunflower oil, safflower oil, nuts like walnuts and
sunflower seeds, whole grains, eggs and poultry are natural sources of essential
fatty acids. For commercial purposes, fish oil was a major source, but in recent
times concerns about increased mercury content of marine fish and unregulated
fishing processes leading to marine fish depletion has led to the search of alternative
sources of PUFAs [169].

Microalgae are being recognized as an important source of PUFAs as some
oleaginous algae are capable of accumulating very high quantities of PUFA in their
neutral lipid reserve. The storage of very long chain PUFAs in marine algae seems
to implicate the necessity of reserve PUFAs for the rapid reconstruction of
chloroplast rich in PUFAs for survival after low temperatures stress [174] or revival
after nitrogen limiting conditions. The heterotrophic microalgae capable of accu-
mulating very high amounts of PUFAs are summarized in Table 2. The marine
heterotrophic algae of the class Thraustochytrids, including the species
Schizochytrium, Thraustochytrium and Aurantiochytrium are capable of accumu-
lating high quantities of lipids under heterotrophic conditions, up to 50% with the
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majority of them being PUFAs [175]. These marine protists accumulate PUFAs and
in addition some of these are potential sources of pigments like astaxanthin. The
taxonomical status of these organisms are quiet unclear. The Thraustochytrids have
acquired chloroplast by an endosymbiotic event, but have lost photosynthetic
capacity in evolution, leaving behind a nonfunctional chloroplast and the ability to
synthesize and store high quantities of VLC-PUFAs [25]. Thraustochytrids, mainly
the genus Schizochytrium is currently the unrivalled commercial source of PUFA
production, mainly because of the various advantages: the ability to grow in high
cell densities in fermenters, the ability to accumulate as high as 90% of TFA as
PUFAs [176], the ability to partition the PUFAs in the TAG reserve instead of
cytoplasmic phosphorylated derivatives, high resistance to mechanical stirring in
bioreactor, and high resistance to salinity [177]. Other heterotrophic algae of the
genus Crypthecodinium are also used for the commercial production of DHA. The
major companies involved are Aurora Algae, AlgaeBio, DSM-NP life, Lonza and
GCI Nutrients [177]. And it can be seen from Table 2 that a variety of waste
resources has been used as a carbon source without compromising on the fer-
mentation performance of the algae: carob pulp [85], distillery wastewater [86],
crude glycerol [88], corn steep solids [91], food industry waste [90], rapeseed meal
hydrolysate and waste molasses [83]. Utilization of such alternative carbon sources
can bring down the production cost associated with PUFAs and also valorize the
waste in an efficient manner.

4.4 Pigments

Pigments are an integral part of the photosynthetic machinery of microalgae. The
major pigment chlorophyll, responsible for the green color seen in leafy plants, is
present in the photosynthetic apparatus of both microalgae and higher plants,
actively taking part in photosynthesis [11]. Several accessory pigments called
carotenoids help in photosynthesis, acting as light harvesting pigments or as
anti-oxidants protecting the photosystems from oxidative damage under high light
intensity. Carotenoids are tetraterpenoid lipophilic C40 compounds, with an
extended conjugate double bond system and terminal p electron systems aiding in
light absorption and anti-oxidant activity [178]. The variation in the structure of
carotenoids is brought about by the number and position of the double bonds,
oxygenation of the backbone and cyclization at one or both ends [179]. The
hydrocarbon derivatives are called carotenes while the oxygenated version are
called xanthophylls. Animals and humans are incapable of synthesizing carotenes
and are totally dependent on the dietary intake for nutritional purposes. Carotenoids
are also considered as important nutritional supplements because of their many
capabilities endowed by their strong anti-oxidant activity—anti-ageing,
anti-inflammatory, anti-angiogenic, anti-obesity, anti-tumorigenic, cardio protective
and hepato-protective properties [180]. The global carotenoid market is estimated to
be at US$ 1.24 Billion in 2016 and is expected to rise to US$ 5.3 billion by 2021,
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with a CAGR of about 3.78% between 2016 and 2021. Microalgae is currently
being the preferred source of carotenoids over the synthetic ones, mainly due to the
rising consumer awareness towards natural products. Currently, astaxanthin from
Hamatococcus pluvialis, b-carotene from Dunaliella are the commercially impor-
tant microalgae and their carotenes in the market [181]. Astaxanthin is most
important as a supplement in aquaculture feed for the bright pink color seen in
salmonid fishes and shrimp, while it is also beneficial for humans because of their
anti-oxidative properties [182]. Lutein, along with zeaxanthin, is an important
pigment associated with eye health as it accumulates in the macula of the eye,
protecting the eye from blue light damage, improving visual acuity and increased
lutein intake has been reported to delay age related macular degeneration [183]. The
current market source of commercial lutein is the petals of marigold flower, but the
difficulties in the availability of the petals and the requirement of manual labor for
processing has led to the search of alternative sustainable sources [183].

Astaxanthin has been produced by heterotrophic cultivation of certain H. plu-
vialis strains, mainly by using H. pluvialis Flowtow [184]. The heterotrophic
growth capability of Haematococcus was reported much earlier, but was not pur-
sued because of low biomass yields. The use of acetate as a carbon source sup-
ported heterotrophic growth, stimulated carotenogenesis which was usually delayed
in the absence of acetate [184, 185]. Chlorella zofingensis is another promising
microalgae for the heterotrophic production of astaxanthin, which can utilize glu-
cose, sucrose and fructose as a carbon source [186]. For lutein, species of the genera
Chlorella are considered good sources for heterotrophic cultivation, including
C. protothecoides, C. sorokiniana and C. pyrenoidosa. Glucose has been used as
the carbon source for heterotrophic cultivation of C. protothecoides [97, 100] and
C. pyreniodosa [187], while acetate is the preferred carbon source for the mixo-
trophic and heterotrophic growth of C. sorokiniana [188, 189]. Pigment production
or carotenogenesis is mainly a protective mechanism of microalgae against high
light intensity, as the photosystems can be irreversibly damaged under high light
intensity. However, under dark heterotrophic growth, several chemicals that induce
oxidative stress have been used to trigger carotenogenesis. Ferrous ions are known
to produce reactive oxygen species by the Fentons reactions and has been used to
trigger carotenogenesis is H. pluvialis [184]. Chemical agents that are known to
produce similar reactive oxygen species have been used to stimulate astaxanthin
and lutein synthesis in microalgae: sodium hypochlorite [100], hydrogen peroxide
[102], peroxynitrite and nitryl chloride that generate reactive nitrogen species
similar to reactive oxygen species [103] and methyl viologen [190]. Salt stress has
also been used to stimulate astaxanthin production in H. pluvialis [51].

Phycocyanin, a phycobiliprotein present mainly in cyanobacteria and red algae,
is an important pigment for biomedical applications in quantitative assays as a
biological coloring agent [191]. Phycocyanin absorbs orange and red light at
620 nm and emits fluorescence at 650 nm, and hence is mainly used in immuno-
logical assays [181]. Currently, photoautotrophic cultivation of the cyanobacteria
Arthrospira is the main source of Phycocyanin. However, the heterotrophic red alga
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Galdieria sulphuraria is receiving attention as a potential source of phycocyanin.
The alga is endolithic in nature and is capable of heterotrophic growth in dark, and
is endowed with a strong repertoire of sugar transporters that can transport a sub-
stantial 27 different sugars and sugar alcohols and utilize them for heterotrophic and
mixotrophic growth. This makes the alga unique and the sugar utilization system is
highly efficient is G. sulphuraria [192] Phycocyanin yield from varies between 8
and 20 mg/g based on the carbon source used and cultivation mode, making it a
potential commercial source of Phycocyanin (Table 3).

5 Bioreactors for Microalgal Cultivation

Microalgae can be cultivated in conventional microbial fermentor, both in the
presence and absence of light [193]. Cultivation of microalgae in fermentor has
many added advantages like the vast knowledge about the long existing process,
global availability of equipment and the accompanying software for convenient
operation and a relatively lower operating cost compared to photobioreactors
(PBRs) used for photoautotrophic cultivation [194]. In addition to the already
existing designs, special concern should be given for the aeration of the microalgal
cultures. Sufficient and optimal supply of oxygen is a crucial parameter in het-
erotrophic microalgal cultures, as the organic carbon supplied will be assimilated by
oxidative metabolism [9]. Aeration is the single most important parameter that
could severely affect the outcome of the microalgal fermentation process. Agitation
spreads the supplied air to the entire culture medium determining the dissolved
oxygen concentration, and hence baffles and impellers are essential. The design and
the speed of the agitation devices is determined depending on the shear sensitivity
of the microalgal strain grown. Reduction in the speed of impellers can significantly
reduce the shear stress [194]. Other options are air-lift and bubble column methods
for aeration and agitation of the culture in the bioreactor. However, the choice is
heavily dependent on the microalgal strain to be cultivated, their mass and specific
gravity as determined by the biomass composition (oleaginous algae float while
other heavy algae tend to settle easily) and the rheological status of the culture (high
cell density cultures are highly viscous) [194].

In photoautotrophic cultivation, the harvesting cost accounts for about 30% of
the production costs owing to the low cell densities achieved in outdoor cultivation
or PBRs. The harvesting costs could go down considerably if microalgae are cul-
tivated in large scale in fermentors, as high-cell density cultures can be achieved
with optimized process parameters, such as like temperature, pH, salinity, aeration
as well as engineering strategies, such as fed-batch and continuous fermentation
systems. Fed-batch fermentation seems to be more suitable for microalgal culti-
vation for the production of high-value products [195] and has already been applied
for the production of lutein from C. protothecoides [97], DHA from C. cohinii [52],
G. sulphuraria for the production of PC [196] and DHA from Schizochytrium
sp. [122]. Heterotrophic cultivation of microalgae in commercial scale has long
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been established. Chlorella spp. can be successfully cultivated in large-scale fer-
mentors in a working volume of up to 11,000 L with a cell concentration of
14.2 g/L and a lipid content of around 45% and the algal biomass was subsequently
used as the feedstock for biodiesel production [148]. Renewable carbon source like
rice straw hydrolysate has also been used and with in situ transesterification over
99% methyl ester content and about 95% biodiesel yield were obtained [197]. In
Japan, Chlorella spp. has been produced heterotrophically as a health food since the
early 1990s and several countries in the Asian region like India, Taiwan and China
are pioneers in cultivation of microalgae [198]. Tetraselmis suecica has been cul-
tivated as an aquaculture feed in heterotrophic mode in 50,000 L scale and the
replacement of live alga with the dried algal powder in the aquacultural feed did not
affect the yield of the molluscs tested [199]. Commercial scale heterotrophic culti-
vation of Crypthecodinium cohnii and Schizochytrium sp. is well established for the
production of DHA. The detailed cultivation methods and the downstream processes
can be found in a recent review article [200]. The available knowledge about the
heterotrophic cultivation should be extrapolated to other strains with products of
interest to reduce production costs and achieve high yield of the desired products.

6 Challenges in Heterotrophic Cultivation of Microalgae
and Future Perspectives

Heterotrophic cultivation of microalgae has numerous advantages, compared to
photoautotrophic cultivation. High cell density culture can be achieved due to
higher fast growth rates obtained in fermenters, and the culture conditions and
process parameters like temperature and pH can be controlled to suit the microalgal
strain cultivated. Also, the problem of supplying optimal light intensity has also
been overcome in heterotrophic cultivation as growth occurs in the dark [9].
Different process engineering strategies like fed-batch and continuous cultures can
be employed to enhance biomass yield further, thus reducing the costs associated
with harvesting the biomass, as harvesting can contribute up to one third of the
biomass production costs. Also, bioremediation of wastewater by microalgae is best
performed under dark conditions, as the wastewater are often rich is suspended
particulate matter affecting the penetration of light for efficient photoautotrophic
cultivation [201]. Having said all these, heterotrophic cultivation of microalgae is
not the method of choice for the production of microalgal biomass, as it is chal-
lenged by several issues that needs to be addressed to realize the potential of
heterotrophic cultivation of microalgae for the economic production of biofuels.

The primary challenge for the success of a commercial heterotrophic cultivation
system is the dearth of heterotrophic microalgal strains that can produce industrial
products of interest. The primary isolation and identification of potential microalgal
strains of commercial interest is performed under photoautotrophic conditions, and
the culture collection centers does not have any heterotrophic strains [202]. But, it
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must be noted that all microalgal strains are not obligate photoautotrophs, but are
capable of dark heterotrophic growth as well. In the search of heterotrophic
microalgal strains as aquaculture feed so that the feed was cultivated easily, Glaude
and Maxley screened around 120 microalgal strains for heterotrophic growth with
organic carbon source and it was found that 52 strains could utilize glucose and
grow in the dark, while some of them were capable of utilizing acetate and glycerol
[203]. Similarly, the screening of a laboratory collection of 35 strains of Spirulina
for heterotrophic growth revealed that 34 of them could grow on glucose in dark
and 24 could grow using fructose, revealing the rich source of heterotrophic strains
in laboratory collections [204]. Recently, heterotrophic microalgal strains are iso-
lated in particular for the production of biodiesel grade lipids [152] and wastewater
treatment [205]. There has already been success in the use of obligate heterotrophs
like Thraustochytrids for the production of poly unsaturated fatty acids for
nutraceutical and pharmaceutical applications [175]. Thus, the potential of het-
erotrophic microalgal cultivation is slowly gaining momentum with the isolation of
several heterotrophic microalgal strains.

The heterotrophic growth of microalgal strains is mainly due to the presence of a
glucose transporter, as described previously in Sect. 2. The Chlorella kessleri
glucose transport protein Hup1 has been characterized and studied completely [14]
Similar other uncharacterized glucose transport systems has been reported for
Chlamydomonas, Scenedesmus obliquus [206] and Neochloris oleoabundans [20].
Genome survey of Chlorella protothecoides sp. 0710 revealed the presence of three
homologues of hup1 and many other putative uncharacterized sugar transporters but
none of them were characterized [22]. The only microalga identified till now with as
many sugar transporters as any heterotrophic bacterium is the red alga Galdieria
sulphuraria. The alga has at least 14 functional sugar transporters and can transport
a variety of sugars, sugar alcohols and carboxylic acids [207], and the genome
analysis revealed the presence of at least 28 putative sugar transporters reflecting
the natural niche of the bacterium [208]. The analysis of the genome of available
microalgae can indicate the presence of putative sugar transporters, and hence the
capacity for heterotrophic growth aiding in isolation of heterotrophic microalgae.

The major advantage of photoautotrophic cultivation is the minimal cultural
requirements in outdoor systems, as atmospheric CO2 and sunlight can be used for
cultivation. In heterotrophic cultivation, expensive nutritional media needs to be
sterilized and used, along with energy intensive fermenter operation for axenic
cultures. It must be noted that the existing technology for bacterial fermentation can
be utilized for the heterotrophic cultivation of microalgae without much modifi-
cations and the use of these fermenters for the cultivation of axenic cultures of
pharmaceutical interest can justify the enhanced product price as required for the
quality and purity of the product. Glucose, acetate and glycerol are the most
commonly used carbon sources for the heterotrophic cultivation of microalgae and
obtaining fermentation grade carbon source can increase the production costs.
There are numerous ingenious ways to utilize these carbon sources from other
resources. Waste agricultural and lignocellulosic biomass are a rich source of
reducing sugars, and the hydrolysis and breakdown of these complex components

4 Heterotrophic Microalgal Cultivation 147



has been optimized to be used in industrial scale recently. Glycerol is the abundant
by product of the biodiesel industry, whereas acetate can be seen in increased
amounts in numerous wastewaters. Also, there are increasing reports of hetero-
trophic microalgae capable of growth and metabolism in various renewable carbon
sources like waste molasses [47, 53], biodiesel derived crude glycerol [88, 209],
sweet sorghum [61, 210], phenolic compounds [211] and even certain unconven-
tional nutritional sources like anaerobic digested dairy manure [212] and restaurant/
bakery waste [107]. Lohrey and Kochergin suggested the co-location of microalgal
culture facilities with sugar mills in an interesting design of microalgal biorefinery.
The cane molasses can be utilized for the heterotrophic growth of microalgae, or the
bagasse can be incinerated to release energy and CO2, which can be used for the
growth of microalgae and support the energy intensive harvesting and drying of
microalgal biomass. The benefits of integrating a 10,000 ton/d cane sugar mill with
an algal production facility includes the sustenance of a 530 ha algal farm,
reduction in the GHG emissions of the mill by 15%, reduction in the use of fossil
fuels by the mill, and if the microalgal farm cultivated oil rich microalga, a biodiesel
production capacity of 5.8 million L of biodiesel/year can be obtained with a net
energy ratio of 1.5 [150].

Another important problem with heterotrophic cultivation of microalgae is the
overgrowth of contaminating heterotrophic bacteria which could grow easier
compared to the target strain, leading to crash of the system. In photobioreactors
which are similar closed systems like fermenters, the microalgae have a photo-
synthetic advantage in the absence of organic carbon and hence prevents the out-
growth of heterotrophic bacteria. Antibiotics have been used for the maintenance of
axenic microalgal cultures [213] and there are several reports that indicate that
periodic cleansing of the microalgal culture to maintain their axenic status is of
importance when coming to ascertain the purity of the product in concern [214–
216]. The antibiotic used for a particular microalgal strain should be optimized prior
to the antibiotic cleansing, as certain antibiotics can be toxic to microalgae at higher
concentrations. The choice of the antibiotic to be used depends on the microalgal
strain and their physiological and biochemical characteristics. The disc diffusion
test most commonly used to determine the antibiotic susceptibility of bacteria can
be used for microalgae as well. A particular microalgal strain can be made axenic
by treating with antibiotic before being attempted to be cultured in heterotrophic
conditions. A Tetraselmis suecica strain has been purified by several steps: partial
removal of all adherent bacteria cells by extensive centrifugation and washing, mild
sonication, and treatment with a combination of antibiotics 5 mg/mL vancomycine
and 10 mg/mL neomycine as in this case yielded a pure culture of the strain suitable
for heterotrophic cultivation [217].

Microalgal biotechnology is on the rise over the past decade and is looking for
solutions in the field of renewable energy. The genomes of many model microalgae
has been sequenced, much advanced molecular tools are being available for the
manipulation of the microalgal genome and genetic engineering of microalgae can
be used to obtain the microalgal strain with desired properties. As discussed pre-
viously, the capacity of a microalga for dark growth is associated with the presence
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of sugar transporters that help in the transport of sugars into the microalgal cell,
aiding metabolism and growth. An obligate photoautotrophic diatom
Phaeodactylum tricornutum has been engineered to be a heterotroph by the
expression of a glucose transporter gene, GluT1 from human erythrocytes [13].
With the innate ability to metabolize organic carbon, this photoautotroph turned
heterotroph used glucose as a carbon source for growth and metabolism. Similarly,
when the glucose transporter of Chlorella kessleri hup1 was expressed in
Chlamydomonas reinhardtii, the mutant could grow in the dark utilizing glucose
and showed enhanced photo biological hydrogen production (150%) [218]. Hence,
trophic conversion of algae can increase the heterotrophic counterpart of com-
mercial algae and high cell density cultures can be obtained in fermenters.

7 Conclusions

This chapter discusses the heterotrophic potential of microalgae to be successfully
grown as the feedstock for biofuel production or valuable fine chemicals. At this
point, it is imperative to reassess the photoautotrophic cultivation of microalgae in
terms of biomass obtained and production costs. The economic methods like open
pond systems suffer from low biomass productivity, which leads to energy intensive
harvesting increasing the cost associated. Culturing in specially designed photo-
bioreactors can only be justified for the production of low-volume, high value
products like nutraceuticals and pharmaceuticals. Heterotrophic cultivation can be
easily adapted for commercial scale production making use of the existing facilities
for bacterial or yeast fermentation with a little remodeling to suit the cultivation of
microalgae. Solazyme, now renamed Terravia, together with the Department of
Energy, has successfully set up a pilot scale integrated biorefinery for the pro-
duction of algae based oils from lignocellulosic feedstock. The carbon capture and
photosynthesis are separated from the microalgal cultivation and hence it is eco-
nomically viable. Heterotrophic microalgae are cultivated in the dark in commercial
scale, with up to 75% lipid accumulation (https://www.osti.gov/scitech/servlets/
purl/1166003). The commercial scale biofuels available from the facility include the
biodiesel SoladieselBD

® an ASTM D6751 biodiesel; SoladieselRD
®, an ASTM

D975 renewable diesel; Solajet™, an ASTM 7566 Aviation Turbine Fuel; and
renewable diesel and renewable jet fuel that meet the Navy’s HRD76 and HRJ5
specifications. Algal cooking oils rich in unsaturated fatty acids are in the market
and are serving health conscious consumers. Commercial success has been
achieved for the production of Chlorella based single cell proteins and nutritional
supplements, the cultivation of Crypthecodinium cohinii and Schizochytrium for the
production of DHA and EPA respectively. Heterotrophic Chlorella are versatile in
their product profile: C. zofingensis for astaxanthin, C. sorokiniana and
C. minutissima for lutein, and C. protothecoides is the most widely used microalga
for the production of lipids and lutein. In the near future, potential and robust
heterotrophic algae should be screened for and isolated, a culture collection for
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heterotrophic algae needs to be established. Normalization methods needs to be
agreed upon to assess successful heterotrophic cultivation products from all over
the world. Microalgae can effortlessly replace the other biofuel feedstock if their
untapped heterotrophic potential could be unleashed.
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Chapter 5
The Relationship Between Bioreactor
Design and Feedstock for Optimal
Biogas Production

Christiane Herrmann, Patrice Ramm and Jerry D. Murphy

Nomenclature

ABR Anaerobic baffled reactor
ACR Anaerobic contact reactor
AD Anaerobic digestion
AFBR Anaerobic fluidized bed reactor
AFR Anaerobic filter reactor
AHR Anaerobic hybrid reactor
AMBR Anaerobic membrane bioreactor
APFR Anaerobic plug-flow reactor
ASBR Anaerobic sequencing batch reactor
COD Chemical oxygen demand
CSTR Continuously stirred tank reactor
EGSB Expanded granular sludge blanket
FBDR Fixed bed disc reactor
FBR Floating bed reactor
HIT Half-submerged two-phase reactor
HRT Hydraulic retention time
ICR Internal circulation reactor
LBR Leach bed reactor
ME-ADR Microbial electrolysis anaerobic digestion reactor
OFMSW Organic fraction of municipal solid waste
OLR Organic loading rate
Q Daily added volume of feedstock
SRT Solid retention time
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SSSAR Spiral symmetry stream anaerobic reactor
TBR Trickle-bed reactor
TPAD Temperature phased anaerobic digestion
TS Total solids
UASB Up-flow anaerobic sludge blanket
UASS Up-flow anaerobic solid state reactor
VFA Volatile fatty acid
VR Working volume of the reactor
VS Volatile solids
VSS Volatile suspended solids

1 Fundamentals of Biogas Production Through Anaerobic
Microbial Communities

Anaerobic digestion is a process in which in the absence of oxygen complex organic
substances are degraded and biogas is formed as gaseous product, mainly consisting
of methane (50–75%) and carbon dioxide (CO2) (25–50%). The anaerobic degra-
dation of biopolymers, (i.e. carbohydrates, fats and proteins) involves a consortium
of hydrolytic/fermentative, acetogenic and methanogenic microbes (Fig. 1). Their
sequential metabolic reactions eventually lead to the conversion of biomass to
biogas. In the first step of the conversion chain (hydrolysis), biopolymers (fats,
proteins, carbohydrates) are degraded into soluble oligo- and monomers by

Fig. 1 Overview of the anaerobic digestion process [1, 3, 4]
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exo-enzymes of hydrolytic bacteria. In the second step (acidogenesis) soluble
monomers are incorporated by fermentative bacteria and converted into organic
acids, alcohols, CO2 and H2, depending on the H2 partial pressure. At low H2 partial
pressure mainly CO2, H2 and acetate are produced whereas at high H2 partial
pressure volatile fatty acids (VFA) such as propionic, butyric or valeric acid and
alcohols are formed [1]. Degradation of the VFAs and alcohols require the third step
(acetogenesis), in which these substrates are further oxidized to acetate, H2 and CO2

by acetogenic microorganisms. A precondition for acetogenesis is a very low H2

partial pressure, which is achieved by conversion of H2 and CO2 to methane by H2-
consuming (hydrogenotrophic) methanogens in the last step of the conversion chain
(methanogenesis). Thus, acetogens need to live in syntrophy with hydrogenotrophic
methanogens, with the interspecies H2-transfer optimized by close proximity of H2-
producing and H2-consuming microbes [2]. Methanogenesis is carried out by strict
anaerobe methanogenic archaea, which can be categorized according to their
metabolized substrates into hydrogenotrophic, methylotrophic and acetoclastic
methanogens. Only a few species can utilize acetate or methanol whereas almost all
methanogens can metabolize H2 and CO2 [1]. As the microbes of the first and second
step and also of the third and fourth step are closely linked and have similar optimal
living conditions (Fig. 1), separation of the AD process into two stages (hydrolysis/
acidogenesis and acetogenesis/methanogenesis) is possible.

For a successful overall AD process, maintenance of the balance between the
different groups of microorganisms and their metabolic activity is essential. Any
imbalance reduces the process efficiency and may lead to process failure.
Over-loading of organic feedstock results in excess VFA formation, which can
inhibit methanogenesis. If VFAs are not further degraded they will accumulate
within the reactor. VFA concentrations that exceed the buffering capacity of the
system can reduce the pH value below the appropriate range and cause acidification
[5]. Besides VFAs, ammonia and hydrogen sulphide are other degradation products
that can inhibit methane formation. In general, the undissociated form of these
substances is more inhibitory than the dissociated form as it can easier diffuse
through microbial cell membranes [1].

The nutrient requirements of microbes of the AD process are low, thus, C:N:P:S
ratios of 600:15:5:3 are sufficient [3]. C:N ratios below 20 are unfavourable as
degradation of such feedstocks can result in excess ammonia formation and process
inhibition. In addition, micro-nutrients such as nickel, cobalt, selenium, molybde-
num, and tungsten at about 0.05–0.06 mg L−1, and iron at concentrations of
1–10 mg L−1 are necessary [5].

The methane production from acetate is usually the rate-limiting step of the AD
of soluble substrates due to its low conversion rate, whereas hydrolysis is more time
demanding and rate-limiting during AD of solid feedstocks. Hydrolysis of soluble
carbohydrates occurs within a few hours whereas hydrolysis of compounds such as
cellulose, proteins and lipids requires several days [5]. In order to ensure an efficient
AD process, bioreactor design and process operation generally need to be adapted
to feedstock characteristics.
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Although the microbial groups and metabolic pathways involved in biogas
production through anaerobic digestion are basically understood, the predominant
part of the highly diverse anaerobic microbiome has not been precisely identified
and characterized yet, and detailed functions and the multiple interactions under
varying environmental conditions are still largely unknown [6]. Research efforts are
currently undertaken to identify key players of anaerobic digestion microbial
communities and their functional and ecological role [7]. The establishment of
microbial indicators could assist in determination of the process state, indication of
process imbalance or deficiencies, and enhanced process control [8]. Expanded
knowledge of the anaerobic digestion microbiome could help to provide optimal
environmental conditions for improved process performance and to optimally
design and manage anaerobic digesters.

2 Main Parameters of Reactor Operation

2.1 Organic Loading Rate

The daily amount of organic biomass that is fed into the biogas plant per unit of
working volume of the bioreactor is determined by the organic loading rate (OLR)
(Eq. 1):

OLR (kgvs m
�3 d

�1
or kgCOD m�3 d

�1Þ¼ Q� c
VR

ð1Þ

where Q is the daily added volume of feedstock (m3 d−1), c is the concentration of
volatile solids (kgVS m−3 or kgCOD m−3), and VR is the working volume of the
reactor (m3). The volume of biogas production per unit time increases with
increasing OLR, but overloading leads to excessive formation of VFAs, process
disturbance and eventually to irreversible process failure. The maximum bearable
OLR is a highly relevant parameter that mainly depends on feedstock composition,
reactor design and process temperature. It can be regarded as a measure for the
conversion capacity of an AD system [2].

2.2 Hydraulic Retention Time

The average time the feedstock remains within the reactor until it is discharged as
digestate is defined as the hydraulic retention time (HRT). Simplified, it is calcu-
lated according to Eq. (2).
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HRT (d)¼ VR

Q
ð2Þ

where VR is the working volume of the reactor (m3), and Q is the daily added
volume of feedstock (m3 d−1). The HRT is an important parameter to decide on the
size of the bioreactor. The retention time is related to the growth rate of the
microbes and should be long enough to ensure the development of a balanced
microbial community that is capable of sufficient feedstock degradation. The nec-
essary HRT depends on the feedstock composition, the process temperature and the
OLR. A short HRT can lead to accumulation of organic acids caused by microbial
washout if more microbes are removed than can regrow. Therefore, choosing a long
HRT and a low OLR provides a safe strategy for high methane yields and process
stability [9]. However, this may also result in inadequate reactor utilization. For
efficient reactor operation and high methane production rates, short retention times
and, at the same time, high methane yields are desired. Some reactor configurations
decouple the solid and liquid retention (Sects. 3.1.1.2–3.1.1.4). The solid retention
time (SRT) then describes the average time the solid biomass resides within the
reactor [9].

2.3 Temperature

The process temperature is one of the basic parameters that influence microbial
activity and thus, methane formation during anaerobic digestion. In general, three
different temperature ranges are in use for operation of bioreactors for AD: psy-
chrophilic (<10–20 °C), mesophilic (20–45 °C) and thermophilic (55–60 °C).

Temperatures in the mesophilic range are the most commonly applied process
temperatures in biogas plants, whereas comparatively few biogas plants are oper-
ated under thermophilic temperature conditions [5]. Since reaction and metabolic
growth rates increase with higher process temperature, thermophilic AD is usually
associated with higher productivity and faster feedstock degradation compared with
mesophilic AD [10]. Lignocellulosic feedstocks mainly consist of cellulose,
hemicellulose and lignin, which can form a recalcitrant structure resistant to
anaerobic degradation. High temperatures particularly promote hydrolysis of lig-
nocellulose by loosening its structure, which results in a better accessibility for
microbes, and acceleration of enzymatic reactions [11]. Higher methane yields are
often reported under thermophilic conditions. Furthermore, thermophilic tempera-
tures assist in feedstock sanitation and can produce pathogen-free digestate. The
major drawback of operation at thermophilic temperatures is their adverse effect on
process stability, with methanogens being more sensitive than hydrolytic or aci-
dogenic microbes. This can be attributed to a decreasing diversity and an increasing
susceptibility of methanogens to inhibitory metabolites and environmental changes
at higher temperatures. Thermophilic processes are very sensitive to sudden
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temperature changes while mesophilic microbes tolerate short-term temperature
fluctuations of about ±3 °C [5]. At thermophilic conditions, the solubility of
hydrogen (H2) decreases which makes it less available as substrate to hydro-
genotrophic methanogens, and the risk of ammonia inhibition rises due to a shift of
the free to ionized ammonia ratio towards the more toxic free ammonia [12]. Thus,
reducing the process temperature is one option to overcome ammonia inhibition in
AD reactors [12]. The overall effect of thermophilic versus mesophilic process
temperature on methane formation depends on the process state, i.e. the pH and
presence of inhibitory metabolites. Higher energy input necessary to establish and
maintain thermophilic temperature conditions also need to be taken into account.

Psychrophilic AD can be an option especially in regions of cold climates where
intensive heating is required for reactor operation at mesophilic temperatures, which
leads to a marginal overall energy yield. AD at ambient temperatures does not
require extra heat supply but results in low methane yields and unsteady temper-
ature conditions. It was shown that methane in psychrophilic microbial commu-
nities is almost exclusively formed from acetate. The use of special psychrophilic
microbial consortia adapted to low temperatures can aid in increasing the efficiency
of psychrophilic AD [13].

Hyperthermophilic (60–70 °C) AD has also been tested in few studies. It was
reported to be beneficial in terms of COD solubilisation when applied to the first
stage of a two-stage system [14]. Temperature-phased AD (TPAD) with individual
temperatures of different process stages is considered as another possibility to
optimize the process performance and feedstock degradation [9] (Sects. 3.1.2 and
3.2.2).

2.4 Digestate Recirculation

The recirculation of digestate is another option to influence the process performance
of an AD system. Digestate recirculation can have diverging effects. It can support
biomass degradation and biogas formation, and enhance process stability, mainly
through dilution effects of toxic or inhibiting substances and increased buffering.
This can result in higher possible OLRs as compared to an AD process without
digestate recycling [15]. Furthermore, it recycles active biomass, i.e. microorgan-
isms that are actively involved in the digestion process, and enhances the contact
between feedstock and microbes. This is especially important in high-solids AD
systems where mixing inside the reactors is limited. On the other hand, digestate
recirculation increases the amount of hydraulic dead space of the reactor and the
loss of solids, and can reduce the HRT and overall reactor efficiency. In staged
reactor systems such as the anaerobic baffled reactor (ABR), it can further involve
the return to a single-stage system, associated with the loss of advantages of the
stage separation [16]. The overall benefit of digestate recirculation depends on the
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type of feedstock, on process parameters and the type of reactor system. Positive
effects are likely to be achieved at high OLRs and with significant amounts of
inhibiting substances in the feedstock.

3 Overview of Bioreactor Concepts

A number of different bioreactor concepts have been developed and are in use for
biogas production from anaerobic digestion. The efficient bioreactor aims at high
methane production rates and methane yields, at a maximum OLR and minimum
HRT, and allows for substantial VS removal at a low parasitic energy demand and
low capital and operational costs. The achievement of an optimal reactor perfor-
mance is, in turn, influenced by several feedstock, operational and process
parameters as depicted in Fig. 2.

For selection of an optimal reactor design the consideration of feedstock char-
acteristics is essential. Bioreactors can broadly be divided into reactors for liquid or
low solids content and high-solid AD. More recently, biological methanation of
gases has been considered [17]. The main challenge of liquid AD is the retention of
active biomass within the reactor for prevention of microbial washout. This has
been implemented in bioreactor design through different measures of biomass
immobilization (Fig. 3). The main challenge of high-solid AD is the handling of

Fig. 2 Aims of optimal bioreactor design and major factors of reactor categorization
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high solids biomass and to overcome mass transfer limitations while the metha-
nation of gases is mainly restricted by gas-liquid mass transfer. Figure 3 gives an
overview of bioreactor concepts for conversion of liquid, solid and gaseous feed-
stocks, which are further described in the following sections.

3.1 Bioreactors for Liquid or Low Solids Content Anaerobic
Digestion

Anaerobic digestion processes with total solids (TS) concentrations of up to 10%
are regarded as liquid or low solids content AD [5, 18]. However, this criteria is not
definite and AD processes with TS concentrations up to 15% are also sometimes
defined as liquid or low solids content AD [19]. Feedstocks for liquid AD mainly
include different types of industrial and agricultural wastewaters such as from paper
and pulp industry, food producing and processing industry or chemical and phar-
maceutical industry. Low solids content would include for sewage sludge, liquid
animal manure and co-digestion of manure with fractions of energy crops or resi-
dues in agricultural biogas plants.

The low solids content in these AD processes allows for easy pumping,
homogenization and mixing of the reactor influent and reactor content. This enables
good biogas release and intense contact between substrate and microorganisms.
However, the low solids content of the reactor influent is also associated with a risk
of microbial wash-out attributed to low HRTs at higher organic loading. Thus, the
OLR is usually restricted to <7 kgVS m

−3 d−1 [20]. AD is a bioprocess that involves
slow-growing microbes such as syntrophic acetogens and acetoclastic methanogens

Fig. 3 Categorization of bioreactors for anaerobic digestion
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with doubling times of up to 10 days (Fig. 1). If the retention time is lower than the
doubling time of some of the microbes, these microorganisms will eventually be
lost. This leads to an imbalance between different groups of microorganisms
resulting in process instability, decreasing degradation rates and methane produc-
tion, or complete process failure. Retaining sufficient active biomass within the
reactor is imperative for efficient AD. An effective option to avoid microbial
wash-out is the enrichment of biomass within the reactor, independently of the
influent flow. Approaches to enrich active biomass include sedimentation within the
reactor or outside the reactor with biomass recirculation, the retention of granules
that form through self-aggregation, or the immobilization of microbes on the sur-
face of carrier materials [1]. A solids retention time of at least 16 [21] to 20 days [4]
is required to prevent microbial wash-out.

Another advantage of the growth of microbes in granules or biofilms besides the
retention of active biomass within the reactor is the close physical proximity of H2

producing acetogens and H2 utilizing methanogens. This enables an optimal syn-
trophic performance due to an effective transfer of H2 over short distances leading
to a quick conversion into methane [1].

Numerous different types of bioreactors have been developed for liquid and low
solid content AD, mainly for the treatment of wastewaters. The aim of wastewater
treatment is usually the avoidance of environmental pollution and production of a
good quality effluent with low organic matter rather than the production of biofuels
or bioenergy. Some of the more prominent reactor types for liquid or low solids
content AD are described in Sect. 3.1.1, while more sophisticated and novel reactor
concepts are described in Sects. 3.1.2 and 3.1.3. Examples for the performance of
different reactor systems for liquid or low solids content AD are shown in Table 1.

3.1.1 Conventional Bioreactors for Liquid and Low Solids Content
Anaerobic Digestion

Reactors Without Biomass Retention

The Continuously Stirred Tank Reactor (CSTR) is the most widely applied
reactor configuration for liquid or low solids content AD, mainly because of its
simplicity and ease of operation, and its ability to treat feedstocks in a wide TS
range of about 2–12% [49]. The majority (>90%) of agricultural biogas plants
comprise CSTRs [5]. The CSTR is a continuously operated, vertical reactor in
which feedstocks enter from the bottom and digestate is withdrawn at the reactor
top. A characteristic feature is the complete agitation of the reactor content through
mechanical, hydraulic or pneumatic mixing. The most commonly employed mixing
systems are mechanical motor propeller stirrers; several stirrers can be installed in
one CSTR to prevent stratification, scum layers and deposition of solid biomass [5].
Active stirring provides good contact between substrate and microorganisms and
facilitates mass transfer. However, stirring-induced shearing forces can also disturb
the symbiotic relation between H2-producing acetogens and H2-consuming
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methanogens. Thus, gentle but effective stirring is desired. Complete reactor agi-
tation is beneficial as it provides an even distribution of feedstocks and temperature
within the reactor, dilutes inhibitory substances and supports the upflow and escape
of biogas bubbles from the liquid. Yet, it is also energy-intensive and leads to a
comparatively high parasitic energy demand.

The CSTR does not enable specific retention or enrichment of active biomass
within the system. The HRT equals the retention time of solids and microorgan-
isms. In order to keep the process stable, the number of regrown microbes needs to
be at least as high as the numbers of microbes that are flushed out with the digestate.
A sufficiently high HRT is necessary to prevent microbial wash-out. Long HRTs of
30–60 days are often chosen for operation of CSTRs [4] (Table 1). Retention times
even reach 100–150 days in CSTRs for co-digestion of manure and crop feedstocks
in agricultural biogas plants in order to fully exploit the methane potential [5].
Consequently, the OLR typically lies in a lower range of 1–4 kgVS m−3 d−1.
Altogether, the CSTR represents a simple technology available at comparatively
low capital costs but with restricted efficiency [9].

One recent approach to enhance the retention of microbes in CSTRs is the
addition of magnetic foam glass particles to the reactor, which can serve as carriers
for biofilm formation [50]. The magnetic particles are recovered from the digestate
by means of a magnetic separator and recycled back to the reactor. The magnetic
biofilm carriers were shown to increase methane yield, methane production rate and
possible OLR of the CSTR [50].

Reactors with Biomass Retention by Sedimentation of Biomass

One approach to retain microbes in completely stirred systems is to couple the
CSTR with an additional gravity sedimentation tank in series. This reactor system is
referred to as Anaerobic Contact Reactor (ACR). Effluent from the reactor is
conveyed to a sedimentation tank, biomass settles inside the tank and is recycled
back to the reactor in order to seed the influent. ACRs tolerate higher OLRs and
feature enhanced methane production and process stability as compared with the
CSTR, but additional equipment and energy input are required [4].

The Anaerobic Sequencing Batch Reactor (ASBR) in contrast comprises of
only one single tank with solid/liquid separation by sedimentation, which is
operated in batch or fed-batch mode. The operation of the ASBR is characterized by
a continuously repeated process cycle that includes a series of consecutive steps:
filling with influent; reacting with active biomass that is present inside the reactor;
sedimentation of biomass; and discharge of digestate (supernatant) [51]. Each step
is effected for a defined period of time. During the reaction step the reactor is mixed
to enable intense contact between feedstock and microorganisms. Afterwards,
mixing is stopped to allow biomass to settle to the bottom of the reactor before a
defined volume of supernatant is removed from the liquid surface of the reactor and
the process cycle starts again. Settling of the biomass facilitates an extended SRT
and retains a more abundant and diverse microbial population within the reactor.

5 The Relationship Between Bioreactor Design and Feedstock … 175



The performance of the system is dependent on the successful sedimentation of the
biomass.

The main benefit of the ASBR lies in its flexibility. The ASBR can treat a wide
range of influent volumes [51]. The duration of the process steps can be adjusted as
required by feedstock characteristics. The mode of operation can be optimized with
regard to: the total cycle time; the fill time to cycle time ratio; or the volumetric
exchange ratio [52]. At higher OLRs a short fill time can cause acidification
problems while a higher fill time to cycle time ratio and a small volumetric
exchange ratio can avoid substrate inhibition [51]. The cycle times can be per-
formed as fixed times or may be changed in real-time, adjusted to the influent
composition. If feedstock is unavailable, the ASBR can even stay dormant. Besides
its flexibility, the ASBR enables high gas yields and methanogenic activity and
good process control and efficiency at comparatively low energy input and
mechanical requirements and low costs [9]. Disadvantages of the system concern
the organic loading which is limited due to the operation strategy [52], resulting in
low methane production rates. Furthermore, dead zones might occur within the
ASBR, and a long start-up period of the reactor and long settle times within the
process cycle might be necessary [53]. The knowledge of appropriate agitation and
feeding strategies for different feedstocks is still limited [53].

Reactors with Biomass Retention by Formation of Granules

The principle of several reactor configurations is based on the ability of some of the
microorganisms that are involved in AD to form flocs or granules. Due to the dense
form of these granules, they possess good settling properties and can be enriched
within the reactor. In the lower part of the Up-flow Anaerobic Sludge Blanket
(UASB) reactor granules consisting of self-immobilized microbial biomass add up
to a blanket of sludge of about 1–3 m [21]. The reactor is fed from the bottom, and
mixing and substrate distribution occurs by the up-flowing influent and by rising
biogas bubbles. A three-phase separator at the reactor top enables the discharge of
the produced biogas to the gas storage and forces up-flowing granules to sink down
to the reactor bottom again.

The UASB reactor can treat medium-strength wastewaters such as from pulp and
paper, brewery, food-processing, or bioethanol industry; however, its ability to
digest larger amounts of suspended solids is limited [4]. HRTs can be as low
as <24 h and OLRs typically lie in the range of 8–15 kgCOD m−3 d−1 [21]. It is one
of the most commonly used types of bioreactors for anaerobic wastewater treat-
ment, and can be applied as a second stage reactor in two-stage processes
(Sect. 3.1.2). The technology of the UASB reactor is compact and comparatively
inexpensive showing low reactor volume and no digestate recycling requirements
[9]. Furthermore, the system is robust as it contains no moving parts such as stirrers
inside the reactor. It provides enhanced process stability due to a less susceptible
microbial population grown in granules. However, the performance of an UASB
reactor strongly depends on the successful formation of granules, which requires
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adequate and stable process temperature, a stable neutral pH, and the presence of
adequate nutrients and metals, and on granule quality, which varies with feedstock
strength and composition [54]. Long start-up periods (*4–16 months) might be
necessary, and a risk of wash-out of granules exist. The system requires skilled
operation [9, 55].

The Expanded Granular Sludge Blanket (EGSB) reactor represents an
advanced version of the UASB reactor. It differs from the UASB reactor by an
expanded sludge bed, which is achieved through higher up-flow velocities and can
reach up to 60% of the reactor height [21]. Increased organic loadings of typically
10–25 kgCOD m−3 d−1 (with corresponding HRTs of 2–3 h) are possible due to
improved mixing, mass transfer and microbial activity. The EGSB reactor can also
treat low- and high-strength wastewaters and is more resistant against inhibitory
compounds than the UASB reactor, but removal of suspended solids is limited. TS
concentration of the influent should lie below a maximum of 300–500 mgTS L−1

[21].
The Internal Circulation Reactor (ICR) is another development based on the

UASB reactor. In principle, it comprises of two UASB reactors arranged one on top
of the other. Biogas which is produced and collected in the lower compartment rises
to the reactor top in a rise pipe and creates an internal circulation by causing a return
flow of effluent from the upper compartment in a down pipe. No energy input is
required for the internal circulation. Feedstock is added at the bottom of the ICR
and mixed with the internally recirculated effluent before it is equally distributed to
the sludge bed of the lower compartment. High up-flow velocities result in an
almost complete mixing of the lower compartment accompanied by intense contact
between feedstock and granules, optimal mass transfer and high biomass activity.
Most of the biomass conversion occurs in the lower compartment before the
wastewater reaches the upper compartment where residual biogas production
continues. Up-flow velocity and sludge concentration in the upper compartment are
low, allowing for good recovery of floating granules and compensation of peak
loads. Thus, the ICR system features a high degradation capacity, high possible
OLRs of up to 35 kgCOD m−3 d−1, high process stability and resistance against
shock loads [9, 21].

The Anaerobic Baffled Reactor (ABR) can be described as a number of
UASBs connected in series in a horizontal reactor [4]. Baffles are used to force the
influent to pass a series of compartments with sludge beds, towards the reactor
outlet. Active biomass within the compartments gently rises and settles, caused by
the liquid flow and biogas production [16]. Flow characteristics and the degree of
mixing affect the contact between feedstock and microbes, thus controlling mass
transfer and reactor performance. The design of the ABR is variable and can be
adapted to special feedstock characteristics or degradation needs by rearrangement
of the baffles, by different compartment sizes or by additional solids settling
chambers [16].

The main advantage of the ABR is the possibility to spatially separate acido-
genesis and methanogenesis in different compartments down the reactor. Hydrolytic
and acidogenic bacteria, that grow faster and tolerate higher substrate levels and
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lower pH-values, will dominate in the front compartments, while slower growing
syntrophic acetogens and methanogens will establish towards the reactor end [16].
Thus, a two-stage system is created without additional reactor and equipment
requirements. Combined with an enhanced SRT, this results in an efficient reactor
system with good COD removal capability, OLRs of up to 20 kgCOD m−3 d−1, and
high tolerance to inhibitory compounds and shock loads [9, 16]. The ABR can be
used to treat wastewater of any strength, but the digestion of feedstock with higher
TS content is limited as the solids can accumulate in the first compartment leading
to a displacement of active biomass within the reactor [16]. Further difficulties
associated with the operation of the ABR regard an uneven distribution of the
influent, inadequate mixing that can be caused by insufficient liquid and gas up-flow
velocities, and insufficient sedimentation of granules which can lead to biomass
wash-out [9]. In contrast to the UASB reactor, the EGSB reactor and the ICR, the
ABR is rarely applied at commercial scale.

Reactors with Biomass Retention by Immobilization on Carrier Materials

If a suitable carrier material is provided, AD microorganisms tend to grow and
attach to the surface of the carriers as biofilms. Microbes attached to the carrier
surface build up complex aggregates with high cell densities and beneficial con-
ditions for syntrophic interactions. Moreover, a matrix of extracellular polymeric
substances is formed which protects microbial biofilm growth as it acts as a barrier
that prevents wash-out of extracellular enzymes and penetration of harmful sub-
stances [56]. Thus, biofilm formation supports feedstock degradation, process sta-
bility and resistance to environmental changes.

The Anaerobic Filter Reactor (AFR) is a vertical reactor with typically 70% of
the reactor volume filled with biofilm carriers [21]. Today, plastic carrier materials
are usually used which provide large specific surface areas, high stability and low
weight. The AFR can be operated in up-flow or down-flow mode. Up-flow oper-
ation is more common as it enables higher biomass concentrations within the
reactor, although the risk of clogging of the carriers is increased as compared with
down-flow conditions [21]. Retention of microorganisms in biofilms on carrier
materials inside the AFR is a simple and effective solution for prevention of bio-
mass wash-out. It allows for enrichment of specialized microbes and a high degree
of adaptation to complex feedstocks, high COD loads or inhibitory substances [9].
OLRs of 5–15 kgCOD m−3 d−1 can usually be reached [21]. Owing to the biofilm
formation, the AFR is robust against load fluctuations and varying influent com-
position. The AFR can treat high- and low-strength wastewaters, however, feed-
stocks should contain low amounts of suspended solids since otherwise the
suspended solids can cause clogging of the packing material [57]. Furthermore, a
risk of short-circuiting exists for AFRs. Longer start-up periods for biofilm for-
mation (*3–4 months) might be necessary, and the use of high-quality carrier
materials can result in high investment costs for the ABR system.
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Another reactor configuration, which uses support materials for the attachment
of microbes is the Anaerobic Fluidized Bed Reactor (AFBR). Within the AFBR,
most of the active biomass grows attached to small, mobile carrier particles, which
are fluidized by a high up-flow velocity of the influent and recycled effluent.
Materials such as sand, pumice stone, activated carbon or plastics are used as
biofilm carriers. The high flow velocity results in intense movement of the particles
and facilitates nutrient distribution and mass transfer which leads to high biomass
activities. Thus, operation of the AFBR at high OLRs of 15–35 kgCOD m−3 d−1 is
possible [21]. The AFBR is effective for the treatment of low- to high-strength
wastewaters, and can degrade feedstocks with comparatively high content of sus-
pended solids of up to 10% [4]. The risk of reactor clogging is significantly reduced
compared to the AFR. However, the range of an appropriate up-flow velocity to
keep carrier particles fluidized but prevent wash-out of carriers is often small. Thus,
active biomass can be lost as a result of inadequate or changing flow rates or
particle densities. The AFBR also requires longer start-up periods for biofilm for-
mation, and additional costs are incurred for carrier materials and reactor operation,
especially for the fluidization of the carrier particles. Up-scaling of the AFBR is
difficult and large-scale applications are limited [4].

3.1.2 Two-Stage Reactor Systems

The different microbes, which are involved in the four stages of anaerobic digestion
have varying needs for an optimal growth regarding nutrients, feedstock concen-
tration and pH-value (Fig. 1). Microorganisms of the hydrolysis and acidogenesis
steps generally grow faster and are more tolerant to variations in environmental
conditions. In contrast, acetogens and methanogens show a slower growth, are
susceptible to environmental changes and require close proximity for effective H2

transfer. Spatial separation of the hydrolysis/acidogenesis and acetogenesis/
methanogenesis processes in two-stage reactor systems provides an opportunity
to individually fulfill the different requirements of the respective microbes of these
AD steps and thus, to enhance process performance and control. Two-stage liquid
or low solids content AD systems typically comprise of a CSTR for hydrolysis and
acidogenesis where a liquid effluent enriched with VFAs is produced, followed by a
CSTR, UASB reactor or AFR for acetogenesis and methanogenesis where these
intermediates are converted into methane, but other reactor combinations are also
possible [9, 57]. It has been stated that two-stage operation can remarkably increase
the acidogenic and methanogenic activity [16]. A large number of studies compared
two-stage and single-stage liquid and low solids content AD and found higher
methane yields, enhanced reduction of VS or COD, increased process stability,
higher possible OLRs and shorter HRTs in the two-stage reactor configuration for a
variety of feedstocks such as food processing waste, industrial wastewaters, and
dairy manure [39, 40, 58]. However, advantages of two-stage over single-stage AD
depend on feedstock type and composition and might vary to a large extent [59].
Besides, the construction of two reactors instead of one is more cost-intensive, but
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enhanced methanogenic performance and process stability might be able to com-
pensate for extra costs.

An opportunity to optimize methane production in two-stage systems is the
so-called temperature-phased anaerobic digestion (TPAD) where the hydrolysis and
the methanogenesis reactor are operated at different temperatures. A thermophilic
hydrolysis stage is usually connected to a mesophilic methanogenic stage. The
thermophilic temperature in the first stage accelerates the metabolism for hydrol-
ysis, while the mesophilic temperature in the second stage protects microbes, such
as syntrophic acetogens and methanogens that are more sensitive to inhibitors at
elevated temperatures [11]. TPAD has been reported to outperform two-stage
mesophilic AD and single-stage mesophilic and thermophilic AD in terms of VS
removal, methane yield and process stability [11]. It can reduce pathogens that
might be present in some feedstock. TPAD is still under research and further
knowledge regarding the effects on digestion of different feedstocks is necessary to
support its implementation at commercial scale.

3.1.3 Novel Reactor Concepts for Liquid and Low Solids Content
Anaerobic Digestion

In more recent years, numerous advanced reactor concepts have been developed for
liquid/low solids content AD with the aim to further enhance retention of active
biomass, increase the process stability and possible OLR, enable effective AD of
feedstocks with high amounts of particulate matter, and increase methane pro-
duction. Some examples are briefly discussed in this section. Membrane reactors
and anaerobic hybrid reactors already exist at pilot or commercial scale while the
spiral symmetry stream anaerobic reactor, the fixed bed disc reactor and microbial
electrolysis AD reactors are some examples for bioreactor configurations that are
still under development.

In Anaerobic Membrane BioReactors (AMBR) microbes are retained within
the AD process by micro- or ultrafiltration using membranes. Membranes can be
included in the AMBR system either as an external unit, or submerged within the
main reactor or in a separate reactor. Advantage of AMBRs is the capability to
almost completely retain active biomass within the system. Applied membranes are
of polymeric, metallic or ceramic material and have pore sizes in the range of 0.3–
1.0 µm which is below the size of most microbes or flocs involved in AD [60].
Consequently, high biomass concentrations, optimal metabolic conversion and
effluent quality, and a high degree of adaptation to feedstock properties can be
reached. The AMBR only requires short start-up periods and can handle all types of
wastewater as well as fluctuating influent qualities [60]. However, the major
obstacle in the use of AMBRs for AD is membrane fouling. This term describes
deposition of (organic and inorganic) materials and pore-blocking which leads to
loss of permeability of the membranes. Membrane fouling can be reduced or
removed by cleaning techniques such as membrane relaxation or membrane
backflushing, but this is accompanied by higher energy requirements and can
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diminish the lifespan of the membrane [60]. An enhanced AMBR system is pro-
posed which prevents fouling by biogas bubbling through the membrane surface
[57]. Nevertheless, AMBRs currently have high capital costs and costs for opera-
tion and maintenance. Fields of application are suggested for AD under extreme
conditions, such as high temperature, salt content, toxic compounds or for the AD
of extremely high-strength wastewater [21].

Anaerobic Hybrid Reactors (AHR) combine a sludge blanket with granules in
the lower part and a packed zone with biofilm carriers in the upper part of a vertical
reactor. This can be a combination of an EGSB or UASB reactor and an AFR.
Reactor influent is added and evenly distributed at the bottom, passes the lower and
upper zones, and finally digestate is discharged at the reactor top. The combination
of the two zones is beneficial as the fixed bed of the upper zone additionally retains
active biomass in the lower compartment and reduces microbial wash-out even at
high up-flow velocities. This allows for enhanced mixing and mass transfer.
Furthermore, a specialized microbial community can develop in the fixed bed
which aids in the degradation of complex or toxic wastewaters, as has been shown
in several studies [43, 44, 61]. Since a higher acidogenic activity is noticed in the
lower zone, and a higher methanogenic activity occurs in the upper zone, the AHR
presents a transition towards stage separation [62].

Several novel reactor configurations aim at increasing the possible OLR for
reduced reactor volume requirements. A Spiral Symmetry Stream Anaerobic
Reactor (SSSAR) developed by Chen et al. [45] is reported to operate at an OLR of
up to 361.5 kgCOD m−3 d−1 and an HRT of 1.6 h at laboratory scale. The SSSAR is
a slim vertical vessel with influent addition and distribution at the bottom, a reaction
zone filled with granular sludge in the middle and a three-phase separator at the
reactor top. The reaction zone contains three elliptic plates arranged 120° spirally
and symmetrically which create three separate chambers. Biogas is collected by gas
collection pipes underneath each elliptic plate [45]. The high performance of the
SSSAR is attributed to the intense mixing conditions generated by a spiral up-flow
that increase with decreasing HRTs and reduce mass transfer resistance. Active
biomass retention is supported by gas entrapment and diversion with the elliptic
plates and gas collection pipes [45]. So far, the reactor has only been investigated at
laboratory scale.

A reactor solution for AD of liquid feedstock with high content of suspended
solids or particulate matter is presented by Terboven et al. [46]. The Fixed Bed
Disc Reactor (FBDR) contains carrier materials attached to the lower side of the
discs of a specially developed disc stirrer to prevent microbial wash-out. Intense
contact between microorganisms and feedstock is provided by up-flow operation
and an offset arrangement of the discs. Thus, this special stirrer allows for improved
retention of active biomass, intense agitation for equal distribution of nutrients, and
digestion of particulate suspensions eliminating the risk of clogging. The FBDR has
been reported to be suitable for demand-driven biogas production by flexible
feeding [46]. Demand-driven biogas production has recently received attention
against the background of compensating intermittent and fluctuating power supply
from other renewable sources such as wind and solar [63]. Biogas is produced and/
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or utilized in combined heat and power units only in times of positive balancing
power demand. The FBDR showed high process stability at varying feeding pat-
terns, resistance against shock-loads and the ability to notably alter biogas pro-
duction within a very short time span of about 15 min and, thus, high flexibility for
methane formation on demand [46].

Another novel approach to enhance methane production in AD bioreactors is the
integration of microbial electrolysis. This is implemented by placing a pair of
electrodes inside an AD reactor, and by applying external voltage. Anode and
cathode can be employed in a single chamber, or can be positioned in two chambers
separated by a cation or anion exchange membrane. Carbon, graphite (partly
Pt-coated) or stainless steel are typically used as electrode materials [64].Microbial
Electrolysis AD Reactors (ME-ADR) have been demonstrated to notably enhance
methane production rates, methane yields and COD removal efficiency. Oxidation
of carbon is promoted on the anode, and increased hydrolysis of biopolymers as
well as positive effects of micro-aerobic conditions due to formation of small
amounts of oxygen are observed [48]. H2 is supplied at the cathode and stimulates
the growth of hydrogenotrophic methanogens, leading to additional methane pro-
duction and increased methane concentrations within the biogas through CO2

reduction [47, 65]. Furthermore, active biomass is immobilized on the electrodes,
which can improve process stability [66]. Additional methane formation might
cover costs for energy input of the microbial electrolysis system [67]. However,
ME-ADRs are still in their early stage and extensive research is necessary for
industrial applicability [64].

3.2 Bioreactors for High-Solid Anaerobic Digestion

Anaerobic digestion of high-solid organic feedstock may be categorized into
semi-solid AD, which takes place at a TS contents of 10–20%, and solid-state AD
operated at TS contents above 20% up to approx. 40% [18, 20]. Typical feedstocks
that have been used for high-solid AD applications comprise agricultural residues
such as corn stover or straw, solid livestock manures such as solid pig or cattle
manure, food and municipal wastes such as the organic fraction of municipal solid
waste (OFMSW), garden waste or fruits and vegetable waste, energy crops and
grasses such as maize or perennial ryegrass, and macro-algae. These feedstocks
mainly have TS contents of about 10–50% and are digested with little or no
addition of water.

High-solid AD exhibits several advantages over liquid or low solids content AD.
Due to the higher TS content less reactor volume is required, and high volumetric
methane productivity can be achieved. High-solids bioreactors can be operated at
higher organic loading; OLRs of 7 up to 15 kgVS m−3 d−1 are possible [20]. The
lower reactor volume further results in less thermal energy input required for
heating of the reactor content. Besides, less mixing is usually applied, which may
lead to a lower energy demand for reactor operation. Few moving parts inside the
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reactor are also beneficial with regard to a reduced risk of short circuiting and
operational problems. Extraneous materials and impurities, which, for example,
might be present in OFMSW, are less damaging. Owing to the lower water content
of digestate of high-solid AD systems, the digestate is easier to handle, and
digestate transport and management are associated with lower costs [2].

On the other hand, the elevated TS concentration of feedstock and reactor
content in high-solid AD systems is linked to challenges regarding process effi-
ciency, stability and reactor design. High-solid AD systems are more sensitive to
the accumulation of inhibitory or toxic substances, and high solids input can cause
excessive VFA formation followed by a drop in pH-value and process failure [2,
18]. It was found that TS concentrations above 30% lead to limitations of the
gas-liquid mass transfer resulting in an accumulation of dissolved CO2, methane
and H2 within the digestion media [68]. Locally increased CO2 concentrations
cause acidification and, thus, inhibition of methanogenesis. Elevated H2 partial
pressure can inhibit H2 producing acetogens. Decreasing methane yields, methane
production rates and specific methanogenic activity are observed at increasing TS
contents above 10% due to reduced hydrolysis rates and a slower mass transfer
between feedstock and microorganisms [68–70]. High-solid digestion systems are
often slightly mixed or not mixed. Thus, convective transfer within the digestion
media is negligible while diffusive transfer governs mobility of substrates [71].
A reduced water content drastically reduces diffusion in high-solid AD media,
presumably due to a markedly higher viscosity [71]. In consequence, high-solid AD
in conventional reactors often suffers from low VS reduction (less than 50%) low
methane yields and inhomogeneity. Inoculation of feedstock with a high share of
digestate is usually applied to avoid the risk of AD failure and ensure enhanced
process kinetics and feedstock degradation within a manageable retention time [72].
However, high amounts of inoculum reduce the reactor volume available for
feedstock digestion. Besides, high-solid reactor systems often require sophisticated
pumping equipment [20].

Bioreactors applied for high-solid AD are either batch-operated leach bed reactor
systems or continuous plug-flow reactor systems. However, there is still large
potential for enhancement of process efficiency and economy through innovative
reactor design. The leach bed and plug-flow reactor system are described in
Sect. 3.2.1, while more sophisticated and novel reactor concepts for high-solid AD
are described in Sects. 3.2.2 and 3.2.3. Some examples for the performance of
reactors for high-solid AD are listed in Table 2.

3.2.1 Conventional Bioreactors for High-Solid Anaerobic Digestion

Leach Bed Reactor (LBR)

Leach Bed Reactors (LBR) are used for discontinuous high-solid AD. A mixture
of solid substrate and about 40–60% of recycled digestate is filled batch-wise into
the digester [82]. At commercial scale, reactors typically consist of gas-tight garage
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type boxes, which are loaded and unloaded with wheel loaders or similar suitable
agricultural equipment. Process liquid trickles to the base of the reactor, is separated
from the solid reactor content by means of a perforated layer, collected and con-
veyed to a heated storage tank, from where it is sprinkled over the feedstock again.
This recirculation of leachate facilitates contact between substrate and microor-
ganisms, and supports the distribution of moisture and heat within the reactor.
However, toxic or inhibitory substances present in the feedstock or formed during
degradation can accumulate within the leachate, thus, leachate recirculation can also
cause inhibition of methanogenesis and process failure. The percolation of leachate
depends on the physical characteristics of the feedstock such as viscosity, particle
size and spacing between feedstock particles. In general, an even distribution of
microorganisms and moisture is difficult to achieve due to inhomogeneity of the
feedstock and packing which may result in formation of dead zones and reduction
in methane yield [18]. Packing height of the feedstock is limited to 2–3 m in order
to prevent compaction of the lower feedstock layers [82]. An alternative to leachate
percolation is the periodical flooding of the feedstock. Kusch et al. [73] found that a
higher volumetric methane production can be achieved by flooding compared to
leachate percolation since no mixing with solid digestate is required while degra-
dation and methane yield are equal. Yet, the flooded process bears the risk of
floating of solid feedstock.

The main advantage of the leach bed reactor system is its simplicity, which
makes it easy to maintain and results in low capital and operating costs [10].
However, the batch operation mode requires a recurrent, labour-intensive procedure
comprising reactor opening and restarting of the AD process. Special safety
appliances are necessary as explosive gas mixtures can occur. Methane as a highly
potent greenhouse gas can be lost and emitted at reactor opening [82]. Furthermore,
the batch-wise operation leads to a fluctuating gas production with varying biogas
quality. Thus, in order to achieve a more constant gas production, at least 3–4
reactors are usually operated in a sequential batch mode in which leachate from a
mature reactor can be used for start-up of the new reactor [5]. The LBR can also be
deployed as the first stage in two-stage high-solid AD reactor systems (Sect. 3.2.2).

Anaerobic Plug-Flow Reactor (APFR)

Anaerobic Plug-Flow Reactors (APFR) are applied for continuous high-solid AD.
APFRs are predominantly horizontal reactors although vertical reactor systems also
exist. In APFRs the feedstock is continuously introduced and moves through the
digester as a “plug”, i.e. with lateral agitation but restricted mixing in axial direc-
tion. Horizontal APFRs are typically equipped with slowly rotating axial mixers or
paddle mixers that are integrated across the flow direction of the reactor content and
generate local agitation only [5]. Mixing provides enhanced contact between sub-
strate and microorganisms and facilitates degassing of the highly-viscous reactor
content. Vertical APFRs are long cylindrical reactors that lack any internal agitation
system. Fresh feedstock is introduced at the top and digestate is withdrawn at the
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conical bottom of the reactor [82]. Similar to the LBR, a large share of digestate of
up to 80% is recycled for feedstock inoculation and prevention of process failure in
the APFR. Recycling of digestate enables bioconversion at high OLR but largely
reduces the reactor volume available for feedstock digestion.

The APFR has higher application potential in practice as compared with
batch-operated high-solid AD systems. It is usually operated at TS contents below
30% and has been successfully applied or tested for AD of OFMSW, energy crop
mixtures with high portions of maize silage, grass silage and similar feedstocks
(Table 2). The APFR combines robustness and high methanogenic performance
with relatively low complexity and expenditure for investment, operation and
maintenance. Main drawbacks of the APFR are the requirement for large amounts
of recycled digestate, and for heavy process equipment and energy to agitate and
handle dry, viscous material.

3.2.2 Two-Stage Two-Phase Reactor Systems

Similar to the two-stage systems for liquid and low solids content AD (Sect. 3.1.2),
high-solid AD can also be split into two stages. The term “two-stage” reactor
system describes the division of the AD process into the hydrolysis/acidogenesis
and the acetogenesis/methanogenesis steps, while “two-phase” means the separa-
tion of fluid and solid phases. In two-stage two-phase reactor systems, hydrolysis
and acidogenesis take place in the first stage where solid organic matter with high
TS content is degraded and a liquid phase enriched with organic acids and other
intermediates is formed. The liquid phase is separated and conveyed to a second
stage reactor where the acetogenesis and methanogenesis steps occur and methane
is produced from acids and intermediates. As hydrolysis is often the rate-limiting
step in anaerobic digestion of solid biomass, decoupling and separate optimization
of the hydrolysis and methanogenesis steps in high-solid AD systems can be of
special benefit [18].

Leach bed reactors are usually used as first stage reactors for high-solid
two-stage AD with the leachate being subsequently pumped to a second stage
where reactors used in liquid AD are applied (UASB or AFR) [79, 83]. Two-stage
high-solid AD has been shown to considerably enhance methane production
compared with single-stage processes. For example, a threefold increase in methane
yield was achieved for anaerobic digestion of grass silage in a combined leach bed
and UASB two-stage system as compared with digestion in a LBR without a second
stage [75]. Browne et al. [84] reported an almost 60% increase in VS removal for
food waste by connecting an UASB to a sequential LBR at a suitable recirculation
rate of effluent. An up to twofold higher methane yield, a more stable operation and
toleration of higher OLR, and an improved biogas quality was found for corn straw
digestion when combining an Up-flow Anaerobic Solid State (UASS) reactor with
an AFR as compared with a single-stage UASS system [85]. Since a larger share of
CO2 is produced in the separated hydrolysis/acidogenesis step, higher methane
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content is usually reported for the second stage of two-stage two-phase AD systems
[86].

Separation of acid and methane producing microorganisms allows for a better
control of the exposure of methanogens to potentially inhibiting intermediates.
Thus, negative impacts of fermentative inhibitors such as VFAs or ammonia, and of
changes in pH are reduced. In addition, agglomerated microbes in biofilms or
granules of AFR or UASB reactors are more robust against unfavourable conditions
and might tolerate higher inhibitor concentrations [20]. This leads to an improved
process stability of two-stage high-solid AD systems.

Another advantage of two-stage two-phase systems is its particular suitability for
demand-driven biogas production (as described for the FBDR in Sect. 3.1.3). The
leachate from the first-stage reactor can be stored and fed to the second-stage reactor
for an adapted methane production on demand [83]. As the leachate contains quickly
convertible organic substances, the methane rate of the second-stage reactor can be
varied within few hours via flexible feeding [87]. Owing to the biofilm formation on
carrier materials, fixed bed reactors such as the AFR can be easily kept dormant
during times of low energy demand, and can be quickly restarted when methane is
required [87]. An extended system, the so-called “ReBi-process”, is proposed for
demand-driven biogas production where hydrolysate from a first-stage reactor is
separated into a liquid and a solid fraction with a screw press. The solid fraction is
used for continuous basic load methane production in a CSTR while the liquid
fraction is stored and fed to an AFR on demand [87].

Two-stage high-solid AD systems can further be operated as TPAD systems by
combining reactors with different process temperature as described in Sect. 3.1.2.
A thermophilic hydrolysis/acidogenesis stage can further enhance the rate-limiting
hydrolysis step for digestion of lignocellulosic biomass. Despite numerous
advantages, the number of commercially operated two-stage AD systems is low
and rather limited to liquid or low solids content AD systems [82]. The main reason
is presumably the higher expenditure for construction and operation, accompanied
by higher costs for investment, operation and maintenance [20]. Furthermore, the
exact separation of hydrolysis and methanogenesis is difficult to maintain in large
scale [88].

3.2.3 Novel Reactor Concepts for High-Solid Anaerobic Digestion

Advanced reactor concepts for high-solid AD are comparatively scarce.
Developments aim at efficient and easily manageable systems that are robust despite
the high solids input. Some novel approaches are described below.

The Half-submerged Integrated Two-phase (HIT) reactor system separates
the hydrolysis/acidogenesis and acetogenesis/methanogenesis stages within one
reactor [76]. It consists of a slowly rotating (3–30 rpm) perforated roller in the
reactor head, which is half-submerged in a lower methanogenic liquid zone [76].
Solid biomass is fed batch-wise to the roller for hydrolysis. Organic acids and other
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intermediates of the hydrolysis diffuse into the liquid zone. An inner recycling
system further pumps the hydrolysate from the top to the bottom of the liquid zone
in order to prevent VFA accumulation and enhance mass transfer. The methano-
genic unit is filled with granular sludge for efficient methane production. The HIT
reactor system has been successfully applied to biogas production from a mixture of
wheat straw and fruit/vegetable waste (Table 2). An advantage of this system over
traditional two-stage systems might be the improved mass transfer and syntrophic
interaction [76]. However, similar to other batch systems, operation of the HIT
reactor results in fluctuating gas production.

The Up-flow Anaerobic Solid-State reactor (UASS) is a continuously fed
vertical reactor, which is operated on the basis of a spontaneous solid-liquid sep-
aration due to differences in densities [78]. Solid biomass is fed to the bottom of the
reactor filled with liquid inoculum, and solid digestate is withdrawn at the top of the
reactor. Produced microgas bubbles, which adhere to solid biomass particles,
promote the ascent of the feedstock in the liquor and the formation of a solid-state
bed [77]. Thus, the reactor is divided into three different zones; a lower and an
upper liquid zone at the bottom and head of the reactor, and the solid-state bed in
between. A perforated layer below the liquid surface in the reactor head keeps the
solid-state bed in the liquor. The liquid phase is recirculated from the top to the
bottom and distributes microorganisms within the reactor. An AFR can be con-
nected to the UASS for conversion of metabolites such as organic acids, which are
enriched in the liquid medium. The UASS combined with an AFR cascade was
tested for digestion of a mixture of maize silage and barley straw with an OLR up to
17 kgVS m−3 d−1; the methanogenic performance which was amongst the highest
reported for solid biomass thus far (Table 2) [77]. This system provides high
process efficiency at a low parasitic energy consumption and a comparatively
simple operation and management [9, 78]. Yet, it is not suitable for digestion of
colloidal substrates as this might result in compaction and clogging of the
solid-state bed [77]. Up-scaling of the UASS system is still to be implemented.

The Floating Bed Reactor (FBR) is a horizontal, continuously fed leach bed
reactor, which is especially suitable for digestion of stalky biomass [79]. Added
solid biomass naturally floats on top of a liquid phase inside the reactor and forms a
floating bed. The floating bed provides favorable conditions for microorganisms of
the anaerobic digestion process as microbial communities can grow on the fibrous
material and form biofilms, which protect sensitive methanogens from environ-
mental changes. The liquid is periodically pumped from the bottom of the digester
and sprinkled over the floating bed. This results in a gentle mixing and moistening
of the floating bed, and makes nutrients available to the microorganisms. Due to the
natural separation of the solid and liquid phases within the reactor, the liquid phase
can be easily withdrawn and sent to a connected AFR for efficient methane pro-
duction from organic acids and other intermediates, which accumulate in the liquid.

The FBR connected to an AFR has been stably operated with high methane
yields from maize silage and a mixture of grass and foliage silage at an OLR of 4.5
and 5.5 kgVS m−3 d−1, respectively (Table 2) [79, 89]. This system was further
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shown to be suitable for demand-driven biogas production, at which a change in
methane production by 50–60% per day was achieved through variable loading
[79]. Advances of this system are its high reliability and robustness against inhi-
bitors or environmental changes, its low energy input and absence of internal
mixing devices. No recirculation of solid digestate is necessary. However, a pre-
condition for successful application of the FBR system is the characteristic of the
solid feedstock to form a stable floating bed. Suitability of the system for the
anaerobic digestion of different solid feedstocks still needs to be investigated and
proven.

A Two-stage Pressurized Anaerobic Digestion System is proposed for
simultaneous biogas production, biogas upgrading and compression, which can
significantly reduce expenditure for subsequent injection of biomethane into the gas
grid as natural gas substitute or its use as biofuel for transportation [80, 81, 90].
A sequencing leach bed reactor for hydrolysis/acidogenesis is coupled with a
pressurized AFR for acetogenesis/methanogenesis [80]. Elevated pressure inside
the AFR is auto-generated by the produced biogas, which is retained within the
reactor until the desired pressure is reached. The elevated pressure results in an
intensified solution of CO2 in the liquid phase while less soluble methane remains
in the gas phase. Pressurization of the AFR up to 50 bar has been successfully
tested which resulted in an increase in methane content of the produced biogas up to
90% (Table 2) [81]. The main challenge for operation of the methanogenic reactor
under high pressure is a reduction in pH as a result of formation of carbonic acid
from dissolved CO2. Thus, the pH value drops below the optimum pH range for
methanogenesis, which can reduce the process efficiency and counteract the high
solubility of CO2. An effective method to maintain the pH level in the pressurized
AFR still needs to be developed [81].

3.3 Bioreactors for Biological Methanation of Gases

Besides the biomethanation of liquid and solid biomass, the biological conversion
of CO2 and H2 to methane has recently received attention. Biological methanation
of these gases can be integrated into Power-to-Gas process chains where H2 is
produced by electrolysis of water, preferably using surplus energy from renewable
sources (e.g. excess wind energy), and is thereafter combined with CO2 to produce
methane, which can be injected into the natural gas grid or be used as biofuel for
transportation [91]. CO2 and H2 are converted into methane and water by hydro-
genotrophic methanogens [17], strictly anaerobic microbes that are involved in the
last step of the AD process (Fig. 1).

The technical implementation of the biological methanation of CO2 and H2 is
currently under development. In general, this process can take place directly within
an existing biogas plant (in situ) or in an external reactor (ex situ). The ex situ
process is more flexible in terms of the use of variable CO2 sources and the

190 C. Herrmann et al.



adaptability of the process design to the requirements of the hydrogenotrophic
methanogens [92]. CSTRs have been applied for in situ and ex situ biological
methanation of the gases. Increased partial pressure of H2 following H2 injection
into the biogas plant in the “in situ” process can lead to process inhibition [93].
However, existing reactor systems can be used and the methane content of the
biogas can be enriched. High methane formation rates, i.e. 1.4–28.7 m3 CH4 m

−3

h−1, can be reached in ex situ CSTRs, but this is accompanied by a wide range of
methane contents in the output gas [94–96]. AFRs have been shown to be suitable
for ex situ biological methanation of CO2 and H2. Immobilization of active biomass
on carrier materials enables the development of specialized microbes that are
optimally adapted to the gaseous feedstocks [93]. Methane formation rates of up to
0.26 m3 CH4 m

−3 h−1 and methane contents of up to 90% were reached in a reactor
system with two AFRs in series filled with vermiculite shales and granular perlite as
packing material [97]. Burkhardt et al. [98] developed a Trickle Bed Reactor
(TBR), which is based on the AFR system but minimizes the liquid phase. Process
liquid is kept below the fixed bed and is sprinkled over the biofilm carriers. High
concentration gradients and short diffusion paths in the biofilm improve mass
transfer and the productivity of this system [98]. The TBR can produce output gas
with high product quality of 98% methane. A methane formation rate of 0.06–0.64
m3 CH4 m

−3 h−1 is achieved with this reactor concept [98, 99].
Another bioreactor configuration with a reduced liquid and increased gas phase

is the Biofilm Plug-flow Reactor proposed by Savvas et al. [100]. This reactor
consists of a horizontally arranged tube with a very high ratio of length to diameter
of 54, which is filled with biofilm carriers. The biofilm is wetted in short intervals
by adding small amounts of liquid media. The liquid is transported through the tube
by the gas flow as short discs due to adhesion effects caused by the small tube
diameter (13 mm) [100]. The biofilm plug-flow reactor enables an intense
gas-liquid surface contact and long retention time of the gas within the reactor due
to the special geometry at a low parasitic energy demand. Methane formation rates
of up to 1.67 m3 CH4 m

−3 h−1 were measured [100].
Since the methanation reaction takes place in the liquid phase and H2 has poor

solubility, namely 23 times less than CO2 [92], the gas-liquid mass transfer and
availability of H2 to the microorganisms is the major bottleneck for the increase of
productivity for all applied reactor concepts. Intensified mechanical agitation in
CSTRs has been mainly applied as a means to enhance the mass transfer [92, 96],
however, intensive stirring requires high energy input. In addition the effects of
reactor geometry, shaking of the reactor, the use of hollow membrane diffuser for
gas supply, recirculation of gas and active biomass, and pressurization of reactors
were investigated (e.g. [93, 94, 96, 101, 102]). A major challenge lies in the
up-scaling of the developed reactor systems and technologies to commercial scale,
at which energy requirements for gas-liquid mass transfer enhancement and
maintenance efforts need to be considered.
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4 Conclusions

Biogas production through anaerobic digestion is unique in that it can efficiently
convert a considerable variety of feedstocks, thus, allowing for simultaneous biofuel
supply and treatment of wastewaters or solid wastes, or the utilization of biomasses
and CO2 streams. Continuously stirred reactors, a technique that is simple, reliable
and versatile but limited in loading rate depending on feedstock, are the widespread
conversion technology. However, a large choice of other bioreactor configurations
suitable for different types of feedstocks exists. The application of
feedstock-adapted reactor systems can considerably enhance conversion efficiency
although each of these systems has special advantages and disadvantages.
Continued progress in reactor development and implementation of new technolo-
gies will further improve methane formation, biomass conversion and process
stability and flexibility, and will make anaerobic digestion more cost-effective in the
future. Furthermore, an ongoing advancement in identification and understanding of
the microbial community and interplay can aid in the development of improved
prospective digestion technologies.
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Chapter 6
Basics of Bio-hydrogen Production
by Dark Fermentation

Javiera Toledo-Alarcón, Gabriel Capson-Tojo, Antonella Marone,
Florian Paillet, Antônio Djalma Nunes Ferraz Júnior,
Lucile Chatellard, Nicolas Bernet and Eric Trably

1 Introduction

In the recent years, a growing awareness of the environmental damage caused by
the use of fossil fuels has arisen. It is well admitted that fossil fuels contribute to
climate change and that their production and consumption are associated with the
generation of large amounts of non-biodegradable wastes. These issues have led to
a growing interest of the scientific community to seek alternative renewable energy
sources. In this context, hydrogen is considered to be one of the most promising
alternative fuels for the future. Other than generating only water during its com-
bustion, its high energetic value of 120 MJ kg−1 (more than twice that of common
natural gas or gasoline) makes this gas a cleaner and competitive alternative to
common fossil fuels [1]. When compared to other energy sources and in particular
those producing electricity, hydrogen presents the main advantages of being stor-
able and generated from various renewable sources i.e., by using the surplus of
electricity of wind turbines or solar panels [2]. Different scenarios of
hydrogen-based energy systems have been proposed so far and, in all cases,
hydrogen will supply energy for diverse applications, such as industrial, commer-
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cial, residential or transportation activities [3]. In particular, H2-based
electro-mobility is expected to gradually replace the use of fossil fuels and special
efforts will be made on renewable H2, so-called green hydrogen.

Currently about 96% of all the hydrogen produced worldwide is based on
chemical processes that use fossil materials as raw materials [4]. To stand as an
environmental-friendly and renewable alternative, hydrogen must be produced
using sustainable processes, such as physico-chemical techniques (e.g. water
electrolysis, biomass gasification or solar thermo-chemical processes) or biological
processes. These latter are based on the biological capability of some microor-
ganisms to produce hydrogen gas by the degradation of organic matter, as found in
Nature. In addition to the production of clean hydrogen, these processes can be used
to treat organic wastes, converting them into more valuable products. This is the
case of dark fermentation (DF), a fermentation process in which microorganisms
degrade complex organic matter to simpler molecules and simultaneously generate
hydrogen. The added-value co-products are mainly composed of volatile fatty acids
(e.g. acetate and butyrate), other organic acids (e.g. lactate) and organic solvents
(e.g. ethanol). All of these are valuable chemicals that are also used in the chemical
industry. Therefore, DF appears as a promising technology that can be included in
the concepts of environmental biorefinery and circular economy, where organic
residues are not anymore considered as a waste but as a resource. Moreover, more
than 220 billion tons of agricultural organic waste accumulate per year because of
intensive agricultural production that constitute one of the most abundant renewable
sources for producing H2 by DF [5].

This chapter aims to describe the main aspects of the production of hydrogen by
DF, including the bases of the microbial metabolism involved, the main operational
parameters affecting the process and the different substrates that DF can accom-
modate. The integration of DF within the concept of environmental biorefinery will
also be discussed. Finally, the current situation of hydrogen as fuel and its potential
implications for the future energy systems are also assessed.

2 Dark Fermentation Microbiology and Metabolisms

Production of dark fermentative hydrogen is a ubiquitous phenomenon that occurs
in most of anaerobic natural environments. It consists in an obligate cascade of
reduction-oxidation (redox) reactions that must be kept in balance. Although these
reactions are mostly thermodynamically favorable and spontaneous, they are also
constrained by biological regulations within microorganisms and by interspecies
interactions in microbial communities [6].

Dark fermentation can involve any type of organic molecules, being glucose the
most common substrate investigated in literature. Many biological pathways have
been proposed using glucose as model substrate (Fig. 1). The hydrogen production
is a natural response of the cellular need for releasing the excess of electrons and is
always coupled with volatile fatty acids and/or alcohols production. The most
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common co-products in the glucose fermentation are acetate, butyrate, and formate.
The hydrogen–acetate couple produces more ATP per mol of substrate than alco-
hols such as ethanol and butanol and is therefore the energetically ‘‘preferred’’
bacterial fermentation product from sugars [7]. The stoichiometric yields are 4 mol
of hydrogen for each mole of glucose when acetic acid is the co-product [8] and
2 mol of hydrogen if butyric acid is produced [9–11]. In practice, the hydrogen
yields are within the range of 10–20% of COD [12], which is equivalent to 1.17–
2.34 mol H2 mol glucose−1 [13–15]. Indeed, each molecule of glucose can
potentially produce 4 mol of hydrogen if no biomass production is considered.
However, the fermentation process naturally implies maximizing the cell growth
and not the hydrogen production and thus the maximum hydrogen yield is rarely
achieved in practice, especially with mixed microbial cultures [10, 14]. In any case,
glucose is first converted into pyruvate, producing adenosine triphosphate
(ATP) from adenosine diphosphate (ADP) and the reduced form of nicotinamide
adenine dinucleotide (NADH) via the glycolytic pathway. Pyruvate is then con-
verted to acetyl coenzyme A (acetyl-CoA) and carbon dioxide by pyruvate–ferre-
doxin oxidoreductase (PFOR) (Fig. 1b), when strict anaerobes break down glucose.

Fig. 1 Pathways for hydrogen production by dark fermentation from glucose under anaerobic
conditions using mixed cultures; a Pyruvate formate lyase (PFL) is the common pathway in
facultative anaerobes; b Pyruvate-ferredoxin oxidoreductase (PFOR) is the common pathway in
strict anaerobes; c Additional hydrogen-production by hydrogenases at low hydrogen partial
pressure (<60 Pa). (Adapted from [11, 16])
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In contrast, facultative anaerobes convert pyruvate to acetyl-CoA and formate by
pyruvate formate lyase (PFL) (Fig. 1a). In both cases acetyl-CoA is finally con-
verted into acetate, butyrate, or ethanol, depending on the involved microorganisms
and the environmental conditions [11, 16, 17].

As key parameter, the microbial inoculum used to start the DF process can sub-
stantially impact the hydrogen yields. This is because the fermentation end products
are directly influenced by the type of bacterial metabolism [16]. A wide variety of
obligate and/or facultative bacteria have been used for hydrogen production by DF.
This includes mixed cultures and pure hydrogen-producing cultures [17, 18].

In strict anaerobes, the oxidation of pyruvate into acetyl-CoA requires the
reduction of ferredoxin (Fd) by PFOR, which is then oxidized by a hydrogenase that
regenerates oxidized Fd and hydrogen [18]. Additional hydrogen can be produced
from the NADH excess that is generated during glycolysis (Fig. 1c). The NADH is
oxidized by NADH-[FeFe] hydrogenase, but only at very low partial pressures of
hydrogen (<60 Pa) [11, 16]. Some strict anaerobes are particularly efficient in
producing hydrogen by DF such as C. acetobutylicum, C. beijerinckii or C.
butyricum, among others [11, 19]. C. butyricum is a widely studied clostridia
species, responsible for the production of butyric acid as the major product of
fermentation together with acetate and hydrogen. Mostly, clostridia are identified as
dominant HPB in DF operated with mesophilic mixed cultures [20].

Facultative anaerobes can grow under anaerobic and aerobic conditions. In
anaerobic conditions, formate is produced to get rid of extra reducing equivalents
that would have been lost through the reduction of NAD+ under aerobic conditions.
Subsequently, formate can be degraded into hydrogen and carbon dioxide under
acid conditions to maintain the pH of the system and lower the formate concen-
tration in the cell [11]. Some facultative anaerobes capable of producing hydrogen
by DF include E. coli, E. Cloacae, and E. aerogenes, among others [11, 19].

Working with pure cultures allows detecting easily the metabolic shifts due to
the low diversity of the microbial biomass. Studies employing pure cultures can
reveal important information regarding the operating conditions to be applied for
increasing the hydrogen yields [19]. Although relatively high hydrogen yields have
been obtained with pure cultures of hydrogen-producing bacteria (HPB), their use is
not always feasible when dealing with the transformation of complex substrates,
providing indigenous bacterial contamination. Moreover, during the DF process, a
wide consortium of microorganisms is required for hydrolyzing the complex sub-
strates prior to fermentation of the released sugars into hydrogen. Besides, it has
been argued that it is more practical and economically feasible to use mixed cultures
on larger scale rather than pure cultures [21–23]. Nonetheless, the use of mixed
cultures has a major constraint. Besides containing HPB, mixed microflora also
consist of a wide variety of microorganisms such as hydrogen-consuming bacteria
and other microorganisms that compete with HPB for organic substrates. This may
eventually decrease the net hydrogen yield. These non-hydrogen producers include
hydrogenotrophic methanogens, homoacetogenic bacteria (HAB),
sulphate-reducing bacteria (SRB), nitrate-reducing bacteria (NRB), propionate
producers, iron-reducing bacteria and lactic acid bacteria (LAB) [10, 24, 25].
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Consequently, the use of mixed microflora may result in direct hydrogen con-
sumption, lower hydrogen yields, increased formation of end products and further
process inhibition [26]. The main strategy to eliminate the hydrogen-consuming
microorganisms is the pretreatment of the microbial inoculum prior to DF. The
different kinds of pretreatment will be discussed in the coming Sect. (3.1.1).

3 Main Operating Conditions Affecting Dark
Fermentation

Several bioprocess parameters can influence the hydrogen production by DF,
impacting the hydrogen yields and/or the hydrogen production rates. The main
operational parameters affecting the DF process are: the inoculum source and
pre-treatment, the organic substrate used, the reactor operation/type, the tempera-
ture, the pH and the hydraulic retention time (HRT) [19, 22, 27]. These parameters
have been separated into two different sections: (i) parameters for reactor start-up
and (ii) parameters to be monitored during DF.

3.1 Parameters for Reactor Start–up

3.1.1 Inoculum and Pre-treatments

As aforementioned, hydrogen production by DF can be performed using pure
cultures (such as Clostridium sp.) or mixed cultures (such as anaerobic sludge) and
both have their own benefits and disadvantages. However, the use of mixed cultures
is more practical in terms of control, operation and may be able to degrade a
broader range of feedstock, being more attractive for industrial use [28, 29],
especially since sterile conditions are not necessary [30, 31]. Despite these benefits,
the hydrogen yields using mixed cultures are relatively low due to the presence of
hydrogen-consuming microorganisms such as methanogens (archaea) [26, 32].
Commonly, these microorganisms are inhibited and/or eliminated by both inoculum
pre-treatment and adapted operating conditions. The most common pretreatment
techniques reported in the literature include: heat-shock, pH shock, loading-shock,
chemical pretreatment, swinging the oxidation-reduction potential (ORP) (e.g. by
aeration) and combination of different methods [26, 30].

The heat shock treatment allows removing the non-spore forming microorgan-
isms, like archaea (methanogens), thereby enriching the culture media with
spore-forming bacteria, such as Clostridium sp., which is a very well-known
hydrogen producer [33]. The control conditions for heat-shock pretreatment usually
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listed on the literature range from 90 to 100 °C, with exposure time between 15 to
60 min [28, 29, 33–38].

A pH shock consists in removing the hydrogen- consuming bacteria and the
methanogens while protecting the spore-forming microorganisms [33]. Acid (lower
than 6.3) or basic treatment (higher than 7.8) are efficient options for inhibiting the
growth of methanogens [39]. The acid treatment is the most widely used option,
using HCl 1 or 2 M at an adjusted pH of 3 maintained during 24 h [40, 41]. The
base treatment is usually undertaken by adjusting the pH of the inoculum at 10
using NaOH 1 M maintained for 24 h at 25 °C [38, 41].

Chemical treatment in mixed cultures eliminates the hydrogen consuming
methanogens by chemical inhibition, usingmolecules such as 2-bromoethanesulfonic
acid (BES), iodopropane or chloroform, which are toxic to these archaea [28, 42].
BESA is a structuralmolecule analog to the co-enzymeM reductase complex found in
methanogens and blocks this reaction. Iodopropane is a corrinoid antagonist who
prevents functioning of B12 enzymes as a methyl group carrier, therefore inhibiting
cell growth and hydrogen consumption for methane production [43].

However, inoculum treatment can also affect the production of hydrogen if it is
not properly managed. In a batch study, Luo et al. [37] applied various pretreatment
methods on mixed inocula, reaching the highest hydrogen yield without pretreat-
ment (65.3 mL H2 g VS−1) and the lowest one after a base and heat shock
(51.3 ± 1.8 and 51.4 ± 1.8 mL H2 g VS−1 respectively).

3.1.2 Micro- and Macro-nutrients Requirements for Efficient DF
Nutritional Requirements

When talking about substrate, this refers to the carbon and energy source (generally
sugars). However, microorganisms need other elements for their growth, such as
nitrogen, phosphorous and other important micronutrients. That is why, the nutri-
tional requirements and the composition of the culture medium are important
variables that directly affect the microbial metabolism during DF and therefore are
critical for hydrogen production [44–46].

Concerning nitrogen, it is an important component in proteins, including
enzymes, and nucleic acids, whose synthesis is crucial for the growth of bacteria.
However, there are still disagreements with respect to the optimum concentration. It
is known that a nitrogen excess can affect the intracellular pH and eventually inhibit
the activity of nitrogenases, inhibiting also bacterial growth. High nitrogen con-
centrations can induce ammonification, which is not favorable for the hydrogen
production [22, 44]. It has also been shown that appropriate C/N and C/P ratios are
fundamental for fermentative hydrogen production. However, it exists a certain
disagreement on the optimal values, because all the studies have utilized different
substrates, inoculums and C/N- C/P ranges [22, 46].

Within the micronutrients, metal ions are also suspected to play an important
role because they assist cell growth and both enzyme and co-enzyme activation
[26]. Nonetheless, high concentrations of metal ions might lead to inhibition of the
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hydrogen production. Metal ions can be classified into light metal ions (Mg2+, Na+

and Ca2+) or heavy metal ions (Fe2+ and Ni2+) [22, 26]. Among the later, Iron is the
most studied, since it is required for bacterial growth and for biosynthesis of
enzymes and proteins, such as hydrogenases and ferredoxins, which are critical for
hydrogen production by DF [14, 26, 47].

3.1.3 Bioreactor Configuration and Operational Mode

For hydrogen production by DF, the reactors can be operated in batch or continuous
mode, batch tests being more reported in the literature because of their simplicity
and flexibility [19, 27]. Continuous processes are more recommended when con-
sidering industrial applications, mainly because of their economic feasibility and
their practical engineering design when treating large amounts of substrates
[16, 19, 25].

Different kinds of bioreactor configurations have been used for continuous
hydrogen production by DF. Nowadays, the suspended-cell completely stirred tank
reactor (CSTR) is the most commonly applied option. However, up-flow anaerobic
sludge blanket (UASB) reactors, anaerobic membrane bioreactors and immobilized
(e.g. fluidized bed) bioreactors are becoming popular due to their improved
hydrogen producing potentials [30, 48]. The use of CSTRs is generally associated
with relatively short start-up phase when compared to other configurations due to
better mass transfer, but it also needs rigorous supervision due to the disposition of
cells to be washed out at inadequate operating bioreactor regimen (e.g. HRT). This
risk of wash out can be avoided by retained-biomass systems such as the membrane
reactors or immobilized systems [30, 48].

3.2 Parameters to be Monitored During DF

3.2.1 pH

pH is one of the most important parameters in DF. It affects the hydrolysis of
substrates (when complex), the activity of important enzymes for hydrogen pro-
duction (such as hydrogenase), the predominant microbial population and their
main metabolic pathways [27, 49]. The range of operational pH for hydrogen
production has been reported between 4.5 and 8.0 [49, 50]. Such wide range of
optimal pH can be explained by the variability of inocula and substrates [20].
Indeed, for simple substrates such as glucose, the highest hydrogen yields were
reported at pH of 6.0 (1.83 mol H2 mol−1) in batch experiments [51]. When fer-
menting a complex substrate (food waste), maximum hydrogen yields were
reported at pH 8.0 (1.92 mol H2 mol hexose−1) [52]. However, there is an agree-
ment of the negative effect of pH values below 4.5–5.5, generally caused by the
accumulation of volatile fatty acids, which can reduce the hydrogen production due
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to shifts in the metabolite production pathways towards solventogenesis (acetone,
butanol, ethanol) [50].

3.2.2 Temperature

Temperature plays an important role in reducing the activity of hydrogen consumers
[20]. The range of operational temperature ismesophilic (35 °C), thermophilic (55 °C)
and extreme thermophilic (>65 °C). Varying the temperature affects greatly the
structure of the bacterial community. Lazaro et al. [53] explained that significant
differences between the microbial communities at 37 °C and 55 °C exist. A shift
from Clostridium at mesophilic conditions to Thermoanaerobacterium when
thermophilic conditions were applied was shown. However, the hydrogen yield was
not impacted by the temperature regime (2.31 and 2.23 mmol H2 g

−1CODinfluent at
mesophilic and thermophilic respectively) [54]. As reported byGhimire et al. [20], the
temperature also affects the metabolic pathways, thus modifying the by-products
produced during DF. Consistently, the study of Valdez et al. [23] showed a significant
difference on the average distribution of metabolites between thermophilic and
mesophilic conditions. The predominant metabolite produced under mesophilic
temperatures was butyrate, while in thermophilic conditions acetate was the main
metabolite.

3.2.3 Hydraulic Retention Time

The hydraulic retention time (HRT), as defined in Eq. 1, is one of the major critical
parameters affecting the continuous production of hydrogen. In suspended-cell
reactors, such as CSTRs, the HRT corresponds to the inverse of the dilution rate
(D). In these systems, D (and thus the HRT) will determine which microorganisms
will be dominant in the reactor. Basically, if D is equal to the microbial growth rate
(l), the system reaches equilibrium, also called steady-state. If D is higher than
lmax, (maximum growth rate), the slow-growing microorganisms are washed out
from the reactor and if D is lower than lmax, slow-growers will also survive,
although they could be washed out by lack of nutrients (competitive exclusion
between microorganisms).

HRTðhÞ ¼ VolumereactorðLÞ
FlowfeedðL=hÞ ð1Þ

Therefore, to favor the emergence of certain hydrogen-producing microbial
populations, it is important to know the lmax of the microorganisms to further
establish an adequate HRT and avoid the wash-out of the biomass from the reactor,
maximizing at the same time the microbial growth and the production of desired
metabolites. Indeed, unlike pure cultures, mixed cultures have a greater microbial
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richness and contain different microorganisms with different lmax. In this context,
the HRT is a key parameter that allows the selection of the desired populations (i.e.,
washing-out slow-growing microorganisms from the reactors). Focusing on
hydrogen producing reactors by DF, this is a good way to eliminate methanogenic
microorganisms, which grow slower (HRT � 1 d) than HPB (HRT � 24 h).
However, it is important to consider the type of substrate and the inoculum sources.
As an illustration, several studies reported that in order to decrease the methano-
genic activity during DF, it is sufficient to work at short HRTs (<few h) and low pH
(5–5.5), in what has been called a “biokinetic control” [16, 20, 55].

4 Subtrates for Dark Fermentation: Solid Wastes
and Wastewaters

Fermenting bacteria can utilize several types of substrates, mostly the ones rich in
carbohydrates, such as first generation fuel crops (i.e., sugar cane, wheat, corn, and
sugar beets), second generation biomass like agricultural residues as well as
industrial waste and wastewaters [20]. Since DF allows coupling organic waste
treatment with the production of renewable energy, the utilization of waste as
substrates is particularly attractive from an environmental and economic point of
view [31]. Therefore, nowadays this alternative is being widely researched, aiming
to reduce the costs of organic waste treatment, while generating added-value
end-products. Thus, the Table 1 shows the different main wastes and wastewaters
that have been used for hydrogen production by DF.

The choice of the type of substrate is a key decision that affects greatly the
hydrogen yields, the hydrogen production rates and the overall process economy.
These variables are largely dependent on the carbohydrate content of the substrate
(with higher hydrogen yields at higher contents of soluble carbohydrates), its
bioavailability and its biodegradation rate [25, 56–58]. Substrates rich in carbo-
hydrates have been widely used in studies focused on DF, particularly pure glucose
and mixtures of sucrose and starch [20]. However, using this type of substrates at an
industrial level is not economically profitable. In this context, wastewaters and solid
wastes appear as perfect possibilities to generate ‘green’ hydrogen from renewable
sources.

Recent studies have dealt with the dark fermentation of complex substrates, such
as the organic fraction of municipal solid waste (OFMSW), agricultural residues
(e.g. rice straw, wheat straw and corn stalks), agro-industrial wastes (e.g. olive mill
wastewater or cheese whey), effluents from livestock farms or aquatic plants.
Moreover, if DF is integrated within the concept of environmental biorefinery (i.e.,
multi-substrates to multi end-products), the co-products generated during biofuel
production such as crude glycerol, de-oiled algal cake or cotton seed cake, could be
further used as substrates for DF.
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To achieve satisfactory hydrogen yields using complex organic wastes as sub-
strates for DF, pretreatments are frequently required to facilitate the hydrolysis step,
especially with substrates containing significant lignocellulosic fractions. These
pretreatments increase the soluble fraction of carbohydrates, improving the
hydrogen yields [20]. Among all the possible substrate pretreatments, the most
relevant are: physical methods (e.g. mechanical comminution, irradiation with
gamma-rays, electro-beam or microwaves, hydrothermal treatment, high pressure
steaming and pyrolysis), chemicals methods (e.g. ozonolysis, acid or alkaline
hydrolysis, solvent extraction and explosion with steam ammonia fiber or carbon
dioxide) and even biological methods, using fungi [20]. It has been reported that it
is possible to increase from 2 to 50 times the hydrogen yields by pretreating the
substrates [25, 59–61]. However, economic and energetic assessments are required
before application of a pretreatment.

Table 1 Summary of main substrates used for hydrogen production by dark fermentation
including wastes and wastewaters. (Adapted from [20])

Source Waste Type Considerations

Agricultural
residues from
plant biomass
waste

Lignocellulosic
waste

Rice straw Due to the complex structure of the
lignocellulosic materials it is
necessary to perform
pre-treatments to increase its
degradability

Wheat straw

Barley straw

Corn stalk

Corn cobs

Livestock waste
(manure)

Solid animal
manure waste

Need to eliminate indigenous
methanogenic activity
High ammonium content could
inhibit hydrogen production.
High concentrations of sulfates
could reduce the production of
hydrogen due to sulfate reducing
microorganisms

Fodder waste

Wastewater (urine
and faeces)

Industrial waste Palm oil mill
wastewater

Olive mill
wastewater
(OMWW)

Tapioca industries

Brewery industries

Dairy industries

Municipal waste Waste biosolids Food wase
Organic fraction of
Municipal Solid
Waste (OFMSW)

Pretreatments such as
ultrasonication, acidification,
sterilization or basification are
necessary to facilitate fermentation

Urban sludge
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Concerning livestock wastes, they are also suitable as DF substrates and can be
categorized in: urine waste, solid manure and wastewaters from process water
collection (e.g. feedlot runoff, silage juices, bedding, disinfectants and liquid
manure) [62]. The proper disposal and treatment of these wastes is crucial because
they can contaminate the air and natural water courses. Nutrient leaching and
pathogen contamination can also cause important health problems [25]. When using
this type of substrate for DF, it is necessary to include thermal pretreatment not only
to eliminate the indigenous methanogenic activity but also to hygienize the
wastewater, which are inherent to this waste due to the presence of native archaea
and enteric pathogens [25].

Due to its high biodegradability and energy content, food industry waste has
been regarded as ideal for microbial growth. In addition, this waste is commonly
disposed in landfills, causing environmental problems, such as of odors, methane
emissions and groundwater contamination. Therefore, its treatment and valorization
by DF is clearly beneficial. Kitchen refuse [63], organic fraction of municipal waste
[64], food industry co-products (such as oil mill) [65, 66], cheese whey [67] and
starch-manufacturing waste [68] are representative waste of this category that have
been efficiently applied for hydrogen production by DF.

In general, all the wastes aforementioned have shown a great potential as sub-
strates for producing hydrogen by DF, with various yields mainly depending on
their content in readily accessible carbohydrates. Nonetheless, hydrogen yields will
not only depend on the composition of the waste, but also on the correct choice of
the key operational parameters and the microbial consortium, which must be
optimized for each particular DF feed since it contains its own indigenous microbial
communities.

5 Dark Fermentation as Core Process in Future
Environmental Biorefineries

The concept of environmental biorefinery lies on the idea of integrating different
bioprocess to convert biomass into several added-value products [69]. The main
aim of this approach is to obtain a global process which is self-sufficient, envi-
ronmentally sustainable and economically beneficial. The integration of DF with
other processes will reduce the amount of organic residues produced (and the
associated disposal costs), increasing at the same time the total revenues by syn-
thetizing added-value chemicals and improving the global energy yields [70]. In
addition, the development of a comprehensive biorefinery would help to overcome
two of the main bottlenecks for commercial hydrogen production from DF: the low
yields of the process and the incomplete biomass conversion/stabilization.

A main advantage of DF, when compared to other processes for organic waste
treatment and energy production, is the wide variety of substrates that it can
accommodate. Thus, DF can be integrated within existing or novel biomass
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valorization (bio)-processes treating several substrates, such as residues from
agricultural activities, forestry activities, macro- and micro-algae activities, food
industry, municipal waste and bio-industrial waste [70]. In a DF-based biorefinery,
these wastes could be transformed into several added-value products, such as
hydrogen, methane, liquid fuels, lipids, bioplastics, electricity, fine chemicals or
proteins, among others.

Several biorefinery models including DF have been proposed. These models are
flexible and can be adapted to local specific conditions (geographical location,
seasonal variability in substrate production, among others). Figure 2 shows a
comprehensive (but not exhaustive) schematic representation of DF biorefinery
frameworks. The most common one (Fig. 2, process 3) is the so-called “acidogenic
model” or two-stage anaerobic digestion (AD) [71]. In this process, DF represents
the first stage, producing hydrogen and different metabolites, such as alcohols and
volatile fatty acids. DF metabolites, being value-added products, can be (all or some
of them) extracted and purified, while the remaining organic matter in DF effluent
enters the second stage, which consists in an anaerobic reactor for methane pro-
duction and waste stabilization. It has been stated that this process integration could
have a tremendous positive impact in the economic viability of AD processes by
maximizing the substrate conversion [72]. The integration of these two stages
increases the sustainability of the process, achieving at the same time a complete
waste treatment. Combined DF and AD has been proved to be economically and
technically feasible using a wide variety of substrates, with high yields of both
hydrogen and methane [20]. Therefore, AD can clearly be applied to improve the
economic performance of commercial hydrogen production by DF.

Waste
Biomass

Physico-chemical
pretreatment

Dark
Fermentation

Hydrogen storage

By-products
(mainly organic acids)

Heterotrophic
microalgae
cultivation

Biodiesel
Proteins
Pigments

Photo-fermentation

Hydrogen

Hydrogen

Direct application
Liquid fuels

Fine chemicals
Nutrient removal

Others

Microbial electrolysis

Anaerobic
Digestion

Methane

Biofertilizer

1

2

3

4

5

Fig. 2 Different options for coupling dark fermentation with other bio-processes in a biorefinery
framework for organic waste valorization. The numbers stand for: (1) microbial electrolysis,
(2) photo-fermentation, (3) anaerobic digestion, (4) microalgae cultivation and (5) direct
application/recovery (Adapted from [20, 57, 73, 75, 76, 95, 96])
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In addition to this approach, several other options exist for coupling DF with
other processes which can use DF by-products. Among them, some of the most
promising alternatives (Fig. 2) that have been proposed are: DF and direct recovery
of value-added compounds in the effluent [73], DF and photofermentation for
hydrogen production [74], DF and microbial electrolysis for hydrogen production
[75] and DF and microalgae growth in the effluents for biofuel production [76].
Eventually, a final AD stage could always be included to further valorize and
stabilize the residual biomass [20].

Among other biotechnologies that could utilize the metabolic by-products
generated by DF processes, bio-electrochemical systems have been proposed as a
technology that can be coupled with fermentative hydrogen production [77]. More
specifically, microbial electrolysis cells (MECs), a recent emerging technology
related to microbial fuel cells (MFCs), is a promising candidate for the improve-
ment of classical, single-stage DF to generate hydrogen gas with a better efficiency
[78]. Microbial electrolysis is accomplished in an electrochemical reactor, in which
bacteria referred as exoelectrogens [79] oxidize a substrate and release electrons to
the anode providing an electric current that is then used at the cathode to electro-
chemically produce hydrogen from water. However, this process requires a small
external power supply in order to make the hydrogen production thermodynami-
cally favorable [79]. Hydrogen from MECs is considered a very promising route
with near term commercialization potential [80] and it has been recently demon-
strated that coupling DF and MEC for organic waste/wastewater treatment and/or
by-products transformation highly increases the hydrogen yield compared to DF
alone and thus constitutes not only a suitable but also a highly promising route for
producing bio-hydrogen within the scheme of an environmental biorefinery [75,
81–83].

To produce further hydrogen from DF effluents, another option that has received
a lot of attention in the recent years is the coupling of DF with photo-fermentation
(Fig. 2, process 2). In this process, the effluents from DF are consumed by purple
non sulfur photosynthetic bacteria in a secondary anaerobic reactor. These mi-
croorganisms use light as energy source and the organic matter from DF as electron
donor, converting VFA to hydrogen and carbon dioxide. A great advantage of this
process is that purple non sulfur bacteria are able to use a wide range of organic
acids as substrate, making photofermentation a suitable post-treatment of DF
effluents. This further hydrogen production has served to increase the productions
yields significantly. As reported in Ghimire et al. [20], combined hydrogen yields
up to 10.25 mol H2 mol sucrose−1 were achieved. In addition, from a total yield of
5.48 mol H2 mol glucose−1, 4.16 mol H2 mol glucose−1 were produced in the
photo-fermentation stage, indicating its importance to improve the global hydrogen
yields of this process [84]. Eventually, residual organic matter from the photo-
bioreactor can be send to an AD reactor (Fig. 2, process 3) for completing the
biomass final stabilization.

Indeed, as aforementioned, AD is the most widely applied process and it can be
considered as the final step of most of DF biorefinery pathways (including DF,
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MEC, photofermentation and algae cultivation) to further stabilize the end products
(Fig. 2).

Instead of producing further hydrogen, an interesting alternative is the produc-
tion of biodiesel by using the effluents from DF as substrate for cultivation of
microalgae. This is an attractive options because it allows the production of both
gaseous (hydrogen by DF) and liquid (i.e., biodiesel from algal lipids) biofuels
(Fig. 2, process 4). This alternative relies on the heterotrophic growth of microal-
gae, which can uptake the organic matter present in the DF effluents (preferably
acetate) for their growth [76]. Afterwards, the lipids produced by the algal biomass
could be converted into biodiesel by transesterification and the remaining biomass
could be used for methane production by AD. Still on its infancy, this is clearly a
process worthy to be pursued in the future.

Moreover, as mentioned before, the direct utilization of the DF effluent or the
direct recovery of the most value-added compounds already present in this stream
have are options that have also been considered (Fig. 2, process 5). Indeed, as listed
by Ghimire et al. [20], the effluent from DF has been directly used as carbon sources
for biological nutrient removal from wastewater, for sulfur and sulfide reduction
and for producing phosphate solubilizing biofertilizer. In addition, depending on the
DF working conditions, high concentrations of value-added co-products, such as
ethanol, butyric acid, caproic acid or 1,3-propanediol in the effluent can be achieved
[70, 73]. Although the direct recovery/purification of these compounds from DF
effluents remains unexplored, the high prices associated with these co-products
make this alternative a simple approach to improve the economic viability of DF.

Finally, some authors have pointed out the feasibility of generating other
value-added products from DF effluents, such as polyhydroxyalkanoates and mi-
crobial lipids [20, 70].

In order to consolidate DF as a main technology for the future, the aforemen-
tioned biorefineries should have high energy efficiencies, generating value-added
products while applying almost zero-waste production processes [71]. Holistic
studies are needed to evaluate the environmental impacts and the economic feasi-
bility of these systems and more research must be carried out to increase the yields
of products.

6 Outlook of Bio-hydrogen as Energy Carrier

6.1 Hydrogen as Energetic Vector for Future
Transportation

Fossil fuels are finite. No wonder that today there is a constant search for alternative
sources of clean energy worldwide. And it is this quest that will determine the next
“champions” of the world race for energy security in several sectors of the energy
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system such as the power sector, the industry, the building sector and
transportation.

The hydrogen market1 is growing incredibly fast due to the flexibility of its
production, which can be from any prevalent primary energy source (i.e., biomass,
natural gas and coal). Furthermore, hydrogen can be stored in large quantities over
long periods although it requires high pressurization (700 bars) and adapted
materials to avoid leakages. H2 can then be distributed in both centralized and
decentralized systems as energy carrier for diverse end-use applications.

According to the International Energy Agency [85] hydrogen can be
re-transformed into (i) electricity for powering buildings and industries
(power-to-power); it can be mixed into (ii) the natural gas grid or converted to
synthetic methane (power-to-gas); or even sold as (iii) fuel for fuel cell electric
vehicle (FCEV) to the transport sector (power-to-fuel).

To date, the status of hydrogen-based technologies for the aforementioned
alternatives are presented as follows: (i) Power-to-power storage systems still must
to achieve the leveled cost of electricity (LCOE2) of USD 90 per MWh, as in the
breakthrough scenario, the cost of investment attributable to both the electrolyzer
(i.e., to achieve the electrolysis3) and the fuel cell would need to drop to around
USD 400 per MWh, and efficiencies would need to increase to up to 90% for
electrolyzers and 60% for fuel cells higher heating value (HHV) [85]. (ii) A low
blend share of 5% hydrogen mixed with natural gas are close to the benchmark
[85]; (iii) around 550 FCEV (passenger cars and buses) are running in several
demonstration projects across the world. Toyota launched its Mirai (“Future”)
model in Japan in 2014, Hyundai is planning to begin the sale of FCEVs in the near
future (the Hyundai Tucson FCEV has been available for lease since summer
2014), and Honda announced plans to launch its next generation FCEV in 2016 [85,
86].

Only focusing on improving the technology is not sufficient, new and more
integrated approaches need to be applied to create viable business cases. The
association of i–iii point towards a link between the different energy sectors and
networks, increasing the operational flexibility of future low-carbon energy systems
as illustrate in Fig. 3.

1In this section, it is important to take into consideration that hydrogen is referred to as energy
carrier and not as an energy source: although hydrogen as a molecular component is abundant in
nature, energy needs to be used to generate pure hydrogen which incurs a cost and suffers from
thermodynamic losses.
2LCOE is a measure of a power source which attempts to compare different methods of electricity
generation on a consistent basis. It is an economic assessment of the average total cost to build and
operate a power-generating asset over its lifetime divided by the total energy output of the asset
over that lifetime. The LCOE can also be regarded as the minimum cost at which electricity must
be sold in order to break-even over the lifetime of the project.
3Electrolysis is a process of splitting water into hydrogen and oxygen by applying a direct current,
converting electricity into chemical energy.
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According to Kapdan and Kargi [57], it is expected that hydrogen will account
for 8–10% of the total energy market in the United States of America by 2025 with
hydrogen power and transport systems available in all regions of the country by
2040. A similar trend can be observed in Germany with a remarkable concentration
of activity on hydrogen-based large-scale energy storage and Japan ranking first for
delivered systems due to the successful upscaling of the Ene-Farm micro
co-generation power system [85].

6.2 Potential Role of Dark Fermentation in ‘Green’
Hydrogen Production

Undeniable progress on hydrogen and fuel cell technologies have been achieved
since the first FCEV developed in the 1960s [87]. However, the adoption of
renewable hydrogen is still in the early stages of commercialization and currently
struggle to compete with alternative technologies (fossil-derived hydrogen with or
without carbon capture and storage—CCS), including other low-carbon options,
due to high costs [85].

Highlighting renewable pathways of hydrogen generation, more specifically
electrolysis versus DF process, both have been supporting the hydrogen market
progress and unlocking public and private funds for research, development and
demonstration though electrolysis represents the only process modelled explicitly4

Fig. 3 Transformation of today’s energy system with hydrogen as renewable energy linking
different energy sectors (collected from International Energy Agency, 2015, [85])

4Explicit methods calculate the state of a system at a later time from the state of the system at the
current time.
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and counting with 8 GW of capacity installed worldwide [85]. However, even
under optimistic assumptions, in relation to the electrolyze techno-economic
parameters, electrolytic hydrogen remains considerably more expensive than
hydrogen from natural gas reforming, unless very low cost renewable electricity is
available and carbon or natural gas prices are high [85]. Based on that, the question
of how to produce the required hydrogen remains a main issue to be addressed.

The future of DF as a core technology for hydrogen generation lies within the
concept of the biorefinery. In such scenario, DF process has the advantage over
other pathways for ensuring the biological hydrogen generation associated with the
production of value-added compounds (organic acids, solvents, etc.) or alterna-
tively, to the treatment of residual liquid stream, when a methanogenic reactor is
coupled to the fermentative system.

However, biohydrogen generation by DF is still a technological challenge for
being a very sensitive process, requiring careful balancing of pH [88], temperature
[89], organic loading rate [90] and specific organic loading rate [91, 92]. Moreover,
the hydrogen yields in fermentative systems are mostly between 1.2–2.3 mol H2

mol hexose−1 [20], representing only 30–50% of the theoretical maximum hydro-
gen yield (4 mol H2 mol glucose−1).

As an illustration, in Ferraz Júnior et al. [90, 93] the theoretical calculation of
energy conversion for one liter of sugarcane vinasse in a two-stage system
(acidogenic/methanogenic) was 45.5 W, with only 1.5 W corresponding to the
hydrogen generation in the first stage. Corroborating these findings, it is expected
that DF will account for no more than the 10–12% of the total hydrogen produced
by 2050 [85].

Recent studies have speculated that the construction of industrial DF processes
would be economically feasible. The economic viability of a DF system in a solid
wastes plant depends mainly on the evolution of the biohydrogen price in the near
future [94] and the cost optimization of the operational conditions (i.e., improved
metabolic pathway of hydrogen at low energy costs). Economic evaluation should
consider the energy costs of the process, as assessed on a thermophilic hydrogen
production system with a working volume of 1947.8 m3 and fed with sugarcane
vinasses to support the investments made in system implementation within 2 years
[88].

Optimistically, new alternatives are coming up to valorize biohydrogen, such as
the biohythane (i.e., a fuel that blends until 20% hydrogen with 80% natural gas)
[70]. Those alternatives could be interesting options to increase the calorific value
in the natural gas grid, to stabilize the energy supply in rural areas where the access
to the grid might be limited, and to act as backup system when other energy sources
are insufficient to supply the required demand. Therefore, a strong policy, regula-
tory framework and finance (hydrogen-based) associated to improving the effi-
ciency of DF systems (optimization of reactors design and operation; and most
important, hydrogen productivities and yields) will guarantee the economic feasi-
bility of waste valorization by DF.
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Chapter 7
Hydrogen from Photo Fermentation

Alissara Reungsang, Nianbing Zhong, Yanxia Yang,
Sureewan Sittijunda, Ao Xia and Qiang Liao

1 Introduction

Depletion of non-renewable energy sources and greenhouse gas emission
(GHG) from its usage causes a great impact on human society [1]. Awareness to
these problems leads to discovery of new sources of renewable energy such as
wind, solar, hydrothermal, and biofuels [1]. Among those sources, hydrogen is a
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promising future fuel for transportation sector due to its advantages of absolute zero
carbon emission and high energy density by mass [1]. Hydrogen production by
biological pathway is attractive because it is cost-effective and can utilize various
wastes as substrates in the production [2, 3]. Biological hydrogen production is
possible through photofermentative route or through dark fermentation. Conversion
of waste streams to hydrogen is possible by using purple non-sulfur bacteria
(PNSB) through photofermentative pathway. PNSB can utilize wide ranges of
substrates, such as simple sugars, volatile fatty acids (VFAs), industrial wastes and
agricultural wastes, to produce hydrogen and carbon dioxide under anaerobic
condition and with the presence of light. In addition, using PNSB is also an
attractive option for complete conversion of organic acids presented in the effluent
stream from hydrogen production using dark fermentation [4–6]. It is noticeable
that by using different organic acids, different hydrogen yields (HY) are obtained.
Butyric acid yields the highest theoretical HY of 10 mol H2/mol substrate, whereas
acetic acid yields the lowest value of 4 mol H2/mol substrate.

In practical, HY from photofermentative hydrogen production using organic
acids are always lower than the theoretical values. This owes to the effects of
environmental factors such as substrate inhibition, temperature, pH, color of
wastewater, light intensity and light wavelengths [7]. Due to the importance
of these factors, many studies on factors affecting hydrogen production by photo-
synthetic bacteria and optimization of the factors have been carried out [7, 8].
Studies on conversion of various organic acids to hydrogen by photosynthetic
bacteria have employed the pure form of these acids. However, many recent studies
started to investigate the use of various waste streams in photofermentative
hydrogen production such as agricultural biomass [9], crude glycerol from biodiesel
production [10, 11] and industrial wastes that are rich in organic matters [12, 13].

In this chapter, overviews of photo hydrogen fermentation research are provided.
It would cover the areas of PNSB and its enzyme system involved in photofer-
mentative hydrogen production, factors affecting the fermentation, the production
from industrial waste/wastewater and agricultural biomass. Both the suspension and
immobilized cultures of PNSB for various types of photo bioreactors are discussed
in details. Furthermore, the fluid flow and mass transfer in bioreactors using lattice
Boltzmann simulation are presented. The enhancement strategies and perspectives
of photofermentative hydrogen production are also outlined.

2 Photosynthetic Bacteria for Photo Fermentation

2.1 Purple Non-sulfur Photosynthetic Bacteria (PNSB)

PNSB are proteobacteria which tend to grow under anaerobic or microaerobic
conditions. They do not use water as reducing agent as in plants, algae and
cyanobacteria. Thus, there is no oxygen generated in the system. Unlike sulfur
bacteria, PNSB use a minute concentration of sulfide as electron donor during
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photoautotrophic growth; hence, it is called “non-sulfur”. In comparison to the
hydrogen production by algae through water splitting, PNSB require much less free
energy to produce hydrogen.

Generally, PNSB are gram-negative with red colonies [14–16]. They contain
carotenoids and bacteriochlorophyll pigments. Some examples of physical shapes
and structures of PNSB under scanning electron microscopy (SEM) are depicted in
Fig. 1. PNSB use photosynthesis to produce energy and generate ATP through the
cyclic function of its single photosystem. Carbon compounds, inorganic ions such
as Fe2+ or hydrogen can be used as the sources of electrons for its metabolic
activities. PNSB can grow as photoautotrophs under the presence of light and CO2,
photoheterotrophs under the presence of light and organic compounds or chemo-
heterotrophs under the sole presence of organic compounds [14]. PNSB growing
photoheterotrophically get electrons and carbon from reduced carbon compounds.
Some species can also grow photolithoautotrophically by using S2−, H2 or Fe

2+ as
electron donors and CO2 as the sole carbon source [19].

PNSB can use a wide variety of organic carbon compounds such as pyruvate,
acetate and other organic acids, amino acids, alcohols and carbohydrates. Some
species can use C1 compounds, i.e., methanol and formate as carbon source.
Aromatic organic compounds such as benzoate, cinnamate, chlorobenzoate,
phenylacetate and phenol can also be used as carbon sources by PNSB [20].
Organic acids that can be assimilated by PNSB include acetic acid [21], butyric acid
[22], propionic acid [21], malic acid [23] and lactic acid [18]. Therefore, when
using organic wastes as substrates in hydrogen production, PNSB can utilize
organic acids produced during acidogenic phase of anaerobic digestion as carbon
source for conversion to H2 and CO2. Genus of PNSB that can utilize organic acids
for hydrogen production include Rhodobacter sp. [17], Rhodobacter sphaeroides
[16, 18, 24–26], Rhodobacter capsulatus [27–29], Rhodopseudomonas sp. [30],
Rhodopseudomonas palustris [31–33], Rhodopseudomonas capsulata [34],

Fig. 1 Physical shapes and structures of some species of PNSB under scanning electron
microscopy (SEM); a: Rhodobacter sp. KKU-PS1 (adapted from [17]); b: Rhodobacter sphaer-
oides KKU-PS5 (adapted from [18], Copyright 2014, with permission from Elsevier)
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Rhodospirillum rubrum [35] and Rhodovulum sulfidophilum [36]. PNSB can use
artificial light such as tungsten and luminescence type as the energy source.
Previously, it was reported that light intensity exceeding the optimum level did not
pose any adverse effects on PNSB growth and photo hydrogen production [37].
However, recent studies showed that high light intensity could cause partial inhi-
bition in hydrogen production ability of PNSB [38, 39].

PNSB can be found in both aquatic environments including sediments and moist
soils and wastewater treatment sites, especially those with low oxygen solubility,
good light penetration and availability of organic substance [40]. Since the bacteria
can grow in many modes and survive in diverse environments, they could be isolated
from various sources. Some example included Rhodobacter sphaeroides AV1b
which was isolated from the Averno lake, Naples, Italy [21]; Rhodopseudomonas
palustris 42OL from wastewater pond of a sugar refinery [41]; Rhodopseudomonas
sp. nov. strain A7 from sludge in a running bioreactor [30]; Rhodobacter sphaer-
oides KKU-PS1 from an effluent of up-flow anaerobic sludge blanket (UASB)
reactor [17]; Rhodobacter sphaeroides HY01 from paddy field wastewater [42]; and
Rhodovulum sulfidophilum P5 from a shrimp farm [36]. Lists of PNSB capable of
producing hydrogen are tabulated in Table 1.

2.2 Photofermentative Hydrogen Production by Purple
Non-sulfur Bacteria

Photofermentative hydrogen production involves the conversion of organic com-
pounds into CO2 and hydrogen in the presence of light as energy source with no
oxygen evolution. Photofermentative hydrogen production can completely convert
organic compounds into hydrogen even with a relatively high hydrogen partial
pressure. This is because the pathways toward the production of hydrogen are
supported by ATP-dependent nitrogenase and ATP is formed via photosynthesis.
PNSB have been the most reported photofermentative hydrogen producers [51].
Gest and Kamen [52] reported Rhodospirillum rubrum as the first PNSB capable of
photofermentative hydrogen production. PNSB in the genus Rhodobacter has been
the most widely used in photo hydrogen fermentation due to its ability to use various
types of substrates and flexibility in surviving and growing in diverse environments.
PNSB with high hydrogen production capability under photofermentation condition
include Rhodobacter sphaeroides KKU-PS1 [17], Rhodopseudomonas palustris
[41], Rhodobacter capsulatus [47], and Rhodospirillum rubrum [53].

A major advantage of photofermentation is high HY. The theoretical HY from
glucose is 12 mol H2/mol following the reaction shown in Eq. (1). Other theoretical
HY from various VFAs that involve in photofermentation process are tabulated in
Table 2 [54, 55]. In comparison to dark fermentation process, chemical oxygen
demand (COD) removal efficiency and hydrogen content of photofermentative
hydrogen production are relatively high [51]. However, there are some limitations
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Table 1 Purple non-sulfur photosynthetic bacteria (PNSB) capable of photofermentative
hydrogen production

PNSB strain Carbon
source

Carbon
source
concentration

Hydrogen
yielda (%)

Hydrogen
production rateb

(mL/L h)

References

Rhodobacter
sphaeroides AV1b

Acetate 466 mg/L 42.7 NA [22]

Propionate 449 mg/L

Butyrate 1075 mg/L

Rhodobacter
sphaeroides
NCIMB8253

Malate 4.66 g/L NA 64.9 [43]

Rhodopseudomonas
palustris 42OL

Malate 2 g/L 31.5 21.8 [41]

Rhodobacter
sphaeroides
NCIMB8253

Malate 0.75 g/L NA 133.6 [44]

Rhodobacter
sphaeroides
NCIMB8253

Malate 0.75 g/L NA 322 [23]

Rhodobacter
sphaeroides
NCIMB8253

Malate 4.66 g/L NA 138.6 [45]

Rhodobacter
sphaeroides
NCIMB8253

Malate 4.66 g/L NA 200.5 [46]

Rhodobacter capsulatus Acetate 2 mM 19 19.67 [47]

Butyrate 11 mM

Propionate 1.7 mM

Rhodobacter
sphaeroides AV1b

Acetate 287.9 mg/L NA 0.42 [21]

Butyrate 558.66 mg/L

Propionate 238.9 mg/L

Mixed PNSB Acetate 287.9 mg/L NA 0.65

Butyrate 558.66 mg/L

Propionate 238.9 mg/L

Mixed PNSB Glucose 70 mM NA 136 [48]

Rhodopseudomonas
palustris PB-Z

Glucose 12.6 g/L NA 78.7 [49]

Rhodopsuedomonas
sp. nov. strain A7

Acetate 4.92 g/L NA 1.11 [30]

Rhodopseudomonas
pentothenatexigens
KKU-SN1/1

Malic acid 7.6 g/L NA 3.23 [50]

Rhodobacter
sphaeroides KKU-PS1

Malic acid 0.268 g/L 65 12 [17]

aPercentage of hydrogen yield (HY) (mol H2/mol substrate) in relation to the theoretical value
bMaximum hydrogen production rate (HPR) (mL/L h)
NA Not available
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of hydrogen production from photofermentative pathway including a low hydrogen
production rate (HPR), toxicity to PNSB caused by high substrate concentration
and light requirement for hydrogen production [56].

C6H12O6 þ 12H2O þ light energy ! 12H2 þ 6CO2 ð1Þ

There are two different fermentation processes employed in photofermentative
hydrogen production viz. single-stage and two-stage processes. In a single-stage
process, range of substrates includes organic acids, sugars, industrial waste, agri-
cultural waste and acidic effluents from hydrogen production process. Single-stage
process in photofermentative hydrogen production yields a better hydrogen pro-
duction than that obtained from dark fermentation. For example, hydrogen pro-
duction by PNSB from glycerol resulted in a much higher HY than those obtained
in dark fermentation. Theoretically, HY from crude glycerol by dark fermentation is
1 mol H2/mol glycerol. However, HY obtained by photofermentative hydrogen
production from crude glycerol by R. palustris CGA009 was 6.1 mol H2/mol crude
glycerol at the optimum medium containing 20 mM glycerol and 5 mM of gluta-
mate [57].

For a two-stage photofermentative hydrogen production, dark fermentation is
coupled with photofermentative hydrogen production in order to obtain a higher
HY. The coupling was either by sequential (two-stage) or combined (co-cultures)
dark and photo fermentation [4]. In sequential dark-photo fermentation, VFAs
presented in the acidic effluent obtained from dark fermentation in the first stage are
used as the substrates to produce hydrogen by PNSB in the second stage. This
approach could yield a maximum theoretical HY of 12 mol H2/mol glucose when
acetic acid is the only by-product of dark fermentation [58, 59]. However, the acidic
effluent can be inhibitive to photofermentative hydrogen production due to its low
pH, excess of fixed nitrogen and high substrate concentration [4]. Therefore, pre-
treatment of the acidic effluent is required. Various pretreatment approaches could
be employed such as dilution, addition of nutrients, adjustment of pH, sterilization
and centrifugation [60]. Various kinds of wastes were reported in hydrogen pro-
duction by sequential dark-photo fermentation such as palm oil mill effluent [61],
starch wastewater [62], crude glycerol [63], amino acids from protein degradation
in waste biomass [64], corn stalk [65], sugarcane bagasse [66], potato steam peels
hydrolysate [67], beet molasses [60], cassava and food waste [68] and ground
wheat solution [69].

In order to solve the problems caused by acidic pH and high substrate concen-
tration of the acidic effluent from dark fermentation, the combined (co-cultures) dark
and photo fermentation was investigated. This process involves co-cultures of dark
and photo hydrogen producers in the same reactor [4]. VFAs produced by
dark-hydrogen producer are immediately consumed by PNSB; hence acid accu-
mulation and excess substrate that cause the inhibition were prevented. Moreover,
alkalinization due to photofermentative hydrogen production can neutralize the acids
from dark fermentation [4]. A maximum HY obtained by this fermentation process is
7 mol H2/mol hexose. Since growth rates of the two microorganisms are different;

7 Hydrogen from Photo Fermentation 227



thus the environmental conditions of these two microorganisms needed to be
optimized in order to achieve a maximum HY [4]. A few number of research on
this approach were reported, e.g., co-cultures of Cellulomonas fimi and
Rhodopseudomonas palustris in a single stage hydrogen production from cellulose
[70], co-cultures of Ethanoligenens harbinense B49 and immobilized
Rhodopseudomonas faecalis RLD-53 for hydrogen production from glucose [71],
mixed cultures of Clostridium butyricum and Rhodopseudomonas faecalis RLD-53
for hydrogen production from glucose [72].

3 Key Enzymes Responsible for Hydrogen Production

Nitrogenase and hydrogenase are 2 key enzymes responsible for hydrogen pro-
duction in PNSB. Both enzymes contain metals in their active sites (metallopro-
teins). Proton (H+) is reduced to hydrogen (H2) by the action of these enzymes.

3.1 Nitrogenase

Nitrogenase is an enzyme that governs biological nitrogen fixation to maintain the
balance of global nitrogen cycle. It can be found in many bacteria and archaea [73].
Nitrogenase is the key enzyme responsible for photofermentative hydrogen pro-
duction by photosynthetic bacteria [74]. It can be classified into three groups based
on metal clusters at its active site. Three homologous nitrogenases are molybdenum
(Mo), vanadium (V) and iron (Fe) nitrogenases [75, 76]. Among the three nitro-
genases, Mo-nitrogenase is the major cluster responsible for photofermentative
hydrogen production [77]. Mo-nitrogenase consists of two component proteins
namely iron (Fe) protein and MoFe protein [78]. Fe protein or dinitrogenase
reductase is a homodimeric protein encoded by nifH. Another protein called dini-
trogenase contains FeMo as the heterometal cofactor at its active site.
MoFe-nitrogenase consists of two protein subunits designated as alpha (or nifD)
and beta (or nifK) subunits [79, 80]. In enzyme function, Fe protein (Fe4–S4
cluster) acts as electron donor while MoFe protein is electron acceptor. Electrons
flow from NifH to NifDK or a- and b-subunits via P-clusters which acts as a bridge
or mediator. Structure and mechanism of nitrogenase enzyme are depicted in Fig. 2.

As shown in Fig. 2, hydrogen is produced as a side product during the reduction
of nitrogen to ammonia. The reduction reaction by Mo-nitrogenase requires
ATP. Each electron transfer also requires two ATP molecules. Therefore, 16 ATP
molecules are needed to fix one mole of nitrogen resulting in one mole of hydrogen
as shown in Eq. (2). The presence of ammonia in the system decreases the activity
of Mo-nitrogenase and causes product inhibition, hence the inhibition of hydrogen
production [82]. In addition, ATP must be sufficiently supplied to nitrogenase
complex for optimal enzyme activity. Therefore, photofermentative hydrogen
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production is the most rapid under the environment that provides saturating light
intensity and organic electron donors [83].

Mo - nitrogenase: N2 + 8Hþ + 8e� + 16ATP ! 2NH3 + H2 + 16ADP

ð2Þ

Mo-nitrogenase also catalyzes hydrogen production anaerobically under nitro-
gen limitation [84]. In the absence of N2, hydrogen production occurs without
formation of ammonia, as shown in Eq. (3) [82].

Absence of N2 : 8Hþ + 8e� + 4ATP ! 4H2 + 4ADP ð3Þ

Hydrogen formation driven by Mo-nitrogenase is irreversible [85] which is
advantageous because the hydrogen production would not be inhibited under high
hydrogen partial pressure. Oxygen and ammonium are the main inhibitors for
Mo-nitrogenase. Molecular oxygen damages the photo pigments needed to main-
tain ATP flux for Mo-nitrogenase function. Therefore, Mo-nitrogenase expression
is strongly inhibited by oxygen in an irreversible manner. In the case of NH4

+, the
inhibition takes place as product inhibition and it is reversible [86]. Mo-nitrogenase
activity could be recovered when ammonium ion is consumed or removed.

The “alternative nitrogenases”, i.e., V-nitrogenase and Fe-nitrogenase contain
vanadium and iron instead of molybdenum. Structures of these nitrogenases are
similar to Mo-nitrogenase. The difference is the cofactors. V-nitrogenase features
FeVa cofactor while Fe-nitrogenase features FeFe cofactor. Equations (4) and (5)
show that these alternative nitrogenases require more electrons to reduce H+ to H2

Fig. 2 Structure and
mechanism of nitrogenases
(adapted from [81], Copyright
2013, with permission from
Elsevier)
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than in the conventional Mo-nitrogenase [87]. R. Palustris CGA009 is the only
photosynthetic bacterium that is known to contain all three nitrogenases. Expression
of alternative nitrogenase was shown to be correlated with nitrogen starvation
conditions [88].

V - nitrogenase:N2 + 12Hþ + 12e� + 24ATP ! 2NH3 + 3H2 + 24ADP

ð4Þ

Fe - nitrogenase:N2 + 24Hþ + 24e� + 48ATP ! 2NH3 + 9H2 + 48ADP

ð5Þ

3.2 Hydrogenase

Hydrogenases are classified into three types: [NiFe]-hydrogenase, [FeFe]-hydro-
genase, and [Fe]-hydrogenase, depending on metal atoms presented in their active
sites [89].

[NiFe]-hydrogenase is the most common hydrogenase. It is more tolerable to CO
and O2 than [FeFe]-hydrogenase [90]. Nickel is the important cofactor that located
at the enzyme’s active site. Limited availability of Ni may reduce the activity of this
enzyme. In general, [NiFe]-hydrogenase is hydrogen-uptake (or unidirectional)
hydrogenase that is encoded by hup gene. This enzyme oxidizes hydrogen mole-
cules to protons, Eq. (6). Activity of hydrogen-uptake hydrogenase poses a nega-
tive impact on the efficiency of hydrogen production both in terms of amount
produced and production rate, especially in photofermentation.

H2 ! 2Hþ + 2e� ð6Þ

[FeFe]-hydrogenase contains Fe–S clusters in its molecule. It is encoded by hox
gene. [Fe]-hydrogenase, a hydrogenase with similar nomenclature, contains neither
nickel nor Fe-S clusters. It was initially named “metal-free hydrogenase” but it was
later renamed as “iron–sulfur-cluster-free hydrogenase” or simply [Fe]-hydrogenase
[91]. [FeFe]-hydrogenase often involves in hydrogen production pathways while
[Fe]-hydrogenase does not have any role in hydrogen production.

Reaction driven by [FeFe]-hydrogenase is reversible (or bidirectional).
Reversible hydrogenase is capable of oxidizing hydrogen into protons and also
catalyzing hydrogen formation from protons as shown in Eq. (7) [92, 93]. Not only
[FeFe]-hydrogenase involves in hydrogen evolution but also intrinsically biases
towards this direction [94, 95].

H2 , 2Hþ + 2e� ð7Þ
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Hydrogenase is the preferred enzyme for hydrogen production in dark fermen-
tation due to its higher turnover rate and lower metabolic energy requirement than
nitrogenase. Microbial fermentation mediated by hydrogenase theoretically gener-
ates up to 4 mol H2/mol hexose according to the metabolic system and conditions.
Minority of fermentative microorganisms (e.g., Klebsiella spp.) produce hydrogen
via the action of nitrogenase [96]. High ATP requirement and low turnover rate of
nitrogenase resulted in a much lower theoretical HY of 0.5 mol H2/mol hexose [97].

Hydrogenase and nitrogenase are found in photoautotrophs, i.e., cyanobacteria
and microalgae. In cyanobacteria, the self-sustained photofermentative hydrogen
production occurs via the activity of nitrogenase which consumes ATP and
re-oxidises the electron carriers. In microalgae, hydrogenase reduces 2H+ to H2

without any ATP requirement [83]. PNSB produce hydrogen under photo-
heterotrophic conditions through nitrogenase-driven reaction [84]. Presence of
hydrogen-uptake hydrogenase activity in PNSB can lower the hydrogen yield [98].
The development of hydrogen-uptake hydrogenase deficient PNSB mutants
improved hydrogen production efficiency for up to 70% [99–102].

Key properties of nitrogenase and hydrogenase are summarized and compared in
Table 3

4 Factors Influencing Photofermentative Hydrogen
Production

4.1 Carbon Sources

Carbon source is the most important factor that affects cell growth and hydrogen
production of PNSB [103, 104]. Carbon substrate is mainly used for cell growth and
only a small fraction is used for hydrogen production. PNSB have an ability to utilize
various substrates as carbon source including short chain organic acids (Table 1)
such as malic, lactic, succinic, acetic, propionic and butyric acids [21–23, 41, 47];
glucose [48, 49]; organic waste (Table 4); industrial wastewaters such as fresh olive

Table 3 Comparisons of various properties between nitrogenase and hydrogenase (adapted from
[92])

Property Nitrogenase Hydrogenase

Number of proteins Two (Fe and MoFe proteins) One

Metal elements Mo, Fe Ni, Fe

Substrates Electrons, protons, ATP (or N2) H2

Products generated H2 (or NH4
+) Electrons, protons, ATP

Stimulators Light H2

Inhibitors Oxygen, ammonia Oxygen, Carbon monoxide, EDTA

Optimum temperature 30 °C (Azotobacter vinelandii) 55 °C (Rhodospirillum rubrum)

Optimum pH Ranged from 7.1 to 7.3 Ranged from 6.5 to 7.5
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mill waste [108], blackstrap molasses [28]; and agricultural waste such as corn stalk
hydrolysate [65]. In addition, acidic effluent from dark hydrogen fermentation
process can also be utilized by PNSB for hydrogen production [61, 109].

Type of carbon substrates affects the efficiency of photofermentative hydrogen
production. This is due to variations in electron transfer capabilities in different
metabolic pathways of photosynthetic microorganisms [51]. The most suitable
carbon source for hydrogen production by Rhodobacter sphaeroides was malic acid
[110, 111]. Koku et al. [92] and Basak and Das [26] reported that the absence of
favored carbon sources such as malic and lactic acids was a major problem for
photofermentative hydrogen production by PNSB. Some carbon sources such as

Table 4 Organic wastes used as carbon sources by purple-non-sulfur bacteria

Feedstock Substrate
concentrations

Microorganism Substrate
conversion
efficiency
(%)

Hydrogen
production
rate (mL
H2/L h)

References

Dairy wastewater 40% of waste
(18.5 g COD/
L)

Rhodobacter
sphaeriodes O.U.
001

ND 49 [12]

Brewery
wastewater

10% of waste
(20.2 g COD/
L)

Rhodobacter
sphaeriodes O.U.
001

ND 61 [13]

Dark
fermentation
effluent of acid
hydrolyzed wheat
starch

2 g/L of
TVFA

Rhodobacter
sphaeriodes NRRL
B-1727

ND 14.16a [105]

Dark
fermentation
effluent of ground
wheat strach

2 g/L of
TVFA

Rhodobacter
sphaeriodes NRRL
B-1727

ND 1.13 [106]

Fermented food
waste

2 g COD/L Rhodobacter
sphaeoides KD131

24 ND [25]

Synthetic soluble
metabolite of
dark fermentation

10% of
effluent
(9.2 g/L of
TVFA)

Rhodopseudomonas
palustris WP3-5

49.9a ND [107]

Beet Molasses 1 g/L of sugar Rhodobacter
capsulatus JP91

87.5a 15.8a [28]

Blackstrap
molasses

1 g/L of sugar Rhodobacter
capsulatus JP91

66.7a 17.8a [28]

Fresh olive mill
waste

30% of waste
(56.6 g COD/
L)

Rhodopseudomonas
palustris 42OL

ND 5.28 [108]

Corn stalk
hydrolysate

5 g/L Rhodobacter
sphaeroides HY01

ND 74 [65]

aThe values were calculated from the reported experiment
ND No reported data
TVFA Total volatile fatty acid
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acetate gave HY of over 70% of the theoretical value. Rhodopseudomonas palustris
P4 could convert acetate into hydrogen with HY of 60–70% of the theoretical yield
[112]. In addition, HY of 75% was obtained when glucose was consumed by
Rhodopseudomonas palustris WP 3-5 [113] and 53% was obtained when sucrose
was consumed as carbon source by Rhodopseudomonas capsulatus JP91 [28].
Concentration of carbon substrate also has a major effect on hydrogen production.
Suitable concentrations of VFAs for photofermentative hydrogen production were
in the range of 1800–2500 mg/L [114, 115].

4.2 Nitrogen Sources

Nitrogen is required for cell synthesis and photofermentative hydrogen production.
Hydrogen production by PNSB occurs through the action of nitrogenase. Type and
concentration of nitrogen affect the activity of nitrogenase. Nitrogenase is inhibited
in the presence of oxygen and ammonium salts [110]. Therefore, photofermentative
hydrogen production requires oxygen-free and ammonia-limited conditions [116].
Hydrogen gas production by photosynthetic bacteria was low in the presence of
ammonium salts. Therefore, addition of carbonate to remove ammonium salts was
suggested in hydrogen production using ammonium-rich wastewater [117].
Although ammonium salt has an adverse effect on hydrogen production, other
nitrogen sources such as glutamate, yeast extract, and albumin enhanced hydrogen
gas production [112]. However, in the presence of high nitrogen concentration,
microbial metabolism shifts from using organic substances for hydrogen production
to cell synthesis [112].

The presence of NH4
+ ions in small amounts could improve photofermentative

hydrogen production [86]. However, high concentration of NH4
+ ions inhibited

nitrogenase activity [92]. Acidic effluent from dark fermentation of carbohydrate-rich
wastewater usually contains large amount of NH4

+ ions. Therefore, it is not suitable
for photofermentative hydrogen production by PNSB. Glutamate is frequently used
as nitrogen source for photofermentative hydrogen production [92, 118] because it
shows less inhibition to nitrogenase and can be rapidly consumed by PNSB [92, 118,
119]. Addition of glutamate enhanced the hydrogen production frommixed VFAs by
R. Capsulate [119]. However, glutamate is more expensive than NH4Cl, using it in
the process would bear a higher production cost [51]. Table 5 summarized the per-
formance of photofermentative hydrogen production using different nitrogen sources
and concentrations.

4.3 pH

pH value of culture medium affects the ionic concentration and the form of active
site of nitrogenase, hence affecting its activity. It also impacts biochemical

7 Hydrogen from Photo Fermentation 233



characteristic in microbial cells during metabolism [36, 51]. Apart from its single
effect, interaction between pH and nitrogen source concentration also affects
hydrogen production by PNSB [129]. More acidic or alkaline pH creates an
environment with low proton motive force, resulting in the lower ATP generation
which in turn obstructs cell growth and reduces hydrogen production efficiency
[130]. The optimum pH for nitrogenase was reported to be pH 7.1–7.3 [92] while
the optimal value for photofermentative hydrogen production by PNSB is pH 7.0
[16, 18, 24]. However, the optimum pH for hydrogen production by PNSB is varied
depending on the strains. Zhang et al. [123] discovered that a suitable pH for

Table 5 Hydrogen production performance of PNSB from different nitrogen types and
concentrations

Nitrogen
source

Nitrogen
source
concentration

PNSB Substrate
conversion
efficiency (%)

References

Glutamate 15 mM Rhodopseudomonas sp. nov. strain A7 80.5 [120]

Glutamate 224 mg/L Rhodobacter sphaeoides KKU-PS1 74.5 [121]

Glutamate 1690 mg/L Rhodopseudomonas sp. nov. strain A7 74.7 [122]

Glutamate 500 mg/L Rhodobacter capsulatus SB1003 strain
ZY29

57.8 [123]

Glutamate 600 mg/L Rhodobacter sphaeroides CNT 2A 29 [124]

Glutamate 1690 mg/L Rhodopseudomonas sp. nov. strain A7 63 [125]

Yeast
extract

1000 mg/L Rhodopseudomonas palustris CGA009
(co-culture with Cellulomonas fimi
ATCC 484)

32 [70]

Yeast
extract

500 mg/L Rhodobacter sphaeroides O.U.001 49 [126]

Yeast
extract

1000 mg/L Rhodobacter sphaeroides O.U.001 64.2 [127]

Yeast
extract

1000 mg/L The photosynthetic bacterial consortium
was made by enriching the isolated
strains F1, F5, F7, F11 (all photosynthetic
purple non-sulfur bacteria), L6
(Chlorobiaceae), S7 and S9 (purple
sulfur bacteria)

77.8 [128]

Peptone 1000 mg/L Rhodobacter sphaeroides O.U.001 49 [126]

Beef
extract

1000 mg/L Rhodopseudomonas sp. nov. strain A7 74.7 [122]

L-cysteine 500 mg/L Rhodopseudomonas sp. nov. strain A7 74.7 [122]

L-cysteine 500 mg/L Rhodopseudomonas sp. nov. strain A7 63 [125]

Peptone 500 mg/L Rhodopseudomonas sp. nov. strain A7 74.7 [122]

NH4Cl 1000 mg/L Bacterial consortium comprised of the
isolated strains F1, F5, F7, F11 (all
photosynthetic purple non-sulfur
bacteria), L6 (Chlorobiaceae), S7 and S9
(purple sulfur bacteria)

77.8 [128]

NH4Cl 1000 mg/L Rhodopseudomonas sp. nov. strain A7 74.7 [122]
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hydrogen production from acetate by Rhodobacter capsulatus SB1003 ZY29 was
pH 7. The same optimum pH was observed also in photosynthetic bacterium
consortia (microorganisms related to the genera Rhodobacter, Rhodospirillum,
Rhodopseudomonas and Sulfurospirillum) by Lazaro et al. [131]. Zagrodnik and
Laniecki [126] reported an optimum pH of 7.5 for photofermentative hydrogen
production from mixture of acetic and butyric acids by Rhodobacter sphaeroides.
The report by Tao et al. [16] and Lazaro et al. [131] indicated that hydrogen
production was inhibited when using an initial pH of 5. Therefore, it is necessary to
optimize initial pH in order to achieve maximum hydrogen production. The effect
of initial pH on batch photofermentative hydrogen production by different mi-
croorganisms is summarized in Table 6

4.4 Co-factors

Important co-factors for synthesis of nitrogenase are molybdenum (Mo) and iron
(Fe) [92]. Addition of these metals in the medium is important for enhancing the
efficiency of photofermentative hydrogen production by PNSB. Higher hydrogen
production was obtained when the microelements were presented in the medium
[132]. Yu and Lee [133] reported that an increase in Mo concentration alone did not
increase hydrogen production. However, at an optimum concentration, Mo was

Table 6 Effect of initial pH on batch photofermentative hydrogen production by different
photosynthetic bacteria

Microorganism Substrate Initial pH Hmax

(mL
H2/L)

Substrate
conversion
efficiency (%)

References

Range
studied

Optimal
value

Rhodobacter
sphaeroides
CNT 2A

Acetate 4.0–9.0 8.0 739 52.50 [124]

Rhodobacter
sphaeroides
CNT 2A

Butyrate 4.0–9.0 8.0 1185 29.00 [124]

Rhodobacter
sphaeroides
CNT 2A

Glucose 4.0–9.0 9.0 289 3.83 [124]

Rhodobacter
sphaeroides
CNT 2A

Sucrose 4.0–9.0 9.0 314 10.00 [124]

Rhodobacter
capsulatus
SB1003 ZY29

Acetate 6.2–7.6 7 2312.6 51.59 [123]

Rhodobacter
sphaeroides

Mixture of
acetic and
butyric acids

6.5–8.0 7.5 2305 64.21 [127]
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found to enhance hydrogen production by Rhodospeudomonas palustris KU003
[134], Rhodobacter capsulatus [135] and R. sphaeroides O.U.001 [136, 137].

Iron is a major cofactor at the active site of FeMo-nitrogenase [81, 92]. Each
molecule of nitrogenase contains 24 atoms of Fe [138]. An increase in Fe con-
centration resulted in an increase in hydrogen production [133]. The presence of Fe
ehanced the efficiency of photofermentative hydrogen production by Rhodobacter
sphaeroides O.U.001 [136] and Rhodopseudomonas palustris AV33 [31]. The
optimal Fe concentration were varied depending on the species of PNSB such as
2.4 mg/L for Rhodobacter sphaeroides [139], 35 mg/L for Rhodobacter sphaer-
oides RV [140], 3.35 mg/L for Rhodopseudomonas BHU01 [141] and 1.68 mg/L
for Rhodobacter sphaeroides KKU-PS5 [18]. However, iron may pose an adverse
effect on activity of microbial cells by disrupting the cell surface if it was present in
excess of the need for regular physiological metabolisms [139].

4.5 Light Intensity

Effective photofermentative hydrogen production requires sufficient supply of ATP
and reducing power [38]. Photosynthetic bacteria generate ATP through photo-
synthetic system which requires light energy for the reaction, electron transport,
ATP synthesis and hydrogen production. Useful wavelengths of light were 522, 805
and 850 nm [82, 118]. At the optimum light intensity, large amounts of ATP and
reductive power are sufficient for supporting the activity of nitrogenase to produce
hydrogen and to generate the cells [142, 143]. Further increase in light intensity
above the optimal value causes a saturation effect. The effect leads to excess for-
mation of ATP and Fd (red) [13] which would then dissipate as heat energy, causing
damages to photosynthetic apparatus [144]. The consequence of this phenomenon
is low hydrogen production. In addition, Kim et al. [145] reported that the cell could
also be damaged by bleaching of bacteriochlorophyII pigment during cultivation
with excess light intensity.

Low light intensity was reported also to decrease HY, total volume of hydrogen
and HPR. Different PNSB requires different illumination intensity. Liu and
Hallenbeck. [146] reported that a suitable light intensity for photofermentative
hydrogen production from glucose by Rhodobacter capsulatus JP91 was 7.4 klux,
whereas Yang et al. [42] found that 10 klux light intensity was effective for
R. sphaeroides HY01. Zhang et al. [123] reported that the optimum light intensity
for hydrogen production by Rhodobacter capsulatus ZY29 from acetate was 49
klux and 139 klux was reported for R. sphaeroides DSM158 [147]. The light
intensity of 5 klux was optimum for hydrogen production by photosynthetic bac-
terium consortia that included microorganisms related to the genera Rhodobacter,
Rhodospirillum, Rhodopseudomonas and Sulfurospirillum [131]. Table 7 tabulated
light intensities for photofermentative hydrogen production by various PNSB.

Lighting from various sources was employed in photofermentative hydrogen
production by PNSB. Some examples are halogen [25, 103], tungsten [16, 48],
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fluorescent [148], infrared [148] and light-emitting diode (LED) lamps [149, 150].
Among these lamps, LED provided high operational stability which could improve
the performance of photofermentative hydrogen production [51]. The advantages of
LED light sources include specific wavelengths (770–920 nm), low electricity
consumption, low heat generation and long life expectancy [51, 150].

4.6 Temperature

Fermentation temperature influences hydrogen production, cell growth, HY and
substrate degradation efficiency. An increase in temperature up to the optimum
improves nitrogenase activity as well as proteins associated with cell growth or
hydrogen production. An imbalance of incubation temperature caused the inhibition
of physiological activity, intracellular enzyme activity and metabolism of cells.
Unstable temperature causes bacteria to spend their energy for adaptation to
changes in temperature in order to survive [60]. As a consequence, hydrogen
production, HPR, HY and substrate conversion efficiency were decreased [51, 60].
Optimum growth temperatures for photosynthetic bacteria range between 30 and
40 °C [151] (Table 8). For example, the optimum growth of Rhodopseudomonas
palustris CQK 01 occurred between 27.5 and 32.5 °C. Large decrease in hydrogen
production was observed when the temperature was higher than 35 °C [153]. Basak
et al. [154] reported the optimum temperature range for Rhodobacter sp. to be
between 31 and 36 °C.

Table 7 Light intensity employed in photofermentative hydrogen production by various
photo-non sulfur bacteria

Microorganism Substrate Light intensity (klux) Hmax

(mL
H2/L)

Substrate
conversion
efficiency (%)

References

Range
studied

Optimal
value

Phototrophic
microbial
consortium

Acetate
and
butyrate

3–8 5 ND 25.0 [131]

Rhodobacter
sphaeroides
DSM 158

Lactate 0.31–155.252 139.727 2280 32.8 [147]

Rhodobacter
capsulatus ZY
29

Acetate 24.84–49.681 49.681 2591 57.8 [123]

Rhodobacter
capsulatus
JP91

Glucose 1.742–14.904 7.452 ND 52.0 [6]

Rhodobacter
capsulatus
YL1

Glucose 1.742–14.904 7.452 ND 63.0 [6]

ND No reported data
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4.7 Inoculum Age and Concentration

Early stationary phase was suitable for hydrogen production by photosynthetic
bacteria [155–157]. PNSB inoculum in exponential growth phase is the most
suitable to enhance hydrogen production. Cultivation of cells for extended period
causes the change in cell metabolism towards other pathways such as pathway that
promotes polyhydroxyl butyrate (PHB) accumulation [158].

Initial cell concentration has the most important roles in influencing the culture
conditions of photofermentative hydrogen production [24, 131, 159]. In batch
fermentation, ratio between initial cell concentration (X0) and initial substrate
concentration (S0) affects initial energy level of microorganisms that is required to
support cell synthesis and metabolism [24]. At a high S0/X0 ratio, i.e., low seed
concentration, microorganisms need more time to adapt to be able to utilize high
substrate concentration, resulting in a delay or lag period in the fermentation [24,
131, 159]. Further increase in cell concentration to greater than the optimal level
resulted in a decrease in hydrogen production [24, 131, 159]. At a low S0/X0 ratio,
i.e., high seed concentration, substrate is insufficient to support the growth of cells
[24]. In addition, excess biomass interfere the penetration of light into cultivation
system due to self-shading effect. The decrease in light intensity reduces the ATP
formation and eventually diminishes hydrogen production by photosynthetic bac-
teria. Moreover, high cell concentration may promote formation of bacterial flocs or
biofilm which can hinder substrate distribution within the bioreactor system [24, 92,
118]. Different optimum inoculum levels in photofermentative hydrogen production

Table 8 Effect of incubation temperatures on batch photofermentative hydrogen production by
different photo-non sulfur bacteria

Microorganism Substrate Temperature (°C) Hmax

(mL
H2/L)

Substrate
conversion
efficiency
(%)

References

Range
studied

Optimal
value

Rhodovulum
sulfidophilum P5

Acetate 30–40 30 170 8.55 [152]

An acid tolerant mutant
of Rhodovulum
sulfidophilum P5 (An
acid tolerant mutant
strain TH-102)

Acetate 30–40 30 1004 50.5 [152]

Rhodobacter
sp. KKU-PS1

Malic
acid

22–38 25.6 1264 64.7 [17]

The mixed
photoheterotrophic
culture (NG07)
(Rhodopseudomonas
sp. and Rhodobacter
sp. were predominant)

Glucose 30–50 35 2746.9 15.37 [48]

238 A. Reungsang et al.



by PNSB were reported, such as 0.36 g cell dry weight (CDW)/L [12, 13], 0.56 g
CDW/L [24], and 0.2 g volatile suspended solid (VSS)/L [131].

5 Photofermentative Hydrogen Production
from Industrial Waste/Wastewater and Biomass Waste

5.1 Industrial Wastes and Wastewaters

A wide variety of waste streams is possible to use as substrates in biohydrogen
production. Various criteria should be considered in order to assess their suitability
as a possible substrate. Relative cost, overall abundance, carbohydrate content and
ease of degradation contribute a significant impact on process economics. The most
suitable waste streams for hydrogen production via photofermentation are those
containing organic acids [4, 6]. However, availability of those wastes is scarce
comparing to waste streams from other sources such as agricultural biomass.
Another substrate that is rich in organic acids is the effluent obtained from hydrogen
fermentation process. This effluent contains large quantities of VFAs such as acetic
acid, butyric acid, propionic acid, succinic acid, lactic acid and other alcohols.
These compounds are suitable for conversion to hydrogen by photosynthetic bac-
teria [4, 6].

Industrial wastes and wastewaters generally contain high carbon contents
especially those contributed by organic acids. Therefore, these waste streams are
favorable for biohydrogen production by photosynthetic bacteria. Many industrial
wastes and wastewaters have been used as substrates in photofermentative hydro-
gen production. Examples are those from dairy industry [13], brewery [12], tofu
manufacturing [160, 161], sugar industry [28], soy sauce wastewater [162], palm oil
mill effluent (POME) [163], pulp and paper mills [46, 164], olive mill [136] and
biodiesel industry [57, 165]. Table 9 presents some examples of waste streams used
in photofermentative hydrogen production and its performance as substrates.

The use of different type of wastes as substrates in biohydrogen production
resulted in a different results on hydrogen gas production (Table 9). Based on the
data presented in Table 9, the important criteria for effective photofermentative
hydrogen performance are type and composition of feedstocks. Feedstocks con-
taining organic acids are favorable and easy to convert to hydrogen by photosyn-
thetic bacteria. However, other factors must be concerned in order to achieve an
effective production process. Those factors include inhibitors and toxic compounds,
color of the wastewater, turbidity, light intensity and sources, initial pH, tempera-
ture, substrate concentration and reactor configuration [4, 6]. Hydrogen production
via photofermentative pathway employing various industrial wastewaters is focused
in this section.

7 Hydrogen from Photo Fermentation 239



T
ab

le
9

Ph
ot
of
er
m
en
ta
tiv

e
hy

dr
og

en
pr
od

uc
tio

n
fr
om

in
du

st
ri
al

w
as
te
s
an
d
w
as
te
w
at
er
s
by

ph
ot
o-
no

n
su
lf
ur

ba
ct
er
ia

W
as
te
s
an
d

w
as
te
w
at
er
s

T
yp

e
of

or
ga
ni
c
ac
id

O
rg
an
is
m

L
ig
ht

in
te
ns
ity

O
pe
ra
tio

n
H
yd

ro
ge
n

pr
od

uc
tio

n
R
ef
er
en
ce
s

B
re
w
er
y
w
as
te
w
at
er

N
D

R
ho

do
ba

ct
er

sp
ha

er
oi
de
s
O
.U
.

(A
T
C
C

49
19

)

11
6
W
/m

2 ,
9

kl
ux

B
at
ch

2.
24

L
H
2/
L

m
ed
iu
m
,

0.
22

L
H
2/
L
w
as
te

[1
2]

N
on

st
er
ile

da
ir
y

w
as
te
w
at
er

L
ac
tic

ac
id

R
ho

do
ba

ct
er

sp
ha

er
oi
de
s
O
.U
.0
01

(A
T
C
C

49
19

)

9
kl
ux

B
at
ch

7.
6
L
H
2/
L
w
as
te

[1
3]

St
er
ile

da
ir
y

w
as
te
w
at
er

L
ac
tic

ac
id

R
ho

do
ba

ct
er

sp
ha

er
oi
de
s
O
.U
.0
01

(A
T
C
C

49
19

)

9
kl
ux

B
at
ch

4.
4
L
H
2/
L
w
as
te

[1
3]

T
of
u
w
as
te
w
at
er
s

T
ot
al

vo
la
til
e
ac
id

20
0
m
g/
L

R
ho

do
ba

ct
er

sp
ha

er
oi
de
s

8
kl
ux

B
at
ch

15
.8
7
m
L
H
2/
L
h

[1
60
]

T
of
u
w
as
te
w
at
er
s

T
ot
al

vo
la
til
e
ac
id
s
20

0
m
g/
L

Im
m
ob

ili
ze
d

R
ho

do
ba

ct
er

sp
ha

er
oi
de
s

8
kl
ux

Im
m
ob

ili
ze
d

0.
24

m
L
H
2/
m
g

ca
rb
oh

yd
ra
te

[1
60
]

T
of
u
w
as
te
w
at
er
s

T
ot
al

vo
la
til
e
ac
id

20
0
m
g/
L

Im
m
ob

ili
ze
d

R
ho

do
ba

ct
er

sp
ha

er
oi
de
s

8.
5
kl
ux

Im
m
ob

ili
ze
d

0.
39

m
L
H
2/
m
g

D
W

h
[1
61
]

So
y
sa
uc
e
w
as
te
w
at
er

O
rg
an
ic

ac
id

17
0
m
m
ol
/L

R
ho

do
bi
um

m
ar
in
um

60
W
/m

2
B
at
ch

20
0
m
L
H
2

[1
62
]

Pa
lm

oi
l
m
ill

ef
flu

en
t

an
d
pu

lp
an
d
pa
pe
r

m
ill

N
D

R
.
sp
ha

er
oi
de
s

N
C
IM

B
82

53
7
kl
ux

B
at
ch

8.
72

m
L
H
2/
m
L

m
ed
iu
m

[1
64
]

Pa
lm

oi
l
m
ill

ef
flu

en
t

an
d
pu

lp
an
d
pa
pe
r

m
ill

N
D

R
.
sp
ha

er
oi
de
s

N
C
IM

B
82

53
7
kl
ux

B
at
ch

14
.4
38

m
L
H
2/
m
L

m
ed
iu
m

[4
5]

Pa
lm

oi
l
m
ill

ef
flu

en
t

(P
O
M
E
)

N
D

R
ho

do
ps
eu
do

m
on

as
pa

lu
st
ri
s
PB

U
M
00

1
4
kl
ux

B
at
ch

1.
05

m
L
H
2/
L

PO
M
E

[1
63
]

O
liv

e
m
ill

w
as
te
w
at
er

A
ce
tic
,F

or
m
ic
,P

ro
pi
on

ic
,L

ac
tic
,

B
ut
yr
ic
,
A
sp
ar
tic
,
G
lu
ta
m
ic

ac
id
s

R
ho

do
ba

ct
er

sp
ha

er
oi
de
s
O
.U
.0
01

15
0
W
/m

2
B
at
ch

16
L
H
2/
L
O
M
W

[1
66
]

(c
on

tin
ue
d)

240 A. Reungsang et al.



T
ab

le
9

(c
on

tin
ue
d)

W
as
te
s
an
d

w
as
te
w
at
er
s

T
yp

e
of

or
ga
ni
c
ac
id

O
rg
an
is
m

L
ig
ht

in
te
ns
ity

O
pe
ra
tio

n
H
yd

ro
ge
n

pr
od

uc
tio

n
R
ef
er
en
ce
s

C
la
y
pr
et
re
at
m
en
t
of

ol
iv
e
m
ill

w
as
te
w
at
er

A
ce
tic
,F

or
m
ic
,P

ro
pi
on

ic
,L

ac
tic
,

B
ut
yr
ic
,
A
sp
ar
tic
,
G
lu
ta
m
ic

ac
id
s

R
ho

do
ba

ct
er

sp
ha

er
oi
de
s
O
.U
.0
01

15
0
W
/m

2
B
at
ch

31
.5

L
H
2/
L
O
M
W

[1
66
]

B
ee
t
m
ol
as
se
s

N
D

R
ho

do
ba

ct
er

ca
ps
ul
at
us

JP
91

20
0
W
/m

2
B
at
ch

10
.5

m
ol

H
2/
m
ol

su
cr
os
e

[2
8]

B
la
ck

st
ra
p
m
ol
as
se
s

N
D

R
ho

do
ba

ct
er

ca
ps
ul
at
us

JP
91

20
0
W
/m

2
B
at
ch

8
m
ol

H
2/
m
ol

su
cr
os
e

[2
8]

B
ee
t
m
ol
as
se
s

A
ce
tic
,L

ac
tic
,F

or
m
ic
,P

ro
pi
on

ic
,

M
al
ic
,
Fu

m
ar
ic
,
an
d
Su

cc
in
ic

ac
id
s

R
ho

do
ba

ct
er

sp
ha

er
oi
de
s
O
.U
.0
01

20
0
W
/m

2
B
at
ch

0.
5
m
ol

H
2/
m
ol

su
cr
os
e,

1.
01

L
H
2/

L
cu
ltu

re

[1
67
]

Pu
re

gl
yc
er
ol

N
D

R
ho

do
ps
eu
do

m
on

as
pa

lu
st
ri
s
N
C
IM

B
11

77
4

15
0-
18

0
µ
m
ol
/

m
2 /
s

B
at
ch

34
m
L
H
2/
g
D
W

h
[1
0]

C
ru
de

gl
yc
er
ol

N
D

R
ho

do
ps
eu
do

m
on

as
pa

lu
st
ri
s
C
G
A
00

9
20

0
W
/m

2
B
at
ch

6.
1
m
ol

H
2/
m
ol

gl
yc
er
ol

[5
7]

C
ru
de

gl
yc
er
ol

N
D

R
ho

do
ps
eu
do

m
on

as
pa

lu
st
ri
s

17
5
W
/m

2
B
at
ch

6.
69

m
ol

H
2/
m
ol

gl
yc
er
ol

[1
65
]

N
D

N
o
re
po

rt
ed

da
ta

7 Hydrogen from Photo Fermentation 241



5.2 Crude Glycerol

Crude glycerol is a waste stream from biodiesel production process with high
organic content and expensive disposal cost [3, 168]. It is formed along with fatty
acid methyl ester (FAME) from transesterification reaction of oils and fats.
Production of 10 kg of biodiesel via transesterification process generates 1 kg of
glycerol [3]. Crude glycerol derived from biodiesel production process contains
high carbon content and impurities such as methanol, salts and soap; all of which
act as inhibitors to hydrogen production [3]. Many researches have used crude
glycerol as the feedstock for biofuels (e.g., hydrogen, methane, and ethanol) and
chemicals (e.g., PHB) by dark and aerobic fermentation process [3, 168–170].
However, there were a few researches that focused on conversion of glycerol to
hydrogen via photofermentative route.

The use of different nitrogen sources and crude glycerol concentrations resulted in
different values of hydrogen produced and microbial growth rates. Ghosh et al. [57]
studied the effect of nitrogen concentration and glycerol concentration on hydrogen
production from crude glycerol by R. palustris CGA009. It was found that glutamate
is a nitrogen source that supports the growth of R. palustris CGA009. However, no
hydrogen was detected when glutamate was used as a sole carbon source. Pott et al.
[10] used crude glycerol from biodiesel production process as the substrate for a
photofermentative hydrogen producer, Rhodopseudomonas palustris. Crude glyc-
erol was pretreated with solid CaCl2 at a dosage of 25 g/L. Results showed that
conversion efficiency of glycerol to hydrogen was in the range from 80 to 85%. This
range of efficiency values were similar to those reported by other researchers, e.g.,
96% by Ghosh et al. [57] and 75% by Sabourin-Provost and Hallenbeck [171].

The presence of saponified fatty acid in crude glycerol is inhibitive to the growth
of R. palustris. Although R. palustris was shown to tolerate high concentration of
glycerol, ethanol and methanol, using high concentration of crude glycerol may
affect the bacterium because it may contain also significant amount of saponified
fatty acid. Therefore, suitable concentration of crude glycerol is essential in this
case in order to obtain a high concentration of crude glycerol with no deteriorated
effect from saponified fatty acid [10]. Response surface methodology with
Box-Benkhen design was used as a tool to optimize process parameters for
enhanced hydrogen production from crude glycerol [165]. Three factors in the
study were crude glycerol concentration, glutamate concentration, and light inten-
sity. Results showed that light intensity and crude glycerol concentration had sig-
nificant effect on HY and nitrogenase activity and a maximum HY of 6.69 mol H2/
mol glycerol was obtained at the optimal conditions (Table 9). The conditions were
30 mM crude glycerol, 4.5 mM glutamate and light intensity of 175 W/m2. Light
intensity was the most important factor that influenced nitrogenase protein
expression and the supply of energy electrons and ATP through photofermentative
pathway.
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5.3 Palm Oil Mill Effluent (POME)

POME is a wastewater from milling process of palm fruit and it is the most
pollutant from agro-industrial sector. POME contains high concentrations of
organic carbon, nitrogen, suspended solid, heavy metal, oil and greases [163]. High
level of organic carbon resulted in high COD and biochemical oxygen demand
(BOD) values. The COD value of POME is around 84,450 mg/L [46]. However,
the dark color of POME inhibits a successful hydrogen production. Therefore, an
approach to reduce the color of POME was conducted by diluting 25% (v/v) of
POME with 75% (v/v) of pulp and paper mill effluent (PPME) before being used as
the feedstock for photofermentative hydrogen production by R. sphaeroides
NCIMB 8253 (Table 9) [46]. Ultrasonic pretreatment with various amplitudes and
durations were applied to pretreat this combined substrate. Results suggested that
ultrasonic pretreatment enhanced bioavailability of organic matters, from which
hydrogen production was enhanced. Biohydrogen production was improved from
467 mL H2 in control experiment with no ultrasonication to 827.4 mL H2 when
pretreating the substrate with ultrasonication at 70% amplitude for 45 min. The
improvement was due to an increase in CODsoluble/CODtotal value of the substrate
from 0.25 to 0.85. Ultrasonication can breakdown the organic matters in substrates,
resulting in an improvement of substrate bioavailability. Moreover, dilution of
POME with PPME reduced the turbidity of POME and increased the light distri-
bution during photofermentative hydrogen production process.

5.4 Olive Mill Wastewater

Olive oil production is the most important industry in the Mediterranean region,
which accounts for 95% of worldwide olive oil production [166]. Extraction of
olive fruits generated olive oil as the product and the effluent from the extraction
process was called olive mill wastewater (OMW). This effluent has dark color and
high organic matters. It is regarded as pollutant due to its high COD and BOD
values that could be up to 200 g/L and 100 g/L, respectively [166, 172]. Moreover,
it contains recalcitrant compounds such as polyphenols. Release of OMW without
any pretreatment is not possible. Many researchers have focused on utilization of
OMW as a substrate for photofermentative hydrogen production due to its high
content of organic acids such as acetic acid, aspartic acid, glutamic acid [166, 172].
An attempt has been made by Eroğlu et al. [166] to reduce biorecalcitrant com-
pounds in OMW such as phenol and color by using clay pretreatment. The pre-
treatment resulted in increasing light transmission during photofermentative
hydrogen production due to its high color removal efficiency (65%). It also effi-
ciently removed phenol (81%) and COD (31%) from OMW. The clay-pretreated
OMW was used as the substrate for photofermentative hydrogen production by
Rhodobacter sphaeroides O.U.001. The maximum hydrogen production of 31.5 L
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H2/L OMW was obtained. This value was twice of that obtained using OMW
without pretreatment (16.5 L H2/L OMW). Clay may also reduce nitrogen content
in the media causing low C/N ratio which led to an enhancement in nitrogenase
activity and hydrogen production.

The effect of OMW compositions on photofermentative hydrogen production
was investigated by Eroğlu et al. [173]. OMW from different processes were
compared. The maximum hydrogen production potential of 19.9 m3/m3 was
obtained when using raw OMW from traditional process. Highest light conversion
efficiency (0.33%) was evident when using raw OMW from a process that involved
centrifugation, mainly due to its brightest color. The highest hydrogen production
potential was obtained from the OMW with the highest organic content (consisted
mainly of acetic acid, aspartic acid and glutamic acid) and highest molar C/N ratio
of 73.8. These medium characteristics favor photofermentative hydrogen produc-
tion by PNSB. On the other hand, if an OMW sample had a low level of C/N ratio,
supplementation with other waste stream containing high carbon content such as
algae biomass or domestic wastewater, could be a good option to increase C/N ratio
in order to enhance hydrogen production.

5.5 Sugar Industry Wastewater

Beet molasses and blackstrap molasses are the effluents from sugar refinery pro-
cesses. Beet molasses is the byproduct obtained from refining of sugar beet and
typically contains 50% (w/w) sucrose and small amount of amino acids and organic
acids. Blackstrap molasses is the byproduct from sugarcane refining process. It
consists of 50% sugar content, of which are 36% sucrose, 6% fructose and 3%
glucose. High sugar content in beet and blackstrap molasses made it the promising
substrates for biohydrogen production. The hydrogen production from beet
molasses and blackstrap molasses using Rhodobacter capsulatus JP91 was inves-
tigated by Keskin and Hallenbeck [28]. The effect of initial sugar concentration on
hydrogen production was investigated. Increase in initial sugar concentration
greater than 1 g/L resulted in a decrease in hydrogen production from 64 to 27 mL
H2 when using beet molasses. Different result was observed when using blackstrap
molasses where hydrogen production increased with an increase in sugar concen-
tration from 1 to 2 g/L. At 1 g/L molasses, maximum HY of 10.5 mol H2/mol
sucrose was obtained from beet molasses. A lower maximum HY of 8 mol H2/mol
sucrose was obtained from blackstrap molasses (Table 9). This study showed that
beet molasses and blackstrap molasses are the good feedstocks for photofermen-
tative hydrogen production. However, sugar concentration in production medium
should be kept below 2 g/L since higher sugar concentration appeared to be toxic to
microorganisms. In addition, dilution is required to reduce the color of raw mate-
rials and to increase light penetration.

Sugar beet molasses was used as the substrate for biohydrogen and
5-aminolevulinic acid (5-ALA) using Rhodobacter sphaeroides O.U.001 (DSM
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5864) [167]. Dilution of sugar beet molasses was necessary in order to reduce the
color and viscosity of the raw material. The dilution makes the molasses suitable for
photofermentative hydrogen production due to improvement in light penetration.
Apart from the main composition of 50% sucrose, beet molasses also contains
various organic acids including 42.24 mg/L lactic acid, 16.91 mg/L acetic acid,
9.59 mg/L formic acid, 8.7 mg/L succinic acid, 5.94 mg/L malic acid, 4.94 mg/L
propionic acid and 0.61 mg/L fumaric acid. Among those acids, lactic acid and
malic acid showed a positive effect on hydrogen production while succinic acid had
a positive effect on 5-ALA production.

In addition to reduction in color and viscosity, dilution of raw material also
reduced the level of ammonium content in beet molasses. In the study, ammonium
content could be reduced to a level lower than the suppression level of 2 mM. This
result suggested the benefit of dilution in alleviating the negative effect of ammo-
nium salts on photofermentative hydrogen production. Moreover, dilution also
reduced phenol content in sugar beet molasses to the level below its suppressive
level. However, dilution caused the level of molybdenum (Mo2+) and iron (Fe2+) to
be too low to support the hydrogen production and the supplementation would be
required. Mo2+ and Fe2+ are required for hydrogen production because both ions are
the components in the main structure of Mo-nitrogenase which is responsible for
hydrogen production in R. sphaeroides. By using various sugar concentrations
between 3 and 28 g/L, hydrogen production by R. sphaeroides O.U.001 increased
with increasing sugar concentration. The highest hydrogen production of 1.01 L H2/L
culture was obtained at the sugar concentration of 28 g/L.

5.6 Dairy Wastewater

Wastewater from dairy industry contains high organic content with COD values
ranged from 5 to 50 g O2/L. Main compositions in waste stream are remaining
milk, fat and whey [13]. Untreated waste stream is normally released directly to
rivers. Although, it is degradable in the environment, it consequently drops the pH
value of water surface. Therefore, conversion of dairy waste stream to value-added
chemicals or biofuel is a suitable option. Photofermentative hydrogen production
from dairy wastewater of various concentrations between 5 and 60% (v/v) using
Rhodobacter sphaeroides O.U.001 (ATCC 4919) was conducted in batch mode
[13]. Hydrogen production from raw diary wastewater was unsuccessful because
dairy wastewater contained normal flora and its low pH (pH 4.27) suppressed the
photosynthetic bacteria. Filtration and sterilization at 120 °C for 20 min were
carried out to treat the raw dairy wastewater. Thermal sterilization killed normal
flora that is responsible for hydrolysis of organic compounds to undesirable
products. By adjusting the pH of the same dairy wastewater to almost neutral,
hydrogen production was successful. Dairy wastewater concentrations of up to 60%
(v/v) were applied for hydrogen production by R. sphaeroides O.U.001 (ATCC
4919) under 9000 lux illumination. Increase in wastewater concentration up to 40%
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enhanced hydrogen production using both sterile and non-sterile wastewaters.
Further increase to the highest concentration of 60% (v/v) resulted in inhibition on
hydrogen production. At high wastewater concentration, nitrogen content in the
form of NH4

+ increases and causes the reduction in nitrogenase activity. The
highest hydrogen production of 3.23 L H2/L medium was obtained at 40% (v/v)
wastewater, 0.36 g DW/L inoculum and 9 klux illumination.

5.7 Soy Sauce Wastewater

Soy sauce is made from fermentation of soybeans, roasted grain and brine by
Aspergillus oryzae or Aspergillus sojae. Soy sauce wastewater has dark color and
contains high concentration of organic matters. It contains 11.5% (w/v) glucose,
170 mmol/L organic acids, 2.1% (w/v) protein, 633.8 mg/L iron and 0.3 mg/L
molybdenum. Combinations of these components make it a good biodegradable
substrate [162]. Anam et al. [162] reported the photofermentative hydrogen pro-
duction using Rhodobium marinum from soy sauce wastewater (Table 9). In this
study the effect of different pretreatment methods includes dilution, neutralization,
and sterilization was performed. Soy sauce wastewater was treated by dilution,
neutralization and sterilization and the headspace of the fermentation was filled with
N2 gas. The maximal cumulative hydrogen production reached 200 mL H2.
Addition of nitrogen gas along with yeast extract to provide extra nitrogen source
could obstruct the nitrogenase enzyme. However, carbon dioxide produced during
fermentation process could expel some nitrogen out, by which reduces its
obstruction to hydrogen production.

5.8 Brewery Wastewater

Brewery wastewater is an effluent from beer production process. It has high COD
value ranging from 0.8 to 2.5 kg/100 L. The amount of waste stream from beer
production process is enormous, i.e., approximately 300–400 L per 100 L of beer
[12]. Chemical compositions of waste depend on fermentation degree and the type
of beer produced. Normally, it composes of amino acids, proteins, organic acids,
sugars, alcohol, as well as vitamin B [12]. All compounds can be efficiently used in
biological hydrogen production [174]. Seifert et al. [13] used brewery wastewater to
produce hydrogen by using Rhodobacter sphaeroides O.U.001 (ATCC 4919)
cultivated in 12 h–12 h light-dark cycle under 9 klux illumination. Raw brewery
wastewater was prepared by filtration and heat sterilization to remove yeast cells
and solid sediments which helped enhancing hydrogen production. Thermal pre-
treatment had shown to provide better access of light in the photofermentation
process using brewery wastewater and consequently resulted in better hydrogen
production. Influence of nitrogen concentration on hydrogen production using 5%
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(v/v) of brewery wastewater was investigated. Results showed that hydrogen pro-
duction was very similar (1.5–1.7 L H2/L medium) when using the medium con-
taining 0–0.72 g/L sodium glutamate. These results suggested that there was
sufficient nitrogen in 5% (v/v) of brewery wastewater to support the growth of the
bacteria. In addition, the presented concentration did not influence the production of
hydrogen.

Further investigation in varying the brewery wastewater concentration from 1 to
20% (v/v) showed that increasing the wastewater concentration for up to 10% (v/v)
resulted in increases in hydrogen production from 0.86 to 2.24 L H2/L medium and
HY from 0.009 to 0.22 L H2/L waste (Table 9). However, further increase in
wastewater concentration resulted in a significant decrease in hydrogen production.
At 20% (v/v) wastewater, HY reduced by half and longer lag time was observed
due to an inhibition effect from nitrogen compound (1.5 mmol NH4

+/L). Under this
condition, activity of nitrogenase enzyme also dropped. The best hydrogen pro-
duction was obtained when using 10% (v/v) wastewater, resulting in 2.24 L H2/L
medium, the yield of 0.22 L H2/L waste and the light conversion efficiency of 1.7%.
In the same study, effect of light-dark period was also investigated. During the dark
period, there was no hydrogen production in all concentrations used but a slightly
increase in biomass was observed. It was concluded that the photosynthetic bacteria
strictly required light for their growth and hydrogen production while they survived
under dark condition.

5.9 Tofu Wastewater

Tofu or bean curd is popular in many Asian countries. In its production process, the
coagulated soy milk was pressed to obtain blocks of bean curd. Wastewater from
the production usually contains reducing sugar, sucrose, starch, protein and volatile
acids. COD and total organic carbon (TOC) of the wastewater are 27,400 and
8,810 mg/L, respectively. High concentration of organic contents makes it a suit-
able substrate for biological hydrogen production. Zhu et al. [161] studied hydrogen
production from tofu wastewater using entrapped R. sphaeroides (Table 9). The
bacterium was entrapped in agar gel to prevent inhibition by NH4

+. The use of
single culture of entrapped R. sphaeroides was also compared with the use of
entrapped co-culture of R. sphaeroides and Clostridium butyricum. The single
entrapped culture resulted in 305 mL hydrogen per cultivation vessel, while the
co-culture resulted in higher production of 358 mL hydrogen. HY of the co-culture
was also superior at 2.2 mL/mL wastewater, compared to 1.9 mL/mL wastewater
obtained from single culture. Although superior hydrogen production was observed
when using the entrapped co-culture, NH4

+ consumption during hydrogen pro-
duction was faster in entrapped R. sphaeroides as NH4

+ is a preferable nitrogen
source for growth of photosynthetic bacteria. The preference led to a faster growth
of R. sphaeroides when compared with that of C. butyricum.
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Regardless of lower hydrogen production, entrapped R. sphaeroides has a higher
TOC removal efficiency than the entrapped co-culture (40% vs. 32%). C. butyricum
in co-culture favors the conversion of organic compounds to volatile organic acids
while R. sphaeroides favors the conversion of organic compounds to CO2, hence
better COD removal. Dilution of tofu wastewater for up to 50% improved both HY
(4.32 mL/mL-wastewater) and TOC removal efficiency (66%) when using
entrapped R. sphaeroides. While dilution improved the performance of entrapped
single culture, TOC removal efficiency by the co-culture did not show any
improvement with increasing wastewater concentrations. The result implied that
inhibitory compounds in wastewater had more impact on hydrogen production by
R. sphaeroides than did NH4

+. Mutation of R. sphaeroides by deletion of glutamine
synthetase gene was conducted to overcome the repressive effect of NH4

+ on
hydrogen production by repressing the activity of nitrogenase through glutamine
synthetase which is the key enzyme in the assimilation of NH4

+ [175]. The
mutation process resulted in 2.79-fold decrease in glutamine synthetase activity.
The mutant showed high hydrogen production activity in the presence of 15 mM
NH4

+ but no hydrogen production activity was observed in wild type. The
hydrogen production by the mutant was not different from the wild type under
cultivation without NH4

+ addition.

5.10 Agricultural Biomass

Agricultural biomass is considered a major waste stream due to its abundance in
nature and low cost [28]. It consists of complex carbohydrates such as cellulose and
hemicellulose which can be hydrolyzed to simple C6 and C5 sugars by various
methods. These simple sugars can be further converted to hydrogen by anaerobic
and photosynthetic bacteria. However, the operation cost involving pretreatment
and hydrolysis steps prior to biohydrogen production becomes the main concern in
using agricultural biomass [7].

Types and Compositions of Agricultural Biomass
Agricultural biomass is the major renewable carbon source that can be used for
energy production. It can be categorized into food crops, non-food biomass which
is mainly agricultural wastes, grass, weed and animal waste. In general, all types of
agricultural biomass, except food crops, are the preferred feedstocks for hydrogen
production by dark fermentation process. However, some literatures have reported
the potential of these feedstocks for photofermentative hydrogen production.
Composition of agricultural biomass varies among different species. Some exam-
ples of chemical composition in agricultural biomass are illustrated in Table 10.

The main components in non-food biomass are cellulose and hemicellulose. Its
low lignin content makes them more favorable for bioenergy production. Cellulose
is a polymer of glucose linked by beta-1,4-glycosidic linkage. Hemicellulose is a
branched copolymer of pentose, hexose sugars and uronic acids [185, 186].
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Crystalline cellulose is more resistant to hydrolysis than amorphous cellulose and
hemicellulose. Lignin is a polymer of aromatic alcohols and it is the most recal-
citrant component of lignocellulose. Inside lignocellulose complex, cellulose retains
the crystalline fibrous structure and it appears to be the core of the complex.
Hemicellulose is positioned both between micro and macro fibrils of cellulose.
Lignin strengthens the matrix in which cellulose and hemicellulose is embedded
and acts as microbial barrier in bioenergy production process [185, 186]. Strong
structure of lignocellulose makes it difficult to directly use as substrate in the
bioenergy production. Pretreatment of lignocellulose would be needed to weaken
the structure and improve its degradability.

Photofermentative Hydrogen Production from Agricultural Biomass
Most of photofermentative hydrogen production from agricultural biomass by
PNSB involves utilization of simple sugars obtained from pretreatment of the
complex biomass. Depolymerization of cellulose and hemicellulose to simple
sugars, such as glucose, xylose and arabinose, is the important step for biohydrogen
production from agricultural biomass. Simple sugars serve as substrates for PNSB
in hydrogen production. In addition, pretreatment step also removes lignin com-
ponents which prevent its inhibition on PNSB.

Pretreatment methods may be categorized into three groups: physical, chemical
and biological pretreatments. Physical pretreatment aims to reduce particle size of
biomass and increase the reaction surface between celllulase and crystalline cel-
lulose. Examples of physical pretreatment include grinding, steam-explosion,
extrusion, hydrothermolysis and irradiation. Common chemicals that are employed
in chemical pretreatment are acids, bases and ionic liquids. Acid pretreatment
degrades hemicellulose structure, resulting in soluble sugars and lignin in liquid
phase. Pretreatment by alkaline promotes swelling of the biomass structure by
which leads to an increase in internal surface area of the biomass. It also reduces
biomass crystallinity. Biological pretreatments are those involved the use of

Table 10 Chemical composition of some agricultural biomass

Agricultural biomass Compositions References

Cellulose (%) Hemicellulose (%) Lignin (%)

Non-food biomass

Rice straw 32–47 19–27 5–24 [176, 177]

Wheat straw 33–38 26–32 17–19 [176, 177]

Corn stover 33–37.5 28–30 8.4 [176, 178]

Sugarcane bagasse 33–45 23–35 4.31–30 [66, 176, 179]

Oil palm trunk 30.6 33.2 3.8 [180]

Oil palm fruit bunch
(OPEFB)

43 30 Not applicable [181]

Grass and weed

Napier grass 32–34 17.36–20 9–32.04 [182, 183]

Water hyacinth 28 39 14 [184]
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enzymes either as solution or pretreated with microorganisms such as fungi [187].
Biological pretreatment aims to hydrolyze polymeric component of biomass.

Pretreatment of biomass yielded end products into 2 phases; liquid hydrolysate
and solid residue. Hydrolysate comprises of mainly glucose and xylose. Small
amount of arabinose is also detected. These sugars are solubilized from hemicel-
lulose fraction of the biomass [188]. Solid residue is cellulose fraction of the
biomass. It can be subsequently hydrolyzed to glucose which could be used further
in production of bioenergy. Pretreatment of agricultural biomass for use in hy-
drogen production has been a focus in studies using dark fermentation pathway
[189]. Fewer studies were reported on using agricultural biomass in photofer-
mentative hydrogen production. Some examples were summarized in Table 11.

Jiang et al. [190] hydrolyzed corn stalk pith with commercial cellulase for use in
photofermentation to produce hydrogen using photosynthetic microbial consortium.
Maximum HY of 2.61 mol H2/mol sugar consumed was obtained at an initial pH of
7 and biomass concentration of 0.18 g/L. In addition, hydrogen was mainly pro-
duced via acetic acid production pathway in the first 24 h. The butyric acid pro-
duction pathway dominated the hydrogen production for the next 72 h. Corn stalk
pith was also used as substrate in the study by Liu et al. [122]. The photofer-
mentation from enzymatic hydrolysate was carried out in a baffled photofermen-
tation reactor by photosynthetic bacteria HAU-M1. Increasing organic loading rate
(OLR) from 3.3 to 20 g/L d resulted in an increase in HY from 64.13 to
148.65 mol/m3 d. However, further increase of OLR above 20 g/L d caused a
decrease in HY. The same bacterium (HAU-M1) was also used for hydrogen
production from apple waste. The maximum specific HY (SHY) of 111.85 mL H2/g
total solid (TS) was achieved at an initial pH of 7.14, light intensity of 3029.37 lux,
30.46 °C and material to liquid ratio of 0.21 [196].

Various biomasses; corn cob, corn stover, sorghum stover, rice straw and soy-
bean stalk, were compared for their hydrogen production potentials. They were
pretreated using immobilized cellulase and the hydrolysates were used in biohy-
drogen production by isolated photosynthetic bacterial consortium [178]. Due to
different concentrations of reducing sugar obtained from pretreatment of the bio-
masses which ranged between 278.4 and 505.6 mg/g, different hydrogen produc-
tion was resulted. Maximum hydrogen production of 230.09 mmol/L was obtained
from corn cob hydrolysate owing to the highest reducing sugar obtained from the
pretreatment. Similar comparison study was also carried out by Jiang et al. [193].
Wheat straw and corn cob hydrolysates were used as substrates in hydrogen pro-
duction by photosynthetic consortium. Different hydrogen production was also
resulted in this study. Therefore, different composition of cellulose and hemicel-
lulose in raw materials is a crucial factor, responsible for different sugar concen-
trations in the enzymatic hydrolysate in which resulted in different hydrogen
production.

The photosynthetic bacterial consortium and corn cob hydrolysate from Zhang
et al. [178] was also used in continuous hydrogen production in a baffled
photofermentative bioreactor [195]. The results revealed that hydrogen production
increased rapidly as hydraulic retention time (HRT) decreased from 72 h to 24 h.
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Maximum hydrogen production of 589.21 mmol/L and hydrogen production rate
(HPR) of 6.98 mmol/L.h were obtained at a HRT of 24 h. When further decreased
the HRT to shorter than 24 h, hydrogen production decreased. The decrease was
caused from removal of microbial biomass due to short HRT and insufficient
contact time that is required for the bacteria to acclimate to the environment.
Therefore, HRT is a major factor affecting the performance of continuous biohy-
drogen production [195].

Kapdan et al. [192] investigated hydrogen production from wheat straw
hydrolysate by using Rhodobacter sphaeroides RV, R. sphaeroides NRLL, and
R. sphaeroides DSZM. Among the three species, R. sphaeroides RV produced the
highest hydrogen volume at 178 mL H2 and production rate of 3.69 mL H2/h.
Significantly lower hydrogen production and yields were resulted from the other 2
strains. This study has emphasized that bacterial strain is a primary factor
responsible for hydrogen production efficiency.

A study on effect of different pretreatment methods on biohydrogen production
from wheat straw using Rhodobacter capsulatus PK was carried out by Shahzad
et al. [9]. Pretreatment methods influenced the hydrogen production by the bac-
terium. Maximum hydrogen production of 712 mL/L was obtained when combi-
nation of ammonia pretreatment and enzyme hydrolysis was used as the
pretreatment method. The use of dilute acid pretreatment with or without detoxi-
fication resulted in lower hydrogen production when compared with the combi-
nation methods. Acid pretreatment alone was inferior when compared with
enzymatic pretreatment due to its low sugar contents and the presence of inhibitors
such as acetic acid, hydroxymethylfurfural (HMF) and furfural. Removal of inhi-
bitors by adding NaOH (detoxification) slightly enhanced the ability of photosyn-
thetic bacteria to convert sugar into hydrogen. According to the results from this
study, selection of pretreatment methods based on the compositions inside ligno-
cellulosic biomass is critical for the success in photofermentative hydrogen
production.

Apart from aforementioned importance of pretreatment, other concerns in
hydrogen production from hydrolysate of agricultural biomass by photofermenta-
tive bacteria are the excess of fine particles, inhibitive substances and nitrogen
content. The presence of inhibitors such as furfural and HMF inhibits hydrogen
production via both dark and photofermentation processes [188]. However, the
presence of acetic acid positively affects photofermentative hydrogen production
but acts negatively in dark fermentation. Furan derivatives inhibit enzyme activity
and cell growth. They cause mutation in bacteria and DNA damage affects fer-
mentation pathways. Therefore, removal of toxic substances is required for
enhanced hydrogen production. Several approaches such as alkaline and electro-
chemical detoxification have been applied to remove those inhibitors resulting in
higher hydrogen production and yield [197].

Chemical pretreatment of agricultural biomass generates hydrolysate with fine
particles. These particles have large impact on light penetration into hydrogen
production medium. They reduce light penetration and cause the fouling of pho-
tobioreactor’s transparent surface. Antifouling is essential for improvement of
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photofermentative hydrogen production. Some agricultural biomasses contain
proteins and amino acids which could be hydrolyzed to ammonium ions (NH4

+)
under anaerobic and alkaline conditions [7, 8]. Ammonium ions can inhibit the
activity of nitrogenase enzyme [198]. Removal of ammonium ions by adsorption
using substances such as zeolite [198] or conversion of ammonium ions to nitrate
forms are needed to prevent inhibitory effect of the ions on photosynthetic bacteria
during photofermentative hydrogen production.

Hydrogen production from hydrolysate of oil palm empty fruit bunch (OPEFB)
by R. sphaeroides S10 was investigated by Pattanamanee et al. [181]. Pretreatment
of OPEFB by dilute sulfuric acid at 120 °C for 15 min was carried out to release
fermentable sugars. The hydrolysate of OPEFB contained primarily xylose with
small amounts of acetic acid and glucose. R. sphaeroides S10 consumed all of three
carbon sources but only glucose and xylose were used in hydrogen production.
Acetic acid involved only in biomass production. Furthermore, influences of five
factors (yeast extract, molybdenum, magnesium, EDTA and iron concentrations) on
hydrogen production were examined statistically. All factors showed significant
effect on hydrogen production. Magnesium concentration had a strong effect
because it is a component in bacteriochlorophyll structure. Magnesium limitation
directly influences the synthesis of bacteriochlorophyll and subsequently impacts
photosynthesis and hydrogen production. Effects of molybdenum and iron on
hydrogen production were due to their presence in nitrogenase structure. Yeast
extract acts as the source of essential vitamins for photofermentation bacteria.
EDTA is a chelator of iron ions (Fe+2). Removal of iron ions by adding EDTA (iron
chelation) decreases the activity of hydrogenase [199]. The optimum medium
supplementation for hydrogen production in this study were 0.3 g/L yeast extract,
1.45 mg/L molybdenum, 2.46 g/L magnesium, 0.02 g/L EDTA, and 11 mg/L of
iron concentrations. Under this condition, the maximum HPR was 22.4 mL H2/L h
with a specific hydrogen production rate of 7.0 mL H2/g h and 29% substrate
conversion efficiency.

6 Bioreactors for Photofermentation: Suspension Culture

A number of studies have been carried out in suspension systems. To achieve stable
and continuous hydrogen production, a large number of photobioreactors have been
developed. Such photobioreactors are composed of the reactor main body, an
illumination system, a stirring system, a temperature control system, and a
hydrogen purification and collecting system. Generally, photobioreactors are closed
systems to ensure anaerobic conditions because biohydrogen is produced by pho-
tosynthetic bacteria that are very sensitive to N2 and O2; hence, closed systems are
advantageous to maintain pure photofermentation and to collect produced
hydrogen.

Closed photobioreactors are mainly divided into two categories: suspension
culture photobioreactors and static culture flasks. Suspension culture
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photobioreactors have several advantages over static culture photobioreactors [200–
202]. First, suspension culture systems facilitate the large-scale expansion of mi-
croorganisms in a homogeneous culture environment, decreasing the risk of culture
variability. Second, it is also less labor-intensive to control and monitor the culture
conditions, including temperature, light intensity, pH, and substrate level. Third,
suspension culture photobioreactors also facilitate cell seeding because of the
stirred culture environment, which is a further advantage over the use of static
culture bioreactors. Although suspension culture photobioreactor use is promising,
the performance of these photobioreactors is still very poor owing to the limited
light [203, 204].

Undesirable light conditions in photobioreactors are mainly due to the following:
(1) Since biohydrogen production and collection need anaerobic conditions, it is a
prerequisite to have an enclosed system [205, 206]. Hence, when light is incident on
the outer surface of a photobioreactor (common construction materials, such as
glass, polymethyl methacrylate, polycarbonate, and low-density polyethylene, are
the most widely used), although there may be good light transmission efficiency,
some light is reflected and scattered at the surface, and some is absorbed by the
material of the reactor wall, causing a decrease of total transmitted light into the
photobioreactor. (2) Photosynthetic bacteria create a self-shading effect resulting in
light attenuation by substrates and products, limiting light penetration into the
depths of the photobioreactor [207]. Consequently, maximum photobioreactor
depth is limited and large areas have limited light. (3) The efficiency of photo-
synthesis is significantly affected by the light-receiving area of the cultivation
apparatus; however, it is difficult to increase the light-receiving area or utilization
efficiency of light per occupying area, thus the structure of the photobioreactor is
very important to enhance the performance of biohydrogen production.

To enhance the light intensity in photobioreactors and improve the conversion
efficiency of light energy, a promising method is to increase the ratio (A/V) of surface
area (A) to volume (V) of the photobioreactor. The A/V ratio is a key factor in
determining the total amount of light energy per unit volume of reactor: a high A/V
can cultivate high concentrations of biomass and thus achieve a high volumetric
efficiency. To obtain a high A/V ratio, different photobioreactors have been devel-
oped to increase hydrogen yield. In the last 30 years, photobioreactors for hydrogen
production have included the following categories: tubular bioreactors, plate type
bioreactors, optical fiber bioreactors, and other types of bioreactors.

6.1 Tubular Photobioreactors

Fully closed tubular bioreactors are potentially attractive for the large-scale culture
of microorganisms free of contaminants. These photobioreactors may be the first
and simplest type developed for photofermentation. A tubular reactor generally
consists of one or multiple transparent tubes with inner diameters ranging from 3 to
6 cm, and lengths ranging from 10 to 100 m. To effectively capture light energy,
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the structure of a tubular photobioreactor is usually designed as vertical and hori-
zontal cylinders [208–211].

Vertical Tubular Photobioreactors. For large-scale outdoor photofermentation
systems, closed photobioreactors allow greater control over the physical, chemical,
and biological environment of the cultures compared with open pond systems. In
closed photobioreactors, vertical and horizontal tubes are constructed from low
cost, commercially available glass or polymethyl methacrylate (PMMA). Vertical
tubular photobioreactors (VTPs) have the inherent advantage of allowing contin-
uous gassing of the cultures compared to horizontal or serpentine reactors because
VTPs can enhance the efficiency of gas transfer, improving culture mixing and
inhibiting the adhesion of cells on the surface [212]. VTPs are mainly composed of
a gas meter, gas solid separator, light source, mixer, and peristaltic pump. The
photobioreactors have a hole at the bottom and two holes at the top. During reactor
operation, the culture medium is pumped in through the hole at the bottom.
Through the gas solid separator, the generated gas is discharged and collected by
the central hole at the top, while the culture is withdrawn or drained by using the
other hole at the top. A typical VTP employed to produce hydrogen by photofer-
mentation is shown in Fig. 3.

The photobioreactor system shown in Fig. 3 consists of five vertical Pyrex glass
tubes (the length and diameter are 75 cm and 2.8 cm, respectively), and the total
working volume is about 1.6 L arranged in a circular sequence. The artificial light
source is provided by 200 W tungsten filament lamps, and the light intensity in the
middle of the circle is about 190 W/m2. The produced hydrogen gas is collected
from the top. The volume of total gas production is measured by the gas meter, and
the hydrogen concentration is analyzed using a gas chromatograph. During
experiments, the temperature and pH values are 31 °C and 5.5, respectively, and the

Fig. 3 Schematic diagram of the vertical tubular photobioreactor for hydrogen production
(adapted from [209], Copyright 2014, with permission from Elsevier)
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HRT is in a range of 0.4–4.0 h. Tawfik et al. [209] discovered that when the PNSB
Rhodopseudomonas palustris was employed and the bioreactor was operated at a
light intensity of 190 W/m2, the HRT was 0.9–4.0 h; the hydrogen production rate
significantly increased with the increasing HRT in a range of 0.9–2.5 h, and the rate
increased to 3.05 ± 0.19 L/d; thereafter, the rate slightly increased when increasing
the HRT up to 4.0 h.

Horizontal Tubular Photobioreactors. Although vertical tubular photobiore-
actors have some advantages, they have a lower photon flux density on their surface
that penetrates less into the culture. Horizontal tubular photobioreactors can obtain
a higher biomass concentration and hydrogen production performance because they
receive a higher photon flux density. In a typical arrangement, the tubes are placed
parallel to each other and are level with the ground. The solar collector tubes, which
have a similar shape of the light gradient in most designs, are usually made of
plastic or glass and are laid horizontally on a supporting frame to form a helical coil.
To increase the number of tubes per unit area, horizontal, parallel straight tubes are
arranged like a fence. The tubes are always oriented north-south because more solar
energy can be received when the reactor is placed in that orientation, and the
productivity is higher than that in an east-west facing orientation. A typical hori-
zontal tubular photobioreactor used for outdoor hydrogen production is shown in
Fig. 4.

Figure 4b, shows a photobioreactor reported by Scoma et al. [210] and Adessi
et al. [211] that consists of 10 parallel glass tubes (length 2 m, internal diameter
4.85 cm) connected by PVC U-bends with watertight flanges, and the tubes are
placed horizontally in a stainless-steel basin containing a constant temperature
water bath (28 ± 0.5 °C). The illuminated area (1.52 m2) of the photobioreactor is
calculated on the basis of the tube semi-circumference, and the corresponding

Fig. 4 Tubular photobioreactor for hydrogen production. a Schematic representation of
horizontal tubular photobioreactor setup; b general view of the 50 L horizontal tubular
photobioreactor, Insert: details of the PVC pump and the degasser (adapted from [210], Copyright
2012, with permission from Elsevier, and [39], Copyright 2012, with permission from Elsevier)
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surface to volume ratio is about 30.45 m−1. The culture medium with microor-
ganisms is recycled by means of a centrifuge PVC pump equipped with three
stainless steel flat blades with an angle of 120° to each other on the propeller shaft.
The distance between the blades and the casing is 0.5 cm, the internal diameter and
height of the casing are respectively 16 cm and 6.5 cm, and the net volume of the
PVC pump without the impeller is about 1.1 L. The speed of the culture medium is
adjustable from 0.2 to 0.8 ms−1, thus yielding a Reynolds number (Re) from 12,000
to 48,000. Additional mixing of the culture medium occurs with the U bends (2 m),
which can produce a frictional effect and cause lateral acceleration in the fluid; the
acceleration can lead to a highly turbulent regime that persists in up to one half of
the total length of the tube [213]. After a cycle has been completed (the total length
of the tubular photobioreactor is about 23 m), the culture medium flows into a 2.2-L
transparent PVC cylindrical degasser. The degasser contains several hose fittings
for fresh medium additions, such as N2 bubbling, and for culture sampling and
biogas recovery. During hydrogen production experiments, the head space of the
photobioreactor, i.e., the volume above the culture level, was about 0.2 L (0.4% of
the total volume). The photobioreactor is placed in a north-south facing orientation;
the latitude and longitude at the site where it was tested were about 43°50′ north and
11°11′ east. The mixing time is measured by filling the photobioreactor with culture
medium and circulating it at a speed of 0.36 ms−1, which is the same speed used for
both the cell culture and hydrogen production experiments. Adessi et al. [211]
discovered that the hydrogen production rate was highest at 27.2 mL/L/h, and the
mean rate per illuminated surface was highest at 3.54 ± 1.53 L/m2/d when the
speed of the culture was adjusted to within 0.2 ms−1, yielding a Re of 12.000.
The R. palustris strain 42OL was employed, and the hydrogen production perfor-
mance of the photosystem was unaffected by changing light irradiance during the
day and maintained a high activity level over the whole period.

In summary, tubular reactors have been used both horizontally and vertically.
The reactors have higher A/V ratios to allow the cells to be illuminated uniformly
[214]. Moreover, tubular reactors show a high hydrogen production rate and have
enhanced solid-liquid separation rates because the associated mass transfer rate
between the liquid and the gas phase is high [215]. Their main drawback is their
geometry, which is difficult to scale up: a single column is limited in length or
height due to the increase of liquid pressure and non-optimal mixing. Increased
working volumes need high energy input because of high flow resistance in the
tube. These photobioreactors also suffer from difficulty in temperature control, high
material cost, and low light conversion efficiency.

6.2 Flat-Panel Photobioreactors

Flat-panel photobioreactors (FPPs) were first reported in the early 1950s [216].
FPPs consist of rectangular transparent boxes and can be made from transparent
materials, such as glass, plexiglass, and polycarbonate. Generally speaking, the
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appropriate thickness of FPPs is 5 cm, and this exposes cells to very short
mixing-induced light/dark cycles, which can increase hydrogen productivity; in
particular, Gilbert et al. [217] discovered that the hydrogen production rate first
increases as the thickness of the FPPs increases from 1 to 5 cm, but then decreases
beyond 5 cm. The height and width of the FPPs are flexible to some extent, but in
practice only panels with a height and width both smaller than 1 m have been
investigated. The frames of the FPPs do not need to be transparent and can be made
from sturdy materials, such as PMMA, glass, PVC, or stainless steel. The
inlet-outlets are located on the sides where required. FPPs can work indoors or
outdoors. In indoor conditions, illumination can be provided from both sides to
enhance light penetration into the inner parts of the culture medium. However,
when hydrogen production is carried out outdoors using solar irradiation, FPPs can
be either vertically placed or inclined in the direction of the sun, with light con-
version efficiencies (LCE) around 1%; the highest LCE (1.4%) is obtained by
employing purple bacteria.

Flat-panel reactors have identical configuration potential and have been reported
to be more economically feasible for the following reasons. (1) FPPs are easier to
control and keep clear of contaminants [218]. (2) Hydrodynamic and mass transfer
characterizations of FPPs with a high light path indicate that they are more efficient
than those reported for tubular photobioreactors. Their performance is also higher
than that of similar bubble column reactors under oversaturating light conditions. In
particular, Zhang et al. [195] compared the performances of three different pho-
tobioreactors (tubular, bath, and FPP) with hydrolyzed corncobs, and they found
that the FPP had the highest hydrogen yield (589.21 mmol/L) and exhibited higher
substrate conversion efficiency (40.48%) and higher sunlight utilization efficiency
than the bath reactor or tubular reactor. (3) An advantage in using FPPs is the
possibility to arrange a set of reactors so that one is behind the other, at a proper
distance, to increase the ground area productivity. To demonstrate the advantages
and working principle of FPPs, a typical flat-panel photobioreactor is shown in
Fig. 5.

As shown in Fig. 5, an FPP is manufactured of acrylic sheets at a thickness of
5 mm and has an illuminated front area of 0.2 m2. The dimensions are 0.5 m
(H) � 0.4 m (L) � 0.04 m (W). Figure 5a is a schematic diagram of the photo-
bioreactor, and Fig. 5b shows the experimental setup for hydrogen production. The
maximum culture medium that can be used is about 6.5 L in the photobioreactor
system. To enhance hydrogen production, the bioreactor is inclined h at 30° and
faced south, which can improve the light collection efficiency and inhibit the
adhesion of cells to the bioreactor surface. The FPP has six output ports on the top:
one for collecting the gas produced by the bacteria, one for argon gas exhaust, one
for argon gas flushing through a T-shaped sparger, a septum containing two ports for
gas sampling, one port for inoculation of the bacteria, and a temperature sensor
entrance. The reactor has four outlets in its right-side wall as follows: the first and
third outlets from the top are for cooling water coming in and out, respectively, the
second outlet from the top is used for the liquid sampling, and the bottom outlet is for
emptying the reactor. During experiments, the FPP is illuminated with sunlight,
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except during the first night when it is illuminated with a tungsten lamp at 150 W/m2

until hydrogen production has started. Furthermore, to improve the culture tem-
perature, a heating blanket is placed on the back face of the bioreactor and cooling
water continuously flows through a coil made of a glass tube as shown in Fig. 5a.
Experimental results show that the hydrogen production rate is highest (0.01 L/L/h)
when malate is the carbon source and Rhodobacter sphaeroides O.U.001 (DSM
5864) is employed [166].

Although FPPs have a lot of advantages, such as ground area productivity, easy
construction and modification, and suitability for base studies on light distribution
and mixing, their hydrogen production is still unsatisfactory. The main disadvan-
tages of FPPs are as follows: First, their light collection capacity is controlled by the
material and ratio of surface area to volume. Second, low light penetration occurs
via light decay along the light-path increasing as cell density grows because of a
combination of photon absorption by the photosynthetic unit and cell scattering.
Third, the mixing performance is undesirable due to limitations in mixing intensity,
especially at high cell density, resulting in poor mixing and mass transfer rates.
Thus, to further enhance hydrogen production, it is necessary to optimize the light
conditions of these photobioreactors.

6.3 Optical Fiber Photobioreactors

Although photofermentation is an effective way to produce hydrogen, photofer-
mentation systems have high power consumption and high operating costs by using
artificial light sources (e.g., LED, tungsten filament lamp, halogen lamp, or
metal-halide lamp). To decrease power consumption and operating costs, the
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Fig. 5 Flat panel photobioreactor (adapted from [166], Copyright 2008, with permission from
Elsevier); a Schematic drawing of the flat plate photobioreactor. b The photobioreactor system for
outdoor hydrogen production
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utilization of solar energy is a good choice, because sunlight is the most abundant
light source on earth and contains a full spectrum of light energy. Solar radiation
provides an energy flow of ca. 5.7 � 1024 J year−1, which is about 10,000 times
higher than the total energy consumed by human beings [219]; hence, free and
natural sunlight can be employed as the energy source for photosynthetic bacteria
during cultivation. Currently, most of the commercial photofermentation is carried
out in flat-panel photobioreactors and tubular photobioreactors, as solar light energy
is directly utilized. Although sunlight as a light source can be directly employed for
photohydrogen production, the performance of photobioreactors is still unsatis-
factory because of low light intensity (low light collection capacity due to low
surface AV ratios) and uneven light distribution. Therefore, to enhance the light use
efficiency of sunlight, increase light intensity, and improve light distribution,
optical-fiber photobioreactors with sunlight collectors have been developed [220].

Optical fibers, which are made of polymer and silica and used to transmit light
from one place to another, have been widely applied in photofermentation systems
and illumination applications. Sunlight can be collected automatically by a sunlight
collector and then transmitted by optical fibers into a photobioreactor in the labo-
ratory. Thereafter, the light in the coated fibers is diffused from the circumference of
side-light optical fibers (bare fibers) to illuminate vicinal regions. The diameter of
side-light optical fibers is generally in the range of 1.5–14 mm, and a schematic is
shown in Fig. 6. Side-light optical fibers are arranged parallel inside photobiore-
actors, and their number is determined by the working volume of the photobiore-
actor and the appropriate light intensity of the photosynthetic bacteria.

Optical-fiber photobioreactors with sunlight collectors can resolve four main
problems for photofermentation [86, 221]. (1) The light intensity and distribution in
the photobioreactor are not affected by the concentration of cells and product, but
they are controlled by the number and distribution of the optical fibers. In contrast,
for flat-plate and tubular photobioreactors, although they have high AV ratios, the
light intensity decreases exponentially with distance from the incident surface as the
concentrations of cell and product increase; uneven distribution and increased cell

(a) (b)

Fig. 6 Polymer side-light optical fiber; a schematic of the fiber; b the picture of the fiber; hc
denotes the light incident angle; n1 and n2 are the refractive index of the fiber cladding and core,
respectively

7 Hydrogen from Photo Fermentation 263



concentration also impact the light distribution. To resolve this problem, the most
common methods are to increase the intensity of the light source and optimize the
distance between the source and the reactor, which increases the temperature of the
surface. Inappropriate temperatures may result in cell damage. However, when an
optical fiber bundle is adopted, it solves the problems of light intensity, light
distribution, and heat distribution. (2) Optical fibers are employed as optical
transmission media and can effectively move sunlight from outdoors to indoors.
Furthermore, optical fiber materials can filter most UV and IR radiation, so they are
particularly suitable for photofermentation. (3) The light source is from sunlight,
thus optical-fiber photobioreactors consume little energy and are very environ-
mentally friendly. (4) Optical fibers inserted into photobioreactors can enhance the
mixing of the culture medium and photosynthetic bacteria; this means that optical
fibers can enhance the transfer of the substrate, product, light, and heat. To
demonstrate the advantages and working principles of optical-fiber photobioreac-
tors with sunlight collectors, a typical photobioreactor is shown in Fig. 7.

The photobioreactor shown in Fig. 7 is a 2.7 L glass vessel using R. palustris
WP3-5. In this system, solar-energy-excited side light optical fibers (SLOFs) and an
artificial light source (tungsten filament lamp) are employed. Here, sunlight is used
to provide the light energy at daytime; however, when the sunlight intensity does
not satisfy bacterial growth, in particular at night, artificial light sources are used.
To provide high light intensity and uniform distribution for the enhancement of
hydrogen production, two pieces of the optical fiber protected in a glass tube are
immersed into the liquid medium inside the photobioreactor. The SLOF is made of
quartz glass (the diameter and length are 11 mm and 50 cm, respectively) and

Fig. 7 Schematic description of the solar optical-fiber photobioreactors (optical fiber excited by
sunlight collecting system) (adapted from [86], Copyright 2008, with permission from Elsevier)
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excited by a sunlight collector or tungsten filament lamp. The sunlight is collected
by using Fresnel lenses and then transmitted through the fiber incident end toward
the SLOFs as shown in Fig. 6a. A light tracking system is employed to obtain the
maximum light energy from sunlight during the daytime, and each Fresnel lens can
be rotated toward the position of sun. In experiments, the illumination intensity of
the tungsten filament lamps is set at 95 W/m2. The solar-energy-excited SLOF has a
light intensity varying from 0 to 350 W/m2 depending on the weather and time. The
cumulative hydrogen production (H, mL) of the photobioreactor is evaluated by the
following Eq. (8) [86]:

H ¼ Hmax exp � exp
Rmax � e
Hmax

k� tð Þþ 1
� �� �

ð8Þ

where, Hmax, Rmax, k, and t denote the maximum cumulative hydrogen production
(mL), the maximum hydrogen production rate (mL/h), the lag time required for the
onset of hydrogen evolution (h), and the culture time (h), respectively.

Experimental results show that, when the initial cell concentration of WP3-5,
temperature, pH, and agitation rate are respectively 0.875 g/L, 32 °C, 7.1, and
200 rpm, using both the solar-energy-excited optical fiber and tungsten filament
lamps, the overall hydrogen production rate is improved to 17.86 mL/L/h. The
power consumption by combining sunlight and artificial light is about 37.1% lower
than using artificial light alone. This demonstrates that solar optical-fiber photo-
bioreactors can significantly improve hydrogen production and decrease energy
consumption.

6.4 Other Types of Photobioreactors

In addition to the above-mentioned three main types, various other photobioreactors
have been investigated, including a fermenter type as a continuous culture device
used to estimate the pathway of hydrogen evolution of Enterobacter aerogenes
strain E.82005 [222]; a floating-type photobioreactor that continuously produced
hydrogen over three months using artificial light, artificial raw wastewater, and
R. palustris R-1 [223]; a multilayered photobioreactor in which cell suspensions
and clear media layers are alternately arranged to form light paths [224]; a triple
jacketed annular photobioreactor consisting of three concentric chambers used with
R. sphaeroides OU 001 applying axial light in batch and suspension cultures [154];
and a microchannel photobioreactor to visualize the colony formation of photo-
synthetic bacteria, biomass growth, as well as biogas bubble behavior within the
microstructure [225].

In summary, in the last few decades, many types of photobioreactors for
hydrogen production in suspension culture have been exploited. The main aim of
developing different photobioreactors is to increase light energy efficiency, decrease
energy consumption, enhance substrate and product transfer, and optimize the
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distribution of light and heat. Through constant improvements, we may obtain the
high performance of hydrogen production, including a good production rate and
high stability.

7 Bioreactors for Photofermentation:
Immobilized Culture

Suspension cultures of PNSB for photofermentation may be constrained by low
biomass concentration, as bacteria can be continuously flushed out with effluents
from the reactor [226], resulting in poor hydrogen production, including low
hydrogen yield and hydrogen production rate. Biofilm techniques can effectively
solve this problem by immobilizing cells on the surface of support materials, which
greatly increases the biomass concentration. Porous glass, reactor surfaces, activated
carbon, and optical fibers have been used for PNSB immobilization. Such support
materials grown with biomass have a high sedimentation rate, thereby reducing the
washout of PNSB. Thus, biofilm attachment is considered a highly efficient tech-
nology for hydrogen production by photosynthetic bacteria [125, 227]. Biofilm
photobioreactors (BPBRs), therefore, have attracted intense interest for their
potential advantages, including high conversion yield, avoidance of biomass-liquid
separation, and dual functions of wastewater biodegradation and hydrogen pro-
duction. Although promising, the performance of BPBRs with PNSB still faces three
critical problems: limited light, low cell concentrations, and low biofilm activity
[228, 229]. To further enhance the hydrogen production performance of BPBRs,
different systems have been developed. In the last 30 years, the following categories
of biofilm photobioreactors for hydrogen production by immobilized cultures have
been reported: flat-panel biofilm, microchannel biofilm, groove-type biofilm, optical
fiber biofilm, and other types of biofilm photobioreactors.

7.1 Flat-Panel Biofilm Photobioreactors

Biofilms are composed of microbial cells and their extracellular polymer substances
(EPS), and are associated with the surface of the photobioreactor wall or support
material that has been inserted into the reactor [230]. Flat-panel biofilm photo-
bioreactors, which are made of a flat plate, have been widely used in hydrogen and
biomass production because of their simple structure, easy operation, large illumi-
nation surface area, and low cost. The construction material is glass, Plexiglas,
plastic, or another transparent material that enables light to pass inside the biofilm
because it is attached to a flat surface. Good transparency of the photobioreactor wall
enhances light transmission and can be used for non-invasive diagnostics of biofilm
accumulation, amount, and biofilm-cell reactivity. Flat-panel photobioreactors with
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good transparency are the simplest biofilm photobioreactors, and their dimensions
can be compatible with a microscope for easy focus on the biofilm. To demonstrate
the advantages and working principles of flat-panel biofilms for hydrogen produc-
tion, a typical flat-panel biofilm photobioreactor, made of PMMA and glass slides,
with immobilization of R. palustris on the surface, is shown in Fig. 8.

As shown in Fig. 8a, the flat-panel biofilm bioreactor is made of PMMA with a
thin glass slide offering a solid-carrier surface for the adsorption and growth of
bacteria (R. palustris CQK 01). A liquid distributor composed of a fixed-bed of
glass beads (4 mm in diameter) is installed at the entrance of the reactor to obtain
uniform flow distribution. The isolation plate is employed to form two flow paths
that can avoid interactions between biofilm growth processes in different regions,
allowing an investigation into the development of biofilms on different carriers. The
flow cross-section area and working volume are 18 mm � 10 mm, and 9000 mL,
respectively.

Figure 8b shows the experimental apparatus of a system consisting of a medium
container, peristaltic pump, flat-panel photobioreactor, liquid/biogas separator, and
gas collecting bottle. Sterile silicon hoses are used to connect the bioreactor to the
medium container and liquid/biogas separator. Aside from the side wall being
exposed to incident light, the external surfaces of the photobioreactor and silicone
rubber hoses are covered with aluminum foil. To better understand the effects of
operational parameters on biofilm structure and the hydrogen production, experi-
ments, including the start-up stage and mature stage, are performed. In the start-up
stage, which is undertaken to form the biofilm and achieve steady hydrogen pro-
duction, the medium in the container is continuously pumped by the peristaltic
pump to pass through the reactor and flow into the liquid/biogas separator, and then
the separated liquid returns to the medium container to avoid the loss of activated
PNSB cells. The solution in the container is replaced by fresh sterilized nutrient
culture every 24 h until a mature biofilm is reached. A mature biofilm under fixed
operating conditions is obtained when the deviations of the glucose conversion rate
and biomass concentration are less than 5% over 24 h. To study the effect of
start-up conditions on the structure of the PNSB biofilm, a substrate solution with

Liquid inlet port Liquid distributor 

Isolation plate 

Biofilm carrier 

Screw thread 
Liquid outlet port 

(a) (b) 

Fig. 8 Flat panel biofilm photobioreactor and experimental apparatus of system; a Schematic
drawing of the flat plate biofilm photobioreactor. b Picture of the experimental apparatus for
hydrogen production
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different concentrations and flow rates is supplied. The operating parameters during
start-up are as follows: the flow rate is 38–1080 mL/h and the substrate concen-
tration is 3–110 mmol/L. After the successful establishment of the biofilm, the
bioreactor is mature and the culture is continuously pumped to pass through the
reactor, and the separated liquid in the liquid/biogas separator is drained out of
the system. Hydrogen production performance evaluations are carried out under
various flow rates (30, 70, 90, and 120 mL/h) and substrate concentrations (20, 40,
60, and 80 mmol/L) during this stage. During both the start-up and mature
operations, the temperature of the substrate solution is maintained at approximately
30 °C. Monochromatic LED lamps with main wavelengths of 590 nm are chosen
as the light source, and the illumination intensity is adjusted to 5 klux. To maintain
the anaerobic conditions, the reactor and silicone hoses are filled with substrate
solution, and the headspace of the medium container is purged with argon.

The experimental results show that mature biofilms formed at a low flow rate
and high substrate concentration have a looser structure, which affects the hydrogen
production performance during the mature stage. Biofilms formed at a flow rate of
228 mL/h and substrate concentration of 60 mmol/L exhibit the highest dry weight
and optimally porous structure, which is beneficial not only for hydrogen removal
but also for glucose diffusion into the biofilm, thus significantly boosting produc-
tion performance. This work serves as a guide for determining practical operating
conditions for biofilm photobioreactors.

7.2 Microchannel Biofilm Photobioreactors

Although a flat-panel biofilm photobioreactor has a very simple structure and can be
used for the online monitoring of biofilm development, biofilms have difficulty
attaching to smooth surfaces, such as PMMA and glass. Furthermore, the hydrogen
production of the immobilized bacteria (PNSB) is also limited by difficulties in light
penetration and the transport of the substrate and product [149]. To maintain a high
hydrogen production rate and high transfer rate of the substrate, support materials
with appropriate spaces for immobilizing bacteria as well as sufficient light pene-
tration are required. Thus, transparent gel granules, silicon chip-based microreactor
photobioreactors, and polydimethylsiloxane (PDMS) microchannel photobioreac-
tors have been developed. Transparent gel granules are a suitable solid support
matrix for PNSB immobilization because many interconnected pores exist in its
structure [225], forming microchannels for the supply of the substrate and the
removal of products. A typical microchannel biofilm photobioreactor with immo-
bilized R. palustris in polyvinyl alcohol (PVA)-boric acid gel granules is shown in
Fig. 9. In Fig. 9a, b, gel granules using PVA as a solid support matrix are shown to
be adequately porous, and the pores are mutually connected. There are many cells
firmly attached to the surface of the solid support matrix. These stable network
matrices can create a biocompatible environment that provides mechanical and
chemical stability. Remarkably, the diameters of the pores are greater than the
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thickness of the wall, resulting in a huge specific porosity and surface area in the
PVA-PNSB gel granules. The huge porous microstructure of the gel matrices
provides ample room for bacterial growth; this helps them overcome the problem of
disruption caused by bacterial growth. In addition, the porous microstructure
facilitates the transfer of substrate, water, and products (H2 and CO2). These two
features make it possible to continuously operate PVA-PNSB gel granules.

Although microchannel biofilm reactors employing PVA-PNSB gel granules
have many advantages as mentioned, the transport processes of the substrate and
the products as well as the metabolism of the microorganisms are extremely
complicated due to the complex porous microstructure and uneven distribution of
cells. In a typical PVA-PNSB gel granule, PNSB consume organic substrate for
their growth and metabolism while producing hydrogen and other products.
Photobiohydrogen generation in the interior of the granule is a process involving
the transfer of organic substrate, photons, and other products, creating a compli-
cated microenvironment in which liquid, gaseous, and solid phases coexist. In this
situation, the counter-transport of substrate, product, and protons becomes critical
for the metabolism of PNSB. However, there is limited information concerning
these phenomena and their mechanism in the microchannels of PVA-PNSB gel
granules. This is mainly due to the difficulty in directly observing PNSB growth and
hydrogen production resulting from the complexity of the immobilized granule
shape and reactor structure. To understand the micro-behavior and mass transfer of
PNSB in immobilized cultures and to enhance hydrogen production, it is important
to develop a suitable microchannel photobioreactor. Thus, visualizable PDMS
microchannel photobioreactors and visualizable silicon chip-based microreactors
have been developed, and they can be used to observe the adsorption and film
formation of PNSB. To demonstrate visualized colony formation, mass transfer,
and biogas formation in the microstructure, a typical visualizable PDMS
microchannel photobioreactor is shown in Fig. 10.

Fig. 9 Structure of the PVA-PNSB gel granules and experimental system of the biofilm
photobioreactor systm (adapted from [149], Copyright 2009, with permission from Elsevier);
a and b scanning electron microscope studies of the immobilized PVA-PNSB gel granules:
(a) 3000� , (b) 10,000� ; (c) Schematic diagram of the photobioreactor system
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As shown in Fig. 10a, the photobioreactor consists of a PMMA cover, cover
glass, PDMS chip, and PMMA pedestal; the microchannel bioreactor is made of
polymethyl methacrylate (PMMA) and PDMS with a cover glass slide (24 mm
60 mm � 0.17 mm). It offers a solid carrier surface for the adsorption and growth
of bacteria. PMMA and PDMS are suitable for photobiological hydrogen production
due to their transparency, chemical stability, and ease of mechanical incising. To
simulate the microstructures of the gel granules, 125 semi-closed microchannels are
fabricated on the PDMS chip. The length, width, and height of the microchannels are
3.5 mm, 0.1 mm, and 0.1 mm, respectively. The configuration and size of the
microchannels are selected according to SEM scanning images as shown in Fig. 10a,
with the chosen length being the same as the radius of a real PVA-PNSB gel granule
produced in our lab as shown in Fig. 10a. Based on this design, the microorganism
growth and hydrogen production within the microchannels can be visualized and
recorded by a charge coupled device (CCD) camera. The substrate is supplied by the
channels between the PDMS chip and PMMA pedestal with a width of 6.25 mm and
a height of 2.5 mm. The PMMA pedestal size is 78 mm � 42 mm � 12.3 mm.

As shown in Fig. 10b, the experimental system consists of the PDMS
microchannel photobioreactor, a light source, a peristaltic pump, a substrate med-
ium flask, an effluent flask, a gas collector, and an imaging system. The microimage
system is composed of an optical microscope and a CCD camera connected to a
personal computer. The photobioreactor is connected with the medium and the
effluent flask using silicon hoses. LED lamps are used as the external light source
and are mounted to the topside of the photobioreactor. Four monochromatic LED
lamps emitting at 470, 520, 590, and 630 nm are used as light sources, and the
illumination intensity can be adjusted from 1 to 9 klux by varying the distance
between the LED and the reactor. The substrate solution is fed by peristaltic pumps,
with the flow rate controlled by adjusting the rotation speed of the pump. The
temperature of the substrate solution is maintained at approximately 30 °C during
the experiments.

The experiments are conducted in two stages: the start-up stage and the con-
tinuous hydrogen production stage. Before the start-up stage, all of the experimental

Fig. 10 Microchannel photobioreactor and experimental apparatus (adapted from [225],
Copyright 2011, with permission from Elsevier); a Schematic of PDMS microchannel photo-
bioreactor; b Schematic of the experimental apparatus
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equipment is completely sterilized by formalin vapor. During the first stage,
100 mL precultured suspension of PNSB is inoculated into fresh medium con-
taining 50 mmol/L glucose, and then the solution is pumped into the photobiore-
actor. PNSB gradually contact with the solid surface of the PDMS microchannels
and gradually adsorb through diffusion and bacterial swimming. Meanwhile, PNSB
consume the substrate and excrete a large amount of EPS during its growth; the
adhesiveness of EPS gradually captures other suspended PNSB to form bacterial
colonies. During this stage, the volumetric flow rate of the substrate is adjusted to
1.5 mL/h. The initial light wavelength is set to 590 nm, and light intensity mea-
sured at the incident surface is adjusted to 5 klux. An optical microscope is used to
observe of the formation of PNSB colonies inside the microchannel at regular time
intervals. After stable colonies are formed, the photobioreactor goes into the
hydrogen producing stage. The culture medium is provided by the peristaltic
pump. The whole bioreactor and pipeline system are covered with foil, except for
the microchannel part. During the second stage, an evaluation of the performance is
conducted in a continuous flow mode at a quasi-steady-state. The quasi-steady-state
is defined as a constant hydrogen production rate and constant substrate con-
sumption rate obtained for a period of over 24 h with the designated parameters.
The performance of the photobioreactor with different operation parameters is
assessed mainly by the hydrogen production rate, hydrogen yield, substrate con-
sumption rate, and substrate removal efficiency. The average hydrogen production
rate, hydrogen yield, substrate consumption rate, and substrate removal efficiency
are used to assess the performance of the photobioreactor in continuous hydrogen
production. The average hydrogen production rate and hydrogen yield are defined
as shown in Eqs. (9)–(12) [225]:

H2 production rate =
Cumulative H2 production (mmol)

Cell dry weight (g) � H2 evolution time (h)
ð9Þ

H2 yield =
Amount of H2 produced (mol)

Amount of substrate consumed (mol)
ð10Þ

Substrate consumption rate =
Amount of substrate consumed (mmol)

Cell dry weight (g) � time (h)
ð11Þ

Substrate removal efficiency =
Inlet substrate (mmol/L) - outlet substrate (mmol/L)

Inlet substrate (mmol/L)

ð12Þ

Visualization studies show that the formation of PNSB colonies in the interior of
the microchannels can be divided into four stages: bacteria absorption, bacteria
reproduction, morphological transformation, and colony formation. The
microchannel vents immobilized by PNSB colonies are favorable sites for the
formation of hydrogen bubbles, which grow by continuous hydrogen molecule
transfer across the gas-liquid interface. With the increase of substrate concentration
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and flow rate, the rate and yield of hydrogen production rises first and then falls, but
the substrate conversion monotonically goes up with its rate slowed down. The
substrate degradation efficiency increases first and then decreases with an increase
of substrate concentration, and reduces with an increase of the solution flow rate. At
a higher substrate concentration and flow rate, substrate inhibition and the loss of
biofilms are the main reasons for lower rates and yields of hydrogen production.
Specifically, the microchannel photobioreactor has a maximal hydrogen production
rate of 1.48 mmol/g CDW/h and a maximal hydrogen yield of 0.91 mol H2/mol
glucose in all of the tests at an optimal inlet flow rate of 2.8 mL/h and substrate
concentration of 50 mmol/L. In addition, the microchannel photobioreactor shows
an optimal performance of hydrogen production and substrate consumption at
590 nm illumination wavelength and 5 klux illumination intensity. In summary,
microchannel biofilm photobioreactors,, in particular those that are visualizable, can
provide important insights into the micro-behavior and mass transfer of PNSB in an
immobilized culture, reveal the mechanism of PNSB biofilm growth and metabo-
lism, and enhance hydrogen production performance.

7.3 Groove-Type Biofilm Photobioreactors

Visualization studies of the biofilm development using microscopes and online
sensors have revealed that cells facing physical, chemical, and biological threats
from their environment prefer to adhere to the surfaces of channels or tubes. As
adherent cells grow and divide, physiological adaptations, including the secretion of
EPS, are induced to create a protective matrix surrounding the cells. These dynamic
communities can spread across surfaces and incorporate new planktonic cells to
ultimately form a biofilm [144]. Thus, the surface features of the support materials
play an important role in biofilm formation. Research on the dependence of biofilm
formation on substratum materials and surface topography has revealed that rough
or patterned surfaces can enrich cell adherence compared with smooth surfaces.
Walker and Marsh [231] reviewed biofilm formation and its role in microbial
contamination of dental unit water systems (DUWS) with narrow-bore tubing, and
they concluded that DUWS are susceptible to biofilms and encourage biofilm
growth. Carlén et al. [232], who studied surface characteristics and biofilm for-
mation on unpolished and polished glass ionomers and composite resins for tooth
protection, showed that higher surface roughness leads to more inorganic and better
bacterial adherence. Whitehead and Verran [233] compared the experimental results
of cell retention on four stainless steel surfaces used to avoid corrosion, and they
found that the cells were more evenly spread across titanium-coated surfaces than
fine-polished surfaces and the cell numbers were higher. In addition, the surface
topography influences the pattern of cell retention. Scheuerman et al. [234] studied
cell adhesion on silicon chips with etched grooves perpendicular to the flow
direction. Their results showed that the maximum initial accumulation was at the
bottom of the rough elements due to protection from shearing stress. Ginsburg and
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Karamanev [235] investigated the roughness effect of a graphite surface on the
immobilization of Acidithiobacillus ferrooxidans and they found that the activated
carbon fibers with the largest surface area per gram led to the maximum number of
immobilized microorganisms. These results show that the rough surfaces of the
support materials are beneficial to PNSB immobilization and biomass enrichment in
a photobioreactor. Hence, to utilize the advantages of rough surface support
materials for the enhancement of hydrogen production, biofilm photobioreactors
with grooved surfaces have been developed. A typical groove-type biofilm pho-
tobioreactor for continuous hydrogen production by immobilized PNSB is shown in
Fig. 11a, and the experimental system is shown in Fig. 11b.

Figure 11a shows a groove-type biofilm photobioreactor, which is a sealed vessel
with a working volume of 100 (H) � 50 (L) � 20 (W) mm3 fabricated from PMMA,
which is suitable for photobiological hydrogen production as mentioned above.
Grooves (1 mm width and 1 mm depth) are etched with a mechanical incising
technique on one vessel wall of 100 mm length and 50 mm width. Furthermore, a
flat-panel photobioreactor (Fig. 11c) with the same volume (vessel walls with a
smooth surface) as the groove-type one is fabricated and used as a comparison.

Figure 11b shows the schematic details of the experimental setup. The system
consists of a biofilm photobioreactor, a light source, a peristaltic pump, a substrate
medium flask, a liquid effluent flask, a gas-liquid separator, a gas collector, and a
water container. LED lamps are used as the external light source and are mounted to
face the grooved wall of the reactor. LED lamps emit wavelengths in the visible
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Fig. 11 Groove-type photobioreactor, experimental apparatus and pictures of photobioreactors
(adapted from [144], Copyright 2010, with permission from Elsevier); a Schematic of groove-type
biofilm photobioreactor; b Schematic of the experimental apparatus; c Pictures of groove-type and
flat-panel biofilm photobioreactors
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light spectrum (400–760 nm). Incident light intensity is adjusted from 1.78 to
10.06 W/m2 by varying the distance between the LEDs and bioreactor.

The photobioreactor operation includes two steps, i.e., the start-up stage and the
continuous hydrogen production stage. During the start-up stage, 100 mL fresh
medium for inoculation with an initial glucose concentration of 6 g/L is pumped
into the reactor and then it circulates until the PNSB adhere and grow on the surface
to form a stable biofilm. The volumetric flow rate of the substrate is adjusted to
10 mL/h. The operation temperature is controlled at 30 °C, and the initial pH of the
medium is adjusted to 7.0. The initial wavelength is set to 590 nm, and light
intensity measured at the incident surface is adjusted to 5.09 W/m2. To avoid
nutrient competition by suspended cells and to accelerate the formation of biofilms,
half of the culture medium is discharged once the cell concentration in the liquid
phase is high, and the same volume of fresh medium is then rapidly fed into the
photobioreactor. When a deep red layer is evident on the transparent reactor wall as
shown in Fig. 11c, this indicates that PNSB have successfully adhered to the sur-
face and a stable biofilm has formed. The hydrogen production and glucose con-
sumption of the groove-type photobioreactor are higher than those of the flat-panel
photobioreactors during the entire start-up stage. This can be attributed to the
enriched biomass obtained in the groove-type photobioreactor as shown in
Fig. 11c. The etched grooves provide extra sites for bacteria immobilization, and
the undulate surfaces of the groove channels act as shelters to protect cells from
flow shear stress, hence being beneficial to cell adherence.

Photobioreactors go into the continuous hydrogen production stage after stable
biofilms are formed. The baseline case is set under operational conditions of:
590 nm light wavelength, 6.75 W/m2 light intensity, 10 g/L glucose concentration,
60 mL/h influent flow rate, and pH value 7.0 at 30 °C. In this stage, a series of
experiments is carried out on continuous hydrogen production in the groove-type
photobioreactor illuminated by monochromatic LED lights, and the performance is
investigated. The effects of wavelength, light intensity, inlet glucose concentration,
flow rate, and initial substrate pH are compared with those obtained in a flat-panel
photobioreactor with a smooth surface. The results show that the optimum opera-
tional conditions for hydrogen production in the groove-type photobioreactor are:
inlet glucose concentration 10 g/L, flow rate 60 mL/h, light intensity 6.75 W/m2,
light wavelength 590 nm, and initial substrate pH 7.0. The maximum hydrogen
production rate, hydrogen yield, and light conversion efficiency in the groove-type
photobioreactor are 3.816 mmol/m2/h, 0.75 mol H2/mol glucose, and 3.8%,
respectively, which are about 75% higher than those in the flat-panel photobiore-
actor. The results confirm that grooved structure support materials can enrich
immobilized biomass, increase specific surface area, and enhance convective mass
transfer for both substrate and metabolic products of photofermentation, leading to
high performance hydrogen production.
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7.4 Optical Fiber Biofilm Photobioreactors

The performance of reactors with photosynthetic bacteria still faces two critical
problems: limited light and low cell concentrations, even in groove-type biofilm
reactors. A simple approach to improve the lighting conditions and increase the
biofilm mass is by using optical fibers as the biofilm support material; such reactors
are called optical fiber biofilm photobioreactors. So far, optical fiber biofilm pho-
tobioreactors have undergone three generations of development. The first is the
annular fiber-illuminating photobioreactor, the second is biofilm photobioreactors
using optical fibers with added rough surfaces, and the third is biofilm photo-
bioreactors using hollow optical fibers with intrinsic rough surfaces.

First-generation Annular Fiber-illuminating Photobioreactors [236–238].
A first-generation optical fiber biofilm photobioreactor is shown in Fig. 12. The
structure of the optical fiber is shown in Fig. 12a; the side-light optical fiber consists
of a fiber core and cladding with the refractive index of the core being higher than
that of the cladding, i.e., n1 > n2, and the fiber diameter is generally greater than
6 mm. Figure 12b shows an annular fiber-illuminating biological hydrogen reactor.
One can see that the structure is very simple, and the reactor consists of a rectan-
gular cavity fabricated from PMMA, a light source, and a side-light optical fiber.
The side-light optical fiber, with the desired surface light intensity and uniform light
distribution, is inserted into a sealed PMMA vessel (rectangular cavity) as an
internal light source.

To test the advantages of optical fiber biofilm reactors, the experimental
apparatus has been employed as shown in Fig. 13a, with continuous hydrogen

(a) (b)

Fig. 12 Optical fiber and photobioreactor (adapted from [238]); a Schematic and picture of
side-light optical fiber; b Schematic and picture of the annular fiber-illuminating photobioreactor
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production carried out at different light wavelengths, light intensities, inlet substrate
concentrations, and flow rates. The results show that the biofilm successfully
adheres and grows on the surface of the optical fiber (see Fig. 13b), and the reactor
exhibits excellent performance for both hydrogen production and light energy
conversion when employing R. palustris CQK 01. A high hydrogen production rate
of 0.83 mmol/(g cell)/h and excellent light conversion efficiency of 47.9% are
attained under the operational conditions of monochromatic light illumination at
530 nm, light intensity of 4.15 W/m2, inlet substrate concentration of 10 g/L, and
flow rate of 100 mL/h.

The high-performance hydrogen production using the solid optical fiber
(SOF) can be attributed to the following. First, optical fibers can provide uniform
light distribution with a high relative AV ratio and proximal contact with
light-demanding microorganisms to achieve high light transmission efficiency.
Moreover, optical fibers are easy to use and can transfer sunlight into reactors to
achieve results comparable with LED, tungsten filament, and fluorescent lamps that
must consume electrical energy. Although the hydrogen production capacity is
significantly enhanced compared to biofilm reactors without optical fiber, the
hydrogen production is still unsatisfactory and should be improved. The main
reason is that the surface of the optical fiber is rather smooth so it is difficult for
cells to attach and form a biofilm, leading to long biofilm formation time and low
attached biomass. To resolve this problem, second-generation biofilm photobiore-
actors using optical fibers with added rough surfaces have been developed.

Second-generation Biofilm Photobioreactors Using Optical Fibers with
Added Rough Surfaces [239]. Fibers are shown in Fig. 14a, b, and a schematic
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Fig. 13 experimental apparatus and picture of the optical fiber attached biofilm (adapted from
[238]); a Scheme of experimental apparatus; b Photograph of biofilm formation on the surface of
optical fiber after start-up stage
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and picture of the experimental system are shown in Fig. 14c, d. Figure 14a shows
an optical fiber with a smooth surface (composed of PMMA with a 6-mm diameter
and 100-mm working length). To increase the surface roughness, 18-mesh stainless
steel wire mesh is wrapped around the optical fiber, resulting in interlaced grooves
(a rough surface) leading to extra available sites for PNSB attachment. A picture of
the optical fiber with an added rough surface is shown in Fig. 14b.

As shown in Fig. 14c, d, the photobioreactor is a sealed vessel fabricated by
PMMA with a working volume of 125 mL and seven side-light plastic-clad optical
fibers with added rough surfaces. The seven modified optical fibers are excited to
achieve a light intensity of ca. 12 W/m2 by a metal-halide lamp (250 W). A heater
is installed at the inlet of the reactor to maintain the desired temperature of the
influent culture medium. Two T-type thermocouples are distributed at the inlet and
outlet of the reactor to detect internal temperature. Finally, the photobioreactor is
covered with aluminum foil to avoid the impact of outside light on the experimental
results. Prior to inoculation of R. palustris CQK 01 with 10% inoculum, the reactor
body is sterilized with formalin and rinsed three times with sterile water, and the
remaining components of the experimental system are autoclaved. Experiments are
conducted in two stages: the start-up stage and the continuous operation stage.
During the start-up stage, medium with a flow rate of 50 mL/h is recycled to avoid
the loss of activated PNSB cells in the circulating solution. In addition, 50 mL
medium is discharged and 50 mL fresh nutrient medium of 30 mM is fed into the
reactor every day. In this period, the hydrogen production and substrate
biodegradation rates of the reactor are measured every day until constant values are
attained, indicating that PNSB have been successfully immobilized to form a stable
biofilm. In this system, it was found that the start-up stage of the reactor is about
25 days, after which continuous operation can be performed. In the continuous
operation stage, the experimental system becomes an open loop system. The
evolved biogas and effluent liquid are discharged from the outlet of the reactor and

Start-up stage
Gas sampling port

Gas-liquid
Separator

Performance
test stage

Peristaltic pump

Medium container

Thermocouples

Heater

Bioreactor

Optical
fiber

Light
engine

Liquid sampling port

(a)

(b)

(c)

(d)

Fig. 14 Photography of the surface of optical fiber a prior to treatment b after treatment;
schematic c and picture d of the experimental system (adapted from [239], Copyright 2011, with
permission from Elsevier)
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flow into a gas-liquid separator. The biogas produced is then collected by water
displacement to determine the volume and density of hydrogen. Effluent liquid
samples are taken from the liquid sampling port at desired time intervals to measure
residual glucose concentrations.

By using the experimental system shown in Fig. 14c, the effects of operational
conditions, including the influent substrate concentration, flow rate, temperature,
and influent medium pH, on the performance of hydrogen production are investi-
gated. The results show that the optimum conditions for hydrogen production are:
influent substrate concentration 60 mM, flow rate 30 mL/h, temperature 30 °C, and
influent medium pH 7. Under optimal conditions, the optical fiber biofilm photo-
bioreactor yields fairly good and stable long-term performance with a hydrogen
production rate of 1.75 mmol/L/h, light conversion efficiency of 9.3%, and sub-
strate degradation efficiency of 75%. This good performance is attributed to the
added rough surface that greatly enhances biofilm formation and thus increases cell
concentration.

Third-generation Biofilm Photobioreactors Using Hollow Optical Fibers
with Intrinsic Rough Surfaces [240–242]. The added surface roughening of
second-generation photobioreactors enhances biofilm formation and thus increases
cell concentration. Nevertheless, this reduces light energy utilization because of the
following problems. First, the coating of the SOF is removed, and the fiber core has
a higher refractive index than the fiber cladding; thus, light is confined to the core
by total internal reflection, so the luminous intensity at the fiber surface depends on
the weak evanescent near-field [243]. Second, the wire mesh absorbs and shields
against evanescent waves. Furthermore, the wire mesh cannot tolerate an acidic
PNSB suspension, resulting in poor stability for long-term operation, and the
activity of the underlying biofilm is reduced with biofilm growth owing to substrate
and light energy limitations.

To increase the luminous intensity at the fiber surface and the intrinsic roughness
of the optical fiber, a new biomaterial (GeO2-SiO2-chitosan medium, GSCM) with a
high local refractive index due to GeO2 doping has been proposed, and a new
hollow optical fiber (HOF) based on a quartz glass tube with a GSCM coating has
been created [241]. The fiber structure is shown in Fig. 15; the length, outer

Fig. 15 The structure of the SOF and the HOF (1. coating, 2. cladding, 3. core, 4. hemispherical
tip, 5. pit, 6. GeO2) (adapted from [240], Copyright 2013, with permission from OSA publishing)
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diameter, and inner diameter of the SOFs and the HOFs are 160 mm, 6 mm, and
4 mm, respectively.

As shown in Fig. 15, the refractive indices of the fiber core and cladding of the
HOFs are 1.000 ± 0.001 and 1.450 ± 0.005, respectively, and the local refractive
index of the fiber coating (GeO2) is 1.985 ± 0.007 at 25 °C. Experimental data
show that the surface roughness of the HOFs increases with the increasing GeO2

content; when the fiber is longer than 30 mm, the luminous intensity of the HOFs
increases with the decreasing GeO2 content. Specifically, HOF doped with 0.1 g of
2GeO2-SiO2 sol shows the highest luminous intensity. Similarly, for HOF doped
with 0.1 g of 2GeO2-SiO2 sol, the luminous intensity along the radial direction at an
axial distance of 90 mm is also the highest. These results and the proposed light
transmission modes confirm that the appropriate doping concentration of GeO2 can
enhance the luminous intensity of a hollow fiber. Although the luminous intensity
has been enhanced, an uneven distribution has also been demonstrated at the optical
fiber surface. To improve the luminescent properties of the HOF, according to the
proposed light transmission modes and obtained experimental data, one can change
the size and coverage of GeO2 at the cladding-coating interface. The coverage of
GeO2 has been further investigated by changing the coating thickness, and the
improved structure of the HOF is shown in Fig. 16.

Experimental data show that when the d1, d2, and L are respectively 100 lm,
50 lm, and 20 mm (d1 and d2 denote the gradient coating thickness close to the
fiber end and fiber incident end; L denotes the uncoated length close to the fiber
incident end), the HOF exhibits the highest luminous intensity and uniform light
distribution. The luminous intensity of the HOF is 4.5 times higher than that of the
SOF at an axial distance of 90 mm. The radial intensity at 20 mm for the HOF is
2.9 times higher than that of the SOF. These results can be attributed to the density
distribution of GeO2 as well as the increase in surface roughness with increasing
fiber length; thus, the transmitted scattered intensity increases at the fiber surface.

2 

7 

1 

5 
6 

4 
3 

Fig. 16 Structure of the improved GSCM-coated HOF (1. core, 2. fiber incident end, 3. cladding,
4. coating, 5. pit, 6. GeO2, 7. hemispherical tip) (adapted from [241], Copyright 2014, with
permission from Elsevier)
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The good luminescence properties of HOFs with intrinsic surface roughness have
high potential in immobilized cell applications and photobioreactors. Hence, it is
vital to develop a BPBR by adsorption of PNSB on GSCM-coated HOFs to
enhance hydrogen production. A schematic of such a photobioreactor is shown in
Fig. 17.

Figure 17(a) shows a cylindrical photobioreactor fabricated from PMMA with a
working volume of 125 mL and seven GSCM-coated HOFs. The length, outer
diameter, and inner diameter of the HOFs are 160 mm, 6 mm, and 4 mm,
respectively. The refractive indices of the fiber core and cladding are
1.000 ± 0.001 and 1.450 ± 0.005, respectively, and the local refractive index of
the fiber coating (GeO2) is 1.985 ± 0.007 at 25 °C. The average luminous intensity
at the fiber surface is 55 lW/cm2 (the average luminous intensity at normal SOF
and uncoated HOF surfaces are 11 lW/cm2 and 12 lW/cm2, respectively). The
light source was a tungsten filament lamp (150 W; 580–595 nm). The inset of
Fig. 17a shows the distribution of the fibers in the photobioreactor. Two T-type
thermocouples were distributed in the photobioreactor to detect the internal tem-
peratures of the inlet and outlet. The photobioreactor was covered with aluminum
foil to avoid the impact of outside light. Before PNSB were inoculated with 10%
inoculum, the photobioreactor body was sterilized with formalin and then thor-
oughly washed with deionized water.

The BPBR is operated in two stages. During the first stage, the medium is
recycled with a flow rate of 70 mL/h to avoid the loss of activated PNSB cells in the
circulating solution; this stage lasts about 1 day. In addition, 50 mL of the medium

FFP

CBF UBF

Hydrogen bubbles

(a) (b)

(c)

Fig. 17 Experimental apparatus, and picture of the support materials (hollow optical fibers) and
produced hydrogen bubbles (adapted from [241], Copyright 2014, with permission from Elsevier,
and [244]); a Schematic of experimental apparatus (mounting plate: MP, cross baffle: CB); b The
picture of the support materials (CBF: coated biofilm fiber, FFP: fiber fixed plate, UBF: uncoated
biofilm fiber); c The picture of the produced hydrogen bubbles by PNSB biofilm on the hollow
optical fiber
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is discharged and 50 mL of 55 mM fresh nutrient medium is fed into the photo-
bioreactor every day. In this stage, the biofilm dry weights are measured every
2 days. The startup stage of this photobioreactor is about 8 days based on the
biofilm dry weight remaining constant, after which continuous operation can be
performed. In the second stage, the BPBR becomes an open loop system. The
evolved biogas and effluent liquid are discharged from the outlet and flow into a
gas-liquid separator (the medium flow was kept at 70 mL/h). The biogas produced
is collected by water displacement to determine the volume and density of H2.

Experimental data show that the GSCM-coated HOF shows high biocompati-
bility, significantly enhancing biofilm biomass, improving biofilm activity, and
increasing H2 production. This proposed photobioreactor yields fairly stable
long-term performance with a hydrogen production rate of 2.65 mmol/L/h, which is
1.56 and 1.51 times higher than those of photobioreactors with uncoated HOF and
with fibers having roughened surfaces obtained by wrapping them in wire mesh,
respectively.

The high hydrogen production performance of the GSCM-coated HOFs can be
explained as follows. First, the presence of nutrients and the high luminous intensity
induce the rapid adsorption of PNSB cells on the surface. Second, the appropriate
surface grooves increase the contact area of the cells and protect adhered cells from
desorption under the flow conditions; because the pits prolong the residence time of
the culture medium, the cells on the surface can make better use of the medium.
Third, during the biofilm growth period, the roughness provides many capillary
channels to increase mass transfer between the substrate and product, and the solid
medium in the GSCM coating can supply the nutrition that maintains cell growth
and reproduction. Fourth, good penetration depth of light at the fiber surface
improves the light conditions of the biofilm. These favorable conditions can lead to
high hydrogen production. Excellent light distribution, cell adhesion capacity, and
hydrogen production demonstrate the effectiveness of using GSCM-coated HOFs
for biochemical reactions, immobilized cell applications, and large-scale photohy-
drogen production.

7.5 Other Types of Biofilm Photobioreactors

In addition to the above-mentioned three main types, various other biofilm pho-
tobioreactors have been used for photofermentation, including an upflow anaerobic
sludge blanket photobioreactor [245], a granule-based continuous stirred tank
photobioreactor [246], fixed or packed bed photobioreactors [153, 247], anaerobic
fluidized bed photobioreactors [248], and a tricking biofilter [249]. These immo-
bilization technologies are mainly based on granulation or biofilm attachment
processes. Biofilm support materials with high transparency in the above-mentioned
photobioreactors include PMMA, glass beads, and optical fibers. To improve
PNSB biofilm development and hydrogen production for photofermentation, a
novel photothermal biomaterial, designated GeO2-SiO2-Chitosan-Medium-LaB6
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(GSCML), has been developed [250]. A schematic representation of preparation
process and functional mechanism is shown in Fig. 18.

The GSCML biomaterial employs spectral beam splitting technology to increase
the overall utilization of the incident light, in which LaB6 nanoparticles
(NPs) mainly absorb light at approximately 380–510 and 660–780 nm and convert
it into heat energy; the transmitted light is around 590 nm for PNSB growth.
Experimental data show that the temperature increase and the luminous intensity of
the light transmitted through the prepared biomaterial is controlled by adjusting the
LaB6 NP content. The average biofilm growth rate and hydrogen production rate on
this material are 0.05 mg/cm2/d and 2.92 mmol/h/m2, which are 3.4 and 4.1 times
higher than those of the glass slide, respectively.

In summary, in the last few decades, many biofilm photobioreactors and support
materials for hydrogen production using photofermentation have been developed.
The main aim of this is to increase the light and heat energy efficiency, decrease the
time of biofilm formation and energy consumption, enhance substrate and product
transfer, optimize the distribution of light and heat, and promote biofilm activity.

Fig. 18 Schematic representation of the fabrication of the GSCML film and photohydrogen
production process of PNSB biofilm on the GSCML film surface (adapted from [250], Copyright
2017, with permission from Elsevier)
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Constantly updating these materials can further promote the hydrogen production
rate and stability.

8 Fluid Flow and Mass Transfer in a Photobioreactor

To attain a better understanding of the reaction mechanism and the effects of
operational factors on photohydrogen production performance, numerous experi-
mental studies have been carried out. Due to the time consumption of experiments
and the limitations of even high-end measuring equipment, up to now it has been
difficult to understand mass transport phenomena using only experimental studies.
Therefore, theoretical studies are necessary to investigate the reaction dynamic
mechanisms, and to analyze and predict the characteristics of bioreactors.

At present, some representative mathematical models that have been used to
simulate pollutant biodegradation and mass transport in bioreactors have achieved
success. Banerjee et al. [251] presented a mathematical model to analyze the mass
transfer limitations in phenol biodegradation using Pseudomonas putida immobi-
lized in calcium alginate beads. Notably, both internal and external mass transfer
limitations and substrate inhibition kinetics of the process were considered. Das
et al. [252] studied three different configuration bioreactors for continuous hydro-
gen production to derive kinetic models, taking into account the effect of external
mass transfer resistance on the biodegradation rate. Palazzi et al. [253] developed a
kinetic model in a continuous bioreactor for hydrogen production and studied the
effect of both residence time and inlet glucose concentration on the hydrogen
production rate. Tepe and Dursun [254] developed a new mass transfer correlation
and analyzed the combined effect of external mass transfer with biochemical
reactions on phenol removal in a packed bed reactor. These models consider only
the biochemical reaction kinetics of the substrate degradation and hydrogen pro-
duction. However, Liao et al. [247] developed a model to investigate two-phase
flow and mass transport coupled with biochemical reactions, and predicted the
substrate utilization and hydrogen production in an immobilized-cell packed bed
photobioreactor. The modeling results of glucose consumption efficiency and
hydrogen production rate are in good agreement with the experimental data.
Additionally, the effects of parameters, including illumination intensity, tempera-
ture, pH, and flow rate of the influent substrate, have been investigated with this
model, and the distributions of glucose concentration and influent substrate flow
rates have also been successfully predicted. These studies are generally based on
macro-scale models that have proven to be very successful for describing bio-
chemical reaction kinetics in photobioreactors. However, these models are based on
the continuum hypothesis and need to solve complex nonlinear partial differential
equations. This presents difficulties in dealing with micro-scale problems and in
treating complex boundaries.

In recent decades, a novel mesoscopic numerical algorithm, named lattice
Boltzmann method (LBM), has emerged and received extensive attention. Different
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from conventional analytical methods, the LBM is based on kinetic theory and has
some distinctive advantages, including simple formulation, natural
parallel-computing, and ease in handling complex boundaries [255, 256]. The
fundamental idea of LBM is to establish a simplified kinetic model for particle
distribution functions, and then the macroscopic properties can be determined via
these distribution functions. Since its emergence, LBM has been successfully
applied to many fields, such as hydrodynamics [257–259], heat and mass transfer
[260–262], multicomponent and multiphase flow [263–265], micro-flow [261, 266,
267], flow in porous media [268–270], and chemical reactions [270–272].
Accordingly, LBM has been used to study reactions in photobioreactors, particu-
larly coupled with hydrodynamics and mass transfer.

8.1 Lattice Boltzmann Method (LBM)

LBM simulates hydrodynamics and mass transport phenomena by tracking the
evolution of distribution functions. These distribution functions are governed by the
lattice Boltzmann equation (LBE), and a Bhatnagar-Gross-Krook (BGK) model
[273, 274] is used, which is a specific numerical scheme of the Boltzmann equation
with single-relaxation-time approximation by discretizing the time and space.

For the bioreaction coupled with hydrodynamics and mass transfer, two sets of
distribution functions fi x; tð Þ and gi;r x; tð Þ are used, relating to flow field and
concentration field of the r-species, respectively. LBEs can be expressed as:

fi xþ eidt; tþ dtð Þ � fi x; tð Þ ¼ �s�1
m fi x; tð Þ � f eqi x; tð Þð Þþ dtFi ð13Þ

gi;r xþ eidt; tþ dtð Þ � gi;r x; tð Þ ¼ �s�1
r gi;r x; tð Þ � g

eq

i;r x; tð Þ
� �

þ Ji;rdtrr ð14Þ

where, dt is the time step, sm and sr are the single relaxation times of particles
corresponding to fi x; tð Þ and gi;r x; tð Þ, respectively, ei is the discrete particle
velocity along ith, direction, Fi, and rr are the force and reaction source, f eqi and g

eq

i;r

denote the equilibrium distribution function of the ith discrete velocity corre-
sponding to fi and gi;r, and they can be expressed in general as shown in Eqs. (15)–
(16) [275]:

f eqi ¼ wiq 1þ 3ei � u
c2

þ 9 ei � uð Þ2
2c4

� 3u2

2c2

" #
ð15Þ

g
eq

i;r ¼ cr Ji;r þKi
ei � u
c2

� �
ð16Þ
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where, c is the lattice velocity, c ¼ dx=dt, dx is the lattice space, and wi is the weight
coefficient. Ji;r and Ki are specially chosen constants, and the rest fraction J0 can be
chosen from 0 to 1.

For flow fields, two-dimensional nine-velocity (D2Q9) and three-dimensional
fifteen-velocity (D3Q15) models are widely used for 2D and 3D problems, and the
discretized velocity space in these models is presented in Fig. 19. For D2Q9 model,

xi ¼
4=9; i ¼ 0
1=9; i ¼ 1� 4
1=36; i ¼ 5� 7

8<
: , and e ¼ c

0 1 0 �1 0 1 �1 �1 1
0 0 1 0 �1 1 1 �1 �1

� �
.

For D3Q15 model, xi ¼
2=9; i ¼ 0
1=9; i ¼ 1� 6
1=72; i ¼ 7� 14

8<
: , and

e ¼ c

0 1 �1 0 0 0 0 1 �1 1 �1 1 �1 �1 1

0 0 0 1 �1 0 0 1 �1 1 �1 �1 1 1 �1

0 0 0 0 0 1 �1 1 �1 �1 1 1 �1 1 �1

2
64

3
75 .

For concentration fields, the LBM has 5 directions for the 2D model and 7
directions for the 3D model, which is different from models with 9 directions and
15 directions but without any real loss of accuracy [271, 275].

On a macro-scale, the fluid density q, velocity u, and concentration of r-species
cr are evaluated in terms of particle distribution functions, Eqs. (17)–(19):

q ¼
X

fiðx; tÞ ð17Þ

qu ¼
X

eifiðx; tÞ ð18Þ

cr ¼
X

gi;rðx; tÞ ð19Þ

Fig. 19 Discretized velocity space of the a D2Q9 and b D3Q15 models (adapted from [276])
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By performing the Chapman-Enskog expansion on Eqs. (13) and (14) in the
incompressible limit Ma ¼ uj j=cs, both the Navier-Stocks equation and mass
transfer equation can be recovered as [277, 278]:

r � u ¼ 0
@tuþruu ¼ �rpþ mr2u

�
ð20Þ

@tcr þ urcr � Drr2cr ¼ rr ð21Þ

where, the pressure p satisfies the state equation p ¼ qc2s , and the viscosity and
diffusivity are represented as m ¼ dtc2s s� 1=2ð Þ [279] and Dr ¼ dtc2CQ 1� J0ð Þ
sr � 1=2ð Þ[275].

8.2 Flow and Mass Transfer in Membrane Bioreactors

Recently, biofilms as an immobilization technique have been applied to photofer-
mentation bioreactors to elevate the PNSB concentration [280, 281]. During
operation, driven by Brownian movement and fluid motion, the bacteria first move
towards the carriers and then attach on their surface. Finally, a layer of biofilm
forms on the carrier’s surface by bonding the bacteria with EPS. It should be noted
that both bacterial attachment and biofilm formation are significantly influenced by
the influent flow conditions and the mass transport of substrates and products in
bioreactors. Therefore, flow and mass transfer combined with reactions in mem-
brane photobioreactors have been investigated to improve hydrogen production
with the help of LBM. Prior to simulations, the simplifying assumptions are set as
follows:

(1) A steady-state uniform biofilm is formed on the surface of particles, and the
biochemical reaction only occurs on the surface of the particles as the thickness
of the biofilm (about 100 lm) is much less than the particles’ diameter.

(2) The flow and reaction system are implemented under a steady state, and the
biochemical reaction operates at the optimum temperature and pH.

(3) The released heat derived from the bioreaction is small enough and can be
ignored.

(4) The hydrogen generated in the packed bed is assumed to completely dissolve in
the solution, while the physical parameters of substrate and hydrogen are
invariable.

The substrate consumption rate r1 (glucose as the substrate) and hydrogen
generation rate r2 by PNSB (R. palustris CQK 01) in the biofilm are expressed by
[282]:
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r1 ¼ 1
Yx=s

lmaxc1Cx

ks þ c1
þmCx; r2 ¼ a

1
Yx=s

lmaxc1Cx

ks þ c1
þ bCx ð22Þ

where, Cx is the initial cell density, Yx=s is the cell yield, ks is the Monod constant, b
is the reaction kinetic constant for hydrogen production, c1 is the local substrate
concentration, lmax denotes the maximum specific growth rate (h−1), m is the
maintenance coefficient (h−1), and a is the reaction kinetic constant for hydrogen
production at a given reaction condition (h−1).

The physical model is schematically illustrated in Fig. 20, where two typical
accumulation modes, the face-centered and body-centered cubic structures, are
adopted to pack the particles in the bioreactor. The organic wastewater stream with
inlet velocity U0 and inlet substrate concentration C0 flows around the packed
particles covered by a layer of PNSB biofilm on the surface. The boundary con-
ditions are given by:

Inlet boundary conditions: U ¼ U0, C ¼ C0.
Around boundary conditions: U ¼ 0, @C

@n ¼ 0.
Outlet boundary conditions: @U

@X ¼ 0, @C
@X ¼ 0.

A 3D LBM as described in 7.6.1 is applied to simulate the biochemical reaction
in the reactor. In the LBM simulation, a non-equilibrium extrapolation method
[283] with second-order accuracy is employed to the curved boundary of the par-
ticle. For consistency, a non-equilibrium extrapolation method for straight boundary
condition is used for inlet and wall boundaries. The hydrogen production

Fig. 20 Schema of the
bioreactor filled with
a face-centered and
b body-centered cubic
structure packed particles
with surface bioreaction
(adapted from [282],
Copyright 2017, with
permission from Elsevier)
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performance is assessed by hydrogen yield r (g/g) and the average substrate con-
sumption efficiency g, which are defined as shown in Eq. (23):

r ¼
CUð Þout� CUð Þin

� 	
hydrogen

CUð Þin� CUð Þout
� 	

substrate

; g ¼ CUð Þin� CUð Þout
CUð Þin

=n


 �
substratej � 100% ð23Þ

where, n is the number of the particles.
The fluid flow characteristics are investigated for bioreactors with different

particle accumulation modes. Figure 21 present the streamlines in the bioreactor
filled with particles in face-centered and body-centered cubic structures at
Re ¼ 0:2. All of the streamlines go through the bioreactor smoothly without any
vortices, indicating a stable laminar flow around the packed particles in the two
accumulation modes. Comparing the two modes, one can notice that the fluid
velocity is lower and more uniform in the body-centered cubic structure, which is
due to the space between the particles being larger in the body-centered cubic
structure, with the rear particles not completely in the wake flow region of the front
particles, giving rise to lower velocity and less influence from each other.
Additionally, the average drag coefficients on the particle surfaces under different
conditions are evaluated in Table 12. An increase in Re number leads to a signif-
icant decrease in the average drag coefficient. Compared with face-centered cubic
structures, the average drag coefficient is slightly reduced by approximately 0.4%
for body-centered cubic structures due to the higher porosity and lower velocity.

Fig. 21 Streamlines for flow around packed particles with a face-centered and b body-centered
cubic structure at Re = 0.2 (adapted from [282], Copyright 2017, with permission from Elsevier)
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The fluid flow can affect the concentration field and the hydrogen performance.
Figure 22 presents the concentration fields of the product in the bioreactor at var-
ious Re numbers. For both face-centered and body-centered cubic structures,

Fig. 22 Product concentration fields in bioreactors with a face-centered and b body-centered
cubic structure at various Re numbers (adapted from [282], Copyright 2017, with permission from
Elsevier)

Table 12 Effects of particle accumulation mode and Re number on the drag coefficient (adapted
from [282], Copyright 2017, with permission from Elsevier)

Re 0.06 0.2 0.6

CD

Face-centered cubic structure 876.17 263.24 88.11

Body-centered cubic structure 872.64 262.16 87.74
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a higher Re number results in lower product concentration in the bioreactor. This
implies that the faster product transfer and shorter HRT take over the improved
substrate load at a higher Re number, leading to the lower product concentration in
the bioreactor. However, the product concentration is evidently higher in
body-centered cubic structures. This should be due to the weak influence from the
wake flow of the front particles on the rear particles, and then fresh medium with
high substrate concentration is delivered into the biofilm for degradation by PNSB.
Meanwhile, more particles provide larger reaction surfaces. Therefore, more
products can be generated, and the concentration becomes higher. The effects of
influent solution velocity on performances of photobioreactors are presented in
Fig. 23. The average substrate consumption efficiency and hydrogen yield in any
case decrease with the increasing Re number. The average substrate consumption
efficiency and hydrogen yield are higher for bioreactions in packed particles with

Fig. 22 (continued)
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the body-centered cubic structures than for face-centered cubic structures. These
results indicate that choosing the accumulation of body-centered cubic structures is
beneficial for flow and mass transfer as well as bioreaction. The effect of illumi-
nation intensity on hydrogen performance has also been investigated and is shown
in Fig. 24. As the illumination intensity increases to 6 klux, the microorganism
metabolic activity and effective conversion of light energy are enhanced, and thus
the product concentration and hydrogen production performance peak. However,
with further increases in illumination intensity, photoinhibition leads to decreases of
product concentration and hydrogen production. Furthermore, the accumulation of
body-centered cubic structures exhibits a better hydrogen production performance
as well as a lower average drag coefficient compared with the face-centered cubic
structures. Accordingly, the simulation provides guidance to the design of photo-
bioreactors for efficient hydrogen production.

(a)

(b)

Fig. 23 Effect of Re number
on a average substrate
consumption efficiency and
b hydrogen yield for solution
around packed particles
(adapted from [282],
Copyright 2017, with
permission from Elsevier)
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8.3 Flow and Mass Transfer in Bioreactors
with Immobilized Granules

Gel granulation immobilization technology is also promising owing to its high
biomass content, feasibility of high fluid velocity without suffering cell wash-out,
and ease of operation [280]. To improve the hydrogen production performance of
granule-packed photobioreactors, intensive investigations of mass and light transfer
through the granules as well as the effect of granule structure are urgently needed.
LB models for flow in porous media on the representative elementary volume
(REV) scale and pore scale have been used to investigate the flow and mass transfer
in bioreactors.

Simulation of Flow and Mass transfer in Bioreactors at REV-scale

A LBM model for porous media on the REV-scale by Guo [284] was used to
simulate the substrate solution through porous granule-immobilized PNSB cells for
biohydrogen production. The model can simulate the porous flow over a wide range

(a)

(b)

Fig. 24 Effects of
illumination intensity on
a average substrate
consumption efficiency and
b hydrogen yield of
photobioreactors (adapted
from [282], Copyright 2017,
with permission from
Elsevier)
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and treat as a variable porosity without invoking any additional boundary condi-
tions. In this model, the force term Fi in Eq. (24) is given by [284]:

Fi ¼ wiq 1� 1
2sm


 �
ei � F
c2s

þ uF : eiei � c2s I
� 	
ec4s

� �
ð24Þ

In place of Eq. (25), the equilibrium distribution function f eqi x; tð Þ is defined by:

f eqi ¼ wiq 1þ ei � u
c2s

þ uu : eiei � c2s I
� 	
2ec4s

� �
ð25Þ

where, e is the porosity of the porous media, and F is the total body force.
Different from Eq. (18), the macroscopic velocity u is calculated by [284]:

u ¼ v

a0 þ
ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi
a20 þ a1 vj j

p ð26Þ

where, v, a0, and a1 are defined as in the previous study [284].
Figure 25 schematically illustrates a simulation in which substrate solution with

velocity U0 and concentration C0 flows through a porous granule with diameter
D and a specific porosity. The substrate is degraded, and simultaneously hydrogen
is generated via biochemical reactions of PNSB cells immobilized in the porous
granules.

In the simulation, a multi-block strategy for LBM [286] is implemented to
improve the computational efficiency, dividing the computational domain into three
parts as seen in Fig. 25. For the sake of accuracy, the fine grid and coarse meshes
are set as Nx � Ny ¼ 201 � 41 and Nx � Ny ¼ 101� 15, respectively. Both the
top and bottom boundary conditions are set as U ¼ 1:0, C1 ¼ 1:0, C2 ¼ 0:0, and
the free outflow boundary condition is set at the outlet.

Fig. 25 The geometric configuration for substrate solution through a porous granule immobilized
PSB-cell (adapted from [285], Copyright 2013, with permission from Elsevier)
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The effects of operational conditions have been investigated. Figure 26 presents
the streamlines and concentration fields of substrate and product for various Re
numbers at e ¼ 0:1, Da ¼ 0:001, and I0 ¼ 6 klux, as well as the hydrogen per-
formance. As the Re number is very low (<1), the streamlines for various Re
numbers are almost identical. However, the differences in concentration fields are
evident in Fig. 26b. It is also notable that the substrate concentration is high, while
the product concentration is low under a large Re number. This is because more
substrate load is delivered into the granules when the fluid penetrates with a high

Substrate Product

(a)

(b)

(c)

Fig. 26 The effects of Re number on a streamlines, b concentration fields of substrate and
product, and c hydrogen production performance (adapted from [285], Copyright 2013, with
permission from Elsevier)
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velocity. However, the high velocity significantly shortens HRT even though mass
transport is improved. This leads to insufficient bioreaction, hence the reduced
substrate consumption capacity. It can be seen in Fig. 26c that hydrogen yield r and
consumption efficiency η both decrease with the increasing Re number. The effect
of illumination intensity is also presented in Fig. 27. It shows that both the
hydrogen yield and consumption efficiency achieve the highest values under an
illumination intensity of 6 klux. Below the threshold (6 klux), the increase in I0
leads to the enhancement of microorganism metabolic activity and effective con-
version of light energy. However, once I0 increases over the threshold, the
appearance of photoinhibition limits the enzyme activity and the conversion of light
energy subsides.

Fig. 27 The effects of
illumination intensity on
hydrogen production
performance (adapted from
[285], Copyright 2013, with
permission from Elsevier)
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Besides the operational conditions, the characteristics of porous granules will
affect flow and mass transfer in the granules, as well as the biohydrogen production
performance. Hence, the physical parameters of porous granules have been
investigated. The permeability, represented by the Darcy (Da) number, is an
important parameter to assess the ability of porous granules to transmit fluid.
Figure 28 describes the velocity and concentration fields, as well as hydrogen
production performance for various Da numbers at e ¼ 0:1, Re ¼ 0:2, and I0 ¼ 6
klux. It is noted from Fig. 28a that the curvature of the streamlines sharply shrinks
with the increasing Da number owing to increasing penetrability. It can also be seen
in Fig. 28b that a larger Da number leads to higher substrate concentration and

Substrate                                                                    Product 

(a)

(b)

(c)

Fig. 28 The effects of Da number on a streamlines, b concentration fields of substrate and
product, and c hydrogen production performance (adapted from [285], Copyright 2013, with
permission from Elsevier)
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lower hydrogen concentration. This is because the high velocity inside the granule
under the large Da accelerates the mass transport between the bulk flow and porous
granule, and simultaneously shortens the HRT for the bioreaction of PNSB.
Figure 28c shows that hydrogen yield increases while consumption efficiency
decreases with the increasing Da. This can be understood by the mass transfer being
enhanced by the increasing Da, which supplies sufficient substrate for degradation
by PNSB cells, and thus hydrogen yield increases. However, the short HRT for
large Da decreases the substrate degradation, hence leading to a decrease in con-
sumption efficiency. In addition, the porosity of granules is another important
parameter that affects hydrogen production performance. Figure 29 presents the
hydrogen production performance for various porosities at Re ¼ 0:2, Da ¼ 0:001,

Fig. 29 The effect of
porosity on a substrate
consumption efficiency and
b hydrogen yield (adapted
from [285], Copyright 2013,
with permission from
Elsevier)
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and I0 ¼ 6 klux, showing that the consumption efficiency increases while hydrogen
yield decreases with the increasing e, but the increment in consumption efficiency
and decrement in hydrogen yield become smaller, and they tend to stabilize when
the porosity is over 0.5. These simulation results provide a theoretical basis for
experimental studies.

Simulation of Flow and Mass Transfer in Bioreactors at Pore-scale

Immobilized granules can be considered as porous media with immobilized PNSB
cells, and hence the detailed pore structure has a great effect on the flow and mass
transfer in a bioreactor as well as hydrogen production. Therefore, a 3D LBM is
used to study porous media on the pore-scale. The porous structure of immobilized
granules is generated by a quartet structure generation set (QSGS) method [287],
which is closely associated with LBM and can generate porous media with different
properties. It is worth mentioning, in contrast to traditional models for porous
media, the flow and mass transfer can be simulated accurately in every pore using
the QSGS method coupled with the LBM.

Figure 30 presents a schematic of a bioreactor with porous granule-immobilized
PNSB cells, which is the same scenario of the photobioreactor in the previous study

Fig. 30 Schematic of bioreactor with a porous granule immobilized PSB-cell (adapted from
[288], Copyright 2017, with permission from Elsevier)
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[280]. The substrate solution flows through the porous granule-immobilized PNSB
cells for photobiohydrogen production.

To improve the computational efficiency, LBM is coupled with a multi-block
model [289], and the computational domain is divided into three parts as seen in

Fig. 31 Streamlines and concentration fields of product around the porous granule immobilized
PSB-cell with various porosities (adapted from [288], Copyright 2017, with permission from
Elsevier)
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Fig. 30. The grid density of the fine block is set as D=dx;f ¼ 60, and the grid density
of the coarse block is set as D=dx;c ¼ 30, where dx;f and dx;c are the lattice space of
the fine and coarse blocks. The inlet boundary conditions are set as U ¼ U0,
C ¼ C0. The around wall boundary conditions are all set as U ¼ U0, @C

@n ¼ 0: The
free outflow boundary condition is set at the outlet.

Figure 31 presents streamlines and concentration fields of products in bioreac-
tors filled with granules with various porosities at Re = 0.05. With increasing
porosity of the immobilized granules, the curvature of streamlines flowing into the
granules decreases and the streamlines inside the granules are smoothed as seen in
Fig. 31a. This can be understood by the resistance between the main flow and the
porous granules decreasing with the increasing porosity, and hence, facilitating

Fig. 31 (continued)
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fluid flow into the granules and decreasing the streamline curvature. Meanwhile, the
fluid suffers fewer constraints from the porous structure with larger porosity and
holds a larger flow area, giving rise to smooth fluid flow through the porous
granules. It can be seen in Fig. 31b that the product concentration obviously
increases both inside the granules and in the bulk flow with increasing granule
porosity. The easy delivery of the substrate into immobilized granules with high
porosity is beneficial. Meanwhile, increases in the bioreaction surface and light
transmissivity of granules with high porosity are also helpful for hydrogen
production.

The hydrogen production performance of the bioreactor has been assessed
for various immobilized granules as seen in Fig. 32. With increasing porosity,
the substrate consumption efficiency increases, while the hydrogen yield slightly

(a) Substrate consumption efficiency 

(b) Hydrogen yield 

Fig. 32 Effect of porosity on
the hydrogen product
performance in the bioreactor
with a porous granule
immobilized PSB-cell
(adapted from [288],
Copyright 2017, with
permission from Elsevier)
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decreases, and they tend to be stable when e > 0.5. Moreover, the hydrogen pro-
duction performance obtained by LB numerical simulations for immobilized
granules with a porosity of 0.3 is compared with experimental results [149] as
shown in Table 13. It shows that the relative error of substrate consumption effi-
ciency between LB results and experimental results is about 5.9%, and that of
hydrogen yield is about 5.4%, implying good agreement. This demonstrates that
pore-scale LBM simulations coupled with QSGS can simulate photohydrogen
production in bioreactors with porous immobilized granules.

9 Conclusion

Photofermentation by PNSB can effectively degrade organic components of waste
streams, such as industrial wastes, agricultural wastes, and wastewaters, while
producing hydrogen. This process effects a high substrate utilization efficiency with
a high hydrogen yield when simple substrates, such as sugars and VFAs, are
employed. For high molecular weight biomasses, such as lignocelluloses, an extra
pre-treatment step is necessary to produce low molecular weight organic molecules
and to improve hydrogen performance. The key enzymes responsible for hydrogen
production in PNSB, namely nitrogenase and hydrogenase, are very sensitive to
gaseous environments as well as ammonium. This requires a well-controlled
environment for photofermentation. To achieve high-performance hydrogen pro-
duction, various photobioreactors B have been developed. Suspension cultures are
advantageous for the mass transfer of substrates and metabolic products, while they
suffer from poor light transmission and PNSB retention. Alternatively, immobilized
cultures, such as biofilm-type reactors, may offer a cost-effective solution.
Nevertheless, many thermodynamic challenges, including fluid flow, heat and mass
transfer, as well as light transfer in the growth and metabolism of microbes, sig-
nificantly limit PBR performance. LBM simulations can provide a comprehensive
view of fluid flow and mass transfer coupled with biochemical reactions in PBRs.
More work should be devoted to developing high-performance PBRs and opti-
mizing their operational parameters to achieve a high hydrogen production per-
formance, and to realize continuous large-scale photofermentative hydrogen
production using natural illumination.

Table 13 Comparison of the hydrogen production performance in a bioreactor between LB
numerical results and experimental results at e = 0.3 (adapted from [288], Copyright 2017, with
permission from Elsevier)

LB numerical results Experimental results Error (%)

η (%) 3.40 3.21 5.9

r (g/g) 0.00368 0.00389 5.4
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Chapter 8
Fermentative Alcohol Production

Mariano Martín, Antonio Sánchez and John M. Woodley

Nomenclature

a Specific area (m−1)
a′ Horizontal diameter of the bubble (m)
A Contact area (m2)
Ar Instantaneous area of the bubble (m2)
Aref Bubble surface area as a rigid body (m2)
b′ Vertical diameter of the bubble (m)
b Bubble cup half height (m)
c Concentration (mol L−1)
cA Concentration of species A (mol L-1)
C Bubble cup half length (m)
C* Saturation concentration (kg m−3)
CD Drag coefficient
Ci Constants
Di Diffusion coefficient of component i (m2 s−1)
d32 Sauter meandiameter (m)
db Initial bubble diameter (m)
deq Equivalent bubble diameter (m)
dmax Maximum stable bubble diameter (m)
DAB Molecular diffusivity of A in B (m2 s−1)
eff Fouling coefficients
E 2C/2b as defined in Fig. 7
Et Ethanol concentration (g dm−3)
Et* Saturation concentration of ethanol (g dm−3)
FlG Aeration number FlG ¼ Qc

NT3
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Fr Froude number Fr ¼ TN2

g
g Gravity constant, 9.8 m s−2

G Glucose concentration (g dm−3)
Gr

Grashof number Gr ¼ d3
bq�Dq�g
l�DAB

hi Film resistance inside the vessel (J m−2 K−1)
he Film resistance of the fluid (J m−2 K−1)
k Film resistance of the jacket (J m−2 K−1)
kL Liquid film resistance (m s−1)
kH;i Henry coefficient of component I (mol l−1 atm−1)
Ks Substrate concentration corresponding to 1/2 µmax (g dm−3)
KI Inhibition equilibrium constant (mol l−1)
Kmj Concentration of the metabolite, where the rate is equal to half of Vmax and

j is the number of corresponding reactions (mM)
Kisj Inhibition constant for the substrate, where j is number of corresponding

reactions (mM)
Kiij Inhibition constant for the inhibitor, where j is the number of corresponding

reactions (mM)
Kaj Activation constant for the activator, where j is the number of corresponding

reactions (mM)
kG Gas phase resistance to mass transfer (m s−1)
K Global phase resistance to mass transfer (m s−1)
ki Interphase resistance to mass transfer (m s−1)
kLa Volumetric mass transfer coefficient (s−1)
kf Conductivity (J s−1 m−1 K−1)
Ks The half velocity constant (M)
m Maintenance utilization (h−1)
Ni Molar flux (mol m−2 s−1)
N Impeller speed (s−1)
Nu Nusselt number Nu ¼ h�L

kf

P Product (Ethanol) concentration (g dm−3)
P Impeller power (W)
Pg Aerated power (W)
Po Power number Po ¼ P

T5N3
q

Pm Ethanol concentration above which cells do not grow (g dm−3)
P0
m Ethanol concentration above which cells do not produce ethanol (g dm−3)

Pe Peclet number Pe = UB�db

DAB

Pr Prandtl number Pr ¼ Cp�l
k

Qc Gas flow rate (m3 s−1)
Q Pumping capacity (Eq. 1)
q Specific rate of substrate utilization (g dm−3 h−1)
qmax Maximum specific rate of substrate utilization (g dm−3 h−1)
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R Bubble radius (m)
Rg Constant of the gases (Pa m3 mol−1 K−1)
RPD Gasification factor Pg/P
rS Overall reaction rate(mol l−1 s−1)
rg Rate of cell growth (g dm−3 h−1)
rd Rate of cell death (g dm−3 h−1)
rsm Rate of substrate consumption for maintenance (g dm−3 h−1)
Re Reynolds number Re ¼ T2Nq

l

S Substrate concentration (g dm−3)
s Element replacement rate (s−1)
Sc Schmidt number Sc = l

q�DAB

Sh Sherwood number Sh = kLdb

DAB

t Time (s)
T Impeller diameter (m)
Ti Impeller blades width (m)
T Temperature (K)
U Global heat transfer coefficient (J m−2 K−1)
UB Terminal rising velocity of the bubbles (m s−1)
Vmax Maximum reaction velocity (mol l−1 s−1)
V Volume (dm3)
x Width of the wall (m)
X Biomass concentration or xylose concentration (g dm−3)
Yi Yield coefficient
YX=S Biomass yield from substrate
YEt=X Ethanol yield from biomass
uG Superficial gas velocity (m s−1)
V Liquid volume (m3)
w Blade speed (m s−1)
We Weber number We ¼ qN2T3

r
xA Molar fraction of species A
z Vertical coordinate (m)
zb Film thickness (m)

Greek Symbols

a, b, a0, b0, a00, b00 and d Empirical coefficients
a Fraction of molecules hitting the surface
ai Fraction of the bubble surface
bi Mass transfer coefficient (m s−1)
b, d Empirical coefficients
b Inhibition constant
do Boundary layer thickness (m)
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e Dissipated energy (W kg−1)
eG Gas hold up
q Liquid density (kg m−3)
qG Gas density (kg m−3)
qi Reaction rate of component i (mol l−1 h−1)
l Liquid viscosity (Pa s)
r Surface tension (N m−1)
eG Gas hold up
η Turbulence characteristic length (m)
m Kinematic liquid viscosity (m2 s−1)
c Stress (N m−2)
lmax Maximum specific growth rate of the biomass (h−1)
l Specific growth rate of the biomass (g dm−3 h−1)
lw Water viscosity (Pa s)
c Inhibition constant
ti Specific productivities of component i

1 Introduction

Bioethanol production is typically focused on the use of sugar to obtain ethanol via
anaerobic fermentation. This has been the main path used by most first and second
generation bioethanol plants all over the world. However, this particular case only
covers one example of units and mechanisms for the production of alcohols
intended as fuels. A broader view of the problem presents two different feedstocks,
not only sugar but also syngas. The principles for the fermentation of both resources
are similar, although, while sugar fermentation is a single phase reaction, liquid,
where a solution of water and ethanol is produced in jacketed stirred tank reactors,
the use of syngas expands the complexity into gas-liquid type bioreactors. These
two phase reactors are governed by the mass transfer between the gas, the raw
materials, and the liquid, where the ethanol will be obtained. This fact provides a
further degree of freedom in terms of reactor design, not only stirred tanks but also
bubble columns can be used. This alternative has its supporters but it has not been
fully deployed. Furthermore, ethanol is not the only fermentative alcohol of choice
as a biofuel, and lately, biobutanol has gained particular interest. In order to cover
the basics for the design of the units used for such processes, we have divided this
chapter into the principles and the applications. Section 2 presents the hydrody-
namics of the units as well as mass transfer rate limitations in the case of gas-liquid
systems; the energy transfer required to cool an exothermic reaction and the kinetic
mechanisms. Section 3 presents examples for bioethanol and biobutanol produc-
tion. The kinetics of the production of alcohols from syngas or glucose is based on
the Monod model that evaluates the growth of microorganisms such as
Sacharomices cerevisiae, Zymonas Mobilis, etc. While the basic model is quite
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simple, the fact that alcohols inhibit that growth requires the addition of terms to
account for that inhibition in the models.

2 Reactor Design Principles

This section is divided into single phase reactors (ignoring the presence of solids),
and gas-liquid reactors for application in the fermentation of sugars and syngas,
respectively. This classification allows presentation of the main features of the
design of such units from the hydrodynamic, as well as mass/heat transfer per-
spective considering the dispersion of syngas in the fermentation broth.

2.1 Liquid Systems

Within this subsection the units devoted to the fermentation of sugars are presented.
This is the base case for aerated stirred tanks that will be presented in Sect. 2.2. We
consider the internal hydrodynamics as well as the power input responsible for the
fluid circulation in the tanks. We follow this with a discussion about heat removal.
Aerobic fermentations are exothermic, and since they operate at near ambient
temperature, 32–38 °C, this makes heat transfer an important challenge to be
addressed.

2.1.1 Hydrodynamics

The internal flow pattern in a stirred tank is generated by the geometry, the baffles
and the impeller (or agitator) used. While the geometry is often standard, and the
baffles follow certain rules-of-thumb in terms of allocation and size [1], there are a
number of impellers available such as Rushton turbines, pitched blade turbines,
propellers and anchors. The typical classification considers those which generate an
axial flow (e.g. pitched turbines), and those which generate a radial flow (e.g.,
Rushton turbines). Figure 1 shows the geometry of a number of commercial
impellers typically used in industry [2].

Mixing within the tanks consists of bringing into contact high velocity streams
inside the tank with stagnant regions of fluid so that stresses are generated on the
contact surface. This mechanism develops turbulent eddies that will be incorporated
in the general flow. High turbulent velocity is required for an effective mixing
operation. The stream generated by the impeller must generate enough liquid flow
in order to move the whole bulk liquid, while at the same time generate kinetic
energy to balance the shear stress, and enough velocity so that dead volumes are
minimized. Thus, the quality of mixing in a tank can be quantified using two
parameters—the mixing time and the pumping capacity. The mixing time refers to
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the time it takes to reach 90–95% of homogeneous concentration in a tank [3]. It is
proportional to the circulation time in the tank given by the liquid volume divided
by the flow velocity, which is proportional to N�T3, where N is the impeller speed
and T its diameter. As a result, according to Gogate et al., the mixing time is
inversely proportional to the impeller speed [4]. With respect to the pumping
capacity, it is assumed that the impeller behaves as a pump that moves the fluid
across the tank. Equation (1) shows the expression for pumping capacity [5]:

Q ¼ NQ � N � T3 ð1Þ

where NQ is the dimensionless discharge coefficient.
Since the impeller acts as a pump, the power provided can be computed from an

analysis of the forces acting on the impeller blades as it rotates inside a liquid with a
relative velocity w [6]. The dynamic pressure exerted on the blade can be written as
1
2 qw

2, while the theoretical force is obtained by multiplying this pressure by the
blade area, A. So, the theoretical force is written as Ft ¼ 1

2 qw
2A. The actual force

on the blade is related to the theoretical force by a drag coefficient CD, so that the
force becomes:

Fa ¼ 1
2
qw2ACD ð2Þ

A definition of power is obtained multiplying force by velocity, therefore giving
an expression for power:

Fig. 1 Impellers geometry a pitched curved blade turbine; b anchor type turbine; c Rushton
turbine; d pitched curved blade turbine; e propeller; f two bladed turbine; g three bladed turbine;
h four blade turbine
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P ¼ CD
1
2
qw3A ð3Þ

For a paddle agitator, the frontal area A is a combination of the length of the
blade and its width. Both are functions of the impeller diameter, T; thus A / T2.
Since velocity is a function of impeller diameter and speed of rotation, then
w / NT. Combining these relations gives the following description of power:

P / N3T5 ð4Þ

An experimentally proved law derived from dimensional analysis, called the
“propeller law”, states that the theoretical power requirement of the agitator is given by:

P = qN3T5 ð5Þ

And the actual power, P, transmitted by the agitator is related to Eq. (5) through
a coefficient, Po.

P ¼ PoqN3T5 ð6Þ

Typically Po is termed the Power Number. The power consumed in a tank is
usually calculated from the torque needed to move the fluid inside. In this way, the
power transmitted by an agitator given by Eq. (6) can be related to the applied
torque, Mr , [6], as follows:

P ¼ 2pNMr = PoqN3T5 ð7Þ

However, by means of dimensional analysis it has been proved that the power an
impeller provides depends on the geometrical characteristics of the system as well
as on dimensionless numbers like the Power Number, the Reynolds Number and
the Froude Number (Fig. 2).

The Power Number, defined by Eq. (6), accounts for the friction forces, so it is a
measure of the resistance of the liquid to move. It is proportional to the ratio
between the resistance force acting on the area of the blade and the inertial force.
The inertial force is related to the momentum transfer due to the global movement
of the fluid. For baffled reactors, the Power Number is constant. Although from
Eq. (5) it could be inferred that the number of blades should increase the power
proportionately, the wake influence of upstream blades is similar to a sheltering
effect and consequently the power only increases in proportion to the number of
blades raised to a power in the range of 0.5–0.8. Thus, if more blades are added, the
blades are subject to a diminishing local normal velocity.

The Froude Number (Fr = TN2

g ), where T is impeller diameter, g is gravity and

N the revolutions per minute accounts for the relationship between the inertial force
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and the gravity per unit area acting on the fluid. It has an important effect when
waves are developed on the liquid surface in the form of vortices.

The Reynolds Number (Re ¼ T2Nq
l ), where q and l are fluid density and vis-

cosity, respectively, represents the ratio between the kinetic forces and the resis-
tance forces. It also describes the flow regime in the tank [7].

2.1.2 Heat Transfer

The energy generated in any reaction or bio-reaction must be dissipated to maintain
isothermal operation avoiding damages to the microorganisms. The heat transfer is
computed using the standard design equation for heat exchangers as follows:

Q ¼ U � A � DT ð8Þ

where Q is the heat load, A is the contact area, DT the temperature gradient and U,
the global heat transfer coefficient. U is computed considering the film resistance

Fig. 2 Scheme for a jacketed
stirred tank reactor
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inside the vessel, hi, as well as the film resistance of the jacket, k, and the fluid, he
[8]. x is the width of the wall and eff are the fouling coefficients.

1
U

¼ 1
hi

þ effinterior þ x
k
þ effexterior þ 1

he
ð9Þ

The internal heat transfer resistance is computed using Eq. (10) for Rushton
turbines [8], where kf is the conductivity, Da is the diffusion and Pr is the Prandtl
number and lw is water viscosity as a reference.

hi ¼ kf
Da

� 0:74 � Re0:67 � Pr0:33 l
lw

� �0:14

ð10Þ

Likewise, the heat transfer resistance from cooling water flowing inside the
jacket can be computed in a similar way as follows:

he ¼ kf
De

� 0:023 � Re0:8 � Pr0:33 l
lw

� �0:25

ð11Þ

De is the diffusion coefficient.

2.2 Gas-Liquid Systems

The second main system for the production of alcohols is the fermentation of
syngas. This system includes another phase, a gas phase, that must be dispersed in
the liquid to provide the feed to the microbial cells. The gas from the bubbles gets
dissolved into the liquid phase and is consumed by the cells, which metabolize it to
produce ethanol. There are two main bioreactor designs possible for such a fer-
mentation, bubble columns and stirred tank reactors. The former are tanks in which
the gas flow injected generates the mixing and the flow pattern inside. The latter are
just a modification of the units described for the previous case. A sparger is added
to inject the gas phase into the liquid, see Fig. 2. The flow dynamics of gassed
stirred tanks depends on both, the stirring and the gas flow.

2.2.1 Hydrodynamics: Gas-Liquid Contact Equipment

• Bubble Columns

The hydrodynamics inside a bubble column is generated by the gas injected
through the dispersion device. The flow pattern developed depends on the flow rate
but also on the bubble size, as well as on the geometry of the equipment and on the
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physical properties of the liquid. Consequently, three flow regimes are typically
found, see Fig. 3. The homogeneous flow regime is characterized by a narrow
bubble size distribution. The bubbles are distributed across the reactor uniformly.
This regime holds up to flow rates of 0.03 m/s, or even as high as 0.08 m/s,
depending on the sparger type. As the flow rate increases, the uniform distribution
of gas bubbles disappears as turbulent flow develops. This second regime is referred
to as the heterogeneous or churn-turbulent flow regime where a bimodal distribu-
tion of bubbles is created. Large bubbles or agglomerates of bubbles form and
travel upward at high velocity together with small bubbles which are actually
transported downward in a zone close to the column wall. In small diameter bubble
columns, like the ones used at laboratory scale, a third regime can be identified,
termed slug flow. Slug flow occurs at large flow rates and generates large bubbles
that are stabilized at the column wall. Figure 3 shows the three regimes as a
function of the superficial gas velocity and the diameter of the column [9, 10].

The bubble dispersion, characterized by equivalent diameter deq, generated can
be characterized by the contact area, a, and the gas hold up, eG. The gas hold up
refers to the volume of gas within the reactor. Both variables are linked as follows
[11]:

a =
6eG
deq

ð12Þ

The area of the gas-liquid interface is one of the most important process
parameters at high reaction rates (e.g., when a bubble column is employed as an
absorber). Therefore, the interfacial area becomes a crucial factor in equipment

Fig. 3 Flow regimes in a bubble column (Adapted from [9, 10])
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sizing. Like gas hold-up, interfacial area depends on the geometry, the operating
conditions, and the gas-liquid system. Mixing deforms the bubbles up to their
breaking point, determining the distribution. The equivalent diameter is calculated
considering the bubbles as ellipsoids, Fig. 4:

deqi ¼ a0 2 � b0� �ð1=3Þ ð13Þ

The Sauter mean diameter is defined as the ratio between the volume and the
surface area and can be computed as follows:

d32 ¼
P

nid3eqiP
nid2eqi

ð14Þ

where ni is the number of bubbles with an equivalent diameter deqi.

• Stirred Tank Reactors

Aside from the use of bubble columns, stirred tanks can also be used for
gas-liquid dispersion and mixing. In this case the gas dispersion is generated by
combining the gas flow together with the flow pattern generated by the impeller.
The two variables that characterize the flow are the dissipated power in the fluid and
the gas hold-up. The gas phase affects the mixing and the power consumed. The
flow developed by the impeller pushes the bubbles and guides them throughout the
tank, against the natural rising tendency of the bubbles (on account of their lower
density). This can lead to a great accumulation of gas below the impeller, which
will result in hydrodynamic instabilities. In reality, any impeller capable of main-
taining the power input in the absence of aeration when the gas phase is introduced
will be more stable and its scale-up also be easier. Therefore, each impeller has a
particular effect on the gas phase and so the result of the presence of the gas phase
on the power input depends on the impeller. For example, it is reported by Vogel
and Todaro that Rushton turbines and down flow blades show a reduction in the
power input as a result of the gas flow rate [12]. However, concave blades maintain
up to 70% of the unaerated power. The equation to compute the aerated power in a
gas-liquid system is a modification from the one developed for single phase stirred
tanks as follows:

a’

b’

Fig. 4 Equivalent diameter
calculations (Eq. 13)
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P ¼ PoðRPD)qN3T5 ð15Þ

where RPD is the relative demand (or the gasification factor) also defined as the
ratio between the aerated and the unaerated power input (Pg/P). According to Vogel
and Todaro this term depends on the shape of the blades, the gas flow rate, the
impeller speed and its diameter [12]. Typical values for the RPD coefficient for
Rushton turbines are 0.4, while in the case of concave parabolic blades, it is almost
0.9. If the blades are semi-circular the value is around 0.7. However, when high
power is needed, disk turbines with more than 6 blades are used. Turbines with up
to 16 blades also result in RPD values around 0.4.

In order to determine the (Pg/P) ratio, empirical correlations based on dimen-
sional analysis have been developed relating the geometrical characteristics of a
given impeller to the actual power input. The studied variables have been the stirrer
speed, N, the diameter of the stirrer, T, the liquid properties such as density, q
viscosity, l, and surface tension, r, the gas flow, Q. The correlations depend also
on dimensionless numbers like the Flow Number of the Weber number [13].The
Flow Number, FlG, accounts for the effect of the gas phase on the agitation and is
defined by Eq. (16) where Qc is the gas flow rate.

FlG ¼ Qc

NT3 ð16Þ

For a Rushton turbine, the correlation developed by Hughmark [14], is given by
Eq. (17), where V is the volume of the mixture and Ti a blade width:

Pg
P

¼ 0:1 � N2T4

gTiV
2=3

� ��1=5

� Qc

NV

� ��1=4

ð17Þ

Alternatively, Michel and Millar proposed another correlation, Eq. (18) [4]:

Pg ¼ 0:783
P2oNT

3

Q0:56
c

� �0:459

ð18Þ

Finally, design books also present the following Eq. (19):

Pg
P

¼ 1� 1:26 � Qc

NT3 ð19Þ

Although alcohol production will take place in fermentation broth (essentially
water), the rheology of the liquid also affects the power input. For instance,
pseudoplastic fluids consume less power within a certain range of Reynolds
number. Next to the impeller the high velocity gradients result in a small apparent
viscosity close to the impeller that increases as the distance from the impeller
increases. Thus, the liquid can be in a laminar regime consuming low power.
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The power provided by the impeller together with the gas flow rate are
responsible for the bubble dispersion and the flow regime, see Fig. 5 [6]. We
distinguish three main regimes:

(1) Flooding: The impeller is overwhelmed by the gas and the real contact is poor.
(2) Before loading bubbles rise with little effect from the impeller.
(3) Loading: The impeller can disperse the gas phase through the upper part of the

tank.
(4) Complete dispersion: Bubbles are scattered throughout the tank and the gas

phase is recycled to the impeller.

In the case of high gas flow rates, the gas phase can remain next to the impeller
reducing the power input given by the impeller [15].

Bubble dispersions are characterized by their mean bubble size, eG, as well as the
specific area. They all play an important role in mass transfer processes since they
determine the residence time as well as the contact between the two phases.

The theoretical study of the bubble mean diameter in a gas liquid dispersion has
traditionally been analysed according to the Kolmogorov’s theory of isotropic
turbulence. The maximum stable diameter, dmax, for a bubble or a drop is a function
of the Weber Number (We) of the system [16].

dmax ¼ C1 �We�0:6 ¼ C2 � e�0:4 ¼ C3 � N�1:2 ð20Þ

It is widely accepted that the dispersed energy, e, corresponds to the power input
per unit mass, in all the equations proposed above [17]. Thus, Eq. (20) can be
rearranged as follows:

dmax ¼ C4
r3=5

q3=5e2=5
ð21Þ

where Ci are constants.
The Sauter mean diameter, d32, is considered to be proportional to the maximum

stable diameter [16, 18]. Therefore, we can compute d32 as follows:

1 3 42

Higher N
Larger Q

Fig. 5 Flow regimes inside
an aerated stirred tank
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d32 ¼ C5
r3=5

q3=5e2=5
ð22Þ

However, Eq. (22) does not include the effect of the gas phase within the tank.
Therefore, it was included as in Eq. (23) by Calderbank [18].

d32 ¼ C6
r3=5

q3=5e2=5
e1=2G ð23Þ

In contrast, if the bubble size is not controlled by the bubble break-up process,
the Sauter mean diameter is proportional to the minimum diameter of the bubbles in
the dispersion [16]. Therefore,

d32 ¼ C7 � e�0:25 ð24Þ

In the equations above, the coefficients Ci are functions of the dispersion device
and the impeller type. Thus, to simplify the theoretical considerations, an empirical
formula is commonly used, where kd is an adjustable parameter:

d32 ¼ kd � Pg
V

� �d

ð25Þ

This equation has been obtained as the solution to a population balance
assuming turbulent break-up of the bubbles whose stability is determined by the
surface tension [19]. Several correlations are available in the literature. For
example, Bouaifi proposed Eq. (26) for the air-water physical system [20]:

d32 ¼ 10:1� 10�3 � Pg
V

� ��0:20

ð26Þ

The relative volume of gas in the tank is given by the gas hold-up. The empirical
equations for the gas hold-up are of the following form [20]:

eG ¼ C1
Pg
V

� �a0

ub
0

G ð27Þ

where uG is the superficial gas velocity. The equation given by Shulka et al. [21] is:

eG ¼ C2
Pg
V

1� eGð Þ
� �a00

ub
00

G ð28Þ

Although more complex correlations have also been developed to include the
particular hydrodynamics generated by the impeller (e.g., Kudrewizki and Rabe
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[22]), it is also possible to adjust Eq. (28). For Rushton turbines, Gogate et al. [4]
presented the following correlation:

eG ¼ 0:21
Pg
V

1� eGð Þ
� �0:27

u0:65G ð29Þ

Using the gas hold-up, we compute the superficial contact area (in a similar way
to bubble columns), Eq. (12). Alternatively a theoretical correlation has been
proposed based on Kolmogorov’s theory, by Calderbank [18]:

a ¼ 1:44
Pg=V
� �0:4�q0:2

r0:6

" #
uG
UB

� �0:5

ð30Þ

where, UB is the terminal rising velocity of the bubbles.

2.2.2 Mass Transfer Principles

The gas phase injected into the reactor carries the reactants. The microorganisms are
in the liquid phase and the gas must be transported to them. Thus, three stages are to
be considered as resistances to the mass transfer, specifically, mass transfer in the
gas phase, the mass transfer at the interphase and the mass transfer in the liquid
side. The resistances to the mass transfer are also dependent on the hydrodynamics
of each phase.

Two film theory: Whitman in 1923 proposed the first attempt to represent the
mass transfer between two fluid phases [23]. In his theory, he assumed that there is
a laminar layer on each side of the interface between two fluids, while fluid tur-
bulence occurs in the bulk of the phases as can be seen in Fig. 6. In the bulk region,
the resistance to mass transfer is negligible due to turbulent eddies and the chaotic
movement of the molecules. However, the mass transfer through the laminar film is
due to molecular diffusion. As a result, the concentration gradient is linear in the
laminar film and zero in the bulk of the phases.

Furthermore, the mass transfer is supposed to be in equilibrium at the interface.
As a result, this theory can only be applied in case the concentration gradients are
quickly developed compared to the transfer time. Then, using subscript L for the
liquid phase, G for the gas phase, B for the fluid bulk and i for the interface, the rate
of mass transfer of component A, NA, is given by:

NA = kLðcLB � cLiÞ = kGðcGi � cGBÞ = K(cLB � cGBÞ ð31Þ

where cjk is the concentration of the solute in phase j, ki and K are the resistances to
the mass transfer in the liquid (L), gas (G) phases and the global one. So that:
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1
K
¼ 1
kL

þ 1
kG

ð32Þ

kj (j = L, G) depends on the film thickness as well as on the transport properties.
The flow determines the film thickness and it is one on the uncertainties of the
theory due to the complexity of characterization.

In case the boundary layer is a turbulent, non-slip surface, both molecular and
eddy diffusion must be considered, although the latter is bigger and thus presents a
negligible resistance [24].

Even though the two film theory considers that there is an equilibrium at the
interface and no diffusional resistance, in liquids containing surfactants the diffu-
sional resistance exists, since surfactants locate at the interface. Furthermore, solute
diffusion sometimes causes interfacial turbulence unrelated to the flowing liquid
mass. This tends to increase the mass transfer rate. Thus, for completion it is
considered that the interface is another resistance to the mass transfer and Eq. (33)
becomes:

NA = kLðcLB � cLiÞ = kiðcLi � cGiÞ = kGðcGi � cGBÞ = K(cLB � cGBÞ ð33Þ
1
K
¼ 1
kL

þ 1
ki

þ 1
kG

ð34Þ

Sherwood et al. [24] determined ki as the maximum mass transfer rate from a gas
surface.

1
ki

¼ 2pRgT
� �1=2
1:006a

ð35Þ

a is the fraction of gas molecules colliding with the interface that remains at the
liquid phase. a = 1 for water, as well as for many simple fluids, and Rg is the gas
constant.

Fig. 6 Two-film theory
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It has been experimentally proven that, in gas-liquid processes, the main resis-
tance is usually the resistance of the liquid phase (kL). Therefore, from now on we
present the theory behind predicting kL. Briefly we discuss three theories:

Penetration theory. Higbie in 1935 developed his theory based on the short
contact time between the fluids, resulting in the fact that the concentration gradient
does not have the opportunity to reach steady-state [25]. Higbie explained that for a
bubble rising through a liquid that absorbs gas, a fluid particle b, initially located on
top of the bubble, remains in contact with the gas phase for a time, t, during which
the bubble rises a height equal to its diameter. The liquid slips down the bubble.
When the contact time is short and the gas diffusion in the liquid phase is slow,
solute molecules in solution can never reach a depth equal to zr, which corresponds
to an eddy thickness. Therefore, from the solute point of view the film thickness, zb
is basically infinite [25].

The molar flux of A can be written as:

NA ¼ xA � ðNA þNBÞ � cDABrxA ð36Þ

where DAB is the diffusion of A into B and xA is the molar fraction. The unidi-
mensional continuity equation for A is:

@cA
@t

¼ � @NAz

@z
ð37Þ

Combining Eqs. (36) and (37) leads to:

NAz ¼ �cDAB
@xA
@z

� xA
cDAB

1� xAo

� �
@xA
@z

����
z¼0

ð38Þ

Substituting into Eq. (36)

@xA
@t

¼ DAB
@2xA
@z2

þ DAB

1� xAo

@xA
@z

����
z¼0

@xA
@z

ð39Þ

The equation is solved using:

t ¼ 0; xA ¼ 0; z ¼ 0; xA ¼ xAo; z ¼ 1; xA ¼ 0 ð40Þ

kL ¼ K

ffiffiffiffiffiffiffiffiffi
DAB

pt

r
ð41Þ

Physically, this theory states that the liquid eddies are consecutively retained and
released from the gas-liquid interface, defining in this way the contact time of the
phases [26].

Surface renewal theory: Danckwerts in 1951 pointed out that Higbies’s theory
(that considers a constant contact time for the turbulent eddies of the liquid at the
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gas surface), was a particular case of a more general situation in which eddies are
exposed to different time intervals [27]. In reality, the gas-liquid interface is made
up of a large number of surface elements with different exposure times. Since solute
penetration depends on the exposure time, an average rate must be calculated per
unit of surface area by adding the individual values. Danckwerts suggested that
surface element replacement was almost independent of the time it had remained at
the surface. Hence the fractional replacement rate for the surface elements:

NA ¼ ðcA;i � cAoÞ �
ffiffiffiffiffiffiffiffiffiffiffiffiffiffi
DAB � sp ð42Þ

where s is the element replacement rate. From where the mass transfer coefficient
kL is:

kL ¼ ffiffiffiffiffiffiffiffiffiffiffiffiffiffi
DAB � sp ð43Þ

So, it was found that k was proportional to DAB
0.5 [28, 29]. Independently, similar

results were obtained by Kishenevsky [30].
Combined theory of surface renewal and film theory: The concept of com-

bined surface renewal and film theory was developed by Dobbins in 1956 [31]. He
pointed out that the film theory (which predicted a proportional relationship
between kL and DAB) considered that surface elements are exposed sufficiently such
that they generate a steady-state concentration profile in the film. On the other hand,
the penetration theory as well as the surface renewal theory, (which predicts a
proportionality between kL and D0:5

AB) assume that the surface elements are at an
infinite depth and, as a result, the diffusing solute will never reach the interior
region of constant concentration. The observed dependency collected in the
exponent n, depends on the circumstances, and can be explained considering that
the surface elements have a finite depth. If zb is finite:

kL ¼ ffiffiffiffiffiffiffiffiffiffiffiffiffiffi
DAB � sp

coth

ffiffiffiffiffiffiffiffiffiffi
s � z2b
DAB

s0
@

1
A ð44Þ

In this way the exponent n of the diffusivity is within the range of 0.5–1 [28, 29].
Theory for surface stretch: The final theory was developed by Lightfoot and

co-workers [32], looking for a trade-off model. They applied the principles of the
penetration-surface renewal theory to particular situations where the interfacial
surface, through which mass transfer takes place, varies periodically with time. An
example of that is an oscillating bubble. A rising bubble oscillates, and if the flow
regime inside the bubble column is turbulent, the main mass transfer resistance can
be found in the surface layer of changing thickness. A mean volumetric mass
transfer coefficient, kLa, with respect to the area is then calculated as:
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kLa ¼
Ar

Aref


 � ffiffiffiffiffiffiffiffi
DAB
pt

q
ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiR t=tr
0

Ar

Aref


 �2
dt

r ð45Þ

where A is the bubble area.
Mass transfer in fluids, spheres: In gas-liquid contact equipment, the gas phase

is dispersed as bubbles into the liquid phase. In spite of their usually irregular shape,
the first approach to study mass transfer from bubbles is to assume that they are
spheres. An equation for the mass transfer rate from spheres, whether they are
bubbles, drops or solid particles, was proposed by Sherwood et al. in 1975 [24]. For
steady-state flow over a submerged spherical particle and considering that only
diffusion takes place:

df
dt

¼ �DAB � 4pr2 dc
dr

ð46Þ

where r is the distance from the centre of the particle. Integrating Eq. (46) between
limits from the surface, R = db/2, to infinity:

df
dt

� 1
R
¼ �4 � DAB � Dc ð47Þ

So that the Sherwood number becomes:

Sh ¼ kdb
DAB

ð48Þ

where db is bubble diameter and k the mass transfer coefficient. And:

k � Dc ¼ �1
Aref

� �
df
dt

ð49Þ

From Eqs. (47 to 49) it can be calculated that

Sh ¼ 2 ð50Þ

However, in forced convection the mass transfer rate is reported to be higher
than the one predicted by Eq. (50). Therefore, a term related to the contribution of
convection is added to the Sherwood number by the Reynolds (Re) and the Schmidt
(Sc) numbers to the purely diffusional term as follows:

Sh ¼ 2þC � ðReÞaSc0:33 ð51Þ

where the exponent, a, depends on the geometry of the system. However,
the exponent of Sc depends on the nature of the diffusional process [33].
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Thus, correlations were developed for small and big bubbles as follows as a
function of the Grashof, Gr, and Schmidt, Sc, numbers [34]:

Big bubbles d[ 2:5mmð Þ : Sh ¼ 0:42 � Scð Þ0:5� Grð Þ0:33 ð52Þ

Small bubbles d\0:5mmð Þ : Sh ¼ 2:0þ 0:31 � Sc � Grð Þ0:33 ð53Þ

The liquid film resistance in the interval among big bubbles and small bubbles
increases linearly with bubble size according to the experimental results of
Calderbank and Moo-Young [34].

Bubble Columns

Experimental results have been fitted to an empirical equation of the form:

kLa ¼ k � ubG ð54Þ

Kawase et al. in 1987 proposed that the contact time between phases in Eq. (41)
could be considered as the ratio between the length of turbulence, η, and the
turbulent velocity, u, defined by the Kolmogorov’s theory of isotropic turbulence
[35]. Both magnitudes characterize the turbulent flow developed in a stirred tank.

g¼ m3

e

� �1=4

ð55Þ

u ¼ m � eð Þ1=4 ð56Þ

m is the kinematic viscosity. The input power per unit mass was determined by
e = uG�g [11].

For a Newtonian fluid, combining Eq. (41) and the contact time proposed by
Kawase et al. leads to [35]:

kL¼ 2ffiffiffi
p

p ffiffiffiffiffiffiffiffiffi
DAB

p eq
l

� �1=4

ð57Þ

In the case of a power law fluid, where n and m are the power flow law
coefficients:

kL¼ 2ffiffiffi
p

p ffiffiffiffiffiffiffiffiffi
DAB

p eq
m


 �1=ð2�ð1þ nÞÞ
ð58Þ

In order to predict, kLa, not only the liquid phase resistance to mass transfer is
needed, but also the contact area between the two phases.
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Stirred Tank Reactors

The experimental results were fitted to an empirical equation of the form:

kLa ¼ k � Pg
V

� �a

�ubG ð59Þ

It has been widely used for the study of stirred tanks. In the case of
Non-Newtonian fluids, the effective viscosity must also be considered.
Modifications to the correlation above can also be found in the scientific literature.
However, the various impellers used and the geometric differences between
equipment (baffles, configuration of impellers, etc) make it easier to use empirical
correlations for each particular system instead of the theories developed to explain
and predict kLa, since the effect of the impeller on the bubbles is not considered in
any of the available theories.

The first theory to review is that of Barabash and Belevitskaya [36]. The second
has already been described above [37], based on Higbies’s Theory.

(A) Barabash’s theory for stirred tanks

Barabash and Belevitskaya in 1995 studied mass transfer from bubbles and
drops in turbulent flow in mechanically agitated systems [36]. The theory is based
on the relationship between the flow of the liquid and the turbulence in the vicinity
of the dispersed phase.

According to the scientific literature, the effect of the turbulence on the mass
transfer rate can be studied from two points of view. The first approach is based on
the diffusion equation in stationary state in the interface considering the effect of the
turbulence at the proximity to the bubble surface. The second uses the non-constant
diffusion model near the interface.

Experimentally, it has been verified that the relaxation time (the lifetime of the
boundary at the interface) of the surface layer is lower than that necessary for the
surface renewal given by the variable diffusion model. Thus, before the surface
renewal occurs, the diffusion boundary layer has already reached steady-state and
the mass transfer can be approximated by a stationary model at the interface.

Barabash and Belevitskaya showed that, according to experimental data, it is
possible to divide the study of kLa in a stirred tank into three different regions [36].
For power inputs lower than 0.1 W/kg, the mass transfer rate is defined by that of
the bubbles rising through a non-stirred fluid. From 0.1 to 1 W/kg, mass transfer
increases with the dissipated energy. For higher values of dissipated energy, the kLa
remains constant.

The authors proposed relations for determining kLa for each region:

Zone 1: e<0.1 W/kg
This region is characterized by low agitation and eG lower than 1%.
The mechanism of mass transfer in this region is similar to one in absence of

mixing. There is a difference between the mass transfer in the back of the bubble,
(brp), and the front (bfp). For bubbles of 5 mm, the wake of the bubble represents
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about 25% of the total surface of the bubble (arp = 0.25) so that kLa can be
calculated by summing the superficial areas .

bt ¼ brparp þ bfp 1� arp
� � ð60Þ

In order to calculate the value for the frontal region:

bfp¼
0:65 � DAB

db

ffiffiffiffiffiffiffiffiffiffiffiffiffiffi
Re � Sc

p
ð61Þ

For the back part bs is used.
This region can also be studied from a different approach. Kendoush in 1994

proposed that the bubble shape in these regions was a spherical cap (see Fig. 6)
[38]. Using the analogy between heat and mass transfer, in the absence of viscous
warming and based on the Higbie theory, he obtained the relationship between the
Nusselt, Nu, and the Peclet, Pe, numbers:

Nu ¼ Sh ¼ 2ffiffiffi
p

p Pe0:5 ð62Þ

where the eccentricity terms are included as E = 2C/2b (see Fig. 7)

Nu = Sh =
2ffiffiffi
p

p Pe0:5
3 � E2 þ 4
E2 þ 4

� �0:5

ð63Þ

Fig. 7 Dimensions of a
bubble cup
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The contribution of both regions to the values of Sh and Nu can be calculated as
function of the angle h.

Zone 2: 0.1 <e< 1 W/kg
Region 2 is characterized by a change in the average energy dissipation rate.

This is a complex zone since there is general turbulence surrounding the bubble as
long as pulsations cross the boundary layer. It is assumed that the rear part of the
bubble occupies 25% of the bubble surface. Turbulent pulsations whose velocities
depend on the energy dissipation rate in the wake zone determine the mass
transfer coefficient.

For a certain fraction of the frontal surface (afp) the averaged velocities of the
flow around the bubbles determine the mass transfer rates. For the other part of the
frontal surface, the pulsation motion, whose intensity depends on the average value
of the energy dissipation rate, determines the value of the mass transfer coefficient.

bt ¼ 0:25 � brp þ afp � bfp þ 1� 0:25� afp
� �

b0 ð64Þ

b0 is given by Eq. (65) and afp must be calculated experimentally.

Zone 3: e>1 W/kg
Stationary state in the boundary layer is assumed as well as the relationships for

turbulence damping near the surface being distorted.

bs¼
0:54 � e � mð Þ0:25

Sc0:5
ð65Þ

(B) Kawase’s theory

Kawase and Moo-Young in 1988 derived an expression to determine the kLa
based on Higbie’s theory [25, 37]. They used Kolmogorov’s isotropic turbulence
theory to calculate the exposure or contact time.

When the energy dissipated in the tank is high, the surface renewal is more
frequent than for the case of a rising bubble. In this case, the liquid film coefficient
depends on the turbulent intensity as energy is dissipated. The exposure time can be
determined through the dissipated energy.

The contact time can be calculated using Komogorov’s theory as the ratio
between the two characteristic parameters of the turbulent eddies, their length, η,
and the fluctuation velocity, u. Both depend on the dissipated energy per unit mass,
e, and the kinematic viscosity, m:

g ¼ m3

e

� �1=4

ð66Þ

u ¼ m � eð Þ1=4 ð67Þ
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For a Newtonian fluid, the liquid film coefficient is:

kL ¼ 2ffiffiffi
p

p ffiffiffiffiffiffiffiffiffi
DAB

p eq
l

� �1=4

ð68Þ

The energy dissipation is that provided by the impeller. If the liquid obeys the
power law:

kL ¼ 2ffiffiffi
p

p ffiffiffiffiffiffiffiffiffi
DAB

p eq
m


 �1=ð2�ð1þ nÞÞ
ð69Þ

This is the same theory as for bubble columns but, in this case, the dissipated
energy is the power input due to the impellers.

2.3 Kinetic Expressions

Monod kinetics is widely used to model the production of bioproducts. The original
specific growth rate was

l ¼ lmax
S

Ks þ S
ð70Þ

where S is the substrate concentration, lmax is the maximum specific growth rate,
and Ks, the half velocity constant. Monod also related the yield coefficient to the
specific rate of biomass growth, l, and the rate of substrate utilization (q):

dx
ds

¼ Yx=s;l ¼ Yx=s
X

; q ffi 1
Yx=s

ds
dt

ð71Þ

where X is the cells concentration and Yi are the yield coefficients. This basic model
was modified to account for substrate inhibition, Ki, where qmax is the maximum
rate of substrate utilization:

l ¼ lmax
S

Ks þ Sþ S2
Ki

ð72Þ

q ¼ qmax
S

Ks þ Sþ S2
Ki

ð73Þ

A generalized model type of equation is of the form, where S is the substrate
concentration and Sm is the critical inhibition concentration. n and m are constants.
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q ¼
qmax 1� S

Sm


 �n
Ks þ S� 1� S

Sm


 �m ð74Þ

3 Alcohols Production

In this section we present the models for the production of ethanol and biobutanol
from sugars and syngas via fermentative processes.

3.1 Ethanol from Sugars

3.1.1 First Generation Ethanol

Ethanol production from corn relies on the fermentation of the sugars produced
after breaking down the grain structure. The reaction is exothermic, operating at
32–38 °C under a pressure slightly above atmosphere to secure anaerobic condi-
tions. The fermentation time ranges from 24 to 72 h using Saccharomyces cere-
visiae. A concentration of ethanol in water no greater than 15% can be achieved.
Miller and Melick [39] proposed the following mass balance model for the kinetics
where X, S and Et are the cells, substrate and Ethanol concentration, ri, the kinetic
rates, Yi, the yields and V the mixture volume [39]:

Cells
V dX

dt ¼ ðrg � rdÞV
Substrate
V dS

dt ¼ Ys=cð�rgÞV � rsmV
Product
V dEt

dt ¼ Yp=cðrgVÞ
Where

rg ¼ lmax 1� Et
Et�


 �0:52
SEt

Ks þ S

rd ¼ kdX
rsm ¼ mX
rp ¼ Yp=crg

8>>>>>>>>>>>>>>>>><
>>>>>>>>>>>>>>>>>:

ð75Þ

In Fig. 8 the profiles for the cells, the substrate and the ethanol are presented
using the values of:

Et* = 93 g/L; n = 0.52; µmax = 0.33 h−1; Ks = 1.7; YX/S = 0.08 g/g; YEt/S =
0.45 g/g; YEt/X = 0.56 g/g; kd = 0.01 h−1; m = 0.03 g substrate/(g cells h).
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3.1.2 Second Generation Ethanol

It is possible to produce ethanol not only from hexoses but also from pentoses.
Second generation ethanol is based on the use of lignocellulosic feedstocks that are
composed of a mixture of cellulose, hemicellulose, and lignin. Therefore, the use of
both sources of sugars allows a better usage of the crop. However, the fermentation
of pentoses is more complex. Zymomonas mobilis has been identified as an
appropriate microorganism for simultaneously fermenting pentoses and hexoses.
Apart from ethanol, other byproducts such as glycerol, succinic acid, acetic acid and
lactic acid are also produced. Table 1 shows the reactions and the typical conver-
sions in a second generation bioethanol processes [40].

The reactions to ethanol are exothermic as follows

C6H12O6 �!yeast 2C2H5OH + 2CO2 DH ¼ �84:394 kJmol�1

3C5H10O5 �!yeast 5C2H5OHþ 5CO2 DH ¼ �74:986 kJmol�1

The reaction time is about 24 h at 0.12 MPa to avoid entrance of air. The
maximum concentration of ethanol in the water is 6–8%. There are a number of
models in the literature for the production of ethanol from xylose and glucose. Here
we present one given by Krishnan et al. [41]. the modified Monod kinetics is given
as follows:

l ¼ lmS
Ks þ Sþ S2=Ki

ð76Þ

Fig. 8 Species concentration over time
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Next, the product, P, inhibition affecting the growth rate, l, is included as
follows:

l
l0

¼ 1� P
Pm

� �b
 !

ð77Þ

Thus, the models for the kinetics of the different species involved are as follows,
where G represents glucose and X, xylose. The parameters for the fermentation are
given in Table 2 [41]. Figure 9 shows the profiles of the main species in the
fermentor solving the model given by Eqs. (76)–(79), using the parameters in
Table 2.

Cells:

lg ¼ lm;g�S
Ks;g þ Sþ S2=Ki;g

1� P
Pm


 �bg� �

lx ¼ lm;x�S
Ks;x þ Sþ S2=Ki;x

1� P
Pm


 �bg� �
1
X
dX
dt ¼ G

GþX lg þ X
GþX lx

8>>>>>><
>>>>>>:

ð78Þ

Product:
mE;g ¼ vm;g�S

Ks;g þ Sþ S2=Ki;g
1� P

Pm


 �cg
 �
mE;x ¼ vm;x�S

Ks;x þ Sþ S2=Ki;x
1� P

Pm


 �cx
 �
1
X
dP
dt ¼ ðmE;x þ mE;gÞ

8>>>><
>>>>:

with

lm;g ¼ 0:152 � X�0:461

lm;x ¼ 0:075 � X�0:438

vm;g ¼ 1:887 � X�0:434

vm;x ¼ 0:16 � X�0:233

8>><
>>:

Table 1 Reactions and conversions in a second generation bioethanol production

Reaction Conversion

Glucose ! 2 Ethanol + 2 CO2 Glucose 0.92

Glucose + 1.2 NH3 ! 6 Z � mobilis + 2.4 H2O + 0.3 O2 Glucose 0.04

Glucose + 2 H2O ! Glycerol + O2 Glucose 0.002

Glucose + 2 CO2 ! 2 Succinic Acid + O2 Glucose 0.008

Glucose ! 3 Acetic Acid Glucose 0.022

Glucose ! 2 Lactic Acid Glucose 0.013

3 Xylose ! 5 Ethanol + 5 CO2 Xylose 0.8

Xylose + NH3! 5 Z � mobilis + 2 H2O + 0.25 O2 Xylose 0.03

3 Xylose + 5 H2O ! 5 Glycerol + 2.5 O2 Xylose 0.02

3 Xylose + 5 CO2! 5 Succinic Acid + 2.5 O2 Xylose 0.03

2 Xylose ! 5 Acetic Acid Xylose 0.01

3 Xylose ! 5 Lactic Acid Xylose 0.01
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Table 2 Kinetic parameters for fermentation

Parameter Glucose fermentation Xylose fermentation

lm (h−1) 0.662 0.190

mm (h−1) 2.005 0.250

KS (g/L) 0.565 3.400

KS′ (g/L) 1.342 3.400

Ki (g/L) 283.700 18.100

Ki′ (g/L) 4890.000 81.300

Pm (g/L) 95.4 for P � 95.4 g/L

129.9 for 95.4 � P � 129 g/L 59.040

Pm′ (g/L) 103 for P � 103 g/L

136.4 for 103 � P � 136.4 g/L 60.200

b 1.29 for P � 95.4 g/L

0.25 for 95.4 � P � 129 g/L 1.036

c 1.42 for P � 95.4 g/L 0.608

m (h−1) 0.097 0.067

YP/S (g/g) 0.470 0.400

YX/S (g/g) 0.115 0.162
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Fig. 9 Ethanol production from hexoses and pentoses [42]
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Sustrate:
� dS

dt ¼ 1
YX=S

dX
dt þmX ¼ 1

YP=S
dP
dt

� dS
dt ¼ 1

YP=S
dP
dt

� dxylo
dt ¼ 1

YP=S
ðmE;xXÞ

� dglu
dt ¼ 1

YP=S
ðmE;gXÞ

8>>>>>><
>>>>>>:

ð79Þ

3.2 Ethanol from Syngas

Second generation ethanol can also be based on gaseous feedstocks. Syngas, a
mixture of CO and H2, can be used in the well-known Fischer-Tropsch reaction,
followed by a catalytic synthesis to produce a mixture of alcohols. Alternatively,
syngas can also be fermented. The groups of microorganisms that can synthesize
valuable products from syngas are known as acetogens. They ferment the gas
through the reductive acetyl-CoA pathway with acetate as their main product.
Among them we can find the most well studied examples such as Acetobacterium
woodii, Alkalibaculumbacchi, Butyribacterium methylotrophicum, Clostridium
aceticum, Clostridium ljungdahlii, Clostridium thermoaceticum, Clostridium auto-
ethanogenum, Clostridium ragsdalei and Clostridium carboxidivorans [43–45].

This fermentation also takes place at 32–38 °C and pH 4–6, also under anaerobic
conditions. It is an exothermic reaction that follows the stoichiometry below. The
conversion of the H2 (or CO since H2:CO = 1) is about 70%. The unconverted gas
can be used as a fuel or cleaned and recycled [46].

3COþ 3H2 ! C2H5OHþCO2

For the reaction to operate, inhibitor species from the raw syngas must be
removed such as H2S, NH3(and even O2), which are common in small amounts in
the output from gasification plants. The use of pressure swing absorption, with
alkali absorbents (such as monoethanolamine, MEA) are typically used to clean up
the gas [46]. Once in the reactor, the first key limitation in the fermentation of
syngas is the maximum concentration of ethanol. The best current practice claims a
maximum concentration of ethanol in the reactor of 5% [47]. Due to this
well-established problem, new systems are in development to adsorb ethanol from
the water during the synthesis reducing the concentration so that the bacteria can
produce more ethanol [48], using in-situ product removal technologies [49].

Until recently, another issue when generating ethanol from syngas has been
the production of the by-product acetic acid. In the nineties, it was already
possible to obtain high selectivity towards ethanol [50, 51]. BRI and Coskata
industries have recently reported that their bacteria are capable of producing only
ethanol [52]. In the scientific literature there are several models presenting the
kinetics of ethanol production from syngas. For example, Chen et al. present a
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simple model based on the rate of CO consumption [53]. In this section we
present the model by Vandecasteele [54] for completeness divided into bio-
conversion reactions and the balance to the gas phase. Table 3 shows the stoi-
chiometry of the fermentation:

The kinetics of the reactions above are given as follows:

q1 ¼ lmax
1

CCO

KCO þCCO þ C2
CO

KI;CO

� KI;UA

KI;UA þCUA
X

q2 ¼ lmax
2

CCO2
KCO2 þCCO2

� CH2
KH2 þCH2

� Khy
I;CO

Khy
I;CO þCCO

� KI;UA

KI;UA þCUA
X

q3 ¼ lmax
3

CCO

KCO þCCO þ C2
CO

KI;CO

� CUA
KUA þCUA

X

q4 ¼ lmax
4

CCO2
KCO2 þCCO2

� CH2
KH2 þCH2

� Khy
I;CO

Khy
I;CO þCCO

� CUA
KUA þCUA

X

q5 ¼ lmax
5

CCO

KCO þCCO þ C2
CO

KI;CO

� CUA
Kac
UA þCUA

X

q6 ¼ lmax
6

CH2
KH2 þCH2

� CUA
Kac
UA þCUA

� Khy
I;CO

Khy
I;CO þCCO

X

8>>>>>>>>>>>>>>>>><
>>>>>>>>>>>>>>>>>:

ð80Þ

See Table 4 for the definition of the terms and the constants involved in the rates
above.

Gas phase mass balances (i is the component as in Table 4). It is assumed that
the gas is fed to the volume above the liquid, VG, for simplicity in the model
development. That volume is assumed to be constant so, we can compute the partial
pressure of the gases assuming ideal behavior and no reaction in the gas phase, no
evaporation of water or ethanol:

Table 3 Stoichiometry of growth and product formation by C. ljungdahlii (mi,j)

CO
(mol L−1)

CO2

(mol L−1)
H2

(mol L−1)
Biomass
(X) (mol L−1)

Acetate
(mol L−1)

Et
(mol L−1)

Biomass growth
on CO

−1/Y1 0.5/Y1 −
0.0175

1 0.25/Y1 − 0.5 (1)

Biomass growth
on CO2 and H2

−(0.5/Y2 −
0.0175)

−1/Y2 1 0.25/Y2 − 0.5 (2)

Ethanol
production
from CO

−1/Y3 0.67/Y4 1 (3)

Ethanol
production
from CO2 and H2

−0.33/Y4 −1/Y4 1 (4)

Conversion of
acetate into
ethanol CO

−2/Y5 2/Y5 −1/Y5 1 (5)

Conversion of
acetate into
ethanol H2

−2/Y6 −1/Y6 1 (6)
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Table 4 Values for the constants in the mass balances and kinetic rates

Symbol Description Value Unit

Yield coefficients

Y1 Cell yield of carbon monoxide 0.0257 Mol cell (mol
CO)−1

Y2 Cell yield to hydrogen 0.0068 Mol cell (mol H2)
−1

Y3 Ethanol yield to carbon monoxide 0.167 Mol ethanol (mol
CO)−1

Y4 Ethanol yield of hydrogen 0.167 Mol ethanol (mol
H2)

−1

Y5 Ethanol yield of acetate (CO) 1 Mol ethanol (mol
acetate)−1

Y6 Ethanol yield of acetate (H2) 1 Mol ethanol (mol
acetate)−1

Parameters

l1
max Maximum specific growth rate from CO 0.195 Mol cell (mol

cell)−1 h−1

0.022

0.04

l2
max Maximum specific growth rate from CO2

and H2

0.042 Mol cell (mol
cell)−1 h−1

l3
max Maximum specific ethanol production

from CO
0.39 Mol ethanol (mol

cell)−1 h−1

l4
max Maximum specific ethanol production

from CO2 and H2

0.39 Mol ethanol (mol
cell)−1 h−1

l5
max Maximum specific acetate conversion

rate from CO
0.39 Mol ethanol (mol

cell)−1 h−1

l6
max Maximum specific ethanol production

from CO2 and H2

0.39 Mol ethanol (mol
cell)−1 h−1

KCO CO saturation constant 0.000078 M

0.00069

KCO2
CO2 saturation constant 0.00022 M

KH2 H2 saturation constant 0.00022 M

0.0003

KUA UA saturation constant for ethanol
production

0.0005 M

KUA
ac UA saturation constant for acetate

conversion
0.0005 M

KI,CO CO inhibition constant 0.002 M

0.00048

KI,CO
ky CO inhibition constant for hydrogenate 0.000000007 M

KI,UA UA inhibition constant 0.00062 M

XMax Maximum biomass concentration before
total sporulation

0.0009631 M

a Inhibition coefficient 1
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dðVG�CG;iÞ
dt ¼ �kLaiðC�

L;i � CL;iÞVL

nG ¼ VG
P
i
CG;i

p ¼ nGRT
VG

pi ¼ VGCG;i

nG
p

8>>>><
>>>>:

ð81Þ

Liquid phase mass balances

dðVL�CL;iÞ
dt ¼ �kLaiðC�

L;i � CL;iÞVL þ riVL

ri ¼
P6
i¼1

ti;jqj
dðCL;iÞ

dt ¼ �kLaiðC�
L;i � CL;iÞþ ri

VL ¼ cte

8>>>>><
>>>>>:

ð82Þ

Taking into account that there is no physical transport of biomass and products

dCX
dt ¼ rX ¼ lX1 þ lX2ð ÞX
dCA
dt ¼ rA ¼ 0:25

YX1
� 0:5


 �
lX1 þ lX2ð Þ � le3

Ye3
� le4

Ye4

h i
X

dCE
dt ¼ rE ¼ le1 þ le2 þ le3 þ le4ð Þ½ �X

8><
>: ð83Þ

The conversion rates of carbon monoxide, carbon dioxide and hydrogen can be
calculated by the summation of the products of the reaction rates and their
respective stoichiometric coefficients:

dCCO
dt ¼ rCO ¼ � lX1

YX1
� le1

Ye1
� 2le3

Ye3

h i
X

dCCO2
dt ¼ rCO2 ¼ 0:5

YX1
� 0:0175


 �
lX1ð Þ � 0:5

YX2
� 0:0175


 �
lX2ð Þþ 0:67le1

Ye1
� 0:33le2

Ye2
þ 2le3

Ye3

h i
X

dCH2
dt ¼ rH2 ¼ � lX2

YX2
� le2

Ye2
� 2le4

Ye4

h i
X

8>>>><
>>>>:

ð84Þ

The liquid mass balances of the gaseous substrates and nitrogen gas are as
follows.

dCL;CO

dt ¼ kLaCO � ðC�
L;CO � CL;COÞþ rCO

dCL;CO2
dt ¼ kLaCO2 � ðC�

L;CO2
� CL;CO2Þþ rCO2

dCL;H2
dt ¼ kLaH2 � ðC�

L;H2
� CL;H2Þþ rH2

dCL;N2
dt ¼ kLaN2 � ðC�

L;N2
� CL;N2Þ

8>>>><
>>>>:

ð85Þ

To compute the saturation concentrations, C*, we assume Henry’s Law, see
Table 5.
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C�
L;i ¼ pi � kH;i ð86Þ

While the mass transfer coefficient was corrected from the one experimentally
determined for CO2 using Higbies’s theory

kLai ¼ kLaCO2

ffiffiffiffiffiffiffiffiffiffi
Di

DCO2

s
ð87Þ

3.3 Biobutanol

Most of the work in the scientific literature about biofuel production is focused on the
production of bioethanol as the alcohol of choice. However, biobutanol is an inter-
esting alternative, not least because it has better properties. For years it has been
produced following the so-called ABE (acetone-butanol-ethanol) fermentation. The
production of the three products simultaneously results in a low yield of butanol,
reducing the economic attractiveness of the system. Only recently Malmierca et al.
[55] have developed a process based on an AB fermentation where by integrating
fermentation with pervaporation, a high yield of butanol is produced [55].
Additionally, the product stream contains solely acetone and butanol. In this section
we present the mechanism and kinetics of typical ABE fermentations from glucose
and xylose. There are several models in the literature but among the most complete is
the one by Shinto et al. [56], Raganati et al. [57]. We refer to the original paper
for further explanation of the model due to the large number of intermediates
involved in the kinetics such as fructose-6-phosphate (F6P), glyceraldehyde-
3-phosphate (G3P), acetyl-CoA (AcoA), butyryl-CoA (BCoA),acetoacetyl-
CoA (AACoA), xylulose-5-phosphate (X5P), sedoheptulose-7-phosphate (S7P),
erythrose-4-phosphate (E4P),ribose-5-phosphate(R5P). Ki are half live velocities and
Vi are the specific growth rates. F is a binary term that inactivates that part of the
model and is equal to 1 if the xylose concentration is over 1 mM and 0 otherwise:

Table 5 Henry’s coefficients
(kH)

Components Value (mol L−1 atm−1)

CO 8.30 � 10−4

CO2 2.45 � 10−2

H2 7.32 � 10−4

N2 5.48 � 10−4
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r1 ¼ Vmax1½Glucose�½Biomass�
Km1 þKm1ð½Glucose�=Kis1Þ2 þ ½Glucose�ð1þ ½Butanol�=Kii1ÞF

r2 ¼ Vmax2½F6P�½Biomass�
Km2 þ ½F6P� F

r3 ¼ Vmax3½G3P�½Biomass�
Km3 þ ½G3P� F

r4 ¼ Vmax4½Lactate�½Biomass�
Km4 þ ½Lactate� F

r5 ¼ Vmax5½Pyruvate�½Biomass�
Km5 þ ½Pyruvate� F

r6 ¼ Vmax6½Pyruvate�½Biomass�
Km6 þ ½Pyruvate� F

r7 ¼ Vmax7½Acetate�½Biomass�
Km7 þ ½Acetate� F

r8 ¼ Vmax8
1

1þðKm8A=½Acetate�

 �

1
1þðKm8B=½AACoA�Þ

 �

½Biomass�
r9 ¼ Vmax9½ACoA�½Biomass�

Km9 þ ½ACoA� F

r10 ¼ Vmax10 ½ACoA�½Biomass�
Km10 þ ½ACoA� F

r11 ¼ Vmax11 ½ACoA�½Biomass�
Km11 þ ½ACoA� F

r12 ¼ Vmax12 ½ACoA�½Biomass�
Km12ð1þ ½Butanol�=Kii12Þþ ½ACoA�ð1þ ½Butanol�=Kii12Þ

r13 ¼ k13½Biomass�
r14 ¼ Vmax14 ½AACoA�½Biomass�

Km14 þ ½AACoA� F

r15 ¼ Vmax15
1

1þðKm15A=½Butyrate�

 �

1
1þðKm15B=½AACoA�Þ

 �

½Biomass�
r16 ¼ Vmax16 ½Acetoacetate�½Biomass�

Km16 þ ½Acetoacetate�
r17 ¼ Vmax17 ½Butyrate�½Biomass�

Km17 þ ½Butyrate� F

r18 ¼ Vmax18 ½BCoA�½Biomass�
Km18 þ ½BCoA� F

r19 ¼ Vmax19 ½BCoA�½Biomass�
Km19 þ ½BCoA� F

r20X ¼ Vmax20½Xylose�½Biomass�
Km20ð1þ ½Xylose�=Kis20Þþ ½Xylose�ð1þ ½Butanol�=Kii20ÞF

r21X ¼ Vmax21½X5P�½Biomass�
Km14 þ ½X5P�

r22X ¼ Vmax22½R5P�½Biomass�
Km22 þ ½R5P�

r23X ¼ Vmax23
1

1þðKm23A=½R5P�

 �

1
1þðKm23B=½X5P�Þ

 �

½Biomass�
r24X ¼ Vmax24

1
1þðKm24A=½S7P�

 �

1
1þðKm24B=½G3P�Þ

 �

½Biomass�
r25X ¼ Vmax25

1
1þðKm25A=½X5P�

 �

1
1þðKm25B=½E4P�Þ

 �

½Biomass�

8>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>><
>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>:

ð88Þ
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d½Glucose�
dt ¼ �r1

d½F6P�
dt ¼ r1 � r2

d½G3P�
dt ¼ r2 � r3

d½Pyruvate�
dt ¼ r3 þ r4 � r5 � r6

d½Lactate�
dt ¼ r5 � r4

d½ACoA�
dt ¼ r6 þ r7 þ r8 � r9 � r10 � r11 � r12

d½Biomass�
dt ¼ r12 � r13

d½Acetate�
dt ¼ r9 � r7 � r8

d½Ethanol�
dt ¼ r11

d½AACoA�
dt ¼ r10 � r8 � r14 � r15

d½Acetoacetate�
dt ¼ r8 þ r15 � r16

d½BCoA�
dt ¼ r14 þ r15 þ r17 � r18 � r19

d½Butyrate�
dt ¼ r18 � r15 � r17

d½Acetone�
dt ¼ r16

d½CO2�
dt ¼ r6 þ r16

d½Butanol�
dt ¼ r19

d½Xylose�
dt ¼ �r20X

d½X5P�
dt ¼ r20X þ r22X � r21X

d½R5P�
dt ¼ r21X � r22X � r23X

d½S7P�
dt ¼ r23X � r24X

d½E4P�
dt ¼ r24X � r25X

d½F6P�
dt ¼ r24X þ r25X þ r2X

d½G3P�
dt ¼ r2X þ r25X � r3X � r24X

8>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>><
>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>>:

ð89Þ

Table 6 shows the coefficients for the previous equations.

4 Conclusions

In this chapter we have provided an overview of the principles and the design of
fermenters devoted to the production of alcohols such as ethanol and butanol. We
cover the production of first generation ethanol from glucose, second generation
ethanol either from sugars, glucose and xylose, or syngas and finally butanol via
ABE fermentation from sugars. The chapter presents the hydrodynamics of the
tanks, single phase and multiphase gas-liquid type tanks, the heat and mass transfer
characteristics as well as the kinetic expressions. Finally, a sample kinetics of each of
the above mentioned cases is presented. Single phase bioreactors are typically used
for sugar based alcohols production. The presence of the alcohols in the mixture
inhibits the reaction and therefore the kinetics is complex following Monod models.
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Alternatively, syngas can be fermented to ethanol. These reactors are two phase ones
where the mass transfer from the gas to the liquid is the limiting stage.
Hydrodynamics are responsible for the contact between the reactants and the liquid
and several reactor designs are available, from bubble columns to CSTR’s.
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Table 6 Coefficients for butanol production kinetics

Reaction K
(h−1)

VMax

(h−1)
Km

(mM)
Kis

(mM)
Kii

(mM)
Ka

(mM)
KmA

(mM)
KmB

(mM)

R1 3.2 46.0 55.6 67.5

R2 40.0 10.0

R3 120 26.5

R4 7.50 177

R5 9.70 500

R6 180 1.50

R7 0.30 50.0

R8 19.0 40.0 70.0

R9 26.5 51.0

R10 20.0 1.00

R11 7.45 30.0

R12 8.10 1.10 23.0

R13 0.017

R14 10.0 5.20

R15 80.0 15.0 50.0

R16 12.0 10.0

R17 35.0 4.90 2.20

R18 100 6.10
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Chapter 9
Biofuels from Microbial Lipids

Kit Wayne Chew, Shir Reen Chia, Pau Loke Show, Tau Chuan Ling
and Jo-shu Chang

1 Introduction

The continuous use of fossil fuels has led to the tremendous increase in atmospheric
CO2 and associated global warming trends and other related environmental issues.
These issues have clearly exaggerated energy security, alongside soaring oil prices
and climate change. With the increase use of petroleum or fossil fuel based
hydrocarbons for energy supply, the gap between demand of crude oil and supply
from indigenous sources is expected to increase over the years [1]. This has created
the need for energy alternatives that would reduce the dependence on fossil fuels.
Besides that, fuels derived from renewable sources are undoubtedly one of the top
alternatives to divert from the reliance of petroleum fuels [2, 3]. Renewable and
non-polluting biomass energy has received increasing attention from industries as
well as academic community.

Biofuels like biodiesel can be produced from feedstock such as canola oil, palm
oil, soybean oil, rapeseed oil and sunflower oil. Soybean and rapeseed are common
feedstocks for biofuel production in America and Europe, respectively. Countries
like Malaysia and Thailand have a surplus of palm crops and can generate large
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amounts of palm oil for biodiesel production [4, 5]. Many vegetable oil can be
converted to renewable fuels, they are favorable due to their environmental benefits
and sustainability. The esters from vegetable oils are good substitutes for diesel as
they do not require any modification in the current automobile engine design and
contain high energetic yields [6]. Fatty acids with longer chain length can also
produce biodiesel with high cetane number and reduced nitrogen oxide emissions.
It is possible to improve the properties of biodiesel through genetic engineering,
where modification of the parent oil could lead to an enriched fuel with certain fatty
acids for improved fuel properties.

The development of biofuels with dedicated energy drops like Jatropha and
soybean have raised many controversies, including land use changes and compe-
tition with food crops for agricultural resources. Biodiesel derived from oilseed or
animal fats is currently not able to meet the realistic demand as they can cover only
a small fraction of the transport fuel requirements. The infeasibility of these sources
become more apparent as large areas of land is needed for the production of oilseed
crops and animal feed [7, 8]. Therefore, it is essential to search for new feedstocks
which are economically competitive, renewable and can be produced in large
quantities without complicated processing. Moreover, the feedstock should provide
environmental benefits over fossil fuel sources and do not compete with food crops
production. Microbial lipids satisfy these criteria as they can be produced
cost-effectively and hence, they have generated interest due to their ability to lessen
the global crude oil and greenhouse gas crisis. Lipids are ubiquitous in all living
organisms, which form the permeable membranes of cells and organelles as a lipid
bilayer. The cultivation of lipid rich microorganisms could be independent from
climatic constraints and can valorize industrial wastes by using them as substrates
[9]. However, the broad commercialization of microorganisms-derived biofuel is
yet to be accomplished due to techno-economic constraints in the downstream
processing and mass cultivation [10].

Microalgae can be considered as the ideal feedstock for the production of bio-
diesel for the following reasons [3, 7, 8, 10]:

i. Microalgae are unicellular with simple nutritional requirements, they grow
easily in varied climatic conditions and habitats, thus providing a high
biodiversity.

ii. They have high photosynthetic efficiency compared to terrestrial plants, and
certain microalgae are able to tolerate very high concentrations of CO2 and can
be used for carbon sequestration. The carbon footprint in biofuel production
can be reduced.

iii. Microalgae can assimilate nutrients like nitrogen and phosphorus from
wastewater, hence wastewater can be used for biomass production and con-
comitant bioremediation.

iv. Microalgae can adsorb heavy metals in solution, and can be used for heavy
metal removal and reduce environmental pollution.
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v. Microalgae are rich in high value compounds like polyunsaturated fatty acids,
pigments, and proteins that has applications in pharmaceutical and nutraceu-
tical industries.

vi. Microalgal biomass has diverse applications in human health and nutrition,
aquaculture feed, animal feed and with the energy rich compounds like car-
bohydrates and lipids, they can be used as a sustainable feedstock for biofuel
production.

Substantial efforts have been taken for the development of high density culti-
vation processes in commercializing microalgal biomass production. Two examples
of these processes are (i) Utilizing the metabolic potential of microalage and
(ii) innovative cultivation systems designed for high cell density cultivation of
microalgae. The metabolic pathways depend on the requirement of light and carbon
sources for growth and cell division and can be divided into three types, namely
photoautotrophy, heterotrophy and mixotrophy [11]. Photoautotrophy is the sim-
plest cultivation system with sunlight and CO2, generally uses an open pond system
and is relatively simple to operate with low cost. Heterotrophic cultivation can
utilize a wide source of organic carbon to reduce the overall cost of biofuel pro-
duced. For the cultivation systems design, the choice between an open or closed
style plays a major role in affecting the efficiency of large scale biofuel production.
Open ponds systems can simulate the growth environment in its natural behavior
while closed system like photobioreactor which are constructed specifically for the
cultivation processes provide uniform and optimal growth conditions for the
culture.

Many oleaginous species have the ability to metabolize pentoses, revealing the
potential of producing triacylglycerol (TAG) from lignocellulosic biomass and
other cheap materials [12]. The cost of microbial oil production may be currently
higher compared to vegetable oil, however, the techno-economics of the production
processes can be significantly improved with various methods. The costs of biofuel
production can be reduced with further developments in using lignocellulose-based
carbohydrates as a feedstock. Besides that, the utilization of the by-product from the
microorganisms’ cultivation for value-added products may also improve the eco-
nomic potential. Optimization of the operating processes could help attain higher
lipid productivity and better cellular lipid content [13].

2 Microbial Lipids as a Potential Resource for Biofuels

The potential feedstocks that may be used as raw materials for biofuel production
has been widely extended due to the recent technological advantages in the related
areas. Microorganisms, because of their ubiquitous nature, is a potential source for a
variety of valuable compounds that can serve as feedstock for biofuel production
(Table 1). Microorganisms offer numerous benefits in the environmental, economic
and energy security outlook when used for the production of biofuels (Fig. 1).
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The cultivation of microbes for a desirable product is an age old process and all the
techniques have been established for major industrial microorganisms like E. coli,
the ethanol fermenting yeast Saccharomyces and the anaerobic Clostridia for
Acetone-butanol-ethanol (ABE) fermentation. They can be cultivated with rela-
tively less labor, regardless of the climate or season, can be easily scaled up and
contains much higher yield of lipids compared to plants [14]. Using microorgan-
isms to produce biofuels will also not compromise the production food and other
products derived from crops. Oleaginous microorganisms, that mainly comprises of
bacteria, algae, yeast and molds, are defined as microbes with lipid content
exceeding 20% of the cellular biomass content. Lipids produced by oleaginous
microorganisms have fatty acid compositions which are similar to that of vegetable
oils and this shows great potential for biofuels production.

2.1 Sources of Microbial Lipids from Oleaginous
Microorganisms

Oleaginous microorganisms belonging to different families such as algae, bacteria,
yeast and fungi are able to generate neutral lipids under certain cultivation condi-
tions. Of these, eukaryotic microorganisms like yeasts and microalgae can

Table 1 Types of biofuels and the sources and manufacturing process [15–20]

Biofuel Types of fuel Sources Microorganisms
sources

Manufacturing
process

Biodiesel Fatty acid
methyl esters
(FAME)

Microbial lipids,
animal fats,
vegetable oils

Microalgae, fungi,
bacteria, yeast,
Escherichia coli

Transesterification,
heterotrophic
fermentation

Biogas Methane Cow and pig
manure

Methanogenic
bacteria

Anaerobic
digestion

Biohydrogen Hydrogen Water Cyanobacterium Bio-photolysis

Cellulose, xylan,
pectin

Caldicellulosiruptor
saccharolyticus

Heterotrophic
fermentation

Bio-alcohols Methanol Methanol,
isobutene

Methanogenic
bacteria

Acid catalysis

Ethanol Enzymatically
hydrolysed
starch

Yeast,
Saccharomyces
cerevisiae

Homoacedogenic
fermentation

Propanol Starch rich
wastes

E. coli Anaerobic
fermentation

Butanol Starch rich
wastes

Bacteria, Clostridium
acetobutylicum

Anaerobic
fermentation

Bio-hydrocarbons n-Alkanes Sugars and
organic acids

Vibrio furnissii Heterotrophic
fermentation

Alkenes Branched chain
fatty acids

Micrococcus sp. Head-to-head
condensation
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synthesize and store triacylglycerol (TAG) in their cell when subjected to nutrient
derivation in the form of nitrogen limitation. In microalgae, under nitrogen limiting
conditions and the continued availability of carbon, cell growth is arrested because
of the limited availability of nitrogen for the synthesis of proteins that are
responsible for cell division. And nitrogen deprivation leads to the activation of
deaminases that particularly act on AMP. Reduction in the cellular and mito-
chondrial AMP can result in the reduced activity of isocitrate dehydrogenase, and
hence citric acid is accumulated, which is then exported to cytosol and converted to
acetyl CoA [21]. Acetyl CoA is the major precursor of fatty acid synthesis and
hence in nitrogen limiting conditions the metabolized carbon is continuously fun-
neled into lipid synthesis in eukaryotic oleaginous microorganisms. Since lipids are
the most reduced forms of carbon, they also need an uninterrupted supply of
reducing equivalents like nicotinamide adenine dinucleotide phosphate (NADPH).
For the synthesis of one mole of a C18 fatty acid, 16 mol of NADPH is required
[22]. The required NADPH is continuously supplied by the TCA cycle via the
activity of the malic enzyme or the pentose phosphate pathway [23]. The lipids thus
stored serve as an energy source or as precursors of fatty acid synthesis required for
cell growth and metabolism after rejuvenation. Hence eukaryotic oleaginous
microorganisms are capable of accumulating neutral lipids or TAGs from 40–80%
of their biomass [21]. Bacteria generally accumulate polyhydroxy alkonates as lipid
reserves and polyhydroxy butyrate is the major PHA to be synthesized and stored
and is also mainly studied in the bacteria Bacillus. Certain bacteria like
Mycobacterium sp., Rhodococcus sp., Streptomyces sp., Acinetobacter sp.,
Nocardia sp., Gordonia sp., Micromonospora sp., and Dietzia sp. are capable of
accumulating TAGs or neutral lipids [24]. Neutral lipids or TAG accumulation in
bacteria is modulated by enhanced activities of phosphatidate phosphatase

Fig. 1 Benefits of oleaginous microorganisms for the production of biofuels
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(PAP) and AcylCoA:Diacyglycerol acyltransferase (DGAT) that converts the fatty
acid palmitic acid to TAG, and with reduced b-oxidation of fatty acids by the
activity of the transcriptional regulator FadR [25]. Table 2 indicates that bacteria
have lower lipid content (20–40% of dry biomass) compared to the other
microorganisms. Nevertheless, bacteria have a very high growth rate, such that it
can achieve a huge biomass production in about 12–24 h, and the culturing method
for bacteria growth is relatively simple. Most bacteria are not oil producers, though
there are some types of bacteria which can synthesize high amounts of fatty acids
(up to 70% of the cellular dry weight) from simple carbon sources [26]. The
extraction of complicated lipoids from bacteria is difficult and hence less signifi-
cance is placed on the use of oleaginous bacteria as a raw material for the

Table 2 Oil content of
various microorganisms [29,
30]

Microorganisms Oil content (% dry weight)

Microalgae
Botryococcus braunii 25–75

Chlorella sp. 28–32

Crypthecodinium cohnii 20

Cylindrotheca sp. 16–37

Dunaliella primolecta 23

Isochrysis sp. 25–33

Monallanthus salina >20

Nannochloris sp. 20–35

Nannochloropsis sp. 31–68

Neochloris oleoabundans 35–54

Nitzschia sp. 45–47

Phaeodactylum tricornutum 20–30

Schizochytrium sp. 50–77

Tetraselmis sueica 15–23

Fungi
Aspergillus oryzae 57

Mortierella isabellina 86

Humicola lanuginosa 75

Mortierella vinacea 66

Bacterium
Arthrobacter sp. >40

Acinetobacter calcoaceticus 27–38

Rhodococcus opacus 24–25

Bacillus alcalophilus 18–24

Yeast
Candida curvata 58

Cryptococcus albidus 65

Lipomyces starkeyi 64

Rhodotorula glutinis 72
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production of biofuels. With the extended knowledge of lipid accumulation in both
prokaryotes and eukaryotes, it is believed that algal lipids has the highest chance to
be the alternative biodiesel source compared to yeasts and bacteria, because of their
economic production potential and increased accumulation of TAGs, next only to
oleaginous yeasts whose production costs should be sustained by alternative cheap
carbon sources [27]. Microalgae can grow very rapidly and many of its species
contain high amount of oil. This oil content may exceed 80% of its dry biomass
weight and its biomass doubling time during exponential growth can be as short as
3.5 h [28]. The oleaginous microalgae and yeasts can grow and accumulate sig-
nificant amounts of lipids and their maximum achievable lipid content can alter
immensely among different species and individual strains [29]. Table 2 shows the
potential microorganism for microbial oil production.

The oil productivity depends on the growth rate of the algal strain and oil content
of the biomass. Microalgae with high oil content and productivities are highly
sought after for producing biofuels. On the other hand, yeasts and fungi are
favorable microorganisms as an alternative oil resource as they typically contain
intracellular lipid as high as 70% of their biomass dry weight. Oleaginous yeast
Crptococcus curvatus is extremely efficient and can accumulate lipids up to 60% on
a dry weight basis. Oleaginous yeasts and molds can also accumulate triacylglyc-
erols that are rich in polyunsaturated fatty acids [31]. Certain species of yeasts are
known for their ability to produce large quantities of microbial lipids due to their
capability to obtain a high dry biomass and high cellular lipid content. Furthermore,
a recent report has shown that the filamentous fungus Mucur circinelloides has
potential as a feedstock for biodiesel production. This microbial lipids showed a
high content (>85%) of saponifiable matter and adequate fatty acid content for
biodiesel production. High purity of fatty acid methyl esters (FAME) was produced
and the direct transformation of fungal biomass to biodiesel without an intermediate
lipid extraction step was made possible [32]. This strengthens the potential of
oleaginous yeasts and fungi as an alternative for biofuels production. The lipids
extracted from oleaginous microorganisms also consists of a wide variation of lipid
classes, such as acylglycerides, phospholipids, glycolipids, free fatty acids (FFA),
lipoproteins, and sterols. These lipid classes will have different physico-chemical
properties which can be observed during extraction [2]. Table 3 shows the content
of various lipids in cell biomass from the oleaginous microorganisms.

2.2 Microbial Lipids Production from Renewable
and Waste Materials

For cost effective biofuels production with microbial lipids, it is essential to reduce
production costs and valorize wastes by recycling resources such as spent cell mass,
water and nutrients. Lipids are intracellular products and the technology involved
for the production of microbial lipids usually produces significant amounts of cell
mass by-products, which contain nutrient, proteins, polysaccharides and other trace
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elements. Besides that, wastewater contains residual nutrients and elements which
can be recycled to increase the efficiency of the microbial lipid technology [30, 41].
Biodiesel production commonly involves three processes which are drying of the
biomass, lipid extraction and transesterification. Recently, the use of direct trans-
esterification has been reviewed, as fatty acids in the lipid rich biomass can undergo
transesterification without a lipid extraction step. This would result in the reduction
of processing time and lessen the solvent needed for biofuel production.

The growth of microorganisms and the production of microbial lipids could also
be supported by fermentation material like food waste. Food wastes are uncon-
sumed food and food residues from residential areas or commercial businesses.
They contain protein, lipids, lignin, carbohydrate and organic acids, which are
promising sources of nutrients for the fermentation process and valuable raw
material for various biotechnological products. With the use of yeasts, some
low-cost fermentation substrates can be converted into bio-lipids. This indicates that
recycling food wastes as a low-cost fermentation substrate for yeast cultivation is
feasible for biological lipid production [42]. Furthermore, lignocellulosic materials
and organic wastes are suitable carbon sources for producing biofuels due to its
high availability and low impact on food prices. The cellulosic biomass will be
converted into simple sugars and these sugars are subsequently converted into
biofuels. Nonetheless, pre-treatment steps are needed and it may be quite energy
intensive as the usage of hazardous chemicals or large amount of enzyme during the
hydrolysis step is required. The pre-treatment step is necessary to reduce the
recalcitrance of lignocellulosic material and this is done by partially breaking
the recalcitrant structure [43].

Cheirsilp and Louhasakul [44] studied the cultivation of oleaginous yeast
Yarrowia lipolytica with industrial wastes like serum latex, palm oil mill effluent and
crude glycerol to evaluate their abilities to grow and synthesize lipid from the wastes.
Different types and mixtures of wastes were also analyzed to reduce the nutrients
requirements. It was found that the yeasts could grow and produce lipids from
various types of wastes, yielding a relatively high amount of lipid (1.6–1.7 g/L) and
high lipid content (48–61%) based on their dry cell mass [44]. Furthermore, in a
study by Poli et al. [45], two industrial wastes have been tested as the carbon and
nitrogen sources for Y. lipolytica QU21 cultivation. The wastes are crude glycerol
from a biodiesel industry and fresh yeast extract from brewery waste. Enhanced
biomass production was observed in crude glycerol waste due to the impurities
present. The additional amounts of peptides and proteins provided are beneficial as
nitrogen sources for yeasts and yeast was found to adapt, grow and accumulate lipids
rapidly on a large variety of wastes [45]. The optimum carbon to nitrogen ratio is
also significant to enable cells to initiate lipid storage, and the use of crude glycerol
for conversion was attractive for increasing the productivity of biofuels.

Microalgal cultivation in photoheterotrophic mode does not need any added
organic carbon source and the carbon is supplied as inorganic CO2 or soluble
carbonates. Industrial exhaust gases or flue gases are rich in CO2 and can be used as
a carbon source for the photoautotrophic cultivation of microalgae. Kao et al.
cultivated a Chlorella sp. MTF-15 on three different flue gases in both indoor and
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outdoor cultures and the growth, biomass and lipid productivities were examined
[46]. The microalgal strain could efficiently utilize CO2, SOx and NOx present in the
flue gas and a lipid accumulation of up to 35% was observed. Growth rate and lipid
production were 0.827/d and 0.961 g/L, respectively [46]. The experiments were
performed on site of a steel factory in Taiwan, making carbon capture feasible with
microalgal cultures. Similarly, Scenedesmus obliquus was grown on flue gas for
carbohydrate and lipid accumulation, and maximum biomass production was
obtained at 14% flue gas [47]. The growth rate, lipid productivity and carbohydrate
productivity were 1/d, 9.9 mg/L/d and 10.3 mg/L/d respectively [47]. Thus, flue
gas is a potential source of inorganic carbon for the photoautotrophic cultivation of
microalgae. However, in heterotrophic cultivation of microalgae, organic carbon
can be assimilated into biomass, resulting in high biomass and lipid productivities.
And as a cost cutting measure, various waste resources rich in organic carbon like
sugarcane bagasse [48], palm oil mill effluent [49], anaerobic digestate [50], lig-
nocellulosic biomass like rice straw [51] and biodiesel derived crude glycerol [52]
has been successfully used for the cultivation of various microalgae. Rice straw was
saccharified by the combination of gamma irradiation, alkali treatment and enzyme
hydrolysis, which was then used for the cultivation of Chlorella protothecoides.
A biomass concentration and fatty acid methyl ester concentration of 6.51 g/L and
2.95 g/L respectively [51]. Sugarcane bagasse hydrolysed by combined acid and
enzymatic treatment and it was shown that better biomass and lipid productivity
was obtained by fed batch fermentation. Biomass and lipid productivity were
24 g/L and 1.19 g/L/d respectively [48]. It was shown that the metabolism of
pentoes via the pentose phosphate pathway (PPP) supported lipid production much
better than the metabolism of glucose by glycolysis. As discussed earlier, the PPP
pathway is a source of NADPH which is much needed for the synthesis of lipids.
The utilization of waste materials as a nutrient source for the production of mi-
crobial lipids and further production to biofuels is a promising platform for the
effective transformation of renewable and waste materials. The combination of
different wastes rich in different nutrients can improve the economics of large scale
lipid production, and the main success factor lies in the selection of microbial
strains with high efficiency for lipid production.

2.3 Factors Affecting Microbial Lipids Production

Microalgae which are capable of producing large amounts of lipids and hydro-
carbons are a promising alternative feedstock for the next generation of biofuels.
They can be cultivated using relatively cheap resources like sunlight and carbon
dioxide (CO2) from flue gases as mentioned earlier and have higher lipid content
with rapid growth rate. However, the lipid accumulation and cell growth in algae
under phototrophic conditions are influenced by various factors, which include light
intensity, dissolved oxygen concentration, pH, carbon dioxide fraction, presence of
organic carbon sources and concentration of nutrients such as iron, nitrogen,
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phosphorus and silicon [39, 53, 54]. Apart from that, key parameters such as
cellular lipid content, lipid productivity and biomass productivity should be
improved to enhance the economic feasibility of algal oil production, though it is
apparent that algae species with high oil content tends to grow more slowly,
resulting in low rates of oil production [55].

Light is essential for cell growth and the specific cell growth rate increases with
increasing photon irradiation flux. The excess photonic energy will dissipate as heat
and this may lead to the photo inhibition of cellular functions [56]. To overcome
this, proper design of bioreactors are selected to elevate the higher limit of photonic
flux. The use of low methanol concentrations could also lead to an improvement of
phototrophic growth of algae by increasing photosynthesis and algae respiration
rates. This indicates that algae grown in a low light exposure condition will have a
higher total lipids content compared to algae exposed to higher light intensity [57].
The CO2 fraction in sparging gas also plays a major role on the cell growth and
lipid accumulation as it affects the medium pH and the availability of bicarbonates
as carbon source for the cells. Several studies reported that increasing the CO2

fraction in sparging air could increase the maximum limit of cell concentration and
promote the rapid growth of cells. However, further elevations on the CO2 fraction
completely inhibited cell growth in many cases as the concentration of CO2 above
5% (v/v) would reduce cell growth [58–60]. This has led to development of
pre-adaptation of cells to higher CO2 conditions and the use of high inoculums
levels to overcome the CO2 toxicity. The use of pure carbon dioxide in the sparging
medium had shown unfavorable pH changes and growth inhibition and hence, they
were replaced with sparging with ambient air and adjustment of pH for successful
cultivation of the algal culture.

The growth of algae was also found to improve at the temperature range of
25–35 °C. Reports have stated that the biomass production increased at temperature
of 30 °C, though the lipid content of certain species tends to decrease at higher
temperatures [61, 62]. Heterotrophic cultivation using carbon sources was intro-
duced to overcome the difficulty of delivering optimal photonic energy to cells in
photoautotrophic growth conditions. High lipid yield and high biomass production
were observed when heterotrophic algae were placed in low light conditions and
supplied with organic carbon instead of CO2 [63]. Another type of growth is the
mixotrophic growth, which utilizes a mixture of different source of energy and
carbon, and undergoes two distinctive processes within the cell: photosynthesis and
aerobic respiration. This type of growth resulted in several fold increase of maxi-
mum cell density and specific growth rates [11]. The nitrogen and phosphorus
limitation in the medium also enhances lipid production in algae cells. Many strains
of algae was found to contain higher lipid content when cultivated in low-nitrogen
medium [64]. The cessation of cell division may occur as a result of nitrogen
depletion, but if carbon metabolism continues, the conversion of carbon to lipid will
divert as described previously [65]. Apart from that, the nature of nitrogen sources
may also affect the algae cell growth and lipid productivity [66]. This is likely to
cause variation in the total fatty acid content in algae while the biochemical
composition of algae is influenced greatly by the growth phase.
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Certain oleaginous fungi can accumulate as much as 80% of their biomass as
lipids. The lipids in fungi are mainly affected by the carbon source, temperature,
pH, nitrogen source and agitation. Molds are often cultivated as they produce high
concentrations of c-linolenic acid (GLA) and arachidonic acid (AA), which is
favorable for the production of biofuels [67]. High oil yields could be obtained with
prolonged fermentation times, which are common in single cell oil fermentation
processes. Prolonged fermentation are carried out under nitrogen limitation, redi-
recting the carbon flux of metabolic pathways towards lipid accumulation [68]. In
Cunninghamella echinulata and Mortierella isabellina, the fatty acid content of the
microbial oil produced was not significantly affected by the carbon source used,
however, the production of these fatty acids in the cells is associated with the age of
the mycelia. The highest fraction of these fatty acids can be found in young
mycelia, while fully grown mycelia showed lower content as the cells have aged
[69]. However in general, the type of carbon source can strongly affect the pro-
duction and fatty acids content in lipids of fungi. The use of various carbon sources
may result in variation in the lipid and GLA content. Since each carbon source
would be utilized as a substrate by a different metabolic pathway, the resultant
metabolites will contribute to the variations in fatty acids content.

Oleaginous yeasts has a TAG fraction which is similar to that of plant oils, they
also have a high oil content and fast growth rate. Yeast can grow on various carbon
sources like glucose, mannose, glycerol, xylose, arabinose and other agriculture
residues. Most oleaginous yeast accumulate lipids up to 40% of their dry weight
and it can increase up to 70% under nutrient-limiting conditions [65]. Many studies
were conducted on the use of glycerol as a carbon source, resulting in highs yields
and enhanced lipid production. However, different yeast strains might have higher
potential of lipid accumulation in different mediums. The supply of excess carbon
sources as well as the limiting of certain nutrients in a medium can also help
increase the lipid production. Lipid production in yeast is strongly influenced by the
aeration, carbon to nitrogen ratio, temperature, pH and inorganic salts [70]. At high
temperatures, the cellular lipid content and production can be high with low degree
of fatty acid unsaturation, and the composition of the fatty acids might vary as a
result of the increased temperature. Moreover, a higher carbon to nitrogen ratio
yields higher lipid content [71]. Many strains of yeast requires a high carbon to
nitrogen ratio to accumulate large amount of lipids.

Bacteria can exhibit high cell growth rates under simple cultivation methods.
Their cellular composition and structure vary depending on the microorganism and
the carbon source used. Actinomycete group of bacteria are able to accumulate high
amounts of intracellular fatty acids of up to 70% of the cell dry weight from simple
carbon sources like glucose under growth-limiting conditions [29, 72]. The accu-
mulation takes place usually at the stationary phase of growth, which is when the
proteins are not being synthesized. However, not all bacteria can accumulate large
amount of fatty acids, they usually produce complex lipoids for energy storage and
stored them as insoluble inclusions in the cytoplasm when excess carbon sources
are available [73].
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3 Conversion of Microbial Lipids to Biofuels

Recently, microbial lipids-derived biofuels are found to contain equivalent qualities
with derivatives of fossil fuels. Biofuels are produced from microbial lipids through
different conversion processes. Some conventional processes to produce biofuels
are transesterification, esterification and anaerobic digestion. These processes are
optimized to obtain the maximum yield of biofuel from microbial lipids through
manipulating the operating parameters. In order to achieve high yields of biofuels,
the lipid accumulation in the feedstock is the key factor. Microbial lipids within the
oleaginous microorganisms are categorized as wax esters (WEs), free fatty acid
(FFA), TAG and polyhydroxyalkanoates (PHAs). WEs are esters that consist of
long chain fatty alcohol and fatty acid. The special properties of WEs resulted in
diverse applications of WEs such as lubricants, polishes, coatings and printing inks.
However, TAG and PHAs are the favorable lipids in biodiesel production compared
to WEs. This is due to the need of the conversion of lipids into a less viscous form
to be used in common internal combustion engines. FFA has always been a concern
in biodiesel production. The presence of FFA during the conversion process leads
to the formation of soap. Therefore, pretreatment has to be performed for removing
or reducing the existence of FFA in biofuel production.

In the biofuel production process, the transesterification of TAG will form fatty
acid alkyl esters (FAAE) and the esterification of PHAs will form hydroxyalkanoate
methyl esters (HAMEs), which could serve as fuel additives as well.
Transesterification is a process of reacting triglyceride, which is found in microbial
lipid, with an alcohol to produce esters (biodiesel) and glycerol as the products. The
common alcohols used are methanol and ethanol that will lead to the formation of
fatty acid methyl esters (FAME) and fatty acid ethyl esters (FAEE), respectively.
On the other hand, the esterification process will lead to the formation of esters and
water by reactions of the alcohol with an acid. The formation of HAMEs can be
obtained by using methanol in the esterification of PHAs. Besides that, the
anaerobic digestion is an established process applied for biogas production from
wastewater or sludge. The biofuels recovery from wastewater and sludge under
anaerobic condition are favorable as the bacteria will breakdown the organic matter
in the wastewater or sludge to produce biogas.

Microbial lipids extracted from oleaginous microorganisms are converted into
biofuels through two types of conversion processes: one-step process or multi-stage
process. In one-step process, energy intensive cell disruption and lipid extraction
steps are usually avoided and the biomass is directly subjected to the fuel pro-
duction process. This process often is more beneficial in the economic perspective,
as the process duration is shorter and reduces the use of harsh chemicals resulting in
less environmental impact. Hence, one-step process tends to be a more environ-
mental friendly conversion process compared to multi-stage process. However, the
microbial lipid yields, quality of biofuel and overall lipid productivity have to be
considered in order to obtain comparable final products from conventional methods.
Multi-stage process is performed by converting microbial lipids to biofuels in two
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or more processes simultaneously or sequentially, converting microbial lipids to
biofuels. The advantages and disadvantages between single stage and multi-stage
conversion process are yet to be weighed out by researchers for the optimum
biofuel production method.

3.1 Technologies for Converting Microbial Lipids
to Biodiesel

Biodiesel is a “drop-in” type of biofuel that can be utilized in most of the auto-
motive industry without changing the standard diesel engines. The conventional
process in biodiesel production is to perform the extraction of accumulated mi-
crobial lipids within the feedstocks followed by the transesterification process. The
products of transesterification, namely FAMEs and FAEEs, are known as biodiesel
as well. Additional of a catalyst is required in transesterification besides an alcohol.
The transesterification process includes catalytic transesterification and enzymatic
transesterification. The difference between these transesterification processes is the
use of catalysts. The common transesterification catalyst for catalytic transesterifi-
cation is chemicals such as acid or a base while the catalyst for enzymatic trans-
esterification is the biological catalyst lipase [74, 75]. The conventional process for
biofuel production by using catalytic transesterification is shown in Fig. 2.

The catalyst used in the process could be either homogenous or heterogeneous
catalysts. Transesterification reaction is shown as Eq. 1:

CH2�O�CO�R1 CH2�OH R�O�CO�R1

j catalystð Þ j
CH�O�CO�R2 þ 3ROH �! CH�OH R�O�CO�R2

j j
CH2�O�CO�R3 CH2�OH R�O�CO�R3

Triglycerideð Þ Alcoholð Þ Glycerolð Þ Mixture of fatty acid estersð Þ
ð1Þ

Among the types of transesterification processes mentioned above, base cat-
alyzed transesterification is an established process and is widely used in the
industrial production of biodiesel. Strong base chemicals such as sodium hydroxide
(NaOH) and potassium hydroxide (KOH) are common catalysts for base catalyzed
transesterification [77]. This is due to the relatively low cost of raw materials and
high biodiesel productivities [78]. In addition, a comparable yield of biodiesel with
conventional petroleum-based diesel could be obtained from base catalyzed trans-
esterification within a few hours [79]. The short duration of catalyzed reaction, high
conversion yield, requirement of low operating temperature and pressure (i.e.
ambient pressure and low temperature) have made base catalyzed transesterification
the most economical process in biodiesel production. However, the microbial lipids
that contain high composition of FFA will be required to undergo a pre-treatment
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process before proceeding to transesterification. This is to avoid the saponification
reaction that occurs when FFA reacts with NaOH as shown in Eq. 2:

R1�COOH þ NaOH �! R1COONa þ H2O
FFAð Þ Sodium hydroxideð Þ Soapð Þ Waterð Þ ð2Þ

This reaction is not favorable as the yield of esters will decrease with the
increase in soap formation and the soap formed will inhibit the separation of esters
and glycerol [80]. Furthermore, this reaction also lowers the efficiency of catalyst
due to competitive and futile binding of FFA with the catalyst. This resulted in the
requirement of higher amount of catalyst and thus, a higher operation cost.
Besides FFA, water within the microbial lipid or water formed from the saponifi-
cation reaction is another concern in transesterification. The water molecules tend to
hydrolyze the triglyceride into diglycerides and FFA by hydrolysis. The removal of
glycerol, catalyst and impurities such as soap are essential after transesterification
process to obtain biodiesel. The saponification compounds contain alkaline metal
which may result in the higher ash content in biodiesel and cause problems in the
engines. The deactivation of the catalytic converter or the corrosion of motor may
occur due to the alkaline metal [78].

Fig. 2 Conventional process for biofuel production by catalyzed transesterification [76]
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When the FFA content in lipid is higher than 1%, acid catalyzed transesterifi-
cation is used to overcome the wasteful saponification reaction [78]. This type of
transesterification has been intensively studied for the benefits of avoiding soap
formation and possessing feedstock with residual moisture. The moisture remaining
in low cost feedstock is acceptable in acid catalyzed transesterification and the final
product would be clear of impurities [81]. The disadvantages of acid catalyzed
transesterification are longer reaction time and the requirement of higher molar ratio
of catalyst to oil. The operating conditions of acid catalyzed transesterification are
more critical than base catalyzed transesterification. Operating cost are usually
higher as the highly corrosive catalysts utilized during the process will damage the
reactor. A large amount of wastewater will be generated to neutralize the remaining
acid catalysts in the system as well. Therefore, most of the biodiesel productions in
industries convert lipids into biodiesel by base catalyzed transesterification. So for
acid catalyzed process, intensive studies were performed to overcome the barriers.
Some strong common acids such as sulfuric acid, hydrochloride acid, and boron
trifluoride were used. Most of the studies conducted have utilized methanol with the
presence of catalysts (acid or base) with high yields of biodiesel, in the range of
80–98% purity can be obtained as the end product [32, 82, 83]. However, lower
productivity of biodiesel could be observed for microbial lipids from certain
feedstock, which range from 49 to 66% purity [84, 85]. The choice of catalysts is
important as the biodiesel yield vary with the type of catalyst used as studied by
Vicente et al. [32]. At the same time, higher operating temperature for the acid
catalyzed transesterification is favored compared to low operating temperature,
which results in lower ester yield from the microbial lipids [32].

The products from transesterification, FAMEs or FAEE, are analyzed by gas
chromatography with flame ionization detector. The temperature of flame ionization
detector is controlled at a high temperature of around 250–260 °C during the
analysis [86, 87]. The used catalysts may be recycled for next conversion process in
order to reduce the operating cost. Besides, the conversion process from lipid to
biodiesel, especially for microalgae-based biodiesel, is found to be influenced
significantly by several factors such as catalyst loading, types of catalyst, temper-
ature and stirring rate [86]. The reaction time for transesterification of microalgal
lipids might vary, ranging from 1 to 48 h, and is different in each study [32, 83, 86,
88]. The biodiesel products are separated from glycerin by allowing the biodiesel to
settle down for at least 24 h and biodiesel forms the top layer with glycerin at the
bottom. The glycerin is drained off to obtain biodiesel by decantation. For purifi-
cation, biodiesel is washed by warm distilled water and dried before calculating
their exact percentage extracted from the microbial lipids. Biodiesel is dried with
anhydrous CaCl2 and heated at 50 °C. After that, the volume of clean dry biodiesel
is determined and prepared for analysis.

374 K. W. Chew et al.



3.2 Alternative Pathways for the Conversion of Microbial
Lipids to Biofuels

The conventional methods in producing biofuel by microbial lipids were explained
in detail in the Sect. 3.1. The usage of enzymes as catalysts in transesterification
have been considered and studied. Extensive investigations have also been per-
formed by using lipase as the catalyst in transesterification. Lipase is a common
enzyme that is produced by all living organisms and a good choice for transes-
terification. The compatibility of lipase with various raw materials and reusability
have showed that it has high potential as a catalyst in transesterification [89]. Lipase
as biocatalysts has overcome the difficulty faced by acid and based transesterifi-
cation, which is the high energy consumption for multi-step purification and
wastewater treatment in order to obtain the final product [90]. However, certain
drawbacks are observed by using lipase as catalyst. For example, the reaction rate
of enzyme catalyzed transesterification is slower compared to acid or base catalyzed
transesterification. In addition, the cost of enzyme is comparatively higher than the
cost of common acid or base. The usage of enzyme will directly increase the
operating cost of whole process.

Most of the lipase utilized as biocatalysts are obtained from microbes, which
have comparatively higher yield than the lipase extracted from animal and plants.
Lipase to be used as catalysts are available in three forms: extracellular lipase,
intracellular lipase and immobilized lipase. Extracellular lipase is the lipase
extracted or purified from microbial fermentation broths and these are hydrolytic
enzymes secreted by the cells. Microbial lipase is normally produced through
submerged fermentation or solid state fermentation. The increased market price of
microbial lipase is high due to the need of a high degree of purity that is required as
a biocatalyst. Furthermore, the high cost of purification of enzymes is one of the
difficulties in commercializing enzymatic transesterification. The purification steps
depend on the source of the lipase and the structure [90]. The intracellular lipase
used in the transesterification process is the metabolic or cytosolic lipase present
inside the cells. Whole cell biocatalysts are microbial cells that are used as catalyst
in transesterification. This method is relatively inexpensive compared to pure
enzymes and the additional enzyme extraction steps has been eliminated. In order to
increase the reaction rate of transesterification, immobilized lipase was introduced.
Instead of free enzyme, whole microbial cells with intracellular lipase are immo-
bilized in porous biomass particles and can be directly used as a biocatalyst [90].

The wet biomass of Chlorella vulgaris ESP-31 with 63% lipid content was
successfully converted to biodiesel by transesterification with immobilized
Burkholderia lipase [91]. The wet microalgal biomass without lipid extraction (70%
water content) showed better results than lipid extracts, with a biodiesel conversion
efficiency of 97.3% and the lipase could be reused for six continuous cycles [91].
And it was shown that for direct transesterification of wet microalgal biomass with
lipases, the lipid content of the biomass determines the biodiesel conversion effi-
ciency and hence a microalgal biomass with high lipid content is preferable [86].
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The oleaginous yeast Rhodosporidium toruloides was cultivated in detoxified
sugarcane bagasse hydrolysate with a lipid content of 52.5%. When the lipids were
extracted and subjected to transesterification with commercial lipases in a
tert-butanol system, biodiesel yield of 88.4% was observed [74]. The immobi-
lization of lipase in iron-nanoparticles could help in easy removal of lipases after
the reaction with a magnet and it was found that the reaction efficiency remains
unchanged for at least 4 cycles [86]. In the transesterification of microalgal lipids
from Tetraselmis sp., enzyme catalyzed transesterification achieved 5 folds higher
biodiesel conversion yield compared to alkali catalyzed transesterification [92].

The alcoholysis process which uses methanol to produce biodiesel is also known
as methanolysis. This process is commonly used in plastic recycling by converting
polyesters into monomers. The direct methanolysis method is more advantageous
than conventional methods as oil extraction and cell disruption can be eliminated
prior to methanolysis. The study of Thliveros et al. [79] investigated the microbial
biodiesel production with different types of methanolysis: direct base catalyzed
methanolysis, direct acid catalyzed methanolysis and a conventional method with
cell disruption, oil extraction and acid-catalyzed esterification. Among these
methods, highest yield of FAME was obtained with direct base-catalyzed
methanolysis compared to the others and lowest yield of FAME was produced in
the conventional method [79]. Methanolysis is performed under atmospheric
pressure with temperatures ranging from 40 to 70 °C. Vigorous stirring of the
mixture is required to dissolve the base or acid catalyst completely in methanol. In
direct methanolysis, the dried microbial biomass is added after thorough mixing of
methanol and catalyst.

3.3 Improved Pathways for the Conversion
of Microbial Lipids

The conventional biodiesel production with pre-treatment to extract microbial lipid
prior to transesterification have been investigated in numerous studies. Yet, bio-
diesel produced by conventional transesterification requires longer time and it is a
multi-step process. Direct transesterification of the biomass is an excellent option
for efficient conversion of microbial lipids to biodiesel. Direct transesterification is a
simplified and improved pathway in yielding biodiesel. Direct transesterification is
similar to direct methanolysis, where the microbial lipids still inside the whole
microbes are directly converted into biodiesel without lipid extraction. Figure 3
shows the flowchart of both direct and indirect transesterification.

The microalga Nannochloropsis sp. CCMP1776 was cultivated outdoors in
tubular photobioreactors and the lipid content was 50% and the dried biomass had a
moisture content of about 8–10%. This biomass was subjected to direct transes-
terification with supercritical methanol (250 °C, 8% w/v methanol, 25 min) and
microwave assisted transesterification. Biodiesel conversion efficiency and FAME
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yield was higher in supercritical methanol method with FAME yield of 84.5% and
the biodiesel obtained was stable and pure. With the microwave assisted method,
80.3% FAME was obtained, but the energy consumed was considerably less, it was
only 250 kJ compared to 600 kJ in supercritical methanol. So, for large scale
purposes, microwave assisted transesterification could be a viable option [93]. The
wet biomass of the oleaginous yeast C. curvatus with a total lipid content of 42%
was subjected to microwave assisted direct transesterification with methanol and
KOH as a catalyst. The reaction conditions as optimized by statistical design are as
follows: methanol biomass ratio of 50:1, 5% KOH, 80% water, 2 min reaction time
and stirring at 966 rpm. The biodiesel yield reached 92% after two rounds of
reaction with 63.88% FAME content [94]. Cheirsilp and Louhasakul’s (2013) study
has investigated the transesterification of yeast lipid into fatty acid methyl ester
(FAME) [44]. The cells were subjected to conventional acid catalyzed transester-
ification, transesterification with dried biomass and direct transesterification of wet
biomass. The production of FAME is found to be highest for direct transesterifi-
cation with high methanol molar ratio (167:1 and 209:1) in 1 h reaction but the
reverse reaction of FAME to monoglyceride was observed at 6 h reaction time.
However, at high methanol molar ratio, the highest amount of FAME was produced
with transesterification of dried biomass at the reaction time of 6 h without any
reverse reaction. These methods have proved to be more efficient than the con-
ventional methods (lipid extraction followed by transesterification) and have
showed great potential in cost reduction of biodiesel production. Table 4 shows the
transesterification of various lipids.

4 Life-Cycle Assessment

Life-cycle assessment (LCA) is a systematic framework for evaluating the impli-
cations of products, processes and activities involved in the production of a par-
ticular product towards environmental damages. LCA uses specific metrics through
life-cycle impact assessment that can be assessed to determine the effect on the
environment. The development towards life-cycle based metrics for biofuel policies
also extends the sustainability criteria to non-greenhouse gas related projects and is
a very effective tool to compare alternative energy routes in terms of environmental

Fig. 3 Flowchart of direct and indirect transesterification process of biofuels [44]
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Table 4 Transesterification of various lipids

Lipid extraction process Source
(Microalgae)

Biodiesel
yield (%)

Remarks References

Direct transesterification
using immobilized lipase

Chlorella
vulgaris

63.2 Higher biodiesel
conversion can be
achieved with higher
lipid content, lower
biocatalyst loading
and better lipase
recycle efficiency

[86]

Enzymatic transesterification
using immobilized lipase

Chlorella
vulgaris

58.3 Direct conversion of
wet microalgae to
biodiesel reduces the
processing cost

[91]

Lipase catalysed
transesterification

Tetraselmis sp. 29.6 Lipase catalysed
reactions offer more
compatibility and
reusability of
enzymes

[92]

Direct transesterifcaiton Chlorella
pyrenoidosa

7.8–8.4 Single-stage reaction,
less time consuming
and less loss during
extraction

[95]

Direct transesterification Schizochytrium
limacinum

66.3 Single-stage method
led to higher yield of
crude biodiesel

[96]

Direct transesterification with
sequential wet extraction

Chlamydomonas
sp.

99 Higher catalyst
loading is needed in
direct
transesterification but
higher biodiesel yield
can be obtained

[97]

Simultaneous cooling and
microwave heating
transesterification

Nannochloropsis
sp;
Tetraselmis sp.

83.3
77.1

Consumes less
energy for higher
biodiesel productivity

[98]

Microwave-assisted
transesterification

Chlorella
pyrenoidosa

86.7 Hexane extraction
after microwave
treatment ensures that
polar pigments are
not extraction into the
crude biodiesel

[99]

Extractive-transesterification
under microwave irradiation

Chlorella sp. 96.2 Microwave extraction
method shortens
transesterification
time and lowers
solvents requirements

[100]

Alkaline in situ
transesterification

Chlorella
vulgaris

77.6 Higher yield achieve
using alkaline catalyst
instead of acid
catalyst

[101]

(continued)
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impact and indirect natural sources costs towards various services and commodities.
LCA has been widely conducted to estimate the life-cycle impact of various bio-
fuels produced from different feedstocks. It includes the entire life cycle of the fuel
production process from the collection of feedstock to the combustion of biofuels.
Life cycle assessment has shown that first generation biofuels, which are fuels
derived from sources such as sugar, starch, animal fats and vegetable oil, provided
little to no benefit regarding greenhouse gas (GHG) reductions compared to pet-
roleum fuels. It was expected that second generation biofuels, which are fuels
derived from non-food feedstock such as lignocellulosic materials, would be able to
achieve better GHG reductions as well as avoid sustainability issues. However,
great variability and uncertainty has been displayed by the LCA of this second
generation biofuels, hence creating an inconclusive analysis [105].

Oleaginous microorganisms such as microalgae have high growth rates and
photosynthetic efficiencies, which makes it potentially advantageous over con-
ventional terrestrial biofuel feedstock. In addition, algae has high lipid content and
can use non-arable land for cultivation. Microalgae cultivation has been compared
with conventional crops from a life-cycle perspective, the results indicated that
conventional crops had lower environmental impacts, greenhouse gas emissions,
water and energy use [106]. Algae performed more favorably in the aspects of total
land area used and eutrophication potential. Studies on crops such as canola, corn or
switchgrass resulted in less GHG emissions compared to that of algae. This sug-
gests that algae requires more fossil-based carbon to produce the equivalent amount
of bioenergy. However, significant developments are being made in algae culti-
vation to increase the feasibility of biofuel production. The direct nutrient discharge
from algae ponds and the resultant eutrophication improved as engineered ponds
were used and this allows better runoff control compared to that of terrestrial
cultivation. It is essential to establish and maintain the infrastructure for algae

Table 4 (continued)

Lipid extraction process Source
(Microalgae)

Biodiesel
yield (%)

Remarks References

Two-step in situ
transesterification

Chlorella
sorokiniana

65.2a;
94.9b

aH2SO4 + KOH
catalyst
bAmberlyst-15
recyclable catalyst

[102]

Micro-mixer reactor
transesterification

Chaetoceros sp.;
Chlorella
vulgaris;
Nannochloropsis

98.1 Yield optimized by
altering types of
reactor, volume ratio
and reaction time

[103]

Supercritical in situ
transesterification

Chlorella
protothecoides

89 Catalyst is not
required and higher
tolerance for
feedstocks containing
water and fatty acids

[104]
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cultivation and conversion as the efficient land use for algae cultivation will be
beneficial for the transportation energy system [107].

Besides that, life-cycle assessment on the effects of nitrogen supply and oil
extraction technologies showed promising results in the fossil energy ratio of algal
biofuel production. The life-cycle fossil energy ratio describes the ratio of energy
output to fossil energy consumption [108]. This factor is important for life-cycle
analysis to evaluate the depletion of non-renewable resource as well as in terms of
pollution to the environment. It was found that nitrogen deficiency successfully
elevated the oil content and productivity of algae. Moreover, the extraction of oil
directly from wet algae with subcritical solvents can efficiently enhance the
life-cycle fossil energy ratio of algal biomass compared to extraction from dried
biomass. Several other factors which affect the life cycle fossil energy ratio includes
the esterification efficiency, heat value or calorific value of algae, ratio of algal
residue and algae cultivation water recycling rate. Different life-cycle stages of the
utilization of algal biomass for the production of biofuels are presented in Fig. 4:
Life-cycle stages of bioethanol, biomethane and biodiesel production from algal
biomass. The cultivation of microalgae requires considerable amount of freshwater,
hence, this leads the necessity for the quantification of water footprint and nutrient
usage for microalgae biofuel production. It was shown that using seawater or
wastewater with recycling for the cultivation of microalgae could significantly
reduce the freshwater usage by as much as 90% [109, 110]. The usage of nutrients
such as phosphorus, potassium, nitrogen, magnesium and sulfur can also be
reduced by approximately 55% with harvest water recycling.

A comparative LCA study of algal biodiesel production was carried out by
Lardon et al. to assess the energetic balance and potential environmental impacts of
the whole process chain, from biomass production to biodiesel combustion. Two
different culture conditions (nominal fertilizing and nitrogen starvation) and two
extraction methods (dry and wet) were analyzed and the best scenario was

Fig. 4 Life-cycle stages of bioethanol, biomethane and biodiesel production from algal biomass
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compared with first generation biodiesel [111]. All the equipment for cultivation
showed high energetic consumption. However, it is worth noting that both fertil-
izers and energetic requirements were lower for the low nitrogen culture condition.
The use of wet oil extraction also reduced the energy requirements but had lower
extraction efficiency. Several factors were selected from a whole set of impacts to
evaluate the potential effects on human health, ecosystem quality and resource
usage. The production steps were categorized into several groups to examine the
contribution of the process chain to different impacts, where each impact is stan-
dardized with the worst situation for evaluation. It was found that a low nitrogen
condition with wet extraction method always showed lower impacts. Besides that,
the comparison of algal biodiesel with other fuels showed very low impacts for
eutrophication, land use and human toxicity effects, which can be attributed to
better control of fertilizers as well as the absence of pesticides [111]. Nevertheless,
algal biodiesel was not deemed favorable in terms of global warming, ozone
depletion and mineral resources as it requires large amount of heat and electricity.

Growing algae using carbon dioxide flue gases from various power stations has
also been regarded as a possible GHG capture mechanism. However, this mecha-
nism does not gain any carbon credits as the algae-derived fuel would eventually be
burnt and the captured carbon would return to the atmosphere. The carbon credit
arises from the fact that biofuel availability replaces the utilization of fossil fuels.
Similar case can be observed for electricity production, such that carbon credits are
obtained from the use of algal biomass instead of coal or gas for electricity pro-
duction [112]. A study by Jorquera et al. [113] showed that the energy return of
algae grown using ponds was greater than unity while algae grown using
photo-bioreactors were less than unity. A higher ratio of illuminated area to culti-
vation volume was needed for photo-bioreactor systems compared to open ponds,
but in order to generate the same amount of biomass, an area twice as large as the
photo-bioreactor was needed for the pond system. The water consumption in the
pond was also about 16 times higher than that required for the photo-bioreactor
[113]. Furthermore, the commercial scale production of algal biofuel needs much
consideration in terms of economic aspects. At present, the economical complica-
tion of producing biofuels shows greater uncertainty than the GHG emissions. To
make algal fuels profitable, a higher production rate is necessary as a lower pro-
duction rate would result in an expensive final product and would not be cost
competitive with fossil fuels. This situation should relatively improve with the
technological advances in algal biofuels production and the rise of crude oil price
due to its continuous depletion.

The improvements made on oil extraction techniques could directly impact the
sustainability of biofuel production, where almost 90% of the process energy is
reserved for lipid extraction. For example, the drying of biomass for lipid recovery
can be improved with alternative methods that are less energy consuming. A more
secure control on the energy consumption could very well reduce numerous impacts
and this will lead to better overall environment performance compared to other
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biofuels. With additional research on the optimization of growth conditions for
oleaginous microorganisms, along with industrial scale research, biofuels from
microbial lipids could be produced with low capital costs and eventually
commercialized.

5 Challenges and Future Perspectives

Many of the recent investments in green fuels are steering the market attention
towards the production of algal biofuels and development of outstanding production
systems. The major requirements for producing biofuels from microbial lipids is the
large-scale cultivation and harvesting systems, and the challenge rests on the ability
to reduce the cost per unit area. Apart from that, a large amount of land is needed to
grow oil crops and this may lead to the clearing of rainforests for the purpose of
monoculture plantations [114]. Besides that, the strong interest in sustainable
biofuel production requires industrial processes to exploit new genetically modified
microbial strains with enhanced photosynthetic efficiency, increased growth rate
and biomass production. Other desirable features in microalgal biofuel system
would be: increased oil content and productivity and enhanced temperature toler-
ance aiding in outdoor cultivation. Microalgal biotechnology has improved greatly
in the recent past and well defined genetic tools for gene silencing and heterologous
protein expression are available for model microalgae. These are the upstream
processes in arriving at a particularly robust strain with high biomass and lipid
productivity. Cultivation of the strain under optimal conditions, with efficient
process control and aided by process engineering strategies will greatly enhance the
biomass production potential. Valorization of wastes like flue gases, wastewater or
carbon rich waste and lignocellulosic biomass can be applied for the photoau-
totrophic or heterotrophic cultivation of microalgae, thereby cutting cultivation
costs.

Further efforts on oil rich microbial biomass production should concentrate on
the cost reduction for small and large scale systems as the feasibility of producing
viable biofuels is dependent on the efficiency, cost structure and ease of scale up
[115]. Biofuels from microbial lipids could play a major role in the future energy
systems and this will be realized through a defined set of technology breakthroughs,
based on the development of the optimum utilization of algal biomass for com-
mercial biofuel production. Moreover, the life cycle assessment of algal biofuels
concerning the environment benefits and impacts should be used for as a guide for
decisions on the operation and technology sides. Lastly, the possibilities of pro-
ducing high-value co-products from the biomass residues after the extraction of
microbial lipid should be considered. These biomass residues can be used in dif-
ferent applications like food, medicine, agriculture and this could well save raw
material costs, reduce waste amount as well as GHG emissions. The utilization of
wastes and residues from the microorganisms will contribute tremendously to the
sustainability and market competitiveness of the biofuel industry.
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6 Conclusion

In conclusion, the biofuels from microbial lipids have shown great potential as a
replacement for petroleum-based fuels. The nature of lipids varies in each microbe,
like yeasts, molds, bacteria and microalgae and they can serve as feedstock for the
production of different biofuels. Microbial lipids can be obtained with existing
infrastructure which will greatly improve the economics of biofuel production and
reduce the dependency on fossil fuels. The feedstock for biofuel production should
be chosen with prudence, which can be produced economically with high lipid
content. The lipid content of the microbial biomass is affected by the nutritional
status of the medium and is also modified by certain environmental stress. The
current technologies discussed in this chapter will provide sufficient information to
design a biofuel production facility which is comparable to petroleum based fuels in
an economic perspective. The limitation of nitrogen and the choice of oil extraction
methods for algae cultivation have significantly lowered the eutrophication
potential of the effluent as described in the life cycle assessment. Challenges in
commercializing microbial lipids based biofuels such as high production cost,
large-scale cultivation and harvesting systems are being overcome in order to
commercialize biofuel production.
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Part IV
Bioreactors for Microbial
Electrochemical Systems



Chapter 10
Electricity from Microbial Fuel Cells

Jun Li, Wei Yang, Biao Zhang, Dingding Ye, Xun Zhu and Qiang Liao

1 Introduction

The development and implementation of renewable energy resources is an effective
approach to cope with global energy and pollution issues. Microbial fuel cell
(MFC) technology has the promise to produce electrical energy and treat
wastewater simultaneously because it converts the chemical energy contained in
wastewater to electricity using electrochemically active bacteria (EAB) [1].
A schematic diagram of an MFC is shown in Fig. 1. In a typical MFC, electrons are
produced from the degradation of organic matter by the metabolism of an EAB
biofilm attached to the anode. The electrons are then transferred to the cathode
through an external circuit where they are combined with protons and finally
electron acceptors (e.g., oxygen) to close the circuit [2]. Unlike the combustion
process, the oxidation and reduction reactions occur on the anode and cathode
separately, requiring anaerobic anode conditions to keep the EAB from oxygen or
any other terminal acceptors for electricity generation [3]. When acetate and oxygen
are used as reactants (fuels) the electrode reactions at pH 7 are as follows:

Anode reaction:

CH3COO� þ 4H2O ! 2HCO�
3 þ 9Hþ þ 8e� E0

a ¼ �0:300
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Cathode reaction:

2O2 þ 8e� þ 8Hþ ! 4H2O E0
c ¼ 0:805V

Overall reaction:

CH3COO� þ 2O2 ! 2HCO�
3 + Hþ E0¼ 1:105V

Based on the reaction above, the substrate is decomposed into bicarbonate and
oxygen is reduced to water. When wastewater is fed into MFCs, the organic/
inorganic matters can be degraded, providing wastewater treatment and energy
recovery in the form of electricity.

Many efforts have been made to improve the capacity of MFC technology for
waste treatment and power generation. Many organic matters such as acetate,
glucose, butyrate, and lactate (Table 1), have been used as substrates for MFCs and
this has demonstrated the feasibility of recovering electricity from different organic
matters [4]. To simulate and verify the in situ treatment of MFC technology, some
prototypes have been tested using brewery wastewater, landfill wastewater, and
starch processing wastewater under continuous or batch feed conditions (Table 1).
Liu et al. reported an MFC capable of producing electricity from domestic
wastewater. The MFC generated a maximum power output of 26 mW/m2 while

Fig. 1 Schematic diagram of
an MFC
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removing 80% of the chemical oxygen demand (COD) in the wastewater [2]. Many
studies have focused on MFC scale-up and practical applications. MFC studies
have typically been conducted in reactors with small volumes ranging from several

Table 1 Different substrates used in microbial fuel cells (MFCs)

Type of
substrate

Concentration Source inoculum Type of MFC (with
electrode surface area and/or
cell volume)

References

Glucose 6.7 mM Mixed bacterial
culture maintained
on sodium acetate
for 1 year

One-chamber air-cathode
MFC (12 mL) with non wet
proofed carbon cloth as
anode (2 cm2) and wet
proofed carbon cloth as
cathode (7 cm2)

[7]

Acetate 1 g/L Pre-acclimated
bacteria from MFC

Cube shaped one-chamber
MFC with graphite fiber
brush anode (7170 m2/m3

brush volume)

[8]

Lactate 18 mM Pure culture of S.
oneidensis MR-1

Two-chambered MFC with
graphite felt electrode
(20 cm2)

[9]

Domestic
wastewater

600 mg/L Anaerobic sludge Two-chambered
mediator-less MFC with
plain graphite electrode
(50 cm2)

[10]

Brewery
wastewater

2240 mg/L Full strength
brewery
wastewater

One-chamber air-cathode
MFC with non-wet proofed
carbon cloth as anode
(7 cm2) and wet proofed
carbon cloth containing Pt as
cathode

[11]

Beer
brewery
wastewater

600 mg/L Anaerobic mixed
consortia

One-chamber air-cathode
MFC with carbon fibers as
anode

[12]

Starch
processing
wastewater

4852 mg/L
COD

Starch processing
wastewater

One-chamber air-cathode
MFC with carbon paper
anode (25 cm2)

[13]

Landfill
leachate

6000 mg/L Leachate and
sludge

Two-chambered MFC with
carbon veil electrode
(30 cm2)

[14]

Azo dye
with
glucose

300 mg/L Mixture of aerobic
and anaerobic
sludge

One-chamber air-cathode
MFC with carbon paper
anode (36 cm2)

[15]

Synthetic
wastewater

510 mg/L Anaerobic culture
from a preexisting
MFC

Dual chamber MFC with
stainless tell as anode
(170 cm2) and graphite rods
as cathode (150 cm2)

[16]
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microliters to liters. These reactors are suitable for obtaining basic information but
for practical wastewater treatment, the goal is to develop a scalable technology for
large-scale implementation. The first large-scale MFC test was performed at
Foster’s brewery in Yatala by the Advanced Water Management Center at the
University of Queensland. This study used a reactor consisting of 12 modules, each
3 m high, with a total volume of approximately 1 m3 [5]. The goal is for the
electricity recovered from wastewater to at least partially cover the cost of the
wastewater treatment process. To date, the electrical power production has been
increased by five- to sixfolds and improvements continue to be made [5]. Novel
approaches have been reported to improve MFC performance, either by optimizing
the MFC structure or exploring cost-efficient and high performance electrode
materials. To improve the cathode performance while reducing cost, a stainless steel
mesh-based (SSM) cathode and inexpensive carbon catalysts were proposed to
replace the conventional expensive platinum-based (Pt) system for MFC applica-
tions [6].

Although significant improvements have been achieved, challenges remain in
scale-up and practical applications. A major obstacle for MFC application is the low
amount of electricity generation. This is mainly affected by four factors: (1) the
biofilm’s activity to oxidize the substrate of the anode, (2) the low efficiency of the
electron transfer between the biofilm and the anode, (3) the slow oxygen reduction
reaction (ORR) at the cathode, and (4) the high internal ohmic resistance. Many
methods have been tested to enhance MFC performance. These include: exploiting
three-dimensional (3D) open porous anode materials, preparing novel ORR cata-
lysts, and optimizing the reactor architecture. Another major limitation is the high
fabrication cost of MFCs. In typical MFCs, the most commonly used ORR catalyst
is platinum and its alloys. The anode materials are carbon cloth or carbon paper.
The costs for both of these materials are high, especially for large-scale wastewater
treatment applications. In addition, the procedure for fabricating electrodes is
complex and labor intensive; this also increases the cost of MFCs. For example, the
MFC cathode is usually prepared by brushing or spraying catalyst inks onto the
supporting carbon materials, leading to an additional cost in MFC applications [6,
17]. These problems are being addressed by research on high-efficiency materials
and optimized MFC electrode designs. The goal is the development of a scalable
technology for treating different types of wastewater and simultaneous energy
recovery.

This chapter (1) details the fundamental principles of MFCs, (2) reviews the
electrode materials and construction methods, (3) provides an overview of MFC
architecture, (4) discusses the MFC stack and the feasibility in practical power
generation, and (5) reviews the various applications of MFC technology.
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2 Fundamental Principles of MFCs

2.1 Voltage and Current

A working MFC usually produces an operating voltage (U) of *0.5 V, which is a
function of external resistance (Rex) and current (I). The relationship is as follows:

U ¼ IRex ð1Þ

Therefore, the current can be calculated from the measured voltage drop across
the external resistance as I = U/Rex. The highest voltage, which is produced in an
open-circuit condition, is open-circuit voltage (OCV).

The theoretical maximum voltage (reversible voltage) that can be generated from
an MFC is limited by thermodynamics, which can be predicted by the Nernst
equation:

Emef ¼ E0 � RT
nF

ln
products½ �p
reactants½ �r ð2Þ

where Emef is the maximum electromotive force, E0 is the standard cell electro-
motive force, R is the gas constant (8.31447 J/mol K), T is the absolute temperature
(K), n is the transferred electron number, and F = 96,485 C/mol is the Faraday’s
constant. According to the International Union of Pure and Applied Chemistry
(IUPAC) convention, all of the reaction equations are expressed in the direction of a
reduction reaction, so that the production and reactants are the reduced and oxidized
species respectively. E° is calculated based on hydrogen under standard conditions
(at 298 K, chemical concentration of 1 M for liquid and 1 bar for gases), which is
defined as E° (H2) = 0, referred to as the normal hydrogen electrode (NHE).

Based on these principles, the electrode potential and voltage generation can be
determined. In an MFC system, the bacteria need to be operated in neutral pH
conditions. The ORR reaction can be described as:

1=2O2 þ 2Hþ þ 2e� ! H2O, E0 O2ð Þ ¼ 1:229V

Then, the cathode potential (Ec) at pH = 7 can be calculated as [18]:

Ec ¼ E0 � RT
nF

ln
1

½O2�1=2½Hþ �2

Ec ¼ 1:229V� ð8:31 J/mol K)(298:15K)
ð2Þð96,485 C/mol)

ln
1

½0:2mol/L]1=2½10�7 mol/L]2

¼ 0:805V
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For an MFC using acetate as the substrate, the HCO�
3 =Ac can be expressed as:

2HCO�
3 + 9Hþ + 8e� ! 4H2O + CH3COO�

For acetate E0 (acetate) = 0.187 V, with a concentration of 1 g/L, a neutral
pH = 7 and a bicarbonate concentration of HCO�

3 = 5 mM, the anode potential
(Ea) can be calculated as [18]:

Ea ¼ E0 � RT
nF

ln
½CH3COO��

½HCO�
3 �2½Hþ �9

Ea ¼ 0:187V�
8:31J
mol � K

� �
298:15Kð Þ

8ð Þ 96; 485 C
mol

� � ln
1

0:005mol
L

h i2
10�7 mol

L

h i9 ¼ �0:300V

The highest cell voltage that can be generated from an MFC is the difference
between the anode and cathode potentials:

E ¼ Ec � Ea ð3Þ

Therefore, an MFC using acetate as the substrate and oxygen as the
terminal electron acceptor can obtain a maximum voltage output of 0.805 V –

(–0.300 V) = 1.105 V. However, in practical applications, the voltage output of the
air-cathode MFCs is much lower than this value. This can be attributed to two
aspects: the first is the voltage loss caused by activation losses, ohmic losses, and
mass transfer losses during the operation. The second is the inefficient ORR through
a two-electron pathway (Ec = 0.328 V), compared to a four-electron pathway
(Ec = 0.805 V).

2.2 Electricity Generation and Energy Recovery

In an MFC, power is calculated from the measured voltage and current across the
external load as:

P ¼ IU ð4Þ

The current produced by an MFC can be obtained by measuring the voltage drop
across the external resistor using I ¼ U=Rex, thus, the power can be expressed as a
function of U and Rex:
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P ¼ U2

Rex
ð5Þ

Based on the equation I ¼ U=Rex, power also can be expressed in terms of the
calculated current as:

P ¼ I2Rex ð6Þ

2.2.1 Power Density

To evaluate the power output generated from an MFC with a specific architecture,
the power density can be calculated based on the electrode surface area or the
reactor volume. Thus the power density can be categorized into surface specific
power density and volumetric power density.

Surface specific power density is the power output normalized by the electrode
surface area:

Pa ¼ U2

AaRex
or Pc ¼ U2

AcRex
ð7Þ

where Pa and Pc are the power density based on the anode and cathode surface area,
respectively. Aa and Ac are the effective areas of the anode and cathode, which can
be the specific surface area or geometric area. In an MFC with a membrane or
separator, power density can also be calculated based on the membrane/separator
area (Am). Volumetric power density, used to evaluate the power output of a whole
MFC system, is the power output normalized by the reactor volume. Volumetric
power density can be expressed as:

PV ¼ U2

VRex
ð8Þ

where PV is the volumetric power density (W/m3) and V is the volume of the reactor
(m3).

2.2.2 Energy Recovery

The goal of MFC technology is to recover the energy contained in the wastewater.
To evaluate the recovery efficiency of electrons from wastewater, coulombic effi-
ciency (CE) is commonly used and it is defined as the fraction of coulombs
recovered versus the total energy contained in the wastewater:
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CE ¼ Coulombs recovered
Total coulombs in substrate

ð9Þ

Coulombs can be calculated by integrating the current with the time; therefore,
CE can be expressed as:

CE ¼ M
R t
0 Idt

FeVDC
ð10Þ

where M is the molecular weight of substrate (g/mol), V is the volume of the liquid
in the anode chamber (m3), and ΔC is the substrate concentration (mol/L) change
over a fed-batch cycle (t).

For an MFC system using complex substrates, CE can be obtained using COD as
the measure of substrate concentration:

CE ¼ 8
R t
0 Idt

FVDCOD
ð11Þ

where 8 is a constant for the COD, based on the molecular weight of oxygen
(32 g/mol), and 4 is the electron transfer number per mol of oxygen.

2.3 Polarization and Power Density Curves

The polarization curve is a plot of current density versus voltage, which can be
obtained by varying the external resistance while recording the current density and
voltage values at each resistance (Fig. 2a). A typical polarization curve of an MFC
is shown in Fig. 2b. The power density curve, as a function of current density, is
usually shown along with the polarization curve. It is also commonly observed that

Fig. 2 Cell voltage as a function of external resistances (a), polarization curve, and power density
curve of an MFC (b)
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a peak, called the maximum power density, appears at high current densities in the
power density curve.

The OCV and the operation voltage of an MFC are always lower than the
reversible voltage predicted by the Nernst equation. To analyze the voltage losses,
the polarization curve can be divided into three regions: (1) a rapid voltage drop at
low current densities; (2) a nearly linear decrease in voltage at medium current
densities; and (3) a rapid voltage drop at high current densities (Fig. 3). The voltage
losses are the result of electrode overpotentials, which are current dependent
(overpotentials change with current densities). Electrode overpotentials are thought
to arise from basic losses corresponding to three regions: (1) activation losses;
(2) ohmic losses; and (3) mass transport losses.

(1) Activation losses are the energy losses incurred for driving the oxidation or
reduction reactions, and for transferring electrons from the bacteria to the anode
surface by the conductive nanowire, mediator, or terminal cytochrome on the
cell surface [18]. Enhancing the electron transfer between anode and bacteria,
using highly efficient cathode catalysts, and improving the anode biofilm
metabolism activity for substrate oxidation would reduce the activation losses.

(2) Ohmic losses arise from the resistance of ion conduction in the solution and
membrane and the flow of electrons through the electrodes and wires as well as
their connection points. The ohmic losses can be reduced by decreasing the
electrode spacing, removing the membrane or using a membrane with a high
ion conductivity, increasing the solution conductivity, improving the electrode
conductivity, and ensuring a good connection between the electrodes and
connection wires.

(3) Mass transport losses arise from the insufficient transport of species to/from the
electrode. At the anode, ensuring a sufficient substrate supply and proton
removal is an effective approach for reducing mass transport losses. The limited
proton removal within the biofilm can be a problem as it lowers the local pH of

Fig. 3 Characteristics of a polarization curve, showing three types of voltage losses
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biofilm and adversely affects the biofilm activity. Similarly, the limited proton
supply for the ORR at the cathode can also increase the pH, which can lower
the cathode potential and decrease the cathode performance.

2.4 Electrochemical Analysis

2.4.1 Electrochemical Impedance Spectroscopy (EIS)

EIS is commonly used for quantifying the internal resistance of MFCs. Generally,
EIS tests are performed on a potentiostat by applying a sinusoidal signal with small
amplitude on the working electrode. By changing the sinusoidal signal frequency
over a wide range (typically from 100 kHz to 0.01 Hz), impedance spectra can be
obtained for the MFC system. A Nyquist curve is plotted using the impedance
spectra as the real impedance (Zre) versus imaginary impedance (Zim), as shown in
Fig. 4. To obtain more detailed information about the component of the internal
resistance, the impedance spectra usually needs to be fitted using an equivalent
circuit by EIS software.

2.4.2 Voltammetry

Voltammetry is typically used to determine the redox potential of redox active
matter. The information can be used to evaluate electrochemical activity of the
biofilm and cathode catalysts. There are two types of voltammetry: linear sweep

Fig. 4 Nyquist plots of an
activated carbon cathode in a
single-chamber MFC
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voltammetry (LSV) and cycle voltammetry (CV). In LSV tests, the potential of the
working electrodes (anode or cathode) varies at a certain scan rate in one direction.
For CV tests, the scan is conducted in one direction first and then continued in the
reverse direction until the potential is returned to the start value (Fig. 5). In an MFC
system, CV is the most commonly used method to determine the presence of
electron shuttles or mediators produced by bacteria under non-turnover conditions
and to determine the oxidation current of anode biofilm under turnover
conditions. LSV is mainly applied to record the current response of the cathode
under different potentials for the evaluation of the electrocatalytic activity of the
ORR (Figs. 6 and 7).

Fig. 5 Cyclic voltammetry
of the anode of an MFC under
turnover conditions

Fig. 6 Common anode materials used in MFCs: a carbon cloth, b carbon paper, c carbon felt,
d graphite plate, e granular carbons, and f carbon brush
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3 Electrode and Separator Materials of MFCs

As discussed in Sect. 2.3, the power generation of an MFC depends on the rate of
substrate degradation, bacterial growth and respiration rate on the anode, circuit
resistance, ion mass transfer in the electrolyte, mass transfer of the cathode electron
acceptor, reduction rate of the cathode electron acceptor, and the operating con-
ditions. Different electrode and separator materials vary in their physical and
chemical properties (e.g., surface area, electric conductivity, and chemical stability),
thus they also vary in their impacts on biofilm establishment, bacterial metabolism,
ohmic resistance, and the rate of electrode reactions. Therefore, it is of interest to
develop low-cost, high performance anode, cathode, and separator materials to
promote the performance of MFCs.

3.1 Anode Materials

The anode is where the electroactive biofilm establishes and the bioelectrochemical
reaction occurs. Therefore, anode materials play a significant role in MFC perfor-
mance. An ideal anode would have high conductivity, high specific surface area or

Fig. 7 3D porous anode derived from nanomaterials: a chitosan/vacuum-stripped graphene
scaffolds (adapted and reprinted from [19], Copyright 2012, with permission from American
Chemical Society), b 3D chitosan–carbon nanotube scaffolds (adapted and reprinted from [20],
Copyright 2011, with permission from Elsevier), c CNT/PANI nanocomposite (adapted and
reprinted from [21], Copyright 2007, with permission from Elsevier), d porous carbon nanofiber
aerogel (adapted and reprinted from [22], Copyright 2016, with permission from Wiley),
e graphene-coated nickel foam (adapted and reprinted from [23], Copyright 2013, with permission
from Royal Society of Chemistry), f 3D carbon nanotube-textile (adapted and reprinted from [24],
Copyright 2011, with permission from American Chemical Society), g graphene-sponge (adapted
and reprinted from [25], Copyright 2012, with permission from Royal Society of Chemistry), and
h polyaniline hybridized three-dimensional graphene (adapted and reprinted from [26], Copyright
2012, with permission from American Chemical Society)
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porosity, low cost, biocompatibility, and good stability. Several metal materials,
such as stainless steel, titanium, copper, nickel, and gold, and carbon materials,
such as carbon cloth/paper, carbon graphite brush, and biomass-derived porous
carbon, have been used for the anode of MFCs [6, 27–29]. Among these materials,
the carbonaceous anodes are regarded as the most cost-effective and promising for
the large-scale application of the MFCs.

3.1.1 Traditional Carbon Materials

Carbon materials (e.g., carbon cloth/paper, graphite plate/granules/rod, carbon
mesh, carbon felt, reticulated vitreous carbon, and graphite brush) are widely used
as anode materials because of their high conductivity and biocompatibility [6, 30–
34]. Carbon cloth/paper is a planar, porous, but fragile and expensive, material so it
is mainly used in lab-scale testing. Carbon felt and reticulated vitreous carbon are
also porous materials and therefore can provide many inner spaces for bacteria
growth and channels for substrate supply and proton removal. Unfortunately, the
low electrical conductivity of carbon felt leads to high ohmic resistance, and the
cost of reticulated vitreous carbon is too high for wastewater treatment use.
Granular activated carbon (GAC) is also used as the anode because of its good
biocompatibility and low cost [35]. Generally, GAC is usually used in packing-bed
anodes, which produce low anode electrical conductivity. Additionally, the specific
surface area of the GAC-based anode is quite high, but the surface area accessible to
bacteria acclimation is relatively low because most of the pores in GAC are small
pores with a diameter < 50 nm. The graphite brush electrode is one of the most
promising anodes for practical application of MFC technology. The MFC using the
graphite brush had a maximum power density of 2400 mW/m2, which was about 4
times higher than using carbon paper (600 mW/m2) [8]. A graphite brush is pre-
pared by folding and twisting a titanium wire to form a succession of regular
loophole openings in which graphite fiber bundles are crimped to form a spiral
structure [36, 37]. The central titanium metal guarantees high electrical conduc-
tivity. The micro-scale diameter of graphite fibers (*7 lm) provides a highly open
porous structure for bacterial acclimation. Graphite brushes have been extensively
used as MFC anodes and ongoing investigations are focused on reducing the overall
cost.

3.1.2 3D Porous Anode Base on Carbon Nanomaterials

To improve the anode performance, 3D materials with large surface areas are
emerging as alternatives for the anode. A variety of 3D nanomaterial-based anodes,
such as chitosan/vacuum-stripped graphene scaffold, 3D chitosan–carbon nanotube
scaffolds, polyaniline hybridized 3D graphene, carbon nanotube (CNT)/polyaniline
(PANI) nanocomposite, PANI/graphene-coated nickel foams, 3D carbon
nanotube-textiles, porous carbon nanofiber aerogels, graphene-sponges, and
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graphene-coated nickel foams have been studied as MFC anodes [19–26]. Katuri
et al. fabricated a multiwall carbon nanotube (MWCNT)/chitosan 3D composite
anode by ice segregation-induced self-assembly (ISISA). A maximum current
density of 24.5 A/m2 was achieved at 0 V versus Ag/AgCl for 200 h [38].
Chitosan/vacuum-stripped graphene scaffold and 3D chitosan–carbon nanotube
scaffolds prepared using ISISA also exhibited a great advantage over carbon cloth
or felt. Vacuum-stripped graphene powder randomly embedded on the chitosan
layers increased the surface roughness of the layers and provided a larger graphene
surface area for bacteria adhesion. In addition, due to the presence of meso/
micropores in the anode, a large internal surface area was accessible to endogenous
mediators for the electron transfer between bacteria and anode, leading to increased
biofilm activity. An MFC using these anodes achieved 78 times higher power
output than with the conventional carbon cloth [19]. These 3D porous
nanomaterials-based anodes generally possess a hierarchical porous structure that
benefits efficient diffusion of electron mediators and substrate as well as bacterial
adhesion in the interior of the 3D electrode. They show great potential for use in
MFCs.

3.1.3 Biomass Derived Materials

Many types of biomass, such as chestnut shells, pomelo peels, natural loofah
sponges, and bamboo, have been used as precursors for the fabrication of the MFC
anodes (Fig. 8) [39–42]. In general, the inherent pore structure of the biomass can
evolve into macropores during carbonization at a temperature above 800 °C. The
macropores are usually cross-linked, favoring a rather high conductivity and a high
performance anode. For example, Chen et al. used sponge-like pomelo peels as the
precursor for the anode. The MFC using the reticulated carbon foam derived from
pomelo peels achieved a maximum current density of 4.0 mA/cm2 [39], which was
2.5 times higher than that of graphite felt. Zhang et al. reported that carbonized dry
bamboo branches can be directly used as the high performance anode for biofilm
establishment because the obtained electrode maintained the inherent structure of
bamboo, which is a hollow tube with an inner diameter of 2 mm and highly ordered
15–100-lm macropores [41]. A chestnut shell-derived porous carbon anode has
also been tested. An MFC with this anode achieved a maximum power density
(23.6 W/m3) 2.3 times higher than carbon cloth anode (10.4 W/m3) [42]. Anodes
derived from corn stems, king mushrooms, and wild mushrooms have been
reported by Karthikeyan et al. [43]. Lu et al. reported a high-performance flexible
anode derived from carbonized silk cocoons. Due to their hierarchical 3D, pseu-
dographitic microstructure, good biocompatibility, and high capacitance, an MFC
equipped with the carbonized silk cocoon anodes provided *2.5-fold maximum
power density greater than that of carbon cloth anodes [44]. The use of natural and
recyclable materials can greatly reduce the cost of electrode materials and improve
anode performance. These materials provide a potential avenue for MFC
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commercialization. However, the structure of these materials is difficult to control
and reproduce thus limiting their application in MFCs.

3.1.4 Modification of the Anode Materials

Modification of anode materials can improve MFC performance by increasing the
bacterial affinity for the anode surface, by providing an extra supporting and con-
ductive surface, or by facilitating the extracellular electron transfer (EET) between
bacteria and the electrode. The modification methods can be classified into the
following types: (1) decorating with carbon nanomaterials, (2) modification using a
conducting polymer, and (3) chemical/electrochemical anode modifications.

The widely used nanomaterials for anode modifications are CNTs, carbon
nanospheres, and graphene. CNTs are cylindrically-shaped carbon materials with a
large surface area and these promote microbial adhesion and electron transfer
between the bacteria and anode surface. Ren et al. reported that an anode with
horizontally aligned spin-spray layer-by-layer CNT showed a smaller sheet resis-
tance and induced a thicker biofilm than the unmodified samples. A maximum
power density of 3320 ± 40 W m−3 was obtained by using the anode in a
miniaturized MFC. This value was more than 8.5 times greater than values reported
by prior-art MFCs using 2D and 3D nanostructured electrodes [45]. Similarly,

Fig. 8 3D porous anode materials derived from biomass: a pomelo peel (adapted and reprinted
from [39], Copyright 2012, with permission from Royal Society of Chemistry), b chestnut shell
(adapted and reprinted from [42], Copyright 2018, with permission from Elsevier), c silk cocoon
(adapted and reprinted from [44], Copyright 2017, with permission from Elsevier), d bamboo
(adapted and reprinted from [41], Copyright 2014, with permission from Elsevier), e natural loofah
sponge (adapted and reprinted from [40], Copyright 2013, with permission from American
Chemical Society), f king mushroom, g wild mushroom (adapted and reprinted from [43],
Copyright 2015, with permission from Elsevier), and h corn stem (adapted and reprinted from
[43], Copyright 2015, with permission from Elsevier)
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nitrogen-doped CNT not only facilitated EET from the c-cytochrome located on the
outer membrane of the bacteria to the electrode but also enhanced the contact area
between the bacteria and the electrode [46]. Graphene is a unique carbon nano-
material with 2D lattice made of sp2-hybridized carbon atoms. Graphene has great
application potential in MFCs. Decorating the electrode with graphene can create an
electrically conductive surface similar to that of CNT-coated materials while con-
siderably reducing the electrode cost. A graphene-modified anode improved the
power density and the energy conversion efficiency by 2.7 and 3 times, respectively
[47]. Zhang et al. also demonstrated that the graphene-modified SSM anode pro-
duced a maximum power density of 2668 mW/m2, which was 18 times larger than
the unmodified SSM anode [48].

Conducting polymers, such as polyaniline and polypyrrole, have been widely
used to modify the electrode due to their high conductivity and durability in
MFC-relevant conditions. Polyaniline carries positive charges in neutral environ-
ments; therefore, it is attractive for enhancing the adhesion of the negatively
charged bacteria. A polyaniline-coated anode reduced the start-up time of MFCs
from 140 to 78 h by enhancing bacterial cell attachment [49]. The conducting
polymer facilitated the EET between the bacteria and the anode. For example, a
anode modified by polypyrrole/graphene oxide composites using
electro-polymerization delivered an 8 times higher maximum power density than
the unmodified anode in MFCs [50]. Gnana Kumar et al. reported that a reduced
graphene oxide/polypyrrole composite-modified carbon cloth anode achieved a 3
times higher maximum power density than that of unmodified carbon cloth, due to
the increased electron transfer efficiency and the increased contact area between the
bacteria and the anode [51].

With chemical and electrochemical modifications, functional groups can be
introduced onto the electrode surfaces, leading to a change in the physicochemical
properties of the electrodes and creating a larger electrocatalytically active area,
increased surface charges on the electrode, and a faster EET rate. Chemical and
electrochemical modifications of the anode are effective methods for improving the
anode performance due to the enhanced bacterial cell attachment and the facilitated
EET rate from the bacteria to the anode surface. Chemical modification of the anode
is usually carried out by directly soaking the electrode in strong acid or treating the
carbon materials in ammonia at 600–800 °C [52–54]. Cheng et al. achieved a 48%
increase in power production and a 50% decrease in the start-up time by treating the
carbon cloth in ammonia at 700 °C [54]. However, chemical modification usually
requires toxic chemicals and high temperatures, both of which increase the cost of
MFCs. Anode modification can also be achieved by electrochemical oxidation in
different electrolytes, such as NH4NO3, (NH4)2SO4 and HNO3/H2SO4 [55, 56].
Zhang et al. found that electrolyzing the carbon cloth in nitric acid followed by
soaking in aqueous ammonia could produce a 58% higher maximum power density
compared to the untreated control [55].
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3.2 Separators

3.2.1 Ion Exchange Membrane

In the double-chamber MFCs (DCMFCs), the membrane is usually used to separate
the anode and cathode chamber. This prevents the crossover of oxygen and sub-
strate while allowing ion transfer between the anode and cathode chamber. The
major types of membranes used in MFCs include cation exchange membranes
(CEM), anion exchange membranes (AEM), and the polymer/composite mem-
branes. Many CEMs, including Nafion, Hyflons, Zirfons, and Ultrexs CMI 7000,
are used in DCMFCs. Nafions are the most commonly used CEM in MFCs because
of their good proton conductivity resulting from the negatively charged hydrophilic
sulfonate groups attached to the hydrophobic fluorocarbon backbone [57]. Usually,
a thinner membrane has lower ohmic resistance and produces higher performance.
For example, an MFC with a thinner Nafion 112 membrane had a higher power
density of 31.32 mW/m2 than one using a thicker Nafion 117 membrane (9.95 mW/
m2). Pant et al. investigated the effect of membrane types on MFC performance and
found that an MFC with Ultrexs CMI 7000 had a comparable performance to that
with the Nafion membrane [58], but had a lower oxygen mass transfer coefficient
(2.8 � 10−4 cm/s) compared to one with Zirfons (1.9 � 10−3 cm/s) [59]. AEMs,
such as AFN, AM-1, and ACS, are also widely used in MFCs. AFN had the lowest
membrane resistance among these AEMs, resulting in the increased production of
electricity [60]. However, AM-1 and ACS have a lower oxygen mass transfer
coefficient compared with AFN. Polymer/composite membranes, such as sulfonated
polyether ether ketone (SPEEK) membranes and disulfonated poly (arylene ether
sulfone) (BPSH) membranes, are also used as alternatives to the Nafion membrane
in MFCs. A high proton conductivity and a low oxygen mass transfer coefficient of
the SPEEK membrane can be obtained by sulfonating the native PEEK membranes
[61]. Leong et al. found that MFCs with a BPSH membrane had a higher perfor-
mance than those with Nafion. This was due to the lower ohimic resistance and the
lower extent of biofouling of the membrane resulting from the higher proton
conductivity and the higher hydrophilicity of the BPSH membrane [60]. Although
these ion exchange membranes can effectively prevent the crossover of oxygen and
the substrate, their main problem is the pH imbalance created between the anode
and cathode chambers. This is caused by the limited cation or anion transfer across
the membranes, resulting in anode chamber acidification and cathode chamber
alkalization [62, 63]. Anode chamber acidification and cathode alkalization leads to
the inhibition of microbial activity, deterioration of the cathode catalyst activity,
and a reduction in whole cell performance.
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3.2.2 Other Porous Membranes or Separators

To overcome the ion exchange membrane problems, such as pH imbalance between
the anode and cathode chambers, high costs, and high internal resistance, different
porous membranes or separators have been proposed. Ultrafiltration membranes,
microfiltration membranes, nylon and glass fiber filters, J-cloths, and polyether
sulfone resin have been studied as separators for MFCs [64–67]. Fan et al. used
J-cloth as the separator on the water-facing side of the air-cathode of an MFC.
The CE was significantly improved from 35 to 71% due to the significant reduction
of oxygen diffusion in the presence of the J-cloth [68]. Separators with a large pore
size typically produce higher performance due to lower internal resistance. For
example, Zhang et al. used nylon filters with different pore sizes as separators in
MFCs. The power generation increased from 769 ± 65 to 941 ± 47 mW/m2 when
the pore size increased from 10 to 160 mm [67]. Porous membranes usually have a
low internal resistance, compared to the ion exchange membranes, due to the
porous structure. This structure benefits the ion transfer between the anode and the
cathode. Therefore, the use of these porous membranes or separators can effectively
prevent the diffusion of oxygen from the cathode to the anode, improve the CE, and
alleviate the pH imbalance.

3.3 Cathode Materials

The design and fabrication of the cathode is a major challenge for MFC applica-
tions. To achieve high performance, aqueous cathodes using soluble electron
acceptors with a high electrode potential (such as, potassium ferricyanide, and
potassium peroxodisulfate) have been widely used [69, 70]. However, the electron
acceptors must be replaced after depletion. This would create an additional cost for
the treatment of wastewater and secondary pollution. Therefore, the air-cathode that
uses oxygen as the electron acceptor is considered as the most promising cathode
for practical applications due to the high electrode potential and the ready avail-
ability of oxygen. The main components of an air-cathode include ORR catalysts
(to reduce the ORR overpotential), ionomer binders (to facilitate proton conduction
in catalyst layers (CLs), and to tightly deposit the ORR catalysts), a hydrophobic
layer (to permit air supply to the ORR catalysts and to prevent water leakage), and
electrode supports (to provide mechanical support to CLs and to collect the
electrons).

3.3.1 ORR Catalysts

In lab-scale MFCs, Pt is considered to be the most active catalyst for ORR. To
achieve acceptable performance, the Pt loading of a typical MFC air-cathode needs
to be *0.5 mg cm−2 [71]. This would significantly increase the cost of
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commercial-scale MFCs. Carbon materials, such as activated carbon (AC) and
biomass-derived carbons, exhibit comparable or higher ORR activity compared to
Pt [72, 73]. Watson et al. reported that an air-cathode using the coal-derived AC
catalyst had a higher performance than Pt/C. Watson et al. also compared the ORR
activity of the catalysts with those derived from peat, coconut shell, hardwood, and
phenolic resin, and found that the ORR activity of the catalysts was dependent on
the precursors [74]. Since then, various types of plant biomass (plant moss, rice
straw, bamboo, sludge, and microalgae) (Fig. 9), have been proposed as precursors
for the carbonaceous ORR catalysts [73, 75, 76]. Sun et al. prepared a
cornstalk-derived nitrogen-doped carbonaceous catalyst to facilitate ORR and
obtained a maximum power density of 1122 ± 32 mW/m2 in MFCs [77]. Zhou
et al. synthesized a self-assembled carbon nanoparticle-coated porous ORR catalyst
from plant moss and achieved a maximum power density of 703 ± 16 mW/m2

(Fig. 9b) [75]. In addition to plant biomass, animal biomass, such as eggs, blood,

Fig. 9 Carbonaceous air-cathode catalysts derived from biomass: a activated carbon, b plant
moss (adapted and reprinted from [75], Copyright 2016, with permission from Elsevier), c rice
straw (adapted and reprinted from [76], Copyright 2015, with permission from Royal Society of
Chemistry), d bamboo branches (adapted and reprinted from [73], Copyright 2017, with
permission from Elsevier), e mixture of sludge and coconut shell derived powders (adapted and
reprinted from [82], Copyright 2015, with permission from Royal Society of Chemistry), and
f Chlorella pyrenoidosa (adapted and reprinted from [80], Copyright 2017, with permission from
Elsevier)
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bones, urea, and animal liver, have also been used as precursors for ORR catalysts.
Wang et al. synthesized non-precious tremella-like mesoporous carbon as the ORR
catalyst using carbonized egg white as the carbon source [78]. Wu et al. developed
an ORR catalyst based on co-doped mesoporous carbon microspheres from the
ecofriendly biomass of eggs without the introduction of extrinsic dopants [79].
Microalgae, such as Chlorella spp., with a high nitrogen content between 4–8%
have been proposed as the precursor for a cost-efficient ORR catalyst in MFCs. The
catalyst derived from Chlorella pyrenoidosa can achieve a higher power generation
(>2000 mW/m2) than with Pt/C (Fig. 9f) [80]. Sludge that is usually regarded as an
unwanted byproduct of wastewater treatment was also used as the precursor for the
ORR catalyst due to high N and metal levels. Deng et al. found that N, P, and Fe
heteroatom-doped hierarchical carbon catalysts with honeycomb-like intercon-
nected macro-mesoporous frameworks can be obtained by direct pyrolysis of
livestock sewage sludge. A maximum power density of 1273 ± 3 mW/m2 can be
obtained when this catalyst is applied in MFCs, and this power density is com-
parable to that of commercial Pt/C (1294 ± 2 mW/m2) [81].

3.3.2 Binders

Nafion is commonly used as the binder for the ORR catalyst due to its high proton
conductivity. Nevertheless, the high cost of Nafion restricts large-scale use. Several
less expensive polymers, such as polytetrafluoroethylene (PTFE), polydimethyl-
siloxane (PDMS) and polyvinylidene fluoride (PVDF), could be alternatives to
Nafion. For example, Dong et al. reported that the air-cathode using AC as the ORR
catalyst and PTFE as the binder showed a higher performance than that using
Nafion because of the improved oxygen supply [83]. The CL preparation process
using PTFE as the binder can have a significant impact on MFC performance.
A 35% higher performance was obtained by avoiding sintering during CL prepa-
ration compared to the use of sintering because sintering reduced the pore area and
the porosity of CL and led to a deteriorated oxygen supply to the CL [84]. Yang
et al. proposed an easy way to manufacture inexpensive air-cathodes using PVDF
as the binder. The PVDF-based cathode was feasible in MFC operation because a
cheap, but high-performance MFCs can be achieved [85]. The binder content in the
air-cathode has an optimum value. High binder loading can increase the ohmic
resistance of the electrode because binders are usually an electrical insulator, while
a low binder loading can lead to the detachment of catalyst powder from the catalyst
layer [86]. In addition, the binders are usually hydrophobic and can obstruct H+ and
OH− supply towards the CL, contributing to an additional cathodic potential loss of
the air-cathode in MFCs [87, 88].
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3.3.3 Electrode Supports

Carbon cloth/paper (Fig. 10a) is widely used in both anode and air-cathode fabri-
cation. The common electrode supports for the cathode are carbon cloth/paper and
graphite paper, on which the catalyst ink is coated on the water-facing side and the
waterproofed layer is applied on the air-facing side [89]. However, the friability and
the high cost of carbon cloth/paper and graphite paper hampers large-scale appli-
cation for wastewater treatment. Recently, nickel foam, nickel mesh, and stainless
steel mesh (Fig. 10b–d) have been reported as alternatives to carbon cloth/paper
due to their high electrical conductivity and their high stability in MFC-relevant
conditions. Zhang et al. proposed a method to prepare air-cathodes by pressing CL
onto nickel mesh, which was used as a cathode support and current collector,
avoiding the need for carbon cloth and reducing the cost [72]. Cheng and Wu
studied the use of nickel foam as the current collector in air-cathode preparation.
Their results indicated that the nickel foam cathode could be used in scaling up the
MFC system [86]. With high corrosion resistance and electrical conductivity,
metallic nickel remains a metal material that is too expensive for large-scale
applications. To reduce the cost of cathode fabrication, Dong et al. reported SSM as

Fig. 10 Air-cathode supports or current collector in MFCs: a carbon cloth, b nickel foam, c nickel
mesh, and d stainless steel mesh
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an alternative to nickel foam and mesh in the cathode [6]. Usually, SSM is cor-
rosion resistant, with high electrical conductivity, and low cost, being overall
superior to nickel mesh/foam. The SSM can be directly used as a cathode support
and current collector by pressing CL and a gas diffusion layer (GDL) on its two
sides, respectively. Li et al. optimized the opening size of SSM in an AC
air-cathode and reported that a cathode using SSM with 40 M had a better per-
formance due to the lower internal resistance [90]. So far, SSM remains one of the
most widely used cathode supports for the air-cathode of MFCs.

4 MFC Architecture

4.1 Double- and Single-Chamber MFCs

Various MFC architecture has been reported and the majority of it fall into the
categories of cubic, cylindrical, H-cell, and plate- and tube-shaped reactors. Based
on different working principles, the MFC can be categorized into paper-based
MFCs, microfluidic MFCs, plant MFCs, and sediment MFCs. Although there are
many kinds of MFC designs intended for scale-up and practical application, MFCs
can be classified into DCMFCs and single-chamber MFCs (SCMFCs) depending
on whether an ion exchange membrane is used. The advantages of SCMFCs are
reduced setup costs due to the absence of an ion exchange membrane and the direct
usage of freely available oxygen in the air as electron acceptors. The drawbacks of
SCMFCs are the decreased CE that results from oxygen crossover from the cathode
to the anode and a low power density caused by the thermodynamic and kinetic
constraints of ORR in the cathode. The ion exchange membrane in DCMFCs
reduces oxygen crossover to the anode and, thus, leads to enhanced CE of the
MFCs. However, the pH imbalance between the anode and cathode chamber, which
is caused by the limited proton transfer across the proton exchange membrane,
results in anode chamber acidification, which leads to the inhibition of microbial
activity and reduced performance.

4.1.1 DCMFCs

DCMFCs are composed of anode and cathode chambers separated by an ion
exchange membrane, which prevents the mixing of anolytes and catholytes (as
described in Sect. 3.2). This feature allows the use of an immersed cathode in MFC.
For example, Zhang et al. developed a plate-shaped DCMFC using potassium
ferricyanide as the cathode electron acceptor (Fig. 11b) [70]. Many immersed
cathodes using soluble electron acceptors with high redox potentials, such as per-
sulfate, permanganate, triiodide, and hydrogen peroxide, have been proposed for
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the DCMFC cathode [69, 91–93]. However, these electron acceptors are not
regenerative in ambient conditions and need to be replaced after they are depleted.

The use of membranes in DCMFCs can also limit the oxygen diffusion from
cathode to anode. A significant increase in CE occurs compared to SCMFCs since
the membrane suppresses the oxygen crossover from the cathode to the anode
chamber and thus decreases the aerobic substrate degradation. Existence of an ion
exchange membrane allows for very small electrode spacing, and can significantly
reduce the ohmic resistance of the MFC and improve MFC performance. Zhang
et al. designed a plate MFC in which the anode and cathode were pressed onto the
two sides of a cation exchange membrane, respectively (Fig. 11d) [70]. However,
other cation species in the anolytes usually have a significantly higher concentration
than protons, making the flux of proton transport considerably lower compared to
the transport of other cations. This causes acidification of the anode chamber and
decreased anode performance.

Fig. 11 Pictures of DCMFCs: a cubic MFC (adapted and reprinted from [94], Copyright 2015,
with permission from Royal Society of Chemistry), b liter-scale MFC (adapted and reprinted from
[32], Copyright 2013, with permission from Elsevier), c bottle-based H-shape MFC (adapted and
reprinted from [95], Copyright 2005, with permission from Elsevier), and d plate MFC (adapted
and reprinted from [96], Copyright 2004, with permission from American Chemical Society)

10 Electricity from Microbial Fuel Cells 413



4.1.2 SCMFCs

SCMFCs eliminate the membrane between the anode and the cathode and enable a
simple design and a lower fabrication cost. A SCMFC only contains a single
chamber coupled with a porous air-cathode exposed to the atmosphere. This
eliminates the requirement of aeration in the cathode chamber. In a SCMF, protons
are transferred from the anode to the porous air-cathode through the electrolyte by
diffusion. Liu et al. reported the first SCMFC consisting of an anode placed inside a
plastic cylindrical chamber and a cathode assembled outside (Fig. 12a) [97]. Cheng
et al. designed a single-chamber MFC with a cylindrical structure. The air-cathode
made of carbon cloth and Pt/C was wrapped around the cylindrical reactor [98]. The
proton transfer resistance in SCMFCs is much lower than that of DCMFCs due to
the absence of the ion exchange membrane. However, compared to DCMFCs, the
oxygen diffusion from the cathode to the anode is higher in SCMFCs, leading to a
larger amount of aerobic degradation of the substrate. A considerable amount of
substrate is consumed by bacterial growth on the anode, rather than electricity
generation, and this leads to a lower CE. For example, Liu et al. reported that a
DCMFC can achieve a CE value of 40–55%, while a CE value of only 9–12% is
possible for a SCMFC [97].

Fig. 12 Single-chamber MFCs: a structure of a cubic single-chamber MFC (adapted and
reprinted from [97], Copyright 2004, with permission from American Chemical Society),
b bottle-based single-chamber MFC (adapted and reprinted from [99], Copyright 2011, with
permission from Elsevier) and c bottle-based single-chamber MFC (adapted and reprinted from
[100], Copyright 2013, with permission from Elsevier)
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4.2 Air-Cathode MFCs

4.2.1 Designs of Air-Cathode MFCs

Air-cathode MFCs are considered to be promising architecture for scaling-up
because the cathode is directly exposed to the air and it does not require additional
energy to supply oxygen. The air-cathode can be integrated in flat plate, cubic, and
tubular MFCs. Air-cathode MFCs with plate and cubic architecture typically consist
of rectangular anode chambers, and the air-cathode is assembled on the side
opposite the anode. Compared with the cubic design, the flat plate MFC has a lower
ohmic resistance because the design minimizes the spacing between the anode and
the cathode [101]. Tubular structures are also widely used to design air-cathode
MFCs. The tubular MFC is typically composed of an anode surrounded by a porous
separator and the cathode is wrapped outside the separator. The separator is used to
avoid an electrical short-circuit between the anode and cathode and to maximize the
CE. Perforated cylindrical materials, such as polyvinyl chloride or polypropylene
tubes, are usually used as the mechanical support [102, 103]. The tubular archi-
tecture is optimal for scaling-up, since it enables sufficient substrate supply, product
removal, and continuous operation [104]. During scale-up, this architecture could
be enlarged by simply extending the tube in the axial direction. In addition, when it
is operated in continuous-feed mode, tubular MFCs only need a simple manifold to
distribute water into various reactors.

4.2.2 Air-Cathode Fabrication

To achieve acceptable cathode performance, a good air-cathode should provide a
large amount of triple-phase boundaries (TPB) with oxygen, protons, and electrons
simultaneously present. In order to provide sufficient TPBs, the air-cathode usually
consists of several layers, including the CL, the hydrophobic layer, the GDL, and
the carbon paper/cloth support. The fabrication method for the air-cathode has a
great influence on the physical and chemical properties of these layers, and
therefore greatly affects the performance of the air-cathode. The approaches used to
prepare the air-cathode of MFCs can be classified as follows:

Carbon Cloth/Paper Based Cathode Using Spray/Brushing Methods

Spray/brushing is a common method for the fabrication of air-cathodes. It usually
involves sequentially preparing the hydrophobic layer or GDL on the air-facing side
of the carbon material support and the CL on the water-facing side of the carbon
material support. The hydrophobic layer, or GDL, is made by spraying 15–60 wt%
PTFE suspension onto the carbon material supports to facilitate the air supply and
to prevent water leakage from the reactor [71]. Cheng et al. prepared an air-cathode
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by brushing the Pt catalyst and a mixture of carbon black and 30% wt. PTFE
solution onto water-facing and air-facing sides of the carbon cloth serving as the CL
and the hydrophobic layer, respectively. Cheng el al. studied the effects of the
number of hydrophobic layers on the performance of the air-cathode. An increase in
the cathode potential of 117 mV and a CE increase of 171% were achieved with
four hydrophobic layers, respectively [105]. A sintering temperature, ranging from
340 to 370 °C, is needed during the cathode fabrication process to achieve a
uniform PTFE distribution. This causes significant changes in the physicochemical
properties of the ORR catalysts and in the pore structures of the GDL and CL.
Therefore, other fluoropolymers, such as PVDF with low melting points (melting
point 177 °C), have been used to form the hydrophobic layer. Qiu et al. used PVDF
to prepare the hydrophobic layer of the air-cathode and showed that the PVDF
based air-cathode outperformed the PTFE air-cathode [106]. To minimize the
ohmic resistance between the CL and carbon material supports, GDLs are usually
added between the CL and carbon material supports by directly spraying the
mixture of carbon black and PTFE suspension onto the carbon material supports.
Santoro et al. found that the presence of the GDL substantially reduced the water
loss and biofilm infiltration into the CL, thus enhancing the MFC performance
[107].

Cold- and Rolling-Press Method

To meet the requirements of a large cathode size and ease of fabrication for
commercialization, Zhang et al. proposed the cold press method for cathode fab-
rication [72]. In this method, a mixture of catalyst/PTFE and carbon black/PTFE
was pasted on both sides of a nickel mesh current collector and cold-pressed at a
pressure of 150 bar. Dong et al. proposed a rolling-press method for preparing the
MFC air-cathode using SSM as the current collector. In this method, the CL and
GDL were first prepared by rolling-press and then they were rolled onto the SSM.
The rolling-press method is an accurate, labor-saving fabrication process and it can
produce an air-cathode with high ORR activity [6]. SSM properties, such as
opening size and density, can have a great influence on cathode performance
because they affect the oxygen transfer, ion transfer, and electrical conductivity of
the cathode [90]. Besides the properties of the SSM, the pressing conditions also
influence the cathode performance because the porosity and electrical conductivity
of the CL is closely related to the pressing pressure and temperature. For example,
Zhang et al. found that the CL prepared under a lower pressure induced a higher
total pore volume of the GDL and the CL and thus resulted in higher performance
[108]. In order to increase the pore volume of the GDL and CL, the addition of a
pore former is also a feasible way for increasing MFC performance. Liu et al.
attempted to increase the porosity of the air-cathode by mixing the ACs with pore
formers (NH4HCO3). They found that the improved porosity induced by the pore
formers produced a higher exchange current density of ORR due to the extended
TPBs [109]. Another factor affecting cathode performance is catalyst loading.

416 J. Li et al.



Yang et al. found that increasing the AC catalyst loading at levels of up to 27 mg/
cm2 improved the performance of the air-cathode due to the increased ORR active
sites. However, a further increase in the catalyst loading from 27 to 62 mg/cm2 only
had a minor impact on cathode performance [110]. This was because the beneficial
effects of increasing the catalyst loading were overwhelmed by the increased
electrical resistance and oxygen diffusion resistance of the CL, resulting from the
increased catalyst loading.

Self-assembly or Self-Standing Electrode

Many efforts have been made to optimize air-cathode fabrication. The process is
complex, since it usually involves the preparation of CL and GDL, as well as their
assembly on the current collector or electrode support. Therefore, the development
of an easy fabrication method for the air-cathode is important for the practical
application of MFCs. Several reports have presented methods for fabricating the
self-assembly or free-standing cathode for ORR. Yang et al. reported a 3D
nitrogen-enriched iron-coordinated CNT sponge cathode by two-stage chemical
vapor deposition (Fig. 13a) [111]. The MFC with the prepared cathode delivered a
higher power density (20.3 W/m3) than that of the Pt/C cathode (12.8 W/m3). Wu
et al. developed 3D nitrogen-doped graphene aerogel-supported Fe3O4 nanoparti-
cles for ORR through hydrothermal self-assembly and freeze-dry fabrication pro-
cesses [112]. Although the price of graphene and CNT is still too expensive for
using MFCs in wastewater treatment, the approaches provide new ways to prepare
the self-assembly or free-standing electrode with low-cost carbon or biomass. Yang
et al. proposed that heat-treated bamboo charcoal tubes (BCT), fabricated by
directly carbonizing bamboo tubes, can be used as the monolithic air-cathode of
MFCs [66]. In the BCT cathode, the carbonized N- and P-doped carbon can be
directly used to catalyze the ORR without the involvement of PTFE and/or Nafion
binder for CL fabrication. In the air-cathode, the inherent porous and tubular
structure derived from BCT (Fig. 13b) can serve as oxygen or proton transfer
channels, and the monolithic structure support, respectively. The MFC using the
BCT cathode showed a power output (40 W/m3) that was similar to the MFC using
Pt/C.

5 Stacked MFCs

5.1 Power Generation of MFC Stacks

The power density of MFCs has increased several orders of magnitude over initial
designs due to the optimization of reactor configuration, improvement of opera-
tional parameters, use of bacteria with greater electrochemical activity, and the
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application of novel electrode materials. However, the practical application of
MFCs remains limited by low voltage output. For example, the theoretical voltage
output of MFC is *1.1 V when oxygen and sodium acetate are used as the electron
acceptor and the electron donor, respectively, but the practical operating voltage is
only *0.5 V. This is much lower than the theoretical value due to the charge
transfer, ohmic, and mass transport overpotentials. In addition, the power density of

Fig. 13 Monolithic or free-standing cathode used in MFCs. a CNT sponge as a self-standing
cathode (adapted and reprinted from [111], Copyright 2016, with permission from Elsevier),
b bamboo charcoal tube derived air-cathode (adapted and reprinted from [66], Copyright 2017,
with permission from Royal Society of Chemistry)
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MFC is decreased with the increase of MFC volume, and it is very difficult to
improve the power output by directly scaling up the MFC size. Therefore, stacking
multiple MFCs in parallel or series is a promising strategy to realize the enhanced
power and current output in practical application.

MFC stacks connected in parallel results in a current equal to the sum of the
individual MFCs, while keeping a voltage equal to the average of the individual
MFCs. For example, Wu et al. reported that an MFC stack constructed with five
MFC units achieved a power density of 50.9 ± 1.7 W/m3, which was about five
times higher than that of the individual MFCs (*10 W/m3) [113]. Aelterman et al.
suggested that six individual continuous MFC units in a stacked configuration
produced a maximum power output of 258 W/m3, which was approximately six
times higher than that of the individual MFCs [114]. In contrast to MFC stacking in
a parallel connection, connecting multiple individual MFCs in series is an efficient
way of achieving a high-voltage output. Theoretically, the voltage output from a
series stack of MFCs should be the sum of the voltage outputs of the individual
MFCs. For example, Gurung et al. showed that two MFCs stacked together in series
could produce an OCV that equaled the mathematical sum of the individual MFCs
[115].

Attempts have been made to build different MFC stacks using approaches, such
as scaling-up by miniaturization and multiplication. Many types of MFC stacks,
such as tubular, multi-electrode, cassette-electrode, and baffled MFC stacks, have
been proposed to improve electricity generation or wastewater treatment (Fig. 14).

5.2 Limitations of Stacked MFCs

Although MFC stacks have shown to be an efficient approach to enhance the
voltage and current output of MFCs, voltage reversal could cause system failure or
a significant reduction of power generation in an MFC stack. Voltage reversal,
which has usually been observed in series-connected MFC stacks, is a phenomenon
where the voltage of an individual MFC in an MFC stack reverses from a positive
to a negative value [123]. Voltage reversal in stacked MFCs is the result of
non-spontaneous anode/cathode overpotential in a unit MFC that has sluggish
anode/cathode kinetics compared to the other unit MFCs. For example, Oh et al.
demonstrated that fuel starvation in an active cell, or a lack of power generation in
the absence of bacterial activity in a unit cell (abiotic conditions) induced voltage
reversal, due to the insufficient voltage of a unit cell compared to other cells [123].
An et al. also showed that the sluggish reaction rate of the anode in the weak MFC
was responsible for voltage reversal in an MFC stack [124]. Voltage reversal in
stacked MFCs can also be caused by slow cathode kinetics. For example, An et al.
demonstrated that the inefficient catalytic activity of the ORR catalyst was the main
reason for the voltage reversal in the stacked MFCs. They also showed that the
voltage reversal can shift from the cathode to the anode when the anode perfor-
mance became the limiting factor of the unit MFC [125]. Therefore, voltage
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reversal is a dynamic phenomenon that occurs in response to the dominant kinetic
bottlenecks in the electrode or unit.

To avoid the requirement of a complicated water distribution system to pump
substrate individually to different reactors and discharge separately, the MFC stack
can be operated under a continuous-flow mode, in which the MFC units are
hydraulically connected by substrate flow. However, as the MFC stack was oper-
ated with both electrical and hydraulic connections, substrate cross-conduction is
usually observed because of the parasitic current flow in the parasitic fuel cell. This
results in reduced performance during the MFC operation (Fig. 15). Zhuang and

Fig. 14 Different MFC stacks using for power generation and wastewater treatment. a MFC
stacks using for powering mobile phone (adapted and reprinted from [116], Copyright 2013, with
permission from Royal Society of Chemistry), b tubular MFC stack (adapted and reprinted from
[117, 118], Copyright 2012, Copyright 2016, with permission from Elsevier), c MFC stacks for
urine utilization (adapted and reprinted from [119], Copyright 2013, with permission from
Elsevier), d pilot-scale MFC stack (adapted and reprinted from [113], Copyright 2016, with
permission from Elsevier), e multi-electrode MFC stack (adapted and reprinted from [120],
Copyright 2014, with permission from Elsevier), f cassette-electrode MFC stack (adapted and
reprinted from [121], Copyright 2013, with permission from Elsevier), (g) self-sustainable MFC
stack (adapted and reprinted from [122], Copyright 2013, with permission from Royal Society of
Chemistry)
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Zhou suggested that two hydraulically connected MFCs could result in a 200–
300 mV open-circuit voltage loss compared to the electrically isolated MFCs [104].

5.3 Maximizing Power Generation

Voltage reversal is a key factor limiting the power output in electrical
series-connected MFCs, and attempts have been made to reduce this problem. One
effective method is to keep the current density of the unit MFCs below the critical
current density using an additional electrical circuit or device during the power
generation (Fig. 16). For example, Wu et al. adopted a DC/DC booster circuit to
convert the low DC voltage of the MFCs (0.2–0.4 V) to a more practical electronics
range of >3.0 V, instead of stacking MFCs in a series [126]. A maximum power
point tracking algorithm proposed by Boghani et al. was used to set the operating
point of the MFC to optimize power harvesting [127]. An et al. used a threshold

Fig. 15 Illustration of substrate cross-conduction effect between the serially connected MFCs
(adapted and reprinted from [104], Copyright 2009, with permission from Elsevier)
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resistance to limit the operating current density of an MFC stack to a lower level
than the critical current density and thus prevent voltage reversal in the MFC stack
[128]. However, these methods are usually energy-consuming. To maximize energy
harvesting, Kim et al. used an electronic circuit containing two sets of multiple
capacitors that were alternately charged in parallel and discharged in series to
increase continuous power production [129]. This electronic circuit boosted the
voltage of the MFC stack and can be used to power an a microbial electrolysis cell
(MEC) without the risk of voltage reversal. Compensating the non-uniformities in
power output between the individual MFCs using electronic circuits was also used
to prevent voltage reversal. For example, Khaled et al. demonstrated that the cell
voltage of MFCs in a stack can be equalized using this balancing method [130].
Similarly, Yang et al. proposed a series-parallel-connected hybrid MFC stack and
demonstrated that this connection can promote both the voltage, the current output,
and the stable operating time of the stack in comparison to the series and parallel
connected stacks by alleviating voltage reversal [131].

In addition, an efficient approach is the application of an external assistance
potential or current on the individual MFCs to balance the inequalities and alleviate

Fig. 16 Different methods to avoid or alleviate voltage reversal in MFC stacks. a An electronic
circuit containing two sets of multiple capacitors that were alternately charged and discharged
(adapted and reprinted from [129], Copyright 2011, with permission from Royal Society of
Chemistry), b MFC subsystem series connectivity along with maximum power point tracking
(adapted and reprinted from [127], Copyright 2014, with permission from Elsevier), c a threshold
resistance for MFC stack (adapted and reprinted from [128], Copyright 2015, with permission
from Elsevier), d a low power DC/DC booster circuit (adapted and reprinted from [126],
Copyright 2012, with permission from Elsevier), e assistance current or voltage for MFC stack
(adapted and reprinted from [132], Copyright 2013, with permission from Royal Society of
Chemistry)
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the risk of voltage reversal. Andersen et al. reported a cell balance system that
controlled the unit cells connected electrically in a series to maintain the cell voltage
of individual cells at, or below, a maximum set point to prevent voltage reversal
[132]. Kim et al. proposed an assistance-current method to prevent voltage reversal
by connecting a supporting electrode in parallel and adjusting the assistance current
flowing from the supporting electrode [133].

6 MFC Technologies and Applications

6.1 Wastewater Treatment

MFCs were first proposed for wastewater treatment in 1991. MFCs have tremen-
dous substrate (fuel) versatility [7–9]. They can be operated using various readily
bioconvertible organics ranging from pure compounds to complex mixtures in
wastewater, such as acetate, glucose, and lactate. Acetate is commonly used as a
substrate because of its inertness towards alternative microbial conversion (fer-
mentations and methanogenesis) at room temperatures. Compared to acetate, glu-
cose, lactate, or mixed organic pollutant-fed MFCs have a lower CE value due to
the electron loss by competing bacteria. Domestic wastewater, such as brewery,
starch processing, dye wastewater, and even landfill leachates, have also been used
as substrates in MFCs for simultaneous electricity generation and wastewater
treatment [10, 11, 13–16]. Processes that can generate electricity during different
wastewater treatments will help to reduce the economic burden of wastewater
treatment and provide a green alternative for electricity generation.

6.2 MFC Coupled System

MFCs are usually used as the on-site electrical power source for other microbial
energy conversion systems to minimize the use of electricity from the local elec-
trical grid. Wang et al. coupled MFCs with MECs to form an MFC-MEC system to
convert the energy contained in wastewater into hydrogen [134]. In the system
(Fig. 17a), the electricity produced by MFCs (at *0.5 V) was used to power
MECs (0.110 V in theory, >0.2 V in practice). Therefore, the integration of MFCs
and MECs can reduce the need for additional electrical grid energy. Sun et al.
combined a single two-chamber MEC (450 mL) with an MFC (225 mL) and
achieved a maximum hydrogen production rate of 0.0149 m3 H2/day [135].

Besides their use for powering MECs, MFCs can also be combined with
bioreactors for continuous effluent treatment to achieve maximum substrate uti-
lization [136, 137]. Many soluble fermentation byproducts, such as formate, lactate,
propionate, acetate, and butyrate, can be degraded in MFCs. Li et al. investigated

10 Electricity from Microbial Fuel Cells 423



the feasibility of using MFCs for pH adjustment and inhibitory byproduct removal
for photobiohydrogen reactors (PBRs). In this study (Fig. 17b), single-chamber
MFCs were connected between two series-connected PBRs. The coupled system
achieved a significantly higher hydrogen production rate and substrate utilization
due to the beneficial role of MFCs for pH adjustment and inhibitory byproduct
removal [138].

6.3 Biosensors

MFCs can be used as biosensors for pollutant analysis and in situ process moni-
toring. In an MFC-based sensor, the chemical signals are usually the current or
electrode potential generated from the substrate oxidation by the electroactive
bacteria in the anode. The signals are directly related to factors, such as pH, sub-
strate concentration, and toxin concentration (Fig. 18), and thus can be used to
monitor the water quality [140]. The design of the MFC type of biosensor integrates
the advantages of the whole-cell biosensor and the self-powered MFC device. This
unique design provides featured compact sensor configuration, in which the mi-
croorganisms directly generate readable electric signal output without any exter-
nally powered transducer. Different types of MFCs have been used as biosensors
for different purposes. Compared with other types of MFCs, the SCMFC type of
biosensors are the most promising because aeration, recycling, and chemical
regeneration of the catholyte is not required during the operation. For example,
Lorenzo et al. constructed a biosensor based on the working principles of SCMFCs
and demonstrated that the biosensor can be used as a probe for labile organics
[141]. According to the application purposes, the MFCs can be designed as
biosensors for monitoring biochemical oxygen demand/COD, toxic component

Fig. 17 Common used MFC coupled system. a MFC-MEC coupled system (adapted and
reprinted from [139], Copyright 2014, with permission from Elsevier), b MFC-PBR coupled
system (adapted and reprinted from [138], Copyright 2013, with permission from Elsevier)

424 J. Li et al.



detection, volatile fatty acids and anaerobic digestion processing [140, 142–146].
However, the stability, sensitivity, response time, and detection limit of the
biosensor system still need improvement for practical application and to success-
fully compete with other analytical methods.

7 Outlook

Although MFC technology has been intensively studied as a promising method to
achieve sustainable wastewater treatment and electricity generation, many barriers
need to be overcome before practical implementation. Among these, fabrication of
high-performance and cost-effective anodes and cathodes are the most important
challenges. Many alternative anode materials, such as carbon brushes, loofah
sponge-derived porous carbon, graphene aerogels, and carbon nanomaterials, have
been used in MFCs. These 3D porous electrodes can achieve a higher performance
level than carbon cloth/paper because of the greater electrode surface accessible to
electroactive bacteria. However, their high price and the complex production pro-
cess offsets the benefits from the performance improvement. A low-cost and
high-performance cathode is equally important for MFC performance. MFCs using
carbonaceous materials as the ORR catalysts can deliver similar or greater per-
formance than that of the Pt/C cathode, while the cost can be reduced by at least one
order of magnitude. However, fabricating and doping the carbon materials usually
requires toxic chemicals, sophisticated preparation routes, and specialized equip-
ment. Preparation of these catalysts can have a negative environmental impact.

Although there has been significant development in MFCs recent years, most of
these achievements were based on lab-size MFCs ranging from microliters to
milliliters. Therefore, these results cannot be directly applied to large-scale reactors

Fig. 18 Schematic of MFC based biosensor
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due to poor understanding of the effects of reactor architecture and operation
conditions on MFC performance. In a scaled-up system, water pressure, that is quite
low in a lab-scale MFC, can challenge the mechanical strength and the stability of
the air-cathode. Additionally, the wastewater usually contains small particles. These
may block reactor pipes and limit the substrate supply to the biofilm, leading to a
significant decrease of biofilm activity on the anode. Therefore, many efforts are
needed to develop or establish an improved MFC system that can be operated in a
real wastewater treatment plant.

MFCs represent a proven carbon neutral technology and they can be used for
renewable energy production and wastewater treatment. There is a bright and
promising future for a wide range of MFC technologies and these are the foundation
of a new generation of renewable energy systems.

Acknowledgements This work was supported by National Natural Science Funds for
Outstanding Young Scholar (No. 51622602), the National Natural Science Funds for
Distinguished Young Scholar (No. 51325602), the National Science Foundation for Young
Scientists of China (No. 51506017) and a project supported by the Natural Science Foundation of
Chongqing, China (Grant No: cstc2015jcyjA90017).

References

1. Logan BE, Hamelers B, Rozendal R, Schröder U, Keller J, Freguia S, Aelterman P,
Verstraete W, Rabaey K (2006) Microbial fuel cells: methodology and technology. Environ
Sci Technol 40(17):5181–5192

2. Liu H, Ramnarayanan R, Logan BE (2004) Production of electricity during wastewater
treatment using a single chamber microbial fuel cell. Environ Sci Technol 38(7):2281–2285

3. Du Z, Li H, Gu T (2007) A state of the art review on microbial fuel cells: a promising
technology for wastewater treatment and bioenergy. Biotechnol Adv 25(5):464–482

4. Pant D, Bogaert GV, Diels L, Diels L (2010) A review of the substrates used in microbial
fuel cells (MFCs) for sustainable energy production. Bioresour Technol 101(6):1533–1543

5. Logan BE (2010) Scaling up microbial fuel cells and other bioelectrochemical systems. Appl
Microbiol Biot 85(6):1665–1671

6. Dong H, Yu H, Wang X, Zhou Q, Feng J (2012) A novel structure of scalable air-cathode
without Nafion and Pt by rolling activated carbon and PTFE as catalyst layer in microbial
fuel cells. Water Res 46(17):5777

7. Catal T, Li K, Bermek H, Liu H (2008) Electricity production from twelve monosaccharides
using microbial fuel cells. J Power Sources 175(1):196–200

8. Logan B, Cheng S, Watson V, Estadt G (2007) Graphite fiber brush anodes for increased
power production in air-cathode microbial fuel cells. Environ Sci Technol 41(9):3341–3346

9. Manohar AK, Mansfeld F (2009) The internal resistance of a microbial fuel cell and its
dependence on cell design and operating conditions. Electrochim Acta 54(6):1664–1670

10. Wang X, Feng Y, Ren N, Wang H, Lee H, Li N, Zhao Q (2009) Accelerated start-up of
two-chambered microbial fuel cells: effect of anodic positive poised potential. Electrochim
Acta 54(3):1109–1114

11. Feng Y, Wang X, Logan BE, Lee H (2008) Brewery wastewater treatment using air-cathode
microbial fuel cells. Appl Microbiol Biotechnol 78(5):873–880

426 J. Li et al.



12. Wen Q, Wu Y, Cao D, Zhao L, Sun Q (2009) Electricity generation and modeling of
microbial fuel cell from continuous beer brewery wastewater. Bioresour Technol 100(18):
4171–4175

13. Lu N, S-g Zhou, Zhuang L, J-t Zhang, J-r Ni (2009) Electricity generation from starch
processing wastewater using microbial fuel cell technology. Biochem Eng J 43(3):246–251

14. Greenman J, Gálvez A, Giusti L, Ieropoulos I (2009) Electricity from landfill leachate using
microbial fuel cells: comparison with a biological aerated filter. Enzyme Microb Tech 44(2):
112–119

15. Sun J, Y-y Hu, Bi Z, Y-q Cao (2009) Simultaneous decolorization of azo dye and
bioelectricity generation using a microfiltration membrane air-cathode single-chamber
microbial fuel cell. Bioresour Technol 100(13):3185–3192

16. Jadhav G, Ghangrekar M (2009) Performance of microbial fuel cell subjected to variation
in pH, temperature, external load and substrate concentration. Bioresour Technol 100(2):
717–723

17. Chakrapani S, Perozo E (2006) Increased performance of single-chamber microbial fuel cells
using an improved cathode structure. Electrochem Commun 8(3):489–494

18. Logan BE (2008) Microbial fuel cells. Wiley
19. He Z, Liu J, Qiao Y, Li CM, Tan TTY (2012) Architecture engineering of hierarchically

porous chitosan/vacuum-stripped graphene scaffold as bioanode for high performance
microbial fuel cell. Nano Lett 12(9):4738

20. Higgins SR, Foerster D, Cheung A, Lau C, Bretschger O, Minteer SD, Nealson K,
Atanassov P, Cooney MJ (2011) Fabrication of macroporous chitosan scaffolds doped with
carbon nanotubes and their characterization in microbial fuel cell operation. Enzyme Microb
Tech 48(6):458–465

21. Qiao Y, Li CM, Bao S-J, Bao Q-L (2007) Carbon nanotube/polyaniline composite as anode
material for microbial fuel cells. J Power Sources 170(1):79–84

22. Manickam SS, Karra U, Huang L, Bui NN, Li B, McCutcheon JR (2013) Activated carbon
nanofiber anodes for microbial fuel cells. Carbon 53:19–28

23. Wang H, Wang G, Ling Y, Qian F, Song Y, Lu X, Chen S, Tong Y, Li Y (2013) High power
density microbial fuel cell with flexible 3D graphene–nickel foam as anode. Nanoscale
5(21):10283–10290

24. Xie X, Hu L, Pasta M, Wells GF, Kong D, Criddle CS, Cui Y (2011) Three-dimensional
carbon nanotube-textile anode for high-performance microbial fuel cells. Nano Lett 11(1):
291–296

25. Xing X, Yu GH, Liu N, Bao ZN, Criddle CS, Yi C (2012) Graphene-sponges as
high-performance low-cost anodes for microbial fuel cells. Energy Environ Sci 5(5):6862–
6866

26. Yong YC, Dong XC, Chanpark MB, Song H, Chen P (2012) Macroporous and monolithic
anode based on polyaniline hybridized three-dimensional graphene for high-performance
microbial fuel cells. ACS Nano 6(3):2394

27. ter Heijne A, Hamelers HV, Saakes M, Buisman CJ (2008) Performance of non-porous
graphite and titanium-based anodes in microbial fuel cells. Electrochim Acta 53(18):5697–
5703

28. Baudler A, Schmidt I, Langner M, Greiner A, Schröder U (2015) Does it have to be carbon?
Metal anodes in microbial fuel cells and related bioelectrochemical systems. Energy Environ
Sci 8(7):2048–2055

29. Zhang X, Shi J, Liang P, Wei J, Huang X, Zhang C, Logan BE (2013) Power generation by
packed-bed air-cathode microbial fuel cells. Bioresour Technol 142:109–114

30. Zhang GD, Zhao QL, Jiao Y, Zhang JN, Jiang JQ, Ren N, Kim BH (2011) Improved
performance of microbial fuel cell using combination biocathode of graphite fiber brush and
graphite granules. J Power Sources 196(15):6036–6041

31. Zhao F, Rahunen N, Varcoe JR, Chandra A, Avignonerossa C, Thumser AE, Slade RCT
(2008) Activated carbon cloth as anode for sulfate removal in a microbial fuel cell. Environ
Sci Technol 42(13):4971–4976

10 Electricity from Microbial Fuel Cells 427



32. Zhang L, Li J, Zhu X, Ye D, Liao Q (2013) Anodic current distribution in a liter-scale
microbial fuel cell with electrode arrays. Chem Eng J 223(5):623–631

33. Lepage G, Albernaz FO, Perrier G, Merlin G (2012) Characterization of a microbial fuel cell
with reticulated carbon foam electrodes. Bioresour Technol 124(337):199–207

34. Yuan Y, Kim SH (2008) Polypyrrole-coated reticulated vitreous carbon as anode in
microbial fuel cell for higher energy output. Bull Korean Chem Soc 29(29):168–172

35. Sasaki K, Yasuda K, Nakanishi K, Rakugi H, Isaka Y, Yamato M (2011) Granular activated
carbon based microbial fuel cell for simultaneous decolorization of real dye wastewater and
electricity generation. New Biotechnol 29(1):32–37

36. Li J, Liu C, Liao Q, Zhu X, Ye D (2013) Improved performance of a tubular microbial fuel
cell with a composite anode of graphite fiber brush and graphite granules. Int J Hydrog
Energy 38(35):15723–15729

37. Liu C, Li J, Zhu X, Zhang L, Ye D, Brown RK, Liao Q (2013) Effects of brush lengths and
fiber loadings on the performance of microbial fuel cells using graphite fiber brush anodes.
Int J Hydrog Energy 38(35):15646–15652

38. Katuri K, Ferrer ML, Gutiérrez MC, Jiménez R, del Monte F, Leech D (2011)
Three-dimensional microchanelled electrodes in flow-through configuration for bioanode
formation and current generation. Energy Environ Sci 4(10):4201–4210

39. Chen S, Liu Q, He G, Zhou Y, Hanif M, Peng X, Wang S, Hou H (2012) Reticulated carbon
foam derived from a sponge-like natural product as a high-performance anode in microbial
fuel cells. J Mater Chem 22(35):18609–18613

40. Yuan Y, Zhou S, Liu Y, Tang J (2013) Nanostructured macroporous bioanode based on
polyaniline-modified natural loofah sponge for high-performance microbial fuel cells.
Environ Sci Technol 47(24):14525–14532

41. Zhang J, Li J, Ye D, Zhu X, Liao Q, Zhang B (2014) Tubular bamboo charcoal for anode in
microbial fuel cells. J Power Sources 272:277–282

42. Chen Q, Pu W, Hou H, Hu J, Liu B, Li J, Cheng K, Huang L, Yuan X, Yang C (2018)
Activated microporous-mesoporous carbon derived from chestnut shell as a sustainable
anode material for high performance microbial fuel cells. Bioresour Technol 249:567–573

43. Karthikeyan R, Wang B, Xuan J, Wong JW, Lee PK, Leung MK (2015) Interfacial electron
transfer and bioelectrocatalysis of carbonized plant material as effective anode of microbial
fuel cell. Electrochim Acta 157:314–323

44. Lu M, Qian Y, Yang C, Huang X, Li H, Xie X, Huang L, Huang W (2016)
Nitrogen-enriched pseudographitic anode derived from silk cocoon with tunable flexibility
for microbial fuel cells. Nano Energy 32:382–388

45. Ren H, Pyo S, Lee J-I, Park T-J, Gittleson FS, Leung FC, Kim J, Taylor AD, Lee H-S,
Chae J (2015) A high power density miniaturized microbial fuel cell having carbon nanotube
anodes. J Power Sources 273:823–830

46. Hindatu Y, Annuar M, Gumel A (2017) Mini-review: anode modification for improved
performance of microbial fuel cell. Renew Sustain Energy Rev 73:236–248

47. Liu J, Qiao Y, Guo CX, Lim S, Song H, Li CM (2012) Graphene/carbon cloth anode for
high-performance mediatorless microbial fuel cells. Bioresour Technol 114:275–280

48. Zhang Y, Mo G, Li X, Zhang W, Zhang J, Ye J, Huang X, Yu C (2011) A graphene
modified anode to improve the performance of microbial fuel cells. J Power Sources 196
(13):5402–5407

49. Wang P, Li H, Du Z (2014) Polyaniline synthesis by cyclic voltammetry for anodic
modification in microbial fuel cells. Int J Electrochem Sci 9:2038–2046

50. Lv Z, Chen Y, Wei H, Li F, Hu Y, Wei C, Feng C (2013) One-step electrosynthesis of
polypyrrole/graphene oxide composites for microbial fuel cell application. Electrochim Acta
111:366–373

51. Gnana Kumar G, Kirubaharan CJ, Udhayakumar S, Ramachandran K, Karthikeyan C,
Renganathan R, Nahm KS (2014) Synthesis, structural, and morphological characterizations
of reduced graphene oxide-supported polypyrrole anode catalysts for improved microbial
fuel cell performances. ACS Sustain Chem Eng 2(10):2283–2290

428 J. Li et al.



52. Zhu N, Chen X, Zhang T, Wu P, Li P, Wu J (2011) Improved performance of membrane free
single-chamber air-cathode microbial fuel cells with nitric acid and ethylenediamine surface
modified activated carbon fiber felt anodes. Bioresour Technol 102(1):422–426

53. Feng Y, Yang Q, Wang X, Logan BE (2010) Treatment of carbon fiber brush anodes for
improving power generation in air–cathode microbial fuel cells. J Power Sources 195
(7):1841–1844

54. Cheng S, Logan BE (2007) Ammonia treatment of carbon cloth anodes to enhance power
generation of microbial fuel cells. Electrochem Commun 9(3):492–496

55. Zhang J, Li J, Ye D, Zhu X, Liao Q, Zhang B (2014) Enhanced performances of microbial
fuel cells using surface-modified carbon cloth anodes: a comparative study. Int J Hydrog
Energy 39(33):19148–19155

56. Zhou M, Chi M, Wang H, Jin T (2012) Anode modification by electrochemical oxidation: a
new practical method to improve the performance of microbial fuel cells. Biochem Eng J
60:151–155

57. Mauritz KA, Moore RB (2004) State of understanding of Nafion. Chem Rev 104(10):4535–
4586

58. Nambiar S, Togo C, Limson J (2009) Application of multi-walled carbon nanotubes to
enhance anodic performance of an Enterobacter cloacae-based fuel cell. Afr J Biotechnol 8(24)

59. Pant D, Van Bogaert G, De Smet M, Diels L, Vanbroekhoven K (2010) Use of novel
permeable membrane and air cathodes in acetate microbial fuel cells. Electrochim Acta 55
(26):7710–7716

60. Leong JX, Daud WRW, Ghasemi M, Liew KB, Ismail M (2013) Ion exchange membranes
as separators in microbial fuel cells for bioenergy conversion: a comprehensive review.
Renew Sustain Energy Rev 28:575–587

61. Zaidi SJ, Mikhailenko SD, Robertson G, Guiver M, Kaliaguine S (2000) Proton conducting
composite membranes from polyether ether ketone and heteropolyacids for fuel cell
applications. J Membr Sci 173(1):17–34

62. Zhang X, Cheng S, Huang X, Logan BE (2010) Improved performance of single-chamber
microbial fuel cells through control of membrane deformation. Biosens Bioelectron 25
(7):1825–1828

63. Kazemi S, Fatih K, Mohseni M, Wang H (2012) Investigating separators to improve
performance of flat-plate microbial fuel cells. Meeting Abstracts: The Electrochemical
Society, pp 3593–3593

64. Kim JR, Cheng S, Oh S-E, Logan BE (2007) Power generation using different cation, anion,
and ultrafiltration membranes in microbial fuel cells. Environ Sci Technol 41(3):1004–1009

65. Sun J, Hu Y, Bi Z, Cao Y (2009) Improved performance of air-cathode single-chamber
microbial fuel cell for wastewater treatment using microfiltration membranes and multiple
sludge inoculation. J Power Sources 187(2):471–479

66. Yang W, Li J, Zhang L, Zhu X, Liao Q (2017) A monolithic air cathode derived from
bamboo for microbial fuel cells. RSC Adv 7(45):28469–28475

67. Zhang X, Cheng S, Huang X, Logan BE (2010) The use of nylon and glass fiber filter
separators with different pore sizes in air-cathode single-chamber microbial fuel cells.
Energy Environ Sci 3(5):659–664

68. Fan Y, Hu H, Liu H (2007) Enhanced Coulombic efficiency and power density of
air-cathode microbial fuel cells with an improved cell configuration. J Power Sources 171(2):
348–354

69. Li J, Fu Q, Liao Q, Zhu X, D-d Ye, Tian X (2009) Persulfate: a self-activated cathodic
electron acceptor for microbial fuel cells. J Power Sources 194(1):269–274

70. Zhang L, Zhu X, Li J, Liao Q, Ye D (2011) Biofilm formation and electricity generation of a
microbial fuel cell started up under different external resistances. J Power Sources 196
(15):6029–6035

71. Cheng S, Liu H, Logan BE (2006) Power densities using different cathode catalysts (Pt and
CoTMPP) and polymer binders (Nafion and PTFE) in single chamber microbial fuel cells.
Environ Sci Technol 40(1):364–369

10 Electricity from Microbial Fuel Cells 429



72. Zhang F, Cheng S, Pant D, Van Bogaert G, Logan BE (2009) Power generation using an
activated carbon and metal mesh cathode in a microbial fuel cell. Electrochem Commun 11
(11):2177–2179

73. Yang W, Li J, Ye D, Zhu X, Liao Q (2017) Bamboo charcoal as a cost-effective catalyst for
an air-cathode of microbial fuel cells. Electrochim Acta 224:585–592

74. Watson VJ, Nieto Delgado C, Logan BE (2013) Influence of chemical and physical
properties of activated carbon powders on oxygen reduction and microbial fuel cell
performance. Environ Sci Technol 47(12):6704–6710

75. Zhou L, Fu P, Wen D, Yuan Y, Zhou S (2016) Self-constructed carbon nanoparticles-coated
porous biocarbon from plant moss as advanced oxygen reduction catalysts. Appl Catal
B-Environ 181:635–643

76. Liu L, Xiong Q, Li C, Feng Y, Chen S (2015) Conversion of straw to nitrogen doped carbon
for efficient oxygen reduction catalysts in microbial fuel cells. RSC Adv 5(109):89771–
89776

77. Sun Y, Duan Y, Hao L, Xing Z, Dai Y, Li R, Zou J (2016) Cornstalk-derived nitrogen-doped
partly graphitized carbon as efficient metal-free catalyst for oxygen reduction reaction in
microbial fuel cells. ACS Appl Mater Inter 8(39):25923–25932

78. Wang H, Zhang Z, Yang Y, Wang K, Ji S, Key J, Ma Y, Wang R (2015) A Co-N-doped
carbonized egg white as a high-performance, non-precious metal, electrocatalyst for oxygen
reduction. J Solid State Electron 19(6):1727–1733

79. Wu H, Geng J, Ge H, Guo Z, Wang Y, Zheng G (2016) Egg‐derived mesoporous carbon
microspheres as bifunctional oxygen evolution and oxygen reduction electrocatalysts. Adv
Energy Mater 6(20)

80. Fan Z, Li J, Zhou Y, Fu Q, Yang W, Zhu X, Liao Q (2017) A green, cheap,
high-performance carbonaceous catalyst derived from Chlorella pyrenoidosa for oxygen
reduction reaction in microbial fuel cells. Int J Hydrog Energy

81. Deng L, Yuan H, Cai X, Ruan Y, Zhou S, Chen Y, Yuan Y (2016) Honeycomb-like
hierarchical carbon derived from livestock sewage sludge as oxygen reduction reaction
catalysts in microbial fuel cells. Int J Hydrog Energy 41(47):22328–22336

82. Yuan Y, Liu T, Fu P, Tang J, Zhou S (2015) Conversion of sewage sludge into
high-performance bifunctional electrode materials for microbial energy harvesting. J Mater
Chem A 3(16):8475–8482

83. Dong H, Yu H, Wang X, Zhou Q, Feng J (2012) A novel structure of scalable air-cathode
without Nafion and Pt by rolling activated carbon and PTFE as catalyst layer in microbial
fuel cells. Water Res 46(17):5777–5787

84. Dong H, Yu H, Yu H, Gao N, Wang X (2013) Enhanced performance of activated carbon–
polytetrafluoroethylene air-cathode by avoidance of sintering on catalyst layer in microbial
fuel cells. J Power Sources 232:132–138

85. Yang W, He W, Zhang F, Hickner MA, Logan BE (2014) Single-step fabrication using a
phase inversion method of poly (vinylidene fluoride)(PVDF) activated carbon air cathodes
for microbial fuel cells. Environ Sci Technol Lett 1(10):416–420

86. Cheng S, Wu J (2013) Air-cathode preparation with activated carbon as catalyst, PTFE as
binder and nickel foam as current collector for microbial fuel cells. Bioelectrochemistry
92:22–26

87. Popat SC, Ki D, Rittmann BE, Torres CI (2012) Importance of OH − transport from
cathodes in microbial fuel cells. ChemSusChem 5(6):1071–1079

88. Popat SC, Ki D, Young MN, Rittmann BE, Torres CI (2014) Buffer pKa and transport
govern the concentration over potential in electrochemical oxygen reduction at neutral pH.
ChemElectroChem 1(11):1909–1915

89. Liu H, Cheng S, Logan BE (2005) Production of electricity from acetate or butyrate using a
single-chamber microbial fuel cell. Environ Sci Technol 39(2):658–662

90. Li X, Wang X, Zhang Y, Ding N, Zhou Q (2014) Opening size optimization of metal
matrix in rolling-pressed activated carbon air–cathode for microbial fuel cells. Appl Energy
123:13–18

430 J. Li et al.



91. You S, Zhao Q, Zhang J, Jiang J, Zhao S (2006) A microbial fuel cell using permanganate as
the cathodic electron acceptor. J Power Sources 162(2):1409–1415

92. Li J, Fu Q, Zhu X, Liao Q, Zhang L, Wang H (2010) A solar regenerable cathodic electron
acceptor for microbial fuel cells. Electrochim Acta 55(7):2332–2337

93. Tartakovsky B, Guiot SR (2006) A comparison of air and hydrogen peroxide oxygenated
microbial fuel cell reactors. Biotechnol Progr 22(1):241–246

94. Tang X, Li H, Du Z, Wang W, Ng HY (2015) Conductive polypyrrole hydrogels and carbon
nanotubes composite as an anode for microbial fuel cells. Rsc Adv 5(63):50968–50974

95. Min B, Cheng S, Logan BE (2005) Electricity generation using membrane and salt bridge
microbial fuel cells. Water Res 39(9):1675–1686

96. Min B, Logan BE (2004) Continuous electricity generation from domestic wastewater and
organic substrates in a flat plate microbial fuel cell. Environ Sci Technol 38(21):5809–5814

97. Liu H, Logan BE (2004) Electricity generation using an air-cathode single chamber
microbial fuel cell in the presence and absence of a proton exchange membrane. Environ Sci
Technol 38(14):4040–4046

98. Cheng S, Logan BE (2011) Increasing power generation for scaling up single-chamber air
cathode microbial fuel cells. Bioresour Technol 102(6):4468–4473

99. Call DF, Logan BE (2011) A method for high throughput bioelectrochemical research based
on small scale microbial electrolysis cells. Biosens Bioelectron 26(11):4526–4531

100. Cristiani P, Franzetti A, Gandolfi I, Guerrini E, Bestetti G (2013) Bacterial DGGE
fingerprints of biofilms on electrodes of membraneless microbial fuel cells. Int Biodeterior
Biodegrad 84:211–219

101. Janicek A, Fan Y, Liu H (2014) Design of microbial fuel cells for practical application: a
review and analysis of scale-up studies. Biofuels 5(1):79–92

102. Kim JR, Premier GC, Hawkes FR, Dinsdale RM, Guwy AJ (2009) Development of a tubular
microbial fuel cell (MFC) employing a membrane electrode assembly cathode. J Power
Sources 187(2):393–399

103. Kim JR, Rodríguez J, Hawkes FR, Dinsdale RM, Guwy AJ, Premier GC (2011) Increasing
power recovery and organic removal efficiency using extended longitudinal tubular
microbial fuel cell (MFC) reactors. Energy Environ Sci 4(2):459–465

104. Zhuang L, Zhou S (2009) Substrate cross-conduction effect on the performance of serially
connected microbial fuel cell stack. Electrochem Commun 11(5):937–940

105. Cheng S, Liu H, Logan BE (2006) Increased performance of single-chamber microbial fuel
cells using an improved cathode structure. Electrochem Commun 8(3):489–494

106. Qiu Z, Su M, Wei L, Han H, Jia Q, Shen J (2015) Improvement of microbial fuel cell
cathodes using cost-effective polyvinylidene fluoride. J Power Sources 273:566–573

107. Santoro C, Agrios A, Pasaogullari U, Li B (2011) Effects of gas diffusion layer (GDL) and
micro porous layer (MPL) on cathode performance in microbial fuel cells (MFCs). Int J
Hydrog Energy 36(20):13096–13104

108. Zhang Y, Wang X, Li X, Gao N, Wan L, Feng C, Zhou Q (2014) A novel and high
performance activated carbon air-cathode with decreased volume density and catalyst layer
invasion for microbial fuel cells. RSC Adv 4(80):42577–42580

109. Li D, Qu Y, Liu J, He W, Wang H, Feng Y (2014) Using ammonium bicarbonate as pore
former in activated carbon catalyst layer to enhance performance of air cathode microbial
fuel cell. J Power Sources 272:909–914

110. Yang W, Logan BE (2016) Engineering a membrane based air cathode for microbial fuel
cells via hot pressing and using multi-catalyst layer stacking. Environ Sci: Water Res
Technol 2(5):858–863

111. Yang G, Erbay C, S-i Yi, de Figueiredo P, Sadr R, Han A, Yu C (2016) Bifunctional
nano-sponges serving as non-precious metal catalysts and self-standing cathodes for high
performance fuel cell applications. Nano Energy 22:607–614

112. Wu Z-S, Yang S, Sun Y, Parvez K, Feng X, Müllen K (2012) 3D nitrogen-doped graphene
aerogel-supported Fe3O4 nanoparticles as efficient electrocatalysts for the oxygen reduction
reaction. J Am Chem Soc 134(22):9082–9085

10 Electricity from Microbial Fuel Cells 431



113. Wu S, Li H, Zhou X, Liang P, Zhang X, Jiang Y, Huang X (2016) A novel pilot-scale
stacked microbial fuel cell for efficient electricity generation and wastewater treatment.
Water Res 98:396–403

114. Aelterman P, Rabaey K, Pham HT, Boon N, Verstraete W (2006) Continuous electricity
generation at high voltages and currents using stacked microbial fuel cells. Environ Sci
Technol 40(10):3388–3394

115. Gurung A, Oh S-E (2012) The performance of serially and parallelly connected microbial
fuel cells. Energy Sources Part A: Recovery Util Environ Effects 34(17):1591–1598

116. Ieropoulos IA, Ledezma P, Stinchcombe A, Papaharalabos G, Melhuish C, Greenman J
(2013) Waste to real energy: the first MFC powered mobile phone. Phys Chem Chem Phys
15(37):15312–15316

117. Zhuang L, Zheng Y, Zhou S, Yuan Y, Yuan H, Chen Y (2012) Scalable microbial fuel cell
(MFC) stack for continuous real wastewater treatment. Bioresour Technol 106:82–88

118. Yousefi V, Mohebbi-Kalhori D, Samimi A, Salari M (2016) Effect of separator electrode
assembly (SEA) design and mode of operation on the performance of continuous tubular
microbial fuel cells (MFCs). Int J Hydrog Energy 41(1):597–606

119. Ieropoulos IA, Greenman J, Melhuish C (2013) Miniature microbial fuel cells and stacks for
urine utilisation. Int J Hydrog Energy 38(1):492–496

120. Ren L, Ahn Y, Hou H, Zhang F, Logan BE (2014) Electrochemical study of multi-electrode
microbial fuel cells under fed-batch and continuous flow conditions. J Power Sources
257:454–460

121. Miyahara M, Hashimoto K, Watanabe K (2013) Use of cassette-electrode microbial fuel cell
for wastewater treatment. J Biosci Bioeng 115(2):176–181

122. Ledezma P, Stinchcombe A, Greenman J, Ieropoulos I (2013) The first self-sustainable
microbial fuel cell stack. Phys Chem Chem Phys 15(7):2278–2281

123. Oh S-E, Logan BE (2007) Voltage reversal during microbial fuel cell stack operation.
J Power Sources 167(1):11–17

124. An J, Lee HS (2014) Occurrence and implications of voltage reversal in stacked microbial
fuel cells. ChemSusChem 7(6):1689–1695

125. An J, Kim B, Chang IS, Lee H-S (2015) Shift of voltage reversal in stacked microbial fuel
cells. J Power Sources 278:534–539

126. Wu PK, Biffinger JC, Fitzgerald LA, Ringeisen BR (2012) A low power DC/DC booster
circuit designed for microbial fuel cells. Process Biochem 47(11):1620–1626

127. Boghani HC, Papaharalabos G, Michie I, Fradler KR, Dinsdale RM, Guwy AJ, Ieropoulos I,
Greenman J, Premier GC (2014) Controlling for peak power extraction from microbial fuel
cells can increase stack voltage and avoid cell reversal. J Power Sources 269:363–369

128. An J, Sim J, Lee H-S (2015) Control of voltage reversal in serially stacked microbial fuel
cells through manipulating current: significance of critical current density. J Power Sources
283:19–23

129. Kim Y, Hatzell MC, Hutchinson AJ, Logan BE (2011) Capturing power at higher voltages
from arrays of microbial fuel cells without voltage reversal. Energy Environ Sci 4(11):4662–
4667

130. Khaled F, Ondel O, Allard B, Degrenne N (2013) Voltage balancing circuit for energy
harvesting from a stack of serially-connected microbial fuel cells. In: 2013 IEEE ECCE Asia
Downunder (ECCE Asia). IEEE, pp 392–397

131. Yang W, Li J, Ye D, Zhang L, Zhu X, Liao Q (2016) A hybrid microbial fuel cell stack
based on single and double chamber microbial fuel cells for self-sustaining pH control.
J Power Sources 306:685–691

132. Andersen SJ, Pikaar I, Freguia S, Lovell BC, Rabaey K, Rozendal RA (2013) Dynamically
adaptive control system for bioanodes in serially stacked bioelectrochemical systems.
Environ Sci Technol 47(10):5488–5494

133. Kim B, Lee BG, Kim BH, Chang IS (2015) Assistance current effect for prevention of
voltage reversal in stacked microbial fuel cell systems. ChemElectroChem 2(5):755–760

432 J. Li et al.



134. Wang A, Sun D, Cao G, Wang H, Ren N, Wu W-M, Logan BE (2011) Integrated hydrogen
production process from cellulose by combining dark fermentation, microbial fuel cells, and
a microbial electrolysis cell. Bioresour Technol 102(5):4137–4143

135. Sun M, Sheng G-P, Zhang L, Xia C-R, Mu Z-X, Liu X-W, Wang H-L, Yu H-Q, Qi R, Yu T
(2008) An MEC-MFC-coupled system for biohydrogen production from acetate. Environ
Sci Technol 42(21):8095–8100

136. Mohanakrishna G, Mohan SV, Sarma P (2010) Utilizing acid-rich effluents of fermentative
hydrogen production process as substrate for harnessing bioelectricity: an integrative
approach. Int J Hydrogen Energ 35(8):3440–3449

137. Vazquez-Larios AL, Solorza-Feria O, Vazquez-Huerta G, Esparza-García F,
Rinderknecht-Seijas N, Poggi-Varaldo HM (2011) Effects of architectural changes and
inoculum type on internal resistance of a microbial fuel cell designed for the treatment of
leachates from the dark hydrogenogenic fermentation of organic solid wastes. Int J Hydrog
Energy 36(10):6199–6209

138. Li J, Zou W, Xu Z, Ye D, Zhu X, Liao Q (2013) Improved hydrogen production of the
downstream bioreactor by coupling single chamber microbial fuel cells between
series-connected photosynthetic biohydrogen reactors. Int J Hydrog Energy 38(35):
15613–15619

139. Huang L, Yao B, Wu D, Quan X (2014) Complete cobalt recovery from lithium cobalt oxide
in self-driven microbial fuel cell–microbial electrolysis cell systems. J Power Sources
259:54–64

140. Stein NE, Hamelers HV, Buisman CN (2012) The effect of different control mechanisms on
the sensitivity and recovery time of a microbial fuel cell based biosensor. Sens Actuators B:
Chem 171:816–821

141. Di Lorenzo M, Curtis TP, Head IM, Scott K (2009) A single-chamber microbial fuel cell as a
biosensor for wastewaters. Water Res 43(13):3145–3154

142. Stein NE, Hamelers HV, Buisman CN (2010) Stabilizing the baseline current of a microbial
fuel cell-based biosensor through over potential control under non-toxic conditions.
Bioelectrochemistry 78(1):87–91

143. Kim BH, Chang IS, Gil GC, Park HS, Kim HJ (2003) Novel BOD (biological oxygen
demand) sensor using mediator-less microbial fuel cell. Biotechnol Lett 25(7):541–545

144. Donovan C, Dewan A, Heo D, Beyenal H (2008) Batteryless, wireless sensor powered by a
sediment microbial fuel cell. Environ Sci Technol 42(22):8591–8596

145. Stein NE, Hamelers HM, van Straten G, Keesman KJ (2012) On-line detection of toxic
components using a microbial fuel cell-based biosensor. J Process Control 22(9):1755–1761

146. Kaur A, Kim JR, Michie I, Dinsdale RM, Guwy AJ, Premier GC (2013) Microbial fuel cell
type biosensor for specific volatile fatty acids using acclimated bacterial communities.
Biosens Bioelectron 47:50–55

10 Electricity from Microbial Fuel Cells 433



Chapter 11
Biofuel Production
from Bioelectrochemical Systems

Zhuo Li, Qian Fu, Hajime Kobayashi and Shuai Xiao

1 Introduction

Environmental pollution and the global energy crisis call for new renewable
technologies to support a more sustainable society. Microbial electrolysis cells
(MECs) and microbial electrosynthesis cells can degrade organic matter and pol-
lutants in wastewater; when producing biofuels, they offer promising renewable
energy technologies for carbon dioxide (CO2) reduction and wastewater treatment.
In the two bioelectrochemical systems, hydrogen and methane (CH4) can be easily
produced by applying a voltage of 0.2–0.6 V, and other value-added products, such
as acetate, ethanol, hydrogen peroxide, and formic acid, also can be produced at
low overpotentials [1–3]. Many challenges still face these bioelectrochemical sys-
tems, such as the low production rate of biofuels, hydrogen re-oxidation, and the
difficult separation of liquid products. In this chapter, we review the recent progress
in electrodes and reactor configurations, electrode materials, electron transfer
mechanism, and applications of the two systems.
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2 Hydrogen Production from MECs

2.1 Working Principle of MECs

Similar to a typical dual-chamber microbial fuel cell (MFC), a typical MEC reactor
consists of an anode and a cathode chamber, which are separated by an ion
exchange membrane. On the anode, exoelectrogenic microorganisms (such as the
Geobacter and Shewanella species) colonize on the surface and oxidize organic
substrates (such as acetate and glucose in wastewater) to produce electrons and
protons. The generated electrons transfer to the anode via direct or indirect electron
transfer and pass through the circuit to the cathode. On the cathode, the electrons
combine with the protons permeating from the anode chamber to produce hydro-
gen. During this operation, both the anode and cathode chambers are maintained at
anaerobic conditions (Fig. 1).

Unlike the reactions in a MFC, the reaction in an MEC cannot spontaneously
occur because of its irreversibility. According to the Nernst equation, under typical
biological conditions (T = 25 °C, p = 1 bar, and pH 7.0), the standard potential of
H+/H2 (the cathode reaction) can be calculated as shown in the following equations:

2Hþ þ 2e� ! H2 ð1Þ

Ecat ¼ �RT
2F

ln
pH2

Hþ½ �2
 !

ð2Þ

where pH2 is the partial pressure of hydrogen, F = 96,485 (C/mol; the Faraday
constant), T is the temperature, and R is the ideal gas constant. Under standard
biological conditions, the cathode potential is equal to −0.414 V versus the stan-
dard hydrogen electrode (SHE). The potential of the bioanode in an MEC, which
uses acetate as an electron donor, can be calculated using the following equations:

Fig. 1 The working principle of microbial electrolysis cell
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Under standard biological conditions, the anode potential is equal to −0.279 V
versus SHE. Therefore, the voltage required for the operation of an MEC is
Eeq = (−0.414 V) − (−0.279 V) = − 0.14 V.

In dark fermentation, various organic acids (such as acetate) are considered as
end-products, which cannot be degraded by microorganisms [4, 5]. Notably, these
end products can be degraded by the bioanodes of MECs. For a reaction that occurs
spontaneously, the Gibbs free energy (ΔGr) must be negative, but the conversion
of such end-products to hydrogen yields a positive ΔGr in dark fermentation.
In MECs, acetate and protons are commonly used as the electron donor and electron
acceptor, respectively. Under biological conditions, the reaction equation and Gibbs
free energy (ΔGr″) of acetate oxidation to hydrogen are as follows [4]:

CH3COO� þ 4H2O ! 2HCO�
3 þHþ þ 4H2; DGr00 ¼ þ 104:6 kJ=mol ð5Þ

The positive Gibbs free energy means that acetate cannot be spontaneously
fermented to hydrogen in the MECs, and thus additional energy has to be added to
MECs to realize the reaction. According to thermodynamics, the applied voltage
needs to be larger than ΔGr″/nF, where n is the amount of electrons involved in the
reaction (for hydrogen production, n = 2), and F is the Faraday constant. The
voltage calculated from thermodynamics is referred as the equilibrium voltage, Eeq.
For MECs that use acetate as the electron donor under standard biological condi-
tions, the voltage is

Eeq ¼ �DGr00=nF ¼ �104:6� 103=4� 2=96485 ¼ �0:14V ð6Þ

where the negative sign indicates that the reaction is not spontaneous.
In practice, a voltage between 0.2 and 0.6 V is required for an efficient hydrogen

production rate because of the overpotentials on the electrodes, ohmic losses, and
concentration losses in the systems. Yet, the input voltage is still substantially lower
than the voltage necessary for conventional water electrolysis (in practice, greater
than 1.6 V) [6].
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2.2 MEC Systems

2.2.1 Configuration

Various MEC configurations have been proposed for high-efficiency hydrogen
production [4, 7]. Generally, MEC configurations can be classified into
dual-chamber and single-chamber reactors. In the dual-chamber reactors, the anode
and cathode chambers are divided by a separator (mainly ion exchange mem-
branes), by which the anodic and cathodic reactions cannot be affected by each
other. The dual-chamber can minimize hydrogen re-oxidation by microorganisms in
the anode chamber [8] and can prevent the mixing of hydrogen generated in the
cathode chamber and the CO2 generated in the anode chamber. The H-type reactor
is a typical dual-chamber reactor that has been widely used in MEC experiments [4,
9, 10]. This kind of reactor has a high internal resistance because of the large
distance between the anode and cathode and the small size of the separating
membrane [10], and these issues largely limit the performance of MECs. There are
various approaches to enhancing the hydrogen production performance of H-type
MECs, such as increasing the size of the membrane relative to the electrode-
projected surface areas [5, 11], using a high surface area electrode [12, 13],
and reducing the distance between the anode and cathode [14]. For example, Cheng
et al. clamped an anion exchange membrane (AEM) between the anode (30 mm in
diameter, 20 mm long; 14 ml) and cathode chambers (30 mm in diameter, 40 mm
long; 28 ml), and obtained a hydrogen production rate of 1.1 m3-H2 m

−3 d−1 at an
applied voltage of 0.6 V [5]. Liu et al. used graphite granules as the anode and a
graphite rod that was inserted into the granules as an electron conductor, signifi-
cantly increasing the surface area of the anode [15]. Because higher anode surfaces
are suitable for the attachment of microorganisms on the anode, a higher MEC
performance was obtained by using this anode in contrast to that in a plain carbon
cloth anode. Inspired by the membrane-electrode-assembly in proton exchange
membrane fuel cells (PEMFCs), Rozendal et al. proposed an MEC reactor using the
membrane-electrode-assembly module, in which the anode and cathode are pressed
onto the two sides of the ion exchange membrane. Using the membrane-
electrode-assembly module, the distance between the anode and cathode are sig-
nificantly reduced, thereby resulting in a higher hydrogen production performance
[11].

The cation exchange membrane (CEM) and AEM are commonly used separators
between the anode and cathode chamber in MECs. Cations (such as Na+, K+, and
NH4

+) and anions (such as OH−) can pass through the CEM and AEM, respec-
tively. However, when the CEM (especially a Nafion membrane) is used in an
MEC, cation species (such as Na+, K+, and NH4

+) other than protons are respon-
sible for the positive charge transport through the membrane because of their much
higher concentration than the protons in the cathodic liquid (pH 7.0). As a result,
the protons consumed at the cathode cannot be replenished by the protons generated
at the anode, leading to a pH increase in the cathode chamber and a pH decrease in
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the anode chamber, leading to a loss of voltage according to the Nernst equation. To
deal with this problem, Tartakovsky et al. proposed using a J-cloth, a material
without electrical conductivity, as the separator in the MECs [14]. Cations and
anions can both pass through a J-cloth, resulting in equal pHs in the anode and
cathode. A bipolar membrane, which consists of a cation-selective layer and an
anion-selective layer, also has been used, because it can dissociate water to H+ and
OH− under a reverse bias direct current field, thereby controlling the pH of the
anodic and cathodic liquid [16, 17].

No matter what kind of separators are used, the existence of separators between
the anode and cathode chamber can increase the ohmic resistance. Therefore, a
configuration without separators (i.e., single-chamber reactors) was proposed to
reduce the ohmic resistance and increase the performance of MECs [11, 15, 18, 19].
Call et al. reported the first single-chamber reactor for hydrogen production in an
MEC and achieved a hydrogen production rate of 3.12 ± 0.02 m3-H2 m

−3 d−1 at an
applied voltage of 0.8 V [18]. Although it has been reported that hydrogen can be
re-oxidized by anode-respiring bacteria [8], Call and Logan [18] demonstrated that
it was possible to achieve a high hydrogen recovery and production rate in
single-chamber MECs, potentially reducing the costs of MECs and enabling the
construction of simpler designs. This process, however, resulted in other negative
impacts because it eliminated the ion exchange membranes, such as hydrogen
consumption by methanogens [20, 21] and the gas mixing of the CO2 that was
produced by the bioanodes. For example, Cusick et al. constructed a pilot-scale
MEC that was inoculated with winery wastewater and reported that CH4 was the
main gas product that resulted from the long operation cycles [21]. Therefore, the
primary challenge of developing a single-chamber MEC is to avoid CH4 produc-
tion, especially when complex inoculum are used.

2.2.2 Electrodes Materials and Cathode Catalysts

Carbon materials are commonly used as electrode materials in MECs. On the
anode, the catalytic reactions are essentially the same as those in the MFC anodes.
Thus, the materials used as anodes in MFCs also can be used as anode materials in
MECs. For example, carbon cloth, carbon paper, graphite felt, graphite granules,
and carbon brushes are commonly used as anode materials in MECs [12].

Carbon materials are commonly used also as the cathode materials in MECs. The
reaction rate is relatively slow on plain carbon electrodes because of the high
overpotentials. To reduce the overpotentials, metal catalysts, such as platinum (Pt),
nickel (Ni), and stainless steel, are often used at the cathodes. Among them, Pt is the
most investigated catalyst because of its low overpotential (0.05 V at 15 A m−2) for
hydrogen evolution under optimized conditions (at a pH of 6.2 for the phosphate
buffer) [12, 22]. Cheng and Logan [5] constructed the first MEC reactor that used Pt
(0.5 mg cm−2) as the catalyst on the cathode and obtained a hydrogen production
rate of 1.1 m3-H2 m

−3 d−1 at an applied voltage of 0.6 V. Call and Logan [18, 23]
used a Pt catalyst on a carbon cloth in a single-chamber MEC and obtained
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hydrogen production rates of 3.12 ± 0.02 m3 m−3 of reactor liquid volume per day
at an applied voltage of 0.8 V with a hydrogen recovery of 96%.

The application of Pt in cathode catalysts is largely limited due to its high cost,
however. In addition, Pt can be easily poisoned by sulfide, which is a common
constituent of wastewater [4, 23]. Further studies found that nickel (Ni) alloys and
stainless steel (SS) were promising catalysts because of their availability, low
overpotentials, and stability in wastewater [23]. Selembo et al. [24] investigated the
influence of different SS and Ni alloys on the hydrogen production rate in MECs.
They showed that stainless steel A286 was superior to Pt sheet metal in terms of its
cathodic hydrogen recovery (61 vs. 47%), overall energy recovery (46 vs. 35%),
and maximum volumetric hydrogen production rate (1.5 vs. 0.68 m3 m−3 d−1) at an
applied voltage of 0.9 V. Although Ni 625 was better than other Ni alloys, it did not
perform as well as stainless steel A625. They also reported that the performance of
stainless steel and Ni cathodes could be further increased by electrodepositing a
nickel oxide layer onto the sheet metal, although the performance of the nickel
oxide cathodes decreased over time because of a reduction in the stability of the
oxides. To further improve the hydrogen production rate, three-dimensional (3D)
materials were also used as cathode materials because of their high specific surface
area. Many nonprecious materials were used as 3D cathodes. Call et al. [25] showed
that a stainless steel brush cathode, 2.5 cm long and 2.5 cm in diameter with a
specific surface area of 810 m2 m−3, achieved a hydrogen production rate and
efficiencies similar to those achieved with a Pt-catalyzed carbon cloth. The
hydrogen production rate of the stainless steel brush was 1.7 ± 0.1 m3-H2 m

−3 at
an applied voltage of 0.6 V. Zhang et al. [26] studied the effect of the stainless steel
mesh size on the performance of MECs. They showed that a stainless steel mesh
with a relatively thick wire size (0.02 cm), a medium pore size (0.02 cm), and a
specific surface area of 66 m2 m−3 had the best performance with a hydrogen
production rate of 2.1 ± 0.3 m3-H2 m

−3 and hydrogen recovery of 98 ± 4% at an
applied voltage of 0.9 V.

Graphene and carbon nanotubes (CNTs), materials with a good conductivity and
excellent performance for the modification of bioanodes in MFCs, also were used in
the MEC cathodes. A 3D hybrid of layered MoS2/nitrogen-doped graphene
nanosheet aerogels were used as cathode catalysts in MECs [27]. A high current
density of 0.36 mA cm−2 and a hydrogen production rate of 0.19 m3-H2 m

−3 d−1

was achieved at a 0.8 V bias. Hou et al. suggested that the outstanding performance
of the hybrid cathode benefited from its 3D conductive networks, porous structure,
and strong synergic effects between the MoS2 nanosheets and N-gas. Cai et al. [28]
constructed a cathode using 3D self-assembly Ni foam-graphene in MECs. In this
study, improved electrochemical activity and effective mass diffusion were
achieved after coating the Ni foam with graphene. The average hydrogen produc-
tion rate was comparable to that of the Pt/C (1.32 ± 0.07 m3-H2 m

−3 d−1) catalyst
at an applied voltage of 0.8 V. Dai et al. synthesized a series of nano-Mg(OH)2/
graphene composites via the hydrothermal method [29]. The cathode with this
composite exhibited good stability, and its current density was comparable to that
of the Pt/C cathode. CNTs, widely used in super-capacitors and MFCs, also can be
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used as a base material to synthesize nanoparticles as cathode catalysts in MECs.
Wang et al. [30] used a CNT-based electrode as an alternative to Pt in a single
chamber MEC and achieved a hydrogen production rate of 1.42 m3 m−3 day−1 with
a current density of 192 A m−3 at an applied voltage of 0.9 V. Furthermore,
conductive polymers, which have been used in various electrochemical devices [31,
32], also have attracted significant attention for their applications in MECs. For
example, polyaniline was used to modify the cathode with multi-walled CNTs [33],
and a hydrogen production rate of 1.04 m3 m−3 day−1 and current density of 163 A m−3

were achieved.

2.3 Biocathode Catalyzing H2 Evolution in MECs

2.3.1 Development of Biocathodes

Inspired by the electricity generation using exoelectrogenic microorganisms on
bioanodes, researchers proposed to use microorganisms as the catalysts on the
cathode to produce hydrogen in MECs. Rozendal et al. reported on the first bio-
cathode that was capable of catalyzing hydrogen evolution in MECs. The biocathode
was achieved through a three-phase biocathode startup procedure, which turned an
acetate- and hydrogen-oxidizing bioanode into a hydrogen-producing biocathode by
reversing the electrode’s polarity [34]. Compared to the plan graphite felt, the
hydrogen production rate of the biocathode significantly increased. Jeremiasse et al.
demonstrated the proof-of-concept of an MEC in which both the anode and cathode
reaction were catalyzed by microorganisms. At an applied voltage of 0.5 V and a
cathode potential of −0.7 V versus SHE, a maximum current density of 1.4 A m−2

and 3.3 A m−2 were achieved, respectively. In contrast, a control cathode (graphite
felt without a biofilm) only showed a current density of 0.3 A m−2 at a potential of
−0.7 V versus SHE [35].

Biocathodes still have room for improvement when compared with the current
density generated by the cathodes with metal catalysts. For example, current den-
sities in the range of 4–10 A m−2 are typically achieved when Pt is used on the
cathode, whereas it was only around 1.2 A m−2 with a biocathode at a cathode
potential of −0.7 V versus SHE [34]. However, the biocathode possesses other
attractive advantages, as it is inexpensive, not easily poisoned by wastewater, and
capable of self-regeneration.

Various methods have been proposed to modify the cathode surface to further
improve the hydrogen production rate of biocathodes. For example, CNTs, gra-
phene, and polymers have been used to modify biocathodes [36, 37]. Polyaniline
was reported to improve the electrode’s bioaffinity and electron transfer [38].
Carbon nanotubes were found to reinforce the electrochemical activity of the
electrode. Chen et al. [36] used polyaniline and CNTs to modify a biocathode and
achieved a hydrogen production rate of 0.67 m3 m−3 day−1 at an applied voltage of
0.9 V. They reported that some electrode characteristics, such as the number of
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active positions [39], ability of electron transfer [38, 40], and specific surface area
[41], could be improved by using polyaniline and multi-walled CNTs. Graphene
[37] was also used to promote the performance of the hydrogen production of
biocathodes. Su et al. constructed a biocathode modified by graphene and assessed
the performance of this biocathode under different cathode potentials [37]. At a
cathode potential of −0.9 V versus SHE, the hydrogen production rate of the
modified biocathode achieved 2.49 ± 0.23 m3 m−3 day−1, which was about three
times higher than that of the unmodified biocathode. In their research, the hydrogen
production performance of the modified biocathode was similar to that of the
cathode that was catalyzed by Pt and superior to that of the stainless steel mesh
cathode at −0.9 V versus SHE. In addition to the surface modification of the
cathode, the employment of microorganisms with better catalytic properties also
improved performance. Fu et al. [42] used thermophilic microorganisms to develop
a hydrogen producing biocathode with the advantages of thermophilic microor-
ganisms, such as a higher reaction activity and greater durability [43, 44]. At a
potential of −0.8 V versus SHE, the thermophilic biocathode achieved a current
density of 1.28 ± 0.15 A m−2 and a hydrogen production rate of
376.5 ± 73.42 mmol m−2 day−1 at 55 °C, which were around 10 times higher than
those same values achieved with noninoculated electrodes.

Notably, in MECs with biocathodes, hydrogen can be further converted to CH4

by methanogens, which were commonly enriched with hydrogen and CO2 [20, 21,
45]. To improve the hydrogen production rate in MECs, several approaches have
been used to inhibit the growth of methanogens. For example, biocathodes have
been exposed to air to inhibit the growth of methanogens [18]. A specific inhibitor
for methanogens also has been applied [46].

2.3.2 Microbial Ecosystem of Biocathodes

Microorganisms adhering on cathode surfaces can catalyze hydrogen production,
but it is still not well understood how those microorganisms catalyze the reaction.
To understand the working principle of a biocathode, Croese et al. analyzed the
microbial community of a mixed culture biocathode [47]. They reported that the
bacterial population consisted of 46% Proteobacteria, 25% Firmicutes, 17%
Bacteroidetes, and 12% other phyla. They also found that the Desulfovibrio species
were the dominant microorganisms at the biocathode. Fu et al. analyzed the bac-
terial community of a thermophilic biocathode [42] and found that Firmicutes was
the dominant phylum (77.4%), followed by Coprothermobacter (19.8%).

Few studies have examined the electron transfer manners of microorganisms
adhering on cathodes. It has been hypothesized that the electron transfer between
the electrode and the microorganisms may be possible reverse reactions of those in
the bioanodes, as some similarities were found between anodic bacteria and
cathodic bacteria. For example, the genomes of the Desulfovibrio species encode
several c-type cytochromes and multicopper proteins, which show homologies to
the proteins involved in the electron donation in the Geobacter species (a main
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bacteria species in bioanodes). Similar to the pilin-like appendages that were
reported to be electron transfer structures in the Geobacter sp., the D. vulgaris
flagellar appendages are involved in a physical association during syntrophic
growth with other microbes and also might be involved in the adherence to elec-
trodes. These similarities suggest that the mechanism of extracellular electron
transfer by the Desulfovibrio species could be, at least partly, similar to the electron
transfer mechanisms at the bioanodes [47].

2.4 Development and Application of MECs

2.4.1 MFC-MEC Coupled Systems

In theory, an applied voltage of 0.14 V is required to drive the production of
hydrogen in MECs [4]. In practice, a voltage of 0.6 V or more is required for
high-efficiency hydrogen production because of the overpotentials [4, 18]. Notably,
the open circuit voltage of a typical MFC can reach as high as 0.8 V [48]; thus, a
high-efficiency hydrogen production may be achieved by using an MFC to power
an MEC, creating an MFC-MEC coupled system. In this system, hydrogen can be
harvested from substrates, and no external power supply is required. Min et al.
reported the first demonstration of an MFC-MEC coupled system, which combined
a single-chamber MFC with an air cathode and a dual-chamber MEC. Using acetate
(0.1 g L−1) as the electron donor in both the MFC and MEC, the hydrogen pro-
duction rate of the system reached 2.2 ± 0.2 mL L−1 d−1. The cathodic hydrogen
recovery and overall systemic Columbic efficiency were 88%–96% and 28%–33%,
respectively. The overall systemic hydrogen peak production was 1.21 mol-H2/
mol-acetate [49]. Performance of the coupled system was further investigated under
different configurations: When the resistor changed from 10 X to 10 kX, the results
showed that the hydrogen production rate varied in the range of 2.9 ± 0.2–
0.2 ± 0.0 mL L−1 d−1. The hydrogen production rate increased significantly when
the MFCs were connected in a series, whereas it slightly decreased when the MFCs
were connected in parallel [50].

2.4.2 Photo-Microbial Coupled System

As an environmentally friendly approach to generating hydrogen, the direct uti-
lization of renewable energy (such as solar) is an obvious but still challenging
choice. A dye-sensitized solar cell (DSSC)-driven MEC system was reported in the
literature [51–54], where an external solar cell taking the place of the electrical bias
was coupled with an MEC device to supply the required additional energy.
Furthermore, a solar-powered MEC system integrating the microbial anode and
semiconductor photocathode (such as Cu2O [55], TiO2 [56]) has been shown to
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generate hydrogen effectively. It can minimize the material preparation and device
fabrication costs of a DSSC-driven MEC.

2.4.3 MEC-Fermentation Coupled Systems

Because of the thermodynamic limitations (refer to Sect. 2.1), many organic
compounds produced by dark fermentation cannot be further degraded into
hydrogen via fermentation [4, 5]. An MEC can be coupled with fermentation to
further degrade these dead-end products. For example, Lu et al. fed a
single-chamber MEC with the effluent that was produced in an ethanol-type fer-
mentation reactor. The MEC achieved a hydrogen production rate of
1.41 ± 0.08 m3 L−3 d−1 at an applied voltage of 0.6 V, much higher than that
(0.70 m3 L−3 d−1) of the fermentation reactor [57]. MECs also were used to degrade
the fermentation effluent of recalcitrant substrates, such as lignocellulose and cellobiose.
Lalaurette et al. achieved a hydrogen production rate of 0.96 ± 0.16 L L−1 d−1

(cellobiose) and 1.00 ± 0.19 L L−1 d−1 (lignocellulose), respectively, when the
MECs were fed with the fermentation effluent of lignocellulose and cellobiose [58].
Yan et al. fed MFCs with the fermentation effluent of xylose and corncob hydro-
lysate. When a current was generated, the MFCs were used as MECs to produce
hydrogen. The hydrogen production rates of 41.7 and 23.3 mmol per mol-acetate
were achieved with the xylose and corncob hydrolysate effluent, respectively [59].
The fermentation effluents of cellulose [60] and glycerol [61] were also used as
electron donors in MECs.

2.4.4 MECs for Wastewater Treatment

It has been reported that 7.6 kJ L−1 energy was obtained from domestic wastewater
[62], indicating that wastewater contains abundant energy. Both MFCs and MECs
were used to recover energy from wastewater. MECs have some advantages over
MFCs from both an economic and environmental perspective [63, 64].
Several MEC reactors were designed for wastewater treatment. Ditzig et al. [65]
designed the first MEC that used domestic wastewater as the substrate.
A double-chamber reactor was used to treat domestic wastewater at the anode
chamber with applied voltages of 0.2–0.6 V. The MEC was operated in the
fed-batch mode and removed COD almost completely (87–100%). The hydrogen
yield (ca. 10% of the theoretical value) was low because of the low conversion of
the substrate and hydrogen loss.

Laboratory results at the pilot scale must be used to assess the practical appli-
cation of MECs and to estimate the durability of their critical components, such as
the electrodes and membranes. Cusick et al. constructed the first pilot-scale MEC to
treat actual wastewater from a winery plant [21]. The MEC was a 1,000 L-volume
single-chamber reactor that used graphite fiber brushes as anodes and SS mesh as
cathodes. The MEC achieved a hydrogen production rate of 0.2 L L−1 d−1 and an
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average soluble COD removal of 62%. The produced gas, however, was mainly
composed of CH4 (86%) and CO2, with trace amounts of hydrogen, because the
produced hydrogen was further converted to CH4 by methanogens. Heidrich et al.
[66] constructed a 120 L-volume MEC system, which consisted of six independent
MEC modules using a stainless steel cathode and low-cost microporous membrane
for domestic wastewater treatment. The MEC system produced virtually pure
hydrogen gas (100 ± 6.4%) for more than 3 months with an average COD removal
efficiency of 34% and hydrogen production rate of 0.015 L L−1 d−1.

Additionally, as the cathode potential of MECs can be controlled with the
electricity supply, recalcitrant pollutants (such as nitrobenzene and 4-chlorophenol)
can be reduced as electron acceptors at the cathodes. Compared with conventional
electrochemical reduction, the removal of these pollutants in MECs consumes much
less energy. Furthermore, electroactive microorganisms on the anode or cathode
could greatly lower the overpotential of the electrochemical reactions, leading to
higher removal efficiencies and rates.

3 Methane Production from Electromethanogenesis

3.1 Working Principle of Electromethanogensis

In practice, MECs are usually inoculated with wastewater and sludge, as electro-
chemically active microorganisms are enriched in these environments.
Coincidently, methanogens are also often enriched in wastewater and sludge,
resulting in the production of CH4 (rather than hydrogen) in MECs using bio-
cathodes [21, 67, 68]. Although several approaches have been employed to inhibit
the growth of methanogens in MECs [46], most of these approaches are ineffective
or energy intensive. However, the production of CH4 in bioelectrochemical systems
possesses several advantages over hydrogen production. The storage requirements
for CH4 are not as restrictive as those for hydrogen. Moreover, CH4 can be more
easily integrated into the existing infrastructure. Furthermore, the standard potential
of CO2/CH4 is higher than that of H+/H2 under neutral conditions, suggesting that
bioelectrochemical CH4 production is potentially more energy saving than hydro-
gen production in MECs.

Electromethanogensis (EM), a derivative of MEC, is a promising technology
that can convert electric energy and CO2 into CH4 using microorganisms as bio-
catalysts. The configuration and working principle of EM are similar to that of
MECs. Generally speaking, electrochemically active microorganisms adhering on
the anode oxidize organic matter and transfer electrons to the anode. The electrons
pass through the external circuit to the cathode with the assistance of a power
source. On the cathode, microorganisms (mainly methanogens) attached on the
surface utilize electrons from the cathode to reduce CO2 to CH4.
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According to the Nernst equation, under neutral conditions, the standard
potential of acetate/CO2 (a typical anode reaction) and CO2/CH4 (cathode reaction)
is −0.28 V and −0.24 V versus SHE, respectively. Thus, in theory, a CH4-pro-
ducing bioelectrochemical systems (BES) can be a spontaneous system based on a
thermodynamic analysis. In practice, because of the overpotentials, ohmic losses,
and concentration losses, a voltage of 0.6 V or more is required for efficient CH4

production (Fig. 2).

3.2 Development of Electromethanogensis

Park et al. reported on CH4 production in a bioelectrochemical system for the first
time and showed that methanogens could accept electrons through hydrogen or
reduced neutral red to convert CO2 to CH4 [69]. In the following years, after
hydrogen-producing biocathodes were first reported [34], researchers found that the
produced hydrogen could be further converted into CH4 by the hydrogenotrophic
methanogens existing in the reactor. Cusick et al. developed a pilot-scale MEC
using winery wastewater [21]. They found that the hydrogen produced at the
cathodes was converted into CH4. The conditions in the reactor that enriched the
exoelectrogens and hydrogenogens were also suitable to promote the growth of
the methanogens. Clauwaert et al. used an abiotic cathode of an MEC to produce
hydrogen, which was further converted into CH4 via anaerobic digestion in an
external reactor [70]. Clauwaert and Verstraete were the first to use a biocathode to
generate CH4 as the main product in a single-chamber BES [45]. In these studies,
hydrogen-mediated electron transfer from the cathode to the methanogens played
the role of an electron shuttle. In other words, hydrogen was first produced on the
biocathode and quickly consumed for hydrogenotrophic methanogenesis. As the
heating value of hydrogen is much higher than that of CH4, it was considered
somewhat a pity to convert hydrogen to CH4.

Fig. 2 The working principle of electromethanogenesis
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To avoid intermediate chemical transitions and to achieve a direct bioelectro-
chemical conversion of CO2 to CH4 at a biocathode, Cheng et al. used a
two-chamber BES with CO2 as the sole electron acceptor at the cathode. Although
no significant hydrogen production was detected in this study, microbial- or
abiotic-generated hydrogen may have acted as a mediating component between the
cathode and methanogens [71]. Because of a relatively high cathode potential, the
CH4 production rate was much lower than that of a BES in which hydrogen
mediated the electron transfer from the electrode to the methanogens [72]. Villano
et al. indicated that bioelectrochemical CH4 production can occur via both direct
electron transfer and the intermediate production of hydrogen gas [73]. Fu et al.
acclimated a biocathode that could produce CH4 at a potential of −0.35 V versus
SHE, suggesting that methanogens could directly accept electrons from the cathode
surface without generating hydrogen.

3.3 Mechanisms of Electron Transfer from the Electrode
to the Methanogens

Two major pathways have been proposed for the electron transfer from the elec-
trodes to the methanogenic archaea (methanogen): Direct and indirect (mediated)
electron transfer (Fig. 3; Pathways I and II) [73–76]. Until recently, however, these
models could not be examined conclusively because of their experimental set-ups.

In most studies, environmental samples (such as anaerobic sludge and bioreactor
effluents) were used as the inoculums [71, 72, 77, 78]. Thus, the resulting bio-
cathodes generally contained multiple species of undefined metabolic abilities. It
therefore was difficult to examine the roles of each microbial species on elec-
tromethanogenesis and the biocathode ecosystem. Moreover, ferredoxin and
coenzyme F420, the central electron carriers of methanogens, have midpoint
potentials in the range of −0.36 to −0.42 V versus SHE, which overlap with the
redox potential of the small intermediates (such as hydrogen, −0.41 V vs. SHE, at a
neutral pH) [79, 80]. Thus, the cathode potentials are negative enough to enable the

Fig. 3 Electrons are transferred from the electrode to the methanogens via the direct electron
transfer (Pathway I) and indirect electron transfer (Pathway II)
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direct electron transfer to the redox-active components of the methanogens, and
they can also facilitate the intermediate formations, making the discrimination of
the electron-transfer pathways difficult.

Recently, several studies on electromethanogenic systems using defined species
provided key insights into the electron transfer mechanisms by addressing the
contributions of each pathway, as well as the role of each microbial species
[81–84]. In this section, we describe the current knowledge about the electron
transfer mechanisms at the electromethanogenic biocathode, particularly focusing
on these studies.

3.3.1 Pathway I: Direct Electron Transfer from the Electrode
to the Methanogens

Beese-Vasbender et al. reported electromethanogenesis by a pure culture of a
biocathode inoculated with the strain IM1 [81]. The strain IM1 is an iron-corroding
hydrogenotrophic methanogen closely related to Methanobacterium [85]. The
authors employed a dual-compartment bioelectrochemical cell in which two
bioreactors were connected via a salt bridge, and therefore, possible interferences
from the anode side (such as the contamination of microbes, organic substrates, or
reactive oxygen species from the anode compartments) to the cathode were mini-
mized (Fig. 4).

A pure culture of the strain IM1 was inoculated onto a pre-sterilized cathode and
incubated at the set potential of −0.4 V versus SHE. The IM1-inoculated bio-
cathode started to produce CH4 at 12 days postinoculation. The CH4 production
rate increased simultaneously with the increase in the current density and reached
3.5 mmol m−2 day−1 with a columbic efficiency of about 80% at 23 days postin-
cubation. No appreciable CH4 production or increase in the current density were
observed at the cathode inoculated with Methanococcus maripaludis (another
hydrogenotrophic methanogen) or the noninoculated control, suggesting that the
strain IM1 had the ability of catalyzing electromethanogenesis at the cathode.

Fig. 4 Electron transfer manner of the iron-corroding methanogen strain IM1
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Cyclic voltammetry with the IM1-inoculated biocathode showed that the
cathodic current increased when the cathode potential was lowered, indicating a
facilitated electron transfer to the redox active components closely attached to the
electrode’s surface. On the cathode’s surface, the strain IM1 cells were directly
attached to the electrode’s surface and relatively sparsely distributed. No obvious
biofilm was observed, implying that soluble electron mediators (such as hydrogen)
or conductive pili were likely not involved in the electron transfer from the elec-
trode to the strain IM1. Taken together, these observations strongly suggest that the
methanogens alone can take up electrons from the cathode’s surface.

The CH4 and current production by the IM1-inoculated biocathode showed a
dependence on the set potential. At potentials around −0.3 V versus SHE, the CH4

and current production rates were attenuated to the same level as the noninoculated
cathode. At the potentials from −0.4 to −0.6 V versus SHE, the CH4 production
rate remained at similar levels, while the cathodic current density was increased as
the cathode potential was lowered. However, at potentials more negative than
−0.6 V versus SHE, the cathodic current density further increased and was
accompanied by hydrogen evolution. The CH4 formation rate was, on the contrary,
significantly reduced. This hydrogen evolution (rather than methanogenesis) at
lower potentials was likely due to the limited capacity of the enzyme system for
methanogenesis and can be a protective mechanism of the strain IM1: By shuttling
excess electrons to hydrogen evolution (i.e., hydrogenases), the strain IM1 can
avoid the accumulation of negative charges close to the cell and maintain the
electrochemical gradient across the cell membrane.

To understand the mechanism underlying the direct-electron transfer from an
electrode to the strain IM1, it is crucial to identify the cell-surface-associated redox
active component(s) of the methanogen, which serves as the entrance point of the
electrons. As the strain IM1 is not genetically tractable, the detailed bioelectro-
chemical characterization of the outer surface of the cell in combination with
proteomic approaches can provide further insights.

3.3.2 Pathway II: Indirect Electron Transfer Mediated via Diffusible
Intermediates

Pathway II-A: Intermediate Formations Catalyzed by Extracellular Enzymes

At low redox potentials, diffusible molecules (such as hydrogen and formate) can be
electrochemically formed on the electrode’s surface. Such intermediates can be
consumed rapidly by hydrogenotrophic methanogens [86], thereby mediating the
electron transfer between the electrode and methanogen. Although the formation of
these intermediates is thermodynamically favored at low potentials, the rates of
these reactions at carbon electrodes (without catalysts) are too slow in comparison
with the CH4 formation rates at biocathodes [71, 73].

Recently, it has been suggested that the formation of intermediates can be cat-
alyzed by extracellular redox enzymes, which are released from microbial cells and
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adsorbed on the cathode’s surface [82] (Fig. 5). Lohner et al. examined a cathode
that was inoculated with a pure culture of M. maripaludis [84]. M. maripaludis is a
hydrogenotrophic methanogen and genetically tractable [87, 88]. At a set potential
of −0.6 V versus SHE, the M. maripaludis (the wild-type)-inoculated cathode
produced CH4 at a rate of ca. 11.4 mmol m−2 day−1 with a columbic efficiency of
70–80%. CH4 formation was not detected in the absence of the low cathode
potential (−0.6 V vs. SHE) or the inoculum. At the abiotic electrode, molecular
hydrogen was produced at a rate of 1.2 mmol m−2 day−1, which was too low to
account for the CH4 production at the inoculated cathode. When a cathode was
inoculated with the M. maripaludis strain MM1284, a mutant in which all genes
encoding hydrogenases were knocked out, CH4 was produced at the cathode
potential of −0.6 V versus SHE. However, the CH4 production rate was largely
attenuated (ca. 10% of that of the wild-type-inoculated cathode). In the presence of
2-bromoethanesulfonate, a specific inhibitor of methylcoenzyme M. reductase (the
key enzyme in the last step in methanogenesis) [89], the wild-type-inoculated
cathode produced hydrogen and formate, whereas the cathode inoculated with the
strain MM1284 produced only formate, suggesting that the hydrogenase(s) derived
from M. maripaludis was responsible for the hydrogen formation.

Strikingly, the cell-free spent medium of the M. maripaludis culture could cat-
alyze the formation of hydrogen as well as formate at a noninoculated cathode
poised at −0.6 V versus SHE [82]. The rates of hydrogen and formate formation
were sufficient to explain the CH4 production rates at the inoculated cathode. The
catalytic activity of the cell-free spent media was heat- and proteinase-sensitive,
indicating that the enzymes were catalyzing these reactions. Moreover, the for-
mation of formate (but not hydrogen) was facilitated by the cell-free spent medium
of the mutant MM1284, suggesting that extracellular hydrogenase(s) released from
M. maripaludis cells is responsible for the hydrogen formation. Furthermore, the
current consumption at the cathode with the cell-free spent medium was higher than
that in the control, even after several weeks of operation and medium exchanges,
suggesting that the extracellular enzymes were relatively stable and tightly adsorbed
onto the electrode.

Fig. 5 Formation of intermediates can be catalyzed by extracellular redox enzymes
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These observations indicated that redox enzymes, such as hydrogenases and
presumably formate dehydrogenases, are released from the cells of M. maripaludis
and can utilize electrons from the cathode’s surface, catalyzing the formation of
intermediates (such as hydrogen and formate, respectively), which are rapidly
consumed by the methanogens for methanogenesis (Fig. 5). The enzymes can be
released from the cells by loss of the cellular integrity, which can be caused by
nutrient starvation, physical stress (such as shearing by stirring), osmotic stress, and
exposure to low redox potentials.

To complement these studies, proteomic approaches, as well as the bioelectro-
chemical characterization of the purified redox enzymes at an electrode, might be
useful to further understand this pathway. It has been reported that the cell com-
ponents of nonviable microorganisms (i.e., cell debris) can catalyze hydrogen
formation at a cathode [90]. Thus, redox enzymes derived from microbes other than
methanogens could contribute to the catalytic ability of the biocathode.

Pathway II-B: Intermediate Formations Catalyzed by Microorganisms

At the mixed-culture biocathode, it is also possible that microorganisms (for
example, bacteria other than methanogens) can take up electrons from the electrode,
catalyzing the formation of diffusible intermediates (such as hydrogen), which are
in turn utilized by methanogens for methanogenesis (Fig. 6). Previous studies have
shown that bacteria can produce hydrogen at the cathode [42, 47, 91–93]. Thus, if
present, methanogens can utilize the produced hydrogen for methanogenesis.

Deutzmann and Spormann examined a biocathode inoculated with a synthetic
co-culture of the Fe(0)-corroding sulfate-reducing strain IS4 [85] and M. mari-
paludis [83] (Fig. 6). A cathode was first inoculated with a pure culture of the strain
IS4. The IS4-inoculated cathode produced hydrogen upon the depletion of sulfate.
At a poised potential of −0.4 V versus SHE, the hydrogen formation rate was of
96–120 mmol m−2 day−1. When the cathode potential was lowered to −0.5 V
versus SHE (below the thermodynamic equilibrium potential of hydrogen forma-
tion), the hydrogen formation rate was significantly increased to 960–
1680 mmol m−2 day−1. At −0.6 V versus SHE, however, hydrogen formation was
not further enhanced. The coulombic efficiencies of the hydrogen formation were

Fig. 6 A synthetic co-culture
of the Fe(0)-corroding
sulfate-reducing strain IS4
and M. maripaludis
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90–110% at the potentials examined (−0.4, −0.5, and −0.6 V vs. SHE). Cyclic
voltammetry indicated that the hydrogen formation was reversible, and the over-
potential for the reaction was significantly reduced to a practically unnoteworthy
level (less than 5 mV). Thus, these observations indicated that the strain IS4 could
effectively catalyze hydrogen formation by using electrons from the cathode.

The hydrogen-producing biocathode was further inoculated with a pure culture
of M. maripaludis, resulting in the formation of CH4. At −0.4 V versus SHE, the
co-culture-inoculated biocathode produced CH4 at a rate 24–33.6 mmol m−2 day−1.
No accumulation of hydrogen was detected, indicating the produced hydrogen was
rapidly consumed during methanogenesis. Moreover, the inoculation of the
methanogens resulted in a small increase in the current consumption, which was
likely due to this effective removal of hydrogen. When the cathode potential was
lowered to −0.5 V (or −0.6 V) versus SHE, the CH4 formation rate became 144–
216 mmol m−2 day−1 (or 144–288 mmol m−2 day−1), responding to the potential
changes with the responses of the hydrogen formation rate by the IS4-inoculated
biocathode. Cyclic voltammetry showed that the electrochemical reaction at the
co-culture-inoculated biocathode was irreversible, and no catalytic current was
produced at potentials more positive than the thermodynamic equilibrium potential
for proton reduction, further indicating the high efficiency of the interspecies
hydrogen transfer. Moreover, the overpotential for electromethanogenesis by the
co-culture biocathode was 4.2 V lower than that of the cathode inoculated with the
M. maripaludis pure culture. Collectively, these observations indicate that a
co-culture of strain IS4 and M. maripaludis can effectively catalyze methanogenesis
at the cathode via multiple steps: The hydrogen formation uses cathodic electrons
(by the strain IS4), and then the interspecies hydrogen transfer occurs, followed by
hydrogenotrophic methanogenesis (by M. maripaludis).

In comparison with other defined-culture systems, the co-culture-inoculated
biocathode showed a higher ability for catalyzing electromethanogenesis:
At −0.4 V versus SHE, the methanogenesis rates were about one order of magnitude
higher than those of the cathode inoculated with the methanogen strain IM1
(Pathway I). At −0.6 V versus SHE, the methanogenesis rates were about 20 times
higher than those of the cathode inoculated with the pure culture of M. maripaludis
(Pathway II-B). Thus, it has been proposed that such a co-culture system is a
promising candidate for the industrial application of electromethanogenesis. To date,
however, the mechanistic basis for the electron uptake by the hydrogen-forming
microbes remains unknown. It would be useful to elucidate the mechanism of
hydrogen formation at the biocathodes using genetically tractable model microbes
(such as the Shewanella and Geobacter species). It has been reported that the
Geobacter species transfer electrons to an electrode (anode) via nanowires and
cytochromes [94–96]. Similarly, in Shewanella oneidensis, nanowire-like appen-
dages (the outer membrane and periplasmic extensions) together with the outer
membrane multi-heme cytochromes (MtrC and OmcA) transfer electrons from the
bacteria to an anode [97–99]. It has been suggested that those components are also
likely involved in the uptake of electrons from a cathode [100], whereas some
components are required only for the electron uptake from the cathode [101].
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3.4 Microbial Ecosystem at the Electromethanogenic
Biocathodes

As described earlier, most studies on electromethanogenic biocathodes have been
carried out using mixed microbial cultures. However, little is known about the
microbial ecosystems developed on biocathodes. Although the microbial compo-
sitions of the acclimated biocathodes are rarely documented, it has been reported
that hydrogenotrophic methanogens are commonly detected as the dominant
archaea in biocathode microbiotas. The roles of the methanogens and other mi-
croorganisms in the biocathode’s ecosystem can be speculated on based on the
proposed electron-transfer mechanisms described earlier. It is likely that elec-
tromethanogenesis via all of the pathways can operate, depending on the cathode
potential. Hydrogenotrophic methanogens with and without the ability to take up
electrons from the cathode play central roles (Fig. 7).

Methanobacterium and, to a lesser extent, Methanobrevibacter, have previously
been found to be the predominant genera in most of electromethanogenic bio-
cathode microbiotas. Cheng et al. constructed a biocathode using the effluent of an
existing bioanode as the inoculum [71]. The biocathode community was dominated
by a methanogen closely related to Methanobacterium palustre, accounting for
86% of the total number of cells. In Marshall et al., a biocathode was developed by
inoculating brewery wastewater sludge and incubating it at the set potential
of −0.59 V versus SHE [77, 102]. The microbial community of the biocathode
mainly consisted of methanogens related to Methanobacterium sp. (>93% in
abundance) and Methanobrevibacter (� 5%). Similarly, Methanobacterium and
Methanobrevibacter were highly enriched on cathodes inoculated with an anaerobic

Fig. 7 Roles of methanogens and other microorganisms in the biocathode ecosystem
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bog sediment or anaerobic digester sludge [103, 104]. Moreover, Sigert et al.
extensively investigated the microbial compositions of biocathodes made from 10
different materials (carbon brushes, plain graphite blocks, blocks coated with car-
bon black and Pt, stainless steel, nickel, ferrihydrite, magnetite, iron sulfide, and
molybdenum disulfide) [78]. The cathodes were inoculated with anaerobic digester
sludge and incubated at a set potential of −0.6 V versus SHE. The archaeal com-
munities of all biocathodes, except those coated with Pt (a highly efficient
hydrogen-forming catalyst), were dominated by Methanobacterium (a median of
97% in abundance of all archaea). In the Pt-coated cathode, the archaeal community
was dominated by Methanobrevibacter. These two hydrogenotrophic genera were
significantly enriched at the biocathodes, whereas the inoculum had contained
primarily the genus Methanosaeta. The abundance of Methanobacterium and
Methanobrevibacter in the cathode microbiotas increased 500-fold and 10,000-fold,
respectively, after five fed-batch cycles. Moreover, because of the decrease in the
numbers of bacteria on the cathode, the relative abundance of archaea in the total
population increased 10-fold. These observations suggest that the genus
Methanobacterium was primarily responsible for CH4 production in those systems
when cathodes lack efficient chemical catalysts for hydrogen formation.
Additionally, in thermophilic biocathodes, which were inoculated with ther-
mophiles derived from the formation water of a petroleum reservoir, the archaeal
community mainly consisted of a thermophilic hydrogenotrophic methanogens
closely related to Methanothermobacter thermautotrophicus [72, 105]. These
genera, Methanobacterium, Methanobrevibacter, and Methanothermobacter, are
close relatives and belong to the same family of Methanobacteriaceae of the
Methanobacteriales order. It is unclear why, however, hydrogenotrophic metha-
nogens of Methanobacteraceae are enriched in electromethanogenic biocathodes.
Recently, it has been shown that direct interspecies electron transfer mediates the
syntrophic interactions between electron-donating and -accepting microorganisms
[106–109]. Several studies have indicated that acetoclastic methanogens, the
Methanosaeta and Methanosarcina species, can accept electrons from their syn-
trophic partners (such as the Geobacter species). Methanosaeta and
Methanosarcina belong to the orderMethanosarcinales, all members of which have
a broad substrate spectrum and contain cytochromes (although hydrogenotrophic
methanogens lack cytochrome) [110]. Thus, it is possible that membrane-bound
cytochromes may mediate the electron uptake. Yet, no acetoclastic methanogen has
been shown to be predominant in electromethanogenic biocathodes. This is likely
because acetoclastic methanogens generally have considerably higher threshold
concentrations for hydrogen than hydrogenotrophic methanogens (which lack
cytochromes), resulting in the inability of the acetoclastic methanogens to compete
with the hydrogenotrophic methanogens for hydrogen [110]. Moreover, the ability
to utilize formate is restricted to hydrogenotrophic methanogens [110]. Thus, the
formation of hydrogen and formate as intermediates (Pathway II) can be a problem
for acetoclastic methanogens with a high hydrogen threshold (>10 Pa) when they
are in competition with other organisms (including hydrogenotrophic methanogens)
with lower hydrogen thresholds (<10 Pa) in the biocathode microbiota.
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However, the members of four orders, Methanobacteriales, Methanopyrales,
Methanococcales (including the Methanococcus genus), and Methanomicrobiales,
are all hydrogenotrophic methanogens lacking cytochromes. Those methanogens
share low hydrogen thresholds, and some of them can also utilize formate for
methanogenesis. Yet, hydrogenotrophic methanogens (including M. maripaludis)
other than Methanobacteriaceae have rarely been detected as the predominant
species at biocathodes [111]. Thus, it remains to be determined whether
Methanobacteriaceae species have an advantage over other hydrogenotrophic
methanogens in biocathode ecosystems. Because the strain IM1, which is closely
related to Methanobacterium, can solely catalyze electromethanogenesis, it is
tempting to speculate that some methanogens belonging to the Methanobacteriaceae
family have the specialized ability to take up electrons from the electrodes. To this
end, comparative genomic analysis between the members of theMethanobacteriaceae
family (including the strain IM1) and other methanogens might provide insight into
the genes responsible for such a specialized function. Yet this determination may be
difficult to make, as no genetic system is currently available for Methanobacteraceae
species.

Generally, wide varieties of anaerobic bacteria have been detected in biocathode
microbiotas [71, 72, 77, 78, 102, 105, 111]. No dominant species, however, has
been commonly identified for bacteria. In the study described previously, Sigert
et al. showed a lack of bacterial clusters in the principal component analysis and the
lack of a correlation between the bacterial cell numbers and biocathode perfor-
mance, suggesting that specific bacteria were not directly involved in elec-
tromethanogenesis [78]. Because bacterial species still remain on the biocathodes
after long-term operation (albeit in a lower abundance), they may play some role(s)
in catalyzing electromethanogenesis or may have an advantage in biocathode
ecosystems. Presumably, the bacteria or the redox enzymes released from them can
catalyze the intermediate formations by taking up cathodic electrons. Because the
methanogen strain IM1 not only catalyzed electromethanogenesis, but also pro-
moted hydrogen formation at lower potentials [81], it is also possible that bacteria
consume the produced hydrogen (as well as CH4) for their metabolism. As studied
in oxygen-reducing biocathodes [112], metagenomic approaches (including tran-
scriptomic and proteomic analyses) may be useful to gain insight into the functions
of each type of bacteria in biocathode ecosystems.

4 Remarks and Perspectives

Over the past 10 years, alternative fuels produced in bioelectrochemical systems
have been intensively investigated. Among these alternative fuels, the hydrogen
produced via MECs and CH4 produced via electromethanogenesis are considered to
be the most promising renewable fuels because of their high heating value and easy
separation. However, many scientific, economic, and technical challenges still
hinder the commercial application of these systems [113–115]. For example, until
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now, there has been no research about the electron transfer characteristics in the
cathode biofilm or about novel reactor configurations designed for microbial
electrosynthesis cells. Further research is required to improve the application of
bioelectrochemical systems. Researchers should focus on the bacterial communities
on the biocathode, electron transfer manner from the cathode to the microorgan-
isms, and the topography of the electrodes.
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