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TCA cycle Tricarboxylic Acid cycle
TEMPO 2,2,6,6-Tetramethyl-1-piperidinyloxy
VLA Violuric acid
VP Versatile peroxidase

6.1  Introduction

The word “Lignin” comes from Latin, “lignum”, that can be literally translated as 
tree, timber or even firewood. Evolving from this, the word “lignin” was specifically 
used in 1813 by A.P. de Candolle, a Swiss botanist, to denote the product obtained 
after wood treatment with solvents and mild acid. Twenty-five years later, Anselme 
Payen reported on two products in wood: cellulose, and what would be later called 
“lignin” [1]. During the following decades, scientists investigated this peculiar 
product to identify its structure. The NMR studies [2] of Ludwig [3] and Nimz [4] 
have led to the commonly admitted representation of the lignin structure: a 3D poly-
mer network, highly cross-linked, and resulting from the co-polymerisation of three 
different phenol derivative monomers (Fig. 6.1a, b). The reaction of these three 
monomers leads to the creation of a wide variety of linkages, among which six com-
mon bonds: the β-O-4, 5–5, β-5, 4-O-5, β-1 and β-β (Fig. 6.1b and Table 6.1). This 
large range of bonds and the high cross-linking density render lignin extremely 
recalcitrant to degradation [5]. It is this high degree of bonding and chemical hetero-
geneity that has prevented science from upgrading lignin into fine chemicals or 
bio-based polymers on industrial scale. As a result, 98 % of the lignin world produc-
tion at present is currently simply burned for energy [6].

Numerous studies have described approaches to depolymerise lignin. Many 
approaches apply pretreatment and rely on chemical methods to depolymerise lignin. 
However, results are often difficult to compare as a consequence of the complicated 
3D structure of lignin and the lack of standard analytical methods. In nature, organ-
isms naturally degrade wood by different catabolic pathways involving enzymes.

The present chapter primarily focuses on how these organisms have been inves-
tigated and utilised to break down lignin into valuable chemicals and by-products. 
This review first analyses fungi as catalyst to synthesise fine chemicals from lignin. 
Second, the application of bacteria and the mechanism by which they operate is 
studied; last, the role of enzymes is analysed. It is the objective of this chapter to 
review the biodegradation approaches for selectively breaking down and converting 
lignin into fine chemicals, to provide a perspective on the promising strategies and 
to map the current scientific frontiers.

6.2  Fungal Degradation

When considering decaying wood, the first organisms to come to mind are fungi. 
Wood degrading fungi are mostly divided into three broad categories: white-rot, 
brown-rot and soft-rot fungi [10] (Table 6.2). Biomass degrading fungi described in 
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the literature are mostly from two phyla (subdivision in biological classification): 
Basidiomycota and Ascomycota, both from the subkingdom of fungi Dikarya [11]. 
Although, other phyla are sometimes considered, these two are the most commonly 
reported for biomass degradation. In the literature, basidiomycetous white-rot fungi 
are the most studied, since they can selectively degrade lignin, leaving the cellulose 
and hemicellulose fraction rather intact. However, lignin degradation can also result 
from the action of other strains and even marine-derived fungi [12]. The term 

Fig. 6.1 (a) Three constitutive monomers of lignin: p-coumaryl alcohol, coniferyl alcohol and 
sinapyl alcohol (b) Structure illustrating the principal bonds in lignin, a three dimensional highly 
cross-linked biopolymer
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white- rot fungi results from the colour of the degraded wood; as lignin is being 
digested by the organism, the only remains are the white cellulose and hemicellu-
lose. This selectivity is particularly important for applications that upgrade cellu-
lose, such as pulp or bioethanol production.

White-rot fungi represent a large group of species, each featuring a different 
mechanism to attack the lignin barrier directly with a cocktail of enzymes [13, 14]. 
Fungi produces various enzymes, some to degrade lignocellulose, and others with 
different roles but with essential role for the fungi to prosper on complex biomass. 
It has been shown that inhibition of the production of these enzymes can highly 
hinder or even prevent any growth of the fungi on ligneous and cellulosic mediums 
[15–17].

For the last 50 years, lignin degrading fungi have been studied from a microbio-
logical perspective, focussing on the mechanisms of lignin degradation and identi-
fying the enzymes involved. Three different types of fungi application have emerged 
[18]: (a) conversion of lignocellulosic biomass into animal feed and food [19–21] 
(b) pretreatment agent for delignification (c) biodegradation agent for some pheno-
lic contaminants or various wastes. Transformation of woody biomass into edible 
mushrooms falls beyond the scope of this study. This review focuses on the two 
latter applications.

Table 6.1 Repartition of the different bonds found in lignin from two different woods. Spruce, a 
softwood, has more 5-positions available, enabling more 5–5 and β-5 linkages, than Eucalyptus 
grandis, a hardwood [1]

Abundance per 100 C9-units Spruce [7, 8] Eucalyptus grandis [9]

β-O-4 45–50 61
5-5 19–22 3
β-5 9–12 3
4-O-5 4–7 9
β-1 7–9 2
β-β 2–4 3
Spirodienone ND 5
Dibenzodioxocin ND ND

ND not determined

Table 6.2 Different categories of wood degrading fungi and their action on lignin [10]

Fungi (Subdivision) Main examples Action
Preferred 
substrate

White-rot fungi 
(Basidiomycota)

Phanerochaete, Pleurotus, 
Trametes, Phlebia spp.

Active degradation 
of lignin and 
possibly cellulose

Hardwood

Soft-rot fungi 
(Ascomycota)

Chaetomium, Ceratocystis, 
Kretzschmaria deusta spp.

Lignin 
modification

Hardwood
Softwood

Brown-rot fungi 
(Basidiomycota)

Serpula lacrymans, Piptoporus 
betulinus, Gloeophyllum 
trabeum, Postia Placenta, 
Fomitopsis cajanderi

Slight lignin 
modification

Softwood
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It is worthwhile to clarify some of the nomenclature that can be confusing. There 
is a clear distinction between delignification, which is the actual removal of lignin 
from biomass, and lignin degradation/depolymerisation, which represents the cleav-
age of C-C bonds or ether bonds within the lignin structure, yielding lignin oligo-
mers [22]. Delignification, characterised, for example, by a smaller kappa number,1 
is often due to increased solubility of lignin, either by modification or by radical 
grafting [24, 25]. Consequently, it is possible that lignin degradation also contrib-
utes to increased solubility through decreased molecular weight; however delignifi-
cation does not imply lignin depolymerisation. Both delignification and lignin 
bio-degradation are reviewed in this chapter. These two phenomena are critical for 
unlocking economically feasible bio-refineries capable of producing a full range of 
marketable chemicals and materials.

6.2.1  Delignification

The delignification process has two main domains of application: pulp and paper 
industry, and biofuel production. The pulp and paper industry converts wood into 
fibres for paper. There are two main pulping processes: mechanical and chemical 
pulping. In mechanical pulping, lignocellulosic fibres are separated from the wood 
structure by applying stress. An example is Thermo-Mechanical Pulping (TMP) 
which relies on steam to plasticise and heat wood above the glass transition tem-
perature (Tg) of lignin while applying defibrillating shear, thus reducing fibre dam-
age and energy consumption. Chemical pulping relies on chemical agents and heat 
to dissolve the ligning-rich fraction of the lumen lamella binding fibres. There are 
two main chemical processes: Kraft pulping (alkaline) and sulphite pulping (acidic). 
Kraft pulping is the most important pulping process producing 70 % of all pulp. 
Pulping aims at developing good quality fibres; full delignification is not always 
required as it decreases pulp yield. Full fibre delignification or whitening requires 
bleaching, increasing cost and environmental impact [27–31]. White-rot fungi, with 
their mild reaction condition, have been investigated as low energy and environment- 
friendly treatment to reduce lignin content or to replace an existing step of the 
chemical/thermomechanical pretreatment; this process is referred to as biopulping. 
In biofuel production processes, sugars from diverse lignocellulosic resources are 
fermented by microorganisms to yield targeted products. Hence, the first step of 
biomass processing is its conversion into simple sugars (glucose, xylose), usually 
by an enzymatic pathway. Although this process is easy for starch (glucose units 
linked by α-1,4 and α-1,6 glycosidic bonds) compounds, it is much more 
complicated for cellulose due to its regular structure (glucose unit linked by β-1,4 
glycosidic bonds) which makes it highly crystalline and compact leading to a high 

1 Kappa number is a titration process representative of the pulp colour and approximatively propor-
tional to lignin content at low concentration [23]; it can be used to assess delignification 
efficiency.
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resistance to biological degradation [26]. Moreover, the intertwining between cel-
lulose, hemicellulose and lignin results in recalcitrance which hinders the action of 
the microorganisms [5]. Fungi represent a promising pretreatment agent to reduce 
this intertwining considering its mild reaction conditions [27, 28]. White-rot strains 
are of special consideration because of their low uptake of cellulose sugars.

It is estimated that enzymes account (sing.) for 4.5 % of the cost for biofuel pro-
duction from corn starch and up to 20 % when the whole plant is involved [29–31]. 
Reviews note that mechanical and chemical pretreatment of biomass for biofuel 
production can become costly [5, 32–37]. Therefore pretreatment is a critical step 
for the economics of a process. Different approaches with fungi have been consid-
ered to promote delignification by pretreatment combinations.

Single Fungus Treatment Physical and chemical pretreatment of biomass are 
notorious for the harsh reaction conditions required. On the contrary, biological 
pretreatment involves much milder conditions, representing a perfect substitute or 
complementary degrading agent for delignification [38]. Ge and co-workers have 
reported on the use of Ceriporiopsis subvermispora, a white-rot fungus, as treat-
ment for Albizia moluccana (Albizia), a widespread invasive tree species in tropical 
and subtropical regions [39]. The white-rot fungus efficiently decreased the lignin 
content by 24 % while degrading cellulose and hemicellulose only by half this 
value. As a consequence, pretreatment with Ceriporiopsis subvermispora allowed a 
jump in cumulative methane yields from 33.9 L/kg of volatile solid for raw albizia 
to 123.9 L/kg for pretreated wood chips.

For biofuel applications, fungi could serve not only as delignification agents, but 
also as production vectors for various products. Indeed, some fungi can degrade 
lignin along with cellulose which can be useful for production of sugars (Table 6.2) 
White-rot fungus Phlebia sp. were shown by Kamei et al. to exhibit such combined 
behaviour for the direct production of bioethanol from cellulosic materials [40]. The 
same group later reported on the direct conversion of lignocellulosic biomass to 
bioethanol using this same fungus [41], then proving Phlebia sp. MG-60 to have the 
combined abilities of lignin degradation, cellulose saccharification, and ethanol 
fermentation.

Sugar cane bagasse was treated to improve bioethanol yield. Biomass and pro-
cess variables such as moisture content, additives and presence of metallic cations 
were shown to greatly affect delignification efficacy [42]. Growth medium addition 
improved both delignification and ethanol production. Addition of Fe2+, Mn2+ or 
Cu2+ slightly decreased delignification but bioethanol production was improved by 
reducing bagasse carbohydrate degradation.

Following the same strategy, Xie et al. reported on the use of an oleaginous fun-
gus strain as lignin degrading microorganism [43]. Cunninghamella echinulate FR3 
was determined to be able to degrade cell wall lignin as efficiently as most 
Basidomycetes fungi. Two strains of sorghum, the wild-type and reduced-lignin- 
content type (genetically modified to feature improved saccharification efficiency), 
were submitted to enzymatic hydrolysis followed by fungal biodegradation. Lignin 
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loss reached 31 % for the wild-type sorghum, while toping up to 46 % for the mutant 
strain. However, up to 35 % wt of cellulose was degraded during the process. This 
oleaginous fungus was not targeted as pretreatment to increase sugar production, 
but was used for lipid bioaccumulation, potentially leading to a new way to provide 
feedstock for biodiesel refineries [43].

Fungus as Co-treatment Even though the current chemical and thermomechanical 
pulping pretreatments are efficient, an additional bio-treatment stage could further 
increase delignification yield, decrease energy consumption, increase selectivity or 
fibre quality while decreasing environmental impact. With those benefits in mind, 
Baker et al. reported on the synergistic effect combining pressure refining, a common 
process for the pulp and paper industry, with three different white-rot fungi [44]. 
Ceriporiopsis subvermispora, Phlebiopsis gigantea and Phlebia radiata were fed 
with pressure refined Miscanthus wood chips. In this strategy, pressure refining con-
centrates lignin in pellets on the surface of the cellulose fibres [45]. This configuration 
was tested to increase delignification efficiency by improving the lignin accessibility 
to the degrading enzymes. After 28 days, the three strains reached their white-rot 
fungi expectation by decreasing the relative amount of lignin in Miscanthus medium 
by 10–20 %. However, it is the Ceriporiopsis subvermispora strain that exhibited the 
best lignin degrading properties by decreasing lignin by 70–75 % of the original con-
tent. Un-pressure refined Miscanthus could only reach 10 % of lignin content reduc-
tion, highlighting the cooperative action of physical and biological pretreatments.

Kamei et al. reported on the decrease of lignin content and increase in ethanol 
production when Phlebia sp. MG-60 was fed with alkaline-pretreated sugarcane 
bagasse compared to untreated sugarcane bagasse [46]. The final results depended 
on the initial alkaline concentration. After 10 days, the total production of ethanol 
was 210 mg/g of treated bagasse, providing an ethanol yield (production of ethanol 
compared to theoretical maximum) of 66 % for the bagasse pretreated with 0.8 % 
NaOH. Untreated bagasse only reached ca. 2 % of ethanol yield these demonstrating 
the synergistic effect of the two pretreatments.

Fungi Co-culture Fungi co-cultures have been investigated to improve lignocel-
lulosic ethanol production efficiency. The cumulative effects of pretreating biomass 
with two fungi can either improve delignification in the case of two lignolytic fungi 
[47], or significantly improve the release of reducing sugars by incubating white-rot 
and brown-rot fungi together [48]. Co-culture of white-rot Ceriporiopsis 
 subvermispora and brown-rot Postia placenta fungi on Liriodendron tulipifera 
wood chips was reported by Parrow et al. [49]. Although each species increased 
reducing sugar production during the post saccharification process compared to ster-
ile conditions, rising from 75 to 250 mg/g, the co-culture showed no benefits. 
Evaluation of interspecific growth interactions showed that an “inhibition” zone was 
created at the intersection of each taxon growth domain. The two fungi can coexist 
in the same medium, but did not feature interspecific stimulatory (or inhibitory) 
interactions. Better understanding of how different species can cooperate in the 
same biomass is required to improve delignification and saccharification efficiency.
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Ma and Ruan reported that Coprinus comatus (producing lignolytic enzymes) 
and Trichoderma reesei (producing hemi and cellulolytic enzymes) have synergistic 
interaction on corn stover [50]. No inhibition was observed at the intersection of the 
two growth domains, even with intertwining. The co-culture improved delignifica-
tion by 10 % compared with the lignolytic fungus alone, giving a maximum of 
66.5 % delignification after 72 h at optimum temperature conditions. Weight loss, 
glucan and xylan degradation were also synergistically improved by the co- 
cultivation of the two strains. A total reducing sugar yield of 82 % was achieved.

Table 6.3 summarises the current critical studies on fungal delignification. 
Comparison of results remains a challenge because of the different methods used to 
measure delignification; methods used range from lignin content measurement to IR 
spectroscopy [51] and even include wettability testing [52].

6.2.2  Waste Treatment

Lignin degrading fungi have been investigated for their waste degrading properties. 
Indeed, many fungi have phenol degrading properties suitable to treat a wide range 
of phenolic pollutants [69, 70]. This field is investigated not only for the treatment 
of oil -or paper-mill waste water for lignin removal, but also for the textile industry 
waste water which has a high content of toxic aromatic dyes [71, 72]. Martin and 
Manzanares reported on the delignification of straw alkaline-pulping liquors by 
Trametes versicolor [73]. The white-rot fungus was able to remove 75 % of the lig-
nin in the effluent, bringing it from 2 g/L to 0.5 g/L. An important simultaneous 
decolourisation of the effluent resulted from the delignification.

6.2.3  Chemical Production

Some studies have considered fungi for lignin chemical modification to change its 
properties and also to produce chemicals from lignin derivatives. Falconnier et al. 
reported on the production of vanillin from ferulic acid by white-rot fungus 
Pycnoporus cinnabarinus I-937 [74]. Vanillin concentration up to 64 mg/L was 
achieved for a molar yield of 27.5 % w/w. However, recovering vanillin from this 
mixture proved to be challenging as the fungus produces laccase that repolymerises 
ferulic acid into a lignin-like polymer.

Work from Zou and co-workers detail lignin demethylation by two fungal strains, 
Cylindrocladium sp. and Aspergillus sp. [75]. Demethylation of lignin is of high 
interest for functionalising lignin by liberating reactive groups. The new hydroxyl 
groups can serve for grafting new functionalities, dangling chains, or even for resins 
[76, 77]. After 3 weeks in culture, 40 % of the methoxy groups were removed from 
lignin without causing significant degradation (10 % decrease in content). This work 
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Table 6.3 Overview of lignin degradation process by fungi and their performance

Measurement method Fungi Substrate
Delignification 
amount Ref.

Klason lignin weight 
loss: TAPPI [53], NREL 
[54] or Kirk and Obst 
[55]

Arthrinium. 
phaeospermum and 
Phanerochaete 
chrysosporium

Miscanthus 
leaves and 
sugarcane

11 % and 15 % [31]

Coprinus comatus 
and Trichoderma 
reesi (synergistic 
interaction)

Corn stover 66.5 % [50]

Ceriporiopsis 
subvermispora

Albizia 
moluccana

24 % [39]

Ceriporiopsis 
subvermispora

Pressure refined 
Miscanthus 
sacchariflorus 
and giganteus

25–30 % [44]

Coriolopsis caperata 
RCK 2011, 
Ganoderma sp. 
rckk-02 and 
Pleurotus florida

Sugarcane 
bagasse

5.5 %, 5.6 % 
and 7.9 %

[56]

Cunninghamella 
echinulate FR3

Wild-type and 
mutant lines of 
Sorghum bicolor

46 % and 31 % [43]

Dichomytus squalens, 
Formitopsis pinicola, 
Ganoderma lucidum, 
Lenzites betulinus, 
Pleurotus ostreatus, 
Pleurotus eryngii, 
Trametes versicolor

Wheat straw 34 %, 32 %, 
20 %, 28 %, 
7 %, 14 % and 
21 %

[57]

Phlebia sp. Oak wood 40.7 % [41]
Phlebia sp. Sugarcane 

bagasse
44 % [42]

Pleurotus ostreatus Sugarcane 
bagasse

34.8 % 
(compared to 
19.6 % for 
CTMP)

[58]

Trametes multicolor 
and Trametes 
pubescens

Wheat straw and 
oak sawdust

6 % and 50 % [59]

Lignin weight loss, Van 
Soest method [60]

Phanerochaete 
flavido-alba

Wood fibre, corn 
stover and wheat 
straw

20 % [61]

Phanerochaete 
chrysosporium

Corn stover and 
corn stover silage

60 % and 20 % [62]

(continued)
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represents a promising start for using fungi as biological modifiers in industrial 
applications.

Table 6.3 (continued)

Measurement method Fungi Substrate
Delignification 
amount Ref.

Kappa number (TAPPI 
[63])

Pleurotus ostreatus Sugarcane 
bagasse

70 % (dat) [58]

Trametes versicolor Oil palm trunk 
chips

35 % (dat) [64]

Acetyl bromide soluble 
lignin loss by 
quantitative 
spectrophotometry [65]

Trichoderma viride 
and surfactant

Rice straw 74 % [66]

Reducing sugars 
released from enzymatic 
degradation of cellulose 
(saccharification 
efficacy)

Ceriporiopsis 
subvermispora and 
Postia placenta

Liriodendron 
tulipifera wood 
chips

330 % (isr) [49]

Ceriporiopsis 
subvermispora

Wheat straw 60 % (acs) [67]

Coriolopsis caperata 
RCK 2011, 
Ganoderma sp. 
rckk-02 and 
Pleurotus. Florida

Sugarcane 
bagasse

150–240 % 
(isr)

[56]

Pleurotus ostreatus 
and Pleurotus 
pulmonarius

Eucalyptus 
grandis sawdust

17 % and 15 % 
(acs) (3 % for 
blank)

[38]

Myrothecium roridum Rice straw 37 % better 
than chemical 
pretreatment 
(dilute acid)

[68]

Ethanol released during 
fermentation of free 
sugars (ethanol yield)

Phlebia sp. Sugarcane 
bagasse

39 % (mey) [42]

Oak wood 43.9 % (mey) [41]
Alkaline- 
pretreated 
sugarcane 
bagasse

66 % (mey) [46]

CTMP Chemithermomechanical Pulping, dat decrease after treatment, isr increase in sugar 
release, acs available cellulose saccharified, mey maximum ethanol yield
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6.2.4  Perspectives

Even though engineering fungi is in its infancy, the current trend to engineer fungi 
as reactant or catalyst to convert lignin into valued products is very promising. 
Fungus can be genetically modified as has been proven in the past [15–17, 78], but 
there are presently only a small number of applications compared with those for 
bacteria.

White-rot fungi in general, and the Pleurotus ostreatus strain in particular, are of 
interest for their high delignification rate. However, most of the previous studies 
have been limited either to basic pretreatment process for lignocellulosic biomass or 
to waste biodegradation. Using fungi as individual species, co-culture or even com-
bined with chemical reactions has tremendous potential, including the synthesis of 
fine chemicals and functionalisation of lignin into value added polymers. A clear 
understanding of the fungi reaction mechanisms is needed, along with their kinetics 
and the adoption of standard lignin analytical (for yield and content) methods for 
enabling unbiased comparisons among processes and studies.

6.3  Bacterial Degradation

In contrast to fungal lignin degradation, enzymology of bacterial lignin breakdown 
is currently not well understood [79]; extracellular peroxidase and laccase enzymes 
also appear to be involved. These bacteria can be found in soils, where decaying 
wood is present, but also in the digestive systems of herbivores, like cows rumens, 
or in xylophage insects guts, like termites [80]. These bacteria belong to three phyla, 
actinomycetes, α-proteobacteria and γ-proteobacteria [79]. One review reports on 
some lignin-degrading prokaryotes in the following phyla: firmicutes, 
β-proteobacteria, δ-proteobacteria, bacteroidetes and archaea [81].

As a lignin degrading organism, bacteria have been studied for delignification or 
bioremediation, just as fungi, but to a smaller extent, which is probably because 
bacterial enzymes have shown to have a lower redox potential [82, 83]. However 
bacteria have some interesting properties over those of fungi: they are stable over a 
wide range of pH [84], they can feed on lignin as the sole source of carbon and 
energy [85], and they are easy to genetically modify [86].

6.3.1  Delignification

Although considered less effective than fungi, lignin degrading bacteria are also 
able to utilise lignocellulosic biomass. They are used in delignification processes, 
either for biopulping or for the biofuel production to increase accessibility of cel-
lulose, but also for bioremediation and waste management. Hacq et al. reported that 
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Serratia liquefaciens could detoxify pulp and paper mill effluent by removing con-
taminants and lignin by up to 58 % [87]. Agricultural residues can also create envi-
ronmental pollution, and as a lignin degrading organism, bacteria have received 
wide interest for treatment [88, 89].

Bacteria delignification research has focused onto Kraft pulp applications 
because of its high annual production [90]. Shi and co-workers showed that differ-
ent bacteria strains could successfully degrade Kraft lignin with good yields [91–
93]. Cupriavidus basilensis B-8 and Pandaroea sp. B6, two protobacteria, expressed 
high lignolytic enzymes (manganese peroxidase and laccase) activity when reacted 
with Kraft lignin. After 7 days in optimum concentration and pH, a total lignin 
removal of ca. 45 % was achieved. By degrading Kraft lignin with no other source 
of carbon required, these two bacteria strains showed good potential for industrial 
delignification.

Priyadarshinee et al. reported improvement of eucalyptus Kraft pulping by bac-
terial treatment, resulting in a decrease in kappa number [23]. The raw eucalyptus 
Kraft pulp was inoculated with two different bacteria strains, Pseudomonas fluore-
scens NITDPY and Planococcus sp.TRC1. The two bacteria decreased the kappa 
number by 32 and 37 % in 7 days, respectively. The total amount of phenolic com-
pounds was also reduced. The two different strains react differently to their new 
carbon source, with P. fluorescens NITDPY degrading lignin faster in the early 
stage of the experiment through phenolic compound release. Both strains released 
reducing sugar, but only in a small amount: 0.32 mg/g and 0.15 mg/g for Planococcus 
sp.TRC1 and P. fluorescens NITDPY, respectively. This indicates that cellulose is 
not much affected much by the bacteria which is important for pulp and paper appli-
cations. The Pseudomonas fluorescens NITDPY and Planococcus sp.TRC1 bacte-
ria show good industrial potential, more than some fungi and they provide 
non- negligible cellulose degradation. Example of lignin degrading bacteria studied 
for delignification can be found in Table 6.4.

6.3.2  Chemical Production

Bacteria are considered to be merely as effective as fungi for delignification; how-
ever, they are much easier to genetically modify than fungi [86]. The ability of 
bacteria to accumulate some of the lignin degradation products as carbon source or 
energy is an interesting property for chemical production [98]. In the last few years, 
applications for lignin degrading bacteria have changed. Initially, microorganisms 
were mostly investigated to degrade and remove lignin from biomass to facilitate 
recovery of other compounds. Now some research groups are reporting their use for 
lignin valorisation. While procedures can be complex, the principles are simple. By 
genetically modifying some bacteria strains, disruption in the metabolic pathway is 
created, leading to the accumulation of a compound of interest in the medium.

Sainsbury and co-workers reported on the conversion of lignocellulose to vanil-
lin by deleting one enzyme coding gene in Rhodococcus jostii RHA1 [99]. R. jostii 
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degrades lignin derivatives using a biological funnelling process, creating a few 
intermediates from multiple substrates. The genetic material coding the mechanism 
responsible for the degradation of vanillin and vanillic acid intermediates were 
removed from the bacterium DNA. The resulting suppression of vanillin dehydro-
genase production causes vanillin to accumulate along with by-products in the reac-
tion medium (Fig. 6.2). After 144 h in a medium containing 2.5 % wheat straw 
lignocellulose and 0.05 % glucose, the genetically modified bacterium accumulated 
vanillin up to 96 mg/L. An important amount of ferulic acid could also be observed 
after 168 h of reaction. When the substrate was changed to Kraft lignin, which is a 
major industrial by-product of the pulp and paper, an amount of 13 mg/L of vanillin 
could still be obtained, indicating, however, that lignocellulose remains a better 
substrate than Kraft lignin. With a similar objective, Graf et al. reported the identi-
fication of the gene coding vanillin dehydrogenase in Bacillus subtilis 3NA [100], 
proving the versatility of this technique.

Linger et al. reported on the biological funnelling behaviour of a bacteria, 
Pseudomonas putida KT2440. This organism converts a heterogeneous substrate, 
such as lignin derivatives, into a sole product, in this case a medium chain length 
polyhydroxyacid (mcl-PHA). The process was tested on alkaline pretreated liquor 
(APL), a highly concentrated depolymerised lignin mixture: 32 % lignin made 
mostly of monomers, dimers and trimers. The result was an accumulation of mcl- 

Table 6.4 Overview of lignin degradation process by bacteria and their performance

Measurement 
method Bacteria Substrate

Delignification 
amount Ref.

Klason lignin 
weight loss: TAPPI 
[53]

Pandoraea sp. ISTKB Sugarcane 
bagasse

10.4 % after 20 days [94]

Lignin weight loss Cupriavidus basilensis 
B-8

Kraft lignin 44.4 % [92]

Pandoraea sp. B-6 45.5 % [91]
Lignin loss by 
quantitative GFC

Bacillus pumilus and 
Bacillus atrophaeus

50 % and 70 % for 
high molecular lignin

[95]

Lignin weight loss, 
Van Soest [60]

Escherichia coli from 
beef cattle rumen

Maize stover 36.8 % after 4 days [96]

Measurement of 
lignin loss by 
quantitative UV 
spectroscopy

Bacillus sp. extracted 
from soil

Alkali lignin 40 % after 24 h, 80 % 
after 48 h

[86]

Kappa number
(TAPPI method 
[63])

Cryptococcus albidus Bagasse 22 % smaller than 
control, still 4.5 % 
smaller when further 
Kraft pulping is 
applied

[97]

Planococcus sp. TRC1 
and Pseudomonas 
fluorescens NITDPY

Raw 
eucalyptus 
Kraft pulp

37 % and 32 % 
decrease

[23]

GFC Gel Filtration Chromatography
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PHA into P. putida at high concentration (0.252 g/L at 32 % cell dry weight). Mcl- 
PHA has a wide range of possible use, from depolymerisation to alkenoic acids, via 
the thermal pathway, to alkane productions; these reactions were reported in the 
article [101].

Vardon et al. highlighted an innovative pathway to produce fine chemicals from 
lignin [102]. Through genetic modification, the natural degradation pathway of bac-
terium Pseudomonas putida KT2440 was reshaped to yield the production of muco-
nate. P. putida was engineered to transform lignin derived aromatics into catechol 
and to prevent muconate degradation (Fig. 6.3). Basically, the pcaHG gene that 
encodes the degradation of protocatechuate is replaced by aroY, a gene from another 
bacterium, Enterobacter cloacae, which allows decarboxylation instead. The 
genomic portion that promotes degradation of muconate is then deleted and the 
transformation of phenol to catechol is allowed through the addition of genomic 
material dmpKLMNOP from Pseudomonas sp. CF600. The overall production of 
muconate was reported to reach 0.70 g/L after 24 h [102].

Similarly, Johnson and Beckham reported on the genetic modification of P. 
putida to create pyruvate from lignin derivatives [103]. This was achieved by remov-
ing the undesired endogenous reactions in P. putida, the ortho (intradiol) degrada-
tion pathway of catechol and protocatechuate and replacing it with the meta 
(extradiol) cleavage,  from another bacterium, Sphingobium sp., to increase the pro-
duction of pyruvate which is ultimately converted into L-lactate. To avoid the pyru-
vate from undergoing side reactions, the gene encoding pyruvate dehydrogenase 

Fig. 6.2 Catabolic pathways of R. jostii RHA1 used for lignin depolymerisation. Italicised names 
are gene coding the elementary reaction involved. Vanillin accumulation is due to the aldehyde 
dehydrogenase gene vdh deletion (Adapted with permission from Sainsbury et al. [99]. Copyright 
2013 American Chemical Society. NAD: Nicotinamide adenine dinucleotide)
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was deleted, preventing any reaction into acetyl-CoA. Moreover, the addition of an 
external genetic material coding bovine lactate dehydrogenase into Pseudomonas 
putida was part of a strategy to provide greater competition for pyruvate that might 
otherwise react within the TCA cycle. However, the efficiency of this method was 
only tested with lignin model compounds such as benzoate or p–coumarate. No 
experiments have been performed with lignin.
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Fig. 6.3 Protocatechuate and catechol branch of the β-ketoadipate pathway in P. putida KT2440 
disrupted by deletion of the genes encoding PcaHG and CatBC (crossed arrow). Italicised names 
are genes coding the elementary reaction involved. Insertion of genes encoding AroY and 
DmpKLMNOP (double line arrow) yielded muconate accumulation (Adapted from Vardon et al. 
2015 [102] with permission of The Royal Society of Chemistry)
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6.3.3  Perspectives

Delignification by bacteria is still very poorly understood and less studied than fun-
gal degradation. An attractive strategy currently being explored is to rely on micro-
bial consortia consisting of mixtures of bacteria and fungi to synergistically further 
lignin biodegradation [104, 105]. Another promising avenue to explore is the bacte-
ria’s bio-funnelling behaviour for chemical production. Through advances in genetic 
engineering, the synthesis of valuable products from lignin is now achievable; reac-
tions rates, control of competitive reaction and selectivity will determine the 
economics.

6.4  Enzymatic Degradation

Both fungi and bacteria involve complex mechanisms of enzymes and intermediates 
to degrade lignin [13]. However, there is a major drawback for their deployment 
toward bio-refineries. The control over the inner process is poor and often non- 
existent, making it difficult to recover the intermediate species of interest. Using 
enzymes directly and individually in a controlled way is an attractive alternative to 
deconstructing the degradation process into elementary reactions, allowing a better 
understanding of the depolymerisation mechanisms and control, which can improve 
the isolation of the selected chemicals [106].

Enzymes are macro-proteins which can be described as biological catalysts of 
high selectivity. Each enzyme accepts a very defined range of substrates. Hence, to 
degrade the different lignin bonds, organisms require multiple types of enzymes 
classified into two families: peroxidases and laccases. Peroxidases represent a large 
group of enzymes involving hydrogen peroxide as the electron acceptor for the spe-
cific oxidative reaction they catalyse, such as lignin peroxidases (LiP, EC 1.11.1.14), 
manganese peroxidase (MnP, EC 1.11.1.13), versatile peroxidase (VP, EC 1.11.1.16), 
and horseradish peroxidase (HRP, EC 1.11.1.7). Peroxidases belong to the super 
family of heme-dependent peroxidases. Laccases represents the other major enzyme 
family for lignin degradation. (Lac, EC 1.10.3.2) Laccase forms its own group by 
itself belonging to the family of multidomain cupredoxin, and the superfamily of 
cupredoxins. Laccases use oxygen as electron acceptor. That process avoids any 
deactivation by hydrogen peroxide that sometimes happens with peroxide enzymes.

Lignolytic enzymes have complex mechanisms. Their origin, structure of sub-
strate (type of lignin) and exterior condition play a major role in their actions. 
Laccase native from plants, for example, tend to polymerise lignin while fungal or 
bacterial laccase rather catalyse lignin degradation [107]. Laccases by themselves 
tend to polymerise low phenolic lignin [108–111] while depolymerisation is 
favoured with the presence of mediator molecules or with high phenolic ratio lignin 
[110–114]. Versatile peroxidase from Pleurotus eryngii have been demonstrated to 
polymerise low molecular weight compounds by inducing cross-linking [115].

Lignolytic enzymes can be produced by bacteria or fungi in a stimulating 
medium, then extracted, purified and concentrated. The optimisation of this costly 
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production influences industrial viability of enzyme processes. It has been well 
investigated along with improving enzymes performance (temperature stability, pH 
sensitivity, etc.) [116–121].

Enzymes can be considered for similar application as those of fungi or bacteria, 
such as delignification or waste treatment [122–127], but they also have been widely 
used to better understand the mechanism of lignin degradation by organisms. A 
series of model lignin molecules, each representing a specific bond in lignin 
(Fig. 6.1) have been investigated [128, 129].

6.4.1  Laccases

Laccase represents one of the most reported lignolytic enzymes in the literature [22, 
130, 131]. For a long time, laccase was ignored for lignin degradation for two rea-
sons: (i) Phanerochaete chrysosporium, considered a model lignin degrading organ-
ism was thought to be unable to produce laccase (ii) its low redox potential 
(0.5–0.8 V versus normal hydrogen electrode [6]) only allows it to oxidise a small 
portion of lignin components (the phenolic parts). The role of laccase in lignin deg-
radation is now well demonstrated [17, 22, 128, 132, 133]. The laccase reaction 
happens around four different copper ions explaining its blue colour [6]. The indi-
rect mechanism of degradation was highlighted in 1990 by Bourbonnais and Paice 
[132] which who showed the importance of small intermediate molecules, called 
mediators. Laccase uses molecular oxygen to oxidise the mediator, which then acts 
as chemical oxidant for lignin. This process allows enzymes to overcome their ste-
ric limitation that otherwise eliminates bulky molecules, such as lignin, as potential 
substrates. These intermediates allow laccases to overcome their phenolic-substrate 
restriction, thus expanding the range of potential oxidation of the enzyme. Laccase 
mediators are usually small phenolic compounds such as lignin phenolic compo-
nents, vanillin, syringaldehyde, veratryl alcohol, or even synthetic mediators, 
1-hydroxybenzotriazole (1-HBT), 2,2′-azinobis(3-ethylbenzthiazoline-6- 
sulphonate) (ABTS), 2,2,6,6-tetramethylpiperidine 1-oxyl (TEMPO), violuric acid 
(VLA) [134]. The choice of mediator can influence the oxidative potential of lac-
case and also induce stereo-preference in the substrate. Bohlin et al. showed laccase 
to exhibit different behaviours with a mixture of diastereoisomers of a β-O-4 model 
bond molecule [135]. The oxidation is maximum with HBT and shows no preferen-
tial isomer, while it is slightly lower with ABTS which exhibits the threo diastereo-
isomer to be less reactive than the erythro isomer.

The source of laccase, the mediator and the substrate significantly influence the 
products and reaction rate. Heap et al. reported on the reaction between laccase 
from Trametes versicolor (white-rot fungus) and various model compounds of 
β-O-4 bonds with and without mediator [136]. For phenolics, dimerisation can hap-
pen with or without the mediator 1-HBT, while Cα oxidation (oxidation of the 
hydroxyl group on the α position to ketone, see Fig. 6.1b) proceeded with the two 
non-phenolic compounds (Table 6.5). Bond degradation can happen through ring 
cleavage for the most electron-rich aromatic ring dimer due to the addition of a 
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Table 6.5 Lignin model bond degradation conversion by enzymes

Bond Molecule Enzymes and conditions Results Ref.

Non 
phenolic 
β-O-4

O

OH

HO

O

O

O  
diastereomer erythro 
and threo

Laccase with 1-HBT, 
TEMPO, ABTS and VLA 
as mediators

HBT 55 % (o) [135]
TEMPO 41 % (o)
VLA 51 % (o)
ABTS 43 % (o) 
preferentially erythro

O

OH

HO

OO

O

O Laccase 1-HBT as 
mediator

Aromatic ring (c), 
β-ether (c), Cα-Cβ 
(c), Cα (o)

[129]

O

OH

HO

O

O

O

Laccase 1-HBT as 
mediator

50 % (o). [169]

O

OH

HO

O

O

O

Laccase with or without 
1-HBT as mediator

Cα (o) with 1-HBT [136]

O

OH

HO

OO

O

O Cα (o) and (c) with 
1-HBT

O

OH

HO

O

O

O

Lignin peroxidase H2O2 27 % (o). [143]

O

OH

HO

O

O

O

Versatile peroxidase H2O2 
and Mn2+

19 % (c) & (o) [148]

O

OH

HO

O

O

O

Versatile peroxidase 3 % Cα (o) [170]
Manganese peroxidase 4.5 % Cα (o)

O

OH

HO

O

O

O

Manganese meso-tetra(N- 
methylpyridino) porphyrin 
pentaacetate

81 % (c). & (o). [160]

Phenolic 
β-O-4

O

OH

HO

OO

HO

Laccase with or without 
1-HBT as mediator

(d) w/and w/o 
1-HBT

[136]

O

OH

HO

OO

HO

Versatile peroxidase H2O2 
and Mn2+

65 % (c) & (o) [148]

(continued)
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methoxy group; for both these non-phenolic molecules, the suppression of mediator 
prevents any reaction and yields unreacted dimers. The same couple laccase-HBT 
improved the saccharification of wheat straw. Combining 150 U/g of laccase with 5 % 
w/w 1-HBT as mediator increased the dilute acid pretreated wheat straw saccharifi-
cation process by increasing the glucose concentration by 35 % (6.6–8.9 g/L) [136].

The degradation of the β-O-4 bonds were extensively studied as it is the most 
prevalent lignin bond. Kawai et al. reviewed the mechanism of a non-phenolic 
β-O-4 model bond, 1,3-dihydroxy-2-(2,6-dimethoxyphenoxy)-1-(4-ethoxy-3- 
methoxyphenyl)propane, to identify the resulting products [129, 137, 138]. After 
characterisation of the products, multiple reactions were identified. From 1000 nmol 
of initial β-O-4 model bond molecule, 120 nmol of products from Cα-Cβ cleavage 
(cleavage of the bond between carbon α and carbon β, see Fig. 6.1) were collected, 
along with 99 nmol from β-ether cleavage, 64 nmol from aromatic ring degradation 
and 43 nmol from Cα oxidation highlighting the complexity of enzymatic lignin 
degradation.

Table 6.5 (continued)

Bond Molecule Enzymes and conditions Results Ref.

β-1
O

O

HO

OH

Laccase ABTS as mediator 60 % (o) [169]

OH

HO
O

O

Lignin peroxidase H2O2 46 % (c) [141]

HO
O

OOH

39 % (c)

5-5 OH OH
OO

HO OH

Manganese meso-tetra(N- 
methylpyridino) porphyrin 
pentaacetate

93 % (c) & (o) [160]

O O
OO

73 % (c) & (o) [165]

DPM

O O
OO

48 % (c) & (o) [160]

O O
OO

15 % (c) & (o) [165]

ABTS 2,2′-azino-bis(3-ethylbenzothiazoline-6-sulphonic acid), 1-HBT 1-Hydroxybenzotriazole, 
TEMPO 2,2,6,6-Tetramethyl-1-piperidinyloxy, VLA Violuric Acid, DPM Diphenyl Methane bond

(c): cleavage, (d): dimerisation, (o): oxidation
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6.4.2  Peroxidases

Peroxidases represent the second main category of lignolytic enzymes. Lignin per-
oxidase (LiP), manganese peroxidase (MnP), versatile peroxidase (VP) and horse-
radish peroxidase (HRP) belong to this group, with a respective redox potential of 
1.2 V, 0.8 V, 1.4 V and 0.95 V versus standard hydrogen electrode [6]. Their reaction 
mechanism are extensively described in two reviews [6, 139].

The high redox potential of lignin peroxidase allows it to oxidise both the phe-
nolic and non-phenolic moieties of lignin. Its heme ion is a ferric one contained 
inside a ferric protoporphyrin [6]. In the past, lignin peroxidase was shown able to 
cleave the C-C bond in synthetic lignin2 [140]. Lim and co-workers presented the 
C-C  cleavage in different β-1 model bonds [141]. The different model bonds had 
various substituent groups on the two aromatic rings, and showed different reactiv-
ity towards lignin peroxidase, with a conversion ranging from 46 % for the less 
substituted dimer to 14 % for the dimer with two methoxy groups on each ring. A 
slight stereo-preference was also highlighted with erythro dimers preferred for deg-
radation. Product analysis suggests a single electron transfer on one of the aromatic 
rings, followed by a Cα-Cβ cleavage.

Lignin peroxidase can degrade ether model bonds [142]. Lim et al. studied the 
action of lignin peroxidase of β-O-4 dimers and tetramers with different amounts of 
methoxy substituent on aromatic rings [143]. Similar to the β-1 bond models, the 
less substituted model underwent faster bond cleavage. The mechanism combines 
single electron transfer from dimer or trimer followed by bond cleavage. These two 
studies highlight different lignin degradation for the two different structures of 
lignin.

Manganese peroxidase is one of the most common lignolytic enzymes in organ-
isms. It uses hydrogen peroxide just as LiP. Although it can function without [144], 
MnP requires manganese ions Mn2+ in solution to be fully efficient. In acidic 
medium, Mn(II) is oxidised by hydrogen peroxide, creating free Mn3+ ions which 
diffuse and oxidise the lignin phenolic moieties (Eq. 6.1). MnP structure is very 
similar to LiP, both having ferric ions in their heme group [6].

 2 2 2 22 2 2Mn II H H O Mn III H O( ) + + ( ) ++
  (6.1)

After reporting biobleaching abilities of Bjerkandera sp. strain BOS55 with a high 
concentration of MnP, Moreira et al. isolated this enzyme and tested it for delignifi-
cation properties [145]. After 6 h, and under optimal conditions of pH, H2O2 and 
Mn2+, a maximum reduction of kappa number of 13 % was obtained for eucalyptus 

2 Synthetic polymer is a polymer with structure similar to lignin. It can vary from simple polyphe-
nol to more elaborate structure.
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unbleached Kraft pulp. This work highlights the potential application of manganese 
peroxidase as a bio-bleaching additive.

Versatile peroxidase (VP) is another lignolytic enzyme that can be found in some 
lignin degrading fungi such as Pleurotus eryngii or Bjerkandera spp. [146]. Its high 
redox potential (E0 > +1.4 V versus standard hydrogen electrode) allows it to accept 
a wide range of potential substrate compared to other lignolytic enzymes [6]. VP 
can degrade β-O-4 model bonds and synthetic lignin [147, 148]. Fernández-Fueyo 
and co-workers successfully isolated versatile peroxidase from Pleurotus ostreatus 
[147]. It was shown that this fungus lacked any lignin peroxidase activity; VP 
assumed this role instead. A phenolic β-O-4 model bond was exposed to VP and 
both Cα-Cβ cleavage and Cα oxidation occurred. A few products from Cβ-O-C4 
were detected. A significant depolymerisation was measured by gel permeation 
chromatography when the same enzyme was fed to synthetic lignin (dehydrogena-
tion polymer).

Horseradish peroxidase (HRP) is considered to be part of the phenoloxidase 
responsible for lignin degradation [13]. However, it is also an important lignin and 
aromatic compounds polymerisation promoter [149, 150]. For that reason, HRP is 
usually considered as a polymerisation biocatalyst or as a lignin modifier agent 
[151, 152]. Xia et al. reported horseradish peroxidase to depolymerise two synthetic 
highly phenolic lignin-based polymers (lignophenols) [153]. Upon continuous 
addition of hydrogen peroxide, HRP degraded products at a yield of 17 % for ligno-
catechol and 33 % for lignocresol. Average molecular weight was significantly 
decreased by about 4–8 fold. For comparison laccase was able to degrade the two 
lignophenols but at lower conversions, probably due to a low activity of laccase on 
the lignin moieties in lignophenols.

6.4.3  Cocktails

From the research perspective, using only one type of enzyme with one well-defined 
substrate is ideal to elucidate the fundamental mechanism behind delignification 
and lignin degradation. However, it is a costly operation since it requires production 
and isolation of the enzyme. Millions of years of natural evolution have lead micro-
organisms to use not a single enzyme but a cocktail of enzymes to degrade lignin. 
Mixture of lignolytic enzymes might represent a cheaper and more effective alterna-
tive to achieve lignin degradation.

Schroyen and co-workers investigated peroxide enzyme VP from Bjerkandera 
adusta and laccase from Trametes versicolor to improve production of phenolic 
compounds and biomethane potential from various lignocellulosic substrates [154]. 
The two enzymes created a significant increase in phenolic compounds and showed 
potential as enzymatic pretreatment.

Afrida et al. studied extracellular enzymes from two fungi, Irpex lacteus KB-1.1 
and Lentinus tigrinus LP-7 for biobleaching [155]. No separation, isolation or puri-
fication of those enzymes mixture was performed, allowing the full enzyme broth to 
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participate to biobleaching. After 4 days, the kappa number was reduced by 4.4 % 
and 6.7 %, respectively, while the combination of the two enzymes reduced the 
kappa number by up to 7.4 %. This small improvement demonstrates a synergistic 
interaction between the extracellular enzymes and has applicability on the industrial 
scale to significantly decrease chlorine dioxide for bleaching. A similar study 
showed the use of xylanase and laccase to save 15 % and 25 % of ClO2 respectively, 
even reaching 35 % when used one after the other (xylanase then laccase) [127]. 
However, the co-operation of the two enzymes has not been investigated.

6.4.4  Bioinspired Enzyme-Like Synthetic Compounds

Enzyme production is often complex and costly, thus limiting industrial applications. 
After identification of lignin degrading enzymes in early 1980s in Phanerochaete 
chrysosporium, numerous research groups tried to biomimic these “ligninases”, by 
synthesising competitive enzyme-like complexes. Zucca et al. brought these com-
pounds back to the front scene with an extensive review [156]. Natural metallopor-
phines, such as hemin or heme group in hemoglobin, are well known to exhibit 
peroxidase or catalase-like activity and inspired research on new oxidation catalyst. 
The ferriheme in lignolytic peroxidases was shown to degrade high-potential lignin 
structure [156]. After several generations of synthetic heme groups, the stability 
became higher than enzymes with higher catalytic activity [156–159]. Immobilisation 
on clay or other substrate can significantly increase its stability [160, 161]. 
Metalloporphines quickly proved similar efficiency than enzymes at degrading com-
mon lignin model bond molecules [162–164], and even more. Compared to enzymes, 
the absence of protein scaffold reduced hindrance, allowing a wider range of sub-
strate. Some lignin model bonds usually not considered for enzymatic degradation 
(e.g. 5–5, β-5, or diphenyl methane DPM bond) can be cleaved, oxidised or undergo 
ring cleavage reaction with metalloporphines [160, 165, 166].

Farell and Skerker analysed four metalloporphines/metalloporphyrin (Fig. 6.4) 
and their catalytic degradation of different model bonds [166]. Similar to natural 
enzymes, these biomimic catalysts were deactivated by high H2O2 concentration, 
and their activity was pH dependent. Veratryl alcohol, a typical substrate for ligno-
lytic enzymes, could be readily oxidised by the two catalysts. Metalloporphine 
compound with iron metallic ion can oxidise β-1 and β-O-4 model bonds, but also 
induce C-C cleavage in β-5 model bond and aromatic ring cleavage in 5–5 model 
bonds, which has never been observed with enzyme of fungal systems.  
For metalloporphyrin with manganese for active centre, clear delignification was 
identified, with a reduction of 40 % in the kappa number in just 15 min.

Crestini and co-workers highlighted the catalytic activity between manganese 
and iron porphyrin [165]. As Kraft lignin contains a significant amount of DPM and 
5–5 substructure, two model molecules representing these bonds were studied for 
degradation. The manganese porphines exhibited higher conversions than the iron 
one, with a particular high activity for manganese meso-tetra(N- 
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methylpyridinio)porphine pentaacetate. Higher activity of Mn porphines was attrib-
uted to higher stability of these complexes. When residual Kraft lignin was submitted 
to the different catalysts, results indicated that manganese and iron porphines oxi-
dised the lignin, but the latter induced a high amount of coupling reactions probably 
yielding higher molecular weight lignin. In general, manganese porphines proved 
superior to iron porphines for delignification and model bond cleavage.

A delignification of wood sawdust by metalled phthalocyanine or porphyrin was 
reported by Barbat and co-workers [167]. This pretreatment is considered for 
replacement of chemical process, sodium chlorite solution followed by alkaline 
extraction, for holocellulose recovery. Although this is a promising technique, with 
1 % w/w phenolic compounds release from biomass, quantitative delignification 
amount has not been measured.

6.4.5  Perspectives

An emerging pathway for enzymes (natural or synthetic) is the catabolic treatment 
of biomass for delignification. To this end, enzymes represent a more manageable 
alternative to fungi or bacteria as their degradation mechanism is much simpler. 
Despite significant progress, there is still no commercial application of lignolytic 
enzymes for lignin degradation. The lack of efficient production systems and the 
poor understanding of the degradation pathways have prevented the development of 
efficient systems implementable on the industry industrial scale. A good 

Fig. 6.4 Structure of a metalloporphine, M being the metallic ion, with the eight β positions and 
four meso one. IUPAC nomenclature [168] defines porphyrins as porphine derivatives where 
organic side chains are substituted for all the eight hydrogen atoms in the porphine pyrrole rings 
(the β positions). Although most of the synthetic heme catalysts are porphines by definition, they 
are nevertheless they are usually misleadingly referred as porhyrins [156]
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comprehension of the interaction mechanism between enzymes and the role of the 
different mediators (natural and synthetic) is needed for critical breakthrough in 
lignin bio-treatment. This knowledge can enable engineering microorganisms with 
high efficient lignin degradation properties tailored for specific industrial applica-
tion, including fine chemical production.

6.5  Conclusion and Future Outlook

Lignin is the second most abundant polymer on earth, just behind cellulose. It rep-
resents a widely available, low cost and sustainable feedstock offering tremendous 
opportunities for the production of phenolic bio-based fine chemicals and mono-
mers. Despite numerous studies devoted to its degradation, lignin still remains a 
most recalcitrant polymer to break down into oligomers and reproducible mono-
mers. This is because of the multitude of chemical bonds involved and the variabil-
ity of lignin chemical composition which is a function of the lignocellulosic source 
and the extraction process. This chapter has highlighted many of the shortcomings 
in fundamental knowledge restricting development; a methodical and comprehen-
sive study on the principles and mechanism of biodegradation is required to unleash 
lignin as a controlled source for conversion into fine chemicals. Alternatives mim-
icking nature are of special interest. Many fungi and bacteria can degrade lignin, 
inspiring a plethora of schemes and processes for delignification and production of 
fine chemicals. Of those currently studied, white-rot fungi appear as the most prom-
ising delignification microorganism. The choice to genetic engineer – or not – has to 
be considered as it offers new routes for increased yields and selectivities needed for 
fine chemical production. Enzymatic degradation of lignin still faces high costs, low 
reaction rates, and poorly known bond selectivity. The inhibition mechanisms typi-
cal to enzymatic degradation are not well understood for “ligninases”, as well as the 
effect of temperature resistant enzymes and reactions in a solvent. A promising 
avenue is to rely on enzyme cocktails or sequential enzymatic reaction schemes, 
because purification is typically an important cost of the process, and a wide array 
of products can be expected from lignin biodegradation into monomers/short oligo-
mer due to the multitude of bonds. As lignin represents the best and most renewal 
natural source of phenol, it is well worth investing into the fundamental biodegrada-
tion studies that will lead to breakthroughs for process commercialization.
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