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    Abstract  
  Gametogenesis is a biological process by which diploid or haploid precursor 
cells undergo cell division and differentiation to form mature haploid gametes. 
The biology of gamete production is different between males and females. 
In human, gametogenesis is the development of diploid germ cells into either 
haploid sperm (spermatogenesis) or eggs (oogenesis). Gamete production in 
females is intimately part of the endocrine responsibility of the ovary. If there are 
no gametes, then hormone production is drastically curtailed. Depletion of 
oocytes implies depletion of the major hormones of the ovary. In the male this is 
not the case. Androgen production will proceed normally without a single 
spermatozoon in the testes. This chapter reviews some of the basic structural 
morphology and physiology of the testes and the ovaries.  

1.1         Spermatogenesis 

 The male reproductive tract in human consists of testes, epididymides, ductus 
deferentes, accessory sex glands, and penis. The differentiation of testes takes 
place from indifferent gonads after expression of the sex-determining region Y gene 
(SRY) on the short arm of the Y chromosome. The fetal Leydig cells then secrete 
androgens that induce differentiation of the mesonephric (or wolffi an) duct to form 
the epididymis, ductus deferens, and, accessory sex glands, as well as the indifferent 
external genitalia into a penis and a scrotum. There are two components to the testis; 
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the interstitial (intertubular) component and the seminiferous tubule. The interstitial 
component is well vascularized and contains Leydig cells clustered around the 
vessels. The seminiferous tubules contain epithelium consisting of germ cells which 
form numerous concentric layers penetrated by a single type of somatic cells fi rst 
identifi ed by Enrico Sertoli in 1865 [ 1 ]. The cytoplasm of Sertoli cells extends 
around germ cells to provide nutrition and support while the germ cells undergo 
progressive differentiation and development into mature spermatozoa. 

 Spermatogenesis is a dynamic process in which stem spermatogonia become 
mature spermatozoa throughout the reproductive lifetime of the individual [ 2 ,  3 ]. 
By the process of mitosis, stem spermatogonia produce two types of cells, additional 
stem cells and differentiating spermatogonia. The differentiating spermatogonia then 
undergo rapid, successive mitotic divisions to form primary spermatocytes, which 
are then followed by a lengthy meiotic phase as preleptotene spermatocytes proceed 
through two cell divisions (meiosis I and II) to give rise to haploid spermatids. 
These, in turn, produce mature spermatozoa which undergo a complex process of 
morphological and functional differentiation. To study such complex and lengthy 
processes, spermatogenesis has been organized into different “stages” and “phases” 
that include mitosis, meiosis and spermiogenesis. 

1.1.1     Spermatogonia and Mitosis 

 Spermatogenesis can be divided into three phases, each of which involves a class of 
germ cells [ 2 – 4 ]. The initial phase, spermatocytogenesis, is the proliferative or sper-
matogonial phase during which stem spermatogonia undergo mitosis and produce 
two types of cells; additional stem cells and differentiating spermatogonia. In rat, 
there are three types of spermatogonia; stem cell spermatogonia (Ais or A isolated), 
proliferative spermatogonia (Apr or A paired and Aal or A aligned), and differentiated 
spermatogonia (Al, A2, A3, A4 and B). The stem cells, Ais, divide sporadically to 
replicate themselves and to produce pairs of Apr spermatogonia, which engage 
in a series of synchronous divisions, resulting in the formation of chains of Aal 
spermatogonia. The Aal spermatogonia differentiate into A1 spermatogonia which 
divide to give rise to more differentiated (A2, A3, A4, and B) cells. In man, three 
different types of spermatogonia [the dark type A (Ad), pale type A (Ap) and B 
type] have been identifi ed [ 5 ]. The Ap cells have the capacity to give rise to new Ap 
cells as well as to more differentiated B spermatogonia, and, that are the renewing 
stem cells. The Ad spermatogonia are reserve stem cells which rarely divide under 
normal circumstances. The precise mechanisms of differentiation, and, renewing 
their own population of stem spermatogonia remain unknown.  

1.1.2     Meiosis 

 The meiotic, or spermatocyte, phase deals with the formation of haploid spermatids 
and divides into fi ve sequential stages including leptotene, zygotene, pachytene, 
diplotene, and diakinesis. DNA synthesis is involved in each of these fi ve stages of 
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the primary spermatocytes (preleptotene), and, RNA synthesis in the diplotene 
stage. Elaborate morphological changes occur in the chromosomes as they pair 
(synapse) and then begin to unpair (desynapse) during the fi rst meiotic prophase. 
Some of the changes during this stage include: (1) initiation of intimate chromosome 
synapsis at zygotene stage, when the synaptonemal complex begins to develop 
between the two sets of sister chromatids in each bivalent; (2) completion of synapsis 
with fully formed synaptonemal complex and crossing over at pachytene stage; 
(3) dissipation of the synaptonemal complex and desynapsing at the diplotene stage. 
Following the long meiotic prophase, the primary spermatocytes rapidly complete 
their fi rst meiotic division, resulting in formation of two secondary spermatocytes, 
each contains 22 duplicated autosomal chromosomes and either a duplicated X or a 
duplicated Y chromosome. These cells, after a short interphase with no DNA 
synthesis, undergo a second maturation division to produce four spermatids, each of 
them has a haploid number of single chromosomes.  

1.1.3     Spermiogenesis 

 The spermiogenic phase, also known as spermiogenesis, involves morphological 
and functional differentiation of newly formed spermatids into mature spermatozoa. 
During this phase, the spherical, haploid spermatids transform into elongated, highly 
condensed, mature spermatozoa, which are released into the lumen of seminiferous 
tubules. The differentiation of spermatids passes through four phases including 
Golgi, cap, acrosomal, and maturation phases. 

 Golgi apparatus is important during the early steps of spermiogenesis [ 1 ,  6 ,  7 ]. 
The Golgi apparatus creates vesicles and granules containing enzymes that will 
become the acrosome. During the capping phase, the acrosome covers the developing 
sperm nucleus. The acrosomic granule touches the nuclear envelope and the vesicle 
begins to fl atten into a small cap over the nuclear surface. Then, the acrosomic 
vesicle becomes very thin and the granule fl attens. Finally, the acrosome fl attens 
over approximately one third of the nuclear surface. The acrosomal phase involves 
migration of the acrosomal system over the ventral surface of the elongating 
spermatid nucleus. Maturation shows fewer changes in nuclear shape and acrosomal 
migration. The nucleus continues to condense and the acrosome matures into a thin 
periodic Acid-Schiff stain positive (PAS+) structure that protrudes at the apex but 
covers nearly all the nucleus, except for that portion connected to the tail [ 1 ]. After 
the formation of prominent cytoplasmic lobes and residual bodies, the excess 
cytoplasm, which contains unused mitochondria, ribosomes, lipids, vesicles and 
other cytoplasmic components, is removed [ 1 ,  8 ,  9 ].  

1.1.4     Sperm Production 

 Spermatogenesis has the greatest number of cell divisions compared to other 
self- renewing cells in the body. Both the kinetics and rate of germ cell loss affect 
sperm production. The total duration of spermatogenesis based on 4.5 spermatogenic 
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cycles ranges from approximately 30–78 days in mammals [ 1 ,  10 – 12 ], and is under the 
control of the germ cell genotype [ 13 ]. Similar results were found utilizing porcine and 
ovine testis xenografts [ 14 ]. However, temperature and some drugs may infl uence 
the duration of spermatogenesis [ 15 – 17 ], probably by altering the cell cycle [ 18 ,  19 ]. 
In humans, the entire spermatogenic process lasts more than 70 days. Germ cell 
loss (apoptosis) also occurs during spermatogenesis [ 20 ], playing a critical role in 
determining total sperm output. However, the greatest infl uence on germ cell production 
is the capacity for mitosis. Signifi cant germ cell apoptosis occurs during the sper-
matogonial phase, called “density-dependent regulation”, primarily during mitotic 
divisions of spermatogonia. Apoptosis is also frequent during meiosis, especially 
in humans, and is probably related to chromosomal damage. However, missing 
generations of spermatocytes and spermatids in the seminiferous epithelium, plus 
apoptosis, contribute to the low effi ciency of human spermatogenesis [ 20 ,  21 ].  

1.1.5     Regulation of Spermatogenesis 

 Androgen production and spermatogenesis are two key functions of the testis that rely 
on regulation by pituitary gonadotrophins; luteinizing hormone (LH) and follicle- 
stimulating hormone (FSH). Other hormones contribute to testicular regulation, and 
there is a plethora of paracrine and autocrine regulatory effects between, and within, 
different testicular cell compartments. The hypothalamic-pituitary- testicular (HPT) 
axis plays a key role in the regulation of spermatogenesis (Fig.  1.1 ) [ 2 ,  22 – 26 ].

  Fig. 1.1    The hypothalamic-pituitary-testicular axis       
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   The HPT axis is a classical example of an endocrine regulatory circuit, with 
cascades of positive and negative regulatory events at multiple functional levels. 
The highest level is at the hypothalamus, where the cells of specifi c nuclei synthesize 
the decapeptide gonadotropin-releasing hormone (GnRH), giving the positive 
stimulus for gonadotrophin secretion from the anterior pituitary. The same GnRH 
peptide is responsible for the release of both gonadotrophins, although evidence 
for a separate FSH-releasing hypothalamic principle also exists [ 27 ]. The axon 
terminals of GnRH neurons make contact with hypophyseal portal vessels, which 
transport the releasing hormone, secreted in pulses of 1–2 h intervals, to the anterior 
pituitary gland [ 28 ]. 

 In pituitary gonadotroph cells, GnRH stimulates the synthesis and release of 
LH and FSH. The secretory peaks are more distinct with LH, due to its shorter 
circulatory half-life compared to FSH [ 29 ]. Targets of LH action in the testis are 
interstitial Leydig cells, whereas FSH regulates Sertoli cells in seminiferous tubuli. 
LH stimulates steroidogenesis in mature Leydig cells, and is responsible for the sup-
ply of testosterone for the maintenance of spermatogenesis, and, for extragonadal 
androgen effects. FSH maintains the functional capacity of Sertoli cells in the 
support of spermatogenesis. It is well established that LH stimulates testicular 
steroidogenesis and maintains the high intratesticular steroid concentration that is 
necessary for spermatogenesis [ 30 ]. In contrast, it is not known how exactly high 
levels of intratesticular testosterone regulate this process. Androgen receptors are 
present in Leydig cells, peritubular myoid cells and Sertoli cells, but apparently not 
in spermatogenic cells [ 2 ]. 

 The Sertoli cells are the only target of FSH action in the testis. The FSH stimulates 
the proliferation of Sertoli cells in the prenatal and prepubertal periods [ 31 ]. Sertoli 
cells become differentiated at puberty, and rarely differentiate thereafter. Thus, FSH 
determines the spermatogenic capacity before the onset of puberty. Both testicular 
steroid and peptide hormones regulate FSH secretion. Inhibin and activin originate 
in Sertoli cells, and, are the main regulators of FSH secretion at the pituitary level. 
Inhibin is a heterodimer of an α subunit and a PA (inhibin A) or PB (inhibin B) 
subunit, which inhibits both the synthesis and secretion of FSH. Activin is a 
homodimer of two P subunits which stimulate FSH. Follistatin, also inhibits FSH 
by binding and inactivating activin. Androgens and estrogens inhibit FSH action by 
affecting the functions of hypothalamus. Inhibin B is the product of Sertoli cells and 
is also important in feedback regulation [ 32 ]. 

 The HPT axis plays a role in the negative feedback link between gonadal steroid 
and peptide hormones [ 33 ]. In the male, testosterone mainly controls GnRH secretion, 
by suppressing GnRH secretion at the hypothalamic level, and, gonadotropin syn-
thesis in the pituitary gland. Testicular steroids also have effects on FSH through the 
two Sertoli cell proteins, activin and inhibin. 

 Some part of the steroid feedback is directed to inhibition of gonadotropin 
synthesis at the pituitary level [ 34 ] by both androgenic and oestrogenic components. 
This feedback occurs mainly at the hypothalamic or pituitary level. Steroids affect 
GnRH neurons indirectly, and, are mediated by inhibitory inputs from neighboring 
neurons.  
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1.1.6     Sertoli Cell 

 The Sertoli cell also plays an important role in spermatogenesis through (1) support 
and nutrition of the active germ cells; (2) compartmentalization of the seminiferous 
tubule by tight junctions; (3) controlled release of mature spermatids into the 
tubular lumen; (4) secretion of fl uid, proteins and several growth factors; (5) phago-
cytosis of degenerating germ cells and phagocytosis of excess cytoplasm [ 34 ]; 
(6) mediation of the actions of FSH- and LH-stimulated testosterone production in 
the testis [ 2 ]. Some investigations of the Sertoli cell-specifi c, knockout of androgen 
receptor (SCARKO) found that spermatogenesis rarely advanced beyond diplotene 
spermatocytes [ 35 ]. Thus, at least in mouse, androgens are crucial for late meiosis 
and spermiogenesis.  

1.1.7     Sperm Maturation in the Human Epididymis 

1.1.7.1     Sperm Transit 
 Based on thymidine labelling of spermatozoa [ 36 ], sperm migrate through the 
human epididymis in 1–21 days. Measurements of extragonadal sperm reserves 
suggest shorter values of 3–4 days [ 37 ,  38 ]. Faster transit (up to 2 days) may occur 
in men with large, daily sperm production [ 38 ]. However, such rapid transit may 
result from poor production of spermatozoa, because human epididymal fl uid is not 
viscous [ 39 ]. Interestingly, rapid sperm transit associated with large testicular size 
and high sperm production also occurs in the chimpanzee [ 40 ].  

1.1.7.2     Sperm Heads and Tails 
 Morphological analysis of human epididymal sperm following air-drying of smears 
results in artefactual swelling of the heads of sperm from the caput region, but 
not those from the caudal epididymidis [ 41 ,  42 ]. These changes demonstrate matu-
rational changes that affect primate spermatozoa [ 43 ]. Thus, some spermatozoa 
with ‘acorn-shaped’ heads in human semen indicate the appearance of immature 
spermatozoa, because of abnormal epididymal function [ 44 ]. The percentage of 
spermatozoa with normal heads still increases with maturation, not as a result of 
removal of abnormal cells by epididymal epithelium [ 45 ,  46 ], but by processes 
of maturation. During transit through the epididymis the sperm increase intra-
molecular disulphide bonding [ 47 ] to withstand the stresses associated with air drying. 
The dimensions of heads of non-swollen sperm also change with maturation. This 
dehydration caused by high, intraluminal, osmotic pressures results in cell shrinkage, 
however, little is known about this in man. The osmotic pressure for fl uid obtained 
from the human vas deferens is 342 mmol/kg [ 48 ], while the osmolality of fl uid 
entering the human epididymis is 280 mmol/kg. An increase in compactness of 
nuclear contents may also explain the decrease in head size. The abnormal morphology 
of sperm tails is related to human epididymal dysfunction [ 49 ], however, the mecha-
nisms are still unclear. 

Y.-H. Ye et al.



7

   Cytoplasmic Droplets 
 There is difference between the cytoplasmic droplets of morphologically normal 
cells and excess residual cytoplasm of abnormal cells [ 50 ]. The air-drying proce-
dure of seminal smears routinely is used for the morphological analysis of human 
spermatozoa. However, this has been changed based on the insuffi ciency for the 
preservation of normal cytoplasmic droplets on the majority of spermatozoa in 
fi xed preparations [ 50 ]. A neck droplet on human epididymal spermatozoon was 
shown on the electron micrographs and well fi xed seminal preparations display 
the same [ 51 ]. Spermatozoa leaving the human testis present in fl uid collected 
from epididymal spermatocoeles of accumulations of testicular fl uid mainly [ 52 ], 
also shows droplets at the neck. The failure of droplet migration along the midpiece 
in man may indicate a heat stress, since spermatozoa from an inguinal testis and 
epididymis display neck droplets after exposure of abdominal temperature of 
cryptorchidism [ 53 ]. The failure of migration could results on the low sperm 
concentration within the epididymal lumen, which reduces the shear forces 
incumbent upon more highly packed spermatozoa, since the migration of the 
droplet along the midpiece can be induced by centrifugation of porcine and cap-
rine testicular spermatozoa [ 54 ,  55 ].   

1.1.7.3     Motility 
 Spermatozoa are kept immotile, not by the viscosity of the fl uid in the human 
epididymis [ 39 ] but possibly because of low pH [ 56 ]. They are activated to become 
motile after release into the female genital tract or physiological fl uids. Sperm 
obtained from epididymal spermatocoeles and caput epididymidis are weakly 
motile [ 52 ,  57 ]. Examination of the duration and intensity of motility in vitro of 
sperm retrieved from epididymides obtained from 21 to 44 year-old men within 
1–5 h of death demonstrated that the duration was far higher for sperm from the 
cauda (18.7 h) than those from the caput (4.6 h) or testis (2.1 h) [ 58 ]. The percentage 
of motile sperm increases as sperm pass through the epididymis. However, in 
old men, a decrease in motility was observed when recovered from the cauda, 
which may be associated with reduced ejaculation and sperm storage. Sperm 
obtained from the testis and caput are only motile in men with ductal occlusion 
[ 59 ] while sperm retrieved by testicular biopsy become motile after incubation 
in vitro [ 60 ], suggesting that the initiation of motility may be time-dependent 
rather than a result of epididymal secretions. The epididymal region where sperm 
motility normally develops is shifted proximally after vasectomy [ 61 ] or ductal 
occlusion [ 62 ].  

1.1.7.4     Sperm Numbers 
 The small storage capacity of the human epididymis of about 3 days worth of 
testicular production is demonstrated by the small size of the cauda region [ 63 ,  64 ], and, 
the rapidity with which sperm reserves can diminish after multiple ejaculation [ 65 ]. 
After epididymal emptying by providing three ejaculates within 4 h, sperm numbers 
in the fi rst of three subsequent ejaculates is increased from 50 millions after 1 day 
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abstinence to over 300 millions after 10 days and beyond this time ejaculated sperm 
numbers remain constant as the epididymis is fi lled and sperm begin to enter the 
urine [ 66 ].  

1.1.7.5     Sperm Protection 
 Mammals have both adaptive (acquired) immunity, and innate (natural) immunity. 
Mechanisms of innate immunity include the generation of disinfectants (H 2 O 2 , NO), 
large antimicrobial proteins (lysozyme, cathepsins, lactoferrin, phospholipase A2) 
and small antimicrobial peptides (cathelicidins e.g. glycodelins, and, defensins) 
[ 67 – 69 ]. A wide range of defensins have been identifi ed in human epididymis. 
As defensins are more active in the low ionic strength of epididymal fl uid, they are 
situated to prevent the migration of invading micro-organisms into the male tract. 
A variety of anti-oxidant enzymes are present in human seminal plasma but most 
are not of epididymal origin [ 70 ], although some anti-oxidant activity does originate 
there [ 71 ].   

1.1.8     Epigenetic Patterns in Male Germ Cells 

 Epigenetics refers to non-sequence based mechanisms that control gene expression. 
The paternal epigenome plays an important role in the developing embryo which 
is not limited to nucleosome retention data. To date three main mechanisms, DNA 
methylation, histone modifi cations and RNA-associated silencing, have been 
associated with epigenetic silencing of gene expression [ 72 ]. The sperm epigenetic 
program is unique, and, tailored to meet the needs of this highly specialized cell. 
Chromatin changes in sperm contribute to virtually every function that the male 
gamete must perform throughout spermatogenesis and in the mature cell [ 73 ]. But 
the requisite replacement of canonical histones with sperm-specifi c protamine 
proteins has called into question the utility of the paternal epigenome in embryonic 
development [ 74 ]. The protamination of sperm chromatin provides the compac-
tion necessary for safe delivery to the oocyte, but removes histones which are 
capable of eliciting gene activation or silencing via tail modifi cations (methylation, 
acetylation, etc.) [ 75 ]. In effect, protamination removes a potentially informative 
epigenetic layer from the paternal chromatin, leading to the previously held 
belief that sperm are incompetent to drive epigenetic changes in the embryo and 
suggesting that their utility is found only in the delivery of an undamaged DNA 
blueprint. In fertile patients, histone retention is found at the promoters of genes 
important in the embryo including developmental gene promoters, microRNA 
clusters, and imprinted loci, suggesting that the nucleosome retention is program-
matic in nature [ 76 ]. 

1.1.8.1     DNA Methylation 
 DNA methylation, one of the best-characterized DNA modifi cations associated 
with the modulation of gene activity is a common regulatory mark found on the 5 
carbon of cytosine residues (5-mC) at cytosine–phosphate–guanine dinucleotides 
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(CpGs), which exert strong epigenetic regulation in many cell types [ 77 ]. During 
gametogenesis, non-imprinted genes acquire their methylation similarly to imprinted 
genes, however, after fertilization both the maternal and paternal genomes become 
demethylated while imprinted genes retain their methylation status [ 78 ]. Some 
repeat sequences appear to escape demethylation completely during gametogenesis, 
and, retain a high proportion of their initial methylation marking during preimplan-
tation development [ 79 ]. Founding cells of the germ line, the primordial germ cells 
(PGCs), are thought to carry full complements of parental methylation profi les 
when they begin migrating towards the genital ridge [ 80 ]. Upon entry into the genital 
ridge, around 10.5 days of gestation, they undergo extensive genome-wide 
demethylation [ 81 ]. Early studies employing methylation-sensitive, restriction 
enzymes, Southern blot and PCR approaches indicated that PGCs have completely 
demethylated genomes by 13.5 days of gestation [ 82 – 84 ]. A number of imprinted 
genes, including Peg3, Kcnq1ot1 (also known as Lit1), Snrpn, H19, Rasgrf1 and 
Gtl2, as well as non-imprinted genes such as α-actin, become demethylated between 
10.5 and 13.5 days of gestation [ 85 ]. However, certain sequences (at least some 
repetitive elements) appear to be treated differently: IAP, LINE-1 and minor satellite 
sequences are only subject to partial demethylation, whereas most imprinted 
and single-copy genes become demethylated [ 86 ,  87 ]. Rapid, and possibly active, 
genome-wide erasure of methylation patterns takes place between 10.5 and 12.5 days 
of gestation, leaving PGCs of both sexes in an equivalent epigenetic state by 
embryonic day 13.5 [ 88 ,  89 ]. Following demethylation in PGCs, male and female 
gametes acquire sex- and sequence-specifi c genomic methylation patterns. For 
nonimprinted genes and repeat sequences, DNA methylation can be assessed 
directly. For imprinted genes, determination of DNA methylation status and 
assessment of mono- or biallelic expression of the genes of interest in the resulting 
embryos, are necessary. A second genome-wide demethylation occurs in the early 
embryo. Marks established on imprinted genes and some repeat sequences must 
be faithfully maintained during preimplantation development at a time when the 
methylation of non- imprinted sequences is lost (Fig.  1.2 ).

   In humans, abnormalities of DNA methylation have been linked to infertility, 
imprinting disorders in children, and, cancer. Recent studies have suggested that 
assisted reproductive technologies (ARTs) may be associated with an increased 
incidence of epigenetic defects in children, and, it is unclear whether the etiology is 
related to infertility with an underlying epigenetic cause, or, the specifi c experimental 
techniques.  

1.1.8.2     Retained Histones 
 Protamination creates a highly condensed nuclear structure that helps to enable 
proper motility and protects DNA from damage. Although incorporation of this 
unique, sperm-specifi c protein results in a quiescent chromatin structure, some 
regions retain histones and their associated modifi cations. Recent studies have 
found this nucleosome retention to be programmatic, and not a result of random 
distribution [ 76 ]. In theory, this selective retention in sperm may allow for targeted 
gene activation or silencing in the embryo. Multiple histone variants found in 
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sperm play an essential role throughout spermatogenesis as well as in the mature 
spermatozoa. Among these, important nuclear proteins are histone 2A and B 
(H2A and H2B), histone 3 (H3), histone 4 (H4), and the testes variant (tH2B) [ 90 ]. 
Recent studies implicate aberrant histone methylation and/or acetylation in 
the mature sperm in various forms of infertility. Loss-of-function mutation of 
JmjC-domain- containing-histone demethylase 2A (JHDM2A), an enzyme with 
known H3K9 demethylase activity, reveal decreased transcription of transition 
protein 1 and P1 during spermatogenesis [ 91 ]. Additional studies demonstrate that 
varying degrees of infertility, including sterility, are correlated with perturbations in 
histone methylation.   

1.1.9     Spermatozoal RNA Transcripts 

 As a terminally differentiated cell, the ejaculated spermatozoon is exquisitely 
specialized for delivering the paternal genome to the egg. The presence of RNA 
in the sperm nucleus is paradoxical if one assumes that it serves no function [ 92 ]. 
The selective retention of mRNAs and siRNAs when most cytoplasmic RNA is lost to 
the residual body (normally destroyed during sperm preparation) during remodeling 
argues against passive trapping as does the evidence that sperm RNA can support 

  Fig. 1.2    Genes and their imprinting       
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protein synthesis de novo during capacitation [ 92 ]. Based on a heterologous model 
system, we know that the spermatozoon delivers its RNA cargo to the oocyte [ 93 ]. 
One study showed that a c-Kit-derived heritable effect on hair color in the mouse 
was strongly infl uenced by the presence of aberrant levels of ‘scrambled’, noncoding 
c-Kit RNA transferred by the spermatozoa of the affected individual [ 94 ]. The concept 
of active, RNA-dependent translation in capacitating sperm is supported by reports 
showing that specifi c sperm RNAs are ‘consumed’ during manual processing that 
supports capacitation of normal viable sperm in vitro [ 95 ]. An effect of sperm RNA 
on non-Mendelian inheritance of coat color in mice has also been reported [ 94 ]. 
The mechanism appeared to be through an RNA-mediated epigenetic and heritable 
paramutation effect. 

 RNA transcripts co-localize with nucleosome-bound chromatin near the nuclear 
envelope in the mature sperm, as is the case with the insulin-like growth factor 2 
(IGF2) locus [ 96 ]. Spermatozoal RNA transcripts are capable of inhibiting the 
protamination process and maintaining a histone-bound chromatin structure.   

1.2     Oogenesis 

 Oogenesis is a complex and highly orchestrated sequence of differentiation from 
germ cells to mature oocyte. Human oogenesis is characterized by germ cell migra-
tion, differentiation and proliferation during the embryonic period, initiation of 
meiosis and follicle formation during the fetal period, and oocyte growth and 
maturation in the adult [ 97 ]. To accomplish its role as an oocyte, a PGC must erase 
the epigenetic program obtained in early embryogenesis and re-establish parental 
imprints during oogenesis [ 98 ]. Erasure and re-establishment of imprinted genes 
without the alteration of DNA sequence, is termed epigenetic reprogramming. 
Here, we briefl y summarize the development of the oocyte and its epigenetic 
reprogramming during this process. 

1.2.1     Primordial Germ Cells (PGCs) 

1.2.1.1     Origin of PGCs 
 Mammalian development derives from fusion of a highly specialized oocyte with a 
sperm. The totipotent zygote replicates haploid parental genomes and begins to 
undergo cleavage divisions. At embryonic day (E) 3.5, the blastocysts include 
two cell types, the trophectoderm (TE) cells and the inner cell mass (ICM) cells. 
The trophectoderm can be classifi ed into the polar TE (pTE), which contacts and 
covers the ICM, and the mural TE (mTE), which delineates the blastocoele 
cavity [ 99 ]. The ICM is the pluripotent cell population and is destined to become the 
embryo proper, including germ cells. With further development, the primitive endo-
derm (PE) differentiates from the ICM, located on the inner surface of the ICM at 
E4.5. The PE layer grows to cover the mTE and becomes the parietal endoderm. 
The undifferentiated cells in the ICM maintain pluripotency and become the 
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primitive ectoderm. During the process of implantation, pTE will grow into a thick 
column of extraembryonic ectoderm. The primitive ectoderm cells eventually will 
give rise to a cup-liked epithelial sheet, called the epiblast [ 99 ]. All the somatic cells 
including the germ cells derive from these epiblast cells. Although the exact time 
and place of origin of PGCs in human is unknown, mouse germ cell lineage recruits 
from pluripotent epiblast cells in response to extraembryonic signals at E6.25 [ 100 ]. 
PGCs in both males and females can be fi rst identifi ed within the wall of the human 
yolk sac, an extraembryonic membrane, during the 4th week of gestation [ 101 ].  

1.2.1.2     PGC Migration 
 PGC migration is a process shared among many species during germ cell development. 
PGCs migrate from their extragonadal origin to the developing gonad (genital 
ridge), where they interact with gonadal somatic cells that will support germ cells 
development and maturation into functional gametes [ 97 ]. Between 4th and 6th 
weeks, PGCs migrate by amoeboid movement from the yolk sac to the wall of the 
gut tube, and then via the mesentery of the gut to the dorsal body wall. In the dorsal 
body wall, these cells come to rest on either side of the midline in the loose 
mesenchymal tissue just deep to the membranous lining of the coelomic cavity. 
Most of the PGCs populate the region of the body wall at the level that will form the 
gonads [ 101 ]. 

 A series of proteins facilitate PGC migration. SDF1 is expressed along the 
migratory route of the hindgut and genital ridge, providing a guidance signal for 
PGC migration by binding to CXCR-4 receptor expressed on PGCs [ 97 ,  102 ]. PGCs 
also express β1/2 integrin that can interact with extracellular matrix along their 
journey [ 103 ]. Furthermore, the interactions themselves are important for PGC 
migration and clonization. PGCs express the CX43 gap-junction protein during 
migration, and PGCs up-regulate E-cadherin on leaving the gut and colonizing the 
genital ridge. E-cadherin mediated, cell-cell adhesion may also support PGC migra-
tion arrest in the developing gonad [ 104 ,  105 ]. 

 During PGC migration there is a reduction in genome-wide, DNA methylation. 
The process includes loss of methylation marks that control somatic gene expression 
and also removes DNA methylation imprints from imprinted gene loci [ 106 ]. 
Several imprinted genes exhibit earlier demethylation; for example,  Igf2r  begins 
demethylation in some PGCs before colonization of the genital ridge [ 107 ]. 
The genome-wide DNA methylation level declines at around E8.0 in the mouse 
[ 108 ]. The DNA methyltransferases (Dnmts) are responsible for the methylation 
of DNA. Dnmt1 methylates hemimethylated CpG di-nucleotides in the genome, 
and, is the key maintenance methyltransferase during cell division. Dnmt3 are 
res ponsible for de novo methylation by targeting the unmethylated CpG site [ 109 ]. 
Dnmt3 are actively repressed in PGCs at E6.75 to E7.5, suggesting that the loss of 
Dnmts activities may contribute to genome-wide DNA demethylation in PGCs [ 108 , 
 110 ]. From around E7.75 onwards, PGCs undergo genome-wide demethylation 
of H3K9me2 [ 108 ]. All PGCs at E8.75 show low H3K9me2 levels. Levels of 
H3K9me2 halve their original levels during this period [ 108 ]. Following the 
genome-wide loss of DNA methylation and H3K9me2, genomic-wide H3K27me3 
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becomes upregulated during PGC migration from around E8.25 onwards [ 111 ]. 
Upregulation of genomic-wide H3K27me3, however, may not depend on de novo 
transcription of some specifi c factors. The crosstalk between H3K27 methylation 
and H3K9 methylation may contribute to this process. And the hypomethylation of 
H3K9me2 in migrating PGCs may be sensed and rescued by the methylation of 
H3K27me3 [ 112 ]. 

 Taken together, DNA methylation and H3K9me2 play critical roles in the stable 
maintenance of the repressed state of unused genes during cell fate specifi cation. 
H3K27me3 may be a more plastic repression of the lineage-specifi c genes in 
pluripotent cells [ 99 ]. Upregulation of H3K27me3 in PGCs may contribute to the 
creation of an ES cell-like genome organization. Indeed, it is possible to derive 
pluripotent mice stem cells from PGCs from E8.5 to E12.5 [ 113 ].  

1.2.1.3     PGC Proliferation 
 Classically, once PGCs reach approximately 40 in number in the mouse, they 
proliferate constantly with a doubling time of about 16 h [ 114 ]. PGCs continue 
to multiply by mitosis during the migration. However, it has been shown that 
PGCs do not increase their number constantly [ 111 ]. From around E7.75 to E9.25, 
coincident with their migration in the developing hindgut endoderm, their increase 
in number is relatively slow compared to that after E9.5. Through calculation 
of DNA contents of PGCs, a majority of PGCs (approximately 60 %) from E7.75 
to E8.75 are in the G2-phase of the cell cycle. After E9.75, PGCs exhibit a cell 
cycle distribution with a clear G1 peak, a wide S-phase, and less prominent G2 
peak, which is indicative of a rapidly cycling state. These results indicate that a 
majority of PGCs migrating in the hidgut endoderm arrest at the G2-phase of the 
cell cycle [ 99 ]. 

 When PGCs arrive in the presumptive gonad region, they stimulate cells of 
the adjacent coelomic epithelium to proliferate and form somatic support cells. 
Proliferation of the somatic support cells creates a swelling just medial to each 
mesonephros on both the right and left sides of the gut mesentery. These swellings, 
the genital ridges, represent the primitive gonads. In both male and female, PGCs 
undergo further mitotic division within the gonads. PGCs are usually called gono-
cytes during this period [ 115 ].  

1.2.1.4     Imprinted Genes in PGC Development 
 The vast majority of genes possess a bi-allelic pattern of expression. Imprinting 
corresponds to specifi c epigenetic regulation leading to expression of only one 
parental allele of a gene. Some imprinted genes exhibit paternal expression while 
others exhibit maternal expression. Imprinting is mediated by epigenetic modi-
fi cations including DNA methylation and histone modifi cations imposed on either 
maternal or paternal alleles [ 99 ]. Currently, about 75 imprinted genes have been 
identifi ed to date in humans, although it is estimated that from 100 to 600 imprinted 
genes may exist in the human genome [ 109 ]. 

 Imprinting marks from their parents generally maintain at somatic lineages 
through specifi c mechanisms, however, newly-formed germ cells need to erase the 
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imprints of the previous generation and established new ones depending on the sex 
of the new generation [ 116 ]. Numerous studies examined DNA methylation states 
of imprinted genes in migrating and postmigrating PGCs from E9.5 to E12.5 
[ 117 ,  118 ]. Allele-specifi c DNA methylation in nearly all imprinted genes is 
maintained in migrating PGCs until about E9.5, indicating that imprinted genes 
are resistant to the global DNA demethylation in migrating PGCs. The erasure of 
imprinting commences in a part of the migrating PGCs at E9.5, progresses gradually 
afterward, and completes in PGCs at E12.5 [ 99 ]. 

 Despite the mechanism of imprint erasure being unknown, it has been suggested 
that erasure is an active process involving the direct removal of DNA methylation 
[ 119 ]. A recent study showed that some imprinted loci,  H19  and  Lit1 , are resistant 
to the demethylation process in  Aid -defi cient PGCs [ 120 ]. Another study showed 
that several imprinted regions undergo complete demethylation in the Dnmt3a and 
3b knockout ES cells [ 121 ]. The results indicated that the absence of Dnmt3a and 
3b may be a critical requirement for erasure of imprints.   

1.2.2     From Gonocytes to Primary Oocytes 

 In the primitive gonads, PGCs (now called gonocytes) undergo more mitotic 
divisions after they are invested by the somatic support cells and then differentiate 
into oogonia. By 12 weeks development, oogonia in the genital ridges enter the fi rst 
meiotic prophase and then almost immediately become dormant. 

1.2.2.1     Meiotic Arrest 
 Meiosis is a specialized process of cell division that occurs only in germ cell lines. 
In mitosis, a diploid cell replicates its DNA and undergoes a single division to 
yield two diploid cells. In meiosis, a diploid germ cell replicates its DNA and under-
goes two successive cell divisions to yield four haploid gametes [ 101 ]. In females, 
the meiotic divisions of oogonia are unequal and yield a single, massive, haploid 
defi nitive oocyte and three, small, nonfunctional, haploid, polar bodies. Oocytes enter 
meiosis prenatally but do not fi nish the second meiotic division until fertilization, 
thus the process can take several decades to complete [ 122 ]. 

 The preliminary step in meiosis, as in mitosis, is the replication of each chromo-
somal DNA molecule; thus, the diploid cell converts from 2N to 4N. This event 
marks the beginning of gametogenesis. The oogonium is now called a primary 
oocyte. Once the DNA replicates, each consists of two chromatids joined together 
at the centromere. In the next step, prophase, the chromosomes condense into 
compact, double-stranded structures. During the later stages of prophase, the 
double- stranded chromosomes of each homologous pair match up to form a joint 
structure, or, chiasma. Chiasma formation makes it possible for two homologous 
chromosomes to exchange large segments of DNA by “crossing over”. The resulting 
recombination of genetic material on homologous maternal and paternal chromo-
somes is largely random, and, increases the genetic variability of the future gametes. 
Once primary oocytes enter meiotic “arrest” during the fi rst meiotic prophase, they 
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enter a state of dormancy and remain in meiotic arrest as primary oocytes until 
sexual maturity [ 123 ].  

1.2.2.2     Meiosis and Epigenetic Transition 
 In PGCs, the genomes are wiped clean of most of their DNA methylation and 
other chromatin modifi cations, so that germ cells can acquire the capacity to 
support postfertilization development. This process also prepares germ cells for 
meiosis, during which homologous chromosomes become aligned to allow synapsis 
and recombination [ 106 ]. 

 A functional link between DNA methylation and meiosis has been discovered in 
female germ cells. Specifi cally, ablation of ATP-dependent chromatin remodeling 
factor  Lsh  (lymphoid specifi c helicase) gives rise to DNA demethylation and 
activation of transposable elements in mouse female germ cells. Reduced methyla-
tion occurs at tandem repeats and pericentric heterochromatin. These changes 
are associated with incomplete synapsis of homologous chromosomes and develop-
mental arrest at the pachytene stage [ 106 ]. The use of antibodies against methylated 
cytosines (5mC) has shown low methylation levels in both nuclei and chromo-
somes of proliferating oogonia in female mice. In early oocytes at both late zygotene 
and late pachytene/diplotene stages of meiosis, overall DNA methylation remains 
low [ 107 ].   

1.2.3     Folliculogenesis 

1.2.3.1     Primordial Follicle 
 By the 5th month of human fetal development all oogonia begin meiosis, after 
which they are called primary oocytes [ 101 ]. The nucleus of each of these dormant 
primary oocytes, containing the partially condensed prophase chromosomes, 
becomes very large and watery and is referred to as a germinal vesicle. The swollen 
condition of the germinal vesicle may protect the oocyte’s DNA during the long 
period of meiotic arrest [ 101 ]. 

 A single-layered, squamous capsule of epithelial follicle cells derived from the 
somatic support cells tightly encloses each primary oocyte. This capsule and its 
enclosed primary oocyte constitute a primordial follicle. The fi rst primordial follicles 
appear in the human fetus as early as 15th week of gestation, and, are complete by 
6 months after birth [ 124 ]. Studies in human and rodents identify a variety of genes 
involved in primordial follicle assembly, such as transcription factors, zona proteins, 
meiosis-specifi c enzymes and nerve growth factors [ 125 ]. 

 Initiation of meiosis in oogonia with investment of granulosa cells to form the 
primordial follicle appear to protect from atresia, as they cannot persist beyond the 
7th month of gestation without entering meiosis. Therefore, ovaries in the newborn 
are usually devoid of oogonia [ 125 ,  126 ]. By 5 months, the number of primordial 
follicles in the ovaries peaks at about seven million. Most of these follicles sub-
sequently degenerate. By birth only 700,000 to 2 million remain, and by puberty, 
only about 400,000 [ 101 ].  
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1.2.3.2     Primordial-to-Primary Follicle Transition 
 Primordial follicles remain in a dormant phase until being recruited into the 
primary stage for growth. The transition process is an orchestrated multi-directional 
communication among the oocytes and somatic cells (granulosa cells and thecal 
cells), and certain matrix components and growth factors play roles in this process 
and subsequent growth of follicles [ 127 ]. 

 Recent studies on genetically modifi ed mice confi rm inhibitory signals that 
maintain primordial follicles in the dormant state. Loss of function of any of the 
inhibitory molecules for follicular activation, including tumor suppressor tuberous 
sclerosis complex 1 (Tsc-1), phosphatase and tensin homolog deleted on chromo-
some 10 (PTEN), Foxo3a, p27 and Fox12, leads to premature activation of the 
primordial follicle pool [ 128 – 130 ]. Global activation of primordial follicles inevitably 
causes early exhaustion of the follicle pool and premature ovarian failure (POF) 
though only the Fox12 mutation has been linked to POF in human [ 131 ]. The Foxo3a 
knockout mouse is infertile owing to total depletion of follicles, however, mutation 
or common single nucleotide polymorphisms in the Foxo3a gene are not associated 
with POF in human [ 132 ,  133 ]. 

 Anti-Mullerian hormone (AMH) is a member of the transforming growth 
factor- beta (TGF-β) family, produced by granulosa cells of growing preantral and 
small antral follicles as a dimeric glycoprotein [ 125 ]. In fetal ovaries, AMH is fi rst 
detected at 36 weeks of gestation in granulosa cells of developing preantral follicles 
and reaches its highest levels in puberty, becoming undetectable after menopause 
[ 134 ,  135 ]. Increased recruitment of primordial follicles into the growing pool in 
AMH null mice suggests a negative effect of AMH on the primordial-to-primary 
follicle transition [ 136 ,  137 ]. Flattened granulosa cells of primordial follicles become 
cuboidal during transition into their primary stages along with an increase in oocyte 
diameters and acquisition of zona pellucidae [ 138 ]. The transcription factor Fox12 
appears to play a critical role in this transition. Although mice with interruption of 
Fox12 gene had normal formation of primordial follicles, the granulosa cells did 
not complete their squamous-to-cuboidal transition, which led to the absence of 
secondary follicles [ 139 ]. 

 Other signals in the ovary promote transition of primordial follicles to primary 
follicles. Studies on animal models and the human ovary confi rm that BMP-4, 
BMP-7 and GDF-9 are involved in these processes [ 140 ,  141 ]. Mice with the GDF-9 
null gene are infertile owing to arrested follicle development at the primary stage 
with no further growth beyond that stage [ 142 ]. Furthermore, FSH is not required 
for this transition as primordial follicles do not express FSH receptors [ 143 ]. Other 
growth factors and cytokines, such as kit-ligand (KL) and leukemia inhibitory factor 
(LIF) also act at a paracrine level in the formation of primary follicles [ 144 ,  145 ].  

1.2.3.3     Preantral and Antral Follicle 
 With mitotic expansion of granulosa cells, single-layer primary follicles are trans-
formed into multi-layered ones. An increase in oocyte diameter, and formation of 
basal lamina, zona pellucida and theca cell layer are among other changes that 
characterize this developmental stage [ 146 ]. During this phase follicle diameter 
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increases from 40–60 μm at the primary stage to 120–150 μm at the preantral stage. 
With further growth, follicles reach a diameter of 200 μm, and, enter the antral 
stage. It is during this stage that the follicle begins to develop fl uid-fi lled spaces 
within the granulosa cell layers, which will coalesce to form the antral cavity. 
Development of a multi-layered secondary follicle from a primary follicle with a 
single layer of granulosa cells is a lengthy process that takes months in humans. 
This process appears to be independent of the actions of gonadotrophins. Even 
though preantral follicles may express FSH receptors, FSH may have a permissive 
role rather than being essential to preantral follicle growth [ 143 ]. 

 A series of growth factors and cytokines, such as GDF-9, BMP-15, BMP-4, 
BMP-7 and TGF-β play crucial roles in the growth of primary follicles into preantral 
and antral stages. In vitro experiments show that GDF-9 increases the number of 
primary and secondary follicles in human and rodents [ 147 ]. Mice null for the 
GDF-9 gene show arrested follicle growth at the primary stage, which further 
confi rms the growth-promoting effects of GDF-9 on follicles beyond the primary 
stage [ 148 ]. Another positive regulator of follicle growth into preantral and antral 
stage is BMP-15. This oocyte-derived growth factor stimulates the proliferation of 
granulosa cell mitosis in pre-antral follicles during the FSH-independent stages of 
early follicular growth [ 149 ]. Theca cells play an important role in follicle growth. 
Theca- derived BMP-4 and -7 promote follicle growth beyond the primary stage 
in rodents [ 150 ]. During rapid growth of preantral-antral follicles, BMP-4 and -7 
also modulate FSH signaling in a way that promotes estradiol production while 
inhibiting progesterone synthesis, and acting as a luteinization inhibitor. BMP-4 
and -7 do not affect granulosa cell steroidogenesis in the absence of FSH [ 151 ]. 
The actions of TGF-β include proliferation of granulosa cells, progesterone pro-
duction and FSH- induced estradiol production [ 152 ]. 

 In contrast to the positive effects of these growth factors and cytokines, 
AMH appears to have a negative effect on preantral follicle development beyond 
primordial- primary transition [ 153 ]. Its expression is fi rst detected on granulosa cells 
of primary follicles and continues until mid-antral stages of follicle development in 
humans. The highest level of expression occurs in granulosa cells of secondary, 
preantral and small antral follicles less than 4 mm in diameter [ 154 ]. These fi ndings 
suggest a negative effect of AMH on preantral follicle development beyond the 
primordial-primary transition.  

1.2.3.4     Premature Follicle and the Selection 
of Dominant Follicle 

 Follicle growth after the antral stage is characterized by further proliferation of 
granulosa and theca cells, increased vascularization, oocyte growth and formation 
of the antral space. FSH becomes a critical determinant of further follicle growth 
and survival at this stage. Cyclical recruitment of a cohort of antral follicles for 
further growth and selection of a dominant follicle from among this cohort are the 
characteristic features of this phase. When a selected cohort of antral follicles grow, 
modulation of their steroidogenetic activity and their response to gonadotrophins 
are necessary to sensitize certain follicles for further growth and select a dominant 
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follicle [ 125 ]. Current evidence suggests that these goals are accomplished by 
locally produced growth factors, such as activin, GDF-9 and BMPs. 

 Activin A promotes FSH receptor expression in rat granulosa cells and suppresses 
the growth of primary follicles while inducing follicular growth at later stages [ 155 , 
 156 ]. Activin A also involves regulation of estrogen synthesis, LH receptor expres-
sion and oocyte maturation [ 157 ]. When activin signalling is disrupted, follicle 
development arrests [ 158 ]. However, AMH negatively affects cyclic recruitment 
and dominant follicle selection by reducing the responsiveness of preantral and 
small antral follicles to FSH [ 159 ]. 

 Another characteristic of follicular development is a switch from an activin 
A-dominant to inhibin A-dominant environment. Small follicles tend to produce 
more activin A relative to inhibin A, whereas large, selected, antral follicles secrete 
more inhibin A [ 160 ]. Activin A can attenuate LH-dependent androgen production 
by theca cells of small preantral follicles [ 161 ]. On the other hand, inhibin A released 
in large quantities by selected antral follicles counteracts the inhibitory effects of 
activin A and increases LH-induced androgen secretion from theca cells. This 
provides a suffi cient supply of androgen for conversion into estrogens in granulosa 
cells as there will be a great demand for estrogen synthesis during the peri- ovulatory 
period. The expression pattern of activin A subunits and its receptors suggests a 
role for activin in acquisition of maturational competence in oocytes of growing 
pre-antral follicles [ 161 ]. By contrast inhibin A can function as a meiotic inhibitor 
and therefore impair oocyte maturation and developmental competence [ 162 ].  

1.2.3.5     Folliculogenesis and Epigenetic Modification 
 During follicle maturation, appropriate epigenetic modifi cations are necessary for 
normal oocyte growth and development [ 163 ]. Methylation marks are re-established 
with oocyte growth and follicle development. The methylation pattern is related to 
oocyte size and increases throughout the entire nucleus until it reaches its maximal 
level in the fully grown GV-stage oocyte [ 107 ]. Several studies show that DNA 
methylation levels increase with oocyte growth, with a slight increase on day 10 
(post-partum) and marked increases thereafter until the later GV stage in mice 
[ 163 ]. DNA methylation of imprinting genes establishes between days 10 and 15 in 
oocytes [ 164 ]. In addition, de-novo expression of Dnmt3a and Dnmt3b mRNA was 
observed in late GV-stage and 15 day-old oocytes [ 163 ]. These enzymes may cata-
lyze DNA methylation in regions of the genome other than the imprinted genes until 
the late GV stage. The role of global DNA methylation is still unclear, but it may 
involve transiently repressing transposon mobilization to maintain genome stability 
during oocyte growth [ 165 ]. 

 Maternal imprinting is also reset during oocyte growth and maturation. This 
modifi cation may be dependent on the development stage of the oocyte. Various 
imprinted genes receive an imprinting mark asynchronously at particular stages 
during the primordial to antral follicle transition [ 166 ]. These imprints are not 
established at the same time, and each imprinted gene is methylated at a specifi c 
time. Meanwhile, the imprinting pattern of the oocyte is not fully laid down until 
the oocyte is within a mature follicle ready to ovulate [ 167 ]. Remethylation of 
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maternally expressed imprinted genes starts at the secondary follicle stage and 
completes at the antral follicle stage [ 166 ]. Another study shows that  Snrpn ,  Znf127 , 
and  Ndn  genes are imprinted during the process of primordial-to-primary follicle 
transition, whereas imprinting of  Peg3 ,  Igf2r , and  p57   KIP2   occurs at the secondary 
follicle stage [ 167 ]. Additionally, there is species-specifi c difference in the estab-
lishment of methylation imprinting. For example,  Snrp  is methylated in late GV-stage, 
metaphaseI(MI), and metaphaseII (MII) human oocytes [ 168 ]. The establishment of 
maternal methylation imprints for some genes may be later in humans than in mice 
during oocyte development.   

1.2.4     Oocyte Maturation 

 To become competent for normal fertilization and embryonic development, oocytes 
in preovulatory follicles undergo both nuclear and cytoplasmic maturation. 
Nuclear maturation includes at least two steps: oocytes resume meiosis, undergo 
GVBD and progress to metaphase I; the fi rst polar body is extruded and the oocytes 
proceed to metaphase II. In addition to nuclear maturation, oocytes also undergo 
cytoplasmic maturation characterized by cytoplasmic changes essential for mono-
spermic fertilization, processing of the sperm, and preparation for development to 
preimplantation embryos [ 169 ]. 

1.2.4.1     Meiotic Arrest Maintenance 
 Before reproductive maturity, oocytes arrest in prophase I of meiosis. Maintenance 
of oocyte meiotic arrest is dependent upon follicular somatic cells, because oocytes 
or cumulus-oocyte-complexes released from preovulatory follicles resume meiosis 
spontaneously [ 170 ]. 

 Meiotic arrest of oocytes is maintained by high concentrations of the second 
messenger cyclic AMP (cAMP) [ 171 ]. cAMP levels within the oocyte affect the 
activity of maturation promoting factor (MPF), a complex of Cdc2 and cyclin B, 
via cAMP-dependent protein kinase A (PKA). High cAMP levels in oocytes 
result in phosphorylation of Cdc2 on Thr14 and Tyr15, keeping the MPF complex 
inactive. A decrease of cAMP levels within oocytes leads to dephosphorylation 
of Thr14 and Tyr15, and MPF becomes active so that oocytes can resume meiosis. 
The phosphorylation is catalyzed by Wee1 kinases, whereas dephosphorylation is 
dependent on Cdc25 phosphatases. The activity of Wee1 kinases and Cdc25 phos-
phatases is directly regulated by PKA [ 172 ,  173 ]. 

 Because oocyte meiotic arrest is dependent on the interaction between oocyte 
and follicular somatic cells, cAMP in oocytes may derive from somatic cells through 
gap junctions which are present between cumulus cells and oocytes. However, cAMP 
levels remain constant when gap junctions are closed, suggesting that cAMP can be 
produced by the oocyte. Recent studies found that G-protein coupled receptors 
(GPCRs), GPR3 and GPR12, are expressed by rodent oocytes and these receptors 
play a role in maintaining high cAMP levels within oocyte and meiotic arrest. 
Other intracellular components required for cAMP generation such as Gs protein 
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and adenylyl cyclases are present in oocytes and are functional [ 173 ]. Thus, cAMP 
may also be generated autonomously by the oocyte at levels suffi cient to maintain 
meiotic arrest. 

 Cyclic GMP is also important for maintaining meiotic arrest. Increasing cGMP 
levels in the oocyte maintains meiotic arrest. Phosphodiesterase 3A (PDE3A), an 
oocyte-specifi c phosphodiesterase, is crucial for meiotic resumption. This enzyme 
decreases cAMP levels within oocyte after LH surge, and, initiates pathways leading 
to meiotic resumption. Before the LH surge, the activity of PDE3A is inhibited by 
cGMP [ 174 ]. Recent studies show that mural granulosa cells express natriuretic 
peptide precursor type C (NPPC), whereas cumulus cells surrounding oocytes express 
NPR2, the receptor of NPPC. NPPC can increase cGMP levels in cumulus cells and 
oocytes in cultured cumulus-oocyte-complexes. And meiotic arrest is not sustained 
in Graafi an follicles of Nppc or Npr2 mutant mice [ 175 ]. It is likely that NPPC 
produced by mural granulosa cells activates NPR2 in cumulus cells, and activated 
NPR2 increases cGMP levels in cumulus cells. Since NPR2 is not detectable in 
oocytes, high levels of cGMP within oocytes may be a result of transferring cGMP 
from cumulus cells to oocytes through gap junctions. High, cGMP levels in oocytes 
suppress PDE3A activity, resulting in elevated cAMP levels within oocytes that 
block meiotic progression.  

1.2.4.2     Meiotic Resumption Triggered by LH 
 The preovulatory LH surge triggers a cascade of events in ovarian follicles, including 
resumption of meiotic maturation, luteinization, expansion or maturation of the 
cumulus cells, and follicle rupture. The LH receptor belongs to the group of GPCRs 
that depend on interaction with Gsα and activation of adenylyl cyclase to produce 
cAMP. It is accepted that cAMP is the primary signal mediating LH stimulation, but 
numerous signals activate after the LH surge, and, are involved in the resuming 
oocyte meiosis. 

 Regulation of meiotic maturation may include mitogen activated protein kinase 
(MAPK), also termed extracellular regulation kinase (ERK). The most widely 
studied MAPKs in oocytes are ERK1 and ERK2, which can be phosphorylated by 
upstream MEK (MAPK kinase). Artifi cial activation of MAPK re-initiates meiosis. 
LH-dependent ERK 1/2 is activated downstream of cAMP and dependent on PKA 
activation. Recent studies show that MAPK in cumulus cells plays a critical role in 
resumption of oocyte meiosis [ 176 ]. Multiple signaling cascades, including PKC, 
gap junctions, epidermal growth factor (EGF) and endothelin-1 pathways may also 
mediate ERK 1/2 activation. 

 Phosphatidylinositol 3-kinase (PI3K) phosphorylates the D-3 position of the 
inositol ring of phosphatidylinositol to produce phosphatidylinositol-3-phosphate and 
its analogues. The role of PI3K in resuming meiosis in mouse, rat, porcine and bovine 
includes regulating oocyte maturation through gap junctions between cumulus cells 
and oocytes [ 177 ]. PI3K may also regulate oocyte maturation by activation of RAS 
since PI3K related enzyme is crucial for RAS-induced, MPF activation [ 178 ]. 

 Mammalian oocytes express few LH receptors and are insensitive to direct 
LH stimulation [ 179 ]. Thus, factors released by somatic follicular cells convey LH 
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stimuli to oocytes. Recently, the discovery that LH surge activates EGF signaling 
network has provided new insights on how the LH signal is conveyed from mural 
granulosa cells to the cumulus-oocyte-complexes to induce oocyte maturation. LH 
induces a rapid and transient expression of EGF-like factors, amphiregulin (AREG), 
epiregulin (EREG) and betacellulin (BTC), in somatic cells of preovulatory murine 
follicles. In vitro culture of follicles with EGF-like factors promotes cumulus 
expansion and oocyte maturation [ 180 ]. EGF-like factor infl uences LH induction of 
oocyte maturation in several other species, including pig, horse, monkey and human 
[ 181 ]. In addition to EGF-like factors, insulin-like 3 (INSL3) and endothelin-1 also 
mediate the actions of LH in controlling GVBD of the oocyte. These factors transmit 
ovulatory LH signals from theca or granulosa cells to cumulus cells or oocytes via 
their receptors in a paracrine manner. Binding to their receptors in cumulus cells or 
oocytes, activates downstream signaling cascades to resume meiosis. EGF-like 
factors activate EGF receptors on cumulus cells and induce resumption of oocyte 
meiosis via PI3K and ERK 1/2 signal pathways, probably by disrupting gap junctions 
[ 182 – 184 ]. LH stimulates INSL3 transcripts in ovarian theca cells and INSL3 binds 
a GPCR, LGR8 (leucine-rich repeat-containing G protein-coupled receptor 8), 
expressed in oocyte to activate the inhibitory G protein, thus leading to decreases in 
cAMP production [ 185 ]. Endothelin-1 promotion of GVBD is mediated by cumulus 
cells through EDNRA, involving MAPK/ERK pathway [ 186 ]. 

 Intercellular communications are essential for oocyte responses to the LH surge. 
Gap junctions are responsible for transmitting signals between somatic cells of the 
follicle, as well as the cumulus cells and oocytes. Gap junctions consisting of inter-
cellular channels are located at points of very close cell-cell contact. The junctional 
channel is composed of two end-to-end hemichannels, each of which is a hexamer 
of connexin subunits [ 187 ]. Different types of gap junctions are distinguishable on 
connexins and permeable to molecules of different sizes and charge. Of the 20 
connexins encoded in the mammalian genome, connexin 43 (CX43) and connexin 
37 (CX37) play critical roles in oocyte maturation. CX43 is the primary connexin in 
the follicular somatic cell junctions, by contrast, CX37 is found at the oocyte surface 
in oocyte-somatic cell gap junctions. LH causes a decrease in the gap junction 
permeability between the somatic cells, resulting from MAP kinase-dependent 
phosphorylation of CX43 [ 188 ]. CX43 phosphorylation induces gap junction 
closure suffi cient for initiating resumption of meiosis. However, a parallel meiosis- 
stimulatory mechanism may be present, as the inhibition of MAP kinase activation, 
which prevents the LH-induced channel closure, does not prevent the meiotic 
progression in response to LH. Oocytes of CX37 mutant mice fail to undergo 
GVBD when released from the follicles and granulosa cells prematurely became 
luteal cells, suggesting CX37 is responsible for transmitting signals from oocyte to 
granulosa cells to maintain the differentiated status of granulosa cells [ 187 ].  

1.2.4.3     Cytoplasmic Oocyte Maturation 
 The processes of oocyte nuclear maturation and cytoplasmic maturation are 
usually coordinated. However, some oocytes competent to complete nuclear 
maturation are unable to develop to blastocyst stage, which is indicative of defi cient 
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or defective cytoplasmic maturation [ 169 ]. Cytoplasmic maturation involves 
organelle redistribution and storage of mRNA, proteins and transcription factors 
which are crucial for completion of meiosis, fertilization and early embryo develop-
ment [ 189 ]. 

 Ultrastructural changes and organelle redistribution occur during oocyte 
maturation. Cytoskeletal microfi laments and microtubules present in the cytoplasm 
promote the movements of these organelles and act on chromosome segregation. 
Ultrastructural examination shows that mitochondria in bovine oocytes move from 
a peripheral distribution to a more dispersed distribution after LH surge. Upon 
reaching metaphase II, the mitochondria move to the central area of oocytes and 
produce ATP necessary for synthesis of proteins supporting oocyte maturation and 
subsequent embryonic development [ 189 ]. Mouse oocytes from small antral follicles, 
matured in vitro, have reduced number of mitochondria, reduced amounts of ATP 
and abnormal mitochondrial distributions, suggesting compromised developmental 
potential [ 189 ]. Ca 2+  oscillation, triggered by a fertilizing spermatozoon, is essential 
for activation of the embryonic development. The ability to generate Ca 2+  oscillation 
develops during the oocyte maturation process and involves several cytoplasmic 
changes [ 190 ]. Endoplasmic reticulum (ER) plays an important role in regulation 
of Ca 2+  gradients. Storing and releasing Ca 2+  are mediated by inositol 1,4,5 
tri-phosphate receptor (IP3R), which is located on the ER membrane [ 190 ]. Thus, 
biochemical and structural changes in the ER during maturation are critical for 
generation of Ca 2+  oscillation. In GV stage oocytes, the ER is uniformly distributed 
in the ooplasm. However, following maturation to MII, the ER moves to cortical 
regions and accumulates in 1~2 μm wide clusters. Morphology of the ER also 
characteristically changes during oocyte maturation [ 191 ]. The exocytosis of cortical 
granules is an important mechanism used by the oocyte to prevent polyspermy. 
Cortical granules of GV oocytes are distributed in cluster throughout the cytoplasm. 
When the oocytes reach MII stage, cortical granules aggregate at the inner surface 
close to the plasma membrane. 

 To acquire developmental competence, oocytes complete “molecular maturation” 
consisting of transcription, storage and processing of maternal mRNA. The ribosomes 
further translate these mRNAs into proteins involved in maturation, fertilization and 
embryogenesis. Since global transcriptional silencing in fully grown oocytes is a 
critical event during mammalian oogenesis, these mRNAs will be stored in an 
inactive form and sustain the very early stages of preimplantation development 
through timely translation. Altered expression of maternal genes such as Zar1, 
Npm2, stella, Smarca4 and Oct4 leads to developmental arrest at the time of zygotic 
genome activation [ 192 ].   

1.2.5     Epigenetic Regulation During Oogenesis 
and Oocyte Maturation 

 The molecular changes that occur during oogenesis are important for oocytes 
to acquire its developmental competence. In addition to transcription factor 
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binding to promoters, regulation of transcription may be achieved through 
epigenetic mechanisms. Epigenetic mechanisms in oocyte and early embryo include 
chromatin remodeling, DNA methylation, histone modifi cation and non-coding 
RNAs [ 193 ]. 

1.2.5.1     Chromatin Remodeling 
 During mammalian oocyte growth, the nucleus of oocyte arrests at diplotene 
stage, termed the germinal vesicle (GV), and undergoes chromatin remodeling for 
control of gene expression. GV oocytes from murine antral follicles divide into 
two groups according to the chromatin distribution in the nucleus. (I) surrounded 
nucleolus (SN) oocytes, with rather condensed chromatin surrounding the nucleolus; 
(II) non- surrounded nucleolus (NSN) oocytes, with more dispersed chromatin not 
surrounding the nucleolus [ 194 ]. Other mammalian GV oocytes, including rats, 
monkeys, pigs and humans also possess similar SN/NSN chromatin organization. 

 During oocyte growth and maturation, GV chromatin confi guration varies in 
different species. In mice, oocytes in preantral follicles with a diameter between 
10 and 40 μm have NSN confi guration. SN oocytes can only be found in antral 
follicles and the proportion of SN confi guration increases as the size of the 
oocytes becomes larger. SN oocytes are silent during transcription, while NSN 
oocytes are actively transcribing. Transcriptional repression is associated with meiotic 
competence in fully grown GV oocytes [ 195 ]. The percentage of oocytes that 
resume meiosis is higher in SN oocytes than in NSN oocytes. After fertilization, 
NSN oocytes cannot develop beyond the 2-cell stage while a proportion of SN 
oocytes can develop to blastocyst [ 196 ]. Thus, the chromatin confi guration is highly 
related to oocyte developmental competence.  

1.2.5.2    DNA Methylation 
 In mammals, maternal and paternal alleles of most genes are expressed at similar 
levels, but some genes behave differently depending on their parent of origin. These 
genes are called imprinted genes and regulated by DNA methylation in differentially 
methylated region (DMR) during gametogenesis. Up to now, more than 100 imprinted 
genes are identifi ed in mammals and most of them are maternally imprinted. In female 
germlines, DNA methylation is erased during the differentiation of primordial germ 
cells, and de novo DNA methylation initiates asynchronously during the growth 
phase of diplotene-arrested oocyte [ 197 ]. DNA methylation is established in an 
oocyte size-dependent manner, and the maternal methylation imprints become fully 
established by the fully grown oocyte stage [ 198 ]. 

 DNA methylation occurs at the C5 position of cytosine, mostly within CpG dinu-
cleotides. CpG methylation regulates the expression of imprinted and non-imprinted 
genes. DNA methyltransferases are a family of enzymes that catalyze the transfer of 
a methyl group to DNA. Dnmt3a and Dnmt3b are responsible for establishing 
de novo CpG methylation, while Dnmt1 maintains the methylation pattern during 
chromosome replication. The activity of Dnmt3a and Dnmt3b is catalyzed by a 
related protein, Dnmt3L. Dnmt3L is highly expressed in germ cells and forms 
a complex with Dnmt3a and Dnmt3b [ 197 ]. Although Dnmt3b is dispensable for 
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the establishment of maternal imprints, Dnmt3a and Dnmt3L are both necessary to 
establish maternal imprints in growing oocytes. Dnmt1o, the oocyte-specifi c isoform 
of Dnmt1s methyltransferase, is produced in oocytes and maintains the CpG 
methylation in oocytes and preimplantation embryos [ 192 ].  

1.2.5.3    Histone Modification 
 In addition to DNA methylation, histone modifi cation plays an important role in 
controlling gene expression in gametes and early embryos. Nucleosome is the 
fundamental building component of chromatin and it is composed of 147 base pairs 
of genomic DNA and an octamer of two subunits of each of the core histones H2A, 
H2B, H3 and H4. The amino-terminal portion of the histone protein contains a 
fl exible and highly-basic tail region, which is subject to various post-translational 
modifi cations, including acetylation, phosphorylation, methylation, ADP-ribosylation, 
ubiquitination, sumoylation, biotinylation and proline isomerization [ 199 ]. 

 Histone acetylation is associated with enhanced transcriptional activity, whereas 
histone deacetylation is correlated with repression of gene expression. Acetylation 
of H3 and H4 is more extensively studied than H2A and H2B. The level of acetylation 
on histone H3 and H4 increases during oocyte growth and generally all the lysine 
residues are acetylated in fully grown GV oocytes. However, with the resumption of 
meiosis, deacetylation will take place in several lysine residues and reaches its peak 
in MII oocytes. Histone (de)acetylation is related to chromatin remodeling during 
oocyte growth and is necessary for the binding of a chromatin remodeling protein to 
the centromeric heterochromatin, an essential step for the correct alignment of the 
chromosomes [ 192 ]. 

 Although all core histones contain phosphor-acceptor sites, the phosphorylation 
of serine 10 and 28 residue on histone H3 (H3/Ser10ph and H3/Ser28ph) is the most 
extensively characterized. However, studies on distribution and expression of 
H3/Ser10ph and H3/Ser28ph during oocyte maturation are discordant. The phos-
phorylation level of both H3/Ser10ph and H3/Ser28ph increases as oocytes proceed 
to MI stage, but the distribution pattern are different between them. Although 
phosphorylation of H3/Ser10ph correlates with chromosome condensation in mitotic 
cells, recent studies demonstrate that there are no relationships between H3/Ser10ph 
phosphorylation and chromosome condensation. However, H3/Ser28ph may be 
associated with chromosome condensation in oocytes [ 199 ]. 

 In contrast to acetylation and phosphorylation, histone methylation is relatively 
stable during oocyte maturation. The main methylation sites are the basic amino 
acid side chains of lysine (K) and arginine (R) residues. Histone methylation 
may contribute to establishment and maintenance of an imprinted pattern of gene 
expression together with DNA methylation [ 192 ,  199 ].  

1.2.5.4    Small RNAs Regulation of Oocyte Maturation 
 From the fully grown oocyte stage until zygotic genome activation (ZGA), the 
genome is transcriptionally silent. During this period, all mRNA regulation must 
occur post-transcriptionally. Transcripts expressed by oocytes will support its 
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maturation, fertilization and early stages of embryonic development [ 200 ]. By MII 
stage, more than half of the mRNA stored in oocytes will be degraded. Small, non-
coding RNAs are implicated in the elimination of maternal mRNAs [ 201 ]. 

 Small, non-coding RNAs range in size from 18 to 32 nucleotides (nt) in length 
and play a critical role in post-transcriptional regulation. Three major classes of 
small, non-coding RNAs have been identifi ed in mammals: microRNAs (miR-
NAs), endogenous small interfering (endo-siRNAs) and Piwi-interacting RNAs 
(piRNAs) [ 34 ]. There are two subclasses of miRNAs, canonical and non-canonical 
miRNAs. Canonical miRNAs will be processed by Drosha-Dgcr8 complex to form 
pre- miRNAs transported from the nucleus into cytoplasm while non-canonical 
 miRNAs can bypass the Drosha-Dgcr8 step [ 202 ]. Both miRNAs and endo-siRNAs 
involve RNase III enzyme Dicer processing with Dicer products being assembled into 
ribonucleoprotein complexes called RNA-induced silencing complexes (RISC). RISC 
binds the target RNA and silences gene expression by cleaving the target RNA [ 33 ]. 
The key components of RISC are proteins of Argonaute (Ago) family. In mammals, 
four Ago proteins function in miRNA repression but only Ago2 functions in siRNA 
repression. Ago2 is maternally expressed and plays an essential role in degradation of 
maternal mRNAs. In contrast, piRNAs don’t require Dicer processing and are 
expressed predominantly in germ lines in mammals. They are able to interact with the 
piwi proteins, a distinct family of Argonaute family [ 202 ]. 

 Previous studies demonstrate that miRNAs, such as Let-7, Mir22, Mir16-1 and 
Mir29, are present in oocytes. Furthermore, mRNA profi ling and bioinformatic 
analyses show that many targets for the expressed miRNAs are also present in 
oocytes. However, there is little miRNA function in mature oocytes [ 203 ] and the 
mRNA levels of oocytes from Dgcr8 mutant mice are unchanged [ 204 ]. These 
results suggest that miRNA function is downregulated during oocyte development. 
In contrast, endo-siRNAs may play an essential role in oocyte meiosis. Dicer loss in 
oocytes show hundreds of misregulated transcripts and results in meiosis arrest 
with abnormal spindles and severe chromosome congression defects [ 205 ]. 
Ago2- defi cient oocytes have similar phenotypes [ 206 ]. These results suggest a role 
for endo-siRNA in regulating oocyte meiosis. piRNAs have been identifi ed in 
growing oocytes, but deletion of Piwi proteins have no oocyte phenotype [ 202 ]. 
The role of piRNAs in oogenesis remains to be defi ned.    

1.3     Fertilization 

 Fertilization is the union of a humanoid egg and sperm, that usually occurs in the 
ampulla of the uterine tube. Fertilization is more a chain of events than a single, 
isolated phenomenon. Indeed, interruption of any step in the chain will almost 
certainly cause fertilization failure. Successful fertilization requires not only that a 
sperm and egg fuse, but that only one sperm fuses with the egg. Fertilization by 
more than one sperm, polyspermy, almost inevitably leads to early embryonic death. 
The eggs of many species adopt different strategies to avoid polyspermy. 
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1.3.1     Sperm Capacitation 

 Mammalian sperm are unable to fertilize eggs immediately after ejaculation. 
They acquire fertilization capacity after residing in the female tract for a fi nite 
period of time that varies depending on the species. The sperm of many mammals, 
including humans, can also be capacitated by incubation in certain fertilization 
media. Molecular events implicated in the initiation of capacitation include 
lipid rearrangements in the sperm plasma membrane, ion fl uxes resulting in 
alteration of sperm membrane potential [ 207 ], and increased tyrosine (tyr) phos-
phorylation [ 208 ] of proteins involved in induction of hyperactivation and the 
acrosome reaction. Sperm that have undergone capacitation are said to become 
hyperactivated, and, display hyperactivated motility. Most importantly however, 
capacitation appears to destabilize the sperm's membrane to prepare it for the 
acrosome reaction.  

1.3.2     Sperm-Zona Pellucida Binding 

 The egg is encased within a zona and surrounded by layers of cells of the cumulus. 
Sperm must penetrate these vestments to fuse with the egg. The cumulus acts 
as a selective barrier, arresting both uncapacitated sperm as well as sperm that 
have completed the acrosome reaction, while permitting capacitated, acrosome-
intact sperm to penetrate and engage in the later steps of fertilization [ 209 ]. 
Exposure of sperm to either cumulus cells or to cumulus-conditioned medium 
increase the duration of motility, the forward velocity, and the force generated 
by fl agellar beating. Binding of sperm to the zona pellucida is a receptor-ligand 
interac tion with a high degree of species specifi city [ 210 ]. The carbohydrate 
groups on the zona pellucida glycoproteins function as sperm receptors. The 
sperm molecule that binds this receptor is not known with certainty, and indeed, 
there may be several proteins that can serve this function. In addition, cumulus 
cells may release a sperm chemo- attractant [ 211 ]. To reach the egg plasma 
membrane, sperm adhere to the outer edge of the zona, undergo acrosomal 
exocytosis that is regulated by the zona, and then move into, and through, the 
zona matrix.  

1.3.3     The Acrosome Reaction 

 The acrosome is a Golgi-derived, exocytotic organelle that covers the tip of the 
sperm head. Acrosomal exocytosis, the so-called acrosome reaction, happens only 
in capacitated sperm and is a prerequisite for a sperm to fuse with an egg [ 212 ]. 
The acrosome reaction provides the sperm with an enzymatic “drill” to get through 
the zona pellucida. The same zona pellucida protein that serves as a sperm receptor 
also stimulates a series of events that lead to many areas of fusion between the 
plasma membrane and outer acrosomal membrane. Membrane fusion (actually an 

Y.-H. Ye et al.



27

exocytosis) and vesiculation expose the acrosomal contents, leading to leakage of 
acrosomal enzymes from the sperm's head [ 213 ]. 

 The mechanism of the acrosome reaction itself has been well characterized. 
In brief, transient calcium infl ux leads to activation of phospholipase C (PLC), and 
activated PLC generates IP3 and diacylglycerol (DAG) from PIP2. IP3 releases 
calcium from intracellular stores, and DAG mediates PKC activation and phos-
phorylation of substrate proteins [ 214 ]. These early events promote a subsequent 
calcium infl ux via transient receptor potential cation channels (TRPCs), which 
induces the complete acrosome reaction. Disruption of Plcd4 impairs the in vitro 
ZP-induced acrosome reaction, while the Ca 2+  ionophore A23187-induced acrosome 
reaction occurs normally [ 215 ]. 

 Sperm that lose their acrosomes before encountering the oocyte are unable to 
bind to the zona pellucida and thereby unable to fertilize. Assessment of acrosomal 
integrity of ejaculated sperm is commonly used in semen analysis.  

1.3.4     Penetration of the Zona Pellucida 

 After passing through the cumulus oophorus, sperm encounter the ZP, their last 
hurdle before meeting the egg. The major components of the ZP are three glycosylated 
proteins, Zp1, Zp2, and Zp3. Zp3 functions as the primary sperm receptor and can 
induce the acrosome reaction [ 216 ]. 

 The ZP not only functions as a receptor for sperm but also acts as a species- specifi c 
barrier. One study replaced mouse Zp2 and Zp3 with their human homologs and 
examined the fertilization potential of eggs surrounded with a mouse Zp1/human 
ZP2/human ZP3 chimeric ZP [ 217 ]. Mouse sperm, but not human sperm, were able 
to bind to the chimeric ZP and fertilize the eggs. As Zp3 is thought to be the primary 
sperm receptor, these results suggest that oligosaccharides attached to the ZP pro-
teins, rather than the peptide sequences themselves, are critical for species- specifi c 
sperm binding. 

 Five knockout mouse strains (Clgn-, Ace-, Adam1a-, Adam2-, and Adam3- 
knockout mice) have sperms that show defective sperm-ZP binding [ 218 – 222 ]. And 
sperm share another notable phenotype: they are unable to migrate into the oviduct. 
This suggests that oviduct migration and ZP binding might share a common 
mechanism.  

1.3.5     Sperm-Oocyte Binding 

 After penetration of the ZP, sperm immediately meet and fuse with the egg plasma 
membrane. Once a sperm penetrates the zona pellucida, it binds to and fuses with 
the plasma membrane of the oocyte. Binding occurs at the posterior (post- acrosomal) 
region of the sperm head. 

 The molecular nature of sperm-oocyte binding is not completely resolved. 
A leading candidate in some species is a dimeric sperm glycoprotein called 
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fertilin, which binds to a protein in the oocyte plasma membrane and may also 
induce fusion. Interestingly, humans and apes have inactivating mutations in the 
gene encoding one of the subunits of fertilin, suggesting that they use a different 
molecule to bind oocytes. Izumo1 −/−  male mice are completely sterile, even though 
the mutant sperm can penetrate the ZP and contact the egg plasma membrane. When 
the fusion step was bypassed by intracytoplasmic sperm injection into unfertilized 
eggs, Izumo1 −/−  sperm activated eggs, and the fertilized eggs developed to term 
normally when transferred to the uterus of female mice. Therefore, the Izumo1 
protein is essential for sperm-egg fusion [ 223 ]. And the Cd9-knockout mouse 
shows a defect restricted to eggs, in which the protein was found to be essential for 
sperm-egg fusion [ 224 ]. If these proteins do indeed interact, it is likely that they 
both require associating proteins on the sperm and egg cell surface, and the identity 
of these putative factors is being intensively investigated.  

1.3.6     Egg Activation and the Cortical Reaction 

 Prior to fertilization, the egg is in a quiescent state, arrested in metaphase of the 
second meiotic division. The transition of an unfertilized, MII-arrested egg into a 
developing embryo requires completion of a sequence of events known as egg 
“activation”. These events include cortical granule (CG) exocytosis, modifi cations 
of the zona pellucida and plasma membrane that prevent polyspermy, completion of 
meiosis, recruitment of maternal mRNAs into polysomes for translation, and forma-
tion of male and female pronuclei [ 225 ]. 

 Upon binding of a sperm, the egg rapidly undergoes a number of metabolic and 
physical changes. Prominent effects include a rise in the intracellular concentration 
of calcium, completion of the second meiotic division and the so-called cortical 
reaction. 

 The cortical reaction refers to a massive exocytosis of cortical granules seen 
shortly after sperm-oocyte fusion [ 226 ]. Cortical granules contain a mixture of 
enzymes, including several proteases, which diffuse into the zona pellucida following 
exocytosis from the egg. These proteases alter the structure of the zona pellucida, 
inducing what is known as the zona reaction. Components of cortical granules may 
also interact with the oocyte plasma membrane.  

1.3.7     The Zona Reaction 

 The zona reaction refers to an alteration in the structure of the zona pellucida 
catalyzed by proteases from cortical granules. The critical importance of the zona 
reaction is that it represents the major block to polyspermy in most mammals [ 227 ]. 
This effect is the result of hardening of the zona pellucida. “Runner-up” sperm that 
have not fi nished traversing the zona pellucida by the time the hardening occurs, 
cannot proceed further.  
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1.3.8     Post-fertilization Events 

 Following fusion of the fertilizing sperm with the oocyte, the sperm head incorpo-
rates into the egg cytoplasm. The nuclear envelope of the sperm disperses, and 
the chromatin rapidly loosens from its tightly packed state in a process called 
de- condensation. In vertebrates, other sperm components, including mitochondria, 
are degraded rather than incorporated into the embryo. 

 Chromatin from both the sperm and egg become encapsulated in a nuclear 
membrane, forming pronuclei. Each pronucleus contains a haploid genome [ 228 ]. 
They migrate together, their membranes break down, and the two genomes condense 
into chromosomes, thereby reconstituting a diploid organism.      
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