
Chapter 12
KPFM and PFM of Biological Systems

B.J. Rodriguez and S.V. Kalinin

Abstract Surface potentials and electrostatic interactions in biological systems
are key elements of cellular regulation and interaction. Examples include cardiac
and muscular activity, voltage-gated ion channels, protein folding and assembly,
and electroactive cells and electrotransduction. The coupling between electrical,
mechanical, and chemical signals and responses in cellular systems necessitates
the development of tools capable of measuring the distribution of charged species,
surface potentials, and mechanical responses to applied electrical stimuli and vice
versa, ultimately under physiological conditions. In this chapter, applications of
voltage-modulated atomic force microscopy (AFM) methods including Kelvin
probe force microscopy (KPFM) and piezoresponse force microscopy (PFM)
to biological systems are discussed. KPFM is a force-sensitive non-contact or
intermittent-contact mode AFM technique that allows electrostatic interactions and
surface potentials to be addressed. Beyond long-range electrostatic interactions, the
application of bias can lead to a mechanical response, e.g., due to linear piezoelectric
coupling in polar biopolymers or via more complex electrotransduction and redox
pathways in other biosystems. The use and development of PFM, based on direct
electromechanical detection, to biological systems will also be addressed. The
similarities and limitations of measuring surface potentials and electromechanical
coupling in solution will be outlined.
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12.1 Introduction

12.1.1 Electric Potentials and Electromechanics in Biosystems

Electrostatic interactions and electromechanical coupling in biological systems
are key to biological structure and functionality, and span length scales from the
single molecule to the cellular level and beyond [1–6]. The most widely known
examples include muscle contraction, hearing, and voltage-gated ion channels. The
electrostatics of proteins, membranes, and their interactions with each other and
their environment have been broadly studied [7–13]. It is thought that charged
surface residues impact protein folding and stability [14], and that long-range
electrostatic forces drive initial nonspecific protein-protein associations [15]. The
surface potential of cellular membranes varies according to the lipid composition,
and the negative surface charge on the inner plasma membrane plays a role in
cellular signaling to initiate, e.g., phagosome formation [16, 17]. The electric
potential differences across a membrane regulate the proton transfer process of
proton pumps [18, 19]. Electric fields associated with membranes often extend
beyond the associated membrane deep into the cytosol as was recently shown for
mitochondrial membranes [20], and models have been proposed which describe
a three dimensional electric field cellular signaling network with the nucleus
at the center of a cytoskeletal network [21]. Membrane surface charges also
influence the formation of calcium microdomains [22], place constraints on protein
anchoring [23] and import [24], and regulate membrane protein function, including
electroconformational coupling [25–27] and the gating of ion channel proteins
[28–30]. The complexity of the electrostatic interactions on a single membrane
level can be illustrated in Fig. 12.1a. Note that the presence of the proteins in the
membrane will affect local charge distributions making the membrane potential
laterally inhomogeneous. In addition, deformation of the membrane will change
potential distributions due to the flexoelectric effect.

These electrostatic interactions are fundamental to biological processes at the
molecular and cellular levels, and the improper generation or sensing of electric
signals can indicate significant deviations in biological function. Recently, it was
shown that a reduction in the neuronal membrane potential is associated with
Alzheimer’s [32]. Similarly, membrane potentials are tied to cell cycle and death
[33]. Beneficial and detrimental effects of external fields on tissue formation and
repair have been studied in detail [34, 35].

Clearly, electric fields and electrostatic interactions are an integral component
of the complete biophysical picture. These electrical signals are strongly linked
to mechanical responses, e.g., as a conformational change in a protein or cellular
electrotransduction and the mechanisms by which a cell converts an electrical signal
to a chemical or mechanical response. Similarly, mechanical stimuli can result in an
electrical signal. This class of interactions are described as electromechanical cou-
pling and can take multiple forms, ranging from relatively simple mechanisms such
as membrane flexoelectricity and biopolymer piezoelectricity [36, 37] to auditory
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Fig. 12.1 (a) Electrostatics across a cellular plasma membrane. At each membrane interface,
the negative charge of the polar heads of the phospholipids is compensated by a cationic Gouy–
Chapman (GC) layer separated by a compact layer (CL) of strongly polarized water molecules.
Electric potential (�) is the sum of the potential across the CL (��) and the GC (�GC ).
(b) Electromechanical coupling in functional materials. The solid blue and red lines correspond
to estimated limits of nanoindentation and atomic force microscopy, respectively, while the dashed
red lines correspond to the ultimate limits that can be achieved through the instrumentation
development including resonant-enhanced modes, low-noise beam deflection position systems,
and high-stability platforms. Panel (a) reproduced with permission from [6]. Copyright 1996, John
Wiley & Sons, Inc. Panel (b) adapted with permission from [31]. Copyright 2008, Elsevier

and sensory activity that amplifies high-frequency signals [5]. Note that in biological
systems, the traditional separation of electromechanical interactions into long-
range electrostatic forces and electromechanical piezoelectric and electrostrictive
interactions is challenging. For example, the presence of mobile ions will render
electrostatic interactions short-ranged and screened at the scale of the corresponding
Debye length. Furthermore, the interplay between ionic field motion and specific
adsorption gives rise to a broad range of electrocapillary phenomena that can
be interpreted differently dependent on the scale of the observation (e.g., local
electrostatic interactions and tissue-level piezoelectric coupling). Correspondingly,
we aim to keep the discussion general to include all forms of electromechanical
coupling in biosystems.

Typical values of electromechanical response for a wide range of functional
materials and systems are shown in Fig. 12.1b. Piezoelectricity is the linear coupling
in a material between a mechanical strain and an electric polarization (or a
redistribution of charge), or, conversely, between an applied field and a mechanical
deformation, both more generally referred to as electromechanical coupling, and has
been observed in calcified tissues such as bone. This has prompted speculation that
piezoelectricity could be partially responsible for biomineralization (the formation
and mineralization of bone and dental tissues) and bone remodeling (the process of
bone tissue renewal, which depends on the regulation of osteoclast and osteoblast
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activity). In fact, a key missing element of understanding mechanotransduction
in bone cell regulation is how bone cells sense mechanical stimuli of different
magnitudes, direction, and duration [38]. Wolff’s law [39] states that bone develops
and adapts (self-organizes) to mechanical stresses to produce a structure best-suited
to withstand the applied stress. Thus, the direction-dependent piezoelectricity of
collagen, which generates an electric potential proportional to an applied stress, is
an intriguing mechanism by which osteoclast and osteoblast cells can sense where
bone should be resorbed or formed, respectively.

This relation between mechanics and change in potential underscores the impor-
tance of being able to measure both electrical and electromechanical interactions in
biological systems. The coupling between electrical, mechanical, and chemical sig-
nals and responses in molecular and cellular systems necessitates the development
of tools capable of measuring the distribution of charged species, surface potentials,
and mechanical responses to applied electrical stimuli and vice versa, ultimately
under physiological conditions. Atomic force microscopy (AFM) [40] is ideally
suited to measure electrostatic and electromechanical interactions owing to the
high lateral and force resolution it offers. Below, we discuss the implementation of
two complementary voltage-modulated AFM methods, namely, Kelvin probe force
microscopy (KPFM) as a method to study electrostatic interactions and piezore-
sponse force microscopy (PFM) as a method to study electromechanical coupling
in biosystems. We emphasize that while for low-resolution ambient and ultra-
high vacuum imaging, these techniques can be clearly differentiated (noncontact
and contact regimes, respectively), for high-resolution studies achieving molecular
and atomic resolution [41] and for studies in liquid environments (no jump-to-
contact instability), this separation is somewhat artificial, and both electrostatic and
electromechanical interactions must be taken into account to give a full picture of
voltage-induced mechanical responses as deduced from the measured signals.

12.1.2 Voltage Modulation SPM for Electrical
and Electromechanical Measurements

12.1.2.1 Kelvin Probe Force Microscopy

In this section, the use of electrostatic force microscopy (EFM) and KPFM to
measure electric fields and contact potential differences are briefly discussed. These
intermittent or noncontact voltage-modulated AFM techniques are widely used
scanning probe microscopy (SPM)-based techniques for the determination of elec-
tric interactions and electronic structure, including surface potentials, band bending,
and surface state densities, especially in inorganic and organic semiconductors and
often in ultra-high vacuum. Detailed descriptions of EFM [42, 43] and KPFM [44–
46] can be found elsewhere, including this book.



12 KPFM and PFM of Biological Systems 247

There are several approaches to implementing EFM and KPFM. Often these
techniques utilize an approach developed by Terris et al. [42] and Saurenbach et al.
[43] which uses a mechanically driven cantilever and a voltage modulation applied
to the tip, allowing topographic and electrostatic images to be acquired simultane-
ously, or in sequential line scans using a lift-height or interleave approach. The key
distinctions between the techniques are that in EFM, generally the electrostatic and
capacitive forces on the tip are measured as the changes in the dynamic response
of a mechanically driven, electrically biased cantilever. In KPFM, the cantilever
is driven by periodic ac bias, and a feedback loop is used which minimizes the
amplitude of the force on the cantilever (amplitude modulation KPFM) or the force
gradient (frequency modulation KPFM [47–49]). In KPFM, the electric potential
on the conductive SPM probe is modulated as Vtip D Vdc C Vaccos.!t/, where Vdc

is the static potential offset, Vac is the driving voltage, and the driving frequency
! is typically chosen close to the free cantilever resonance. The tip bias results in
the capacitive tip–surface force, Fel D C 0

z .Vtip � Vs � �CPD/2, where C 0
z is the

(unknown) tip–surface capacitance gradient, Vs is the electrostatic surface potential,
and �CPD is the contact potential difference between the tip and the surface.
Depending on the experimental configuration, the voltage modulation can be applied
either during the interleave scan (i.e., when the tip retraces the predetermined
surface topography while maintaining constant tip–surface separation), or during the
acquisition of topographic information (at a different frequency). A lock-in amplifier
is used to select the first harmonic component of the electrostatic force on the tip,
Fel.1!/ D C 0

z Vac.Vdc � Vs � �CPD/. In KPFM, a feedback loop is engaged to
keep this component zero by adjusting the static offset of the tip potential, Vdc.
The condition Fel.1!/ D 0 is satisfied when Vdc D Vs C �CPD, i.e., when
the microscope-controlled compensation potential is equal to the (unknown) local
surface potential. On a (nominally) grounded surface, KPFM allows direct detection
of the materials-specific contact potential, containing the contributions from surface
dipole layers, non-equilibrium surface charges, etc. The theory of spatial resolution,
the effect of topographic inhomogeneities (topographic cross-talk), and the image
formation mechanism in KPFM for conductive and semiconductive materials have
been studied extensively [50]. The resulting images are of the combined electric
and capacitive force on the probe and cantilever in the case of EFM, and the bias
which minimizes these forces or force gradients in the case of KPFM. This bias is
related to the contact potential difference between the tip material or coating and
the sample and the electronic structure of the sample. In solution, this can further be
related to the isoelectric point. A schematic for interleave-mode KPFM is shown
in Fig. 12.2a. Note that the KPFM signal is controlled by the tip–surface force
acting across the tip-sample gap and does not depend on the field inside the material
(Fig. 12.2c). Furthermore, for most materials, the mismatch between the dielectric
constants of the imaging environment and the material implies that the potential
drops significantly in the tip–surface gap. In intermittent-contact KPFM, both
electrostatic and electromechanical to the signal contributions are present.
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Fig. 12.2 Schematics showing (a,c) KPFM and (b,d) PFM imaging principles. (c) In KPFM,
electrostatic forces act on the tip in the tip–surface gap. (d) In PFM, electrostatic and electrome-
chanical (double arrow) forces are present. Strain is indicated in (d). (c,d) Adapted with permission
from [51]. Copyright 2006, American Physical Society

12.1.2.2 Piezoresponse Force Microscopy

Piezoresponse force microscopy is a voltage-modulated contact-mode AFM tech-
nique. In PFM [52–59], an electrically conductive tip traces surface topography
using standard deflection-based feedback, during which time, a sinusoidal electrical
bias, Vtip D Vdc C Vaccos.!t/, is applied to the tip. The electromechanical response
of the surface, e.g., the local piezoelectrically induced mechanical deformation of
the sample due to the applied field, is detected as the first harmonic component
of the bias-induced tip deflection, d1!cos.!t C '/, as shown in Fig. 12.2b. The
response amplitude, d1! , is a measure of the local electromechanical activity of
the surface, while the phase of the piezoresponse, ', provides information on the
polarization direction or polar orientation below the tip. In the case of ferroelectric
materials, for c� domains (polarization vector pointing downward) the application
of a positive tip bias results in the expansion of the sample and surface oscillations
are in phase with the tip voltage, ' D 0. For cC domains, ' D 180ı. In the case of
piezoelectric biomaterials, the phase is coupled to polar orientation yielding similar
phase responses. The PFM signal is usually plotted as a pair of amplitude-phase,
A D d1!=Vac, ', images, or as a mixed piezoresponse (PR) signal, PR D Acos'.
This AFM-based approach for measuring electromechanical response was first
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demonstrated by Günther and Dransfeld on thin copolymer films of polyvinylidene
fluoride and trifluoroethylene [60].

Both flexural and torsional components of tip displacement can be probed,
giving rise to out-of-plane (vertical) and in-plane (lateral) PFM (VPFM and LPFM,
respectively). By combining VPFM data with (ideally two orthogonal) LPFM data
sets, the data can be represented in a vector form [61], enabling an approach for
determining the three-dimensional direction of polarization in, e.g., thin films [62],
crystals [63], and ferroelectric capacitors [64].

Note that the operation of PFM is complementary to that of conventional SPMs
as shown in Fig. 12.3. For scanning tunneling microscopy (STM), an electrical
bias is applied to a metal tip, and the tunneling current is measured, while in the
case of AFM, a force is applied, and the resulting tip-deflection is measured. In
PFM, an electrical bias is applied to a tip, and the tip deflection resulting from
the deformation of the sample surface due to the bias-induced strain is detected.
Notably, the surface deformation is dependent only on the potential drop in the
material, and is not affected by the tip size. Hence, while both PFM and KPFM
use a modulated voltage applied to a conducting cantilevered tip, in one case
the mechanical response of material to the applied bias is measured, while in
the other, the electric forces are measured or minimized to gain insight into the
electronic structure. In principle, both mechanisms can operate at the same time;
however, in contact mode where the tip-sample stiffness is high, bias-induced strains
dominate, while in noncontact mode, electrostatic forces dominate since the tip-
sample stiffness is small. As an example, KPFM can be used on conductive surfaces
whereas PFM cannot. Clearly there is the possibility of an overlap, as the applied
bias can lead to a mechanical deformation in the case of piezoelectric materials, and
electromechanical deformations can lead to redistribution of charge and changes in
surface potentials. However, these second-order effects are usually small.

In an ambient environment, the tip interacts with the surface through elec-
trostatic forces and short-range electromechanical interactions and the piezore-
sponse (PR) signal can be written as a combination of the two interactions,

Fig. 12.3 Classification of
SPM techniques based on the
type of stimulus and
response. In PFM and KPFM,
a bias is applied to the AFM
tip and displacements
resulting from
electromechanical and
electric forces are measured.
Adapted with permission
from [36]. Copyright 2007,
Annual Reviews
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PRDPRemCPRel [51]. In the low-frequency limit, the electromechanical component
is

PRem D ˛a.h/ Qd33

k1

k1 C k
; (12.1)

where Qd33 is the effective electromechanical response of material, ˛a.h/ is the ratio
of the ac tip potential to the ac surface potential of the ferroelectric (i.e., the potential
drop in the tip–surface gap), k1 is the spring constant of the tip–surface junction, and
k is the spring constant of the cantilever. In ambient or vacuum, the electrostatic
forces are long-range, F amb

el D .1=2/C 0
z.z/.Vt � Vs/

2, where Vt is the tip potential,
Vs is the surface potential, and C 0

z .z/ is the tip–surface capacitance gradient. The
electrostatic contribution is

PRamb
el D

 
C 0

sphere C C 0
cone

k1 C k
C C 0

cant

24 k

!
.Vdc � Vs/; (12.2)

where C 0
sphere, C 0

cone, and C 0
cant are the capacitance gradients due to the spherical and

conical parts of the tip and cantilever, respectively. Vdc is the dc potential offset
of the tip bias, and h is the tip–surface separation. In a sphere-plane model for
small separations, C 0

sphere.h/ D ��0R=h, where R is the tip radius of curvature. In
ambient, ˛a.h/ D 1 for h < 0 (contact), i.e., the response is independent of the
penetration depth [65], and ˛a.h/ << 1 for h > 0 (non-contact). The numerical
values of coefficients in (12.2) depend on the mode of cantilever oscillations.

As discussed above, the implementation of both PFM and KPFM relies on
the application of a bias to measure electromechanical coupling and electrostatic
interactions, respectively. In the case of PFM, the applied ac bias leads to a surface
deformation which is detected by the AFM cantilever. In KPFM, the applied ac bias
allows electrostatic forces to be measured and minimized through the additional
application of a dc offset. The image formation mechanisms are the effects of
the combined electric, capacitive, and electromechanical forces on the probe and
cantilever in the case of KPFM and PFM, with long-range forces dominating the
signal for KPFM, whereas short-range forces dominate for contact-mode PFM. An
example of simultaneously acquired PFM and KPFM of model ferroelectric systems
are shown in Fig. 12.4 [66]. Note that in ambient, PFM yields higher resolution
than KPFM since it measures strong contact forces and not long-range electrostatic
forces. Often, PFM and KPFM contrast can be related (e.g., for ferroelectric domain
structures [Fig. 12.4]); however, in other cases they can differ significantly.

12.2 KPFM of Biosystems

In this section, the measurements of electrostatic interactions in biological systems
are explored. The applications of KPFM to measure surface potentials at the single
molecular to the assembled lipid bilayer and protein membrane level are discussed.
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Fig. 12.4 (a,d,g) Surface topography, (b,e,h) piezoresponse, and (c,f,i) KPFM images of a
BaTiO3 (100) crystal surface (a–c) and Pb(ZrTi)O3 film (d–i), respectively. Panels g–i have been
acquired after the application of 10 V during a 2.5 � 2.5 �m2 scan and �10 V during a 1 � 1 �m2

scan. Reproduced with permission from [66]. Copyright 2002, American Physical Society

12.2.1 Organic Molecules

Surface potential measurements have been performed on a variety of molecular
surfaces including self-assembled monolayers [67–72], Langmuir–Blodgett films
[73–77], organic ferroelectric oligomers [78], and organic nanostructures [79, 80].
KPFM has been used extensively to measure electronic structure of organic
molecules films and structures, and thorough reviews can be found in [81, 82] and
in Chap. 11 of this book.

12.2.2 Biomolecular Systems

As discussed in Sect. 12.1, charge and surface potentials play an active role in both
biological structure and function. The measurement of these interactions in cellular
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biology has been primarily membrane-based, using voltage-sensitive dyes, and
fluorescence and patch/voltage clamp techniques [83–89]. Recently, encapsulated
voltage dyes have been used to map the electric field within a cell [20], and
voltage/patch clamp techniques have been extended to subcellular structures with
a smart patch-clamp system [90]. For proteins, scanning Kelvin probe [91–93] and
nanoprobe [94–97] have been used by several groups to measure surface potentials
of dispersed proteins and microarrays on scales ranging from � 1 cm to 100s of nm.
In order to extend this technique to the nanoscale, as a precondition to resolve single
molecules and charged groups within molecules or charged domains in membranes,
a nanoscale local probe is required. An early attempt at measuring electrostatics in
biosystems with an etched tungsten wire tip was made by Leng and Williams [99].
In this section, the uses of KPFM to measure biomolecular surface potentials in
static and dynamic systems are discussed.

12.2.2.1 KPFM of Static Systems

Several attempts have been made to image electrostatic interactions and surface
potential of biosystems using SPM (see [98] for a review). The charged backbone
and necessity of fast sequencing has made DNA a popular target of KPFM
measurements. Gil et al. deposited gold electrodes on DNA-coated mica and
used KPFM to investigate the conductivity of DNA [100]. By applying bias to
the electrodes, and measuring KPFM of DNA connected to an electrode it was
determined that �-DNA is not conductive.

Kwak et al. used a molecular combing method based on silane-modified Si
substrates and the hydrodynamic force of a receding meniscus (i.e., self-orientation
effect when the substrate is removed from solution) to prepare stretched single DNA
molecules for KPFM measurements [101]. The contact potential difference of the
sample was measured against a chemically hexadecanethiol-modified conducting
AFM tip. The topography of the stretched DNA is shown in Fig. 12.5a. In Figs.

Fig. 12.5 (a) Topographic image and simultaneously obtained (b) topographic and (c) KPFM
images. Reproduced with permission from [101]. Copyright 2003, Elsevier
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12.5b and c, the simultaneously measured topography and KPFM images of the
same region are shown. All images were measured at 48.9% relative humidity.
Variations in Fig. 12.5c can be due to the mixed monolayer of NH�

2 and CH2=CH-
terminated silanes. The stretched DNA strands can be seen to have a higher contact
potential difference than the surrounding surface, suggesting that dipole moments
formed between the surface water layer and the negatively charged DNA backbones
point away from the substrate.

Mikamo-Satoh et al. reported a modified EFM study of DNA strands containing
T7 RNA polymerase, which binds at a specific location on the DNA to synthesize
mRNA [102]. The topography and potential images are shown in Figs. 12.6a and
b, respectively. The electric potential image (Fig. 12.6b) shows dark contrast for
both DNA and the polymerase transcription complex corresponding to low electric
potential. Despite having different heights, the potentials for the transcription
complex and tangled DNA are similar (� �0.37 V), while the potential for isolated
DNA is � �0.48 V as shown in the line profiles in Figs. 12.6c and d, indicating that
the accumulation of DNA on the surface induces a local potential increase. Analysis
of the results indicate as before an upward pointing electric dipole at the DNA
due to distortion arising from a collapsed coaxial structure and partial ionization
of phosphate groups with the surface water layer.

Fig. 12.6 (a) Topography and (b) electric potential images of DNA and transcription complexes
of DNA. (c) Section profile of the topography showing 1.4 and 2.8 nm heights of DNA and
transcription complex, respectively. (d) Section profile of the potential showing potential values
of �0.45 V, �0.35 V, and �0.6 V for DNA, transcription complex, and mica, respectively.
Reproduced with permission from [102]. Copyright 2009, Institute of Physics
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Fig. 12.7 (a) Topography image of single and multiple DNA strands on a silicon surface.
(b) Corresponding KPFM scan of the same area showing a more negative potential for the DNA
strands than the substrate. Regions of the (c,e) topography and (d,f) KPFM scans showing (c,d)
single and (e,f) multiple DNA strands. Reproduced with permission from [103]. Copyright 2009,
American Chemical Society

KPFM of DNA molecules and counterions have been reported recently by Leung
et al. [103,104] using a dual frequency mode. In Fig. 12.7a, the height image shows
single and multiple DNA strands. The corresponding KPFM image (Fig. 12.7b)
shows that the DNA is always at a more negative potential than the substrate. Upon
closer inspection of single (Figs. 12.7c and d) and multiple (Figs. 12.7e and f) DNA
strands, it is apparent that there is a slight increase in positive potential at the edges
of the DNA. The authors attribute this to the presence of buffer salt deposits which
have dried adjacent to the DNA. A shell of positively charged counterions gives
DNA its stability. The multiple DNA strands have a more negative measured surface
potential, and the associated counterions have a higher positive potential than those
for a single DNA strand.

Note that KPFM of biological systems can be strongly affected by surface topog-
raphy irregularities that can provide a discernible contrast even on a chemically
uniform surface. An example of this topographic cross-talk on an as-deposited gold
surface was reported by Efimov and Cohen [105]. Recent studies of the cross-
talk effect are reported in Chap. 4. The practical consequence of the presence of
cross-talk is that the cross-talk should be taken into account in the interpretation of
KPFM data.

KPFM can be applied to any biomolecule which has charge or dipole moment.
Another example of KPFM measurements of charged biomolecules was reported
by Leung et al. [103]. In Fig. 12.8a, the topography image of avidin molecules
adsorbed on silicon is shown. From the KPFM image (Fig. 12.8b) it is apparent that
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Fig. 12.8 (a) Topography and (b) KPFM images of avidin molecules (circled) deposited on a
silicon substrate (c) Line profiles of the avidin molecule at the location indicated by arrows in (b).
(d) KPFM image of a bare silicon substrate. Reproduced with permission from [103]. Copyright
2009, American Chemical Society

these avidin molecules have a positive surface potential 10–15 mV higher than the
substrate. This is further illustrated via line profiles of the topography and KPFM
signal across an avidin molecule (Fig. 12.8c). In the absence of avidin molecules, no
such surface potential variation can be seen (Fig. 12.8d). This observation supports
the attribution of the signal in Fig. 12.8b to intrinsic surface potential variations
rather than cross-talk.

Another example of KPFM applied to the characterization of surface potentials
of biomolecules is the study of human plasma fibrinogen deposited on highly
ordered pyrolytic graphite (HOPG) presented by Ohta et al. [106] and shown in Fig.
12.9. Typical examples of topographic images of single fibrinogen molecules and
fibrinogen fibrils of singe molecule widths are shown in Figs. 12.9a and b, respec-
tively. KPFM images of the surface potential of isolated or aggregated fibrinogen
molecules are shown in Fig. 12.9c. In Fig. 12.9d, KPFM of fibrinogen aggregated
into fibers are shown, which demonstrate a periodic surface potential dependence,
indicated by arrows, corresponding to the different polypeptide domains present in
fibrinogen.
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Fig. 12.9 (a,b) Topography images of a single fibrinogen molecule and a single-molecule wide
fibrinogen fibril. (c) KPFM image of isolated and aggregated fibrinogen molecules adsorbed on a
HOPG substrate. (d) KPFM image of fibrinogen aggregates composed of fibers. Reproduced with
permission from [106]. Copyright 2006, Elsevier

The group of Gomila has made several significant contributions to electrical-
based characterization of supported biomembranes using non-contact dual-pass
approaches to measure dielectric constants [107, 108]. In one approach, based on
nanoscale capacitance microscopy [109], the topography is measured in the first
pass in a standard dynamic mode and the height is retraced in the second pass
at a constant-height to measure the variation in local capacitance. The dielectric
constant can then be determined from the capacitance and scan height[107]. In
other words, the second harmonic of the force on the tip is a measure of the
dielectric constant. In the second approach [108], standard DC EFM is used with
an appropriate analytical model to determine the dielectric constant with knowledge
of the applied bias, the bias-induced deflection, and the lift-height. Both approaches
have been demonstrated on purple membrane fragments and the obtained values for
the dielectric constant are in good agreement (Fig. 12.10).
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Fig. 12.10 Dielectric constant measurements on single and double layer purple membranes
using (a–c) DC EFM and (d–f) nanoscale capacitance approaches. (a) Topography, (b) DC EFM
cantilever deflection, and (c) the extracted dielectric constant of a single layer patch. Histograms
in (b,c) show the distribution of the cantilever deflection and the dielectric constant on the purple
membrane, respectively. (d) Topography, (e) local capacitance, and the extracted dielectric constant
of single and double layer purple membranes. (a–c) Reproduced with permission from [108].
Copyright 2009, Institute of Physics. (d–f) Reproduced with permission from [107]. Copyright
2009, American Chemical Society

12.2.2.2 KPFM of Dynamic Chemical Phenomena

While static KPFM images measured on uneven surfaces can always contain cross-
talk, observation of dynamic changes of potential that leave the topography invariant
are generally much more reliable. The examples of such studies include polarization
switching in ferroelectric materials [110] and photo-induced phenomena in semi-
conductors [49, 111, 112]. Similarly, the potential of KPFM extends beyond the
imaging of static biomolecules – it can also be applied to detect changes in surface
potential as a result of specific chemical or optical events, as will be discussed
now. Sinensky and Belcher used a combination of dip pen lithography and KPFM
to extend the Kelvin probe measurements for microassays to the nanoscale [113].
In this manner, local changes in charge densities due to the formation of specific
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Fig. 12.11 (a–d) Topography and KPFM images of the patterned biotin sample before and after
exposure to avidin. (e–h) Topographic and KPFM images of the immobilized biotin sample before
and after exposure to neutravidin. (i), (j) Line profiles of the surface potential. Reproduced with
permission from [113]. Copyright 2007, Nature Publishing Group

biomolecular complexes (the presence of specific bound target biomolecules) can
be identified without labeling or special chemistries. They looked specifically at
avidin-biotin binding and DNA probes.

The effect of binding of avidin and neutravidin with surface- immobilized biotin
on surface potential is illustrated in Fig. 12.11. The topography and KPFM images
of a surface patterned with biotin are shown in Figs. 12.11a and c, while the changes
in topography and surface potential after the binding of avidin are shown in Figs.
12.11b and d. Comparing the KPFM images before and after the binding, it is clear
that the addition of avidin causes the surface potential of the biomolecular region to
invert with respect to the background. The topographic and surface potential images
of the sample before and after neutravidin exposure are shown in Figs. 12.11e and h.
In this case, the potential does not appear to have been affected significantly by the
addition of neutravidin. These differences are further illustrated in Figs. 12.11i and
f which show cross sections of the potential images. The presence of the charged
avidin molecule (see Fig. 12.8) is detectible by KPFM.

In another example of using KPFM to measure changes in surface potential
due to the formation of specific biomolecular complexes, Sinensky and Belcher
used patterned DNA probe strands taken from anthrax and exposed the DNA to
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Fig. 12.12 (a) Topography image of a dip pen lithography-patterned anthrax DNA probe. (b)
and (c) KPFM images before and after exposure to the complementary anthrax DNA sequence,
respectively. Reproduced with permission from [113]. Copyright 2007, Nature Publishing Group

complementary and noncomplementary DNA targets [113]. When a micron-sized
anthrax probe is exposed to its complementary target, the surface potential doubles,
but when the anthrax probe is exposed to a noncomplementary malaria target no
change in surface potential is observed. The same result is observed with a malaria
DNA probe; only the complementary target leads to a surface potential doubling.
In Fig. 12.12, KPFM results are shown before and after DNA hybridization for a
submicron anthrax probe. In this case, surface potential doubling is not observed
most likely resulting from the reduced concentrations for small features [113]. Note
that the negative surface potential of DNA has been corroborated by other studies
[103]. The authors further explored the scan rate and height dependence on the
KPFM signal, noting the measurements must be performed close (10s of nm) to the
sample surface to achieve high sensitivity and resolution, while the scan rate could
be increased from 1 �m/s to 1,172 �m/s and still resolve micron-sized features,
demonstrating the potential for nanoarray analysis by KPFM.

Gao and Cai have taken this approach one step further by demonstrating the
potential of KPFM as a tool to detect interactions between DNA and proteins
[114]. They used an AFM nanolithography approach to create protein patterns of
lysozyme. When the lysozyme is incubated with an anti-lysozyme aptamer, the
aptamer binds to the edge of the lysozyme, but when incubated with a randomly
generated DNA strand, there is no binding to the lysozyme. KPFM was used to
study this aptamer–lysozyme binding using a high aspect ratio Ag2Ga needle tip.
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Fig. 12.13 (a) Topography and (b) surface potential images of the lysozyme pattern after
incubation with aptamers. (c) Line profiles of the topography and surface potential across the
aptamer-lysozyme complex. Reproduced with permission from [114]. Copyright 2009, Springer

Topography and KPFM images of the aptamer-incubated lysozyme patterns are
shown in Fig. 12.13. As demonstrated by the line profiles of the topography and
KPFM images (Fig. 12.13c), the peak in the topography due to the aptamer–
lysozyme complex corresponds to a step in the surface potential. The surface
potential of the complex is lower than that of the lysozyme itself and higher than that
of the substrate. The authors state that this step was not visible using conventional
KPFM tips. Analysis of the surface potentials reveals a 12 mV difference between
the lysozyme and the aptamer–lysozyme complex. Richards et al. used KPFM to
characterize the functionalization of GaP(100) surfaces with linker molecules and
single strand and complementary DNA [200]. They showed a certain tunability in
the modification of the surface potential of the GaP surface by varying the initial
concentration of the linker molecule.

12.2.2.3 KPFM of Light-Induced Phenomena

KPFM has also been extended to detect changes in surface potential as a result
of illumination in optically active proteins and protein membranes. Lee et al.
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Fig. 12.14 (a) KPFM image of two photosynthetic reaction centers. (b,c) Dark and illuminated
voltage-distance profiles, respectively, along the indicated line in (a). In (d) the illumination
is turned off mid-scan during the acquisition of the KPFM image of a single reaction center.
Reproduced with permission from [115]. Copyright 2000, American Chemical Society

demonstrated the potential of KPFM for the measurement of photovoltages gen-
erated from single photosynthetic reaction centers on an organosulfur molecular
layer coated, gold coated mica substrate as a function of illumination [115]. They
report a reversal of the potential from positive to negative upon illumination while
the topography remains unchanged. KPFM images of a photosynthetic reaction
center are shown in Fig. 12.14. In Fig. 12.14a the lower reaction center was
imaged in a dark state. Line profiles for this reaction center are shown in Figs.
12.14b and c in darkness and under illumination, respectively, showing the potential
reversal. In Fig. 12.14d, a single reaction center is shown which is imaged partially
under illumination. Frolov et al. extended this approach by demonstrating that a
photoelectronic device could be fabricated by direct binding of a reaction center
onto a metallic substrate without the need for a surfactant and without losing the
capacity to generate a photovoltage [116]. The group of Lee has also used KPFM to
investigate reaction center proteoliposomes [117], the air-liquid interface of liquid
containing proteoliposomes [118], and bacterial spores [119].

Bacteriorhodopsin, the light-driven protein pump in the purple membrane of
Halobacterium salinarium has also been investigated by KPFM [120, 121]. Knapp
et al. reported KPFM of the purple membrane on mica and HOPG substrates [120].
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Fig. 12.15 (a) Topography and (b) surface potential of purple membrane imaged on mica at 64%
relative humidity (5.5 �m � 5.5 �m). (c) Topography and (d) surface potential of purple membrane
imaged on HOPG at 41% relative humidity (5.3 �m � 5.3 �m). Reproduced with permission from
[120]. Copyright 2002, John Wiley & Sons, Inc

Topography and surface potential images of purple membrane are shown in Fig.
12.15 for mica (Fig. 12.15a, b) and HOPG (Fig. 12.15c, d). They found the surface
potential of the extracellular side of the purple membrane to be more negative than
the cytoplasmic side. Knapp et al. also measured the patch voltage of representative
patches relative to the HOPG background as a function of illumination, reporting
that the extracellular patch surface potential increased by 3–5 mV while the
cytoplasmic patch potential decreased by 3–5 mV under illumination. Lee et al.
measured surface potentials of the extracellular side of wild type and mutant
bacteriorhodopsin membranes at a relative humidity of 65–70% as a function of
illumination and buffer solution pH, reporting photoinduced surface potentials of
63 mV and 37 mV for the mutant and wild types, respectively, at pH 10.5 and 48 mV
and � 0 mV at pH 7 [121].

While surveying the use of KPFM for the characterization of biological systems,
we have explored KPFM to look at single molecules, proteins, biomolecular
complexes, and most recently patches of membrane protein. Beyond these systems,
KPFM has been used to study surface potential mapping in lipid bilayer systems
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[122,123,125] the primary component of cellular membranes. Leonenko et al. have
used KPFM to study the mixed lipid protein pulmonary surfactant that assembles
at the air-lung interface [122]. The surface potential at this interface may have
relevance to the interaction between airborne particles and surfaces of the lung.
Topography and surface potential images of pulmonary surfactant deposited on a
mica substrate are shown in Fig. 12.16. Figures 12.16a and b, and are measured
without added cholesterol, while Figs. 12.16c–f are surfactant films with 5%
cholesterol (by weight). The observed contrast in Fig. 12.15b is explained in
terms of the arrangement of stacks of lipid bilayers and their associated dipoles.
The monolayer regions are dark (� �0.6 V) and relatively uniform, while the
topographic features are generally less negative. In contrast, for the surfactant-
containing cholesterol, the monolayer region appears to show some segregation into
domains of different surface potential. It is suggested that a similar effect could be
involved in sphingolipid-cholesterol rafts of the plasma membrane. The effect of
cholesterol and surfactant protein C on surfactant assembly and surface potential
is studied in more detail in [123, 124] and [125], respectively [201]. Recently,
the group has explored the differences between different KPFM techniques for
characterizing the surface potentials of biomolecular films [200].

12.3 PFM of Biosystems

12.3.1 Historical Background

Many biological materials are piezoelectric due to the combination of polar bonds
and optical activity inherent to all biopolymers. Electromechanical properties
(triboelectricity) ascribed to piezoelectric properties were first demonstrated in
biological materials in 1941 [126], and subsequently, the piezoelectric effect was
identified in a wide variety of biomaterials including bone, tendon, skin, tooth
dentin, blood vessel walls, myosin, actin, amylose, chitin, fibrin, wood cellulose,
and DNA [127–131]. The first published report on piezoelectricity in bone in 1957
by Fukada and Yasuda [132] sparked intense research on bone piezoelectricity
[133, 134], and it was speculated that piezoelectricity could be responsible for
the formation and regeneration of calcified tissues [135, 136]. The organizational
complexity of bone [137] and limitations in characterization had sidelined this
area of investigation (e.g., the symmetry of piezoelectric response could not be
determined absolutely, and minute changes in sample preparation yielded changes
in the measured coupling constants) until the advent of AFM-based techniques for
electromechanical measurements.
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Fig. 12.16 (a), (b) Topography and surface potential images, respectively, of pulmonary
surfactant with 0% cholesterol. (c), (e) Topography and (d), (f) surface potential images of
pulmonary surfactant with 5% cholesterol. Reproduced with permission from [122]. Copyright
2006, American Chemical Society



12 KPFM and PFM of Biological Systems 265

12.3.2 PFM of Collagen

In order to understand bioelectromechanics on the nanoscale and to relate piezo-
electricity to biological functionality, a nanoscale probe of local piezoelectricity
is needed. With recent advances in SPM, it has become possible to investigate
piezoelectricity in biological materials at the micro- to nanoscale, and subsequently,
piezoelectricity has been measured in a wide variety of calcified and non-calcified
connective tissues [138–145]. Recent reports have shown piezoelectricity from
single, isolated collagen fibrils [146, 147].

The first nanoelectromechanical measurements of biomaterials were reported by
Halperin et al. [138]. They reported piezoelectric values of wet and dry cortical
bone and imaged the variation in the response near a Haversian canal (Fig.
12.17). The next advancement came in a series of papers from Kalinin et al.,
Gruverman et al., and Rodriguez et al. [139–142] where piezoelectric properties
of a variety of biosystems including tooth dentin, embedded proteins in enamel,
butterfly wing scales, and purified collagen were reported (see [148] for a review).

Fig. 12.17 (a) Topography image and (b) and (c) piezoresponse images of mature human cortical
bone near the Haversian canal. Reproduced with permission from [138]. Copyright 2004, American
Chemical Society
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Fig. 12.18 (a), (b) Topographic and (c), (d) PFM amplitude and (e), (f) phase images of human
tooth (a), (c), (e) enamel and (b), (d), (f) dentin. Reproduced with permission from [139].
Copyright 2005, American Institute of Physics

The piezoelectric activity in dentin was attributed to the collagen, while that of
butterfly wing scales to the protein chitin. Topographic and PFM amplitude and
phase images of human tooth enamel and dentin are shown in Fig. 12.18. Recall
that the PFM amplitude image provides information on the local piezoelectric
activity, while the PFM phase image reveals the orientation of the underlying
piezoelectric components. Only isolated response is obtained from the enamel,
while analysis of the dentin reveals regions with nearly uniform response having
different orientations. As both enamel and dentin contain a hard mineral and a soft
protein phase, and the protein content in dentin is much higher than that in enamel,
the more uniform response observed in the dentin is attributed to the protein content,
primarily type I collagen.

To verify this, Gruverman et al. investigated piezoelectricity in tooth dentin in
more detail, using etching to remove the surface mineral component and subsequent
bleaching to reveal collagen fibrils [143]. The piezoresponse can clearly be seen to
depend on the collagen fibril orientation (Fig. 12.19).
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Fig. 12.19 (a) AFM deflection image of an etched and bleached dentin surface. (b) PFM
amplitude and (c) phase images of the same dentin surface. Reproduced with permission from
[143]. Copyright 2007, Elsevier

Subsequently, Habelitz et al. used PFM to address whether collagen is present in
peritubular dentin [144]. Using a combination of VPFM and LPFM and sagittal
and oclussal cross sections of tooth dentin, they show a lack of piezoelectricity
from peritubular dentin which they attribute to an absence of collagen in the region
surrounding the dentin tubules.

These studies focused primarily on piezoelectricity in dental tissues. Recently,
Minary-Jolandan and Yu extended PFM to the single collagen fibril [146, 147].
Shown in Figs. 12.20a and b are lateral PFM phase images of a type I collagen
fibril. The fibril in Fig. 12.20b has been physically rotated by 180ı with respect
to Fig. 12.20a and the PFM phase signal has changed accordingly. Figures 12.21a
and c show topographic images of a single collagen fibril. The corresponding lateral
PFM amplitude images are shown in Figs. 12.21b and d showing apparent intrinsic
piezoelectric heterogeneity within a collagen fibril which coincides with the gap and
overlap periodicity.

Harnagea et al. analyzed the lateral and vertical response from a fibril in detail,
confirming the expected shear piezoelectricity in collagen fibrils, and attributing
vertical signal to cantilever buckling [149]. Piezoelectricity in fibrils of type I
collagen has been attributed to the hexagonal packing of collagen monomers in
a fibrillar structure with periodicity arising from the stacking of the monomers;
however, it should be noted that collagen in non-fibrillar form also exhibits
piezoelectricity [142]. In Fig. 12.22, PFM images of purified type I collagen in
non-fibrillar form deposited on a platinized silicon substrate are shown.

12.3.3 PFM of Other Biosystems

The use of PFM to investigate electromechanical coupling in biosystems has not
been limited to biopolymers such as collagen, but has also been applied to systems
such as tobacco mosaic viruses (TMVs) [150]. The observed PFM contrast of TMVs
was analyzed in terms of topographic crosstalk, differences in elastic properties, and
the intrinsic electromechanical coupling due to the piezoelectric and flexoelectric
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Fig. 12.20 (a) Lateral PFM phase images of a type I collagen fibril (a) before and (b) after the
sample was rotated by 180ı . Reproduced with permission from [146]. Copyright 2009, Institute of
Physics

Fig. 12.21 (a) and (c)
Topographic images of a
collagen fibril. (b) and (d)
lateral PFM amplitude images
of the same collagen fibril.
Reproduced with permission
from [147]. Copyright 2009,
American Chemical Society

effects. Kalinin et al. concluded that the contrast was dominated by flexoelectric
coupling, and further demonstrated the use of PFM-based techniques for electrical
manipulation of these nanosized viruses, as shown in Fig. 12.23, in which one TMV
has been removed from a virus network via the application of a dc bias pulse.
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Fig. 12.22 (a) Topography and (b) vertical PFM amplitude and (c) phase images of a type I
collagen film deposited on a platinized silicon substrate. Reproduced with permission from [142].
Copyright 2006, Elsevier

Fig. 12.23 Surface
topography (a) before and (b)
after electrical manipulation
of a tobacco mosaic virus.
Reproduced with permission
from [150]. Copyright 2006,
American Institute of Physics

12.3.4 Challenges

A key challenge for electromechanical studies of biopiezoelectrics is the small-
ness of the coupling coefficients and thereby, the signal-to-noise ratio. Several
approaches have been developed to address this issue, as the application of larger
bias to elicit a larger response is generally not an option for biological samples.
A common solution in dynamic SPMs is to make use of the resonance enhancement
of the cantilever to enhance weak mechanical responses. In PFM, this approach
was pioneered by Harnagea [151]. However, the use of resonance-enhancement
in PFM is limited, since variations in the tip-sample contact stiffness can cause
strong coupling between the topography and the apparent PFM signal, making data
interpretation difficult. This has led to the development of dual-frequency [152]
and band excitation (BE) [153] PFM modes and dual-cantilever systems [154] to
increase the signal-to-noise ratio. The use of BE-PFM of ferroelectric materials has
been summarized in recent publications [155, 156].
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12.4 Liquid Imaging

The obvious challenge for electromechanical and electrostatic SPM measurements
of biological systems is imaging in a liquid environment. While the combination
of liquid imaging with voltage-modulated SPM techniques seems at first to be
a mismatch, the convergence has come from two directions, namely the strong
reduction of the adhesive van der Waals force and the absence of capillary forces
in liquids, and the necessity to maintain a natural environment for viable biological
systems. Note that for imaging in an ambient environment, the van der Waals and
capillary forces and the associated jump-to-contact instability separate the “contact”
regime with large system stiffness (where electromechanical responses dominate)
and the “noncontact” regime with low sample stiffness (where electrostatic forces
dominate), a division largely absent in liquids. The second aspect that naturally
arises in the context of voltage modulation methods in conductive media is the
propensity of these systems for ionic diffusion and electrochemical reactions even at
modest (�1–2 V) potential. In comparison, driving voltages in PFM and KPFM are
often in the 2–10 V range, suggesting the possible contribution of electrochemical
reactions to the imaging process.

At the same time, electric forces in solution play an important role in, e.g.,
electrical double layers, lipid membranes, and biomolecules [157, 158]. Electric
forces in solution are used for a variety of applications, including trapping and
manipulating cells and viruses at the microscale [159, 160] and nanofabrication
through electrophoretic [161] and electrostatic [162] assembly. Electrostatic interac-
tions are dominated by non-dissipative capacitive forces in ambient [45]. In liquid,
complex effects due to electrical double layers, electrochemical reactions, mobile
ions, ionic currents, and convective motion of the liquid must be taken into account
[163, 164], necessitating experimental methods to probe electrically driven force
interactions in liquids.

In this section, efforts to measure electrostatic and electromechanical interactions
in a liquid environment are discussed in detail, from attempts to measure electro-
static forces using force distance curves, to voltage-modulated approaches, and to
electromechanical imaging of biopolymers in solution.

12.4.1 Measurements of Electric Potential in Solution

As outlined in Sect. 12.2, KPFM has recently been applied to the study of surface
potentials and electrostatic interactions in biological systems in air and as a function
of relative humidity. In general, proteins, biopolymers, and cells are soft materials,
and tapping mode in air can be quite destructive to the sample due to the high forces
involved, provided the sample remains intact in air. In addition, functional properties
can become inactive for certain biological samples imaged in air and also depending
on the support or substrate. Also, capillary forces due to the presence of surface
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water layers are detrimental to resolution. Similarly, the resolution of electrostatic
and surface potential measurements can be limited due to long-range electrostatic
forces, which interact with not only the tip locally, but also the entire probe
and cantilever beam non-locally. Tapping mode in liquid [165] overcomes some
of these limitations and allows for improved resolution and imaging with lower
forces. Ideally, only a true noncontact technique would guarantee minimal surface
damage. Perhaps more importantly, the role of surface potential and electrostatics in
biosystems are most relevant in physiological environments. Interestingly, tapping
mode AFM in liquid has been used to visualize surface charge as early as 1998
[202].

Several attempts have been made to measure and analyze electrostatic interac-
tions of biosystems in liquid including force distance mapping and electrostatic
balancing with electrolyte solution [166–168]. Müller et al. have used electrostatic
balancing with pH and electrolyte solution to improve topographic images of
biomolecular membranes [169]. By varying the ionic strength and noting the
differences between each image, Philippsen et al. were able to generate difference
maps that revealed the electrostatic potential of transmembrane channels [170].
Sotres and Baró used a similar, albeit spectroscopic, mapping approach to measure
isodistance maps of the electrical double layer forces of a DNA molecule [171].
Similar approaches based on chemical force microscopy and spectroscopy with
functionalized tips have also been used to determine electrostatic forces [172, 173].

Recently, several attempts by the group of Hafner have been made to measure
electrostatic forces (charge density maps) of lipid bilayers and DNA in 1–3 mM
ionic concentrations using a lift-mode approach [174–176]. In the first line scan,
the topography is measured, and in the second, the topography is retraced at a
certain constant lift-height from the sample surface (Fig. 12.24a). By choosing
the appropriate lift-height for the concentration used, the second line scan will be
affected only by the electric double layer. Note that an electrical bias is not applied
and the cantilever is not conducting. Through careful calibration of the probe used,
the measurement can be made quantitative [175,176]. A numerical simulation of the
field distribution for a tip in an electrolyte solution near a mica-support lipid bilayer
film is shown in Fig. 12.24b, and simultaneously-obtained topography and charge
density map images of lipid domains are shown in Figs. 12.24c and d.

In KPFM, a dc bias is applied to minimize electrostatic forces or force gradients.
As such, to implement KPFM in solution, a dc bias will need to be applied in
solution. The application of nonlocal dc bias in solution has been used by Müller
and Engel to visualize voltage-gated closure of ion channels by AFM, as shown in
Fig. 12.25 [177], and the application of nonlocalized and localized dc bias has been
demonstrated for ferroelectric switching [178] by direct biasing of the tip. Insulating
conductive probes have also been used to image membranes during the application
of bias to a conducting substrate [179].

There are very few examples of voltage-modulated EFM or KPFM imaging
in solution. Hirata et al. reported a slightly modified KPFM, electrochemical
AFM hybrid for the measurement of surface potential of a mixed, self-assembled
thiol film on gold in water [180]. Lynch et al. have used dielectrophoretic force
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Fig. 12.24 (a) Schematic showing the tip path during lift-mode liquid EFM. (b) Numerical
simulations of the tip-sample interaction in an electrolyte solution. (c) Surface topography image
of liquid ordered (Lo) and liquid disordered (Ld) lipid domains. (d) Liquid EFM image of the
charge density map of the same location demonstrating that the Lo phase is more positive than the
Ld phase. Panel (a) reproduced with permission from [174]. Copyright 2003, American Chemical
Society. Panels (b–d) reproduced with permission from [175]. Copyright 2007, the Biophysical
Society

Fig. 12.25 Trigonally packed porin trimers (a) before and (b) after the application of a membrane
potential demonstrating a voltage-induced conformational change. Reproduced with permission
from [177]. Copyright 1999, Elsevier

microscopy with conducting, biased tips to measure local membrane capacitance
of Escherichia coli cells in water [181]. Using an approach similar to scanning
impedance microscopy (SIM) [182, 183], alternating electrostatic forces have also
been measured in a liquid environment using SPM with an ac bias applied to the tip
and a microelectrochemical cell formed by two periodically biased electrodes [51].
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The implementation of traditional KPFM in solution requires both the application
of ac and dc biases with concomitant suppression of unwanted electrochemical
processes at the tip–surface junction. The strategies to achieve this goal include
the development of insulated and shielded probes (reducing the electrochemically
active areas), the use of materials with high overpotentials for water dissociation,
and the use of high frequencies. The latter approach can be extended to the use of
intermodulation techniques, in which the information on nonlinear (in bias) forces
is acquired through the frequency mixing between two high-frequency signals.
Additionally, SPMs based on the use of ionically conductive solution [184–186]
can potentially be developed to probe bias-induced strain effects. Approaches based
on scanning electrochemical potential microscopy may also prove relevant [187].
Finally, one of the most promising techniques is based on a KPFM technique which
measures surface potential without using a bias-voltage feedback [203]. This dual-
harmonic approach has already been used in a liquid environment [204].

12.4.2 Piezoresponse Force Microscopy

Future work in the area of relating PFM to biofunctionality necessitates electrome-
chanical imaging in a liquid environment. As a first step in this direction, PFM
imaging of a ferroelectric sample has been demonstrated in a liquid environment
[51]. Both long-range electrostatic forces and capillary interactions were minimized
in liquid, resulting in a localization of the ac field to the tip–surface junction and
allowing 3 nm resolution to be achieved. PFM images in liquid of a lead zirconate
titanate bulk ceramic surface are shown in Fig. 12.26.

As shown previously in Figs. 12.2c and 12.2d, the capacitive tip–surface
electrostatic interaction in ambient is present for both noncontact and contact modes
of operation, while electromechanical coupling is present only in the contact mode
[double arrow in Fig. 12.2d]. In liquid, however, the PFM contrast is strongly
mediated by the presence of mobile ions that screen electrostatic tip–surface
interactions. For the sphere-plane system [188],
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Electrostatic interactions in liquid are short-range due to screening by mobile
ions and decay exponentially for h > �D (Fig. 12.27a, b). Thus, the electrostatic
contribution to the PFM signal in liquid is (for h > 0)
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Fig. 12.26 (a) Topography, (b) PFM amplitude, and (c) PFM phase images of a lead zirconate
titanate ceramic measured in water. Insets show high resolution PFM images. Domain wall cross-
sections of PFM signals in (d) air and (e) water. Reproduced with permission from [51]. Copyright
2006, American Physical Society

Fig. 12.27 (a) For noncontact SPM techniques, electrostatic forces are minimized in liquid. (b)
In contact mode, electrostatic forces are also minimized in liquid; however, electromechanical
coupling [double arrow in (b)] is present. The reduced electrostatic force allows improvements in
PFM resolution in liquid. Adapted with permission from [51]. Copyright 2006 by the American
Physical Society

where kl
1 is tip–surface spring constant in liquid. The contribution from the conical

part of the tip and cantilever is absent for R >> �D . Note that the increase in
response observed at the contact point in liquid is due to additional electrostatic
coupling in the double layer. The response decreases with increasing force due to
the increased contact stiffness.
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The electromechanical response in liquid is described by (12.1), where the tip–
surface spring constant now includes the effect of the liquid layer. The screening
coefficient is ˛.h/ D 1 in (12.1) for h << �D , i.e., when the tip touches the surface,
and is ˛.h/ D 0 if the electric double layers around the tip and the surface do not
overlap. Thus, the electromechanical response (12.1) in solution gradually decays
at distances on the order of the Debye length of the solution, and the electrostatic
contribution is significantly minimized as compared to ambient or vacuum imaging
(Fig. 12.27b).

Through the application of an ac bias in ambient or liquid environments, the
electromechanical coupling can be investigated. In the case of ferroelectric materials
in an ambient environment, an applied dc voltage of sufficient magnitude will lead
to the nucleation of a ferroelectric domain directly under the tip. In solution, a
transition of ferroelectric switching behavior from localized to uniform switching
depending on the choice of the solvent has been observed, establishing that imaging
is possible at conductivities far larger than allowed for localized switching [178].
Furthermore, these results illustrate the degree to which the spatial extent of a dc
field can be controlled in solution. Through the choice of solvent and bias magnitude
and duration, it has been shown that it is possible to nucleate a single domain,
switch an entire sample surface, and even partially switch a large region (Fig.
12.28). Application of local dc pulses using conventional metal-coated cantilevers
is possible only in less conductive nonaqueous solvents such as isopropanol or
methanol, which has relevance for the implementation of KPFM in solution.

Liquid PFM has subsequently been applied to a number of biosystems, including
lysozyme and insulin fibrils and adenocarcinoma cells [189]. Shown in Fig.
12.29 are topographic and PFM amplitude and phase images of a lysozyme
fibril, illustrating the dependence of the measured signal on the applied bias.
Note that the topography does not change with bias, while the PFM amplitude
signal increases with increasing bias, and the phase response is stronger for
higher bias. The fibril does not appear to degrade with repeated scanning or
application of ac bias, suggesting the applicability of PFM even on soft biosystems.
Some internal structure is discernable in the PFM amplitude images, while the PFM
phase response is uniform within a fibril. Similar behavior has been observed for
insulin fibrils. The strong dependence of the PFM phase contrast on the driving
amplitude and small phase shifts (<<180ı typical of changes in polar orientation)
between dissimilar regions suggest a significant contribution of electric double layer
forces and elasticity to the PFM signal. This is not surprising considering most
biopolymers are shear piezoelectrics, and the out-of-plane piezoelectric response
can be expected to be small. With regards to adenocarcinoma cells, only weak con-
trast between different cells or at cell boundaries is observed in the PFM amplitude
image, while cells with higher height profiles appear to have a slightly different PFM
phase response than surrounding cells (not shown). These observations suggest the
possibility of a strong elastic contribution to the PFM signal. The high conductivity
of the growth media and imaging solution results in uniform biasing of the liquid.
To avoid this problem, the imaging should be performed using insulated or shielded
probes, in which the central part of the tip is insulated from the solution except
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a

b

c

Fig. 12.28 (a) Schematic parameter diagram of possible switching modes vs. field localization
and pulse parameters. (b) PFM phase images illustrating domain morphology in regions I, III,
IV, and V and the choice of solvent for the phase map in (a). (c) Schematics of switching in
local, fractal, and non-local cases. Adapted with permission from [178]. Copyright 2007, American
Physical Society

for the region near the probe apex. In addition, a much different response should
be expected from electroactive cells such as cardiac myocites, neuronal cells, and
pancreatic beta cells.

There are several major challenges with understanding PFM images in biosys-
tems in solution. First, the electromechanical response depends on the orientation of
the polar bonds within the biosystem and the direction the electric field is applied,
requiring some knowledge of the biomolecular assembly. Second, the relatively
low electromechanical coupling coefficients combined with the potentially reduced
signals in solution and complications from topographic crosstalk, differences in
elastic properties, other electromechanical couplings such as flexoelectricity in
membranes, and the presence of an electrical double layer all make interpretation of
the signal and separation of signal components challenging.
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Fig. 12.29 (a–c) Topographic, (d–f) PFM phase, and (g–i) PFM amplitude images of a lysozyme
fibril as a function of applied ac bias. Reproduced with permission from [189]. Copyright 2007,
Institute of Physics

Nikiforov et al. have begun to address these challenges using BE-PFM in
solution. In one instance, they have demonstrated functional recognition imaging
of two bacteria types using a combined statistical analysis of the broadband elec-
tromechanical response using principal component analysis and a recognition neural
network [190]. The technique is demonstrated on model Micrococcus lysodeikticus
and Pseudomonas fluorescens bacteria (Fig. 12.30).

BE-PFM in solution was further applied to study electromechanical coupling in
amyloid fibrils [191]. Again, a statistical approach based on principal component
analysis is used; this time to separate elastic and electromechanical contributions
from the broadband electromechanical signal. The authors demonstrate that in the
bulk of the fibril, the electromechanical response is dominated by double-layer
effects (consistent with the shear piezoelectricity of biomolecules), while a number
of electromechanically active hot spots are observed, possibly related to structural
defects, which allow a nonzero out-of-plane piezoresponse. In Fig. 12.31, spatially
resolved BE-PFM maps of the electromechanical response amplitude, the quality
factor, and resonance frequency are shown.

Beyond these early observations, there are several challenges for the interpreta-
tion and applicability of PFM of biosystems in a liquid environment. To explore the
biofunctionality of piezoelectricity in biosystems, ideally, the measurements should
be performed under physiologically relevant environments; however, it should be
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Fig. 12.30 (a) Topography image of bacteria on poly-L-lysine-coated mica. The area within the
rectangle in (a) was used to train the neural network. Neural netork recognition maps for the (b)
background, (c) P. fluorescens, and (d) M. lysodeikticus. Reproduced with permission from [190].
Copyright 2009, Institute of Physics

200 mV

183 mV

167 mV

150 mV

5.4

4.9

4.3

3.8

205 kHz

195 kHz

185 kHz

175 kHz

ca b

Fig. 12.31 Spatially resolved maps of the (a) amplitude, (b) quality factor, and (c) resonance
frequency of electromechanical response of an amyloid fibril. Reproduced with permission from
[191]. Copyright 2010, American Chemical Society

noted that the signal in PFM can be reduced significantly in ionic solutions, as
demonstrated in Fig. 12.32. Furthermore, biological surfaces in solution are subject
to hydration layers which can potentially prevent the detection of shear piezoelectric
deformations and limit the bias applied directly to the sample.

As with PFM imaging in air, routes are under investigation to enhance the signal-
to-noise ratio for PFM imaging in solution. This is particularly challenging, as a
liquid environment is not necessarily compatible with the application of the high
bias necessary to increase the signal. Similarly, the use of resonance enhancement in
liquid environments is hampered by significant cross-talk between mechanical and
electromechanical responses, making data interpretation and quantification difficult.
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Fig. 12.32 Piezoresponse
amplitude signal as a function
of frequency and salt
concentration. Reproduced
with permission from [51].
Copyright 2006, American
Physical Society

12.4.3 At the Intersection of Electrostatics and Electromechanics

The similarities between voltage-modulated electric and electromechanical AFM
modes provide a unique opportunity in liquid environments, where the spatial
extent of long-range electrostatic forces can be controlled through the choice of
the imaging solution. Thus, it may be possible to image electromechanical coupling
during the contact portion of the cantilevered tip motion. As such, depending on the
imaging medium and parameters, it may be possible to control the image formation
mechanism. Several preliminary results are presented below.

In the case of dual-modulation AFM, in which the tip is modulated both
mechanically and electrically, it is possible to image a sample in tapping or
intermittent-contact and measure information related to the electric or electrome-
chanical interactions. The mechanical motion of the tip is driven at the first free
resonance of the cantilever, while the electrical signal is chosen at the second
resonance of the cantilever (close to the first contact resonance, as shown in Fig.
12.33b). This approach follows previous implementations of “dual ac” modes
[192, 193], but in this case one of the excitations is electrical [42]. This bimodal
intermittent contact PFM approach has been first applied to model ferroelectric
samples [194]. The approach is outlined schematically in Fig. 12.33, whereby both
mechanical and electrical modulations are used (Fig. 12.33a). The piezoelectric
response, the effective stiffness, and the electrostatic force (in ambient and liquid
environments) are plotted as a function of tip-sample separation in Figs. 12.33c
and d.

Shown in Fig. 12.34 are bimodal PFM images of topography and the amplitude
of the electromechanical response signal of a purple membrane patch, revealing
a change in contrast at features exhibiting topographic contrast. Further work is
required to distinguish between electric, elastic, and electromechanical contribu-
tions to the signal.

Topography, PFM amplitude, and PFM phase images of human tooth dentin in air
are shown in Figs. 12.35a–c, respectively. Intertubular dentin is piezoelectric, while
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Fig. 12.33 (a) Schematic showing mechanical and electrical modulations. (b) Two- dimensional
map of the measured signal as a function of electrical modulation frequency and tip-sample
separation. Sketches of c the response and effective stiffness as a function of tip-sample separation,
and of (d) the electrostatic force as a function of distance in liquid and air. Reproduced with
permission from [194]. Copyright 2009, Institute of Physics

Fig. 12.34 Bimodal PFM mode images of bacteriorhodopsin imaged in buffer solution with
a metal coated tip. Shown are (a) surface topography (6 nm z-scale) and (b) the amplitude of
the electromechanical response signal. Reproduced with permission from [189]. Copyright 2007,
Institute of Physics
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Fig. 12.35 (a), (d), (g) Topography, (b), (e), (h) amplitude, and (c), (f), (i) phase images of dentin
in ambient contact mode PFM, liquid contact mode PFM, and liquid bimodal PFM, respectively.
Reproduced with permission from [194]. Copyright 2009, Institute of Physics

the peritubular dentin is not, resulting in clear contrast in the PFM amplitude image.
Topography, PFM amplitude, and PFM phase images of tooth dentin in deionized
water are shown in Figs. 12.35d–f, respectively. The response variations between
intertubular and peritubular regions are both still visible. Finally, topography and
bimodal PFM images in DI water are shown in Figs. 12.35g–i. While the contrast is
further reduced compared to contact mode PFM in liquid, the overall morphology of
the intermittent-contact PFM images of dentin is similar to the contact mode PFM,
suggesting the feasibility of the approach.
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12.5 Summary and Outlook

PFM and KPFM are rapidly emerging as promising techniques for probing elec-
tromechanical coupling and electrostatic interactions in biological systems. Dynamic
phenomena in biological systems from tissue to cellular, subcellular and molecular
levels are typically associated with electromechanical transformations [195]. Thus,
PFM and KPFM potentially open pathways for studies of electrophysiology on
cellular and molecular levels, signal propagation in neurons, action potentials, etc.
Liquid PFM and KPFM may provide novel opportunities for high-resolution studies
of imaging biological systems in physiological environments on nanometer and
ultimately molecular levels.

Toward this end, there are several challenges that must first be overcome includ-
ing applying localized bias in solution and separating elastic from electromechanical
signals. The former can be addressed through the continued development of probes
with electrostatic shielding [164, 179, 196, 197]. The later can be addressed through
the continued development of novel imaging modes [153, 194, 198, 199].
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122. Z. Leonenko, M. Rodenstein, J. Döhner, L.M. Eng, M. Amrein, Langmuir 22, 10135 (2006)
123. Z. Leonenko, S. Gill, S. Baoukina, L. Monticelli, J. Doehner, L. Gunasekara, F. Felderer,

M. Rodenstein, L. M. Eng, M. Amrein, Biophys. J. 93, 674 (2007)
124. E. Finot, Y. Leonenko, B. Moores, L. Eng, M. Amrein, Z. Leonenko, Langmuir 26, 1929

(2010)
125. F. Hane, B. Moores, M. Amrein, Z. Leonenko, Ultramicroscopy 109, 968 (2009)
126. A. J. P. Martin, Proc. Phys. Soc. 53, 186 (1941)
127. E. Fukada, J. Phys. Soc. Japan 10, 149 (1955)
128. V.A. Bazhenov, Piezoelectric Properties of Wood (Consultant Bureau, New York, 1961)
129. H.S. Nalwa, Ferroelectric Polymers: Chemistry, Physics and Applications (Dekker,

New York, 1995)
130. E. Fukada, R. Prog. Polym. Phys. 38, 1 (1995)
131. E. Fukada, IEEE Trans. Ultrason. Ferroelectr. Freq. Control 47, 1277 (2000)
132. E. Fukada, I. Yasuda, J. Phys. Soc. Jpn. 12, 1158 (1957)



286 B.J. Rodriguez and S.V. Kalinin

133. E. Fukada, I. Yasuda, Jpn. J. Appl. Phys. 3, 117 (1964)
134. S.B. Lang, Nature 212, 704 (1966)
135. C.A.L. Bassett, Calc. Tiss. Res. 1, 252 (1968)
136. A.A. Marino, R.O. Becker, Nature 228, 473 (1970)
137. S. Weiner, H.D. Wagner, Annu. Rev. Mater. Res. 28, 271 (1998)
138. C. Halperin, S. Mutchnik, A. Agronin, M. Molotskii, P. Urenski, M. Salai, G. Rosenman,

Nano Lett. 4, 1253 (2004)
139. S.V. Kalinin, B.J. Rodriguez, S. Jesse, T. Thundat, A. Gruverman, Appl. Phys. Lett. 87,

053901 (2005)
140. S.V. Kalinin, B.J. Rodriguez, J. Shin, S. Jesse, V. Grichko, T. Thundat, A.P. Baddorf,

A. Gruverman, Ultramicroscopy 106, 334 (2006)
141. A. Gruverman, B.J. Rodriguez, S.V. Kalinin, J. Scann. Probe Micros. 1, 1 (2006)
142. B.J. Rodriguez, S.V. Kalinin, J. Shin, S. Jesse, V. Grichko, T. Thundat, A.P. Baddorf,

A. Gruverman, J. Struct. Bio. 153, 151 (2006)
143. A. Gruverman, D. Wu, B.J. Rodriguez, S.V. Kalinin, S. Habelitz, Biochem. Biophys. Res.

Commun. 352, 142 (2007)
144. S. Habelitz, B.J. Rodriguez, S.J. Marshall, G.W. Marshall, S.V. Kalinin, A. Gruverman,

J. Dent. Res. 86, 908 (2007)
145. V.R. Binetti, J.D. Schiffman, O.D. Leaffer, J.E. Spanier, C.L. Schauer, Integr. Biol. 1, 324

(2009)
146. M. Minary-Jolandan, M.-F. Yu, Nanotechnology 20, 085706 (2009)
147. M. Minary-Jolandan, M.-F. Yu, ACS Nano 3, 1859 (2009)
148. A. Gruverman, B.J. Rodriguez, S.V. Kalinin, in Electromechanical Behavior in Biological

Systems at the Nanoscale, ed. by S.V. Kalinin, A. Gruverman. Scanning Probe Microscopy:
Electrical and Electromechanical Phenomena on the Nanoscale, vol. 2, (Springer Science and
Business Media, New York, 2007), pp. 615
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