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Introduction

Prospective and Retrospective on Cell Biology
of the Axon

Axons from projection macroneurons are elaborated early during neurogenesis and
comprise the “hard wired” neuroanatomic pathways of the nervous system. They
have been the subjects of countless studies from the time that systematic research
of the nervous system had its beginnings in the 19th century. Microneurons (i.e.,
interneurons), which are generated in greater numbers later during neurogenesis,
and form local neuronal circuits within functional centers, produce short axons that
have not been studied directly, notwithstanding the fact that their sheared-off termi-
nals probably contribute substantially to the heterogeneity of brain synaptosome
fractions. Strictly speaking, therefore, for purposes of this volume, axons from
projection neurons serve as the principal frame of reference.

In many instances, the mass of a projection neuron’s axon can dwarf the mass of
the cell of origin. This consideration, among others, has historically posed ques-
tions about the biology of the axon, not the least vexing of which have centered on
the basis of axonal growth and steady state maintenance. A simple view has long
prevailed until recently, in which the axon was regarded as to have essentially no
intrinsic capacity to synthesize proteins. By default, structural and metabolic needs
were assumed to be effectively satisfied by constant bidirectional trafficking
between the cell body and the axon of organelles, cytoskeletal polymers, and req-
uisite proteins. From this general premise, it was assumed that directed growth of
axons in response to guidance cues during development was also governed solely
by the cell body. Such a restricted view has been discredited in recent years by a
significant body of research that has revealed a considerable complexity governing
the local expression within axons, which has rendered the traditional conceptual
model anachronistic. Many distinctive features and recent research developments
that characterize the newfound complexity of the cell biology of axons — a com-
plexity that has clear implications for pathobiology — are reviewed and discussed in
the present volume, briefly highlighted as follows.

The first chapter by Thaxton and Bhat reviews the current understanding of
signaling interactions and mechanisms that underlie myelination, while also governing
differentiation of regional axonal domains, and further discusses domain disorgani-
zation in the context of demyelinating diseases.

The following three chapters focus on endogenous cytoskeletal systems that
structurally organize the axon, confer tensile strength, and mediate intracellular

vii



viii Introduction

transport and growth cone motility. Specifically, Shea et al. address issues of how
organizational dynamics of neurofilaments are regulated, including mechanisms of
transport, and how dysregulation of transport can contribute to motor neuron dis-
ease. Fainikar and Baas focus on organizational and functional roles of the microtu-
bule array in axons and further consider mechanisms that regulate microtubule
assembly and disassembly, which, when impaired, predispose axons to degenerate.
Letourneau then reviews the characteristics of the actin cytoskeleton, including its
organization and functions in mature and growing axons, regulated by actin-binding
proteins, and the roles the latter play in transport processes and growth dynamics.

The next set of four chapters deals with selected aspects of intracellular transport
systems in axons. Thus, Bridgman identifies several classes of myosin motor pro-
teins intrinsic to the axon compartment and discusses their principal roles in the
transport of specific types of cargoes, and in potential dynamic and static tethering
functions related to vesicular and translational machinery components, respec-
tively. Zinsmaier et al. review mitochondrial transport and relevant motor proteins,
discussing functional imperatives and mechanisms that govern mitochondrial trans-
port dynamics and directional delivery to specifically targeted sites. The following
chapter about NGF transport by Campenot provides a critical discussion of mecha-
nisms that mediate retrograde signaling associated with NGF’s role in trophic-
dependent neuronal survival. In the last chapter of this series, Roy discusses
potential impairment of transport and/or subcellular targeting of o-synuclein that
may account for accumulations of Lewy body inclusions in a number of neurode-
generative diseases characterized as synucleinopathies.

The succeeding series of five chapters center on historically controversial areas
related to axonal protein synthesizing machinery and various aspects of how local
expression of proteins are regulated in axons. The lead-off chapter by Koenig
describes the occurrence and organizational attributes of discrete ribosome-contain-
ing domains that are identified in the cortex as intermittently spaced plaque-like
structures in myelinated axons, and, while absent as such in the unmyelinated squid
giant axon, appear as occasional discrete ribosomal structural aggregates within
axoplasm. Next, Vuppalanchi et al. present an in-depth review of endogenous
mRNAs, classes of proteins translated locally, and discussion of the intriguing and
rapidly expanding area of ribonucleoprotein (RNP) trafficking in axons. This is fol-
lowed with a chapter by Kaplan et al. which provides insight into the importance that
local synthesis of nuclear encoded mitochondrial proteins plays in mitochondrial
function and maintenance, as well as axon survival. In the following chapter by
Crispino et al., evidence is reviewed that supports the occurrence of transcellular
trafficking of RNA from glial cells to axons and further discusses the significance
that glial RNA transcripts may play in contributing to local expression of proteins in
the axon and axon terminals. A chapter by Yoon et al. examines RNA trafficking and
localization of transcripts in growth cones and reviews the evidence that extracellu-
lar cues modulate directional elongation associated with axonal pathfinding through
signaling pathways that regulate local synthesis of proteins. The final chapter of this
set by Rossoll and Bassell addresses key genetic and molecular defects that underlie
spinal muscular atrophy, a degenerative condition that especially affects
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a-motoneurons, and the roles the unaffected SMN gene product plays as a molecular
chaperone involved in mRNA transport and translation in axons.

The final two chapters deal with neural responses to axon injury. Ben-Yaakov
and Fainzilber review and discuss current understanding about how a local reaction
to injury in axons triggers local protein synthesis of a protein that forms a signaling
complex, which is then conveyed from the lesion site to the cell body to initiate
regeneration. Lastly, Huebner and Strittmatter provide a review and discussion of
recent developments in the current understanding of endogenous and exogenous
factors that condition axonal regenerative capacity in the peripheral and central nerv-
ous systems and identify injury-induced activation of specific genes that govern
regenerative activities.

Along with a cursory prospective of the current volume, it seems only fitting to
highlight some of the early key antecedents that have led to recent developments in
the field. The retrospective begins with selected neurohistologists of yesteryear,
who initially established a cellular orientation in the context of nervous system
organization and also framed significant issues related to axonal biology in the
idiosyncratic language of the late 19th century. Although eclipsed after the turn of
the century, the same issues reemerged many years later, when they were reframed
in terms of contemporary cell biology. Also given some deserved consideration is
the role large-sized axon models played to help advance early investigative efforts
at a cellular level.

In his exhaustively documented to me, entitled The Nervous System and its
Constituent Neurones (1899), Lewellys Barker credits Otto Deiters’ descriptions
of carefully hand-dissected nerve cells from animal and human brains and spinal
cords, published posthumously in 1865, with identifying the distinctive character-
istics of the “axone” among multiple neuronal processes. He observed that the
“...axis-cylinder ... consist(s) of a rigid hyaline, more resistant substance, which at
short distance from its origin in the nerve cell passed directly over into a medul-
lated nerve fibre.” Illustrations based on Deiters’ deft manual isolation of nerve
cells were informative and insightful, but there were fundamentally different con-
cepts competing for acceptance at the time about the underlying functional organi-
zation of the nervous system, one of which centered on the notion of a continuous
reticular fibrillar network. Conclusive evidence that firmly established the “neurone
doctrine” as the basis was ultimately achieved in the last decade of the century, in
which the Golgi silver impregnation method to stain neural tissue so aptly employed
by Ramodn y Cajal in his classical studies, played a key role. Deiters, nonetheless,
focused attention on two important axonal features of a major class of projection
neurons; namely, mechanical tensile strength, and the myelin sheath investment.

The contemporaneous classical degeneration studies performed on peripheral
sensory and motor spinal nerve root fibers by Waller in 1850, and on CNS pyrami-
dal track fibers by Tiirck in 1852 set the stage for research developments in cellular
neurobiology for many years to come. The results made it clear that axons were
dependent on cell bodies for structural integrity and viability, which gave rise to the
concept of cell bodies as indispensible “trophic” centers. The overriding issue
thereby became: How does the cell body actually perform its trophic function?
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In attempting to address the conundrum of trophic influence at the turn of the
19th century, Barker (1899) posed the following rhetorical question: “Does the
axon actually receive all its nutrient material from the ganglion cell, or does it
depend, as would seem a priori much more likely, for the most part upon autoch-
thonous metabolism needing only the influence of the cell to which it is connected
to govern assimilation?”” Barker then takes note of “... a very ingenious hypothesis”
advanced by Goldscheider; namely, “...that it is most probable that there is an
actual transport of a material perhaps a fermentlike substance [i.e., enzyme] from
the cell along the whole course of the axone to its extremity, and that first through
the influence of the chemical body the axone is enabled to make use for its nutrition
of the material placed at its disposal in its anatomical course.”

With these two explanations (see bold print above), Barker, in effect, articulated
two potential modes of supplying proteins to the axon compartment well before the
two corresponding lines of basic research on “local synthesis” and “axoplasmic
transport” took root in the mid-20th century. These research foci and their offshoots
over the years have yielded a large body of information about the biology of the
axon, although, not without controversies along the way.

The era of axoplasmic transport research was ushered in by Paul Weiss’ “nerve
damming” experiments in the mid-1940s. Placement of an arterial cuff around a
peripheral nerve, whether crushed, uncrushed, or regenerating, produced axoplas-
mic damming, which resulted in various forms of ballooning, telescoping, coiling,
and beading of axons proximal to the compression site. Subsequent release of com-
pression yielded a distal redistribution characterized as a continuous proximo-distal
movement of axoplasm at a rate estimated to be about 2 mm/day (Weiss and
Hiscoe, 1948). Actually, it was a few years earlier at a Marine Biological Laboratory
meeting in Woods Hole that Weiss (1944) first invoked the concept of axoplasmic
transport, not only to explain the experimental damming results, but also to suggest
it as a general mechanism to account for natural growth and renewal of the axon,
which was stated as follows. “The neuron, as a living cell, is in a state of constant
reconstitution. The synthesis of its protoplasm would be confined to the territory
near the nucleus (perikaryon). New substance would constantly be added to the
nerve processes from their base. The normal fiber caliber permits unimpeded
advance of this mass, with central synthesis and peripheral destruction in balance.
Any reduction of caliber impedes proximo-distal progress of the column and thus
leads to its damming up, coiling, etc.”

Several reports appeared in the literature during the ensuing decade that sup-
ported the idea of axoplasmic transport. While studying the systemic uptake of [*?P]
into cellular constituents of neurons, Samuels et al. (1951) observed movement of
radiolabeled phosphoproteins along nerves at a rate of about 3 mm/day. Lubinska
(1954) noted two asymmetrical bulbous enlargements juxtaposed to nodes of
Ranvier on each side when examining dissected isolated axon segments, in which
the larger of the two was invariably located on the central side of a node.
Extrapolating from the cuff compression experiments of Weiss, Lubinska inferred
that such perinodal asymmetry was probably caused by the natural constriction of
the node that would presumably impede proximo-distal movement of axoplasm.
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Studies of neurosecretory neurons in vegetative nervous centers also strongly sug-
gested the transport of neurosecretory material from sites of synthesis in cell bodies
to sites of secretion in axon terminals (Scharrer and Scharrer, 1954), while micro-
scopic observations of neurons in culture directly revealed bidirectional movements
of axonal granules and vesicular structures (Hughes, 1953; Hild, 1954). Later, the
first preliminary report of axoplasmic transport of radiolabeled proteins in cats
appeared, based on intrathecal injections of ['*C]methionine and ["“C]glycine, in
which 1-3 cm radiolabeled protein “peaks” “moved” along peripheral nerves at
rates of 4-5 mm/day, and 7-11 mm/day (Koenig, 1958).

In the next two decades, more than thousand papers on axoplasmic transport
appeared (see Grafstein and Forman, 1980). In advance of the vast growth in the
transport literature, Goldscheider’s hypothesis, positing transport of a “fermentlike
substance” from the cell body into the axon, was tested in the case of acetylcho-
linesterase (AChE), a peripheral membrane enzyme in cholinergic neurons
anchored to plasma and cytomembranes. Most AChE in neural and muscle tissues
was inhibited irreversibly by alkyl phosphorylation of the active center, using diiso-
propylflurophosphate (DFP), and recovery of enzymic activity, regarded as an
indirect measure of resynthesis, was evaluated along several peripheral nerves and
cognate nerve cell centers over time (Koenig and Koelle, 1960). AChE activity
reappeared along peripheral nerves and in cell bodies analyzed in manners that
were temporally and spatially independent. The findings suggested the likelihood
of local synthesis in axons as a possible mechanism for enzymic recovery, but did
not rule out axoplasmic transport as an alternate, or ancillary mechanism.

In the late 19th century, a basophilic “stainable substance” in nerve cell bodies
was revealed by the so-called “method of Nissl” that employed a basic aniline dye
to stain nerve cells in neural tissue. The significance of cytoplasmic Nissl substance/
Nissl bodies was eventually elucidated with the advent of electron microscopy (EM),
when basophilic aggregates were identified as ribosome-studded, rough endoplas-
mic reticulum (Palay and Palade, 1955). Palay and Palade also noted in their EM
survey of the nervous system that while ribosomes were apparently absent from
mature axons, they were present in dendrites, and that nerve cell bodies were richly
endowed with ribosomes much like gland cells. The long recognized lack of Nissl
staining in the axon hillock region (the funnel-like protuberance arising from the
perikaryon) and initial segment became recognized as a characteristic hallmark of
axons. Moreover, nerve cell bodies were thought to have more than sufficient capac-
ity to synthesize and supply requisite proteins via axoplasmic transport to support
growth and maintain mass of an extended axonal process. Nonetheless, negative
results based on randomly selected thin sections viewed at an ultrastructural level
could not be considered necessarily conclusive. The uncertainty issue made the
corollary question of whether axons contained RNA compelling to answer.

During the mid-1950s, RNA distribution was investigated in immature neurons
during development of the chick spinal cord (Hughes, 1955), and the guinea pig
fetal cerebral cortex (Hughes and Flexner, 1956), using a microscope equipped with
quartz optics, and a UV light source in a spectral region selective for RNA absorp-
tion. Ultraviolet microscopy revealed that RNA was diffusely distributed within
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immature axons, but then disappeared just before Nissl bodies formed in cell bod-
ies. Efforts to investigate RNA, or endogenous protein synthesizing activity directly
in the mature axon, however, was not possible until sensitive quantitative methods
of detection and analysis at a cellular level were developed, including the availabil-
ity of a suitable axon model.

Axon models played important roles in early studies at a cellular level, not only
initially to investigate axonal electrophysiology, but also later to analyze axonal
RNA, and rheological properties of axoplasm. The squid giant axon was the first
experimental model to be employed for the purpose of intracellular electrophysio-
logical recording. Its use by Hodgkin and Huxley (1939) made it possible to docu-
ment the reversal of membrane polarity during the overshoot of an action potential.
The findings refuted the Bernstein theory that prevailed since the turn of the 20th
century, which predicted that an action potential would simply cause the negatively
polarized membrane to collapse to O mV. The landmark experiment entailed insert-
ing an electrode axially into a squid axon that was 500 wm in diameter, dissected
from Loligo pealeii. Also, importantly, the experiments established for the first time
the existence of a functional plasma membrane.

It is especially noteworthy that Hodgkin and Huxley acknowledged the English
zoologist, anatomist, and neurobiologist, J.Z. Young, who had discovered the giant
axon a few years earlier, for having recommended its use. Later, Young (1945)
conjectured that axoplasm is a viscous fluid that is likely to exhibit non-Newtonian
flow behavior, a property in which stress force produces nonlinear flow (e.g., ini-
tially resisting flow, but then finally yielding to flow at a critical force, with flow
accelerating thereafter). Young drew his inference about non-Newtonian flow
behavior on the basis of weak form birefringence of axoplasm shown by inspection
in polarization microscopy. The form birefringence was attributed to the “neurofi-
brillar” organization of axoplasm.

The conjecture was later confirmed in Robert Allen’s laboratory, at which time
a rheological model was formulated as a result of experiments in living squid axon
preparations. Specifically, in addition to showing that axoplasm was firmly attached
to the plasma membrane and that it could be easily sheared, axoplasm was charac-
terized as a “complex viscoelastic fluid”, having an elastic modulus greater in the
longitudinal direction than in the radial direction (Sato et al., 1984). Such rheologi-
cal behavior is consistent with our present understanding of how the three major
cytoskeletal systems are organized and interact in the axon; i.e., linearly oriented
structural elements, comprising microtubules (e.g., see Fainikar and Baas, this vol-
ume) and neurofilaments that exhibit lateral crossbridging (e.g., see chapter by
Shea et al., this volume), in addition to a diffuse actin filament network, which in
part also forms a dense cortical layer, consisting of a submembraneous F-actin
network, essential for membrane stability and anchoring many integral membrane
proteins (e.g., see Letourneau, this volume).

The visco-elastic properties of axoplasm made it possible to extrude axoplasm
out of a cut end of squid giant fibers, much like expressing toothpaste from a tube.
On the other hand, its quasi solid-like properties also made it feasible to translate
axoplasm out of its myelin sheath with microtweezers as an “axoplasmic whole-
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mount” (e.g., see Koenig, this volume). Indeed, the tensile strength and ease with
which axoplasm can be translated as a whole-mount are enhanced with an increase
in axon diameter due to the corresponding greater neurofilament content.

Allen also greatly advanced in research in the field of axoplasmic transport with
the development of video enhanced differential interference contrast microscopy,
which made it possible to visualize organelles transported along microtubules at a
submicroscopic level in the squid giant axon (Allen et al., 1982), and in extruded
axoplasm (Brady et al., 1982). The methodological approach was key to the subse-
quent discovery of kinesin (Vale et al., 1985), the first of a number of microtubule,
and F-actin dependent molecular motor proteins later characterized.

The vertebrate’s equivalent to the squid giant axon model is the large, heavily
myelinated Mauthner axon in goldfish, and in other teleost fishes. While it is not at
par with the squid axon with respect to size, it is exceptionally large for a vertebrate
axon, in which the axoplasmic core can range from 20 to 90 um in diameter. The
paired axons originate from very large, electrophysiologically identifiable Mauthner
nerve cells located in the hindbrain. The rapidly conducting Mauthner axons project
the length of the spinal cord, giving off very short collaterals through the myelin
sheath (e.g., see Koenig, this volume), which synapse with a neuronal network that
triggers a “C-bend” reflex of the trunk musculature to initiate an escape response.

In the late 1950s, Jan-Erik Edstrom developed ultramicro analytic methods for
RNA in the picogram range designed for isolated microscopic samples. The pos-
sibility that axons may have an intrinsic capacity to synthesize proteins (Koenig and
Koelle, 1960), notwithstanding an apparent lack of ribosomes (Palay and Palade,
1955), prompted Edstrom et al. (1962) to analyze RNA extracted by ribonuclease
digestion of isolated axoplasm micro-dissected from fixed goldfish Mauthner cell
fibers. The landmark study, and subsequent analysis of axoplasm from Mauthner
(Edstrom, 1964a; 1964b), and spinal accessory fibers of the cat (Koenig, 1965),
documented the occurrence of RNA in adult vertebrate axons, and provided the first
quantitative data about RNA content and nucleotide base composition. More than
a decade elapsed before ribosomal RNA (rRNA) was demonstrated in axoplasm
isolated from Mauthner fibers (Koenig, 1979), and unmyelinated squid giant fibers
(Giuditta et al., 1980). Eventually, a systematic cortical distribution of novel ribos-
ome-containing structural domains was revealed in isolated vertebrate axoplasmic
whole-mounts (Koenig and Martin, 1996; Koenig et al., 2000), while in the squid
giant axon, ribosomes were observed to be clustered in randomly distributed struc-
tural aggregates within the core of axoplasm (Martin et al., 1998; Bleher and
Martin, 2001) (e.g., see Koenig, this volume).

Evidence of local protein synthesis and translational machinery in axons has
long been held captive by the sway of the deeply ingrained view in neurobiology
that axoplasmic transport is the sole source of all axonal proteins. Such a view was
promulgated in early literature, and, later, reinforced periodically by dogmatic
assertions in reviews of axoplasmic transport, illustrated, for example, by the fol-
lowing: “Remarkably, synthesis of all axonal proteins is restricted to a cell body
tens of micrometres in diameter. Every protein has to be transported from where it
is made to where it is needed” (Brady, 2000).



Xiv Introduction

To the contrary, a newfound complexity, which is recognized and documented in
the present volume, controverts long held shibboleths regarding the single mode of
expression in axons. There are now clearly strong reasons for adopting a balanced,
broadly based view about gene expression vis-a-vis axons of projection neurons.
Intracellular transport systems not only deliver proteins to axons directly, but also
deliver and localize mRNA transcripts for translation as an integral part of RNP-
dependent RNA trafficking from the soma. In addition, a third source of gene
products potentially reaches the axon via a local transcellular route from adjacent
ensheathing cells. Differences in contributions of gene products to the axonal com-
partment from each of these potential sources will likely vary, depending on the
specific neuronal phenotype. Differences among the three potential sources are also
likely to depend upon the state of the neuron; i.e., during the growth of immature
axons, during steady state maintenance and functional activity of mature axons, and
during the reaction of axons to injury. Sorting out the relative importance of each
source in the various exigency states of the neuron, as well as analyzing the roles
that transport systems play on the supply side would not only deepen our under-
standing of the normal biology of the axon, but should also offer insight into the
potential for pathobiological dysfunctions. At this juncture, these quests must be
left for future “axonologists™ to pursue.

Williamsville, NY, Edward Koenig
May 2009
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Myelination and Regional Domain
Differentiation of the Axon

Courtney Thaxton and Manzoor A. Bhat

Abstract During evolution, as organisms increased in complexity and function, the
need for the ensheathment and insulation of axons by glia became vital for faster
conductance of action potentials in nerves. Myelination, as the process is termed,
facilitates the formation of discrete domains within the axolemma that are enriched in
ion channels, and macromolecular complexes consisting of cell adhesion molecules
and cytoskeletal regulators. While it is known that glia play a substantial role in the
coordination and organization of these domains, the mechanisms involved and signals
transduced between the axon and glia, as well as the proteins regulating axo—glial
junction formation remain elusive. Emerging evidence has shed light on the processes
regulating myelination and domain differentiation, and key molecules have been
identified that are required for their assembly and maintenance. This review high-
lights these recent findings, and relates their significance to domain disorganization
as seen in several demyelinating disorders and other neuropathies.

1 Introduction

One of the most critical processes of both the central and peripheral nervous systems
is myelination, involving the ensheathment and insulation of axons by glial cell
membranes. As the glial cells, comprising Schwann cells in the peripheral nervous
system (PNS) and oligodendrocytes in the central nervous system (CNS), contact
and continually wrap their membranes around axons, they create polarized domains
(Bhat 2003; Salzer 2003). These domains include the node, paranode, juxtaparanode,
and internode.
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During development, axo—glial interactions mediate the restriction of ion channels
into specific membrane domains; that is, potassium channels in the juxtaparanode
and sodium channels in the node of Ranvier, which, in turn, allow for the rapid and
efficient conduction of the nerve impulse. The exact mechanisms governing the
segmentation of ion channels into specific domains is elusive, but evidence has
shown that disruption of paranodal axo—glial junctions leads to severe impairments
of saltatory conduction, motor coordination, and myelination (Bhat 2003; Salzer
2003; Salzer et al. 2008). These phenotypes are often seen in demyelinating
disorders and other neuropathies, which exemplify the importance of axo—glial
junctions to the steady state kinetics of the action potential and proper nervous
system functioning. Recent findings have identified several critical molecules and
signaling pathways mediating the formation of axo—glial junctions and the regional
organization of ion channel domains in the axonal membrane. In this review, new
advancements in our knowledge of myelination and the differentiation of four
domains in myelinated fibers will be highlighted, in addition to discussing the
mechanisms regulating their formation, maintenance during normal functioning,
and disease onset and progression.

2 Myelination of Axons

Myelination is a process whereby specialized cells of the nervous system, termed
glia, elaborate double membrane wrappings around axons, creating an insulating
layer that promotes the fast conduction of nerve impulses. The many wrappings
effectively increase total membrane resistance and decrease total membrane capacitance
between nodes of Ranvier, which greatly reduces “leakage” of current across the
internodal membrane. The “sparing” of axoplasmic current, in combination with
very fast internodal electrotonic conduction, rapidly depolarize the downstream
nodal membrane to threshold.

While myelination is required in both the PNS and CNS, there are distinct differences
between the myelin forming cells with respect to the proteins and the signals required
for myelination in these two systems. In the PNS, as Schwann cells differentiate, they
will assume one of the two fates: they will either (1) form a 1:1 relationship with an
axon and myelinate it or (2) extend multiple processes that will ensheath several
axons (Jessen and Mirsky 2005). Oligodendrocytes, on the other hand, extend multiple
processes that will contact and myelinate several axons, up to forty separate axons at
a time (Simons and Trotter 2007). While there are several factors that affect glial cell
differentiation, such as growth factors and the extracellular matrix (ECM), the most
notable is the axon phenotype, which determines its diameter. Those axons greater
than 1 wm in diameter will be myelinated; whereas those smaller than 1 wm will be
ensheathed. Interestingly, axonal diameter also determines the length of the inter-
node, the segment of myelin between two nodes, as well as the thickness of the
myelin layer(s), but the exact mechanisms governing the detection of axonal thickness
by Schwann cells and oligodendrocytes remains elusive.
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Premyelinating Schwann cells are distinctly bipolar, with processes extending
longitudinally along the length of an axon. This extension will ultimately determine
the location of the nodes of Ranvier and the internodal length. Once the internode
is defined, signals from the axon and the ECM induce Schwann cells to extend their
membrane laterally and spiral inwardly around the axon. The continuous wrapping
of the Schwann cell membrane facilitates the development of the adaxonal (i.e.,
adjacent to the axon) and abaxonal (i.e., abutting the ECM) membrane layers.
On the abaxonal side, Schwann cells are surrounded by a specialized ECM known
as the basal lamina. The basal lamina is unique to the PNS and is formed by the
Schwann cells to assist with their maturation and differentiation into a myelinating
phenotype (Chernousov and Carey 2000; Court et al. 2006). Another unique feature
of peripheral Schwann cells is the formation of nodal microvilli. These structures
are small protrusions that extend beyond the distal-most paranodal loop and contact
the underlying node. These structures are believed to participate in the formation of
the node and mediate communication between the axonal node and the adjacent
Schwann cell (Gatto et al. 2003; Ichimura and Ellisman 1991; Melendez-Vasquez
et al. 2001).

Oligodendrocytes, unlike Schwann cells, are multipolar cells that have numerous
processes extending from their cell bodies. These processes mediate the defasciculation
and seperation of axons, to which, eventually, the majority of the processes will
attach to, and also myelinate several different axons. As mentioned earlier, one
oligodendrocyte has the ability to myelinate as many as forty axons (Simons and
Trotter 2007). The ensheathment of multiple axons by oligodendrocytes suggest
that different signaling mechanisms govern their ability to identify neighboring
cells and to distinguish the node and other axonal domains compared to Schwann
cells. At this time, little is known about these mechanisms or the molecules
involved. Additional distinctions between oligodendrocytes and Schwann cells are
the absence of microvilli overlying the node and a basal lamina, which is absent in
the parenchyma of the central nervous system (Hildebrand et al. 1993; Melendez-
Vasquez et al. 2001).

Because of the absence of the nodal protrusions, it is unclear how oligodendrocytes
mediate intercellular signaling during the formation of the node. There is, however,
evidence that oligodendrocytes secrete specific factors that coordinate the clustering
of nodal components preceding myelination (Kaplanetal. 2001, 1997). Additionally,
the existence of perinodal astrocytes are hypothesized to interact with nodal
components, and thus may provide signaling cues to adjacent myelinating
oligodendrocytes (Black and Waxman 1988; Hildebrand et al. 1993). The absence
of basal lamina from oligodendrocytes suggests that other ECM components or
environmental factors may provide the binding sites for anchorage requisite for
myelination, but at this time this remains an unresolved issue. Although substantial
differences exist between the mechanisms of myelination between PNS Schwann
cells and CNS oligodendrocytes, one common feature is the ability of both types of
glia to potentiate the development of polarized axonal domains during myelination.
The formation of these domains (viz. the node, paranode, juxtaparanode, and internode)
is crucial for proper saltatory conduction of the action potential. Key molecules are
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Cnp-cre;NfascFlox

Fig. 1 Domain organization in myelinated PNS nerve fibers. Teased sciatic nerve fibers from
wild-type (**; a), Caspr null (Caspr~'=; b), and Neurofascin*'>> (NF155) specific null mice (Cnp-
cre; Nfasc™>; ¢) mice immunostained with antibodies against Kv1.1 (red), Caspr (blue), and
Neurofascin 186 (NF186; green). In wild-type nerve fibers, localization of Kvl1.1 fluorescence is
restricted to the juxtaparanode. Caspr staining marks the paranode and NF186 is a marker of the
nodal region. In Caspr null fibers, the lack of paranodal axo—glial junctions results in the diffusion
of potassium channels into the paranode, as evident by the presence of Kv1.1 fluorescence adja-
cent to NF186 staining at the node (b). Loss of NF155 expression results in the lack of Caspr
fluorescence at the paranode and the redistribution of potassium channels into the paranodal
region, similar to Caspr mutants (c). In both mutants, the node remains unaltered as indicated by
NF186 fluorescence

involved with the formation of these domains and their absence results in grave
consequences as discussed below (Fig. 1).

3 Axonal Domains of Myelinated Axons

3.1 The Node of Ranvier

The nodes of Ranvier are short, myelin-free segments of axonal membrane that are
distributed at regular intervals along myelinated nerve fibers, in which the action
potential is regenerated in a saltatory manner. These regions are enriched in volt-
age-gated sodium (Nav) ion channels, which occupy a density of approximately
1,500 um2 (Waxman and Ritchie 1993). Nav channels are heterotrimeric complexes
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comprised of a pore-forming o-subunit that regulates ion flow and one or more
transmembrane-spanning [3-subunits that mediate both extracellular and intracel-
lular interactions (Isom 2002; Yu and Catterall 2003). During development, a tran-
sition between the o-subunits occurs, in which Nav1.2, present in immature nodes,
is replaced by Nav1.6 in adult nodes (Boiko et al. 2001). While all mature nodes in
the PNS express Nav1.6 exclusively, subsets of adult CNS nodes express Nav1.2
and Nav1.8 (Arroyo et al. 2002). The significance of this exchange in subunits is cur-
rently unknown, but may pertain to varying activity of the subunits. What is known
is that the Nav channels are essential for the proper conduction of the nerve
impulse, because loss of Nav1.6 causes a dramatic decrease in conduction velocities,
accompanied with abnormal nodal and paranodal structure (Kearney et al. 2002).

Several proteins expressed in the node are known either to interact with and/or
mediate Nav channel function, including the cytoskeletal proteins ankyrin G
(AnkG), BIV spectrin, oll spectrin, and the cell adhesion molecules (CAMs) neu-
rofascin (NF186), and NrCAM (Salzer 2003). AnkG belongs to a family of scaffold-
ing proteins that function to stabilize membrane-associated proteins by linking
them to the actin—spectrin cytoskeleton within specialized domains (Bennett and
Lambert 1999). It is expressed in both the axon initial segment (AIS) and the nodes
of neurons, where it interacts with Nav channels through either their o-, or
B-subunit(s) (Bouzidi et al. 2002; Kordeli et al. 1995; Lemaillet et al. 2003;
Malhotra et al. 2002). This interaction is essential for the targeting of Nav channels
to the AIS, as mice deficient in a cerebellar-specific AnkG show a loss of Nav chan-
nel clustering at the AIS of Purkinje neurons and the inability to fire action poten-
tials (Zhou et al. 1998a). Presumably, the loss of AnkG within the nodes may result
in a similar loss of Nav channels; however, while the AIS and nodes have many
similarities in molecular composition, their functions may be differentially regulated.

AnkG associates with the cytoskeleton through its interaction with b-spectrins;
specifically, bIV spectrin, which is also localized to the nodes of Ranvier and AISs
(Berghs et al. 2000; Komada and Soriano 2002). This interaction is critical for the
clustering of AnkG, and in turn, Nav channels to the node inasmuch as loss of bIV
spectrin in mice results in reduced levels of these proteins in nodes and AlISs,
increased nodal axonal diameter, and severe tremors and impaired nerve conduction
(Komada and Soriano 2002; Lacas- Gervais et al. 2004). Concomitantly, AnkG null
Purkinje neurons show loss of BIV spectrin in the AIS, revealing a codependent
relationship between AnkG and BIV spectrin and their localization to these critical
areas of action potential propagation (Jenkins and Bennett 2001).

Recently, another spectrin, o/l spectrin, was identified at the nodes, and proposed
to have physiological significance to the nodal architecture. Normally, ol spectrin
is associated with the paranode, but new findings have indicated the presence of all
spectrin in immature nodes (Garcia-Fresco et al. 2006; Ogawa et al. 2006). Initially,
all spectrin is expressed in both the nodes and the paranodes in developing nerves,
but gradually becomes restricted to the paranode as myelination progresses.
Although its final site of expression resides at the paranode, oll spectrin was
proposed to play a role in the assembly of the nodes and the clustering of Nav channels,
since loss of its expression in the neurons of zebra fish resulted in abnormal nodal



6 C. Thaxton and M.A. Bhat

dimensions (Voas et al. 2007). Although electrophysiological data from these
mutants could not be assessed, it is probable that the increase in nodal length
observed may perturb the propagation of the action potential and slow down nerve
conduction. Interestingly, the progressive restriction of all spectrin during myelina-
tion may suggest that BIV spectrin replaces it in mature nodes. Further analysis of
the significance of oIl spectrin to the node or the paranode may prove to be impor-
tant to our understanding of how these domains are initially constructed.

Neurofascin (NF186) and NrCAM are members of the L1 subfamily of
immunoglobulin (Ig) cell adhesion molecules (CAMs) that mediate cell-cell, and
cell-matrix interactions (Grumet 1997; Volkmer et al. 1992). Both proteins are
expressed in the nodes and AISs and interact with AnkG through a conserved region
present in the cytoplasmic domain of each protein (Davis et al. 1996; Lustig et al.
2001; Zhang et al. 1998). The association of AnkG with NF186 is mediated by tyrosine
phosphorylation. The unphosphorylated form of NF186 is able to associate with
AnkG at the nodes, while phosphorylation perturbs the interaction of NF186 with
AnkG (Garver et al. 1997; Zhang et al. 1998). Through their interaction with AnkG,
both NrCAM and NF186 are thought to coordinate Nav channel clustering and node
formation, because accumulation of these CAMSs occurs prior to the presence of both
AnkG and Nav channels in PNS nodes (Custer et al. 2003; Lambert et al. 1997,
Lustig et al. 2001). Additionally, experiments utilizing function-blocking antibodies
against the CAMs revealed that both Nav channels and AnkG failed to accumulate at
the nodes in in vitro cocultures (Lustig et al. 2001). Furthermore, mice deficient in
NrCAM expression resulted in delayed aggregation of Nav channels and AnkG to the
nodes, although they did eventually cluster and the nodes functioned normally (Custer
et al. 2003). Conversely, other findings suggest that AnkG is responsible for the initial
assembling of Nav channels and CAMs to CNS nodes (Jenkins and Bennett 2002).

At this time, no mutational analysis of NF186 alone has been conducted, but a
conventional null mutant lacking both isoforms of neurofascin, NF186, and the
glial neurofascin (NF155) expressed in the paranode exhibited complete loss of
nodal and paranodal formation (Sherman et al. 2005). These mice died at postnatal
day 6 (P6), which prevented further characterization of their functions in axo—glial
domain formation and maintenance. However, recent findings by the same group
revealed that reexpression of NF186 in the mutant axons resulted in the relocaliza-
tion of AnkG and Nav channels to the node, suggesting that NF186 coordinates the
formation of the node and the clustering of the Nav channels (Zonta et al. 2008).
These results are very compelling and further analysis of a true NF186 knockout
would greatly contribute to our future understanding of its role in nodal development
and organization.

A unique set of nodal proteins exists that is expressed specifically in the PNS.
These proteins, which reside within the Schwann cell microvilli that extend from
the outermost paranodal loop of myelin, contact the node and are proposed to function
in nodal development and formation. An array of proteins are expressed within
these small protrusions, including gliomedin, ERM (ezrin/radixin/moesin) proteins,
EBP-50 (ezrin binding protein 50), dystroglycan, RhoA-GTPase, and syndecans
(Eshed et al. 2005; Gatto et al. 2003; Goutebroze et al. 2003; Melendez-Vasquez
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et al. 2004, 2001; Saito et al. 2003). Of particular interest is Gliomedin, which was
shown to interact with NF186 and NrCAM in the nodal axolemma. This interaction
was proposed to coordinate the clustering of these proteins into the PNS node
(Eshed et al. 2005). Similarly, ablation of dystroglycan, a laminin receptor, in
myelinating Schwann cells resulted in reduced Nav channel clustering at the nodes
and disrupted nodal microvilli formation (Saito et al. 2003). These findings indicate
that Schwann cells may function to coordinate the initial formation and clustering
of nodal components, most likely through their interactions with NF186 and
NrCAM, and further exemplify the importance of glial signals to nodal development,
particularly in the PNS. While we have yet to discover the exact mechanisms
regulating nodal development, it is evident that all the proteins discussed above
play significant roles in nodal domain formation, maintenance, and function.
Further studies to elucidate their mode of action may provide insight into the
mechanisms regulating these processes in disease.

3.2 The Paranode

3.2.1 The Function of the Vertebrate Paranodal Region

The paranode is a region in myelinated nerve fibers where the terminal myelin
loops form specialized septate-like junctions with the axolemma. These axo—glial
junctions are directly contiguous to the nodes of Ranvier and are thought to act as
a barrier or molecular sieve, which impedes free diffusion between the nodal space
and juxtaparanodal periaxonal space (Pedraza et al. 2001). As myelination
progresses, the internodal myelin layers are compacted. This compaction forces
cytoplasm to redistribute outwardly towards the paranode, and results in the for-
mation of the characteristic paranodal loops. These paranodal loops, representing
the initial wraps of myelin, also function as an anchorage point to stabilize the
glial cell as myelination proceeds. Accordingly, the appearance of transverse
bands, or the septate-like junctions, is first observed at the distal-most loop of the
preforming paranode. Formation of the bands then progresses inwardly towards
the juxtaparanode. The continual wrapping of myelin and the formation of these
“septae” serve to cluster the juxtaparanodal potassium (Kv) channels and separate
them from the nodal Nav channels. Thus, formation of the paranodal axo-glial
junctions is crucial to the demarcation and segmentation of axonal domains in
nerve fibers that allow for proper conduction of the nerve impulse (see below).

3.2.2 Functional Relevance of Invertebrate Septate Junctions to Vertebrate
Paranodal Axo-Glial Junctions

Septate junctions (SJs) are one of the most widely and diversely expressed junctions
in invertebrates. These junctions play critical roles in governing cell polarity,
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cell adhesion, and the diffusion of molecules between cells (Banerjee et al. 2008,
2006a, b; Baumgartner et al. 1996). During epithelial cell development, SJs form
in a region known as the apico-lateral domain, an area just basal to the apical
hemiadherens junctions, and zonula adherens. These junctions form in a circum-
ferential pattern and function to maintain epithelial cell polarization and integrity
by sustaining a constant distance of 15 nm between adjoining cells. Additionally,
SJs were found to act as a diffusion or paracellular barrier to restrict the move-
ment of molecules between the apical and basolateral surfaces of epithelia
(Banerjee et al. 2008, 2006a; Carlson et al. 2000; Tepass et al. 2001). Similarly,
vertebrate paranodal axo—glial junctions function by providing a periaxonal barrier
to ionic diffusion between regional longitudinal axonal domains of myelinated
fibers and thus are considered orthologous to invertebrate SJs (Banerjee and
Bhat, 2007; Bhat 2003; Salzer 2003). Perhaps the most relevant example of
invertebrate SJs to vertebrate paranodal axo—glial junctions is found in the nervous
system of Drosophila (Fig. 2). Similar to oligodendrocytes in the mammalian
CNS, Drosophila glial cells encompass several axons with their membrane, but

Fig. 2 Comparative ultrastructure of Drosophila and mouse unmyelinated and myelinated nerve
fibers. (a) Cross-sections of peripheral nerve fibers from Drosophila show the inner glia (G)
ensheathing axons (a). Electron dense, ladder-like structures (arrow) known as septate junctions
form between the outer perineurial (P) and the inner ensheathing glial cell (G) membranes (m) of
Drosophila (arrowheads, D). Electron micrograph cross-section of a Remak bundle in the mouse
peripheral nerve (b). Remak bundles consist of several small diameter axons (a) that are
ensheathed by a single nonmyelinating Schwann cell. These fibers do not acquire myelination, and
are similar in structure to Drosophila nerve fibers. Ultrastructure of a single myelinated mouse
peripheral nerve fiber in cross-section (c). The continual wrapping of the Schwann cell myelin
membrane (my) forms a multilamellar layer that is electron dense. A longitudinal section of the
paranodal region of a myelinated axon (a) shows the septate-like junctions that form between the
myelin loops (ml) and the underlying axolemma. Scale bars: (a) 2 um; (b) 1 pm; (¢) 0.5 um;
(d, e) 0.2 um
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instead of myelinating the axons, they simply ensheath them (Banerjee and Bhat
2008). A separate layer of perineurial cells develops around the glia, similar to
the layer of fibroblasts that form the perineurium in vertebrates, which surrounds
myelinated nerve fasciculi in the PNS (Hildebrand et al. 1993; Jessen and Mirsky
2005). To limit the flow of ions from the axons, septate junctions are formed
between glial cells in a homotypic fashion and heterotypically between the glial
and perineurial cells. As is the case with epithelial cells, these SJs function as a
paracellular barrier to regulate or prevent the diffusion of ions and molecules
from the hemolymph (Banerjee and Bhat 2007; Tepass et al. 2001). Similarly,
vertebrate paranodal axo-glial junctions behave as diffusion barriers between
Nav channels in the node and Kv channels in the juxtaparanode. By maintaining
the segregation of ion channels into their respective domains, the paranode facili-
tates proper saltatory conduction, while also ensuring repolarization of the action
potential.

The identification of Drosophila SJs and the proteins involved in their formation
and stabilization has lead to the elucidation of several homologues expressed in
vertebrate paranodes (Fig. 3). Of note are the Drosophila cell adhesion mole-
cules (CAMs) neurexin IV, contactin, and neuroglian, and the cytoskeletal protein,
coracle (Banerjee et al. 2006b; Faivre-Sarrailh et al. 2004). Loss of expression
of these genes has devastating effects on septate junction formation, and the
stabilization of the paracellular barrier (Banerjee et al. 2006a; Baumgartner et al.
1996). The vertebrate counterparts of these molecules are contactin-associated
protein (Caspr), contactin, the 155 kDa isoform of neurofascin (NF155), and
protein 4.1B, respectively (Bhat et al. 2001; Boyle et al. 2001; Peles et al. 1997,
Tait et al. 2000). All these proteins localize to the paranode, and through
genetic ablation and biochemical analysis we have begun to understand their
importance to the formation of the paranode and the maintenance and segregation
of axonal domains.

3.2.3 Key Regulators of Paranodal Formation and Stability

Initial studies aimed towards elucidating the proteins involved in the formation of
the paranodal axo-glial junctions were focused around the Neurexin/Caspr/
Paranodin (NCP) family of cell recognition molecules (Bellen et al. 1998). This
superfamily is composed of five vertebrate homologues, that is, Caspr—Caspr5
(Spiegel et al. 2002). Of these isoforms, only Caspr is expressed at the paranodes,
where it becomes enriched in the axolemma when myelination arrests (Arroyo
etal. 1999; Bhat et al. 2001; Einheber et al. 1997; Menegoz et al. 1997). Caspr (aka
Paranodin) is a Type 1 transmembrane protein that is comprised of a large expansive
extracellular domain and a short intracellular domain. The extracellular domain of
Caspr contains an array of subdomains implicated in cell-cell and cell-matrix
interactions, including discoidin, EGF (epidermal growth factor), laminin G, and
fibrinogen-like domains (Bellen et al. 1998; Bhat 2003; Denisenko-Nehrbass et al.
2002). While the specific function of each individual domain remains elusive, it is
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Fig. 3 Major components of septate junctions in Drosophila and mouse. The domain structure of
Drosophila Nrx 1V, Contactin, Neuroglian, and Coracle, and their vertebrate counterparts in
mouse, Caspr, Contactin, NF155, and Protein 4.1B reveals significant homology between these
proteins (a). Schematic representation of the proteins involved in the formation of the paranodal
axo—glial septate junctions in mouse (b). NF155 is expressed strictly in the myelinating glial
within the paranodal loops. The presence of a FERM binding domain within NF155 predicts an
interaction with a FERM protein, which may mediate signaling to the glial cytoskeleton. NF155
is hypothesized to bind to either Caspr or Contactin, but the exact mechanisms are yet unknown

known that the extracellular domain of Caspr is vital for the formation of transverse
septae, as evidenced by the absence of these junctions in Caspr-deficient mice
(Bhat et al. 2001). The periaxonal space of the Caspr mutants was often invaded by
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astrocytic process in the CNS, Schwann cell microvilli in the PNS, and extracellular
matrix components. The lack of stability resulted in the eversion of the paranodal
loops, in which severe ataxia and reduced conduction velocity were also noted in
these mice. Additionally, the juxtaparanodal rectifying Shaker-like potassium chan-
nels, Kv1.1 and 1.2, were frequently mislocalized to the paranodal region, while the
nodal Nav channels remained unchanged. This alteration is likely to be mediated
by the short intracellular domain of Caspr, which includes proline rich and glyco-
phorin C domains that are known to interact with the actin cytoskeleton and coor-
dinate it (Denisenko-Nehrbass et al. 2003a, b; Gollan et al. 2002; Menegoz et al.
1997). Thus, these findings exemplified the importance of Caspr to the formation
of the axo—glial junctions and to the distribution, segregation, and organization of
ion channels within axonal domains.

Support for the role of Caspr in the organization of axonal domains and the
formation and stabilization of paranodes came with the discovery of its protein binding
partners and regulators. On the axonal side, Caspr associates with contactin, a glyco-
sylphosphatidylinositol (GPI)-anchored protein belonging to the Ig superfamily
(Brummendorf and Rathjen 1996; Falk et al. 2002). Contactin is also enriched at the
paranodes of myelinated fibers and forms a cis interaction with Caspr in the
axolemma (Peles et al. 1997; Reid et al. 1994). This interaction is mediated by the
extracellular domain of Caspr and the fibronectin III domains of contactin (Bonnon
et al. 2003; Faivre-Sarrailh et al. 2000). Genetic ablation of contactin in mice results
in an analogous phenotype as Caspr mutants, with the loss of transverse bands and
attendant paranodal disorganization (Boyle et al. 2001). In addition, Caspr fails to
localize to the plasma membrane, suggesting that contactin may function to transport
and/or stabilize Caspr to the paranodal axonal membrane. Indeed, further characteri-
zation of the interaction between contactin and Caspr reveals that a mutually exclusive
relationship exists between the two proteins. Without contactin, Caspr is retained in
the endoplasmic reticulum and fails to traffic to the paranodal axolemma (Bonnon
et al. 2003; Faivre-Sarrailh et al. 2000). Concomitantly, contactin cannot stably
localize to the paranode in the absence of Caspr, but rather is found in the nodes in
the CNS (Bhat et al. 2001; Rios et al. 2000).

Several scaffolding and cytoskeletal components reside at the paranodes, and
emerging evidence suggests a critical role for these proteins in the maintenance of
axo—glial junctions. Protein 4.1B belongs to the Band 4.1 superfamily of membrane
cytoskeletal linking proteins (Hoover and Bryant 2000; Parra et al. 2000; Sun et al.
2002). It is present in the paranodes, and distributed diffusely in the juxtaparanodes
of axons; to date, it is the only known protein 4.1 isoform localized to the axo—glial
junctions (Ohara et al. 2000). Protein 4.1B contains a conserved FERM (four point
one/ezrin/radixin/moesin) domain that mediates its binding with several transmembrane
receptors, including Caspr at the paranodes and Caspr2 at the juxtaparanodes
(Denisenko-Nehrbass et al. 2003b; Garcia-Fresco et al. 2006; Gollan et al. 2002).
The conserved cytoplasmic GNP (glycophorin C/Neurexin IV/paranodin) domain
of Caspr mediates its association with protein 4.1B (Gollan et al. 2002; Sousa and
Bhat, 2007). Loss of the GNP domain resulted in the internalization of the Caspr—
contactin complex from the axonal plasma membrane, suggesting an important role
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for Protein 4.1B in the stabilization of this complex and axo—glial junctions at the
paranode (Gollan et al. 2002). It remains to be seen what effect the loss of protein
4.1B might have on the formation and maintenance of the paranode; however, studies
of the Drosophila orthologue, coracle, suggest a key role for the FERM domain-
containing proteins in the organization and stabilization of septate junctions
(Baumgartner et al. 1996; Laval et al. 2008; Ward et al. 1998). Recent work has
identified the presence of a macromolecular complex consisting of protein 4.1B,
Ankyrin B (AnkB), and the all and bII spectrins that associates with Caspr and
contactin at the paranodal junctions (Garcia-Fresco et al. 2006; Ogawa et al. 20006).
Loss of Caspr resulted in the absence of AnkB, or its diffusion out of the paranodes,
which reflects the importance of Caspr in orchestrating the assembly of the underlying
paranodal cytoskeleton (Garcia-Fresco et al. 2006; Pillai et al. 2007; Sousa and
Bhat, 2007). Given that the junctional specialization of the paranode functions as a
“fence” in regulating the diffusion of ions associated with functional activity in the
axon, it will be interesting to see how future studies may elucidate the roles of these
cytoskeletal proteins in segregating the axonal domains.

The interaction(s) between glia and axons is important in regulating myelination
and the formation of axonal domains. As oligodendrocytes and Schwann cells asso-
ciate with the axon, they initiate the clustering of the paranodal components in the
axolemma. While several axonal proteins have been identified at the paranode, only
one glial protein is known to localize to the paranodal axo-glial junctions, the
155 kDa isoform of neurofascin, NF155 (Collinson et al. 1998; Moscoso and Sanes
1995; Tait et al. 2000). NF155 is a CAM that belongs to the L1 subgroup of the Ig
superfamily (Davis and Bennett 1993; Holm et al. 1996; Volkmer et al. 1992).
It differs from the axonally expressed NF186, in that it lacks the mucin-like domain
and contains an extra fibronectin type III domain (Davis et al. 1996). The exact
mechanisms governing their varied expression pattern is not clear, but over 50
alternatively spliced isoforms exist that appear to be developmentally regulated
(Hassel et al. 1997). Initial mutational analysis in mice resulted in the loss of both
isoforms of neurofascin, NF186 and NF155 (Sherman et al. 2005). These mice
were unable to form either the nodal complex or the paranodal axo—glial junctions
and died at postnatal day 6. Caspr and contactin were diffused throughout the axon
in these mutants. Interestingly, upon reexpression of NF155 in glia, the paranodes
reorganized and Caspr and contactin relocalized to the axolemma. This coincided
with previous reports that expression of NF155 colocalized with Caspr during the
clustering of the paranodal loops during myelination (Tait et al. 2000). Further
analysis of the proposed interaction(s) revealed that the extracellular domain of
NF155 could associate with the Caspr—contactin complex in vitro (Charles et al.
2002). These results are somewhat controversial, however, as other studies employing
similar in vitro techniques find that NF155 binds contactin and that the presence of
Caspr perturbs this interaction (Gollan et al. 2003). Although it seems unclear as to
how these proteins associate, these results do suggest a role for NF155 in paranodal
organization, possibly through interactions with Caspr and/or contactin.

Recent findings utilizing Cre-loxP conditional knockout strategies has pro-
vided new insights into the specific role of NF155 in axo—glial formation and



Myelination and Regional Domain Differentiation of the Axon 13

maintenance. Using a Cre recombinase driven by the CNPase promoter, which is
specific for glia, it was shown that loss of NF155 expression alone results in the
loss of septate-like junctions, paranodal disorganization, and the failure to segre-
gate axonal domains (Pillai et al. 2009). Because of the strong correlation of
phenotype with those of Caspr and contactin mutants, it was shown that both of
these axonally expressed proteins were absent from the paranodal axolemma in
NF155 mutant nerves. This suggested that NF155 and Caspr and/or contactin
interact with the glial NF155 protein, and that this interaction mediates the forma-
tion and stability of the Caspr—contactin complex to the paranodal-domain of the
axonal plasma membrane. The ability of NF155 to direct the formation of the
paranode and stabilize the complex formation suggests that it may interact with
cytoskeletal proteins. Although no protein-binding partners have been identified,
it has been shown that the intracellular domain of NF155 contains a FERM
domain-binding motif (Gunn-Moore et al. 2006). Given that FERM domain-
containing proteins are cytoskeletal linkers, NF155 may coordinate signals origi-
nating from the axon that direct changes in the glial cytoskeleton prior to and
during myelination; whereby, axonal domains are partitioned.

3.2.4 The Importance of Lipids to Paranodal Formation

As noted previously, myelin is the elaborated glial membrane sheath that circum-
ferentially wraps axons, which becomes compacted to form a multilamellar layer
of insulation. The major constituents of myelin are lipids, which make up approxi-
mately 70-85% of the dry weight (Morell et al. 1994). Nearly one-third of the lipid
mass is comprised of gylcosphingolipids, galactosylceramide (GalC), and its sul-
fated derivative, sulfatide (Coetzee et al. 1996; Norton and Cammer 1984). These
lipids were shown to have a significant role in oligodendrocyte development, the
initiation of myelination, and the stabilization of the compacted myelin layers
(Marcus and Popko 2002). Studies aimed towards elucidating the function of these
lipids during myelination resulted in the development of knockout mice deficient in
CGT (UDP-galactose:ceramide galactosyltransferase), the enzyme that synthesizes
galactosylceramide (Coetzee et al. 1996). Surprisingly, these mice formed myelin,
but displayed severe ataxia, tremors, and slowed nerve conduction. Further exami-
nation of these mice revealed the appearance of disorganized and everted paranodal
loops and the absence of axo—glial junctions (Dupree et al. 1998).

Similar phenotypes were also observed in CST (cerebroside sulfotransferase)
null mice (Honke et al. 2002; Ishibashi et al. 2002). These mice differ from CGT,
in that they are unable to synthesize only sulfatide, whereas galactosylceramide is
still produced. These findings implied that glial sulphosphingolipids were essential
to the formation and/or maintenance of the paranode. The exact mechanisms in
which these lipids function to promote axo—glial junction formation are unknown,
but it is hypothesized that they are responsible for creating lipid microdomains,
where paranodal components may reside and function. In this context, it is noteworthy
that studies have indicated that NF155, Caspr, and contactin are present in lipid-rich
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microdomains (Bonnon et al. 2003; Schafer et al. 2004). Furthermore, NF155,
Caspr, and contactin are mislocalized outside of the paranode in CGT mice (Dupree
et al. 1999; Hoshi et al. 2007; Poliak et al. 2001). Alternatively, it may be that an
unidentified protein(s) may be localized in the domain to interact with these lipids,
either in cis or trans relation, and may thereby direct the localization of Caspr,
contactin, and NF155 to the paranode.

3.3 The Juxtaparanodal Region

The juxtaparanode is a potassium channel-rich region that lies underneath the
compact myelin sheath, just proximal to the paranodes. It has been proposed that
the significance of localizing potassium channels in this domain is concerned with
repolarization of the action potential, as well as counteracting instability of excit-
ability, especially in the transition zone between myelinated and unmyelinated
portions of distal motor nerve fibers (Chiu et al. 1999; Rasband et al. 1998; Zhou
et al. 1998b). Specifically, two rectifying Shaker-like potassium channels, Kv1.1
and Kv1.2, occupy a majority of the domain, along with the CAMs, Caspr2, and
TAG-1 (Arroyo et al. 1999; Mi and Berkowitz 1995; Rasband et al. 1998; Wang
et al. 1993). Caspr2 is expressed strictly in the axon and is functionally related to
Caspr, except that it contains a PDZ binding motif in its intracellular domain that
Caspr lacks (Poliak et al. 1999). Caspr2 was shown to be critical to the maintenance
of Kv channels in the juxtaparanode, as its absence in mice resulted in the diffusion
of these channels throughout the internode (Poliak et al. 1999). Subsequently, it
was found that the PDZ binding domain links Caspr2 to Kv1.1 and Kv1.2 (Poliak
et al. 2003). Initial reports predicted that PSD-95, a PDZ-containing protein found
within the juxtaparanode, might be a potential candidate for this interaction, as it
has been shown to associate with Kvp2; however, later studies reported that PSD-95
and Caspr2 do not interact (Baba et al. 1999; Poliak et al. 1999). Furthermore,
Kvl.1 and Kv1.2 remained clustered at the juxtaparanodes of PSD-95 deficient
mice; therefore, it remains to be elucidated what PDZ protein(s) links Caspr2 and
Kv channels in the juxtaparanode (Rasband et al. 2002).

Another critical component of the juxtaparanode is the GPI-anchored adhesion
molecule, TAG-1 (Furley et al. 1990; Karagogeos et al. 1991; Traka et al. 2002).
TAG-1 belongs to the Ig superfamily and shares 50% sequence homology with
contactin; it is expressed in both neurons and myelinating glia (Traka et al. 2002).
Like Caspr and contactin in the paranode, TAG-1 and Caspr2 associate and form a
cis complex within the juxtaparanodal axolemma. This interaction is mediated by
the Ig-domains of TAG-1 (Traka et al. 2003; Tzimourakas et al. 2007). Interestingly,
the axonal cis complex of TAG-1/Caspr2 binds with TAG-1 expressed in glia by
homophilic interactions between the TAG-1 molecules (Traka et al. 2003).
Mutational analysis in mice revealed that a codependent relationship between
TAG-1 and Caspr2 exists, similar to that of Caspr and contactin, where the accu-
mulation of either protein to the juxtaparanode relies on the expression of the other
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(Poliak et al. 2003; Traka et al. 2003). Deletion of TAG-1 in mice resulted in the
exclusion of Kv1.1 and Kv1.2 channels from the underlying juxtaparanodal axonal
membrane concomitant to Caspr2 null mice (Traka et al. 2003). Although the Kv
channels were absent from the membrane, no change in conduction velocity was
observed in TAG-1 mutant nerves (Traka et al. 2003). Accordingly, Caspr2 mutant
mice displayed normal conduction (Poliak et al. 2003). While no electrophysiological
abnormalities were observed in TAG-1 or Caspr2 mutant mice, the effects of
extended loss of these proteins to action potential propagation and resting potential
are unknown. Examining these effects may be of particular interest to disease
pathology because Kv1.1 mutant mice display backfiring of the action potential and
extended hyperexcitability (Zhou et al. 1999). Additionally, TAG-1 function has
been recently implicated in learning and cognition and suggests an important role
for these proteins in long-term plasticity (Savvaki et al. 2008).

3.4 The Internodal Region

The internode comprises the area between the juxtaparanodes, and accounts for
99% of the total length of a myelinated nerve segment (Salzer 2003). As previously
mentioned, the length of this region is determined by the axonal diameter and rep-
resents the most extended region involving axo—glial interactions. Very little is
known about the mechanisms regulating the ability of glia to detect the axonal
diameter to determine the final internodal length. Additionally, as animals grow,
this region lengthens to compensate for the extension of limbs (Abe et al. 2004).
A handful of proteins have been found to localize to the adaxonal membrane at the
inner-most lip of the myelin membrane. These proteins include the nectin-like proteins,
Necll and Necl4, the polarity protein Par-3, and the myelin associated glycoprotein
(MAG). The nectin-like proteins (Necl) are cell adhesion molecules that belong to
the Ig superfamily (Takai et al. 2003). They are related to the nectin cell adhesion
proteins, but differ by their inability to bind to afadin. Necls are often associated
with tight junctions and contain PDZ binding motifs that may facilitate their inter-
action with cytoskeletal scaffolding proteins. Recent findings have implicated
Necll and Necl4 in myelination. These proteins were expressed in a polarized
fashion at the inner mesaxon or at the initial contact of the glial myelin membrane
with axons (Maurel et al. 2007). Heterophilic interactions between Necll on axons
and Necl4 on glia mediate the initial attachment and wrapping of the glial
membrane (Maurel et al. 2007). Perturbation of Necl4 by use of RNAi in Schwann
cell-DRG neuron cocultures inhibited myelination (Maurel et al. 2007). Similar
results were observed in mutant mice deficient in the axonally expressed Necll
(Park et al. 2008). These results indicate the importance of these proteins to myelination
and axo—glial recognition and adhesion.

Par-3 is a PDZ-containing adaptor protein, which regulates polarity in many cell
types (Ohno 2001). The Drosophila homolog of Par-3, Bazooka, functions to establish
cell polarity in epithelial cells through its restricted expression at the apical surface
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(Pinheiro and Montell 2004). Like Bazooka, the vertebrate Par-3 is a polarized
protein that is expressed asymmetrically in glia at the junction of the inner mesaxon
or the adaxonal layer. It is proposed to facilitate the adhesion of glia to axons (Chan
et al. 2006). Disruption of Par-3 function in Schwann cells resulted in the inability
of Schwann cells to adhere to and myelinate axons (Chan et al. 2006). Further
analysis determined that Par-3 is associated with p75NTR, a BDNF receptor that
promotes myelination through its PDZ1 domain. While other binding partners of
Par-3 are unknown, it is likely that it interacts with many cell adhesion receptors
that contain PDZ binding motifs. Of particular interest is the possible association
of Necl4 and Par-3. Given their colocalization to the inner mesaxon, the presence
of a PDZ binding motif in Necl4, and the observation in mice that an association of
Par-3 and nectins occurs, these proteins may interact to coordinate axo—glial adhesion
prior to myelination (Takekuni et al. 2003).

4 Mechanisms Regulating Axonal Domain Formation
and Maintenance

A key question regarding the assembly of axonal domains remains elusive; namely,
what comes first, the node or the paranode? Is formation of the nodes dependent on
or independent of paranodal formation? Furthermore, does the long-term mainte-
nance of the node require intact paranodes? A central theme has emerged from the
numerous studies on axo—glial domains, which is that distinct differences exist
between the mechanisms regulating the partitioning of axonal domains in the PNS
vs. the CNS. This is, to a degree, to be expected as myelination proceeds in different
fashions between oligodendrocytes and Schwann cells. Later we attempt to interpret
recent findings to shed light on the organization of axonal domains and their
dependence on adjacent domains for long-term stability and maintenance.

4.1 Nodal Formation in the PNS and CNS: Extrinsic vs.
Intrinsic; Dependent vs. Independent Mechanisms

In the PNS, Schwann cell development and myelination are intimately linked to
axonal and ECM stimuli and adhesion. The maturation of Schwann cells into a
myelinating phenotype and the segmentation of axonal domains rely on forming
this intimate relationship. Studies have shown that PNS domain organization begins
with the formation of the node and proceeds inwardly towards the internode
(Melendez-Vasquez et al. 2001; Poliak et al. 2001). An extrinsic pattern of nodal
assembly is suggested for the PNS as the presence of NF186 and NrCAM precedes
that of Nav channels and the cytoskeletal components, AnkG and BIV spectrin
(Peles and Salzer 2000; Salzer 2003). Additionally, the appearance of these nodal
components is observed before the paranodal proteins, Caspr and contactin, which
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suggests that PNS nodes form prior to and independently of the paranodes
(Melendez-Vasquez et al. 2001).

Schwann cell distal microvilli are believed to coordinate the formation of nodes
through their association with NF186 and/or NrCAM. This association may occur
through gliomedin, as it is expressed in the nodal microvilli and interacts with both
NF186 and NrCAM (Eshed et al. 2005). Disruption of gliomedin by RNAi resulted
in the absence of Nav channels at the node and suggests that glia facilitate the initial
assembly of the node by mediating NF186 localization. This follows an extrinsic
pattern of node formation, in which extracellular signals initiate node formation
and also transmit signaling to the axonal cytoskeleton to stabilize the complex once
formed. Interestingly, gliomedin can be secreted, resulting in soluble forms that are
accumulated and incorporated into the surrounding basal lamina in the perinodal
space (Eshed et al. 2007, 2005). In the absence of Schwann cells, axons exposed to
the soluble form of gliomedin formed nodes, further supporting a role for glia in
the formation of the node extrinsically. Dystroglycan, a laminin receptor expressed
in Schwann cell nodal microvilli, may also mediate the extrinsic formation of PNS
nodes, as genetic ablation of its gene in mice results in severe conduction blockade,
dysmyelination, and the loss of nodal Nav channel clustering (Occhi et al. 2005;
Saito et al. 2003). Additionally, these mice form normal axo—glial junctions at the
paranodes, suggesting that paranodal formation does not require the formation of
the node. It may also indicate that the formation of paranodes alone is not sufficient
to cluster the nodal complex, although further studies in these mice revealed that
AnkG and NF186 are still clustered at the node in the absence of Na_ channels. This
suggests that dystroglycan may simply act to stabilize these ion channels to the
node instead of coordinating the organization of the entire node. However, the
presence of NF186 at these nodes still suggests that an extrinsic mechanism of
assembly may occur albeit through alternative mechanisms.

Nodal formation in the CNS is considered to behave quite differently than that
of the PNS. It is hypothesized that instead of an extrinsic glial mediated assembly,
a more intrinsic form of coordination occurs, beginning with the cortical axonal
cytoskeleton and assembling in association with the axolemma. One of the major
factors contributing to this model of an intrinsic assembly is that oligodendrocytes
do not extend nodal microvilli (Melendez-Vasquez et al. 2001). Additionally,
NF186, NrCAM, and Nav channels were recruited to the node subsequent to the
appearance of AnkG in intermediate nodes (Jenkins and Bennett 2002). An attempt
to disrupt AnkG resulted in the generation of a cerebellum specific knockout (Zhou
etal. 1998a). Aberrant Nav channel clustering was observed in the AISs of Purkinje
neurons, yet AnkG was still present in the nodes of these mutants; therefore, the
effects of loss of AnkG on CNS node formation could not be evaluated (Jenkins and
Bennett 2001; Zhou et al. 1998a). While it is evident from these findings that AnkG
expression is important for Nav channel clustering at AIS, they also present
evidence that several isoforms of AnkG may exist that differentially localize to
separate areas of Nav channel clustering. Although oligodendrocytes lack nodal
microvilli, they still retain the ability to cluster Nav channels through the secretion
of soluble factors (Kaplan et al. 1997). This mechanism of clustering is similar to
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the aggregation of Nav channels to PNS nodes by secreted gliomedin, and suggests
that oligodendrocytes may, in fact, assemble nodes without direct contact (Eshed
et al. 2007, 2005). Further examination revealed that oligodendrocyte conditioned
medium clustered Nav1.2, the immature Nav channel isoform; whereas, Nav1.6
present in mature nodes required myelination (Kaplan et al. 2001). Additionally,
the early assembly required an intact axonal cytoskeleton, and suggests that certain
intrinsic signals may still be required for CNS nodal formation and maturation.
The identification of the soluble factor(s) released by oligodendrocytes will cer-
tainly be critical to the future analysis and elucidation of the mechanisms governing
CNS node formation.

An alternative method of CNS assembly may involve signaling from perinodal
astrocytes that contact the nodal domain. The relationship of these astrocytes to
nodal function is not well characterized, but interestingly, these cells were shown
to express the cytoskeletal mediating ERM protein ezrin (Melendez-Vasquez et al.
2001). As mentioned earlier, ERM proteins are also present in the nodal microvilli
of Schwann cells, and their expression at these domains is coordinated with the
extrinsic formation of the node in the PNS. Taken together, it is possible that perinodal
astrocytes may compensate for the lack of nodal microvilli in oligodendrocytes and
provide nodal assembly cues in a similar manner as Schwann cell microvilli.
It would be interesting to see if these perinodal astrocytes express gliomedin, or a
derivative, as well as dystroglycan.

Yet another possible mechanism of CNS node development is the idea that nodes
are formed by the sequestration of nodal components from the axolemma by the
formation of the paranodes. In support of this idea is the finding that Caspr expres-
sion in the forming paranode preceded the expression of Nav channels in the nodes
of optic nerves (Rasband et al. 1999). Since oligodendrocyte myelination does not
depend on the demarcation of the internode prior to myelination, as it does with
Schwann cells, it is possible that oligodendrocytes begin to wrap their membrane
while progressively extending processes along the axon. In this manner, the oli-
godendrocytes create a barrier that will induce the aggregation of the nodal pro-
teins. In support of this mechanism, it was found in mice that reexpression of
NF155 alone, in a complete neurofascin null background, resulted in the clustering
of Nav channels (Zonta et al. 2008). These findings implicate a paranodal depend-
ent formation of nodes in the CNS, but these mice also did not live past the com-
plete knockout mice, and no assessment of conduction velocities was performed in
these animals. Furthermore, mice deficient in Caspr expression form nodes in the
CNS and PNS in the absence of intact axo—glial junctions, suggesting that paran-
odal formation is not a prerequisite for CNS node formation (Bhat et al. 2001).
Concomitantly, NF155-specific knockout mice also form nodes independently of
paranodal formation, further supporting the hypothesis that nodes form through
separate autonomous mechanisms than paranodes (Pillai et al. 2009). Taken
together, it appears that nodal stability may rely on paranodal domains, but the
initial assembly of the node forms independently of other axonal domains.

New evidence has emerged regarding the requirement of paranodal axo—glial
junctions in the maintenance and long-term stability of the node. Recently, Pillai
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et al. (2009) tested this hypothesis by knocking out NF155 in adult mice through
the use of tamoxifen inducible Cre recombinase, driven by the proteolipid protein
(PLP) promoter (Doerflinger et al. 2003). They allowed the mice to reach adult
stage (P23) and subsequently treated the mice with tamoxifen to induce glial-specific
genetic ablation of neurofascin (NF155). They found that axo—glial junctions
dissembled, and essentially unraveled, from the juxtaparanodal side distally
outward towards the node. The progressive unraveling of the paranodes resulted in
the invasion of the paranodal space with Kv channels. While the node remained
unchanged initially, it was found that with extended time (up to 1 year posttreatment),
NF186, Nav channels, and AnkG diffused out of the node (CT and MB,
unpublished observation). Upon further examination, these same proteins were
diffused out of the AIS, further revealing a progressive loss from the external
axonal nodes sequentially upwards towards the AIS at the neuron cell body. This
suggests that through development and maturation, the paranodes not only function
to sequester ion channels to specific domains, but that they maintain segregation by
stabilizing these components. Therefore, even though nodes may form independ-
ently of paranodes during development, their long-term integrity may rely upon
paranodal axo—glial junctions. As intriguing as these results may be, further experi-
mentation will need to be conducted to elucidate the signaling involved. Additionally,
the use of this inducible system may help with future studies to elucidate the
effects of progressive myelin loss on axonal domains, much like that seen in
multiple sclerosis.

4.2 Disease Manifestation in the Absence of Segmented Axonal
Domains

Several human neuropathies and disorders, such as multiple sclerosis and
Charcot-Marie Tooth disease, result in the progressive demyelination of nerves,
leading to axonal degeneration. There are varied causes to the development of
these diseases, be it autoimmune attack or genetic predisposition, but the dissolu-
tion of axonal domain organization appears to be a central indicator of the devel-
opment and progression of these disorders (Berger et al. 2006; Lubetzki et al.
2005; Nave et al. 2007; Oguievetskaia et al. 2005; Shy 2006; Trapp and Nave
2008). While NF155, NF186, Caspr, and contactin have not been directly associ-
ated with disease predisposition and onset, they have been shown to be disrupted
in disease pathology (Coman et al. 2006; Howell et al. 2006; Mathey et al. 2007,
Wolswijk and Balesar 2003). Emerging evidence has revealed that NF155 is tar-
geted in multiple sclerosis (MS) (Howell et al. 2006; Maier et al. 2007, 2005;
Mathey et al. 2007). Initially, it was found that NF155 expression was reduced in
the paranodes of MS patients, and was considered an early marker for the ensuing
demyelination of the nerve tracts (Howell et al. 2006; Maier et al. 2005). Further
analysis revealed that NF155 had decreased association with lipid rafts in MS, and
therefore, axo—glial junction stability was compromised (Maier et al. 2007).
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The mislocalization of Kv channels to the paranodes confirmed the dissolution of
axo—glial junctions in the diseased lesions (Howell et al. 2006). A recent report
revealed the presence of autoantibodies to NF155 and NF186 in patients with MS
(Mathey et al. 2007). Interestingly, increasing amounts of autoantibodies were
found in patients with chronic progressive MS compared to those with relapsing
MS, suggesting that as the disease becomes more severe it targets these critical
proteins, preventing the reformation of the paranodes and nodes. The inability of
new oligodendrocytes to myelinate the affected lesions and organize axonal
domains, due to the lack of both Neurofascins, would promote the axonal degen-
eration observed in chronic MS individuals. In support of the degeneration of
paranodes in MS lesions, it was also found that loss of Caspr expression precedes
demyelination in MS patients (Wolswijk and Balesar 2003). Other compelling
evidence to support the role of intact axo—glial junctions in the prevention of
axonal degeneration is found in Caspr mutants, in which loss of Caspr expression
in mice resulted in the presence of axonal swellings and cytoskeletal abnormalities
in Purkinje neurons of the cerebellum (Garcia-Fresco et al. 2006). These abnor-
malities precede the degeneration of axons, as seen in multiple neuropathies
(Fabrizi et al. 2007; Lappe-Siefke et al. 2003; Rodriguez and Scheithauer 1994).
In addition to their importance to axonal domain organization, the juxtaparanodal
proteins, Caspr2 and Tag-1, have been implicated in autism, language impairment,
as well as learning and cognition disorders, respectively, suggesting other roles for
these CAMs in nervous system function (Alarcon et al. 2008; Bakkaloglu et al.
2008; Savvaki et al. 2008; Vernes et al. 2008). While genetic ablation of axonal
domain proteins has not been identified as the causative agent for disease manifes-
tation, it is clear that these proteins are critical in preventing the progression of
demyelinating neuropathies, and serve as possible therapeutic targets for the future
treatment of these devastating disorders.

5 Concluding Remarks

To date, significant advancements through the development of mouse models have
contributed greatly to our knowledge of the proteins involved in myelination and
the segregation of axonal domains. While many of the proteins involved have been
identified and characterized, future studies may provide more insight into the sign-
aling mechanisms involved in the formation and stabilization of each domain.
The future efforts are likely to be centered on cytoskeletal scaffolding proteins and
the signaling mechanisms governing their function, expression, and localization to
specific axonal as well as glial domains. Additionally, emerging advances in animal
model systems are sure to facilitate research directed towards studying the effects
of extended loss of axo—glial junctions. These studies will certainly shed light on
the processes, proteins, and functions misregulated during disease, and may reveal
new roles for many of the axo—glial junctional proteins in demyelinating disorders,
axonopathies, and other neuropathies.
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Organizational Dynamics, Functions,
and Pathobiological Dysfunctions
of Neurofilaments

Thomas B. Shea, Walter K.-H. Chan, Jacob Kushkuley,
and Sangmook Lee

Abstract Neurofilament phosphorylation has long been considered to regulate
their axonal transport rate, and in doing so it provides stability to mature axons.
We evaluate the collective evidence to date regarding how neurofilament C-terminal
phosphorylation may regulate axonal transport. We present a few suggestions
for further experimentation in this area, and expand upon previous models for
axonal NF dynamics. We present evidence that the NFs that display extended
residence along axons are critically dependent upon the surrounding microtubules,
and that simultaneous interaction with multiple microtubule motors provides
the architectural force that regulates their distribution. Finally, we address how
C-terminal phosphorylation is regionally and temporally regulated by a balance
of kinase and phosphatase activities, and how misregulation of this balance might
contribute to motor neuron disease.

1 Introduction

The orderly assembly of initially soluble subunits to form the complex network
collectively referred to as the cytoskeleton presents a formidable challenge to any
cell. Neurons, unlike other cells, must selectively transport cytoskeletal elements
over distances that vastly exceed their perikarya into their axons. The cytoskeleton
of the axon differs considerably from that of the perikaryon, and even from that of
dendrites. Key differences include the large number of longitudinally oriented
neurofilaments (NFs), which are enriched in C-terminal modification by
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phosphorylation. For decades, the network of crosslinked, fibrous images observed
via electron and conventional fluorescence microscopy, coupled with pioneering
but simple radiolabeling techniques, led us to consider the axonal cytoskeleton as a
support mechanism that, once assembled, was relatively inert. However, the advent
of fluorescently conjugated cytoskeletal proteins and the ability to manipulate
kinase activities in situ have revealed that (1) the axonal cytoskeleton is an
incredibly dynamic structure, and that (2) the “crosslinks” are often more like
handshakes along a moving reception line than permanent bolts between girders.

Development and maintenance of a functional nervous system is by definition
dependent upon orderly elaboration and maintenance of the axonal array, which in
turn is critically dependent upon organization of the axonal cytoskeleton. Although
it is clear that compromise in axonal cytoskeletal dynamics can foster a range of
mental and neuromuscular disorders throughout life, many fundamental processes
that regulate axonal cytoskeletal organization remain the subject of controversy.
One such controversial area is the role of NF phosphorylation in axonal transport.

The nature of this controversy, as discussed herein, is in part due to the complexity
of NF phosphorylation, which involves the action of multiple kinases and hierarchical
phosphorylation of multiple loci on NF subunits. In addition, however, a significant
portion of the controversy arises from semantics and from different laboratories
using approaches that highlight different aspects of NF dynamics.

Neurofilaments (NFs) are among the most abundant constituents of the axonal
cytoskeleton. NFs have classically been considered to consist of three subunits,
termed NF-H, NF-M, and NF-L, corresponding to heavy, medium, and light in
reference to their molecular mass (Julien and Mushynski 1998). More recently, it has
been demonstrated that an additional neuronal intermediate filament, alpha-internexin,
is actually a fourth subunit (Yuan et al., 2006b). The C-terminal regions (“‘sidearms”) of
NF-H and NF-M contain multiple phosphorylation sites (Julien and Mushynski 1998)
and protrude laterally from the filament backbone when phosphorylated (Sihag et al.
2007). Phosphorylation of these C-terminal sidearms regulates the interactions of
NFs with each other and with other cytoskeletal structures, and, in doing so, it
mediate the formation of a cytoskeletal lattice that supports the mature axon (Nixon
1998; Pant and Veeranna 1995; Sihag et al. 2007). A considerable body of evidence,
spanning several decades, from a number of laboratories using diverse systems and
approaches, supports the notion that phosphorylation of C-terminal sidearms, in
particular those of NF-H, regulates NF axonal transport (Ackerley et al. 2003; Collard
et al. 1995; DeWaegh et al. 1992; Hoffman et al. 1983; Jung and Shea 1999, Jung
et al. 2000a, b; Lewis and Nixon 1988; Komiya et al. 1987; Marszalek et al. 1996;
Nixon 1993; Shea et al. 1993; Tu et al. 1995; Watson et al. 1993; Yabe et al. 2001a,
b; Zhang et al. 1997; Zhu et al. 1998). Given the wealth of supporting information for
this role, it was perhaps to be expected that the appearance of a report suggesting that
NF-H played no role in the regulation of NF transport would stimulate debate, among
which included a challenge to the extent to which their data supported this
unanticipated claim (Rao et al. 2002, 2003; Shea et al. 2003; Yuan et al. 2006a, b).
Herein, we evaluate the collective evidence to date for and against a role for NF-H
C-terminal phosphorylation in regulation of NF axonal transport, and present a few
suggestions for further experimentation in this area.



Organizational Dynamics, Functions, and Pathobiological Dysfunctions 31

2 C-Terminal Phosphorylation Regulates
NF Axonal Transport

A considerable amount of the prior evidence presented to support a role for NF-H
C-terminal phosphorylation in the regulation of NF axonal transport was correlative
rather than experimental (Archer et al. 1994; Hoffman et al. 1983; Lewis and Nixon
1988; Nixon and Logvinenko 1986); that is, regional and/or developmental slowing
of transport rates were regionally or temporally associated with the increases in
NF-H C-terminal phosphorylation. Conversely, however, simultaneous analyses within
the same optic axons of transport rates of differentially phosphorylated forms of
NF-H revealed that the least phosphorylated NF-H variants (which migrated at 160
kDa on SDS-gels) transported twice as fast as NF-H subunits phosphorylated to the
extent that they migrated on SDS-gels at 200 kDa. The subset of these 200 kDa NFs
that displayed a unique phospho-epitope recognized by the developmentally delayed
monoclonal antibody RT97, and enriched in those NFs undergoing the slowest
transport (Lewis and Nixon 1983; Yabe et al. 20014, b), underwent a further twofold
slower transport (Jung et al., 2000a, b). This fourfold range of transport rates
displayed simultaneously within the same axons by differentially phosphorylated
NF-H subunits in the absence of any experimental manipulation supports a role for
NF-H C-terminal phosphorylation in regulation of NF axonal transport. Moreover,
direct manipulation of phosphorylation state within these optic axons in situ by
regional application of a phosphatase inhibitor within optic axons in situ both
increased RT97 immunoreactivity and decreased the rate of NF transport without
decreasing the transport of other cargo (Jung and Shea 1999). These latter
experimental studies provide more than correlative evidence for a role of C-terminal
NF phosphorylation in regulation of transport rate. The direct association of RT97
with slower-transporting NFs in these latter studies also argues against dismissing
prior regional and developmental correlations between NF phosphorylation due to
their correlative nature. Finally, overexpression of NF-H dramatically slowed NF
axonal transport in situ (Collard et al. 1995; Marszalek et al. 1996).

Additional attempts to address the role of C-terminal phosphorylation in NF
dynamics included deletion of NF-H, which resulted in an increased rate of NF
transport (Jung et al. 2006; Zhu et al. 1998). However, this was accompanied by a
significant increase in axonal microtubules (Zhu et al. 1998). As NFs undergo
anterograde axonal transport, at least in part via the microtubule motor kinesin (Xia
et al. 2003; Yabe et al. 1999, 2000), it can therefore be effectively argued that the
observed increased rate of transport is due to increased availability of transport
machinery, and perhaps also due to an increased NF-M content, because NF-M is
thought to contribute to the association of NFs with kinesin (Yabe et al. 2000).
Selective deletion of the sidearm, which does not invoke a compensatory increase
in axonal microtubules, or NF-M (Rao et al. 2002), is indeed a more refined
approach towards the investigation of any role for NF C-terminal sidearms than
complete subunit deletion. To accomplish this, Rao and colleagues inserted a gene
expressing a truncated, tail-less NF-H into mice, in which the endogenous full-length
NF-H had been deleted.
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However, this approach is still encumbered by compensatory increases in phos-
phorylation of the NF-M C-terminal sidearm. Most strikingly, this compensatory
increase includes the de novo appearance of RT97 immunoreactivity on NF-M,
indicating a degree of reciprocity between NF-H and NF-M (Rao et al. 2002;
Sanchez et al. 2000; Tu et al. 1995), which may affect NF transport. In this regard,
those NFs from NF-H mice bearing RT97 immunoreactivity on NF-M were selec-
tively excluded from a standard kinesin motor preparation (Shea and Chan 2008),
which is analogous to the exclusion from this motor preparation of NFs from nor-
mal mice that bear RT97 on NF-H (Jung et al. 2006). As the above correlative and
experimental evidence suggests a relationship between C-terminal phosphorylation
events that generate RT97 immunoreactivity with regulation of NF transport rate,
compensatory phosphorylation of the NF-M C-terminal sidearm to foster RT97
immunoreactivity confounds interpretation of the impact of NF-H C-terminal dele-
tion on NF transport in the same manner as the compensatory increase in microtu-
bules and in NF-M subunits that accompany deletion of the entire NF-H molecules.
Studies involving deletion of the C-terminal region of NF-M (Rao et al. 2003) simi-
larly cannot effectively address the impact of NF-M C-terminal phosphorylation on
transport regulation due to the presence of intact NF-H (Jung et al. 2006).

Studies of the impact of C-terminal deletion on NF transport in situ have thus far
been confined to relatively early periods following the administration of radiolabel
(3—14 days; Rao et al. 2002, 2003; Shea et al. 2003; Yuan et al. 2006a, b). There
are two major flaws in this approach. The first problem is that the effect of
C-terminal phosphorylation is confined to the trailing aspect of the wave, not the
leading edge. “Extensively phosphorylated” NFs are those that exhibited a progres-
sive slowing of transport rate, while nonphosphorylated NFs, instead, maintained a
constant rate (Jung et al. 2000a, b ). In these studies, extensively phosphorylated
NF-H were confined to the most proximal segments, while the leading edge, which
is completely lacking phospho-dependent RT97 immunoreactivity, continued to
progress along axons. The second problem, directly related to the first, is that it is
far too early at 3—14 days to attempt any definitive examination of the impact of
phosphorylation on NF retention along axons. The slowest-moving NFs, which
include those that partition within the so-called “stationary phase” retained for
extend periods (e.g., 1 year; Nixon and Logvinenko 1986), are those that are the
most enriched in C-terminal phosphorylation (Lewis and Nixon 1988). While
C-terminal phosphorylation can clearly foster retention of some NFs along axons,
the lack of C-terminal phosphorylation sites should not be expected to increase
transport of the leading edge of the moving wave, because NF's in this region are
not phosphorylated even in intact NF-H (Jung et al. 2000a, b). The failure of “trun-
cated” NFs to speed up should not be extrapolated to indicate that they would also
exhibit a subsequent failure to slow down; this possibility can only be addressed
instead by long-term pulse-chase analyses, of the sort previously utilized to dem-
onstrate that phosphorylation indeed slows transport of NFs comprised of full-
length subunits (Lewis and Nixon 1988; Nixon and Logvinenko 1986).

Additional compelling experimental evidence supporting a role for NF-H
C-terminal phosphorylation in the regulation of NF axonal transport comes from
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Miller and colleagues (Ackerley et al. 2003), who demonstrated the transfection of
cultured cortical neurons with constructs expressing site-directed mutated forms of
NF-H along with nonmutated “wild-type” NF-H, each of which was tagged with
green fluorescent protein to allow real-time monitoring of axonal transport within
living neurons. In these analyses, seven consensus sites, known to be phosphor-
ylated within the C-terminal region of NF, were mutated to alanine (to prevent
phosphorylation), or aspartate (to mimic phosphorylation), generating “constitu-
tively nonphosphorylated” and “constitutively phosphorylated” NF-H, respectively.
Analyses of transport rates demonstrated that NFs containing constitutively non-
phosphorylated NF-H transported faster than those containing wild-type NF-H,
while NFs containing constitutively phosphorylated NF-H transported slower than
those containing wild-type NF-H (Ackerley et al. 2003).

Site-directed mutagenesis of the NF-H C-terminal sidearm also interfered with
the effects of kinases known to regulate NF transport. p24/44 MAP kinase-medi-
ated NF phosphorylation is essential for anterograde NF transport (Chan et al.
2004), while phosphorylation by CdkS5 inhibits it (Ackerley et al. 2003; Shea et al.
2004). Constitutive phosphorylation of the C-terminal NF-H sidearm prevented the
inhibition of anterograde NF axonal transport that normally accompanies MAP
kinase inhibition, and prevented the acceleration of NF transport, which normally
accompanies cdk5 inhibition (Ackerley et al. 2003; Shea et al. 2004). Finally, site-
directed mutagenesis altered the association of NFs bearing these mutations with
kinesin: mutation of C-terminal cdk5-consensus sites to alanines increased the
association of NFs with kinesin as compared to wild-type NFs, while mutation to
aspartate decreased their association (Shea and Chan 2008). These data further sup-
port a role for C-terminal NF-H phosporylation in the regulation of NF transport,
and can be considered to represent a somewhat more refined approach than trunca-
tion of a substantial length of the sidearm (Rao et al. 2003).

3 NF Transport and Residence Time Along
Axons is Regulated by a Combination of Microtubule
Motors and C-Terminal NF-H Phosphorylation

Two interrelated, well-described phenomena provide mechanisms by which
C-terminal NF phosphorylation can impact NF axonal transport: phospho-mediated
dissociation of NFs from their anterograde transport system and phospho-mediated
NF-NF associations that compete with transport. Studies from several laboratories
demonstrate that the microtubule motors kinesin and dynein mediate anterograde
and retrograde NF axonal transport, respectively (He et al. 2005; Motil et al. 2006a,
b; Prahlad et al. 2000; Shah et al. 2000; Theiss et al. 2005; Yabe et al. 1999, 2000;
Xia et al. 2003). In this regard, C-terminal phosphorylation of NF-H progressively
restricts association of NFs with kinesin to the point where RT97-reactive NFs do
not associate with kinesin at all (Yabe et al. 1999), but instead demonstrates
selective affinity for dynein (Motil et al. 2006a, b); restriction of binding to an
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anterograde motor provides a mechanism by which C-terminal phosphorylation can
slow NF axonal transport, especially when coupled with promotion of binding to a
retrograde motor. The ability of kinesin and dynein (motors which undergo
so-called “fast” axonal transport) to translocate cargo such as NFs (the majority of
which undergo so-called “slow” transport) has been validated by the demonstration
that NFs undergo a series of rapid excursions at a fast rate, interspersed with
prolonged pauses, which averages out to slow transport (Wang et al. 2000; Roy
et al. 2000). This also accounts for the ability of some NF populations to undergo
rapid transport.

In addition to regulation of motor protein association, C-terminal NF phosphor-
ylation promotes NF-NF associations, leading to the generation of NF “bundles”
(Yabe et al. 2001a, b). So-called “bundled” NFs underwent transport and/or
exchange at a rate of at least 2x slower than did the surrounding “individual” NFs
(Yabe et al. 2001a). RT97 immunoreactivity is selectively concentrated within the
bundles, and phosphatase inhibition increases bundle size within axonal neurites.
NFs containing the above constitutively phosphorylated C-terminal NF-H are also
selectively concentrated within the bundles, while the constitutively nonphosphor-
ylated forms are selectively excluded (Chan et al. 2005). Notably, this is the oppo-
site of their respective affinity with kinesin, which underscores the reciprocal
influence of NF phosphorylation on anterograde transport and NF-NF associations
that can lead to bundle formation. These analyses in culture are consistent with the
findings of Lewis and Nixon (1988) that RT97-reactive NFs were the slowest-
moving NFs within axons in situ. Phospho-mediated NF-NF associations are likely
to generate a ‘“‘macro-structure” that precludes effective transport (Shea and
Flanagan 2001; Shea and Yabe 2000). Whether the formation of NF-NF associa-
tions requires additional phosphorylation events beyond those that restrict motor
binding is not clear as yet. Nevertheless, as phospho-NFs can bind to each other,
this gives rise to an additional competing force, unique to the extensively phospho-
rylated NFs, and not present for nonphosphorylated/less phosphorylated NFs that
can interfere with NF-motor associations.

The dynamics of moving and pausing NFs in terms of their association and dis-
sociation with motor systems have been mathematically modeled, and this model
agrees with the published data from several in vivo systems (Brown et al. 2005;
Craciun et al. 2005). This model describes a pool of NFs associated with motors
and a pool that is dissociated from motors but can readily reassociate with them.
While this model did not present any definitive regulatory factors, the above studies
would suggest that NF C-terminal phosphorylation is one factor that regulates the
shift of NFs between these two pools. In further support of this notion, comparative
analyses revealed that, when they were actually moving, constitutively phosphor-
ylated NFs underwent transport at the same rate as the constitutively nonphospho-
rylated NFs; however, constitutively phosphorylated NFs paused more frequently
than the constitutively nonphosphorylated NFs (Ackerley et al. 2003). The model
presented for NF transport dynamics by Brown and colleagues (Brown et al. 2005;
Craciun et al. 2005; Trivedi et al. 2007) also describes a third “pool” of NFs, which
are dissociated from motor systems and are restricted in some capacity from entering
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the pool of NFs, which can reversibly associate with motors; the above studies
would identify this latter pool as those NFs that have formed NF-NF associations
to the extent that they are incapable of undergoing transport at least pending dis-
sociation of these inter-NF linkages. Shea and Yabe (2000) presented a model of
how continued formation of NF-NF associations could “trap” some NFs within the
central region of a bundle. Any NF localized within a bundle would be restricted
from reassociation with motors pending (1) dissociation and removal of sterically
interfering NFs, (2) dissociation of any direct NF-NF associations of the given NF
itself (which may require dephosphorylation), (3) availability of a cargo-free motor,
and (4) association of the NF with that motor (which may also require an additional
dephosphorylation event). This concept of steric hindrance of bundled NFs from
reassociating with motors has been given experimental support by ongoing studies
from our laboratory (Chan et al. 2007) in which some NFs dissociated from bundles
by calcium chelation readily underwent kinesin-dependent association with MTs.

Brown and colleagues have recently expanded their modeling to include an
additional “stationary” phase (Trivedi et al. 2007), which, like the earlier in vivo
analyses of Lewis and Nixon (1988) and our analyses in differentiated neuroblast-
oma (Yabe et al. 2001a), is comprised of the slowest-moving “population” of NFs.
Our earlier model of how phosphorylation can regulate NF transport (Shea and
Flanagan 2001; Shea and Yabe 2000) can be expanded according to the more recent
transport model of Brown and colleagues (Brown et al. 2005; Craciun et al. 2005;
Trivedi et al, 2007), and integrated with it as follows.

Let us consider that nonphosphorylated NFs, which cannot form NF-NF bun-
dles, can be characterized as either being on their motor or off their motor. By
contrast, the distribution of NFs that have undergone key phosphorylation events
not only encompasses these two states, but also includes a third condition: NFs that
have undergone bundling, which restricts them from motor-dependent transport
(Shea and Flanagan 2001; Shea and Yabe 2000). For simplicity, we will not further
subdivide these populations into groups such as NFs that are associated with the
motor, but with the motor “off track” as included in the model by Brown and col-
leagues (Brown et al. 2005; Craciun et al. 2005; Trivedi et al. 2007). Similarly, we
will not distinguish between simple NF-NF associations and association of NFs
with a bundle of NFs, but will instead group all NFs that have formed NF-NF
associations as one population. Also for simplicity, we will assume that a given NF
can move between/among available states with equivalent probability. Accordingly,
nonphospho NFs would be expected to be associated with their motor 50% of the
time, and dissociated from their motor the remaining 50% of the time. Phospho-
NFs, by contrast, would be associated with their motor 33.3% of the time and dis-
sociated from their motor 33.3% of the time (but not necessarily associated with
other NFs), and associated with one or more other NFs for the remaining 33.3% of
the time. As NF transport is contingent upon motor association and the rate of
transport is dependent upon the frequency of motor association (Blum and Reed
1989), the selective decreased probability of phospho-NFs association with their
anterograde transport system (33.3% vs. 50% for nonphosphorylated NFs) imme-
diately suggests that they would undergo decreased overall anterograde transport.
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Notably, the dynamics of NF bundling can contribute to dramatic additional slowing
of net transport of phospho-NFs; once embedded within a bundle, a given NF must
rely on elimination of all surrounding NFs before it can dissociate from the bundle
and be available to resume motor association. Notably, if each such step is reversible,
an “embedded” NF is equally likely to toggle back and forth between levels within
a bundle, as opposed to consistently progressing towards the surface and dissociating
from the bundle. Finally, even if a given NF dissociate from the bundle and is available
for motor association, any passing motors may already be occupied with cargo (Shea
and Yabe 2000). Both of these latter considerations would impose additional reductions
in net NF transport rate.

These multiple, phospho-dependent dynamics could easily generate the wide
range of transport rates observed for NFs in the various systems where studied, and
strongly support a role for C-terminal NF phosphorylation in the slowing of NF
axonal transport, and selective retention of phospho-NFs along axons for extended
periods after less phosphorylated variants have translocated the full length of the
axon (Jung et al. 2000a; Lewis and Nixon 1988; Nixon and Logvinenko 1986; Yabe
et al 2001a).

It could be argued that phosphorylation could progressively slow NF axonal
transport and generate the observed resident population of NFs by fostering longer
periods of dissociation of NFs from their anterograde motor without invoking the
need for bundling. However, simple dissociation, by phosphorylation either of NFs
or of kinesin/linker proteins, is apparently inadequate in and of itself to generate a
long-lasting resident NF population, as inhibition of p42/44 MAP kinase, known to
be essential for anterograde NF axonal transport, did not simply curtail anterograde
NF transport and leave NFs “in place” along axons. Rather, it resulted in bulk ret-
rograde NF transport (Chan et al. 2004). Retrograde NF transport had been
observed within axons under normal conditions, and could be highlighted by
manipulations such as photobleaching regions of axons (which revealed that the
bleached zone filled in from distal as well as proximal edges) or axonal transection
(which, by blocking continuous anterograde flow of radiolabeled subunits, allowed
retrograde NF transport to be observed distal to the transection); however, NFs
undergoing retrograde transport were a minority as compared to those undergoing
anterograde transport (Koehnle and Brown 1999; He et al. 2005; Roy et al. 2000;
Wang et al. 2000; Motil et al. 2006a; Yabe et al. 1999, 2000). In studies where NF
particle movement was quantified, 69—77% of moving NFs/NF particles underwent
anterograde transport (Wang and Brown 2000; Roy et al. 2000; Chan et al. 2004).
Individual particles were clearly capable of movement in either direction, as some
were observed to change directionality of movement (Roy et al. 2001; Wang and
Brown 2001; Chan et al. 2004), and inhibition of MAP kinase (required for antero-
grade NF transport) caused a “flip” of 76.7% = 9% particles moving in an antero-
grade direction to 75.6% + 12% moving in a retrograde direction (Chan et al.
2004). Bulk retrograde NF transport following inhibition of anterograde transport
as seen by Chan et al. suggested that virtually all axonal NFs were subject to
retrograde forces at all times, but net retrograde translocation was in some way
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counterbalanced and, in the case of most of the moving wave, outweighed by antero-
grade forces. Studies from several laboratories demonstrated that dynein mediated
retrograde NF transport, confirming the existence of an opposing motor force (He
et al. 2005; Motil et al. 2006a, b; Shah et al. 2000; Theiss et al. 2005). In addition
to mediating retrograde transport, dynein also propels MTs in an anterograde direc-
tion via cargo-based interactions with actin filaments, and/or larger MTs, and, in
doing so, delivers MTs into axons (Baas et al., 2006). NFs interacting with such
MTs would therefore undergo dynein-based translocation into axons as MT cargo
(Motil et al. 2006a).

Notably, however, the entire NF bundle retracted following inhibition of antero-
grade transport, while the axon itself did not retract, nor was overall axonal trans-
port altered. This finding challenges the notion that NFs within the bundle
underwent slower transport because the bundle itself was simply too large to be
translocated (Lewis and Nixon 1988; Yabe et al. 2001a, b). Rather, it suggests that
the maintenance of this macrostructure along the axons was also in some manner
dependent upon the counterbalance of opposing motor forces. In this regard, our
prior studies demonstrate that dynein preferentially associated with phospho-NFs
(Motil et al. 2006a, b). Notably, this is the opposite of what had been observed for
kinesin, which preferentially associated with nonphosphorylated NFs (Yabe et al.
2000). These findings suggested that a drag imparted by dynein could be responsi-
ble for the selective slowing in the transport rate of phospho-NFs, while allowing
less/nonphosphorylated NFs to continue transporting at relatively faster rate. This
was perhaps to be anticipated, as the most highly phosphorylated NFs are selec-
tively incorporated into bundles (Yabe et al. 2001a, b). In addition, however, we
observed that manipulation of dynein activity influenced the bundle. Dynein-
mediated slowing of transport, or cessation of transport due to simultaneous bind-
ing of kinesin and dynein, may facilitate or even be required for the formation of
the divalent cation-mediated associations of phospho-NFs that lead to bundling.
We interpret these data to indicate that both motors are likely to be critical for NF
bundle formation. This could occur simply by increasing residence time of NFs within
axons, which could foster an increase in NF C-terminal phosphorylation, including
those events critical for NF-NF associations. This line of reasoning is consistent
with the hypotheses of Glass and Griffin (1994), who suggested that retrograde NF
transport was one mechanism contributing to increased residence time of NFs along
axons. As NFs contain contiguous phosphorylated and nonphosphorylated domains
(Brown 1998; Chan et al. 2005), NFs in various overall phosphorylation states may
retain the capacity to associate simultaneously with both motors.

As C-terminal phosphorylation promotes NF association with dynein (Motil
et al. 2006a, b), the bulk of axonal NFs are highly phosphorylated (Pant and Veeranna
1995), and equivalent amounts of NFs/NF particles are capable of translocation in
either direction following kinase manipulation (above), the question remains as to
why only a minority of axonal NFs undergo retrograde transport under normal
conditions. The answer may lie in phospho-mediated NF bundling itself. Those
NFs that are capable of association with dynein (i.e., those that have undergone
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extensive C-terminal phosphorylation) are also the ones that form/associate with
NF bundles. Thus, few NFs are freely available to undergo retrograde transport at
any given time due to their tendency to form NF-NF associations leading to bun-
dling. The major function of dynein with regard to NFs may not be to generate
retrograde NF translocation, but rather to provide a counterbalance to anterograde
transport. This line of reasoning is supported by the observation of robust retro-
grade transport within growth cones, which lack NF bundles (Chan et al. 2002).
The potential importance of a balancing force provided by dynein activity in bal-
ancing the effects of kinesin was demonstrated by the generation of aberrant NF
aggregates within axons following overexpression of dynamitin. When cells were
transfected with a construct expressing dynamitin, those cells exhibiting modest
expression of exogenous dynamitin displayed a net shift of NFs towards the distal
end of neurites. However, those cells displaying robust expression of exogenous
dynamitin displayed large NF aggregates within central and distal axonal regions.
Finally, those cells displaying the most extreme levels of exogenous dynamitin
displayed NF aggregates within the most proximal regions of axons (Motil et al.
2006a,b). These observations support the notion that the opposing force generated
by dynein is an important regulator of orderly anterograde transport, and that an
imbalance in motor activities may foster the development of NF spheroids charac-
teristic of human motor neuron disease (discussed more fully below). Notably,
shifting of the entire bundle following inhibition of motors is consistent with the
notion that the cytoskeleton may be able to undergo some degree of transport
“en bloc”.

In efforts to understand the biomechanics underlying this situation, we
considered whether hypotheses and experimental evidence already advanced for
another major axonal cytoskeletal constituent, microtubules (MTs) could also be
relevant to NFs. MTs of varying lengths are observed along axons, but they
display different motilities. Relatively short MTs can be observed to translocate,
while long MTs remain stationary for extended periods. Both kinesin and dynein
mediate translocation of relatively short MTs, which translocate along the longer
MTs. In this case, a given motor would interact with a short MT via its cargo
domain, interact with the longer MT via its MT-binding domain, and “walk” the
short MT along the longer MT, and possibly the actin cortex. It seemed unlikely
that these motors would somehow selectively interact with shorter rather than
longer MTs, yet the longer MTs did not exhibit movement. This prompted the
suggestion that multiple motors exerting anterograde and retrograde forces
canceled each other out, and, more importantly, exerted a crosslinking effect. Just
like with short MTs, a given motor would interact with one MT via its cargo
domain, and an adjacent MT via its MT-binding domain. However, if both MTs
were long, then multiple motors of differing directionality would interact with
both of these MTs, and essentially cancel each other out (Ahmad et al. 2000; Baas
et al. 2006). In contrast to MTs, however, crosslinking of NFs by either kinesin or
dynein is unlikely because, while NFs are known cargo for both motors, there is
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no evidence that they act as tracks. Accordingly, a single motor can interact with
an NF via its cargo domain, but it could not interact with an adjacent NF via its
MT-binding domain. However, retrograde movement of the bundle following
inhibition of MAP kinase confirms that dynein has a functional association with
the bundle. We, therefore, hypothesize that the MT-binding domains of bundle-
associated motors are associated with adjacent MTs, and that the bundle maintains
its normal distribution along axons via crosslinking to adjacent MTs. Notably, the
MT array may also be tethered to the actin cortex, which may contribute to NF
transport and distribution (Jung et al. 2004).

4 NF Phosphorylation State and Localization
in Neuropathological Conditions: NFs May
Contribute to Motor Neuron Disease by
Sequestering Motor Proteins and/or Mitochondria

One hallmark of affected motor neurons in amyotrophic lateral sclerosis ALS/MND
is the accumulation of filamentous “spheroids” within proximal axons (Julien and
Mushynski 1998; Rao and Nixon 2003; Sihag et al. 2007). Spheroids are comprised
of disorganized neurofilaments NFs displaying epitopes normally found exclu-
sively on NFs within distal axonal regions. The pattern of NF-H phosphorylation
in spinal tissue from ALS patients is identical to that of normal individuals; one
interpretation is that perikaryal/proximal axonal phospho-NF spheroids are com-
prised of normally phosphorylated NFs that are simply mislocated (Bajaj et al. 1999).
We hypothesized some time ago that precocious activation of one or more critical
NF kinases could perturb association of NFs with their anterograde motor and pro-
mote aberrant accumulation by fostering precocious NF-NF associations (Shea and
Flanagan 2001). Several experimental manipulations support this possibility. The
NF kinases cdk5 and p38MAP kinase each phosphorylate NFs to generate epitopes
in common with NF spheroids and are associated with ALS (Ackerley et al. 2004;
Bajaj et al. 1999; Strong et al. 2001). Overexpression of MEKK-1, which in turn
overactivated the stress-activated /c-jun terminal kinase, inhibited translocation of
NFs into growing axonal neurites and fostered accumulation of axonal-specific
phospho-NF epitopes within perikarya (DeFuria et al. 2006). Notably, deletion of
the C-terminal region of NF-H delayed motor neuron pathology in a murine model
of ALS (Lobsiger et al. 2005). Finally, as described earlier, injection of the phos-
phatase inhibitor okadaic acid invoked rapid de novo accumulation of RT97 immu-
noreactivity within perikarya and proximal axons of optic pathway (areas in which
this degree of phospho-NF immunoreactivity is normally excluded (Jung and Shea
1999; Sanchez et al. 2000)), and simultaneously slowed NF transport within murine
retinal ganglion cells in situ (Sanchez et al. 2000). This finding confirms that the
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kinase(s) that generate extensive C-terminal NF phosphorylation are present and
active within perikarya and proximal axons. This not only suggests that the extent
of C-terminal NF phosphorylation within these regions is dependent upon a balance
of kinase and phosphatase activities, but also supports the notion that decreased
compensatory phosphatase activity could contribute to aberrant NF phosphoryla-
tion and mislocation.

A phospho-dependent decrease in association of NFs with kinesin (Yabe et al.
2000), a phospho-dependent increase in association of NFs with dynein (Motil
et al. 20064, b), and/or a phospho-dependent increase in association of NFs with each
other (Shea et al. 2004; Yabe et al. 2001a) - in short, all of the phospho-dependent
dynamics discussed thus far — could contribute to perikaryal accumulation of
phospho-NFs, either by inhibiting anterograde NF transport, enhancing a
retrograde “pull,” and/or by inducing precocious NF-NF associations within
perikarya instead of axons. Which of these forces is the major factor leading to
accumulation of NFs within perikarya/proximal axons remains to be determined,
but it is likely that they each contribute to some degree. Notably, NF spheroids
accumulate kinesin and dynein (Toyoshima et al. 1998a, b), which may represent
an apparent futile attempt of these motors to translocate NFs that are “trapped”
within the spheroids. Motor entrapment could ultimately impair overall axonal
transport, including that of non-cytoskeletal elements (Collard et al. 1995).
Resultant increased residence time of NFs within perikarya may contribute further
to their aberrant phosphorylation (Black and Lee 1988) in a deleterious
feedbackloop. Even a subtle shift in the balance of NF kinases and phosphatases
may, over time, generate the extent of NF mislocalization that accompanies motor
neuron disease (Motil et al. 2006b). Similarly, comparisons of axonal transport to
models of traffic modeling suggests that a critical imbalance in association of NFs
with their transport motors could generate a long-lasting “pile up” of NFs (Shea
and Beaty 2007). Importantly, these analyses also suggest that restoration of
appropriate motor balance could diminish continued delivery of NFs into these
and perhaps deplete NF accumulations, as has been shown for experimentally
induced NF aggregates in cultured cells (Shea et al. 1997).

As perikaryal NF accumulations contain NFs that are apparently normally
phosphorylated, but mislocated (Bajaj et al. 1999; Strong et al. 2001), and as
NF phosphorylation affects both transport and NF-NF associations, one
speculation arising from these collective findings is that delaying extensive
phosphorylation until NFs are longitudinally oriented within the lateral confines
of the axon promotes orderly bundling, rather than generation of spheroids
(Chan et al. 2007).

Notably, translocation of mitochondria into axons is dependent upon kinesin,
and, as NFs bind mitochondria (Dubey et al. 2007; Leterrier et al. 1994; Wagner
et al. 2003), the NF content of axons may provide a scaffold to maintain axonal
mitochondrial distribution. These latter considerations provide a further mechanism
by which impaired transport, including that of NFs, may contribute to motor neuron
disease (De Vos et al. 2008).
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5 Conclusions and Future Directions

In summary, a considerable body of literature amassed over the past few decades
from a number of laboratories using a variety of experimental models and approaches
provides insight into the mechanisms by which C-terminal NF phosphorylation
may regulate NF axonal transport. The identification of responsible motors and the
concurrent demonstration that phosphorylation both interferes with association of
NFs with their anterograde motor, as well as promotes the NF-NF associations that
correlate with the slowest-moving NFs, provide mechanisms that support these
earlier hypotheses. While the approach of sidearm deletion (Rao et al. 2002, 2003;
Yuan et al. 2006a, b) may indeed represent an improvement over deletion of the
complete NF-H subunit, it unfortunately remains encumbered by some of the same
compensatory mechanisms (e.g., NF-M hyperphosphorylation) that confounded
interpretation following full-length NF-H deletion (Jung et al. 2006; Zhu et al.
1998). Of interest would be to examine the impact of NF-H C-terminal deletion
on the association of NF isoforms with the slowest-moving NF population (i.e.,
the so-called stationary cytoskeleton) that is retained for extended periods along
optic axons in long-term radiolabeling analyses (Nixon and Logvinenko 1986).

Beyond the simple consideration of C-terminal phosphorylation as regulating
NF axonal transport lies the task of sorting out what is likely to be a series of hier-
archical phosphorylation events, with distinct events regulating various aspects of
NF dynamics. While phosphorylation events that induce the RT97 epitope are
clearly associated with a number of characteristics of NF “maturation,” there are no
data to indicate that all NFs bearing the RT97 epitope have the identical phosphor-
ylation state. One series of phosphorylation events, accompanied by generation of
the RT97 epitope, may promote association with dynein, while additional phospho-
rylation events (for which we have no distinct antigenic marker as yet) may be
required to promote NF-NF bundling. By contrast, some C-terminal phosphoryla-
tion events (e.g., those that induce the SMI-31 epitope), which occur prior to those
that generate the RT97 epitope (Sanchez et al. 2000), are apparently compatible
with kinesin association.

While we (Chan et al. 2007) and others (Gou et al. 1998) have demonstrated a role
for divalent cations such as calcium in NF bundling, simultaneous association with
dynein and kinesin — not uncommon for cargo of these motors (Martin et al. 1999)
—may be an integral aspect of NF bundling in a manner analogous to the demonstration
that competing forces generated by kinesin and dynein exert an architectural role in
the maintenance of the axonal cytoskeletal lattice (Ahmad et al. 2000; Baas et al.
2006). As NFs contain contiguous phosphorylated and nonphosphorylated domains
(Brown 1998; Chan et al. 2005), NFs in various overall phosphorylation states may
retain the capacity to associate simultaneously with both motors. Differential
phospho-dependent association with kinesin and dynein could contribute to the wide
range of anterograde transport rates observed for axonal NFs. Elucidation of the order
of phosphorylation by C-terminal kinases, and which events mediate which of the
above aspects of NF dynamics, remain important areas of investigation.
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Critical Roles for Microtubules in Axonal
Development and Disease

Aditi Falnikar and Peter W. Baas

Abstract Axons are occupied by dense arrays of cytoskeletal elements called
microtubules, which are critical for generating and maintaining the architecture of
the axon, and for acting as railways for the transport of organelles in both directions
within the axon. Microtubules are organized and regulated by molecules that affect
their assembly and disassembly, their stabilization, their association with other
cytoskeletal elements, and their alignment and bundling with one another. Recent
studies have accentuated the role of molecular motor proteins and microtubule-
severing proteins in the establishment and maintenance of the axonal microtubule
array. The growing body of knowledge on the proteins and mechanisms that regu-
late axonal microtubules has fostered a better understanding of how many debilitat-
ing diseases cause axons to degenerate. The purpose of this chapter is to provide an
update on current knowledge of axonal microtubules and the proteins that regulate
them, and to reflect on cutting-edge findings linking these proteins and mechanisms
to diseases that afflict the human population.

1 Microtubules in the Axon

Each typical neuron of the body generates a single elongated axon that has the
potential to traverse complex and often long journeys to reach its target tissue.
The axon is effectively unlimited in its growth potential, as evidenced by the fact
that it continues to grow unabated when neurons are transplanted into a culture dish
(He and Baas 2003). This is particularly surprising because axons contain relatively
little protein synthetic machinery, and hence need axonal transport from the cell
body for their growth and maintenance (Baas and Buster 2004). In addition, the
axon is an engineering marvel that clearly requires sophisticated architectural struts
to generate and maintain its structure. The transport and architectural needs of the
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axon are fulfilled by cytoskeletal elements, and in particular, by microtubules.
Microtubules are polymers of tubulin subunits that provide cells with their shape by
resisting compression, while simultaneously acting as the substrate for the transport
of organelles and proteins in both directions (Baas and Buster 2004). Microtubules
are certainly not unique to axons, but rather fulfill architectural and motile needs of
cellular apparatuses as diverse as mitotic spindles and cilia.

Microtubules form a continuous array within the axon, extending from the cell
body into the growth cone at its distal tip (see Fig. 1). Almost every microtubule
within the array is oriented with its assembly-favored “plus” end directed away
from the cell body (Heidemann et al. 1981; Baas et al. 1987). Although the micro-
tubule array is continuous, the individual microtubules that comprise the array are
staggered along the length of the axon and assume a variety of lengths (Bray and

/ I Key
=
microtubule
=
microtubule
plus end
| ‘

Fig. 1 A continuous array of microtubules provides structural support to the axonal shaft.
Individual microtubules within the array vary in length. Almost all of the microtubules exhibit
uniform polarity with plus ends oriented distally, away from the cell body
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Bunge 1981; Yu and Baas 1994). Some microtubules are over a hundred microns
long, while others are only a single micron in length, or even shorter. Early studies
on the kinetics of tubulin transport suggested that radiolabeled tubulin moves
slowly down the axon, and in a relatively coherent manner compared to diffusion
(Black and Lasek 1980). It was posited that tubulin is transported in the form of the
microtubules, and that this transport consists of a slow and synchronous “march”
of the polymers. Live-cell imaging analyses over the past several years have refined
this model substantially by demonstrating that the transport of microtubules down
the axon is actually not slow and coherent at all, but it is fast, intermittent, asyn-
chronous, and bidirectional (Wang and Brown 2002; Hasaka et al. 2004; He et al.
2005; Myers and Baas 2007). Moreover, it is only the very shortest microtubules,
those less than about 7 wm in length, that are in transit.

Recent observations have focused a great deal of attention on the molecular
motor proteins that transport the short microtubules, as well as a category of proteins
called microtubule-severing proteins that break long microtubules into ones that are
short enough to be transported (Baas et al. 2006). In addition, strong evidence sug-
gests that the same molecular motor proteins that transport the short microtubules
also impinge upon the long microtubules, and thereby play important functional
roles in such matters as determining whether the axon grows or retracts, as well as
the navigation of the tip of the axon, called the growth cone (Myers et al. 2006;
Nadar et al. 2008). The relevant microtubule-severing proteins are enzymes called
katanin and spastin. The relevant molecular motor proteins appear to be cytoplasmic
dynein, as well as a small number of specialized kinesins, typically thought of as
“mitotic” motors because they were originally identified as crucial for generating
forces on microtubules in the mitotic spindle (Baas 1999; Baas et al. 2000).

In addition to being subjected to motor-driven forces and the potential for severing,
microtubules are classically known to be dynamic polymers, which means that they
have the capacity for rapid assembly and disassembly. In the absence of accessory
and regulatory proteins and signals, microtubules display extremely rapid bouts of
intermittent assembly and disassembly known as “dynamic instability.” Such
behavior is quite apparent in living cells as well; particularly, at the leading edge of
motile cells (Wittmann et al. 2003), or in the case of the axon, within the growth
cone (Suter et al. 2004). However, neurons are exceptionally rich in proteins that
shift the dynamics toward assembly, and also stabilize the microtubules against
disassembly. These proteins include classic fibrous microtubule-associated proteins
(MAPs) such as tau, MAP1b, MAP1a, and MAP2, as well as other proteins such as
STOP (stable tubule only protein), doublecortin, and crosslinking proteins such as
plakins/plectins (Chapin and Bulinski 1992; Matus 1994; Bosc et al. 1996; Horesh
et al. 1999; Leung et al. 2002). These proteins generally function by binding along
the lattice of the microtubule, and thereby suppress the tendency of microtubules to
disassemble. Other proteins, such as CRMP-2, may actually interact with the tubu-
lin subunits to promote their assembly onto pre-existing microtubule polymers
(Fukata et al. 2002). Notably, axons also contain proteins that promote microtubule
disassembly, and these include stathmin and SCG10 (Curmi et al. 1999).

The relevant molecular motor proteins exert various complementary and antagonistic
actions, so that desired effects can be achieved by regulating the balance of forces
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either globally or locally in the axon. The same is true of the relevant proteins that
impact the assembly, disassembly, and stabilization of the microtubules. By having a
number of different participants that impact the properties of the microtubules, the
axon can judiciously regulate the microtubule array to participate appropriately in
events such as axonal growth, retraction, branch formation, and navigation.

Figure 2 schematically shows molecular motor proteins transporting membranous
cargo and short microtubules in the axon, while figure 3 schematically illustrates
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Fig. 2 Molecular motor proteins power microtubule-mediated transport of membranous cargo, as
well as that of short microtubules in anterograde and retrograde directions within the axon
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Fig. 3 Microtubule-severing proteins break long microtubules into shorter ones, thus regulating
lengths, as well as numbers of microtubules within the axon. Tau limits the access of microtubule
severing proteins, such as katanin to the microtubule lattice

the activity of microtubule-severing proteins. In both schematics, tau is also
included, as it has been implicated in the potential regulation of molecular motors
(Baas and Qiang 2005) and severing proteins (see Sect. 3.1).

Two other categories of proteins are worth mentioning with regard to the regula-
tion of microtubules in the axon. The first is a relatively newly discovered family
of proteins called +tips, which preferentially bind the plus ends of microtubules
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during bouts of assembly. Shortly after the relevant tubulin subunits become part of
the polymer, the +tips tend to lose their association, resulting in high concentrations
of these molecules at the growing plus-end of the microtubule relative to elsewhere
along the microtubule’s length. These +tips, which include “end binding” proteins
such as EB1 and EB3, as well as CLIPs and CLASPs, impact the dynamic properties
of the microtubules, and also their interactions with cortical structures, molecular
motors, and other proteins (Vaughan 2005; Akhmanova and Hoogenraad 2005).
These proteins may be important for several functions, including, for example, the
interaction of the plus-ends of the microtubules with structures in the cell cortex
during branch formation and growth cone navigation (Stepanova et al. 2003;
Jimenez-Mateos et al. 2005; Kornack and Giger 2005).

The other category of proteins worth mentioning is actin, and any protein that
impacts the organization, distribution, or properties of the actin cytoskeleton, given
that microtubules and actin filaments are well known for interacting with one
another. We have recently published a chapter elsewhere on this topic (Myers and
Baas 2009), and will refrain from including a discussion of it here.

Much of what is known about the various microtubule-related molecules in the
axon has been elucidated within the context of development. Adult axons are relatively
“hard-wired,” and do not undergo the degree of morphological plasticity as they do
during development. Even so, it would appear that the vast majority of the micro-
tubule-related molecules important for development are still present throughout the
lifetime of the axon. Microtubules still need to be transported down the axon; albeit,
somewhat less robustly compared to development. That means the molecular motor
proteins and microtubule-severing proteins still have important roles to play.
In addition, it is very important that a substantial portion of the microtubule mass
is relatively stable to ensure that the axon has architectural support and railways for
the ongoing transport and trafficking of organelles, RNA, and proteins needed for
the vitality of the axon. Of course, damaged axons have some regenerative capacity,
especially in the peripheral nervous system, and so preserving the necessary
elements for axonal growth makes sense.

Over the past few decades, scientists interested in axonal microtubules have
made the argument that microtubules are so important for the axon that undoubtedly
studying how they are regulated would someday yield a huge payoff in terms of
understanding the neurological disorders that afflict the human population. Recent
years have proven especially fruitful in this regard. For example, we now know that
mutations to microtubule-related proteins such as doublecortin and Lisl can cause
congenital flaws in brain lamination, resulting in mental retardation (Gleeson et al.
1998; Reiner et al. 1993), and it is clear that misregulation of tau is a critical
component of Alzheimer’s disease (see Sects. 3 and 3.1). It also appears that
microtubule-based axonal transport is particularly sensitive to toxins and misfolded
proteins, which can lead to nerve degeneration as a result of compromised axonal
transport (De Vos et al. 2008). Therefore, in developing a thorough understanding
of axonal microtubules, the microtubule research community is making rapid
progress toward characterizing some of the most debilitating neurological diseases,
as well as effective strategies for their treatment and prevention. The purpose of this



Critical Roles for Microtubules in Axonal Development and Disease 53

chapter is not to be exhaustive, but rather to provide a few examples of how careful,
in-depth study of axonal microtubules has led to breakthroughs in the understand-
ing of diseases that impact the nervous system.

2 Microtubule-Severing and Hereditary Spastic Paraplegia

Hereditary spastic paraplegia (HSP) is a heterogeneous group of genetic diseases
that mainly affect the corticospinal tracks, resulting in spasticity in the lower limbs
(Bruyn 1992). Although there are variable forms of the disease, the age of onset
is usually in early adulthood, with no developmental deficiencies. Mutations to
several different genes can give rise to HSP, but roughly 40-60% of the cases result
from autosomal dominant mutations to a gene called SPG4, which codes for a pro-
tein called spastin (Hazan et al. 1999). The discovery in 2002 that spastin is a
microtubule-severing protein (Errico et al. 2002) prompted enormous interest,
because it suggested that the axons of patients afflicted with this form of HSP may
degenerate due to insufficient severing of microtubules. With a mechanism in hand,
the potential existed for rapid progress on therapies.

Our interest in microtubule-severing activity first arose from our early work on
the length-distribution of microtubules in the axon, which was conducted before
katanin or spastin had been identified as severing proteins. We had determined that
new microtubules do not spontaneously nucleate in the axon (Baas and Ahmad
1992), and hence, we speculated that microtubule number could only be increased
in the axon by either release and transport of new microtubules from the centro-
some (located in the cell body of the neuron) or by severing of pre-existing micro-
tubules in the axon such that a single microtubule would be transformed into many
short ones (Joshi and Baas 1993). The short microtubules could then either elon-
gate into longer ones or disassemble to provide subunits used by their neighbors
to elongate. We performed serial reconstructions from electron micrographs of
cultured neurons and demonstrated the appearance of large numbers of short
microtubules and the absence of long microtubules within the axon at sites where
new branches were starting to form (Yu et al. 1994). These observations provided
support for a model in which long microtubules are severed in a very localized and
tightly regulated fashion during the formation of collateral branches. Using live-
cell imaging, we directly observed the severing of short microtubules from looped
bundles of microtubules within paused growth cones, and the subsequent move-
ment of the short microtubules into filopodia (Dent et al. 1999). Producing more
free ends of microtubules, via severing, may also be important because free ends
of microtubules are known to interact with a variety of proteins and structures,
such as those within the cell cortex (see discussion on +tips in Sect. 1).
Microtubule-severing would certainly appear to be particularly important for the
plasticity of the axon during development; however, as noted earlier, having a suf-
ficient balance of long and short microtubules is crucial for proper axonal trans-
port throughout the lifetime of the neuron (Yu et al. 2007).
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Katanin was the first microtubule-severing enzyme to be well characterized.
It was originally purified from sea urchin eggs, in which it was shown to sever
microtubules by disrupting contacts within the polymer lattice using energy derived
from ATP hydrolysis (McNally and Vale 1993). In studies on neurons, we showed
that katanin is present at the centrosome, consistent with observations in other cell
types, and that it is also widely distributed within the axon, and throughout all
neuronal compartments (Ahmad et al. 1999; Yu et al. 2005). Inhibition of katanin
by various experimental approaches prohibits microtubule release from the centro-
some, and profoundly increases microtubule length throughout the neuronal cell
body (Ahmad et al. 1999; Karabay et al. 2004). As a result, axonal outgrowth is
severely compromised. In addition, we found that the levels of katanin are very high
in axons that are actively growing toward their targets, but then decrease precipitously
when the axon reaches its target and stops growing (Karabay et al. 2004).

We next expanded our studies to include spastin, starting with detailed quantitative
and functional comparisons between katanin and spastin in the nervous system.
We found that katanin has widespread expression in the various cells and tissues of
the body; however, spastin is more enriched in the nervous system, with only low
levels of expression elsewhere (Solowska et al. 2008). Nonetheless, during the
development of the nervous system, the levels of katanin are many times higher
than the levels of spastin. After development is complete, at which time katanin
levels plunge, spastin levels are only slightly diminished. Despite this, the levels of
katanin remain notably higher than the levels of spastin throughout the adult brain
and spinal cord. These observations provided some support for a “loss of function”
scenario for HSP, because a diminished level of functional spastin would presumably
be more consequential in the adult, due to the lower levels of katanin. However,
nothing in these studies suggested an obvious explanation of why the corticospinal
tracks should be particularly sensitive to a diminution in functional spastin levels.

In terms of the functions of spastin, we found that over-expressing spastin in
cultured neurons profoundly increased the frequency of axonal branch formation
(Yu et al. 2008). This phenomenon did not occur when katanin was over-expressed
(Yu et al. 2005), suggesting that spastin has some specialized properties to promote
branch formation that are not shared by katanin. Depletion of spastin diminished,
but did not eliminate branch formation, suggesting that katanin can provide sufficient
severing of microtubules for branches to form, but that spastin is more optimal to
perform in this capacity (Yu et al. 2008). In part, this may be due to the fact that
spastin tends to accumulate at sites of branch formation far more than katanin.
Patients with spastin mutations as well as spastin knockout mice do not show
deficiencies in axonal branching during development (Fink and Rainier 2004),
supporting the conclusion that katanin is sufficient to carry out this function in the
absence of spastin.

Additional observations caused us to further doubt whether a “loss of function”
scenario makes sense to explain the degeneration of the corticospinal tracks in HSP
patients. The spastin gene is interesting in that it contains a second start-codon, not
far downstream from the first one (Claudiani et al. 2005; Mancuso and Rugarli
2008). In rodents, this results in two spastin isoforms, which we refer to as M1 and
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M85, with respective molecular weights of 68 and 60 kDa (note: they are named
according to the relevant methionine; in humans, the shorter isoform would be M87
rather than M85; nonetheless, the term M85 will be used for simplicity). Notably,
we found that M85 is expressed in all regions of the central nervous system at all
times during development and in the adult (Solowska et al. 2008). By contrast,
there is little or no detectable M1 at any time during development, or in the adult,
with one exception. About 20% of the total spastin in the adult spinal cord is the
M1 isoform. Given that this corresponds to the location and time where degeneration
occurs in spastin-based HSP, we wondered if mutant M1 may pose a problem for
the axon, while mutant M85 does not.

In this view, spastin-based HSP would be a “gain-of-function” disease in which
axonal degeneration is not caused by insufficient microtubule-severing activity, but
rather by a cytotoxic mutant protein. To test this hypothesis, we compared the
effects of truncated versions of M1 and M85 spastin, lacking the AAA ATPase
domain critical for severing function, on cultures of embryonic cortical neurons
(Solowska et al. 2008). These studies demonstrated just how detrimental M1
mutants would be if they were robustly expressed during development. Neurons
induced to express the truncated M1 are slower to develop, have shorter axons, and
have generally less robust morphologies. Interestingly, the truncated M85-spastin,
which would correspond to the mutant spastin expressed during development in
HSP patients, did not cause any developmental problems in neuronal cell cultures.

To further investigate the mechanism of HSP, we tested the effects of truncated
spastin M1 and M85 on fast axonal transport. In studies on squid axoplasm,
perfusion of full-length M1 plus M85 spastins showed no effect on fast axonal
transport, and the same was true for the truncated M85, which lacks the ability to
sever microtubules (Solowska et al. 2008). However, the truncated M1 polypeptide
strongly inhibited fast axonal transport, indicating that it is the 8 kDa amino terminal
region of M1 that elicits these deleterious effects. One possibility is that pathogenic
spastin mutations induce a conformational change that results in abnormal exposure
of the 8 kDa amino terminal unique to M1. Consistent with this view, intragenic
polymorphisms of spastin have been found within the 8§ kDa amino terminus, which
dramatically modify the HSP phenotype. In addition, spastin is known to interact
with another HSP-related protein called atlastin via the 8 kDa amino-terminal
region of M1 (Sanderson et al. 20006). Interestingly, recessive mutations in atlastin
also lead to HSP (Zhao et al. 2001), suggesting that the binding of atlastin or other
polypeptides to the amino terminal of M1 could help prevent M 1-induced pathology
(Zhao et al. 2001).

These observations not only provide insight into the underlying causes of the
disease, but are also critically important for the development of effective treatment
strategies. We do not believe the “loss/gain of function” issue is completely
resolved; however, if our view on this problem is correct, then there is no utility in
developing strategies to compensate for a hypothetical insufficiency in microtu-
bule-severing activity in afflicted axons. Instead, a more productive approach
would be to try to rid the afflicted neurons of the mutant M1 spastin. According to
our results thus far, it would be preferable for the neurons to risk losing the viable



56 A. Falnikar and P.W. Baas

spastin than to tolerate the pathogenic spastin molecules. Thus, a therapeutic RNAi
approach may prove highly effective in depleting the problematic molecules from
the neurons of patients with spastin-based HSP.

3 Tauopathies

Tauopathies are a class of neuro-degenerative disorders caused by abnormalities of
the tau protein. As mentioned earlier, tau is one of the many microtubule-associated
proteins that can influence microtubule dynamics in the axon. In addition, tau is
thought to regulate the spacing between microtubules (Black 1987; Chen et al.
1992), as well as interactions between microtubules and other proteins and struc-
tures in the axon (Ebneth et al. 1998). The binding of tau to microtubules is regu-
lated by its phosphorylation at specific sites (Fath et al. 2002). Tauopathies are
generally caused by either mutations to tau that affect its capacity to bind to micro-
tubules or by abnormalities in the pathways that phosphorylate tau. There are two
proposed ways in which abnormal tau behavior is believed to lead to axonal degen-
eration. The first is that the microtubules are impaired because of the loss of normal
levels of tau binding to their lattice. The second is that the abnormal tau may itself
be toxic, as evidenced by its tendency to self-assemble into various types of aggre-
gates, including straight filaments and paired helical filaments (Bunker et al. 2006;
Arrasate et al. 1999), and by recent studies of the effects of the amino terminus of
tau on axonal transport (Lapointe et al. 2009). At least 34 different pathology-
associated mutations in various regions of the zau gene have been identified so far.
Such pathologies include frontotemporal dementia with Parkinsonism, linked to
chromosome 17 (FTDP-17). Other examples of tauopathies linked to specific tau
mutations include progressive supranuclear palsy, corticobasal degeneration, and
Pick’s disease (Wang and Liu 2008). Interestingly, in Alzheimer’s disease, there are
no known mutations of tau, but only alterations in tau phosphorylation.

The tau gene, located on human chromosome 17, gives rise to six well-recognized
isoforms of tau protein through the process of alternative splicing of mRNA.
Missense mutations mentioned above act by causing misregulation of alternative
splicing. Exon 2, 3, and 10 of fau RNA transcript are known to undergo alternative
splicing. While the exons 2 and 3 encode amino terminal inserts, the exon 10 codes
for a part of the microtubule-binding region of the tau protein. Exon 10 is also the
exon in which the maximum numbers of disease-causing mutations have been
identified. Alternative splicing is responsible for generating tau isoforms, contain-
ing either four or three microtubule binding repeats (4R tau, or 3R tau). Of the six
known tau isoforms, three belong to each category. The number of microtubule
binding repeats present dictates the microtubule binding ability of a given tau iso-
form. 4R tau isoforms have a stronger affinity for microtubules (Wang and Liu
2008). Interestingly, under normal physiological conditions, alternative splicing is
regulated such that the ratio of 4R tau-to-3R tau is maintained at 1:1 (Donahue
et al. 2007; D’Souza and Schellenberg 2005). It has been suggested that perturbation
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of this ratio lies at the root of tau-related neurodegeneration (Stanford et al. 2003).
A mouse model of tauopathies generated by over-expression of the smallest tau
isoform mimics characteristic features of human taupathies, such as progressive
accumulation of tau inclusions and neurodegenration (Lee and Trojanowski 2001).
However, it still remains controversial as to whether 3R or 4R tau isoforms are
more toxic to the cell.

3.1 Tauopathies and Microtubule-Severing

One of the most common claims about tauopathies is that the loss of tau from the
microtubules in the axon destabilizes the microtubules and leads to their depolym-
erization. This interpretation is hard to defend, however, in light of the fact that
experimental depletion of tau from axons does not render the microtubules less
stable, nor are microtubules less stable in tau knockout mice (Tint et al. 1998;
Harada et al. 1994). These observations do not entirely invalidate the idea, however,
because the mix of other microtubule-stabilizing molecules may largely be able to
compensate for the loss of tau, with modest effects accumulating over time to give
rise to microtubule loss.

Another scenario is suggested by our observations on microtubule-severing
function. Quantitatively, neurons contain total levels of microtubule-severing pro-
teins far higher than would be required to completely break down microtubules in
the test tube (Solowska et al. 2008). Therefore, neurons must have regulatory
mechanisms that either attenuate the activity of the severing proteins or protect the
lattice of the microtubules from being fully accessed by the severing proteins.
Whatever the case, it is not hard to understand how misregulation of these mecha-
nisms could result in abnormal levels of microtubule-severing activity that could be
profoundly deleterious to the axon.

The question arises as to how microtubule-severing function is regulated, such
that severing of microtubules occurs when and where needed? We have proposed a
model inspired by the observation that katanin-induced microtubule-severing
becomes much more active in interphase extracts that are depleted of the frog
homologue of MAP4, a fibrous MAP similar to tau (McNally et al. 2002). In addition,
severing is more active in mitotic extracts compared to interphase extracts, and this
difference is based on phosphorylation of proteins, but apparently not of katanin
itself (Vale 1991; McNally et al. 2002). Interestingly, phosphorylation of MAP4
causes it to lose its association with the microtubules (McNally et al. 2002),
consistent with a model that we call the “MAP protection model.” In this model,
fibrous MAPs protect the lattice of the microtubule from being accessed by katanin.
Phosphorylation of the MAPs results in their detachment from the microtubule,
thereby enabling katanin to gain access (Baas and Qiang 2005). In the axon, tau,
rather than MAP4, would be the likely candidate to fulfill this role (see Fig. 3).
The MAP protection model offers a potential means by which signaling cascades
can regulate microtubule-severing activity in a spatially discrete manner, for example,
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at impending sites of axonal branch formation. The signaling cascades would cause
tau (or other MAPS) to dissociate from the microtubules at the site where a branch
is starting to form, thereby permitting katanin to break the microtubules into
shorter, highly mobile pieces, precisely where needed.

To test the premise of this idea, we conducted studies in which we over-
expressed katanin or spastin in fibroblasts in which we had first expressed a neuro-
nal MAP, the katanin or spastin causes dramatic severing of microtubules and loss
of microtubule mass. We found that robust levels of tau and MAP2 are able to
protect the microtubules from being severed by katanin, but MAP1b was not able
to do so (Qiang et al. 2006). Tau and MAP2 have a very similar microtubule-binding
domain to MAP4, and so these results make sense. Tau, being the MAP enriched in
axons, therefore, appeared to be the prime suspect for being the principal protector
of microtubules in the axon. Indeed, when we depleted various MAPs from neurons
with siRNA, it was only tau whose loss caused the microtubules in the axon to
become notably more sensitive to the over-expression of katanin (Qiang et al.
2006). In subsequent studies, we found that tau is less effective at protecting micro-
tubules from spastin (Yu et al. 2008), which is probably one reason why spastin is
always expressed at much lower levels than katanin.

On the basis of these observations, we posited that one of the contributing
factors to axonal degeneration in tauopathies (such as Alzheimer’s disease) may be
a gradually heightened sensitivity of the microtubules to abnormal microtubule-
severing activity, mainly of katanin (Baas and Qiang 2005; Qiang et al. 2006). This
hypothesis has not yet been tested, but if it is valid, it may suggest new avenues
for therapies based on downregulating microtubule-severing activity in the afflicted
axons.

4 Other Neurodegenerative Diseases

A number of review papers have been written on neurodegenerative orders over the
past few years, and these include substantive sections on how flaws in microtubules
and microtubule-related events such as axonal transport give rise to degeneration of
axons (see, e.g., Roy et al. 2005; Chevalier-Larsen and Holzbaur 2006; Duncan and
Goldstein 2006; Morfini et al. 2002). Although it is not possible to provide an
in-depth discussion of the various relevant diseases within the limited space available
here, three additional diseases will be discussed briefly below.

Amyotrophic lateral sclerosis (ALS) is a neurodegenerative disease that is
believed to arise from accumulation of misfolded protein aggregates (Boillee et al.
2006). Motor neurons of the central nervous system are preferentially degenerated
in the pathology of ALS. Degeneration of motor neurons leads to atrophy of muscles
supplied by these neurons, which gradually leads to complete loss of voluntary
muscle movement as the disease progresses. Although the exact cause of the
disease is not known, mutations in the gene that encodes copper—zinc superoxide
dismutase (SOD1) have been linked to cases of familial ALS (Rosen et al. 1993).
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Under normal physiological conditions, SOD1 protects the cell from toxic superoxide
radicals. A mouse model of ALS was created by over-expressing an ALS-linked
SOD1 mutant; motor neurons in these mice exhibit defective axonal transport
(Ligon et al. 2005). Similar to the situation discussed earlier with regard to spastin
and HSP, loss of function of SOD1 seems unlikely to be the cause of the observed
motor neuron defects in ALS (Boillee et al. 2006).

Motor neurons are large cells with long axons. Owing to their great lengths,
these axons heavily depend on microtubule-driven transport of cargo for their main-
tenance and viability. For example, retrograde transport of trophic factors is thought
to be essential for neuronal survival (Ye et al. 2003). The mechanism by which
mutant SOD1 disrupts axonal transport is not entirely understood. Cytoplasmic
dynein, the principal minus-end-directed microtubule-associated motor protein, is
known to colocalize with aggregates of mutant SOD1 (Ligon et al. 2005). A recent
report has shown interaction between mutant SOD1 and cytoplasmic dynein (Zhang
et al. 2007). These observations suggest disruption of dynein-mediated transport of
cargo along microtubules as an explanation for the degeneration and death of motor
neurons caused by mutant SOD1. The hypothesis that perturbed axonal transport is
the underlying cause of neuronal degeneration is further supported by a recent
report linking mutations in the spastin gene to etiology of ALS (Munch et al. 2008).
As mentioned earlier, mutations in the spastin gene can lead to impaired axonal
transport. Finally, another gene whose mutations are linked with ALS, termed
ALS?2, generates a protein called alsin, which partially associates with the centrosome
and appears to impact the microtubule system (Millecamps et al. 2005).

Potential links between impaired axonal transport, neuronal degeneration, and
cell death are being actively explored in other neurological diseases as well.
Huntington’s disease (HD) is a progressive neurodegenerative disorder characterized
by uncontrolled, uncoordinated jerky muscle movements along with decline in
mental abilities. Mutations in the protein huntingtin, resulting in an abnormally large
number of polyglutamine repeats in its sequence, is believed to be the cause of this
disease. Despite widespread expression of huntingtin protein in non-nervous as well
as nervous tissue, mutations of huntingtin gene lead to degeneration selectively in
brain tissue. The mechanism of this degeneration is thus far unclear. However, it is
known that mutant huntingtin exhibits a propensity to form aggregates within neu-
rons (DiFiglia et al. 1997) and also has altered interactions with other proteins
(Harjes and Wanker 2003). The hypothesis that neuronal death is caused by toxic
gain of function by misfolded mutant proteins in the case of huntingtin is ques-
tioned by reports suggesting that neuronal dysfunction precedes aggregate forma-
tion (Gunawardena and Goldstein 2005). Recently, it has been demonstrated that
huntingtin is a positive regulator of axonal transport and that it directly interacts
with dynein (Caviston et al. 2007; Colin et al. 2008). Observations on mouse mod-
els of HD and also human HD patients provide evidence for disrupted axonal
transport in the form of swollen neuronal projections, accumulation of vesicles and
organelles, and mutant huntingtin (Gunawardena and Goldstein 2005). These
pieces of evidence present a strong case for the role of disrupted axonal transport
in the pathology of Huntington’s disease. It has been hypothesized that, owing to



60 A. Falnikar and P.W. Baas

the mutations, neuronal degeneration may be due to loss of function of huntingtin,
thereby leading to the observed impairment in axonal transport (Her and Goldstein
2008; Szebenyi et al. 2003).

Perturbed axonal transport and also direct effects on neuronal microtubules are
implicated in the pathology of Parkinson’s disease (PD). PD is characterized by
degeneration of dopaminergic neurons in the substantia nigra of the brain. Loss of
these neurons leads to reduced dopaminergic input to the striatum, the part of the
brain that controls voluntary muscle movement. The attendant functional disinhi-
bition results in nonselective, excessive muscle tone, which produces muscle rigid-
ity, and abnormalities in speech. Mutations in the parkin gene are associated with
some of the familial cases of Parkinson’s (Moore et al. 2005). Parkin codes for a
protein—ubiquitin E3 ligase. Under normal physiological conditions, parkin inde-
pendently binds to tubulin subunits and microtubules. Interaction of parkin with
tubulin facilitates its degradation, whereas parkin’s interaction with microtubules
stabilizes them. PD-linked parkin mutants retain their ability to bind to microtu-
bules, but are unable to bind to tubulin. This leads to intracellular accumulation of
misfolded tubulin, leading to neurodegeneration (reviewed in Feng 2006).
Furthermore, toxins implicated in PD, such as rotenone, cause depolymerization
of microtubules (Marshall and Himes 1978). This disrupts microtubule-mediated
transport of dopamine vesicles, leading to intracellular accumulation of leaky vesicles,
which leads to neurodegeneration (Ren et al. 2005).

5 Concluding Remarks

In conclusion, as research investigators of microtubules, we are gratified that progress
on the regulation of microtubules in neurons has led to a greater understanding of the
normal physiology of the axon, as well as new mechanistic breakthroughs on neuro-
degenerative diseases that plague the human population. We look forward to further
progress, and in particular to a new focus on potential therapies for treating, preventing,
and perhaps even curing these microtubule-related diseases.
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Actin in Axons: Stable Scaffolds
and Dynamic Filaments

Paul C. Letourneau

Abstract Actin filaments are thin polymers of the 42 kD protein actin. In mature
axons a network of subaxolemmal actin filaments provide stability for membrane
integrity and a substrate for short distance transport of cargos. In developing neurons
dynamic regulation of actin polymerization and organization mediates axonal
morphogenesis and axonal pathfinding to synaptic targets. Other changes in axonal
shape, collateral branching, branch retraction, and axonal regeneration, also depend
on actin filament dynamics. Actin filament organization is regulated by a diversity
of actin-binding proteins (ABP). ABP are the focus of complex extrinsic and intrinsic
signaling pathways, and many neurological pathologies and dysfunctions arise
from defective regulation of ABP function.

1 Introduction

Polymerized filaments of the protein actin are a major cytoskeletal component of
axons, along with microtubules and neurofilaments. The most significant function
of actin filaments in mature axons is to create sub-plasmalemmal scaffolding that
stabilizes the plasma membrane and provides docking for protein complexes of
several membrane specializations. In addition, this cortical actin scaffold interacts
with myosin motor proteins to transport organelles to short distances. These functions
engage actin filaments as a stable structural component in axonal homeostasis.
However, during axonal development, the dynamic organization of actin filaments
and their interactions with myosins play critical roles in axonal elongation and
branching, and in mediating the extrinsic influences that guide axons to their synaptic
targets. This chapter will first briefly discuss the characteristics of actin and its
regulation by actin-binding proteins (ABPs). Then, actin organization and functions
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in mature axons will be discussed, and finally, the dynamic roles of actin filaments
in growing and regenerating axons will be discussed.

2 The Properties of Actin

2.1 Actin Protein

Actin is a globular 42 kD protein and one of the most highly conserved eukaryotic
protein. Mammals have three actin isoforms, a, [ and y, of which o and mostly 3
are expressed in neurons. Under proper buffer conditions and in sufficient concen-
tration, actin monomers (G-actin) spontaneously assemble into filaments (F-actin)
with a diameter of 7 nm and lengths of a few um. The bonds between actin monomers
are specific but not of high strength, allowing actin solutions to be freely shifted
from polymerized to unpolymerized states. Due to the intrinsic orientation of each
monomer, an actin filament is polarized, in which one end, the barbed end, adds
subunits at a lower monomer concentration than that occurs at the opposite end, the
pointed end; while the latter end loses monomers at a lower concentration. If ATP is
furnished to an actin solution, actin filaments form after nucleating, and reach a
steady state, in which filaments undergo a dynamic “treadmilling,” continually adding
ATP-actin at the barbed ends, and losing ADP-actin at the pointed ends.

Actin is abundantly expressed in all tissues, which is critical for cell division,
adhesion, and motility. In neurons actin comprises about 4-5% of total protein
(Clark et al. 1983), though during brain development actin expression rises to 7-8%
of cell protein (Santerre and Rich 1976). The critical concentration of actin in vitro
is the G-actin concentration, in which monomers are in equilibrium with F-actin.
For skeletal muscle actin-ATP, this is about 0.1 uM, and in the muscle essentially
all actin is polymerized. The intracellular G-actin concentration of chick brain has
been estimated as 30-37 uM, but only 50-60% of actin is estimated to be F-actin
(Clark et al. 1983; Devineni et al. 1999), rather than >99%, as predicted by the actin
content. This lower-than-expected degree of polymerization is due to neuronal
G-actin binding proteins that sequester G-actin from being available for polymeri-
zation. G-actin sequestering proteins are just a few of the many ABPs that regulate
the organization and functions of neuronal actin.

2.2 Actin Binding Proteins

Actin does not function in neurons in a “naked” state, as portrayed in models or
cartoons. Rather, many intracellular proteins specifically bind F-actin or G-actin (see
Table 1 in Dent and Gertler 2003; Pak et al. 2008). These ABPs regulate all aspects
of actin organization and dynamics (Dos Remedios et al. 2003). In regulating actin
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functions, ABPs are the targets of extrinsic and intrinsic signaling pathways. ABPs
are categorized by function: (1) sequester, or bind G-actin subunits; (2) nucleate actin
polymerization; (3) cap F-actin barbed ends to inhibit polymerization; (4) cap pointed
ends to inhibit depolymerization; (5) bind barbed ends to inhibit capping; (6) bind
pointed ends to promote depolymerization; (7) bundle, crosslink or stabilize F-actin;
(8) sever actin filaments; (9) move cargo along actin filaments, or move actin fila-
ments; and (10) anchor F-actin to other cellular components.

Important examples of ABPs in each class described above include the following:
(1) B-thymosin, which holds actin in a nonpolymerizable form, and profilin, which
catalyzes exchange of actin-ADP to actin-ATP to promote polymerization; (2)
Arp2/3 complex, which binds F-actin, and nucleates a new filament oriented at 70°
to an existing actin filament, and formins, which promote polymerization of long
actin filaments in filopodia; (3) capZ, which caps actin barbed ends in the Z-band
of muscle cells; (4) tropomodulin, which binds pointed ends; (5) ena (Drosophila)
(mena; murine homolog), which prevents barbed end capping to promote polymeri-
zation; (6) actin depolymerizing factor (ADF)/cofilin, which binds pointed ends
and promotes depolymerization; (7) filamin, which crosslinks actin filaments into
networks, in which fascin crosslinks actin filaments into close bundles, and tropo-
myosin, which binds along actin filaments to block other ABPs to stabilize them,
and thereby regulates contraction/depolymerization, etc.; (8) ADF/cofilin, which
binds and severs F-actin, and gelsolin, which depends on Ca*" for actin filament
severing; (9) multiple myosin motors that bind actin and move cargo toward the
barbed or pointed ends; (10) spectrin, which mediates F-actin binding to the intra-
cellular side of the plasma membrane, vinculin, which binds F-actin to integrin-
mediated adhesion sites, and ERM proteins (ezrin, radixin, moesin), which bind
actin to several membrane proteins. Some ABPs are expressed ubiquitously, such
as B-thymosin, ADF/cofilin, and spectrin, while other ABPs are tissue-specific, such
as muscle proteins Xin or myopodin, or the neuron-specific, drebrin A, which is
only in the postsynaptic side of excitatory synapses.

3 Actin in Axons

3.1 The Sources of Axonal Actin

Actin is synthesized at high levels on polyribosomes in neuronal perikarya.
However, actin is also synthesized in axons, and in vitro studies with developing
neurons estimated that 1-5% of total neuronal actin is made in axons (Eng et al.
1999; Lee and Hollenbeck 2003). Though this is a small fraction of total neuronal
actin, the temporal and spatial regulation of axonal actin mRNA translation is
critical to functions of developing axons, mature terminals, and regenerating
axons (Lin and Holt 2007). Within axons B-actin mRNA, complexed with a regu-
latory protein, zipcode-binding proteinl, is localized in periaxoplasmic ribosomal
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plaques (PARPs), which are sites of protein synthesis in myelinated axons
(Koenig 2009). Actin mRNA is also concentrated in developing axonal growth
cones, where local 3-actin synthesis in response to axonal guidance cues may be
critical in wiring neural circuits (see Yoon et al. 2009). Local actin synthesis in
presynaptic terminals may contribute to synaptic rearrangements underlying neu-
ral plasticity, and axonal injury triggers local actin synthesis that promotes axonal
regeneration.

3.2 Axonal Transport of Actin and Actin mRNA

Both actin protein and actin mRNA are transported in axons. Actin mRNA is sorted
for axonal transport by the recognition of 3" untranslated regions (UTR), comprising
B-actin mRNA sequences (i.e., zipcode) that are bound by a zipcode-binding protein
(ZBP1), and assembled with other mRNA into ribonucleoprotein particles (RNPs).
These complexes are bound by kinesin family motor proteins and transported along
microtubules at fast rates up to >150 mm per day (Wang et al. 2007). Actin protein
monomers or oligomers, synthesized in the perikaryon, are transported in the axons
in macromolecular complexes associated with the slow component-b (Scb) transport
group, which includes =200 proteins that are cotransported along microtubules at
rates of 2-8 mm/day (Galbraith and Gallant 2000; Roy et al. 2008).

The difference is striking between the transport rates of -actin mRNA in RNP
and transport of actin monomer in Scb. In addition to the transport and translation
of actin mRNA in axons, mRNAs for several ABP are also translated in developing
and maturing axons (Lin and Holt 2007). There may be advantages for regulating
actin structures by locally translating mRNA for actin and ABP after rapid mRNA
delivery rather than by relying on slower transport of Scb proteins from the peri-
karyon. A greater immediacy and specificity of coordinating protein activities may
result, which may be important in regulation of specialized axonal domains (see
chapter by Yoon et al. 2009).

3.3 Actin Filament Organization in Axons:
Ultrastructure of Axonal F-Actin

It has been a challenge to clarify the organization of axonal actin filaments.
Hirokawa (1982) prepared frog spinal nerve axons for electron microscopy by
quick-freeze and deep-etch methods. He observed two axoplasmic structural
domains. A central region of microtubules, neurofilaments and membranous
organelles, interconnected by cross links and a peripheral subaxolemmal space of
about 100 nm wide that contained a dense network of thin filaments connected to
the plasmalemma on one side, and connected to the central cytoskeletal networks
on the other side (Fig. 1). Schnapp and Reese (1982) used similar methods with
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Fig. 1 This electron micrograph of a rapid-frozen, deep-etched myelinated frog axon shows the
subaxolemmal space, which is filled with a scaffold of actin filaments (brackets). Actin filaments
are obscured by other proteins aggregated onto the actin filaments. Microtubules (arrowhead) and
neurofilaments (arrows) are visible near the subaxolemmal space. Myelin is present at the lower
left. X130,000. Reprinted with permission from Hirokawa (1982)

turtle optic nerves, and observed a similar organization of central longitudinal bundles
of neurofilaments and microtubules with organelles embedded in a granular matrix,
and an 80-100 nm zone near the plasmalemma that was filled with a dense filament
network. Hirokawa (1982) identified these subaxolemmal thin filaments as actin
by labeling the axonal cortex with fluorescent phalloidin, which specifically
binds F-actin.

The three dimensional arrangements of these cortical actin filaments are unclear.
There is extensive overlapping of filaments interconnected by ABPs, such as filamin
(Feng and Walsh 2004), and filament branching, mediated by Arp2/3 complex;
moreover, actin filaments bind to the spectrin membrane skeleton and to other
peripheral membrane proteins as well. Individual actin filaments in this axolemmal
network are no longer than a few um, and do not form filament bundles, such as
those that exist in filopodia, microvilli or stress fibers of other cells.
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3.4 Actin Filament Organization in Axons: F-Actin
in the Central Axon Domain

The organization of actin filaments in the central domain, consisting of neurofila-
ments, microtubules, and organelles, is even less clear. Hirokawa (1982) observed
no phalloidin-labeling of the central axonal domain, and though the crosslinks
between the longitudinal cytoskeletal elements and organelles were abundant, few
actin filaments were clearly observed. Schnapp and Reese (1982) described cross
bridges between neurofilaments, and a granular matrix surrounding microtubules
and associated organelles, but did not describe actin-like filaments in the central
domain. In a later paper, Bearer and Reese (1999) examined extruded squid
axoplasm and described actin filament networks oriented along longitudinal micro-
tubule bundles. They suggested these actin filaments had roles in axonal transport.
One documented function for F-actin in the central axoplasmic domain comes from
the report of an axoplasmic filter that excludes the entry of BSA, or 70 kD dextran
into axons, and is sensitive to the F-actin depolymerizing drug latrunculin A (Song
et al. 2009). This filter begins at the initial segment of the axon, where a dense F-actin
scaffold anchors a subaxolemmal protein complex of clustered sodium channels.
Perhaps, this subaxolemmal F-actin scaffold is linked to the subcortical central
network of actin and other cytoskeletal elements to comprise the molecular filter.

3.5 Actin Filament Organization in Axons:
Actin Turnover in Axons

The striking electron micrographs (Fig. 1) convey an image of a complex cytoskeletal
superstructure. However, movies of organelles rapidly moving through axoplasm
reveal that this superstructure is flexible and dynamic. Cellular actin filaments
undergo disassembly and polymerization, as regulated by local ABPs. Okabe and
Hirokawa (1990) employed fluorescence recovery after photobleaching (FRAP) to
examine the turnover of rhodamine-actin injected into dorsal root ganglion (DRG)
neurons. They found that zones of bleached actin in DRG axons did not move, but
the bleached zones recovered fluorescence with a half time of 15-30 min. They
concluded that axonal actin filament networks were immobile, but turned over by
regular cycles of depolymerization and F-actin assembly.

4 Actin Functions in Maintaining Axonal Structure

4.1 Maintenance of Axonal Integrity

Axons are subject to tensions and must resist strains, such as during vigorous limb
movements. During neural development, growing neurons generate tensions on
their substrate contacts that promote axon elongation. The actin scaffold beneath
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the axolemma and the associated peripheral membrane proteins comprise a membrane
skeleton that resists strains, and protects axons from mechanical forces (Morris
2001). A primary component of the membrane skeleton is a network of o/} spectrin
dimers that associate into tetramers, and bind actin filaments to form a flexible two-
dimensional array that bind directly to membrane proteins of the axolemma, such
as adhesion molecules L1, NCAM and protein 4.1N, and by binding to ankyrin
adaptor proteins that bind other integral membrane proteins (Bennett and Baines
2001). Both spectrin and ankyrin are vital to axonal integrity. In mice that lack
ankyrinB, which is broadly distributed along axons, axons are fragile, and the optic
nerves degenerate (Susuki and Rasband 2008). Axons break in C. elegans mutants
that lack B-spectrin (Hammarlund et al. 2007). The membrane-associated distribution
of spectrin is sensitive to drugs that depolymerize F-actin, indicating an integral
role of F-actin in spatially stabilizing this membrane skeleton.

4.2 Localization of Ion Channels at Nodes of Ranvier
and Axon Initial Segment

The rapid propagation of action potentials along myelinated axons depends on the
clustering of voltage-gated sodium (Nav) channels at the axon initial segment and
at regularly spaced nodes of Ranvier. The primary components of these membrane
domains at the nodes and axon initial segment are complexes of Nav channels,
ankyrinG, L1-family adhesion molecules, IV spectrin, protein 4.1N and F-actin
(Susuki and Rasband 2008; Xu and Shrager 2005). Experimental results indicate
that each of these molecules is required to form and/or maintain nodes of Ranvier
and axon initial segments (see Thaxton and Bhat 2009).

4.3 Actin in PARPs

Associated with F-actin at the inner side of the axolemmal cortex are PARPs, which
are periodically distributed as plaque-like protrusions in the cortex of myelinated
axons (Sotelo-Silveira et al. 2004, 2006). As sites of protein synthesis of actin and
other proteins, PARPs may have critical roles in axonal maintenance and in
responses to both injury and physiological stimuli. Protein synthesis in PARPs is
significantly inhibited by cytochalasin B, which causes actin depolymerization,
indicating that cortical F-actin is critical to PARP localization and function (Sotelo-
Silveira et al. 2008). PARPs contain the microtubule motor KIF3A and the actin
motor myosin Va, which may mediate longitudinal and radial transport, respectively,
of RNA/RNPs within axons (Sotelo-Silveira et al. 2004, 2006). Protein synthesis in
PARPs is stimulated in vitro by cAMP, which suggests a role, that signaling path-
ways may play in upregulating local protein synthesis. Alternatively, or in addition,
they may also regulate the transport and localization of RNPs, and/or modulate
structural rearrangements within PARP domains (Sotelo-Silveira et al. 2008).
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4.4 Actin in the Presynaptic Terminal

The actin-containing membrane skeleton continues into axonal terminals, to
stabilize the presynaptic membrane and other components. In an additional role,
an F-actin scaffold forms a corral around the reserve pool of synaptic vesicles,
and is linked to vesicles via the ABP synapsin-1 (Dillon and Goda 2005). Whether
F-actin has roles in vesicle release is unclear. Experiments with actin-depolymerizing
drugs suggest that the F-actin corral is a barrier between the reserve vesicle pool
and the readily releasable pool, and that F-actin impedes vesicle release (Halpain
2003). F-actin is also implicated in vesicle endocytosis and recycling, but, again,
experimental results do not clearly reveal whether F-actin has more than a struc-
tural role (Dillon and Goda 2005). Actin is more concentrated in presynaptic
terminals than it is in axons, and it is reported that a lengthy stimulus train
increases the F-actin fraction at terminals from 25 to 50% F-actin (Halpain 2003).
Perhaps, during short-term synaptic activity, F-actin provides a stable structural
framework, but after prolonged activity, dynamic rearrangements of F-actin in
the terminal may be critical in synaptic plasticity. There is increasing recognition
that genetic aberrations in Rho GTPases, which are key ABP regulators (Luo
2002), and other ABP regulations are linked to defective learning and other mental
functions (Bernstein et al. 2009). Although many of these defects involve actin
function in dendrites, or other neuronal compartments, the dysregulation of presyn-
aptic actin contributes to these malfunctions.

5 Actin Functions in Axonal Transport

As the cytoskeletal filament that binds myosin motors, F-actin has roles in axonal
transport. In neurons several myosin isoforms have been identified, including
myosins I, II, V, VI, IX, and X (Bridgman 2004). All these myosins have been
implicated in neuronal migration and morphogenesis, and myosin II, especially,
will be discussed in the section and on the role of actin in axonal growth and guidance.
The strongest evidence for an actin role in axonal transport involves myosin Va
(Bridgman 2004) (see also Bridgman 2009).

Long range, axial transport of organelles is mediated by microtubule-based
motor proteins. When F-actin depolymerizing drugs (e.g., cytochalasins, latrunculin)
were applied to axons, organelle transport continued unabated and mitochondrial
transport even became faster (Morris and Hollenbeck 1995). This suggests that
organelles are longitudinally transported along microtubule tracks, and perhaps,
F-actin networks in the subaxolemmal cortex, and more centrally located; create
physical impediments that can slow transport along microtubules. Other studies
found that longitudinal rapid transport of mRNA-containing RNPs, and slow transport
of Scb components are mediated by microtubule motors, and disrupting F-actin
does not slow anterograde transport (Roy et al. 2008). However, when axonal
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microtubules were depolymerized in cultured neurons, robust anterograde and
retrograde movements of mitochondria continue (Hollenbeck and Saxton 2005;
Morris and Hollenbeck 1995). This is evidence that axonal actin filaments can be
tracks for mitochondria movements (Bearer and Reese 1999). Other in vitro studies
that used F-actin depolymerizing drugs found reduced rates of transport of fluores-
cently labeled microtubules and neurofilaments, supporting a hypothesis that these
intact cytoskeletal elements might be moved for short distances along stable actin
filaments (Hasaka et al. 2004; Jung et al. 2004). However, prolonged treatments
with cytochalasins, or latrunculin to depolymerize F-actin might disrupt the axo-
lemmal cortex and central axoplasmic meshworks, and indirectly interfere with
microtubule-based transport.

Actomyosin-generated forces are involved in short distance transport of
organelles (Bridgman 2004). The best candidate motor, myosin V, dimerizes to
form two-headed proteins that move processively at rapid rates toward actin filament
barbed ends. Complexes of myosin Va and kinesin motors are associated with many
axonal cargoes, including ER vesicles, organelles that contain synaptic vesicle
proteins, and RNPs (Langford 2002). By binding both microtubule and F-actin
motors, cargos can be transported long distances along microtubules, and when the
kinesin motors unbind from microtubules, myosin Va on the cargo can engage
F-actin and transport the cargo radially to the axolemmal cortex, or into regions
with few microtubules, such as the movement of synaptic vesicles into axon termi-
nals, or movements of exocytotic or endocytotic organelles at the front of axonal
growth cones (Evans and Bridgman 1995). BC1 RNA transport in Mauthner axon
is an example supporting cooperative longitudinal-to-radial transport between
microtubule and actin systems, respectively (Muslimov et al. 2002). Materials that
are endocytosed at axon terminals, such as target-derived growth factors, are first
moved retrogradely along F-actin until they engage microtubule motors for retro-
grade transport to the perikaryon (Reynolds et al. 1999). In mice with mutant
myosin Va cargos accumulate in axonal terminals and regions that are sparsely
populated with microtubules (Lalli et al. 2003), indicating the normal bidirectional
myosin-mediated transport along actin filaments in these regions.

6 Actin Functions in Axonal Initiation, Elongation
and Guidance

In mature axons, actin filaments maintain axonal integrity, localize components of
specialized domains, and help transport cargo locally. In axon terminals, stable
F-actin plays a scaffolding role, but in addition rapid reorganization of F-actin may
reshape axonal structure during neural plasticity. However, unlike in mature axons,
in which structural stability is a dominant actin role, the dynamic assembly and
reorganization of actin filaments have major roles in axonal development. Dynamic
actin structures contribute to the initiation, elongation, polarization and navigation
of developing axons, and also axon regeneration. As important as recognizing the
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significance of actin functions in axonal morphogenesis is the understanding that
this dynamic actin system is regulated through the action of ABPs.

6.1 Actin Function in Neurite Initiation

During neural development, neuronal precursors, or immature neurons migrate to
various destinations before they settle, and sprout axons and dendrites. When put
into tissue culture, immature hippocampal neurons attach to the substrate and are
initially spherical before sprouting several neurites, which are undifferentiated
processes. Eventually, one neurite accelerates its elongation and becomes the axon,
while the other neurites become dendrites. This scenario provides a general model
for neuronal morphogenesis (Craig and Banker 1994).

Upon settling on an in vitro substrate, immature neurons begin extending protru-
sions, as the plasma membrane is pushed out by the force of actin polymerization
onto F-actin barbed ends beneath the plasmalemma (Fig. 2). Several ABPs promote
actin polymerization at the leading edge of these protrusions. These include: (1) the
Arp2/3 complex, which nucleates actin, (2) profilin, which supplies ATP-actin, and
(3) ADF/cofilin, which releases G-actin from actin filament pointed ends and severs
F-actin to generate new barbed ends for polymerization (Dent and Gertler 2003; Pak
et al. 2008; Pollard and Borisy 2003). The activities of these ABPs are regulated by
kinases, or phosphatases, by Ca*" fluxes, and by membrane-derived PIP2 (phos-
phatidylinositol biphosphate). If Arp2/3 activity is high, a dendritic network of short,
branched F-actin pushes out a broad lamellipodium. If ABPs, such as formins, or
ena/VASP are present, long F-actin bundles push out filopodia. These protrusions are
retracted as F-actin is severed by ADF/cofilin, and/or gelsolin, and depolymerized.
Concurrently, myosin II filaments that are linked to adjacent structures pull actin
filaments back from the leading margin in a retrograde flow that is coupled to actin
depolymerization (Brown and Bridgman 2003). Myosin II filaments that bind to
F-actin throughout the cortical meshwork generate tangential tensions that maintain
the neuron as a sphere.

To sprout a neurite these protrusions must make adhesive contacts (Fig. 3). If
neurons are plated on natural substrate ligands, such as laminin, surface receptors
on lamellipodia and filopodia form adhesive interactions with substrate ligands that
organize protein complexes at the cytoplasmic surfaces of these adhesion sites. The
protein complexes serve to link newly polymerized F-actin to the adhesions.
Integrin-mediated adhesions include ABPs vinculin, talin, and a-actinin (Shattuck
and Letourneau 1989); adhesion complexes of Ig-family cell adhesion molecules
(CAMs) include ABPs spectrin and ERM (ezrin, moesin, radixin; Ramesh 2004);
and cadherin-mediated adhesions bind F-actin via the ABP a-catenin. These protein
complexes also include signaling components that regulate actin polymerization
and organization. These adhesions are critical to neurite initiation for two reasons.
First, by connecting newly polymerized F-actin to adhesion bonds, the protrusions
are stabilized against actomyosin tensions and retrograde actin flow. Secondly, by
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Fig. 2 Electron micrographs of the dense actin filament network at the leading edge of a hippoc-
ampal neuron axonal growth cone. Actin filament bundles (arrows) are enmeshed into the F-actin
network. The lower panel is a high magnification view from the lower left of growth cone in the
upper panel. Scale bars equal 0.5 um. Reprinted with permission from Dr. Lorene Lanier

including signaling components, these adhesion-related complexes organize further
actin polymerization.

This protrusion and adhesion of the neuronal perimeter is a prologue to neurite
initiation. In a freshly plated neuron, microtubules encircle the cell periphery, con-
tained by cortical tensions. As filopodial and lamellipodial protrusions expand the cell
margin, microtubule plus ends jut into these protrusions, but they are swept back with
retrograde F-actin flow. Where firm adhesions are made, retrograde actin flow slows,
and microtubules can advance by polymerization and transport, and be directed
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Fig. 3 Corresponding interference reflection micrograph (left panel) and fluorescence micrograph
(right panel) images, showing adhesive contacts (left), and F-actin organization (right) at the front
of a sensory neuron axonal growth cone. The growth cone is on the culture substrate after migrating
off the upper surface of a Schwann cell visible at lower right. The darkest areas in the left panel
are the closest adhesive contacts, gray areas are also areas of adhesion, while bright areas are farthest
from the substrate. Many F-actin bundles (arrows) at the growth cone leading edge at associated
with adhesive areas of the growth cone lower surface. From Letourneau (1981)

toward the adhesive sites (Fig. 4). Then, subsequent coupling of microtubule advance
with actin-based protrusion and adhesion become the bud of a new neurite.

In this process actin has a dual role that both inhibits and promotes neurite initia-
tion. Actomyosin tensions in the cell cortex, and in retrograde flow impede micro-
tubule advance. On the other hand, actin polymerization drives the protrusion to
expand the cell periphery, and F-actin links to adhesive sites to promote microtubule
advance via actin-microtubule interactions and tensions that orient microtubule ends
in the leading margin. The restrictive influence of F-actin in neurite initiation is
indicated by experiments in which neurons are plated on a highly adhesive substrate
in the media with the actin-depolymerizing drug cytochalasin B. The neurons still
sprout neurites (Marsh and Letourneau 1984). In cytochalasin B, extensive surface
adhesion promotes cell spreading despite the absence of protrusion; thus, without a
cortical actin network, microtubule ends approach the cell margin. Eventually, a core
array of microtubules advance and push a neurite outward. The idea that reduced
cortical tensions allows microtubule advance to initiate a neuritic bud is supported
by the result showing that under similar high adhesion, the myosin II inhibitor bleb-
bistatin also increases neurite initiation and elongation (Ketschek et al. 2007;
Kollins et al. 2009; Rosner et al. 2007).

However, not all actomyosin tensions inhibit neurite initiation. Two lines of
evidence show that neurite initiation is promoted by pulling the cell cortex outward.
Several labs used adhesive micropipettes, or microspheres to adhere and pull on
neuronal surfaces to induce neurite formation (Fass and Odde 2003; Heidemann
et al. 1995). With continued tension the neurites elongated further, and when they
were released from their tether and attached to a substrate, the neurites elongated
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Fig. 4 Electron micrographs of the alignment of microtubules along actin filament bundles in the
peripheral domains of whole mounted preparations of sensory neuron axonal growth cones.
Microtubules are marked by arrows. The left panel was prepared by simultaneous fixation and
extraction to better reveal F-actin network and microtubules. The right panel is an unextracted
growth cone and reveals membrane organelles that track along the microtubules. Left panel is
from Letourneau (1983). Right panel is from Letourneau (1979)

normally with a growth cone. When Dent et al. (2007) knocked out the three genes
for all forms of the anticapping ABP ena/VASP, neurons from these mice could not
initiate neurites on the ligand laminin. On laminin these neurons formed lamellipodial
protrusions, but filopodia were not formed in the absence of ena/VASP. Neurite
initiation by these mutant neurons was rescued by transfecting them to express any
one of three ena/VASP genes, or one of two ABPs normally in filopodial, forming,
or myosin X. These rescued neurons protruded filopodia, which became sites of
neurite sprouting. These results illustrate how locally applied tension to pull out the
cell cortex promotes organization of a microtubule core for a nascent neurite.

6.2 Actin Functions in Neurite Elongation

Neurite elongation is the distal movement of microtubules, organelles, and axoplasmic
components with actin assembly, along a neurite and at its distal tip. The cytocha-
lasin B experiments show that normal actin cytoskeletal activity is not required for
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neurite elongation; however, in the presence of cytochalasin B, the neurite elongation
rate is reduced by 60% or more (Letourneau et al. 1987). Actin has two functions in
neurite elongation that are localized at the enlarged tip of an elongating neurite,
called the growth cone.

Growth cones are highly motile, and are enriched in actin (Fig. 2; Letourneau
1983, 1996). Actin polymerization and reorganization in growth cones is a major
energy consumer, using up to 50% of neuronal ATP (Pak et al. 2008). Growth
cones contain many ABPs (Cypher and Letourneau 1991; Shattuck and Letourneau
1989; see Table 1 in Dent and Gertler, 2003). An interesting analysis compared the
ABPs expressed in developing neurons to a fibroblast cell line, and found that
neurons are enriched in anticapping and F-actin bundling ABPs, such as ena and
fascin, while expressing few filament capping proteins (Strasser et al. 2004). Such
an ABP profile is consistent with the abundant F-actin and dynamic motility of
growth cones. The growth cone motility is also promoted by GAP43, an ABP
that is highly concentrated in growth cone plasma membranes (Benowitz and
Routtenberg 1997). GAP43 is dramatically upregulated in regenerating axons
and has roles in synaptic plasticity.

Actin organization and dynamics are regionally differentiated in growth cones
(Dent and Gertler 2003; Pak et al. 2008). The axonal actin scaffold extends into the
growth cone body, where the spectrin membrane skeleton ends. Further out in the
peripheral domain, actin cytoskeleton and membrane structure are highly dynamic,
characterized by abundant actin polymerization, rapid retrograde actin flow, a high
rate of F-actin turnover (Okabe and Hirokawa 1991), and dynamic membrane exo-
cytosis and endocytosis of myosin-transported vesicles. Actin filament polymeriza-
tion pushes out the leading edge, from which F-actin bundles extend backward into
the transition zone, where actin filaments are rearranged by myosin II and other
ABPs, and are depolymerized. Behind this region, in the central domain, actin fila-
ments are sparser, retrograde flow is slow, and actin turnover is slower (Okabe and
Hirokawa 1991). In the base of the growth cone, F-actin shapes the cylindrical
profile of the axon under tension generated by myosin II contractility (Bray and
Chapman 1985; Dent and Gertler 2003; Loudon et al. 2006).

It is not clear how the dynamic motility of the peripheral domain is maintained.
Certainly, regulation of ABP activity is critical, and local differences in activities of
Rho GTPases in growth cones are particularly significant (Luo 2002). In addition,
the paucity of microtubules in this distal-most region is a factor, as proteins or
activities associated with microtubules have regulatory influences on actin dynamics
(Bray et al. 1978; Dent and Gertler 2003).

Growth cones promote neurite elongation in two ways (Dent and Gertler 2003;
Letourneau 1996; Suter and Forscher 2000). The leading margin extends, gains
anchorage and expands to create cytoplasmic space into which microtubules and
associated organelles advance (Figs. 3 and 4). The second activity is generation of
traction on these adhesions beneath the peripheral and transition regions (Letourneau
1979, 1996). These traction forces are powered by myosin II, which is broadly
distributed in growth cones, including in filopodia and lamellipodia (Brown and
Bridgman 2003).
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Growth cone traction promotes neurite elongation. Several laboratories have
measured the traction exerted by growth cones and filopodia on their substrate
attachments (Brown and Bridgman 2003; Fass and Odde 2003; Heidemann et al.
1995). When extrinsic tensile forces were applied to growth cones, the elongation
rate increased in direct relation to the tension, up to a limit, after which the neurite
detached or broke. Thus, two forces drive neurite elongation, the “push” of micro-
tubule advance, and the “pull” of growth cone traction on adhesive contacts
(Heidemann et al. 1995; Letourneau et al. 1987). Perhaps, the slow neurite elongation
in the cytochalasin B and blebbistatin experiments was powered only by the “push”
of microtubule advance. A biophysical model suggests that growth cone “pull”
promotes neurite elongation by generating tensions that align, separate and stretch
axoplasmic and axolemmal components in a manner that accelerates assembly and
intercalation of components (Miller and Sheetz 2006). This model is consistent
with continued axonal elongation after synaptogenesis, as an organism grows, and
has relevance to promoting axonal regeneration. In addition, Van Essen (1997)
incorporated the tensile forces in growing axons into a theory for brain morphogen-
esis, in which axonal tensions underlie the folding of the cerebral cortex, in essence
“shrink wrapping” the large cortical surface into a manageably sized skull cavity.

To summarize, growth cone migration and neurite elongation involve three
cytoskeletal activities; actin polymerization and protrusion of the leading edge, the
advance of microtubules and transport of kinesin-powered organelles from the
central domain into the peripheral domain, which has been called engorgement, and
actomyosin II-powered sculpting, or consolidation of the posterior growth cone
into a neuritic shaft (Dent and Gertler 2003; Letourneau 1996).

6.3 Actin Functions in Polarization of the Axon

As previously mentioned, an immature hippocampal neuron extends several
neurites, which elongate slowly until one neurite accelerates, expands its growth
cone, and becomes the axon. Neuronal polarization has been of long-term interest,
and recently a variety of kinases and signaling components are implicated in
neuronal polarization (Witte and Bradke 2008). Microtubules and actin filaments
are the targets of these regulatory signals, as axonal specification ultimately
involves determining which neurite acquires the most stable microtubules and
most efficient transport system. Although any neurite can become the axon, the
first neurite, which usually forms adjacent to the centrosome, is most likely to
become the axon.

Actin filaments have facilitative and restrictive roles in neuronal polarization.
The accelerated neurite growth that marks transition to an axon is accompanied by
increased growth cone motility and F-actin content. ABPs that stimulate actin
dynamics, such as GAP43 and ADF/cofilin, are enriched in the immature axon.
Any neurite of an immature neuron can be manipulated to become the axon by
pulling on the neurite (Lamoureux et al. 2002), or by presenting one neurite with a
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favorable substrate ligand, so it elongates faster than others (Esch et al. 1999). As
predicted in the biophysical model above, the enhanced growth cone “pull” exerted
by these manipulations promotes effective transport and cytoskeletal organization
to tip the balance toward axonal polarization in that neurite. On the other hand,
when immature neurons were treated with cytochalasin B, more than one neurite
became an axon (Witte and Bradke 2008). Perhaps, cytochalasin-induced break-
down of neuritic actin networks accelerates microtubule advance and organelle
transport in all neurites, eliminating any intrinsic advantage of ABPs, or transport
properties that might be contained in any one neurite.

6.4 Actin Functions in Growth Cone Navigation

Correct wiring of neural circuits requires that axons navigate through embryos to
their synaptic targets. The growth cone is the “navigator,” a sensorimotor structure
that detects and responds to features and molecules that define pathways of axonal
elongation. In order to detect navigational cues, growth cones extend filopodia and
lamellipodia that are much longer than needed for neurite elongation. The mean
filopodial length is 10 um, although long filopodia up to 100 um in length are regularly
observed in vitro, providing growth cones with a large search capacity in small
embryos (Gomez and Letourneau 1994; Hammarback and Letourneau 1985). In vivo
and in vitro experiments and genetic manipulations to limit growth cone protrusion
do not stop axon elongation, but rather cause axon navigational errors (Chien et al.
1983; Marsh and Letourneau 1984; Zheng et al. 1996).

Growth cone ABPs are the focus of guidance and cue signaling. Many region-
specific ABP functions have been revealed by chromophore-assisted laser inactiva-
tion of individual ABPs in growth cones (Buchstaller and Jay 2000). By regulating
ABPs to spatially regulate actin assembly and organization, guidance cues induce
growth cones to follow adhesive paths, avoid repulsive terrain, and turn toward
targets. Positive or attractive cues promote actin polymerization and protrusion in
growth cone regions closer to the guidance cue (Dent and Gertler 2003; Gallo and
Letourneau 2000; Gallo et al. 1997), while negative or repulsive cues limit actin
polymerization and protrusion in regions closer to the negative cue. Some ABPs are
regulated in opposite directions by positive and negative cues. For example, in
chick DRG and retinal growth cones, downstream signaling from attractive cues,
NGEF and netrin, respectively, activate ADF/cofilin to sever actin filaments, creating
new barbed ends for actin polymerization (Marsick and Letourneau, in preparation).
Conversely, Semaphorin3A, a repulsive cue, signals to deactivate ADF/cofilin,
reducing actin dynamics and suppressing protrusive activity (Aizawa et al. 2001).
ERM proteins are activated by phosphorylation and link actin filaments to the
plasma membrane. NGF-mediated signals increase ERM phosphorylation in the DRG
growth cone’s leading margin, promoting protrusion (Marsick and Letourneau, in
preparation). Conversely, Semaphorin3A signaling decreases ERM phosphorylation,
which contributes to loss of adhesive contact and protrusions (Gallo 2008).
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Fig. 5 A model of the mechanism of growth cone migration. Actin polymerization pushes the
leading margin forward. Forces generated by myosin II pull actin filaments backwards, where
filaments are disassembled. When growth cone receptors make adhesive contacts with a surface,
a “clutch” containing ABPs links the adhesive contact to actin filaments of the leading edge, and
the retrograde actin flow stops. This permits microtubule advance and promotes axonal elongation.
Intracellular signaling generated by attractive and repulsive axonal guidance cues interacts with

the molecular mechanisms of actin polymerization, myosin II force generation, adhesive contacts,
and microtubule advance to regulate growth cone navigation

Growth cone guidance, however, is more complex than simply regulating one or
two ABPs to promote or inhibit local actin assembly (Fig. 5). The activity of ABPs
are integrated with other factors, such as the available pool of G-actin (Devineni
et al. 1999), and posttranslational modifications of actin activity (Lin and Holt
2007). For example, experiments in vitro with Xenopus, spinal neurons growth
cones turn toward the side in which ADF/cofilin activity is lower (Wen et al. 2007),
while growth cones of chick DRG neurons turn toward the growth cone side in
which ADF/cofilin activity is higher (Marsick and Letourneau, in preparation). In
both cases F-actin levels are higher in the growth cone side towards the turn, but
in Xenopus neurons a low G-actin pool, or high level of F-actin capping may favor
F-actin accumulation where ADF/cofilin F-actin severing is less, while in chick
neurons, G-actin is abundant and capping activity is low, so high ADF/cofilin activity
creates many F-actin barbed ends to promote polymerization.

The roles of myosin II in growth cone turning provide another example that the
outcome of ABP activity depends on additional factors. On the growth cone side
toward an attractive cue, myosin II-generated tension on firm adhesive contacts
promotes alignment and advance of microtubules, while on the side away from an
attractive cue, actomyosin tensions on fewer adhesions retract the distal growth
cone margin, as the growth cone turns (Loudon et al. 2006). Finally, growth cones
contain mRNAs coding for -actin and several ABPs, plus translational machinery
(Lin and Holt 2007). Although actin is usually abundant in growth cones, condi-
tions may exist when G-actin availability is limited, and local actin synthesis may
add monomers to fuel local F-actin polymerization and a turning response. This
notion is supported by evidence that attractive cues like neurotrophins and netrin
stimulate -actin synthesis in growth cones (Lin and Holt 2007). On the other hand,
some repulsive responses may be mediated by proteolysis of actin and ABPs, leading
to local suppression of protrusive motility and turning away from a negative cue.
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After control of actin dynamics and protrusive activity by guidance cue signaling,
the local advance of microtubules and organelles completes the navigational
response. Microtubule ends probe into the peripheral domain, but most are swept
back in retrograde actin flow. However, some microtubules enter adherent areas,
and their advance is directed along actin filament bundles (Fig. 4; Letourneau 1979,
1983; Schaefer et al. 2008). These microtubules pioneer the advance of axonal
structures, and their advance into protrusive areas is required for turning (Bentley
and O’Connor 1994; Gallo and Letourneau 2000; Letourneau 1996; Suter and
Forscher 2000; Zhou and Cohan 2000).

Ample evidence suggests that microtubule make specific connections with
F-actin (Myers and Baas 2009). Microtubule plus ends bind proteins, called +TIPs,
including CLIP-170, APC, EB proteins, and the dynein—dynactin complex (see
Falnikar and Baas 2009). Interactions of these proteins and additional proteins,
CLASPs and IQGAP, may mediate linkage to F-actin for transmission of forces,
involving microtubule-associated proteins, or myosin motors. A classical MAP,
MAPIB, is located in growth cones, and has been shown capable of linking micro-
tubules and F-actin. Spectraplakins are large proteins with N-terminal F-actin
binding and C-terminal microtubule binding domains. The spectraplakin MACF1
is highly expressed in mammalian brain, and genetic deletion of the Drosophila
homolog shot results in defective axon initiation and navigation. A recent paper
shows that the neuronal ABP drebrin is located in F-actin bundles of growth cone
filopodia and mediates F-actin linkage to the +TIPs protein EB3 (Geraldo et al.
2008). Disruption of drebrin-EB3 interaction aborts neurite initiation, and impairs
growth cone function. These potential microtubule-F-actin interactions may have
multiple roles, such as mediating cytoskeletal interactions in central and cortical
axonal domains, or in growth cones; changing these interactions may mediate the
transition from axon shaft to growth cone body. However, linking microtubule plus
ends to F-actin bundles in the growth cone leading margin is particularly important
in growth cone navigation.

7 Actin Function in Axonal Branching

When axons reach their targets, they often form collateral branches to search for
multiple potential synaptic partners. Axonal branching may also occur during post-
natal refinement and strengthening of synaptic connections. Further, axonal branching
often occurs when axon terminals or axons are injured. Axonal branching begins
with actin polymerization and formation of F-actin bundles to protrude filopodia,
or lamellipodia from a quiescent axonal shaft. When a bead bearing a positive guid-
ance cue contacts a responsive axon, filopodia and lamellipodia appear, followed
by a growth cone and then a neurite (Fig. 6; Dent et al. 2004; Gallo and Letourneau
1998; Kalil et al. 2000). Receptor-mediated signaling, in response to binding to the
ligand-linked bead, activates ABPs to initiate actin polymerization. For example,
ena/VASP is activated by netrin to induce filopodia along axonal shafts (Lebrand
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Fig. 6 Neurotrophin-coated beads induce filopodial sprouting and microtubule rearrangements to
induce collateral branch along axonal shafts. Panels (a) and (¢), show phalloidin-stained filopodial
sprouts (arrowheads) at sites of NGF bead contact with a sensory neuron axon. Panels (a) and (c)
demonstrate the axonal swelling and formation of F-actin bundles at sites of bead—axon contact.
Panel (b) shows microtubule invasion of the filopodial sprouts shown in Panel (a) (stained with
anti-fB-tubulin; arrows). Panel (d) shows localized microtubule unbundling (stained with anti-p-
tubulin) that occurred at sites of axon contact with NGF beads (shown in (¢)). The translucent
beads are not visible in the confocal images. From Gallo and Letourneau (1998)

et al. 2004). Receptor signaling may activate dynamic F-actin polymerization and
protrusion from “hot spots” of F-actin along axonal shafts (Lau et al. 1999; Loudon
et al. 2006), or localized signaling may activate local translation of -actin mRNA
along an axon (Willis et al. 2007). A key event in the transition from protrusion to
branch formation is unbundling the axonal microtubules to unleash microtubule
ends to interact with the F-actin bundles and advance into a nascent branch (Fig. 6;
Gallo and Letourneau 1998; Kalil et al. 2000).
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8 Actin Function in Axonal Retraction

As neural circuits are constructed, more axons and branches are formed than are
eventually incorporated into circuits. Removal of these extra axons and branches
occurs by an active process involving the axonal actin cytoskeleton (Luo 2002; Luo
and O’Leary 2005). This “pruning” can involve short terminal branches, such as at
the ends of motor axons during synapse elimination at the neuromuscular junction,
or in the development of ocular dominance columns in the visual system. Pruning
also eliminates long branches, as during sculpting of area-specific connections of
layer 5 cortical neurons. Axonal pruning involves actomyosin contraction in the
axolemmal cortex. RhoA GTPase is activated by Semaphorin3A and ephrin-A,
which induce axon retraction, to increase myosin II contractility (Gallo 2006).
Initially, actomyosin tensions rearrange the cortical scaffold into F-actin bundles,
parallel to the axolemma, which allows myosin II contraction to more effectively
shorten the axon into sinuous curves with microtubules and neurofilaments forced
backwards (Gallo 2006). After this initial retraction, proteolytic and degenerative
processes break down axonal components. Axonal retraction also occurs after
injury, or severing of axons. The abrupt entry of Ca® ions into injured axons
activates calpain proteinase, which cleaves the membrane-bound spectrin in the
subaxolemmal cortex, and allows myosin II within the actin scaffolding to retract
the axonal stump (Spira et al. 2001).

9 Actin Function in Axonal Regeneration

When axons are crushed or severed, the loss of membrane integrity induces the axon
segment proximal to lesion site, but still connected to the perikaryon, to undergo
proteolysis and cytoplasmic degradation. As described above, actomyosin-mediated
retraction may also occur. In cases when axons recover from these events, protrusive
motility reappears at the proximal stump, and a growth cone migrates forward.
When axons of cultured developing neurons are severed, the appearance of a growth
cone and axonal elongation can occur within minutes (Bray et al. 1978), indicating
that developing axons contain sufficient actin and ABPs to sustain growth cone
motility, when appropriate signals occur. Other studies with cultured adult neurons
found that some adult axons could also form a growth cone, and initiate regeneration
soon after severing (Verma et al. 2005). This regenerative response depended on the
activity of proteases, and several kinases, TOR, and p38 MAPK, as well as on local
protein synthesis. Signaling to renew F-actin dynamics and perhaps, -actin mRNA
translation, occurs within a short timeframe that excludes the possibility that these
materials are transported from the cell body (Willis et al. 2007).

Although many adult axons contain sufficient components to initiate growth
cone motility (Wang et al. 2007), sustained regeneration requires that an injured
neuron return to an immature state, and express genes for tubulin subunits, actin
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and many ABPs (Raivich and Makwana 2007). This response may require retrograde
signals from growth factors that a regenerating axon acquires from surrounding glia
and tissue cells. However, other molecules and signals in the injured environment
inhibit axon regeneration, especially in the CNS (Gervasi et al. 2008). These
include re-expression of negative guidance cues like Semaphorin3A, and myelin
proteins. Cytoplasmic signals from these negative factors activate RhoA, the
upstream activator of myosin II, which lead to tensions and axon retraction. Cell-
permeable inhibitors of RhoA have been developed for clinical trials to increase
spinal cord regeneration (Kubo and Yamashita 2007).

10 Actin Dysfunction in Disease States of Axons

Abnormalities in F-actin dynamics and actin-containing structures contribute to
axonal dysfunction in an increasingly recognized number of situations (Bernstein
et al. 2009). Many of these defects arise from genetic or metabolic perturbations of
ABP function. Genetic defects in ABP regulation of growth cone actin may lead to
defective axonal connectivity that causes mental retardation and behavioral
disorders. Because of the importance of the membrane-associated actin scaffold to
axonal integrity and ion channel function, defective F-actin organization may perturb
action potential propagation, and disrupt the supply, or organization of neurotrans-
mitter vesicles in axon terminals and impair synaptic communication. Because of
the high ATP demand to maintain dynamic F-actin organization in axons, ischemic
events can disrupt actin organization with subsequent impaired physiological
functions.

Some axonal dysfunction arises from abnormal formation of actin-containing
inclusions that block axonal transport, or otherwise disorganize axonal components
(Bernstein et al. 2009). Actin-containing structures described as aggregates,
paracrystalline arrays, or rods are present in axons of individuals with several neuro-
logical diseases. Rods that contain actin complexed with cofilin are abundant in
neurons of individuals with Alzheimers Disease. Actin and cofilin are concentrated
in Hirano bodies, which are abundant in the neurons of individuals with amyo-
trophic lateral sclerosis and Parkinson’s disease. These rods form rapidly in cultured
hippocampal neurons that are subjected to oxygen deprivation, and other insults
that cause ATP deprivation, Ca** spikes, or other forms of cellular stress.

11 Conclusion

Axons are the circuit elements that communicate neural information. The cortical
actin filament network of mature axons provides axolemmal stability and a trans-
port substrate that are necessary to maintain the electrical and chemical membrane
properties that are vital for neural communication. In a developmental context,
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dynamic regulation of actin filament organization and actomyosin-mediated forces
are responsible for initiating, stimulating and guiding axons, as neural circuits are
formed. Dynamic actin filament organization mediates extrinsic regulation of axonal
form and extent during development. Successful axonal regeneration requires
re-expression of the dynamic actin organization of developing neurons. These actin
functions depend on a diversity of actin-binding regulatory proteins, and future
research to unravel the complex mechanisms by which ABPs determine actin
organization which will help develop strategies for axonal repair, and will further
our understanding of genetic and environmental causes of neuronal dysfunction
and disorders.
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Myosin Motor Proteins in the Cell Biology
of Axons and Other Neuronal Compartments

Paul C. Bridgman

Abstract Most neurons of both the central and peripheral nervous systems express
multiple members of the myosin superfamily that include nonmuscle myosin II, and
a number of classes of unconventional myosins. Several classes of unconventional
myosins found in neurons have been shown to play important roles in transport
processes. A general picture of the myosin-dependent transport processes in neurons
is beginning to emerge, although much more work still needs to be done to fully define
these roles and establish the importance of myosin for axonal transport. Myosins
appear to contribute to three types of transport processes in neurons; recycling of
receptors or other membrane components, dynamic tethering of vesicular com-
ponents, and transport or tethering of protein translational machinery including
mRNA. Defects in one or more of these functions have potential to contribute to
disease processes.

1 Introduction

Studies of axonal transport have a long history that derives from the importance of
transport to neural function. Interest in axonal transport peaked following the dis-
covery of the kinesin and dynein families of microtubule motor proteins (Schnapp
et al. 1986; Goldstein and Yang 2000; Hirokawa 1998). Microtubule-dependent
motor proteins are recognized as the key components responsible for fast axonal
transport and for some components of slow transport (Almenar-Queralt and Goldstein
2001). Soon after the discovery of microtubule associated motor proteins, there was
an explosion in the discovery of myosin motors (Berg et al. 2001). This family now
has over 18 classes and many of these (approximately eight) are expressed in neurons
or sensory cells either during development or following maturation of the nervous
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system (Brown and Bridgman 2004). Although several different classes of myosin
have been implicated in axonal transport, a definitive role has remained elusive
(Bridgman 2004).

More recently, high interest in axonal transport has been revived by the recognition
that transport plays an important role in neurodegenerative diseases (Chevalier-
Larsen and Holzbaur 2006; De Vos et al. 2008). This has led to a closer examination
of the components that regulated transport and the specific motor proteins that are
involved. In this review, we focus on recent studies of the most abundant myosin
motor protein classes found in neurons and their roles as transporters in axons and
other neuronal compartments.

2 Axonal Transport and Neurodegenerative Disease

Axonal transport is essential for the normal function of neurons. For most neurons,
the majority of the cytoplasm resides in the axon and its terminals. As the main
protein synthesizing machinery is located in the cell soma, most structural and
chemical components of the axon and the presynaptic terminals must be trans-
ported, often for long distances. The transport system has three main components:
motor proteins, tracks composed of protein polymers, and cargo. All motor proteins
also require ATP, and so a source of ATP at all points along the transport route is
also essential. Most long distance transport in the axon occurs along the microtu-
bule tracks using kinesin and dynein motor proteins to move materials in antero-
grade or retrograde directions, respectively. Classically, axonal transport has been
divided into fast and slow components (Brown 2003). Microtubule-based motors
contribute to both transport rate components. The only other identified transport
system in axons involves actin filaments as tracks for myosin motors (Kuznetsov
et al. 1992; Brown et al. 2004). Much less is known about myosin-based transport
compared to microtubule-dependent transport.

Defects in axonal transport may contribute to a wide variety of neurodegenera-
tive diseases. These include amyotrophic lateral sclerosis, distal hereditary motor
neuropathy, spinal muscular atrophy, hereditary spastic paraplegia, Huntington’s
disease, Parkinson’s disease, Charcot-Marie-Tooth disease, and Alzheimer’s disease
(De Vos et al. 2008). Although most of these appear to be primarily defective in
microtubule-based transport, it is important to note that disruptions of microtubule
tracks, cargo or mitochondrial damage, and misrouting will also affect myosin-based
transport. Defects in microtubule organization can affect actin filament organization.
Several types of cargo have been shown to interact with multiple motors (Bridgman
1999; Brown et al. 2004). Myosins may act as passive cargo during microtubule-
based vesicular transport, and so disruption of this transport may eliminate the supply
of myosin motors to distal sites. Defects in mitochondrial transport along microtu-
bules could have profound affects on myosin transport because of the dependence of
myosin motors on ATP. Similarly, defects in myosin motors may also have secondary
affects on microtubule-based transport.
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2.1 Myosin-Based Transport in Neurons

Some recent studies on axonal transport have excluded or provided conflicting data on
the involvement of myosin in several forms of transport, including slow axonal trans-
port. For instance, in one study it was shown that neurofilament transport in growing
axons, which has classically been defined as a form of slow transport, may require
actin and myosin (Jung et al. 2004). However, another study showed that neurofila-
ment transport requires microtubules, but not actin (Francis et al. 2005). A similar
requirement for microtubules, but not actin, was shown for axonal transport slow
component-b (Roy et al. 2008). Despite such findings, a close look at various studies
reveals that myosin motor proteins are likely to have both a distinct role in short-range
transport and play a more subtle role in facilitating long-range axonal transport.

As already mentioned and described in detail in other chapters of this volume,
most axonal transport occurs along microtubules, using kinesin or dynein motors.
The advantages of a microtubule-based transport system over the one using actin
filaments and myosins are clear. Microtubule tracks are relatively rigid, long, stable,
nonbranched, and usually are not tightly bundled. In mature axons, microtubules
are often segregated to mainly occupy the interior core of the axon (Schnapp and
Reese 1982). Furthermore, in axons, the orientation of microtubules is uniform,
with more than 95% of the plus or fast growing ends directed towards the distal end
of the axon (Heidemann et al. 1981). Although microtubules do not extent the
entire length of an axon, the ends of adjacent microtubules overlap, providing a
continuous set of accessible transport tracks (Bray and Bunge 1981). Therefore,
microtubules are the optimal transport tracks for rapid, long distance movement of
cargo in either direction along the axon.

In contrast to microtubules, neuronal actin filaments are shorter, less stable, more
flexible, and can be tightly bundled or highly branched. Their orientation in axons is
likely to be mixed, although this has not been directly shown. In axons, actin filaments
are concentrated in the region just under the membrane (Schnapp and Reese 1982),
although a population of short filaments appears to interdigitate between microtubules
more centrally located (Bearer and Reese 1999). Thus, in general, actin filaments are
less than ideal tracks for efficient rapid, long-range transport of cargo along the axon.
However, because actin filaments are highly dynamic, they can use their ability to
rapidly polymerize to extend their tracks as the myosin motor moves with its cargo,
effectively increasing the transport run length (Semenova et al. 2008).

These differences in the track systems as well as the properties of the motor proteins
described in brief below have given rise to the proposal that microtubules provide
the highway system for long-range transport in axons, while actin filaments provide the
local street system for short-range transport within specific regions (cell body, or
presynaptic terminals) or to transport cargo to the plasma membrane (Langford 2002).
However, there is the additional possibility that myosins may contribute to the efficiency
of microtubule-based long-range transport of cargo by acting as short-range transport
intermediates or dynamic tethers, as microtubule motor protein carrying cargo transitions
between different microtubules, or encounters obstacles.
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Differences in the properties of the motor proteins associated with the two different
transport track systems also reflect an advantage for the microtubule-based motors.
The directional differences are clearly segregated between the two distinct micro-
tubule motor families. The family of kinesins provides motors for most anterograde
transport, while dynein provides retrograde transport. While kinesins represent a
diverse family of proteins, the two-headed axonal kinesins that act as transport
motors for the majority of cargo are highly processive (i.e., remain attached while
moving along the microtubule for relatively long times), which is important for
long run lengths along tracks (Goldstein and Yang 2000). They are also relatively
fast. Dynein is also a processive motor, consistent with its role as a long-range
transport motor.

Myosins generally move toward the barbed or fast growing end of the actin fila-
ment, although there is one important exception. Myosin VI moves toward the
pointed or slow growing end of actin filaments in vitro (Sweeney and Houdusse
2007). This indicates that, similar to microtubule-based motor transport, actin-
based motor transport is bidirectional. Furthermore, some two-headed myosins
such as myosin V have some transport properties in common with the two-headed
kinesins. Myosin V is a processive motor that walks “hand-over-hand” along actin
filaments similar to kinesin-1’s movement along microtubules (Mehta et al. 1999;
Yildiz et al. 2003, 2004). It makes relatively large steps compared to kinesin-1, but
moves more slowly because of a slower step frequency. Myosin V is also a highly
flexible motor that easily switches tracks at actin filament branch points (Ali et al.
2007). This potentially allows myosin V to easily navigate through the more complex
network of actin tracks found in specific compartments of the neuron. Myosin Va
also has another unique property: the ability to associate through an electrostatic
mechanism and move by diffusion along microtubules. This may facilitate switching
between the two different systems of tracks. Thus, the classes of myosin that have been
characterized as most important for transport have properties that facilitate efficient
movements through complex actin-rich environments.

Table | summarizes the roles that have been identified for the different classes
of myosin in neurons. The general characteristics and functions are then further
described for each class in the following section.

Table 1 Axonal transport function and myosin class

Vesicular, organelle Protein com-  Protein polymer RNA/ribosome Receptor Endocytosis,
transport plex transport  transport transport transport  exocytosis

Mpyosin class/isoform

Ib X

Ic

Ie X

ITA X
1IB
Va
Vb
VI

X X X X

X
X
X

X X X X
X
X X X X
X
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3 Myosin Transport Motors in neurons

3.1 Class I Myosins

This class of single headed myosins is relatively large, and functionally diverse
containing eight members (Berg et al. 2001). At least four types of myosin I (Ib, Ic,
Id, Ie) have been detected in nervous tissue (Wagner et al. 1992; Ruppert et al. 1993;
Sherr et al. 1993; Bahler et al. 1994; Stoffler et al. 1995). There is no evidence that
any of these isoforms directly participate in long-range axonal transport. Myosin Ib
has wide expression during development (Ruppert et al. 1993; Sherr et al. 1993),
and has been shown to associate with tubulovesicular structures in developing rat
peripheral nerve axons (Lewis and Bridgman 1996). Although myosin Id also has
wide expression in the nervous system, it appears to be excluded from the axonal
compartment (Bahler et al. 1994). Its role in transport processes remains unknown.
Myosin e associates with the two proteins, synaptojanin-1 and dynamin that play
roles in presynaptic endocytosis (Krendel et al. 2007). Myosin Ic is also found in
the axonal compartment, and may play a role in regulating growth cone filopodial
extension (Diefenbach et al. 2002; Brown and Bridgman 2003). In other cell types,
myosin Ic has been shown to play a role in restraining actin polymerization during
endocytosis (Sokac et al. 2006). Thus, the main role of this class of myosins seems
to be in endocytosis.

Defects in endocytosis could have profound affects on neuronal viability because
of the requirement for the uptake of neurotrophins and other factors that influence or
regulate cell survival. Currently, there is no information on the relationship between
the defects in class I myosin motors, endocytosis, and neurodegenerative diseases.

3.2 Class II Myosins

Nonmuscle class I myosins have been designated “conventional” myosins because
of their early discovery and close relationship to muscle myosin II. The heavy
chains form dimers, and each dimer associates with two light chains (Shohet et al.
1989; Moussavi et al. 1993). The regulatory light chain plays an important role in
regulating activity and the formation of bipolar filaments. Although the bipolar fila-
ments resemble those found in muscle, they are much smaller and are often referred
to as mini-bipolar filaments. Mini-bipolar filaments form in developing neurons
(Bridgman 2002). Three isoforms (IIA, IIB, IIC) are present in many vertebrate
cells (Kawamoto and Adelstein 1991; Golomb et al. 2004). While peripheral neurons
appear to contain all three isoforms (Rochlin et al. 1995; Turney and Bridgman 2005;
Brown et al. 2009), myosin IIC is absent from developing hippocampal neurons
(Kollins et al. 2009).

Class Il myosins play important roles in a variety of neuronal functions, including
neural migration (Ma et al. 2004), axonal growth (Bridgman et al. 2001; Wylie and
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Chantler 2001, 2003; Medeiros et al. 2006; Burnette et al. 2008; Schaefer et al.
2008), guidance (Turney and Bridgman 2005; Gallo 2006; Kubo et al. 2008; Brown
etal. 2009), and possibly several aspects of synaptic function (Takagishi et al. 2005;
Ryu et al. 2006; Tokuoka and Goda 2006; Srinivasan et al. 2008). The most inter-
esting report of a synaptic-like function occurs in catecholamine and neuropeptide
release in adrenal chromaffin cells (Doreian et al. 2008). Myosin II contributes to
the control of exocytosis: stabilizing kiss-and-run fusion events.

A direct role for myosin II in axonal transport is controversial. Myosin II has
been shown to associate with organelles in axons (DeGiorgis et al. 2002) and has been
implicated in the transport of neurofilaments in neuroblastoma cells (Jung et al. 2004).
However, more recently, a role for myosin II and actin filaments in neurofilament
transport has been disputed. In rat sympathetic neurons, actin filaments were not
required for transport, but microtubules were required (Francis et al. 2005).
Developing hippocampal and sympathetic neurons from myosin IIB knockout mice
have normal distributions of neurofilaments (Bridgman, unpublished observation).
Similarly, slow component-b among the axonal transport rate groups, which contains
a variety of proteins including synaptic proteins, does not appear to depend upon
actin filaments (Roy et al. 2008). A possible role for myosin IIB in neurodegenera-
tive disease has been suggested by an influence on the trafficking or processing of
amyloid precursor protein (Massone et al. 2007).

3.3 Class V Myosins

Three isoforms of class V myosins have been identified in vertebrates, but only
myosin Va appears to be widely expressed in the nervous system (Trybus 2008).
It is also the only isoform that is clearly essential for normal neuronal function, and
has an identified role in human disease (Mercer et al. 1991; Menasche et al. 2003).
Myosin Vb has more limited expression in the nervous system, but appears to play
important roles in synaptic receptor recycling (Hales et al. 2002; Lise et al. 2006;
Wang et al. 2008). Myosin Vc is primarily associated with epithelial cells (Rodriguez
and Cheney 2002), and appears to act as a nonprocessive transport motor (Watanabe
et al. 2008).

Class V myosins form heavy chain dimers, but not bipolar filaments (Cheney et al.
1993). The tail region has a globular specialization that has been shown to interact
with a variety of proteins including microtubules (Cao et al. 2004), and is consid-
ered to be the major cargo binding domain (Trybus 2008). The cargo domain can
regulate activity (Thirumurugan et al. 2006), suggesting that binding of cargo can
alter transport properties. However, because of alternative splicing of the myosin
Va forms, the neuronal form lacks the portion of the domain found to be important
for cargo binding in melanocytes (Wu et al. 2002b). Therefore, it remains to be
determined whether the properties that have been characterized in the nonneuronal
myosin Va apply to the neuronal form. Only the neuronal form binds an additional
light chain that also interacts with dynein (Wagner et al. 2006). The neck region contains
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multiple binding sites for calmodulin that acts as light chains to regulate motility
(Cheney et al. 1993). Movements of myosin Va along actin filaments have been
shown to involve a hand-over-hand mechanism, and the vertebrate form is proces-
sive (Sellers and Veigel 2006; Yildiz et al. 2003). Mechanistically, there is an obvious
similarity to kinesin-1.

Recent work has focused on the role of myosin V in dendrites and dendritic
spines. Myosin Va has been shown to transport mRNA/protein complexes into hip-
pocampal dendritic spines (Yoshimura et al. 2006), suggesting a role in regulating
some aspects of postsynaptic function. It has also been shown that myosin Va interacts
indirectly with PSD-95 through the light chain that it shares with dynein (Naisbitt
et al. 2000). However, electrophysiological tests on myosin Va null mice did not reveal
any functional defects in synaptic transmission of hippocampal neurons (Schnell
and Nicoll 2001), and studies on glutamate receptor targeting to spines also were
negative (Petralia et al. 2001). Despite these negative findings, more recently, it has
been shown that myosin Va may play a role in the transport of AMPA receptors into
spines from dendritic shafts in response to high levels of activity that usually lead
to long-term potentiation (Correia et al. 2008).

The vertebrate form of myosin Vb is also a processive motor, although with dif-
ferent biochemical properties compared to myosin Va (Watanabe et al. 2006). Its
interactions with Rab 11, and involvement in receptor recycling originally suggested
that it may operate differently than myosin Va in neurons (Hales et al. 2002; Lise et
al. 20006). It has also been shown to be involved in vesicle recycling in nonneuronal
cells (Lapierre et al. 2001), but recently its precise role in this pathway has been
questioned. It may act as a dynamic tether for endocytotic vesicles in nonneuronal
cells (Provance et al. 2008). In hippocampal neurons, myosin Vb has been shown
to contribute to AMPA receptor delivery to spines and recycling during synaptic
plasticity (Lise et al. 2006; Wang et al. 2008).

The apparent similarities in the function of myosin Va and Vb for transporting
AMPA receptors into dendrite spines of hippocampal neurons are hard to reconcile
(Correia et al. 2008; Wang et al. 2008). Both studies conclude that myosin V trans-
port of AMPA receptors is associated with increased activity and LTP, but they
differ on the specific isoform responsible. At the center of the debate is the ability
of these different isoforms to interact with cargo. While the nonneuronal form of
myosin Va interacts with cargo via Rab 27 and melanophilin (Wu et al. 2002b), the
neuronal form lacks the binding domain for this interaction. The study by Correia
et al. (2008) is the first to show that the neuronal form of myosin Va, like myosin
Vb, may interact with vesicular structures through Rab 11. If Rab 11 acts as the
vesicle linker for both isoforms, then this would suggest that each isoform could
easily substitute for one another. However, the data from these papers is not consistent
with this possibility. Therefore, it remains to be determined which form of myosin
V is essential for AMPA receptor transport into spines.

The studies described above indicate that class V myosin represents the main
class for which there is substantial support for a vesicular transport role. This role
is for short-range transport that is usually associated with recycling pathways
(Langford 2002; Roder et al. 2008). In addition to a role in receptor recycling
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pathways, myosin Va also transports endoplasmic reticulum (ER) in axons
and into actin rich regions such as spines (Takagishi et al. 1996; Langford 1999).
The absence of spine ER has functional consequences on synaptic transmission
and long term depression for Purkinje cells (Miyata et al. 2000) that likely con-
tributes to the behavioral abnormalities observed in myosin Va null mice (Mercer
et al. 1991).

In addition to the roles described earlier, myosin V contributes to tethering
organelles to enhance processivity (Ali et al. 2008), and to halting, or delaying vesicle
movements (Desnos et al. 2007; Bittins et al. 2009). Another interesting property is
the ability of myosin Va to navigate through actin networks composed of randomly
oriented or branched actin filaments (Ali et al. 2007). This suggests that myosin Va is
capable of navigating through complex actin meshworks in vivo. It remains to be
seen if myosin Vb also has this capability. This property could be important for under-
standing the function of myosin V, because the orientation of actin filaments in mesh-
works may determine whether net movement, tethering, or cross-linking occurs.
Most surprising is the ability of myosin Va to diffuse, through electrostatic interac-
tions, along microtubules for relatively long distances. It remains to be determined
whether this property is physiologically relevant to transport in vivo.

In axons, myosin Va has been shown to associate with vesicles containing syn-
aptic vesicle precursors and move as cargo along microtubules (Bridgman 1999).
This suggests that myosin Va plays mainly a passive role during long-range, micro-
tubule-based transport, although potential interactions with kinesin during transport
(Huang et al. 1999), and recent observations on tethering interactions between
kinesin and myosin Va (Ali et al. 2008) provide motivation for further investigation
of a more active role. Dilute lethal (i.e., myosin Va null) mice show abnormally
large presynaptic terminals in the cerebellum, suggesting that short-range transport
of synaptic vesicle precursors may be defective (Bridgman 1999). Consistent with
this possibility is that myosin Va associates with synaptic vesicle proteins (Prekeris
and Terrian 1997) and may regulate some aspects of presynaptic vesicle exocytosis
(Watanabe et al. 2005). Alternatively, myosin Va may restrain or help dock secre-
tory granules at release sites (Desnos et al. 2007). Myosin Va also contributes to the
regulation of neurofilament density in axons (Rao et al. 2002).

Perhaps related to the interactions between myosin Va and kinesin in vesicle
transport is the observation that both myosin Va and kinesin are concentrated in
ribosomal domains of myelinated axons (Sotelo-Silveira et al. 2004). Microtubule-
based transport of mRNA is well documented (Hirokawa 2006). The peripheral
location of the ribosomal domains (i.e., periaxoplasmic ribosomal plaques (PARPs))
may indicate an interactive role for these motor proteins, kinesin-based transport to
the site of the plaques, and then myosin Va dependent tethering in actin rich peripheral
regions of the axon (also, see Koenig 2009). Data that support this possibility, but
is also relevant in the context of cooperative transport between the microtubule and
actin-based systems, comes from the work of Muslimov et al. (2002). Injection of
heterologous radiolabeled BC1 RNA, a small, noncoding (regulatory) RNA, into
Mauthner cells is targeted by its 5’ region to the axon (and dendrites) by microtu-
bule dependent axial transport, but distribution to the cortical zone (and putative
PARP domains) depends on F-actin.
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3.4 Class VI Myosin

Although first discovered in Drosophila (Kellerman and Miller 1992), an important
functional role for myosin VI was originally identified in hair cells (Avraham et al.
1995). Mutations in myosin VI cause deafness in mice and humans (Avraham et al. 1995;
Melchionda et al. 2001; Ahmed et al. 2003).

Myosin VI is probably the most unusual class of myosin. It is the only type that
has been shown to move towards the pointed end of actin filaments (Wells et al.
1999). In addition, the native form exists as monomer, but can be forced to undergo
dimerization (Sweeney and Houdusse 2007). As a dimer, it acts as a processive
motor. There is some evidence that, in cells, myosin VI can undergo cargo-mediated
dimerization (Spudich et al. 2007). Thus, it may act as pointed end directed cargo
carrying motor in cells. The main role for myosin VI in other cell types appears to
be endocytosis (Buss et al. 2001). It has also been implicated in exocytosis, cell
migration, and growth cone motility (Suter et al. 2000; Sweeney and Houdusse
2007). In some cases it may also contribute to actin filament cross-linking.

In neurons, myosin VI has been shown to play an important role in glutamate
receptor endocytosis in presynaptic terminals (Osterweil et al. 2005), and in BDNF-
mediated enhancement of neurotransmitterrelease (Yanoetal. 2006). Postsynaptically,
it also interacts with SAP97, which plays a role in anchoring AMPA receptors (Wu
et al. 2002a). Thus, similar to myosin 'V, this class of myosin appears to function in
short-range transport processes.

3.5 Class X Myosin

A single vertebrate form of myosin X is expressed in the nervous system (Sousa et al.
2006). It forms dimers through a short coiled-coil region, and contains multiple
protein binding domains in its tail (Berg and Cheney 2002). It has been shown to
be involved in a highly specific form of transport: the movement of receptors
(integrins, or DCC — the receptor for netrin-1) towards the tip of filopodia or lead-
ing edge of lamellipodia (Berg and Cheney 2002; Zhu et al. 2007). This suggests
that it has an important role in axonal guidance during development. Consistent
with this role, it preferentially associates with regions of dynamic actin that is bun-
dled by fascin (Nagy et al. 2008). However, it is also expressed postnatally in the
central nervous system with especially high levels in Purkinje cells of the cerebel-
lum (Sousa et al. 2006). This suggests that it may have other transport roles in
mature neurons that have yet to be discovered.

4 Summary

The original proposal that axonal transport functions can be segregated into micro-
tubule-based, long-range transport and actin-based, short-range transport continues
to be supported by multiple recent studies. However, a new concept has been added
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to the transport model by several studies on the tethering function of myosins.
The ability of myosin dependent tethering to increase the processivity of microtubule-
based motors in vitro needs careful consideration in future studies of axonal transport
in vivo. If myosins contribute to the efficiency of microtubule-based transport, then
it is possible that defects in myosin function may also contribute to transport defects that
underlie some neurodegenerative diseases. The recent focus on myosin dependent
receptor recycling pathways indicates a bright future for further studies of myosin
function in neuronal cell biology.
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Mitochondrial Transport Dynamics
in Axons and Dendrites

Konrad E. Zinsmaier, Milos Babic, and Gary J. Russo

Abstract Mitochondrial dynamics and transport have emerged as key factors in the
regulation of neuronal differentiation and survival. Mitochondria are dynamically
transported in and out of axons and dendrites to maintain neuronal and synaptic
function. Transport proceeds through a controlled series of plus- and minus-end
directed movements along microtubule tracks (MTs) that are often interrupted by
short stops. This bidirectional motility of mitochondria is facilitated by plus
end-directed kinesin and minus end-directed dynein motors, and may be coordinated
and controlled by a number of mechanisms that integrate intracellular signals to
ensure efficient transport and targeting of mitochondria. In this chapter, we discuss
our understanding of mechanisms that facilitate mitochondrial transport and delivery
to specific target sites in dendrites and axons.

1 Introduction

Mitochondria are functionally diverse organelles that produce about 15 times more
ATP than glycolysis, critically affect intracellular Ca** homeostasis, and are central
to the synthesis of steroids, terpenes (hemes), various lipids, the generation of free
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radical species (ROS), and apoptosis (reviewed in Scheffler 2008). Moreover,
mitochondria are not static but astonishingly dynamic organelles whose morphology,
distribution, and activity are adaptable to physiological stresses and changes in
metabolic demands of the cell. Mitochondrial shape ranges from cell-wide, inter-
connected tubular networks to individual tubules of various lengths. In neurons, the
mitochondrial population consists mostly of short and long tubules that are distributed
even into the farthest processes of axons and dendrites to maintain ATP levels and
Ca?* homeostasis. Consistently, mitochondria are enriched in regions of intense
energy consumption like active growth cones, nodes of Ranvier and synaptic terminals
(Fig. 1) (reviewed in Chan 2006; Chang and Reynolds 2006; Kann and Kovacs 2007;
Mattson 2007).

More so than any other cell type, neurons critically depend on efficient long-distance
transport of mitochondria for two major reasons: First, neurons exhibit extraordinarily
high energy demands that almost exclusively (95%) depend on oxidative ATP
production by mitochondria. Second, neurons are highly polarized cells with a complex
morphology. Neuronal processes can extend over hundreds of centimeters, and
exhibit unique cellular specializations with extraordinary energy demands. The great
distance between the neuronal cell body and major sites of synaptic signaling in dendrites
and axons creates a unique problem for neurons, and makes them particularly sensitive
to impairments in the machinery distributing mitochondria (reviewed in Chang and
Reynolds 2006; Kann and Kovacs 2007; Salinas et al. 2008).

A simple scaling operation illuminates the magnitude of the problem (Goldstein
2003). In humans, a cell body, 30-50 um in diameter, of motor, or sensory neurons
must typically support an axon that runs from the spinal cord to the toe, bridging
about 1 m. Scaled to human proportions, this is equivalent to a circular room,
9-15 m in diameter, from which mitochondria are transported through a narrow
tunnel to a distant outpost that is 320 km away. Assuming an average transport
velocity of approximately 0.5um s™', as reported from mature axons of cultured
hippocampal neurons (Ligon and Steward 2000a), a mitochondrion will reach
its synaptic target in approximately 23 days. Even at known peak velocities of
~2 um s~ it still takes ~6 days, although it is not clear whether such peak velocities
can be sustained over long distances.

Rapidly accumulating evidence suggests that long-distance transport systems
are an “Achilles heel” of neurons that can be easily disturbed by genetic or environ-
mental insults (Goldstein 2001). Indeed, impairing mitochondrial transport causes
a similar pathology as impairing mitochondrial function. Both lead to metabolic
deficiencies, oxidative damage, excitotoxicity, and/or apoptosis that can lead to
various forms of muscular dystrophy, neuropathy, paraplegia, and neurodegeneration.
For example, mitochondrial transport in neurons is directly, or indirectly compro-
mised in diseases such as Hereditary Spastic Paraplegia, Charcot-Marie-Tooth Type
2A Neuropathy, Chorea-Acanthocytosis, Niemann-Pick Type C1 disorder,
Amyotrophic Lateral Sclerosis 2, Retinitis Pigmentosa, Alzheimer’s, Huntington’s,
and other protein aggregation diseases (reviewed in Chang and Reynolds 2006;
Finsterer 2006; Lin and Beal 2006; Mattson et al. 2008; Reeve et al. 2008; Salinas
et al. 2008).
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Fig. 1 Mitochondria in axons and dendrites. (a). Mitochondria in neuromuscular junction of a
tonic soleus muscle in 7-month old mouse. (b). Mitochondria-associated adherens complex
(MAC) of the Calyx of Held synapse. MAC elements: mitochondrion (m), mitochondrial plaque
(mp, solid arrows), filaments (f), punctum adherens (pa, open arrows), and vesicular chain (vc,
dotted arrows). (¢). Mitochondria in phasic (P) and tonic (T) axon terminals of crayfish neuromus-
cular junction. Structures labeled: vesicles (v); mitochondrion (m); granular sarcoplasm (s); glial
cell processes (g); dense-core vesicles (d). Scale bar, 1 um. (d). Mitochondria in larval Drosophila
neuromuscular junction of type 1b (large bouton) and 1s (small bouton) axon terminals (unpub-
lished, H.L. Atwood, L. Marin, K.E. Zinsmaier). (e). Mitochondrial cluster close to ER-associated
ribosomes in myelinated axons from sensory spinal nerves (arrow). (f). CA3 varicosities and
axons in stratum radiatum of area CAl. A mitochondrion occupied the right, but not the left,
bouton when it was examined three-dimensionally. Scale bars: panels a, b, 100 nm; panel ¢, 1 um.
Panel a was adapted with permission from (Fahim and Robbins 1982), panel b from (Rowland
et al. 2000), panel ¢ from (King et al. 1996), panel e from (Pannese and Ledda 1991), and panel f
from (Shepherd and Harris 1998)

The combination of changing neuronal energy demands, complexity and length
of neuronal processes, and activity-dependent plasticity of mitochondrial distribu-
tion coupled with the need of mitochondria to eventually return to the cell body
requires a transport system that is tightly interweaved with two functionally different
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signaling pathways: one that communicates the “energetic state of the neuron” and
one that communicates the “state of the mitochondrion” to the transport machinery.
However, besides the advances in understanding the intricate signaling pathways
that control mitochondrial transport to specific neuronal target sites discussed here,
we know very little about mechanisms that return mitochondria from axons and
dendrites to cell bodies after residing there for an unspecified period.

2 How Mitochondria Move in Axons and Dendrites

A steady stream of cargo moves from their major sites of biogenesis in the cell body
to the distant reaches of axons and dendrites. A similar transport system runs in the
opposite direction, moving cargo from synapses back to the cell body. The long-
distance transport of mitochondria in axons and dendrites relies entirely on the
tracks of microtubules (MTs) and their associated motors while actin-based trans-
port is typically employed for short-distance movements (Morris and Hollenbeck
1995). Actin- and MT-based transport mechanisms of mitochondria differ in many
aspects, such as the use of specific motors and their average net velocities. Actin-
based transport velocities are typically slower, ranging from ~0.02 to 0.04 um s
(Krendel et al. 1998), while MT-based transport velocities range from ~0.1 to
0.7 um s™' (Hollenbeck 1996; Ligon and Steward 2000a; Pilling et al. 2006; Misgeld
et al. 2007; Louie et al. 2008).

2.1 Mitochondria “Cycle” Through Axons and Dendrites

Mitochondria are prominent members of axonally and dendritically transported
cargo, but differ significantly from most cargos in the respect that they are not only
transported into neuronal processes, but out as well. This “cycling” of mitochondria
through neuronal processes is biased by the growth and activity of the neuronal
process. In actively growing axons of cultured neurons, more than half of all motile
mitochondria move anterogradely. This anterograde bias is apparently dependent
on axonal growth, since it is reduced in nongrowing axons and is much less pro-
nounced in mature neurons (Morris and Hollenbeck 1993; Ruthel and Hollenbeck
2003; Pilling et al. 2006; Misgeld et al. 2007; Louie et al. 2008).

The true biological significance for the cycling of mitochondria between neuronal
processes and the cell body remains undetermined, but may be explained by the need
of “aging” mitochondria to return to the cell body to get “refurbished,” or degraded.
Mitochondrial fusion and fission are required to maintain mitochondrial health.
Repetitive rounds of selective fusion and fission govern mitochondrial turnover by
segregating severely dysfunctional and depolarized mitochondria, and targeting
them for degradation by autophagy (reviewed in Detmer and Chan 2007; Twig et al.
2008). JC-1 dye measurements of mitochondrial membrane potentials in axons of
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ganglion cells suggest that anterogradely transported mitochondria exhibit a higher
membrane potential than retrogradely moving mitochondria (Miller and Sheetz
2004). However, ratiometric measurements using TMRM dye show no difference in
the membrane potential among stationary, anterogradely and retrogradely moving
mitochondria (Verburg and Hollenbeck 2008). Therefore, signals triggering transport
of mitochondria back to the cell body remain enigmatic.

2.2 Directional Imprinting of Bidirectional
Mitochondrial Transport

MT-based mitochondrial transport consists of a series of movements (Fig. 2a) that are
frequently interrupted by brief stationary phases (stops), and by changes in the direc-
tion of movement, which results in a “saltatory”” appearance (Morris and Hollenbeck
1993). The bidirectional motility of mitochondria is facilitated by the activities of two
opposing MT-based motors: MT plus end-directed kinesin, and MT minus end-directed
dynein motors. To simply relocate mitochondria, unidirectional, but not bidirectional
transport superficially appears as the better economic choice in terms of both speed
and energy demand. Yet, bidirectional transport is common and may provide distinct
biological advantages, like the ability to circumvent obstacles, to correct errors, and to
set up polarized distributions (reviewed in Hollenbeck 1996; Welte 2004).

Despite the superficially chaotic appearance of the saltatory and bidirectional
movements of mitochondria, mitochondrial transport proceeds effectively in one direction,
reaching peak net velocities of up to 3.4um s for net anterograde transport, and
2.8 um s~ for net retrograde transport (Ligon and Steward 2000a; Pilling et al. 2006;
Misgeld et al. 2007; Louie et al. 2008). The directional control underlying this effective
transport is achieved by a poorly understood molecular mechanism that biases the
time mitochondria employ one of the two opposing motor activities (Morris and
Hollenbeck 1993; Pilling et al. 2006; Louie et al. 2008). Insights into this control
mechanism are mainly derived from high-resolution analyses of mitochondrial
transport in axons, where the uniform polarity of MTs (plus ends oriented outward)
allows an unambiguous distinction of individual plus end- and minus end-directed
movements (Baas et al. 1988) (also, see chapter by Falnikar and Baas 2009).

Motile mitochondria in axons fall into two distinct classes: mitochondria that are
transported in a net anterograde direction toward synaptic terminals (AM), and
mitochondria that are transported in a net retrograde direction (RM) toward the cell
body. The two classes of mitochondria exhibit plus end-directed kinesin, and minus
end-directed dynein movements, but to very different degrees. This differential use
of motors by AM and RM mitochondria is best illustrated by the “duty cycle” of
motile mitochondria (Fig. 2b, c), which describes the percentage of time that mito-
chondria allocate to stops, and plus- or minus-end directed movements (Morris and
Hollenbeck 1993).

Net anterogradely transported (AM) mitochondria spend the majority of their
time engaged in plus end-directed movements, but less than 10% of their time
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Fig. 2 Directional programming of mitochondrial transport in Drosophila motor axons. (a). Net
anterogradely moving (AM; upward) and net retrogradely moving (RM; downward) mitochondria
exhibit a mix of plus end-directed (blue) and minus end-directed movements (red), termed runs,
that are separated by pauses (green) and reversals in direction. Plots of mitochondrial tracks were
obtained from time-lapse images of GFP-labeled mitochondria (rate 1.006 s™', duration 200 s). For
comparison, the start of individual tracks is set to zero. (b)., (¢). Duty cycles of AM (b) and RM
(¢) mitochondria, in which the average percentage of time mitochondria spend in plus end-
directed movements [(+)end Runs], minus end-directed movements [(-)end Runs] and short sta-
tionary phases (Stops)

engaged in minus end-directed movements (Fig. 2b, c). In contrast, net retrogradely
transported mitochondria (RM) do the opposite, and spend the majority of their
time undergoing minus end-directed movements, but less than 10% of their time
undergoing minus end-directed movements. Both, AM and RM mitochondria
spend a similar amount of time in brief stationary phases that are typically not
longer than 1-4 s. As a consequence, plus end-directed movements of AM
mitochondria are several fold longer in duration and distance than minus end-
directed movements. In contrast, RM mitochondria exhibit the opposite: their
minus end-directed movements are several-fold longer than plus end-directed
movements. Accordingly, a program that defines how long a mitochondrion
recruits a particular motor activity effectively determines the transport direction
(Morris and Hollenbeck 1993; Hollenbeck 1996; Ligon and Steward, 2000a, b;
Pilling et al. 2006; Louie et al. 2008). However, the nature of this directional
programming is poorly understood. Firstly, it is not clear how the opposing forces
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by kinesin and dynein motors are controlled to favor movements in a given direction.
Secondly, the signals and underlying molecular machinery governing the respec-
tive programs for net anterograde, or retrograde mitochondrial transport remain
largely unknown.

3 Motors of Mitochondrial Transport

Transport of organelles requires three different types of proteins (Fig. 3): (1)
cytoskeletal proteins forming a “track” like F-actin, microtubules, or neurofila-
ments (NFs), (2) molecular motors and (3) a host of linker, scaffolding and regula-
tory proteins that link and anchor motors in the mitochondrial membrane, and
regulate the motors in response to cellular demands.

The complex movements of mitochondria in axons and dendrites are mediated
by both MT and actin filaments. Since many regions contain one, or the other filament
(e.g., spines, or growth cones), mitochondria must be able to switch smoothly
between MT- and actin-based transport (Langford 2002). Both, actin filaments and
MTs also facilitate long-term stationary phases of mitochondria (Chada and
Hollenbeck 2004; Kang et al. 2008). Accordingly, we need to understand not only
which motor proteins move mitochondria, but also how mitochondria are linked to
motor proteins; how motor proteins are regulated to move either antero- or retro-
grade; how mitochondria are targeted and anchored to specific sites; and how the
activities of all of these proteins are regulated to adjust mitochondrial distributions
to cellular demand.

Motor proteins are grouped into three major families: MT-based kinesin and
dynein motors, and actin-based myosin motors (Fig. 3). Most members of the
kinesin family constitute plus end-directed MT-based motor proteins, while
members of the cytoplasmic dynein family constitute minus end-directed
motor proteins. Minus end-directed kinesins are typically slow, and except for
a few examples, little is known about their role in neurons (reviewed in
Hirokawa and Takemura 2005; Levy and Holzbaur 2006; Hirokawa and Noda
2008). Like MTs, actin filaments also mediate bidirectional transport (reviewed
in Vale 2003).

3.1 Kinesin Motors

The kinesin superfamily (KIF) is a large gene family of MT-dependent motors with
at least 45 members in mice and humans. Kinesins are ATPases that undergo a
mechano-chemical cycle to move along a MT. Translocation is achieved by hydrolyz-
ing ATP, and converting the released energy into mechanical work. Typically, kines-
ins contain a globular motor domain containing MT- and ATP-binding sequences, and
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Fig. 3 Interactions of mitochondria with molecular motors and the cytoskeleton. Syntaphilin
immobilizes and cross-links mitochondria with MTs. Myosin motors couple to mitochondria by
an unknown mechanism, mediating short-distance transport. Far left and right depict a speculative
motor control complex that couples both kinesin and dynein motors to mitochondria, and mediates
bidirectional transport by either controlling motor activity and number, or the engagement of each
motor with MTs. Kinesin motors can be coupled to mitochondria by interactions with Miro,
a Miro—Milton/GRIF1/0OIP106 complex, Syntabulin, or Kinectin

a cargo-binding domain that is apparently unique for each KIF. The diversity of these
cargo-binding domains may explain how kinesins can specifically transport numerous
different cargos. In vitro, KIFs exhibit MT-dependent movement velocities that range
from 0.2 to 1.5um s, consistent with speeds of fast axonal transport in vivo
(reviewed in Hirokawa and Takemura 2005; Hirokawa and Noda 2008).

Two prevailing models describe how kinesin motors may facilitate movement.
One model is deemed the “inch-worm” mechanism, in which the MT-binding
domain slides along the MT after hydrolysis of ATP (Mather and Fox 2006). In this
model, the MT-binding domain is always the leading domain in any movement,
with the other globular domain catching up after the initial movement. The alternate
model is the “hand-over-hand” description, in which kinesin performs a power
stroke that actively moves the motor down the MT (Yildiz et al. 2004), and predicts
alternating binding of each globular domain; thereby, generating movement in a
sequential stepping fashion.

Two kinesins have been implicated in mitochondrial transport; namely, KIF1Bo
and KIF5. Monomeric KIF1Ba is enriched in neurons, where it physically associates
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with mitochondria and supports their movement along MTs in vitro at rates that are
comparable to in vivo conditions (Nangaku et al. 1994). Mutations in human
KIF1Ba have been associated with Charcot-Marie-Tooth disease type 2A (Zhao
et al. 2001). The fact that mitochondria are transported by both KIF5 and KIF1Ba
might not be surprising since mitochondrial transport must reach targets in dendrites,
and axons that differ in their MT organization, and because mitochondria resemble
a large cargo that could have many potential motor protein binding sites.

KIF5 consists of three closely related subtypes: KIFSA, KIF5B, and KIF5C.
KIF5B is expressed ubiquitously; KIF5A and KIF5C are neuron specific. KIF5
proteins contain an N-terminal globular motor domain as well as a neck, stalk and
tail domain, and form homo- or heterodimers among themselves through a coiled-
coil region in their stalk domains (Fig. 3). About half of KIF5 dimers form tetram-
ers by recruiting two light chain molecules (KLCs) via their stalk and tail domains
(reviewed in Hirokawa and Takemura 2005; Hirokawa and Noda 2008).

KIF5 proteins associate with mitochondria, but also with numerous other cargos
(reviewed in Hirokawa and Noda 2008). In mice, deletion of KIF5B is embryonic
lethal and causes abnormal perinuclear clusters of mitochondria (Tanaka et al.
1998). Since this phenotype can be rescued by exogenous expression of KIF5A,
KIF5B, or KIF5C, any type of KIF5 can apparently transport mitochondria (Kanai
et al. 2000). Knockout (KO) of KIF5A in mice does not impair viability and axonal
organelle transport, but causes abnormal accumulations of NFs, and a reduction in
brain size and the number of motor neurons (Kanai et al. 2000; Xia et al. 2003).
Mutations in human KIF5A have been associated with Hereditary Spastic
Paraplegia (Fichera et al. 2004).

In contrast to mammals, the Drosophila genome contains only one KIF5 gene
(termed KHC). Lack of Drosophila KIF5 causes embryonic lethality. Partial loss of
KIF5 activity severely impairs antero- and retrograde axonal transport of many
types of cargos, including mitochondria (Saxton et al. 1991; Hurd and Saxton 1996;
Martin et al. 1999). A similar defect is also caused by the lack of the only
Drosophila kinesin light chain (KLC) gene (Gindhart et al. 1998). Upon partial loss
of KIF5 activity, the rate of antero- and retrograde mitochondrial transport is
severely reduced in Drosophila motor axons (Pilling et al. 2000).

3.2 Dynein Motors

Cytoplasmic dynein shares some basic structural similarities with kinesin, but is
generally much more complex in organization. Like kinesin motors, dynein consists
of two conserved heavy chains that produce motion via ATP hydrolysis. Unlike
kinesin, dynein is capable of hydrolyzing ATP in each of its globular domains,
which are both responsible for creating a walking-like movement along MTs
(reviewed in Levy and Holzbaur 2006).

Cytoplasmic dynein is a multimeric super protein complex of ~2 MDa (Fig. 3),
composed of 2-3 dynein heavy chains (Dhc), multiple intermediate, light intermediate,
and light chains. Dhc consists of an N-terminal domain that forms the base of the
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molecule, to which most of the accessory subunits bind, and a motor domain.
Typically, two heavy chains form two motor domains on relatively flexible stalks
that dimerize at their ends. The motor domain consists of multiple AAA ATPase
units that form a ring-shaped structure from which a stalk-like MT-binding domain
projects out. ATP binding to the first AAA repeat motif induces dissociation from
MTs. ATP hydrolysis then induces a conformational change that enables dynein to
produce a power stroke by rebinding the MT (reviewed in Hook and Vallee 2006;
Levy and Holzbaur 2006).

Cytoplasmic dynein activity typically requires a second multisubunit protein
complex, dynactin. Dynactin binds dynein directly, and allows the motor to move
along MTs over long distances in vitro. The dynactin complex (1 MDa) resembles
a ~10x40 nm base with a sidearm containing two globular heads. The actin-related
protein 1 (Arpl) forms a short octomeric filament at the base of the complex, which
is capped at one side by actin capping protein (CapZ), while the opposite site is
capped by ARPI11 and the dynactin subunits p62, p25, and p27. A dimer of
p150Glued forms the sidearm, which is connected to the Arpl base by a tetramer
of the p50 dynactin subunit dynamitin. p150Glued interacts directly with both
cytoplasmic dynein and MTs, but only the dynein—-MT interaction is nucleotide-
sensitive. Both, dynein and dynactin are required for mitosis, vesicular trafficking,
retrograde signaling, mRNA localization, and protein recycling and degradation.
Accordingly, knockouts of cytoplasmic dynein and dynactin are lethal during an
early stage in embryogenesis in both flies and mice (reviewed in Schroer 2004;
Levy and Holzbaur 2006).

Two dynein (intermediate chain and heavy chain 1) and three dynactin subunits
(Arpl, p62, and p150Glued) can not only interact with mitochondria, but also many
other cargos (Habermann et al. 2001). Antibody injections or genetic manipulations
of dynein change the distribution of mitochondria and other organelles (Brady et al.
1990; Bowman et al. 1999; Martin et al. 1999; LaMonte et al. 2002; Koushika et al.
2004). Targeted disruption of the dynein—dynactin complex in motor neurons of
mice causes a progressive degeneration of motor neurons (LaMonte et al. 2002;
Lai et al. 2007).

To date, live imaging of mitochondrial transport in dynein mutant motor axons of
Drosophila provides the best evidence that dynein is required for minus end-directed
movements of mitochondria. Loss of Drosophila Dhc64 reduces the rate of retro-
grade mitochondrial transport, and impairs the length and duration of minus end-
directed mitochondrial movements. This, combined with the lack of evidence for an
alternative fast minus-end motor, suggests that cytoplasmic dynein is likely the pri-
mary motor for retrograde mitochondrial transport in axons (Pilling et al. 2006).

3.3 Myosin Motors

Long-distance transport of mitochondria in axons critically requires MT-based
motors. However, mitochondria also employ actin filaments for short-distance
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movements (Morris and Hollenbeck 1995; Ligon and Steward 2000b). There are a
number of actin-based myosin motors in neurons that could mediate mitochondrial
movements. For example, myosin V motors are widely used for organelle transport
(reviewed in Vale 2003), but direct evidence associating axonal mitochondria with
myosin motors is lacking (also, see chapter by Bridgman 2009).

Initially, it has been thought that the yeast myosin V ortholog, Myo2p, may
facilitate mitochondrial transport. However, myosin motors do not serve as force
generators for mitochondrial movements in yeast. Apparently, anterograde mito-
chondrial movements are driven by actin polymerization, and retrograde move-
ments by the retrograde translocation of actin filaments (reviewed in Fagarasanu
and Rachubinski 2007).

Interestingly, actin polymerization, and not myosin motor activity may also
drive mitochondrial movements in axons and dendrites. WAVE1, a member of the
Wiskott—Aldrich syndrome protein (WASP)-family 1, is associated with the outer
mitochondrial membrane and activates the Arp2/3 complex, a key regulator of actin
polymerization (Danial et al. 2003; Kim et al. 2006). Since WAVEI] is required for
activity-dependent mitochondrial trafficking into dendritic spines and filopodia
(Sung et al. 2008), it is possible that Arp2/3-dependent actin polymerization medi-
ates mitochondrial translocation into dendritic protrusions. However, whether this
is indeed the case has not yet been directly tested.

4 Coupling Mitochondria to Motors

4.1 KIF1Ba and KIF1 Binding Protein

KIF1 binding protein (KBP) may control the coupling of KIF1Ba to mitochondria.
Overexpression of a dominant-negative mutation in KBP or RNA antisense expres-
sion decreases the activity of KIF1Ba, and leads to an aggregation of mitochondria
(Wozniak et al. 2005). Loss of KBP activity in zebrafish reduces mitochondrial
targeting to axons, and impairs axonal outgrowth and maintenance (Lyons et al.
2008). Mutations in human KBP have been associated with Goldberg—Shprintzen
syndrome (Brooks et al. 2005). However, KIF1Ba may be directly coupled to other
cargos since its seven residues in its C-terminal region selectively interact with PDZ
domains from a number of scaffolding proteins, including PSD-95, PSD-97, and
SSCAM (Mok et al. 2002).

4.2 KIF5 Versus Kinesin Light Chain

KIFS5 has been implicated in the transport of numerous cargos, and thus may require
diverse coupling mechanisms. KLC contains six tetratricopeptide repeat (TPR)
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motifs that can mediate a number of protein—protein interactions. Since KLC
associates with the C-terminal tail of KIF5, there is some controversy whether
KIF5 cargos couple directly, or indirectly through KLC to KIF5 (reviewed in
Hirokawa and Noda 2008). Consistent with a critical role of KLC, tumor necrosis
factor (TNF) induced hyperphosphorylation of KLC inhibits KIF5 activity and
causes perinuclear clusters of mitochondria (De Vos et al. 1998, 2000). In addition,
genetic manipulations of Drosophila KLC cause accumulations of organelles in
axons (Gindhart et al. 1998). However, there is also evidence from Drosophila,
suggesting that KLC may not be required for linking KIF5 to mitochondria (Glater
et al. 20006).

4.3 Syntabulin

Syntabulin interacts with the C-terminal tail of KIF5, and may couple KIF5 to
several different cargos, including mitochondria and syntaxin-containing vesicles
(Su et al. 2004; Cai et al. 2005). Syntabulin is associated with the outer mitochon-
drial membrane through its C-terminal, which contains a predicted hydrophobic
anchor with three conserved positively charged residues (Wattenberg and Lithgow
2001; Cai et al. 2005). Knockdown of syntabulin, and competitive blocking of the
syntabulin-KIF5 interaction reduces mitochondrial density in neuronal processes,
and impairs anterograde transport of mitochondria. Thus, syntabulin may couple
mitochondria to KIF5 by associating with phospholipids, an unknown receptor in
the outer mitochondrial membrane (Fig. 3). Alternatively, syntabulin could be a
part of a scaffold that is required for the assembly of the mitochondrial transport
machinery. However, it is unclear whether syntabulin has a universal role for
KIF5-mediated transport of mitochondria since there is no obvious homolog in
invertebrates.

4.4 The Miro-Milton Adaptor Complex

The Drosophila protein Milton, and its mammalian homologues y-aminobutyric
acid A receptor-interacting factor-1 (GRIF1; also called TRAK2) and O-linked
N-acetylglucosamine—interacting protein 106 (OIP106; also called TRAK1), have
been suggested to form a critical adaptor complex coupling mitochondria to KIF5
(Fransson et al. 2006; Glater et al. 2006; MacAskill et al. 2009a; Wang and Schwarz
2009). Deletion of Milton in Drosophila is lethal during larval development, and
neurons lack mitochondria in axons and dendrites (Stowers et al. 2002; Gorska-
Andrzejak et al. 2003; Glater et al. 20006).

The atypical mitochondrial GTPase Miro (Mirol and 2) exhibits two GTPase
domains, two Ca?" binding domains, and a C-terminal membrane domain that



Mitochondrial Transport Dynamics in Axons and Dendrites 119

tail-anchors the protein in the outer mitochondrial membrane (Fransson et al. 2003;
Frederick et al. 2004; Guo et al. 2005). Overexpression and dominant mutations of
Miro alter mitochondrial distributions, and morphology in cultured nonneuronal
cells (Fransson et al. 2003, 2006). The yeast homolog of Miro, Gem1p, is required
for maintaining a normal tubular mitochondrial network and mitochondrial inherit-
ance (Frederick et al. 2004). Null mutations in Drosophila Miro (dMiro) disrupt
axonal and dendritic transport of mitochondria, restricting mitochondria to the
neuronal cell body (Guo et al. 2005).

Milton/GRIF1/0OIP106 proteins contain coiled-coil domains, and a N-terminal
Huntington Associated Protein 1 (HAP-1) domain (Brickley et al. 2005). Milton/
GRIF1/0IP106 colocalizes with mitochondria and other cargos, and directly inter-
acts with KIF5 (Fransson et al. 2006; Glater et al. 2006). In addition to KIFS5,
Milton/GRIF1/0OIP106 also binds directly to the GTPase Miro (Fig. 3), forming a
complex that, in principal, couples mitochondria to kinesin motors (Giot et al.
2003; Fransson et al. 2006; Glater et al. 2006). However, Miro is not the only mito-
chondrial membrane anchor for Milton, since Milton can also bind to an unknown
mitochondrial protein through a Miro-independent domain that is located at its
C-terminal (Glater et al. 2006).

The biochemical interactions among KIF5, Milton/GRIF1/0OIP106, and Miro
support the notion that this complex couples mitochondria to kinesin motors.
However, further studies indicate that the role of this complex is much more com-
plex than originally assumed. For example, Miro can also directly bind KIF5 in a
Ca?*-dependent manner (MacAskill et al. 2009b; Wang and Schwarz 2009).
In addition, Miro, and possibly Milton/GRIF1/OIP106 are critical for executing
directional programming of mitochondrial transport (Russo et al. 2009).

4.5 Kinectin

The concept of membrane anchors linking molecular motors to specific cargos was
first suggested by the discovery that kinesin interacts with kinectin (Toyoshima
et al. 1992; Ong et al. 2000). Kinectin antibodies block motor binding to micro-
somes, and reduce kinesin- and dynein-mediated organelle motility, suggesting that
it may regulate, or coordinate motors rather than provide a mere membrane anchor
for kinesin (Kumar et al. 1995; Sheetz and Dai 1996).

Kinectins comprise a large and complex protein family that includes 16 isoforms
that is not present in Caenorhabditis, or Drosophila genomes. A 120 kDa kinectin
isoform is specifically associated with mitochondria, and overexpression of its
kinesin-interaction domain alters mitochondrial distributions in HelLa cells, while
RNAi-induced knockdown of kinectin causes a collapse of the ER and mitochon-
drial network (Santama et al. 2004). However, kinectin KO mice show no defects
in organelle motility (Plitz and Pfeffer 2001). This apparent contradiction may be
explained by redundant systems, but further studies are required to resolve this
controversial issue.
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S Regulation of Mitochondrial Motor Activities

Mitochondria exhibit bidirectional motility, and frequently reverse course
(Fig. 2a). This raises the question: how does a mitochondrion control the oppos-
ing movements to reach its axonal destination, or return to the cell body?
Apparently, the bidirectional motility of mitochondria is controlled by a program
that defines how long a mitochondrion employs a particular motor activity
(Morris and Hollenbeck 1993; Ligon and Steward, 2000a, b; Pilling et al. 2006;
Louie et al. 2008). This control results in a strong bias of mitochondria toward
movements in the primary transport direction (Fig. 2b, c) that ensures effective
net transport in one direction. Accordingly, there must be two mechanisms con-
trolling kinesin and dynein motors: one, achieving effective anterograde, and the
other, achieving retrograde transport. However, the mechanisms of directional
programming are poorly understood. Firstly, it is not clear how the opposing
forces by kinesin and dynein motors are controlled to favor movements in a given
direction. Secondly, the signals and underlying molecular machinery activating
the respective programs remain poorly understood.

5.1 Motor Coordination Versus Tug-of-War

In principal, three different mechanisms could achieve effective net transport. In the
simplest case, only one of the two opposing kinesin and dynein motors is bound to
mitochondria at all times. However, this scenario has been principally ruled out.
Therefore, gaining net distance must require tuning of the opposing motor activities,
which can be achieved by either a “tug-of-war,” or a ““motor coordination” mechanism
(reviewed in Gross 2003; Welte 2004; Gross et al. 2007).

The tug-or-war scenario assumes that both types of motors are simultaneously
active, and engaged with MTs. As each type of motor tries to pull the cargo in its
given direction, a tug-of-war ensues, in which the stronger or more abundant
motor type will determine the direction of movement at any particular moment.
Mechanistically, this scenario could be achieved by controlling either the force
production of a given motor, or the average number of active motor molecules.
However, the evidence for a tug-of-war mechanism is mostly theoretical (Muller
et al. 2008). In contrast, a motor coordination mechanism ensures that both motors
do not interfere with each other’s function. In this case, each motor is turned “on”
or “off” independently, such that plus end-directed kinesin motors are active when
minus end-directed dynein motors are not, and vice versa (Gross 2003; Welte
2004). Both scenarios require the presence of higher-order regulatory mechanisms
to either up-regulate one motor activity over the other, or coordinate the activities,
but also to integrate signals from the cell to activate, terminate, or change the direction
of net transport in response to cellular demands.

To ensure effective transport, motor coordination also requires a mechanism that
controls the processivity of motors (Welte et al. 1998; Suomalainen et al. 1999;
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Gross et al. 2000, 2002b; Smith et al. 2001; Rodionov et al. 2003). For example,
the distance of minus end-directed movements during retrograde mitochondrial
transport is several-fold longer than that of minus-end runs during anterograde
transport, and vice versa (Fig. 2a). Consequently, movements opposite to the direction
of net transport may reflect a basal or repressed state of motor processivity, which
is selectively up-regulated by signals that switch motor activities, and convey the
direction of net transport. It is unclear whether the mechanisms controlling motor
coordination and processivity act hierarchically, or in parallel, but it is likely that
their actions are coordinated.

Experimental evidence supporting motor coordination comes from several
transport systems, including melanophore, and lipid-droplet transport (reviewed
in Gross 2003; Welte 2004). Cellular changes alter the direction of lipid-droplet
transport in one direction through a change in the length of plus end-directed
movements; whereas, in the melanophore system the length of minus end-directed
movements is changed. Importantly, in both cases, movements in the opposite
direction are unaltered (Welte et al. 1998; Gross et al. 2002a). In addition, stall
forces during lipid transport are similar during plus- and minus-end directed
movements, and independent of the net direction of transport (Welte et al. 1998).
Genetic manipulation of dynein primarily reduces motility of lipid droplets in
both directions by decreasing the distance or velocity of movements (Gross et al.
2000, 2002b). In the melanophore system, manipulation of the dynein cofactor
dynactin impairs transport in both directions (Deacon et al. 2003). Dynein and
kinesin also do not compete during peroxisome transport. Instead, multiple kines-
ins, or dyneins cooperate in vivo and produce up to ten times the in vitro speed
(Kural et al. 2005).

Supporting evidence for motor coordination of mitochondrial transport in
axons comes from Drosophila. Upon genetic manipulation of kinesin, or
dynein, there is no evidence that force production by the two opposing motor is
competitive, which supports a motor coordination, but not a tug-of-war scenario
(Pilling et al. 2006). In addition, lack of dMiro selectively impairs either
kinesin- or dynein-mediated movements, depending on the direction of mito-
chondrial net transport in axons. Since loss of the primary motor activity for
antero- or retrograde transport does not increase the activity of the opposing
motor, these data also support a motor coordination, and not a tug-of-war sce-
nario (Russo et al. 2009).

The lack of experimental evidence makes the tug-of-war scenario less likely.
However, this conclusion could be premature since modeling of a tug-of-war scenario
using load-dependent transport properties of individual motors revealed complex
patterns of movement that could be erroneously interpreted as coordinated transport
in experimental systems (Muller et al. 2008). In contrast to previous expectations,
the modeled tug-of-war scenario is highly cooperative, and produces a number of
different motility patterns. Modifications of motor properties mimicking the effect
of either regulatory mechanisms, or mutations affected bidirectional motility in
complex ways such that: (1) motility was affected only in one direction, (2) motility
was impaired in one direction and enhanced in the other, or (3) motility was similarly
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altered in both directions. Interestingly, this variability largely agrees with observa-
tions upon experimental modifications in different systems, suggesting that the
modeled tug-of-war scenario represents a realistic model for bidirectional transport
in vivo (Muller et al. 2008).

5.2 Possible Molecular Mechanisms of Motor Control

The mechanisms mediating motor control are a likely target for the action of
numerous trans-acting regulators. Consequently, it is critical to unravel the properties
of the motor control machinery to gain a comprehensive understanding of when and
where transport occurs. Various proteins that are necessary for the proper function
or regulation of motor transport have been identified. Prominent examples are the
dynein cofactor dynactin (Gross 2003), huntingtin in the BDNF transport system
(Colin et al. 2008), and various proteins like halo, klar, and LDS2 in the lipid-
droplet system (Welte et al. 2005). However, except for dynactin, none of these may
play a significant role in mitochondrial transport.

5.2.1 Kinesin—Dynein Interactions

Bidirectional motility may be coordinated by a direct interaction between kinesin
(KIF5) and dynein that is mediated through dynein intermediate chain 1 (DIC1),
and KLCs 1 and 2 (Ligon et al. 2004). Consistently, a number of studies have
shown that inhibition of dynein function, via function-blocking antibodies, or by
genetic manipulations of dynein expression, inhibits bidirectional vesicular motility,
and axonal transport (Waterman-Storer et al. 1997; Martin et al. 1999; He et al.
2005). In regard to mitochondria, loss of Drosophila KIF5 (Khc) profoundly
reduces the rate of retrograde mitochondrial transport, while loss of dynein activity
(Dhc64) reduces the velocity of kinesin movements (Pilling et al. 2006). In addition,
genetic interactions between Drosophila Khe (KIF5) and dynein (Dhc64) mutations
support interactions between both motors (Martin et al. 1999). However, the true
significance of DIC for motor coordination has not yet been specifically tested. In
addition to a possible DIC-mediated interaction, motor coordination may also
depend on the dynein-associated dynactin complex (Martin et al. 1999; Gross et al.
2002b; Deacon et al. 2003; Gross 2003).

5.2.2 Dynactin—Dynein-Kinesin Interactions

The dynactin complex is well known for its physical association with cytoplasmic
dynein, and for promoting the processivity of dynein motors in vitro (King and Schroer
2000; Schroer 2004). However, it’s role for mitochondrial transport specifically, and
bidirectional transported cargo in general, is complex and remains controversial.
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Dominant-negative mutations in dynactin’s subunit p150 Glued interfere with
organelle transport (Martin et al. 1999). More importantly, p150Glued mutations
reduce the force generated during lipid-droplet plus end-directed movements,
possibly inducing a partial tug-of-war (Gross et al. 2002b). This raised the pos-
sibility that dynactin usually turns the minus end motor off when the plus end
motor is active. Consistently, dynactin interacts with both plus, and minus end-
directed motors, at least in melanophores (Deacon et al. 2003). Dynactin’s
p150Glued subunit binds DIC. In addition, p150Glued can bind directly to KAP,
a nonmotor subunit of the kinesin II motor, driving transport of pigment granules
(Deacon et al. 2003). One of several possible models proposes that contact with
dynactin stabilizes a motor’s interaction with the track; thus, turning it on (Gross
2003; Gross et al. 2003). Accordingly, only one motor can be in the “on” state at
any given time, if dynactin alternately contacts the two motors. However, in
regard to mitochondrial transport, the role of the dynactin complex is rather
unclear. RNAi-mediated knockdown of P150Glued, or dominant-negative muta-
tions enhanced, rather than reduced kinesin and dynein movements in Drosophila
motor axons (Pilling et al. 2006). This finding confirms that P150Glued indeed
influences both motors, but provides no evidence that its function is critical for
motor coordination.

Further evidence for a role of dynactin for motor coordination comes from studies
altering the dynactin subunit p50/dynamitin (Echeverri et al. 1996). Overexpression
of dynamitin disrupts the dynactin complex, and abolishes both plus- and minus-
end directed motion of several bidirectionally moving cargos (Echeverri et al. 1996;
Valetti et al. 1999; Deacon et al. 2003). However, the significance of dynamitin for
mitochondrial transport remains to be examined.

Similar to the effects of dynamitin overexpression, mutations and RNAi-
induced knockdown of the dynactin subunit Arpl disrupt the dynactin complex
(Haghnia et al. 2007). Loss of Arpl severely disrupts the rate of antero- and ret-
rograde transport of APP-containing vesicles and mitochondria in Drosophila
motor axons. Contrary to the expectation, normal amounts of dynein are still
associated with its cargos in Arpl mutants, despite the absence of a fully assem-
bled dynactin complex. In addition, Arpl mutant APP-YFP labeled cargo vesi-
cles spend less time on antero- and retrograde movements, and more time
stationary in Arpl mutant axons (Haghnia et al. 2007). While the mutant effects
on retrograde transport were predicted by the proposed function of dynactin as a
regulator of dynein processivity, the additional effects on anterograde transport
are consistent with a role of dynactin coordinating motors (King and Schroer
2000; Gross 2003; Schroer 2004).

Notably, the rate of antero- and retrograde mitochondrial transport is dramatically
reduced in Arpl mutant axons (Haghnia et al. 2007), which is in sharp contrast to
the finding that RNAi-induced knockdown, or a dominant-negative mutation of
p150Glued has no significant effect on the rate of mitochondrial transport (Pilling
et al. 2006). Moreover, manipulations of p150Glued increased the velocity of plus
and minus end-directed movements for both net antero- and retrogradely moving
mitochondria, suggesting that p150Glued acts as drag for kinesin and dynein
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motors (Pilling et al. 2006). Superficially, the two studies appear incompatible;
however, the underlying assumption that the dynactin complex acts as a functional
unit may not be true. In particular, the subunits forming the base of the dynactin
complex (including Arpl and dynamitin) may have a significantly different role
than the MT-interacting p150Glued arm. To resolve this issue, systematic in vivo
analyzes examining the significance of individual subunits of the dynactin complex
will be necessary.

An interesting twist to the discussion of motor coordination is the surprising
finding that purified, fluorescently labeled dynein—dynactin complexes exhibit
in vitro bidirectional motility towards both the plus and minus ends of MTs (Ross
et al. 2006). Although previous studies raised this possibility (Wang and Sheetz
1999; Mallik et al. 2005), the employed single-molecule assay provides convincing
evidence for a bidirectional nature of the dynein—dynactin complex. Hence, it is
possible that dynein may contribute to plus and minus end-directed transport in the
cell. Consistent with this finding is that quantum dots undergoing motor-driven
transport in cells take similar large 16-nm steps in the plus and minus end direc-
tions, which is consistent with dynein, rather than kinesin movements (Nan et al.
2005). However, the ability of dynein to switch the direction of transport could be
significantly affected by load, and therefore not relevant for the transport of large
organelles like mitochondria.

5.2.3 Miro-Milton-Motor Interactions

As discussed in the linker section (see Sect. 4.3), the mitochondrial membrane
protein Miro binds KIF5 either directly, or indirectly over Milton/GRIF1/OIP106
to couple and likely regulate kinesin motors (Fransson et al. 2006; Glater et al.
2006; MacAskill et al. 2009a; Wang and Schwarz 2009). Null mutations of Milton,
or Miro essentially abolish axonal and dendritic transport of mitochondria in
Drosophila neurons, restricting mitochondria to the neuronal cell body (Stowers
et al. 2002; Gorska-Andrzejak et al. 2003; Guo et al. 2005; Glater et al. 2006;
Russo et al. 2009).

Lack of dMiro reduces the rate (flux) of antero- and retrograde mitochondrial
transport by more than 98% (Russo et al. 2009). The few motile mitochondria in
dMiro null mutant motor axons exhibit a profound defect that mirrors the expected
effects upon loss of control over motor processivity. Specifically, net anterogradely
transported mitochondria exhibit reduced kinesin-mediated, but normal dynein-
mediated movements. Conversely, net retrogradely transported mitochondria exhibit
much shorter dynein-mediated movements, while kinesin-mediated movements
were minimally affected. This finding suggests that Miro promotes effective
antero- and retrograde mitochondrial transport by extending the processivity of
kinesin and dynein motors according to a mitochondrion’s programmed direction
of transport (Russo et al. 2009).

How Miro achieves control over the processivity of kinesin and dynein motors
is unclear. However, at least in part, this control is likely facilitated by its known



Mitochondrial Transport Dynamics in Axons and Dendrites 125

interactions with KIF5 and Milton/GRIF1/OIP106 (Fransson et al. 2006; Glater
et al. 2006; MacAskill et al. 2009a, b). Since at least mammalian Mirol can also
bind directly to KIF5 (MacAskill et al. 2009b), it is possible that Miro may control
the processivity of kinesin motors through its direct interaction with KIF5, or its
indirect interaction with Milton. In addition, Milton/GRIF1/OIP106 proteins could
also serve as a scaffold for Miro up-regulating the processivity of dynein motors.
Consistent with such a “bidirectional” role of Milton is the finding that Milton is
required for dynein movements during the formation of the “mitochondrial cloud”
in fly oocytes (Cox and Spradling 2006).

Mechanistically, Miro’s control over both motors could be facilitated by the two
slightly different isoforms of Milton in Drosophila (Cox and Spradling 2006;
Glater et al. 20006), and the two homologous mammalian genes GRIF1/TRAK?2 and
OIP106/TRAK2 (Beck et al. 2002; Iyer et al. 2003; Brickley et al. 2005; Fransson
et al. 2006; Gilbert et al. 2006). The two mammalian proteins, as well as the differ-
ent Milton RNA splice forms differ in their N-terminally located HAP-1 domain,
which has been predicted to mediate interactions with dynactin (Li et al. 1998).
Accordingly, one isoform may interact with kinesin motors, while the other may
interact with dynein motors via dynactin. The latter is consistent with dynactin’s
in vitro effects, increasing the processivity of dynein-driven movements (King and
Schroer 2000). However, clear evidence that specific Milton/GRIF1/OIP106
isoforms bind to dynactin or dynein subunits is lacking.

6 Targeting of Mitochondria to Specific Sites
in Axons and Dendrites

A unique feature of mitochondria in axons and dendrites is their ability to switch
between motile and long-term stationary states. The stationary state can last longer
than 15 min (Chang et al. 2006; Chang and Reynolds 2006; Louie et al. 2008).
However, for essentially all cases, it is not known how long mitochondria reside at
specific axonal or dendritic target sites. The pattern of stationary mitochondria is
highly variable between axons and dendrites of an individual neuron, but also
among different types of neurons, and different developmental and activity stages
(reviewed in Chang and Reynolds 2006). Considering the limited diffusion of ATP
and Ca®* ions in an intracellular environment (Belles et al. 1987; Hubley et al.
1996), stationary mitochondria likely serve as local service stations, providing ATP
and potentially Ca®* signaling functions.

Once mitochondria are delivered to a specific region, they often become station-
ary for extended periods (often referred to as “docking”), but eventually they
resume their motility, and move back to the cell body. Hence, docking is a dynamic
process that likely includes reversible interactions with the cytoskeleton,
morphological and functional changes of mitochondria. In addition, mitochondria
are targeted to several different sites in neurons, which likely require different signals
that “attract” mitochondria to specific sites, disrupt their transport, and “immobilize”
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them in a reversible manner. Importantly, targeting of mitochondria to specific sites
is probably never permanent, and thus requires signals that remobilize mitochon-
dria for transport. Although many of these mechanisms are still obscure, a number
of advances have been made during the past few years, unraveling mechanisms that
target mitochondria to pre- and postsynaptic sites.

A number of in vivo studies have implicated the interactions of mitochondria
with F-actin, MTs, or NFs as potential docking mediators (Smith et al. 1977,
Hirokawa 1982; Benshalom and Reese 1985; Hirokawa and Yorifuji 1986; Pannese
et al. 1986; Price et al. 1991; Morris and Hollenbeck 1995). Consistently, purified
mitochondria bind MT-associated proteins and NFs in vitro, and exhibit physical
links to both cytoskeletal elements, which could be dynamic (i.e., motor proteins),
or static (e.g., docking, or adaptor proteins) links between mitochondria and the
cytoskeleton (Linden et al. 1989a, b; Jung et al. 1993; Leterrier et al. 1994a, b;
Wagner et al. 2003). However, many of the sites at which mitochondria accumulate,
such as presynaptic terminals and growth cones, are actin-rich and MT- and
NF-poor (Peters et al. 1991). Consistently, disruption of actin filaments in cultured
neurons affects mitochondrial movement (Morris and Hollenbeck 1995). In addition,
the ability of nerve growth factor (NGF) and phosphoinositide 3-kinase (PI3K)
signaling to halt mitochondrial movement critically depends on the presence of
actin filaments (Chada and Hollenbeck 2004 ), suggesting F-actin as a critical docking
partner. Hence, mitochondria may have multiple mechanisms that mediate anchoring
to various structural components.

EM studies provide no obvious insights as to how pre- or postsynaptic mito-
chondria may become stationary long-term, with one notable exception; namely,
the highly specialized Calyx of Held contains a physical substrate for keeping mito-
chondria in place; the mitochondrion-associated adherens complex (Rowland et al.
2000). However, the molecular composition of this complex remains unresolved.

6.1 Ca* Dependent Arrest of Mitochondrial Transport

In neurons, high elevations of intracellular Ca®* occur especially at pre- and postsy-
naptic sites. Synapses are also sites of high metabolic demand since maintaining
ion homeostasis is energetically expensive. Since cytosolic Ca*" spikes activate
Ca**-sensitive mitochondrial dehydrogenases, which in turn modulate ATP production
(Hajnoczky et al. 1995; Babcock and Hille 1998; Denton 2009), Ca*" signaling is
an effective way to retain mitochondria temporarily at synaptic sites to prevent local
ATP depletion.

Elevations of intracellular Ca** arrest MT-based mitochondrial transport in
many cell types (Rintoul et al. 2003; Yi et al. 2004; Brough et al. 2005; Chang
et al. 2006; Mironov 2006). In cultured myoblasts and HEK-293 cells, mitochon-
drial movements are suppressed after Ca’* release from internal stores (Yi et al.
2004; Brough et al. 2005). In neurons, synaptic activity and Ca?* entry through
glutamate receptors, or Ca* channels reduces mitochondrial motility, while



Mitochondrial Transport Dynamics in Axons and Dendrites 127

mitochondrial mobility is accelerated after inhibition of Na* or Ca?* channels
(Rintoul et al. 2003; Chang et al. 2006; Mironov 2006). However, mitochondrial
movements are also inhibited after membrane depolarization in Ca**-free solutions,
raising the possibility that Ca?* is either not directly involved in this inhibition, or
acts in parallel with a signal that reflects local ATP depletion during prolonged
activity (Brough et al. 2005; Mironov 2006). In addition, Ca?**-induced inhibition
of mitochondrial movement may not be universal since mitochondrial motility in
processes of cortical neurons is immune to intracellular Ca** fluctuations (Beltran-
Parrazal et al. 2006).

The mitochondrial GTPase Miro is probably the major Ca*" sensor mediating
Ca?*-induced inhibition of mitochondrial motility. Miro contains two EF-hand Ca?*
binding domains that are sandwiched between an N- and C-terminal GTPase
domain (Fransson et al. 2003; Frederick et al. 2004; Guo et al. 2005). Coexpression
of EF-hand mutant Miro protein in hippocampal neurons, or nonneuronal cells does
not impair mitochondrial motility per se. However, Ca**-induced inhibition of mito-
chondrial motility is abolished upon loss of Miro’s Ca?* binding domains, suggesting
that it serves as a Ca*" sensor controlling mitochondrial mobility (Saotome et al.
2008; MacAskill et al. 2009b; Wang and Schwarz 2009). In neurons, Miro-mediated
Ca?*-induced inhibition of mitochondrial motility is likely important for localizing
mitochondria to postsynaptic sites in dendrites of hippocampal cells, and for minimizing
the effects of glutamate-induced excitotoxicity (MacAskill et al. 2009b; Wang and
Schwarz 2009). Currently, it is not known whether mitochondria at axon terminals
use a similar mechanism for their presynaptic localization.

The precise mechanism of how Miro mediates Ca?*-induced inhibition of mito-
chondrial motility is still controversial. The first model (Fig. 4a) proposes that Miro
mediates mitochondrial transport primarily by a direct interaction between Miro
and KIF5, which is disrupted upon Ca** binding by Miro’s EF hands (MacAskill
et al. 2009b). Thus, Ca?*-binding in this model triggers a dissociation of mitochon-
dria from kinesin motors. In contrast, the second model builds on the previously
suggested adaptor model, in which Miro binds to Drosophila Milton, or its mam-
malian homologs GRIFI/TRAK?2 and OIP106/TRAKI1, which in turn directly bind
to the kinesin motor KIF5 (Fransson et al. 2006; Glater et al. 2006). The updated
model (Fig. 4b) suggests that in the absence of Ca?*, the C-terminal tail of KIF5 is
bound to the mitochondrion through the Milton—Miro complex such that KIF5’s
motor domain can engage with MTs, facilitating plus end-directed movements.
Upon Ca?* binding to Miro’s EF hands, a resulting conformational change in Miro
then allows direct binding of KIF5 to Miro, preventing KIF5’s engagement with
MTs (Wang and Schwarz 2009). Accordingly, Ca®*-binding triggers a switch
mechanism that disrupts the motor-MT engagement, but not the coupling between
kinesin and mitochondria.

It is important to note that Ca?*-induced inhibition of mitochondrial motility may
not be the only Ca?-dependent function of Miro. In yeast, where mitochondrial
transport does not depend on MTs, the EF-hand domains of Miro (Gemlp) are still
required for maintaining a normal tubular mitochondrial network, and mitochon-
drial inheritance (Frederick et al. 2004, 2008). Consistently, mammalian Miro may
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Fig. 4 Proposed models of Ca*-induced inhibition of mitochondrial transport. (a). Model 1: in
the absence of Ca*, kinesin motors are coupled to mitochondria via a KIF5-Miro protein complex
that facilitates transport. Upon Ca** binding Miro undergoes a conformational change that dissoci-
ates KIF5 from Miro, uncoupling kinesin motors from mitochondria. (b). Model 2: in the absence
of Ca*, kinesin motors are coupled to mitochondria by binding of KIF5 to Milton, which in turn
binds to Miro. Upon Ca?* binding Miro undergoes a conformational change that exposes a KIF5
binding domain, which competes with KIF5’s interaction with MTs such that KIF5 disengages
from MTs and binds to Miro. Panel a adapted with permission from (MacAskill et al. 2009b);
Panel b adapted with permission from (Wang and Schwarz 2009)

also serve as a Ca**-sensitive switch that indirectly controls mitochondrial fusion—
fission dynamics (Saotome et al. 2008).

6.2 Syntaphilin-Mediated Docking of Mitochondria

Syntaphilin is the only protein that has been clearly implicated in physically docking
mitochondria to the MT cytoskeleton (Kang et al. 2008). Syntaphilin is a neuron
specific protein that was initially identified as an inhibitor of transmitter release
(Lao et al. 2000). Injection of syntaphilin’s coiled-coil domain into cultured neu-
rons interfered with transmitter release; presumably, because the sequence of this



Mitochondrial Transport Dynamics in Axons and Dendrites 129

domain is ~80% identical to the syntaxin-binding domain of ocsyn and syntabulin
(Safieddine et al. 2002; Su et al. 2004). However, immunolabeling suggests that
syntaphilin is predominantly a mitochondrial protein (Kang et al. 2008).

Syntaphilin’s mitochondrial localization is mediated by two C-terminally located
transmembrane domains (Kang et al. 2008). Typically, only stationary, but not
motile mitochondria in axons contain significant amounts of syntaphilin (Das et al.
2003; Kang et al. 2008). Overexpression of GFP-tagged Syntaphilin increases the
number of stationary mitochondria, an effect that is abolished upon deletion of
syntaphilin’s microtubule-binding domain. Overexpressed syntaphilin is primarily
associated with stationary, but not motile mitochondria, suggesting that syntaphilin
inhibits the motility of axonal mitochondria by binding to MTs. The syntaphilin-
mediated stationary state of mitochondria is not dependent on actin filaments, or
NFs. Deletion of the “axon-sorting domain” (ASP) in syntaphilin causes a uniform
association with all mitochondria in axons and dendrites, suggesting that syntaphi-
lin may use this domain for axonal localization independent of its mitochondrial
targeting (Kang et al. 2008).

Syntaphilin KO mice are viable, fertile, and morphologically normal (Kang
et al. 2008). Consistent with the effects of overexpression, loss of syntaphilin
decreased the density of mitochondria in axons, but also increased the motility of
mitochondria. The mechanism underlying the latter, likely to be an independent
effect is not clear. Notably, deletion of syntaphilin reduces only slightly the
number of presynaptic terminals containing mitochondria in the hippocampus
(Kang et al. 2008). Hence, it is probably controlling long-term mitochondrial
retention at nonsynaptic sites within axons. Given that syntaphilin is not homolo-
gous to any known MT-binding protein, it likely acts as a docking receptor through
a unique interaction with MTs (Kang et al. 2008). Syntaphilin-mediated docking
of mitochondria could be initiated by a number of signals including the Ca?-
induced arrest of mitochondrial transport that is mediated by Miro proteins.
However, there is currently no evidence that links these pathways. In addition, it
is not clear whether syntaphilin-mediated docking of mitochondria is a specializa-
tion of vertebrates since there are no structurally or functionally related proteins
in invertebrates.

6.3 Nerve Growth Factor-Mediated Docking of Mitochondria

A question that remains controversial is whether specific mitochondrial target sites
use only short-range signals to terminate the transport of mitochondria as they pass
by, or also employ long-range signals that attract mitochondria, perhaps even from
the cell body.

The best evidence for a potentially long-range, chemo-attractive signal poten-
tially attracting mitochondria to growth cones, and perhaps mature synapses is
NGF (Fig. 5). In cultured chick sensory neurons, mitochondrial transport responds
to growth cone activity that controls the transition to a stationary state, and also
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Fig. 5 Nerve growth factor (NGF)-mediated docking of mitochondria. Transport and docking of
mitochondria in axons of cultured cells depend on the state of the growth cone. (a). In inactive
axons, mitochondria travel does not significantly enrich at the axon terminal. (b). In the presence
of NGF, mitochondrial transport increases towards the origin of NGF signaling, and mitochondrial
transport away from the NGF source decreases, or is arrested in the presence, but not absence of
actin filaments. Adapted from (Chada and Hollenbeck 2004)

modulates antero- and retrograde transport activity (Morris and Hollenbeck 1993).
Positioning NGF-coated beads close to axons of cultured neurons increases mito-
chondrial movement into the region of focal NGF application, but decreases, and in
many cases, arrests movement out of the region (Chada and Hollenbeck 2003,
2004). A similar phenomenon was observed in Xenopus spinal neurons (Lee and
Peng 2006). This suggests that NGF may act over some distance to modulate mito-
chondrial transport, and essentially “attract” mitochondria.

The increase of mitochondrial movements towards NGF-coated beads, and sub-
sequent arrest of movements requires the TrkA receptor and phosphoinositol
3 (PI3) kinase-mediated signaling; neither of which is necessary for mitochondrial
movement per se (Chada and Hollenbeck 2003, 2004). Consistently, expression of
pleckstrin homology (PH) domains, which bind phosphatidylinositols, increases
anterograde mitochondrial movements and decreases retrograde movements with-
out altering velocities, the amount of motors linked to cargos, and motor binding to
tracks (De Vos et al. 2003). In addition, the ability of NGF/PI3 kinase signaling to
arrest mitochondrial transport requires the presence of actin filaments (Chada and
Hollenbeck 2004), suggesting that mitochondria are immobilized on actin filaments
(Fig. 5). However, it remains unclear how mitochondria become dissociated from
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their MT motors, how mitochondria are immobilized on actin filaments, and
whether growth factor signals also dock mitochondria at mature synapses.

6.4 NMDA-Induced Arrest of Mitochondrial
Transport in Dendrites

Most dendritic mitochondria are localized at, or in the vicinity of postsynaptic sites
(Fig. 1f) in an activity-dependent manner (Overly et al. 1996; Chang et al. 20006).
Consistent with EM studies (Adams and Jones 1982; Kageyama and Wong-Riley
1984; Shepherd and Greer 1988; Cameron et al. 1991; Peters et al. 1991; Chicurel
and Harris 1992), more than 90% of mitochondria are confined to the shaft of the
dendrite in cultured neurons (Li et al. 2004; Sung et al. 2008). Less than 10% of
dendritic protrusions (e.g., dendritic spines and filopodia) of mature cultured
hippocampal neurons contain mitochondria (Li et al. 2004; Sung et al. 2008).

Extension or movement of mitochondria into dendritic protrusions correlates with
the development and morphological maturation of spines. Molecular manipulations of
mitochondrial fission/fusion proteins that reduce mitochondrial content in dendrites
reduce the number of synapses and dendritic spines; whereas, increasing mitochon-
drial content or activity enhances the number and plasticity of spines and synapses.
Hence, the dendritic distribution of mitochondria is critical and limiting for the sup-
port of synapses. Reciprocally, synaptic activity modulates the distribution, motility
and fusion/fission balance of mitochondria in dendrites (Rintoul et al. 2003; Li et al.
2004). In addition, the number of mitochondria in dendritic protrusions increases as
spines mature, either developmentally, or in response to local repetitive stimulation in
an NMDA receptor-dependent manner (Li et al. 2004). Synaptic stimulation by exci-
totoxic doses of glutamate arrests mitochondrial movements and disrupts the typically
elongated shape of most mitochondria in dendrites (Rintoul et al. 2003).

NMDA-induced inhibition of mitochondrial motility in dendrites is mediated in
the mitochondrial Ca** sensor Miro (Fig. 4). Overexpression of mutant Miro protein
that is unable to bind Ca?* renders mitochondria “immune” to the usual arrest of
mitochondrial motility upon NMDA receptor-dependent elevation of intracellular
Ca? (MacAskill et al. 2009b; Wang and Schwarz 2009). Without the typically
occurring NMDA-dependent arrest of mitochondrial motility, the survival rate of
neurons upon NMDA-induced glutamate excitotoxicity is significantly reduced
(Wang and Schwarz 2009).

The NMDA- and Ca*-dependent arrest of MT-based mitochondrial transport
close to spines together with subsequent fission is likely required for translocating
mitochondria into spines (Li et al. 2004; Sung et al. 2008). After the arrest of mito-
chondrial motility, the activity-dependent translocation of mitochondria into spines
probably requires actin and WAVE1 (WASP-family verprolin homologous protein
1). WAVEI is a key regulator of actin polymerization and dendritic spine morphol-
ogy (Kim et al. 2006). WAVEIL is associated with the outer mitochondrial mem-
brane (Danial et al. 2003). RNAi-induced knockdown of WAVEI decreases the
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number of mitochondria in dendritic protrusions under basal conditions, and
prevents the activity-dependent translocation of mitochondria into spines (Sung
et al. 2008).

WAVEL!’s ability to regulate Arp2/3-dependent actin polymerization is inhibited
by phosphorylation through cyclin-dependent kinase 5 (CdkS5) (Kim et al. 2006).
In mature neurons, WAVEL is highly phosphorylated under basal conditions, and,
consequently, largely inactive (Sung et al. 2008). Repetitive stimulation and subse-
quent NMDA receptor activation causes dephosphorylation of WAVEIL at Cdk5
phosporylation sites, and is probably necessary for mitochondrial translocation into
dendritic protrusions. Accordingly, WAVEI-dependent translocation of mitochondria
into dendritic protrusions is likely to be mediated by Arp2/3-dependent actin polym-
erization (Sung et al. 2008). Since mitochondria are rarely found in dendritic spines,
it is also likely that mitochondria move into spines only for a relatively short time.

7 Perspective

In the past years, major advances have been made in understanding the molecular
machinery that dynamically drives and regulates the transport of mitochondria in
neurons. Given the advances in imaging mitochondrial transport, one may expect
the full array of the mitochondrial transport machinery to be identified in the near
future. However, a comprehensive understanding of mitochondrial transport in
neurons will also require a broader view: the life cycle of mitochondria in long-
lived neurons. For example, how do mitochondria manage to remain functional
during their prolonged excursions into axons and dendrites? It seems unlikely that
mitochondria can survive in neuronal process without proper logistics; or, do they?
Currently, we have only a limited appreciation of mitochondrial protein logistics in
axons and dendrites. In addition, little is known about the value of mitochondrial
fusion and fission dynamics in neuronal process, or how “aging” of mitochondria
is managed in neuronal process. Recent advances suggest that mitochondrial trans-
port may be tightly interwoven with a quality control mechanism that underlies
mitochondrial fusion and fission governing mitochondrial turnover. Understanding
the relationship between mitochondrial transport, dynamics and biogenesis in neu-
rons will likely be critical to counteract the neuronal pathologies of the numerous
disorders that are associated with mitochondria.
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NGF Uptake and Retrograde Signaling
Mechanisms in Sympathetic Neurons
in Compartmented Cultures

Robert B. Campenot

Abstract Many neurons depend for their survival on retrograde signals to their cell
bodies generated by nerve growth factor (NGF) or other neurotrophins at their axon
terminals. Apoptosis resulting from the loss of retrograde NGF signaling contributes
to the elimination of excess and misconnected neurons during development and
to the death of neurons during the course of neurodegenerative diseases. Possible
mechanisms of retrograde signaling include (1) retrograde transport of signaling
endosomes, carrying NGF bound to activated TrkA, (2) retrograde transport of sign-
aling molecules downstream of TrkA, and (3) retrograde propagation of a phospho-
rylation signal without transport of signaling molecules. Evidence is also described,
which indicates that two or more retrograde signaling mechanisms exist to regulate
neuronal survival, including recent evidence that withdrawal of NGF from distal
axons produces a retrograde apoptotic signal, which is transported to the cell bodies,
where it initiates the apoptotic program, leading to the death of the neuron.

1 Introduction

The function of the nervous system depends upon neuronal circuits composed of
precisely connected nerve fibers. Many of these nerve fibers are long axons, extending
over many centimeters and, in some cases, a meter or more from their cell bodies.
Axons originate as motile outgrowths from the cell bodies, which actively seek and
find the target cells that they innervate. This task is less formidable than it may
seem at first; as the embryonic and postnatal organisms are much smaller than the
adults, the distances are shorter, and trial-and-error is a more tractable process.
The developmental “strategy” seems to overproduce neurons initially, and cull those
that make inappropriate connections along with many of those that make appropriate
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connections along with many of those that make appropriate connections, but are
in excess of what is required to adequately innervate the targets. In this way, about
50% of the neurons initially produced are eliminated by apoptosis (Oppenheim
1991). In addition to eliminating entire neurons, the axonal connections of the sur-
viving neurons can be modified by pruning axon branches that have made inap-
propriate connections along with some axon branches that have made appropriate
connections, but are in excess of what is required to innervate the targets. Thus,
axonal guidance, retrograde support of neuronal survival, and retrograde support of
axonal survival are the three major players in constructing and preserving neuronal
circuitry during development. Of these, support of neuronal survival and support of
axonal survival both involve retrograde signaling from the axon terminals, and, in
many cases, the retrograde signal is produced by nerve growth factor (NGF) or
other neurotrophins produced in the target tissues interacting with Trk receptors
(i.e., a family of transmembrane tyrosine kinases) on the axon terminals.

Neuronal and axonal survival support by neurotrophins remains functional in the
adult organism. Axonal and neuronal degeneration occurring in neurodegenerative
diseases, and after neurotrauma, is believed to arise partly from failure of the neurons
to obtain neurotrophin-induced survival signals from the cells they innervate (Salehi
et al. 2006; Bronfman et al. 2007). This could conceivably occur from the dysfunc-
tion in the retrograde signaling mechanism itself, or from loss of the ability to obtain
neurotrophic signals from the target cells because the axon terminals have degener-
ated or are compromised by another mechanism. Thus, the mechanisms involved in
retrograde neurotrophic signaling are of central importance for understanding the
neurobiology of development, of neurodegenerative disease, and of neurotrauma.

2  Conceptual Framework Attendant to Retrograde Signaling

Since axons are structures that conduct signals along their length from one end to
the other, their ability to transmit retrograde signals from the axon terminals to the
cell body should not be surprising. The primary signaling mechanism in axons is,
of course, the action potential, which is a bioelectrical signal that is based on
changes in ionic permeability of the axonal membrane that propagates along the
axon, and does not entail a longitudinal transfer of signaling molecules. There is no
a priori reason why a chemical reaction, such as a phosphorylation signaling reac-
tion, could not propagate along an axon without an actual translocation of the rel-
evant phosphorylated molecules. However, the discovery over 30 years ago that
['**IINGF presented at axon terminals in vivo is retrogradely transported intact
along the axons to the cell bodies focused thinking on the transport of NGF as an
essential component of retrograde survival signaling. The statement that “... NGF
is able to exert its specific effect ... once it has been brought to the cell body by
retrograde axonal transport.” (Hendry et al. 1974) was immediately accepted, and
although the TrkA receptor was not identified as the receptor for the survival effects
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of NGF for another 15 years, it took only 3 years for the concept of the signaling
endosome to be articulated in the literature: “If this membrane contains NGF recep-
tors on its surface... then these surface receptors may be on the internal surface of
the vesicles. These receptors would be stimulated by the NGF trapped within the
vesicle....” (Hendry 1977).

Thus, over 30 years ago, the NGF retrograde signal was hypothesized to be carried
by NGF internalized into signaling endosomes, where it remained bound to receptors
that continued to generate signals, as the signaling endosome was carried to the cell
body along the microtubule-based retrograde transport system. This hypothesis
seems to be based partly on the conviction that there must be a reason to transport
intact NGF all the way back to the cell bodies, other than just to degrade it.
However, there is no compelling reason that a retrograde signal generated by NGF
at the axon terminals could not be in the form of vesicles carrying signaling molecules
that are activated downstream of the TrkA receptor, rather than carrying NGF
bound to activated TrkA.

We now know a lot about the mechanism of transport along axons. It involves
the movement of vesicles and membraneous organelles, powered by molecular
motor proteins along microtubules that translocate in different directions, in which
most kinesins move in an anterograde direction and cytoplasmic dyneins move in a
retrograde direction (Vallee and Bloom 1991). A trafficking mechanism exists,
therefore, to specify that a signal travels in a preferred direction. A view has long
prevailed that transport of molecules along axons is a special problem, requiring an
extraordinary mechanism. It is important to recognize that microtubule-based trans-
port is the mechanism by which vesicles move in a vectorial manner through the
Golgi stacks, and it occurs in all vertebrate cells. It did not evolve solely as an
adaptation to long-range transport. Cells possess a very well developed microtu-
bule-based transport system, making translocation extensive, targeted, and efficient.
From this vantage point, transporting molecules from axon terminals to the cell
bodies expressly for degradation is certainly plausible. In fact, as neurons and axon
terminals are viewed as competing for the limited supply of NGF from the target
tissues, which determines which neurons and axon terminals survive, it is possible
that a major function of uptake, retrograde transport, and degradation of NGF is to
restrict support for survival among competing neurons.

Thus, there are three possible categories of retrograde NGF signaling: (1) signa-
ling endosomes carrying NGF bound to activated TrkA; (2) vesicles carrying acti-
vated signaling molecules downstream of TrkA; and (3) propagated signals not
involving the transport of signaling molecules. Recently, we have obtained evidence
that NGF at axon terminals supports neuronal survival by suppressing a retrograde
death signal that is activated in the axons that are deprived of NGF. This finding not
only controverts the prevailing classical view, but it also leads to a logical inversion
of it; that is, the retrograde survival signal is actually the absence of a retrograde
death signal. Before considering the evidence for these mechanisms, we need to
describe the properties of the compartmented culture experimental system, which
has been widely used in the investigations of retrograde neurotrophin signaling.
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3 Properties of Compartmented Cultures

In compartmented cultures (Fig. 1), the cell bodies, the dendrites, and the proximal
segments of the axons of cultured neurons reside in a separate compartment from
the compartment containing the distal axon segments (Campenot 1977). This is
established by plating the neurons into a proximal compartment formed by a Teflon
divider seated on the surface of the culture dish with silicone grease. Axonal elon-
gation is guided to the left and right by a series of parallel scratches made in the
collagen-coated dish floor, which confines the growth cones to the strips of collagen
between the scratches. The growth cones are thereby guided between the scratches
to grow beneath silicone grease barriers to enter the left and right distal compart-
ments. The distal axons of sympathetic neurons cultured from the superior cervical
ganglia of newborn rats are well established in the distal compartments within 5-7
days in culture.

Distal
COTER TSN 35 mm lissue
culture dish
Teflon divider
Scratches in
Proximal substratum
a compartment
i
Cell bodies/
proximal axons
Distal axons Distal axons
b
Proximal
Distal compartment compartment Distal compartment
: = S = —
A = -
\ | e e
Distal axons Barrier Barrier Distal axons
Scraiches in the substratum Cell bodies and Distal axon bundles

c proximal axons

Fig.1 Compartmented cultures. (a) A three-compartmented culture dish. (b) Neurons on a single
track. (¢) Image of 7-day-old MTT-stained rat sympathetic neurons (Maclnnis and Campenot
2005) in a three-compartmented culture. Silicone grease holds a Teflon divider (a) in place on a
collagen-coated culture dish, forming fluid barriers separating cell bodies/proximal axons in the
center proximal compartment from distal axons in the left and right distal compartments (b, c).
Axons in the proximal compartment extend on collagen tracks between parallel scratches scored
on the floor of the dish and cross under the grease barrier, and into the distal compartments where
they form bundles of axons extending to the end of the scratches and then fan out to the edge of
the divider. Note that axons hug the scratches as they cross under the barriers (c), creating clear
regions free of axons on each collagen track under the barriers. Each culture has 18-20 tracks of
neurons, 5 of which are shown in (¢). Scale bar: 1 mm
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3.1 Proximal Compartments Always Contain Proximal Axons

Readers of our papers will note that we always refer to center compartments contain-
ing cell bodies as containing “cell bodies and proximal axons.” Importantly, when
treatments such as NGF are applied in the proximal compartment, proximal axons are
always exposed to the NGF along with the cell bodies, and when cell extracts are
prepared from proximal compartments, they always include the constituents of the
proximal axons along with the cell bodies. This important qualification tends to get
ignored, especially when the gel lanes prepared from cell extracts of proximal com-
partments are labeled with the designation “cell bodies.” The importance of this dis-
tinction is clear from a consideration of cell geometry. A rat sympathetic neuron cell
body is approximately a 35-um-diameter sphere with a surface area of about
3,847 um? and a volume of about 22,438 um?. The axon can be approximated by a
1-um-diameter cylinder, with a surface area of 3,140 pm?> mm™ of length and a vol-
ume of 785 um* mm™ of length. If there is | mm of proximal axon per neuron in the
proximal compartment, the proximal axons would contain 45% of total surface mem-
brane and 3% of the total cytoplasm in the proximal compartment. Since axons elon-
gate at about 1 mm per day and form branches during their initial growth in the
proximal compartment, it is a reasonable assumption that there are several millimeter
of proximal axon per neuron in the proximal compartment. Thus, a majority of the
surface membrane in the proximal compartments likely belongs to the proximal
axons, and any molecules in the axonal cytoplasm that scale with the surface memb-
rane will also be dominantly represented. Any cytoplasmic proteins that are concen-
trated in axons, such as microtubules and their associated proteins, will also be
strongly represented in the proximal compartments, and even cytoplasmic proteins
that scale with volume would represent a significant percentage if there are several
millimeters of proximal axon per neuron in the proximal compartment (dendrites are
ignored in this analysis, but as dendrites are at most 50 um long (Landis 1976), includ-
ing them would not invalidate this analysis). Thus, the fraction of cellular material in
proximal compartments belonging to axons and the exposure of axons to any treat-
ments applied to the cell bodies in the proximal compartments cannot be ignored.

3.2 Proximal Compartments May Contain Distal Axons

The goal of constructing compartmented cultures for studies of retrograde signaling
is to have cell bodies and only proximal axons in the proximal compartments, and
all distal axons in the distal compartments. This situation is only approximately
accurate as axonal growth is primarily directed away from the cell bodies along the
linear tracks, but proximal axons can reverse direction, remaining within the proxi-
mal compartment, and distal axons can reverse direction in the distal compart-
ments, reentering the proximal compartment (Campenot 1982a). To minimize
axonal branching within the proximal compartments, to maximize it in the distal
compartments, and to counteract reentry into the proximal compartments, a lower
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concentration of NGF (10 ng ml™') is provided in the proximal compartment and a
higher concentration of NGF (50 ng ml™) in the distal compartments. Once distal
axons are well established (5-7 days in culture), NGF is withdrawn from the proximal
compartment, which terminates the growth of any distal axons remaining in the
proximal compartment and causes them to degenerate (Campenot 1882a, 1982b).
In some of the works utilizing compartmented cultures reported in the literature,
it is evident that the axons in the proximal compartment have escaped from the
guiding influence of the scratches, and many have turned away from the barriers
rather than crossing into distal compartments (e.g., Ye et al. 2003). In this case, the
proximal compartment contains cell bodies, proximal axons, and the subset of dis-
tal axons that have not crossed the barriers. The distal compartments contain the
subset of distal axons that have crossed the barriers. When NGF is withdrawn from
the proximal compartments in cultures, in which a significant fraction of distal
axons have not crossed into distal compartments, it results in the withdrawal of
NGF from cell bodies, proximal axons, and a significant fraction of the distal axon
branches of these neurons. This must be considered in interpreting results.

4 Mechanisms of Retrograde NGF Signaling

The evidence for the signaling endosome hypothesis of retrograde NGF signaling
has been covered in several reviews (Howe and Mobley 2004; Ibanez 2007; Cosker
et al. 2008). A comprehensive review of that evidence is not presented here. Rather,
the issue addressed here is whether the evidence can be reasonably viewed as ruling
out all other possible mechanisms of retrograde signaling.

4.1 Retrograde TrkA Phosphorylation Appears within
1 min of Applying NGF to Distal Axons

Our investigations of the retrograde transport of NGF revealed little or no detectable
['*IINGF transported to the cell bodies/proximal axons of rat sympathetic neurons
in compartmented cultures within 1 min after supplying ['*I] NGF to the distal
axons, and little detectable transport occurring within 60 min. However, phosphor-
ylated TrkA appears in the cell bodies/proximal axons within 1 min of supplying
NGF to distal axons (Senger and Campenot 1997). We estimate the velocity of the
retrograde transport of NGF in compartmented cultures to be in the range of
10-20 mm h™' (Ure and Campenot 1997). At a retrograde transport velocity of
20 mm h™', it would take 3 minutes for a signaling endosome carrying NGF bound
to phosphorylated TrkA to cross the 1-mm barrier into the proximal compartment.
While the possibility cannot be ruled out that some signaling endosomes carrying
['*IINGF bound to phosphorylated TrkA may have traveled faster and escaped
detection, it seems more likely that the production of a signal strong enough to be



NGF Uptake and Retrograde Signaling Mechanisms 147

detected on an immunoblot would depend on the substantial contributions of TrkA
from the axons distributed in the distal compartments. Moreover, in studies in which
quantum dots bearing single NGF dimers were supplied to distal axons of dorsal root
ganglion neurons in compartmented cultures, it took about 40 min for the first quan-
tum dots to appear in axons in the proximal compartments (Cui et al. 2007), suggest-
ing that even a single NGF dimer bound to activated TrkA could not arrive within
1 min. Thus, the phosphorylated TrkA that we observe by immunoblot analysis in
the cell bodies/proximal axons within 1 min of supplying NGF to the distal axons is
very unlikely to represent the retrograde transport of phosphorylated TrkA from the
distal axons.

Our results suggest, instead, that the retrograde phosphorylation of TrkA can
occur by another mechanism, in which TrkA, already present in the cell bodies and
proximal axons and not bound to NGF, is phosphorylated in response to NGF acti-
vation in the distal axons. As all retrogradely transported molecules are likely to
travel at similar velocities, it is also unlikely that TrkA in the cell bodies/proximal
axons was phosphorylated by a signaling molecule downstream of TrkA that was
activated in the distal axons and then transported retrogradely to the cell bodies.
Another possibility is that a phosphorylation signal propagates from phosphory-
lated TrkA bound to NGF in the distal axons to mediate phosphorylation of
unoccupied TrkA receptors in the cell bodies. Also, theoretical analysis of long-
range signaling via waves of protein phosphorylation has been presented with the
suggestion that this type of mechanism could be involved in retrograde NGF signaling
(Markevich et al. 2006). Additional experiments, moreover, indicated that phospho-
rylation of TrkA in the cell bodies is not required for NGF at the distal axons to
produce a retrograde signal that supports neuronal survival (see Sect. 4.2). As aresult,
the mechanism or biological significance of the fast retrograde TrkA phosphorylation
by NGF has not been further investigated at this time.

4.2 NGF Deprivation Initiates Apoptotic Signaling in the Cell
Bodies Before Internalized NGF is Depleted from the
Neurons

Our analysis of the retrograde transport of ['*IINGF in compartmented cultures of
rat sympathetic neurons indicates that NGF is taken up and retrogradely transported
intact to the cell bodies, as postulated by the signaling endosome hypothesis. In the
cell bodies, the radioiodinated NGF is broken down and ['*’I] is released into the
medium in low molecular weight form, presumably iodotyrosine (Ure and Campenot
1994). During retrograde transport, ['°I] was not substantially released by axons
spanning an intermediate compartment, suggesting that NGF is not broken down in
axons (Ure and Campenot 1997). These results support the conclusion that most of
the ['%1] that is retrogradely transported to the cell bodies arrives in the form of intact
NGF, which could be involved in signaling. These results also suggest that the
mechanisms for degrading NGF are localized in the cell bodies.
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When ['*I]NGF is removed from distal axons and chased with unlabeled NGF,
half of the internalized ['*’I] is released in 6 h into the medium bathing the cell
bodies and proximal axons, and 75% is released in 10 h (Ure and Campenot 1997).
If the distal axons were removed when the ['*I]NGF was withdrawn, half of the
['*°T] remaining in the neurons was released in only 3 h, indicating that the 6 h half-
life in intact neurons included time required for retrograde transport and processing
the NGF that was in the distal axons at the time of NGF withdrawal. Phosphorylation
and nuclear accumulation of c-jun is an early indication of apoptosis in cell bodies
of NGF-deprived sympathetic neurons. In neurons supported by NGF only at the
distal axons, nuclear accumulation of phosphorylated c-jun occurs within 6 h of
NGF withdrawal (Mok and Campenot 2007), when half of the internalized NGF is
still within the neurons.

Neuronal survival is well supported by 5 ng ml™' NGF and 50 ng ml~' NGF supplied
to distal axons. Neurons given 50 ng ml™! ['*I]NGF at their distal axons transported
about 4.5 times more ['*I]NGF than neurons given 5 ng ml™' ['*I]NGF(Maclnnis
and Campenot 2002); therefore, when they initiated the apoptotic mechanism after
6 h of NGF deprivation, they likely still contained more than twice the internalized NGF
than neurons continuously supplied with 5 ng ml~' NGF. If the internalized NGF resides
in signaling endosomes enroute to the cell bodies, these neurons should not begin to
activate their apoptotic programs until much later.

It is, of course, possible to hypothesize additional features of NGF processing
that could account for the rapid effects of NGF deprivation; for example, possibly
only a fraction of the internalized, intact NGF resides in signaling endosomes, and,
possibly, this fraction is somehow degraded more rapidly after NGF withdrawal.
Nonetheless, this result is not what would be predicted by the signaling endosome-
only hypothesis; therefore, an alternative explanation must be sought.

4.3 The Retrograde Transport of NGF is not Required
Jor Retrograde Survival Signaling

As a direct test of the requirement that retrograde transport of NGF serves as a retro-
grade survival signal, NGF covalently linked to polystyrene beads was applied to
distal axons to determine if the application could produce a retrograde survival signal
by activating axonal surface TrkA receptors in the absence of internalization and
retrograde transport (Maclnnis and Campenot 2002). We utilized the fact that after
30 h of retrograde transport of ['*I]NGF, the vast majority of the ['*’I] transported has
been released into the proximal compartment medium and only a small steady-state
level remains in the cell bodies/proximal axons. Thus, the ['*°T] present in the medium
after 30 h is an accurate estimate of the amount of NGF retrogradely transported. We
found that ['*I]NGF, covalently linked to 1 um-diameter polystyrene beads to pre-
vent internalization, activated TrkA on the neurons and supported neuronal survival
when supplied to distal axons nearly as effectively as 50 ng ml~'-free NGF.

To evaluate the possibility that neuronal survival could have been supported by
['*IINGF that had been released from the beads, taken up by the distal axons, and
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retrogradely transported to the cell bodies, distal axons were supplied with ['*°]
NGF beads for 30 h, and the amount of ['*]] released into the medium bathing the
cell bodies/proximal axons during the incubation was determined, along with the
fraction of neurons surviving at the end of the incubation. Results were compared
with the survival and ['*]] released by cell bodies/proximal axons of neurons that
had been given free ['*I] NGF at concentrations ranging over six orders of magnitude.
['*IINGF beads applied to distal axons supported the survival of 84% of the
neurons, while the retrograde transport of ['*I] was barely detectable. A similar
level of survival support was obtained in cultures given 5 ng ml~! ['>I] NGF, which,
however, transported at least 250 times the ['*I]NGF that could have been trans-
ported by neurons supplied with ['*I]NGF beads. The lack of correlation between
the level of ['*IINGF transport and neuronal survival was further demonstrated in
neurons that were given 0.5 ng ml™! of ['*I]NGF, which transported over 20 times
more ['ZI] NGF than could have been transported from ['*IINGF beads, but in
which survival (i.e., 29%) was not well supported. This is likely to be a substantial
underestimation of initial transport, which was inadequate to support neuronal
survival, inasmuch as 71% of the neurons died during the incubation, and therefore,
did not transport NGF during the full 30 h. These results show that when the retro-
grade transport of NGF was nearly or completely eliminated, activation of TrkA
receptors on the surfaces of the distal axons produced a retrograde signal that
almost fully supported neuronal survival. This result is strong evidence for the
existence of a retrograde signal involved in supporting neuronal survival that does
not involve the retrograde transport of NGF-containing signaling endosomes.
Explanations have been offered, which interpret the aforementioned results
within the context of the NGF-containing signaling endosome-only hypothesis (Ye
et al. 2003); however, they need to be examined critically from an analytical stand-
point. Thus, it has been argued that barely detectable amounts of ['*IINGF must
have been released from the beads, taken up in signaling endosomes, and retro-
gradely transported to the neuronal cell bodies, producing neuronal survival.
To account for the inability of 0.5 ng ml™! free ['*I]NGF to support neuronal survival, it
was further proposed that even though the ['*I]NGF retrogradely transported in
this group was more than 20 times the transport that could have occurred from
beads, it must not have been carried by signaling endosomes that were functional.
The basis provided for the latter assertion is that the low concentration of 0.5 ng m1™!
NGF is insufficient to activate TrkA receptors (Ye et al. 2003). However, if
0.1 ng ml™" NGF produced half-maximal phosphorylation of TrkA in PC12 cells
(Kaplan et al. 1991), then five times more certainly it would have produced phos-
phorylation of TrkA. Moreover, the transport of ['*I]NGF was specific and recep-
tor-mediated, as it was competed in cultures provided with and excess of unlabeled
NGF. Had the endocytosis and retrograde transport of ['*I]NGF been by means of
bulk uptake of the medium, at 0.5 ng ml™' NGF, 24 ul of medium would have to be
transported per culture to account for the transport of 12 pg of NGF. This is 536
times the volume of the approximately 2,000 neuronal cell bodies present in a culture.
At this rate, bulk endocytosis and transport of medium containing 12 pg of NGF
would replace the cell body volume every 3.4 min during the 30 h incubation.
These considerations indicate that the ['*I]NGF transported by cultures that were
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given 0.5 ng ml™' NGF did not arise from nonspecific, bulk endocytosis, but by
binding to receptors that it presumably activated. To explain how a barely detectable
transport of ['IINGF in cultures exposed to ['*I]NGF beads could produce a
retrograde survival signal, it was proposed that the massive activation of surface
TrkA by bead-bound NGF somehow promoted the uptake and loading into “com-
petent” NGF-containing signaling endosomes of a small amount of ['*I]NGF,
hypothesized to have been spontaneously released from the surface of the beads
(Ye et al. 2003).

The possibility that one NGF dimer bound to a single pair of TrkA receptors can
be taken up into a functional signaling endosome has been suggested in another
study. It was shown, using compartmented cultures of dorsal root ganglion neurons,
that supplying NGF bound to quantum dots results in the retrograde transport of
vesicles containing individual quantum dots; each quantum dot presumably bearing
an individual NGF dimer (Cui et al. 2007). The size of the quantum dot-containing
endosomes ranged from 50 to 100 nm, and the average velocity of retrograde transport
of quantum dot-containing vesicles varied among axons, ranging from 0.93 to
2.29 um s7'. The internalization of quantum dot-NGF (QD-NGF) was blocked by
K252a applied to distal axons, which blocks TrkA phosphorylation (see below),
suggesting that activation of one TrkA dimer at the cell surface could promote
internalization, further implying that endosomes containing a single NGF dimer are
functional signaling endosomes.

Supporting this conclusion was the association of TrkA and phosphorylated
Erk1/2 with some QD-NGF-containing endosomes. The analysis of quantum dots
showed a frequency of 14 quantum dots per millimeter in proximal axons of dorsal
root ganglion neuron cultures, which had 0.2 nM QD-NGF (equivalent to
2.6 ng ml™' NGF) applied at their distal axons. There were 83 quantum dots per
millimeter in cultures exposed to 2 nM QD-NGF (equivalent to 26 ng ml~! NGF) at
their distal axons, and 252 quantum dots per millimeter in cultures given 20 nM
QD-NGF (equivalent to 260 ng ml~! NGF). This is a very low level of NGF trans-
port when considering the effect that equivalent concentrations of free NGF have
(see below), which suggests that NGF bound to a quantum dot likely changes the
kinetics of NGF receptor binding and internalization. As the quantum dots were
5 nm in diameter, steric hindrance might interfere with the simultaneous activation
of nearby TrkA receptors, and prevent the clustering of NGF-bound TrkA, which
could lead to decreased uptake. Moreover, not enough is known about these mecha-
nisms to predict what effects this might have on the biological activity.

QD-NGF was shown to be biologically active in the PC12 cell line, in which it
induced neurite outgrowth; however, neurite outgrowth could have been induced as
well by activation of TrkA on the cell surfaces. Moreover, it was not reported
whether QD-NGF applied to distal axons of dorsal root ganglion neurons was able
to support neuronal survival. Even if survival could be supported by QD-NGF
applied to distal axons, the distal axons were intensely labeled with quantum dots
over their entire lengths, while only a few quantum dots were transported. It is clear
from results of our ['*IINGF bead experiments that a retrograde signal downstream
of TrkA activated on the surfaces of the distal axons could have supported neuronal
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survival. Nevertheless, not reporting retrograde survival effects of QD-NGF in
neurons is a serious omission. As it was concluded that a few NGF dimers bound
to TrkA may have significant biological function, it would be important to know if
QD-NGF applied to distal axons supported survival or produced any other biological
effects. Biological effects were shown exclusively by direct application of QD-NGF
to PC12 cells, which, like the distal axons exposed to QD-NGF in compartmented
cultures, would be expected to have QD-NGF bound over their entire surfaces. This
would likely produce a much larger TrkA signal than could have been produced by
a few signaling endosomes traveling along an axon.

It would be instructive to draw a comparison between the effects of free and bead-
bound NGF for the purposes of a realistic overview of the potential significance of
the two modes of action. While ['*’I] labeling studies cannot track individual ['*]]
NGF dimers, the total transport of ['*T]NGF during an incubation can be calculated,
providing a basis for comparison with the quantum dot data. Neurons exposed to
50 ng ml! ['*T]NGF at their distal axons transported 657 pg of NGF per culture during
the 30 h incubation, equivalent to 15.2 x 10° NGF dimers per culture (Maclnnis and
Campenot 2002). Assuming 2,000 neurons per culture, this amounts to 7.6 x 10°
NGF dimers transported per neuron during the 30 h incubation period. At this rate,
each neuron would have transported 70.3 dimers per second. Assuming an average
transport velocity of 2 um s', a 1 mm length of axon will deliver its NGF-containing
vesicles to the cell body in 500 s. Therefore, in the case of neurons, in which
50 ng ml~! NGF is applied at their distal axons, the initial segment of axon extending
from the cell body to the first branch point would contain 35,200 NGF dimers per
millimeter of length. This would exceed the density of quantum dots in axons supplied
with 260 ng ml™' QD-NGF by 140x. If one NGF dimer was contained in a single
100 nm-diameter signaling endosome, and the endosomes were linearly distributed
in close proximity to each other within the axon, the endosome column would be
3.52 mm long. Clearly, this amount of NGF is not transported in endosomes, in
which each would contain a single or just a few NGF dimers.

In the case of neurons given 5 ng ml~! ['*I]NGF, the lowest concentration tested
that supported neuronal survival, the analysis shows that NGF would be delivered
at a rate of 10.7 dimers per neuron per second, and the initial segment of the axon
would contain 5,350 dimers per millimeter of axon. In the case of neurons given
0.5 ng ml™' NGE, a concentration that did not support neuronal survival, the NGF
dimers would be delivered at a rate of 1.29 dimers per second, and the initial axon
segment would contain 645 dimers per millimeter. This is a substantial underesti-
mation of the actual level of transport in neurons, given an insufficient survival
concentration of 0.5 ng ml~! ['*I]NGF, because the majority of neurons die during
the incubation and would not have transported for the entire 30 h. Thus, assuming
that even if a single NGF dimer can be internalized into a functional signaling endo-
some, it seems very unlikely that the retrograde transport of just a few NGF dimers
can support the survival of sympathetic neurons. If the low level of retrograde trans-
port observed in cultures given ['*IINGF beads represents transport of signaling
endosomes, this would amount to the delivery of 0.06 NGF dimers per second, requiring
a density of 30 dimers per millimeter in the initial segment of the axon. While this
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is in the range observed in the quantum dot study (Cui et al. 2007), the ability of these
low levels of NGF transport to support neuronal survival was not examined.

Attempts to explain how NGF beads produce NGF-containing signaling endo-
somes seem to be based on the assumption that very low amounts of NGF, even
possibly single dimers, can produce functional signaling endosomes, while under
other conditions, relatively massive amounts of retrogradely transported NGF
are not carried by functional signaling endosomes at all. Rather than supporting the
signaling endosome hypothesis, these ad hoc explanations seem to stem from
the conviction that NGF-containing signaling endosomes are the only credible
mechanism for retrograde NGF signaling. We have preferred to make the more
straight-forward interpretation; namely, that activation of TrkA on distal axons without
significant internalization, and retrograde transport of NGF still produces a retro-
grade signal that supports neuronal survival, which must, therefore, be mediated by
another mechanism. As pointed out by Thomas Kuhn, scientific hypotheses that are
tenaciously held are highly resistant to changes and only do so in the face of multiple
lines of evidence (Kuhn 1962). Let us now turn to a second requirement of the
signaling endosome-only hypothesis — the appearance of phosphorylated TrkA in
the cell bodies.

4.4 Retrograde Appearance of Phosphorylated TrkA

As required by the signaling endosome hypothesis, application of NGF to the distal
axons of rat sympathetic neurons in compartmented cultures results in the appear-
ance of phosphorylated TrkA in the cell bodies/proximal axons (Senger and
Campenot 1997). To determine if the retrograde appearance of phosphorylated TrkA
is required for retrograde survival signal, inhibitors of TrkA phosphorylation were
applied in the proximal compartments to block any retrograde phosphorylated TrkA
signal that may be occurring. We used the traditional Trk phosphorylation blocker,
K252a (Maclnnis et al. 2003), as well as a more recently identified blocker, G66976
(Mok and Campenot 2007). Both drugs completely blocked the phosphorylation of
TrkA in the compartment in which they were applied. Because NGF-induced
neuronal survival requires the NGF-induced phosphorylation of TrkA, each drug
induced apoptosis as expected when applied to the distal axons of rat sympathetic
neurons in the compartmented cultures supported by NGF exposure only to distal
axons. However, the appearance of phosphorylated TrkA in the cell bodies/proxi-
mal axons was completely prevented without diminishing the survival of the neu-
rons by application of K252a or G66976 to the cell bodies and proximal axons of
neurons treated with NGF only at their distal axons. Thus, it appears that blocking
the accumulation of phosphorylated TrkA in the cell bodies/proximal axons did not
prevent or even diminish the potency of the retrograde survival signal induced by
NGF provided to the distal axons. In addition, we found that in neurons that are
given NGF at their distal axons, blocking of TrkA phosphorylation in the cell bodies/
proximal axons with K252a or G66976 did not block the retrograde phosphorylation
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of downstream signaling molecules, Akt and CREB. These results controvert the
signaling endosome-only hypothesis because inhibition of TrkA signaling at the
cell bodies should abolish any signal carried by NGF bound to phosphorylated
TrkA in signaling endosomes. Although there is a report that K252a applied to the
cell bodies of rat sympathetic neurons in compartmented cultures does inhibit NGF
retrograde survival signaling (Ye et al. 2003), it may be accounted for by differ-
ences in the cultures (see Sect. 5).

Alternative explanations do not seem adequate to explain the effects of the TrkA
inhibitors. Like all pharmacological agents, these inhibitors can have multiple
effects. However, in drug-only control experiments, G66976 did not promote the
survival of NGF-deprived neurons when applied to the cell bodies and proximal
axons. This indicates that G66976 did not support neuronal survival by another
mechanism at the cell bodies, while blocking the function of signaling endosomes
arriving from the distal axons. K252a did produce a partial survival effect on its
own when applied to cell bodies and proximal axons of NGF-deprived neurons, but
not the full survival effect that was present when the neurons were given NGF at
their distal axons. The well-known survival-promoting effect of K252a was, in fact,
the reason we undertook experiments with G66976. G66976 completely blocked
the retrograde survival effect of NGF when applied to the distal axons, while not
blocking retrograde survival at all when applied to the cell bodies and proximal
axons. It is interesting that K252a also produced its survival effect when applied to
the distal axons of NGF-deprived neurons. It is unlikely that membrane-permeant
K252a entering the distal axons is retrogradely transported to the cell bodies to
exert survival-promoting effects, because the drug would diffuse out of the neuron
and equilibrate with the vastly greater volume of the bathing medium to achieve a
virtually zero intracellular concentration. Thus, it seems likely that K252a perturbs
a signaling system in the distal axons that can produce a retrograde signal, which
partially supports neuronal survival. This suggests that a retrograde survival signal
can be produced by altering signaling mechanisms in the distal axons without pro-
ducing retrograde transport of NGF and phosphorylated TrkA in signaling
endosomes.

In summary, three lines of evidence are contrary to the predictions of the signaling
endosome-only hypothesis: (1) neurons display the nuclear accumulation of activated
c-jun after NGF withdrawal, while they still contain substantial amounts of inter-
nalized NGF; (2) bead-bound NGF supplied to distal axons supports neuronal survival;
and (3) block of TrkA phosphorylation in the cell bodies and proximal axons does not
block the ability of NGF at distal axons to support neuronal survival.

5 Evidence for a Retrograde Apoptotic Signal

Thomas Kuhn observed that replacement of a scientific theory requires not only
evidence against the theory, but also evidence for an alternative theory (Kuhn
1962). New evidence suggests that in addition to producing retrograde NGF survival
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signals, distal axons possess a mechanism that can generate an apoptotic signal that
travels retrogradely to the cell bodies, where it triggers the initiation of the apop-
totic program that kills the neuron. A death signaling mechanism intrinsic to the
distal axon would have countervailing implications for the concept of an NGF
retrograde survival signal. Although perhaps counterintuitive, the retrograde survival
signal would comprise the absence of an active retrograde transport process that
mediates survival. Rather, it would entail a local mode of action by NGF on the
distal axon to suppress the generation of a retrograde death signal.

Our first indication of the existence of a retrograde apoptotic signal generated in
NGF-deprived distal axons was the observation that withdrawal of NGF from
distal axons produced the nuclear accumulation of activated c-jun in the cell
bodies within 6 h in virtually all the neurons, even under conditions in which cell bodies
and proximal axons were provided with 50 ng ml~' NGF and the neurons survived
(Mok et al. 2009). It seemed unlikely that the nuclear accumulation of activated
c-jun in neurons treated under this protocol resulted from the loss of NGF-induced
retrograde survival signals due to NGF deprivation of the distal axons. This infer-
ence is based on the efficacy of NGF acting on the cell bodies and proximal axons
to provide more potent NGF-induced changes in gene expression than can be
achieved by NGF applied only at the distal axons (Toma et al. 1997). The experi-
mental findings would be consistent with a pro-apoptotic signal generated in NGF-
deprived distal axons that traveled retrograde to the cell bodies to initiate the
apoptotic response. The absence of apoptosis, however, would be explained by an
interruption occurring downstream of c-jun activation, due to survival signals
produced by TrkA activation in cell bodies supplied with NGF.

To further determine if retrograde c-jun activation arising from NGF-deprived
distal axons resulted from the loss of a retrograde survival signal or the production
of a retrograde apoptotic signal, axonal transport was blocked with colchicine.
Treatment of distal axons with colchicine was effective because it virtually abol-
ished the retrograde transport of fluorescent, cy3-labeled NGF. Colchicine applied
to NGF-deprived distal axons blocked the retrograde accumulation of phosphor-
ylated c-jun in the cell bodies, indicating that apoptosis, produced by NGF-
deprivation in distal axons, was initiated by a retrogradely transported “apoptotic”
signal traveling to the cell bodies. This result clearly indicates that loss of NGF
signaling in the distal axons impacts the cell bodies by mechanisms distinct from
the loss of NGF retrograde survival signals reaching the cell bodies. Since c-jun is
pro-apoptotic in rat sympathetic neurons (Palmada et al. 2002), the putative signal
blocked by colchicine appears to be a pro-apoptotic signal generated in NGF-
deprived distal axons.

Disassembly of microtubules with colchicine, not surprisingly, causes axons to
disintegrate when applied for 18 h; therefore, it was not possible to determine if a
24-h treatment of NGF-deprived distal axons could block apoptosis. However, a
screen of kinase inhibitors revealed that rottlerin or chelerythrine blocked the acti-
vation of c-jun, pro-caspase-3 cleavage, and apoptosis when applied to distal axons
of NGF-deprived neurons, but not when applied to the cell bodies/proximal axons
(Mok et al. 2009). This suggests that a target of rottlerin and chelerythrine in the
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distal axons is involved in generating and/or transmitting a retrograde signal to the
cell bodies that activates c-jun and pro-caspase-3, which results in apoptosis.
siRNA knock-down experiments suggested that block of apoptosis by rottlerin
applied to distal axons required the expression of GSK3, one of the targets of rot-
tlerin and chelerytherine. Thus, GSK3 in distal axons may play a role in the genera-
tion and/or transport of the retrograde apoptotic signal.

A retrograde apoptotic signal may explain the results of a study that obtained
different results from ours in investigations of K252a. In that study, K252a, applied
to cell bodies and proximal axons of rat sympathetic neurons in compartmented
cultures, blocked the ability of NGF acting on distal axons to activate survival
signaling in the cell bodies and to support neuronal survival, as predicted by the sign-
aling endosome-only hypothesis (Ye et al. 2003). However, inspection of a
photomicrograph of the neurons used in that study reveals that most of the distal
axons were misdirected during outgrowth, so as to remain within the proximal
compartment. This was apparently a general phenomenon, because immunoblots of
total TrkA and molecular markers used as loading controls showed far greater
abundance in the proximal compartment cell extracts than in the distal compart-
ment extracts. Thus, it was clear that most of the distal axons did not cross the
barriers into the distal compartments, remaining instead within the proximal
compartments.

In retrograde signaling experiments, NGF is withdrawn from the proximal com-
partments to establish the condition where survival support is obtained entirely
from NGF at the distal axons. Therefore, cultures in which most of the distal axons
remain in the proximal compartments, withdrawal of NGF from the cell bodies and
proximal axons also deprives most of the distal axons of NGF. This would be
expected to send retrograde apoptotic signals to the cell bodies. In our cultures,
withdrawal of NGF from the cell bodies and proximal axons by replacing it with
anti-NGF does not induce the activation and nuclear accumulation of c-jun; there is
no detectable axonal retrograde death signal produced when NGF is withdrawn
from the cell bodies and proximal axons. Possibly, neurons, in which death signaling
has been activated, do require that signaling endosomes, containing NGF and
activated TrkA, arrive from the subpopulation of distal axons in the distal compartment
to overcome the death signal.

There is evidence that activation of the p75 neurotrophin receptor in sympathetic
neurons by the neurotrophins, BDNF and NT-4, which do not activate TrkA, pro-
duces an apoptotic signal that kills the neuron. Activation of TrkA by NGF blocks
the p75NTR death signal, and this mechanism is implicated in regulating sympa-
thetic neuron survival during development (Bamyji et al. 1998; Majdan et al. 2001;
Deppmann et al. 2008). In all the published work of which we are aware, BDNF or
NT-4 must be added to the culture medium to produce apoptosis by this mechanism,
and so it appears that the retrograde apoptotic signal generated by NGF-deprived
distal axons operates through a different mechanism.

In conclusion, our results suggest that in addition to generating retrograde
survival signals that travel to the cell bodies to activate survival signaling molecules,
such as Akt and CREB, NGF at distal axons suppresses the generation of a retrograde
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apoptotic signal that is activated in NGF-deprived distal axons and travels along
axonal microtubules to the cell bodies, where it triggers the activation and nuclear
accumulation of c-jun, setting in motion the apoptotic mechanism.

6 Conclusions

While the focus of the field has been on retrograde survival signaling by NGF, NGF
produces many changes in gene expression to produce and maintain the differentia-
tion of the neuron. Also, this does not just apply to NGF and the other members of
the neurotrophin family that produce retrograde signals. For example, the cytokine,
LIF, applied at distal axons of rat sympathetic neurons produces a retrograde signal
that induces cholinergic neurotransmitter function (Ure et al. 1992; Ure and
Campenot 1994).

What has evolved in neurons is an intracellular mass transit system, based on a
local network of roads and highways made of microtubules that are traveled in both
directions by motor-driven organelles, which are capable of going through short
distances between Golgi stack membranes or long distances between the cell body
and axon terminals. In principle, signaling molecules with the proper “ticket” can be
targeted anywhere in the neuron, just as easily as a vesicle taking a short hop
between Golgi cysterns. There is no reason to believe that all the different factors
that produce retrograde signals and all the different neuronal functions they support
can only operate by one specified mechanism; namely, the retrograde transport of
ligand and activated receptor to the cell bodies in signaling endosomes. In fact, given
the complexity of biological systems, this seems in principle to be highly unlikely.

Given the current status of the field, no plausible mechanism of retrograde signal-
ing should be ruled out. A retrograde signal could hypothetically be carried by the
retrograde transport of neurotrophin bound to its receptor in signaling endosomes, by
a propagated mechanism without the retrograde transport of signaling molecules, or
by the retrograde transport of downstream signaling molecules. In the case of NGF,
there is evidence that retrograde signals are likely carried by NGF bound to phospho-
rylated TrkA in signaling endosomes, which has been discussed in several reviews
(Howe and Mobley 2004; Ibanez 2007; Cosker et al. 2008). However, the evidence
supporting the signaling endosome-only hypothesis does not seem compelling.
The possibility of retrograde signals being carried by propagated phosphorylation of
TrkA explains the rapidity of retrograde TrkA phosphorylation, but needs to be further
explored. There is strong evidence that retrograde signals can be carried by the
retrograde transport of molecules downstream of TrkA; specifically, an apoptotic retro-
grade signal generated in axons deprived of NGF.

A most intriguing question is why would NGF withdrawal from distal axons
produce a retrograde apoptotic signal to the cell bodies when the loss of the NGF
retrograde survival signal would kill the neuron anyway. The existence of survival
and death signals generated in distal axons opens up the interesting possibility that
the survival of the neuron could be determined by the balance between survival
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signals from the subset of its axon terminals that have connected to reliable sources
of neurotrophin and apoptotic signals coming from the subset of its axon terminals
that have not been connected to reliable sources of neurotrophin. This could allow
for greater precision in life—death decisions, and since the function of the nervous
system is based upon the development of exquisitely complex circuitry, precision
in the editing process that removes 50% of the original population of neurons dur-
ing development seems highly appropriate.

Axons seem poised to send a death signal to the cell bodies, which could be
unleashed during neurodegenerative disease or after neurotrauma. Investigations of
the possible roles of axonal death signals may lead to new insights into ways to mini-
mize or eliminate damage to the nervous system in disease and after physical insult.
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The Paradoxical Cell Biology of o-Synuclein

Subhojit Roy

Abstract Synucleinopathies are a group of neurodegenerative diseases charac-
terized by accumulation and aggregation of the protein o-synuclein in neuronal
perikarya and processes. In contrast to the proximal localization of o-synuclein in
diseased states, under physiologic conditions, the bulk of a-synuclein is present in
distant presynaptic terminals. Thus, pathologic conditions lead to mislocalization
and aggregation of ai-synuclein in neuronal cell bodies, and an outstanding question
relates to the cell-biological mechanisms that can lead to such mislocalization. Like
most other synaptic proteins, a-synuclein is synthesized in the neuronal perikarya
and then transported into axons and synaptic domains. Accordingly, it has been
hypothesized that disturbances in biogenesis/axonal transport or presynaptic target-
ing of a-synuclein can lead to its mislocalization in diseased states. In this chapter,
key observations that lead to this hypothesis are presented in addition to a review
of some recent literature that has directly addressed this issue. Finally, conflicting
results that have resulted from such studies are also highlighted, and a view is
offered to reconcile these controversies.

1 Introduction

Synucleinopathies or Lewy body (LB) diseases are a heterogenous group of neuro-
degenerative conditions characterized by movement disorders and/or dementias,
and are second only to Alzheimer’s disease (AD) in its prevalence. Common exam-
ples of these conditions include Parkinson’s disease (PD) and dementia with Lewy
bodies (DLB). A key neuropathologic hallmark of these diseases is the perikaryal
and neuritic accumulation and aggregation of the small, 14-kDa protein o-synu-
clein into insoluble, fibrillar structures called Lewy bodies (LBs) and Lewy neurites
(LN), where the wild-type (wt) protein undergoes posttranslational modifications.
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However, while the accumulation/aggregation of a-synuclein is seen in proximal
neuronal compartments, under physiologic conditions, the bulk of a-synuclein is
localized to distant presynaptic terminals. Thus, pathologic events lead to both
accumulation/aggregation and mislocalization of presynaptic a-synuclein in dis-
eased states. The paradoxical localization of a-synuclein in diseased states gives
rise to an interesting problem in neuronal cell biology; namely, how does the presy-
naptic protein a-synuclein mislocalize and accumulate/aggregate proximally in
these diseases? Considering that a-synuclein is synthesized in the neuronal peri-
karyon and is transported along the axons, much like other presynaptic proteins,
subsequently localizing to presynaptic terminals, a leading hypothesis is that
impairments in biogenesis/axonal transport of o-synuclein cargoes, and/or disrup-
tions in presynaptic targeting may be early events leading to mislocalization, and
subsequent accumulation of a-synuclein in synucleinopathies. While recent studies
have attempted to resolve this issue, the results have been controversial, and often
contradictory. In this chapter, the pathologic features of LB diseases and the
evidence linking a-synuclein to these diseases are reviewed. It is then followed by
a review of our current knowledge of the mechanisms underlying the biogenesis/
axonal transport/targeting of wt and pathologically altered a-synuclein, and a
discussion of the controversies in the field.

2 LB Diseases and the Role of o-Synuclein

LB diseases encompass a variety of conditions and a reasonable view of the diverse
disease entities is briefly offered here. Patients with LB diseases often present with
variable symptoms, ranging from a pure “Parkinsonian” movement abnormality
(“pure” PD) to full-blown dementias (“pure” DLB) that resemble AD. The entities
defining LB diseases are complex, largely a result of the heterogeneity in the
clinical and pathologic presentation of these patients, and the diversity of nomen-
clature attributed to these diseases by clinicians over the years. The focus here is on
the common neuropathologic feature in all of these diseases; namely, the proximal
accumulation of a-synuclein, and the main issue is that perikaryal a-synuclein
accumulations in diseased states is almost universal, and the mislocalization of
a-synuclein does not depend on how these entities are segregated.

Substantial evidence links a-synuclein to disease pathogenesis in LB diseases.
First, as mentioned above, perikaryal aggregates of o-synuclein are diagnostic
hallmarks of LB diseases (McKeith et al. 2004). Though many other proteins are
also found in LBs, including neurofilaments and other synaptic proteins, o-synu-
clein is one of its most abundant constituents. In addition to the aggregates in the
cell bodies, most cases have marked “neuritic” pathology, and several studies have
now shown that many of these “neurites” are axonal accumulations of a-synuclein
(Braak et al. 1999; Saito et al. 2003; Orimo et al. 2008). Examples of a-synuclein
pathology in a human brain with LB disease are shown in Fig. 1. In addition,
autosomal-dominant mutations in the a-synuclein gene itself are found in familial
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Fig. 1 Localization of o-synuclein in mature (14 DIV) cultured hippocampal neurons and in a
human brain with LB disease. Cultures were stained with an antibody to a-synuclein and micro-
tubule associated protein — MAP2 (see red/green overlay in ebook). Note that the vast majority of
a-synuclein is localized to presynaptic boutons in these cultures, and very little protein can be
discerned in the perikarya (white arrowhead). The lower right panel shows a-synuclein immuno-
histochemistry in various brain regions of a patient with LB disease. Note the presence of large
inclusions of a-synuclein within the neuronal cell bodies (black arrowheads), as well as the
pathology within neuritic processes (black arrow)

forms of LB diseases. Three of these (A30P, AS3T, and E46K) representing muta-
tions in the respective amino acid positions have been described in several families
(McKeith and Mosimann 2004). Though rare, combined with the other evidence
linking a-synuclein to these diseases, the mutants offer a window into the specific
mechanisms by which changes in the a-synuclein protein can lead to pathology.
Besides these mutations, it was recently found that some families with these
diseases have a duplication or triplication of the a-synuclein gene itself (Singleton
et al. 2003). Such triplication leads to a doubling of the protein levels of
a-synuclein, suggesting that even a modest increase in protein levels can lead to
pathology.

In addition to this compelling evidence from human genetics implicating
a-synuclein in the pathogenesis of such dementias, several mouse models
expressing wt, posttranslationally modified a-synucleins, as well as familial LB
disease mutants replicate key features of these diseases (Masliah et al. 2000;
Kahle et al. 2001; Giasson et al. 2002; Lee et al. 2002; Tofaris et al. 2006), and
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neurodegeneration occurs in fly and other a-synuclein animal models as well
(Feany and Bender 2000; Link 2001; Lakso et al. 2003; Kuwahara et al. 2000).
Thus, collectively, the immunohistochemical, biochemical, genetic, and animal
model data have established a-synuclein as a major player in the pathogenesis of
LB diseases.

3 The Neuronal Cell Biology of a-Synuclein

In mature neurons growing under physiologic conditions, the bulk of a-synuclein
localizes to presynaptic regions. Accordingly, in dissociated cultured hippocampal
neurons, the vast majority of a-synuclein in mature neurons is localized to the
presynaptic terminals (Fig. 1), while in immature neurons, punctate a-synuclein
staining is seen in both axons and dendrites. It was reported by the Banker labora-
tory that in neurons obtained from embryonic (E17-18) mice, the expression of
a-synuclein is selectively suppressed until about 7 days in vitro (DIV), a time when
such neurons begin to robustly generate new synapses (Withers et al. 1997). Based
on this, it was speculated that a-synuclein may have a role in synapse maturation
and synaptic plasticity, and not necessarily in synapse biogenesis. Indeed, the
notion that a-synuclein may be involved in synaptic plasticity is also supported by
the profound increase of a-synuclein expression in brains of songbirds, precisely at
a time when they are actively learning new songs. However, we have found that the
expression of a-synuclein in hippocampal cultures is largely dependent on the
maturity of neurons at the time of plating. While E18 neurons only express a-synu-
clein after 7 days in culture as described by Withers et al., hippocampal neurons
cultured from postnatal (P1-2) mice express o.-synuclein immediately after plating,
and o-synuclein expression can be seen even in neurons that grow in complete
isolation (see Fig. 2). Thus, it is likely that the absence of a-synuclein expression
in 1-7 DIV neurons seen by Withers et al. reflects the immature state of these cells
themselves, and not the effects of synaptogenesis on the expression of a.-synuclein.
Curiously, in addition to synapses, a-synuclein expression is usually seen in the
nucleus as well (arrowhead in Fig. 2). Though the nuclear localization has been less
well studied, a-synuclein has been proposed to play a role in inhibiting histone
acetylation (Kontopoulos et al. 2006).

Previous studies have revealed many key biochemical features of wt and disease-
associated a-synuclein. Briefly, monomeric wt-a-synuclein is a small (140 aa),
natively unfolded protein that binds to acidic phospholipids (Uversky 2007).
Though a-synuclein is known to bind to certain vesicles, it lacks a transmembrane
domain or a GPI anchor, and though the precise mechanisms by which a-synuclein
binds to vesicles is still debated, it most likely involves the a-helical N-terminus.
In diseased states, however, a.-synuclein is thought to self-associate, and this self-
association appears to stabilize the protein, leading to formation of oligomers and
subsequent fibrillar forms, as seen in LBs and LNs in neurons. Within such LBs and
LNs a-synuclein is found to undergo extensive changes, including posttranslational
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Fig. 2 Localization of a-synuclein in immature hippocampal neurons. A 3-DIV hippocampal
neuron obtained from postnatal (P1) mouse brain is stained with an antibody to a-synuclein
and MAP?2 (see red/green overlay in ebook). Note that at this stage of development, punctate
a-synuclein staining is seen in the axon as well as the dendrites. Also note that the o-synuclein
expression in these neurons is not dependent on the connectivity of the cells or the presence of
synapses. The arrowhead depicts the nuclear localization of a-synuclein in these neurons
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modifications like phosphorylation and nitration, as well as C-terminal truncations.
Many of these modifications lead to an acceleration in the rate of aggregation of the
protein in in vitro biochemical experiments (reviewed in Mukaetova-Ladinska and
McKeith 2006). These disease-associated modifications may play a pathogenic
role, as animal models expressing these disease-associated modifications replicate
some features of the disease including neuronal loss, LB-like a-synuclein accumu-
lations, and behavioral abnormalities (Chen and Feany 2005; Tofaris et al. 2006;
Gorbatyuk et al. 2008; Zhou et al. 2008). Thus, collectively, existing data suggest
that specific alterations of wt-ai-synuclein may play an important role in the trans-
formation of a-synuclein into fibrillar LBs and LNs. Similarly, familial disease-
associated mutations in o-synuclein also lead to acceleration in the fibril formation
of the protein, and animal models expressing these mutations replicate some
features of the disease.

4 Mislocalization of Presynaptic o-Synuclein in LB Dementias

Despite all this available information on the steps involved in the transformation of
a-synuclein into fibrillar LBs and LNs, an outstanding question in the field is how
a-synuclein, a protein that is normally localized to distal presynaptic terminals/
boutons (Withers et al. 1997; Kahle et al. 2000), accumulates and aggregates into
LBs and LNs that are seen in proximal neuronal compartments. One possibility is
that in diseased states, pathologically altered a-synucleins fail to localize to presy-
naptic domains, leading to its gradual proximal accumulation, subsequent self-
association, and eventual aggregation. This model of time-dependent accumulation
is supported by studies in sympathetic axons and their cell bodies that are affected
in LB diseases, suggesting that a-synuclein accumulation occurs in a centripetal
fashion, with the axonal accumulation preceding the perikaryal accumulation/
aggregation (Orimo et al. 2008). The notion that a-synuclein accumulation in the
neuronal perikarya occurs gradually is also supported by immunohistochemical
data from human brains with LB diseases showing that a-synuclein staining in
these cases ranges from a mild diffuse perikaryal staining to a more robust pattern
of staining (called “pale bodies™), in addition to the typical donut-shaped LBs that
are strongly positive for a-synuclein (Wakabayashi et al. 2007). These data suggest
that the variable patterns of a-synuclein pathology may represent evolving stages
of LB formation.

What are the specific mechanisms that lead to the mislocalization of a-synuclein
in proximal neuronal compartments? Considering that a-synuclein is synthesized
in the neuronal perikarya and then transported into the axons, eventually localizing
to presynaptic terminals or boutons (Jensen et al. 1999; Li et al. 2004; Saha et al.
2004), it seems reasonable to hypothesize that defects in either the presynaptic
targeting and/or axonal transport/biogenesis of the protein can lead to its
accumulation in diseased states. Another possibility is that the proximal accumulation
of a-synuclein is a result of the failure of degradation of a-synuclein in diseased
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states, as suggested by other groups (Cuervo et al. 2004). This idea is not necessar-
ily mutually exclusive of the notion of transport/targeting abnormalities in LB
diseases. For example, it is conceivable that the abnormally targeted/transported
a-synuclein may present the cell with problems of degrading the stalled o-synu-
clein, or abnormally targeted/transported o-synuclein may facilitate the formation
of pathologic a-synuclein species that are difficult to degrade.

5 Biogenesis and Axonal Transport of wt and Pathologically
Altered o-Synuclein

In this section, our current knowledge about mechanisms involved in the biogenesis
and axonal transport of a-synuclein in physiologic and pathologic states is reviewed.
As a first step, it is important to understand if a-synuclein localizes to a specific
subcellular structure/organelle within the neuron. While a-synuclein’s presynaptic
localization suggests that it may be localized to synaptic vesicles (at least within
synapses), o.-synuclein’s colocalization with vesicles has been difficult to demon-
strate biochemically. While a-synuclein can associate with isolated purified vesicles
in vitro, it behaves as a largely soluble protein in extracts from brains (Kahle et al.
2000). Ultrastructurally, while a-synuclein is clearly present in synaptic domains, it
does not appear to be tightly associated with synaptic vesicles (Clayton and George
1998). Thus, the consensus view is that a-synuclein is transiently associated with
vesicles at synapses, and that this interaction is dynamically regulated. Though
a-synuclein is present as puncta along axons (see Fig. 2), the subcellular structure/
organelle to which it binds during transport, if any, is unknown.

The biogenesis of a-synuclein is not well studied. Being largely a cytosolic
protein, a-synuclein is not likely to traffic via the endoplasmic reticulum (ER)
—Golgi secretory pathway. Surprisingly, however, when expressed in yeast, wt-o.-
synuclein localizes robustly to the plasma membrane, and this localization is likely
to involve the secretory pathway (Dixon et al. 2005). Notably, in the yeast model,
although the A53T mutation also localizes to the plasma membrane like the wt
protein, the A30P mutation behaves like a soluble protein (Cooper et al. 2006;
Soper et al. 2008). Though this result has always been interpreted as indicating the
failed localization of the A30P mutant to the membrane, it could also reflect defects
in ER—>Golgi—plasma membrane trafficking of the mutant protein. Some evi-
dence from nonneuronal cells also suggests a Golgi localization of a-synuclein
(Tompkins et al. 2003), but we have seen that the localization of a-synuclein in
neuronal cell bodies is unchanged by experimental manipulations that tend to
cluster, or disperse other Golgi-derived proteins (our unpublished observations).
Thus we feel that data from yeast model systems that seems to process o-synuclein
very differently from neurons, must be interpreted with caution. Biogenesis of
cytosolic proteins is difficult to study, and it is still unclear how o-synuclein is
synthesized or how pathologic forms of a-synuclein may contribute to defects in
this process.
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In contrast, the overall mechanics of axonal transport of a-synuclein are better
understood. In general, axonal transport conveys proteins synthesized in the neuronal
cell bodies to distant sites, including presynaptic terminals. This is a constitutively
active mechanism that occurs throughout the life of the neuron. Previous studies
have shown that proteins are transported along axons in two overall groups. While
one group of proteins was rapidly transported along axons at speeds of 50-400 mm/
day, the other was transported much more slowly, at rates of only 0.2-8 mm/day.
These two groups were called the fast component and the slow component (SC),
respectively (reviewed in Roy et al. 2005). Closer examination of the SC revealed
that it consisted of two, fairly nonoverlapping groups of proteins — one consisting of
the cytoskeleton, namely, the microtubules and the neurofilaments, and the other, a
slightly faster-moving group consisting of a heterogeneous collection of over 200
diverse proteins. They were called SCa and SCb, respectively.

Previous studies using the classic pulse-chase paradigm have also shown that the
bulk of a-synuclein moves in slow axonal transport, in the sub-group called SCb
using the classic pulse-chase paradigm (Jensen et al. 1999; Li et al. 2004). In these
studies, radiolabeled amino acids were injected in the vicinity of neuronal cell bod-
ies of living animals. The injected label was incorporated into the newly synthe-
sized proteins in the perikarya, and these pulse-labeled proteins, including labeled
a-synuclein, were transported along the axons. As the wave of radiolabeled
a-synuclein moved along the axon, the composition of the labeled o-synuclein at
any given time along the axon varied according to time and distance from the cell
body. Thus, by studying the a-synuclein composition at various points along the
axon, serial “snapshots” of the transported a.-synuclein were obtained, showing that
a-synuclein specifically moved in SCb. It was also reported that a small fraction
(=15%) of a-synuclein moves in the fast component as well (Jensen et al. 1999),
though this was later refuted by a subsequent study (Li et al. 2004). However, it is
noteworthy that small fractions (10-15%) of other SCb proteins like synapsin and
heat shock proteins are also conveyed in the fast component, and the reasons for
this peculiar kinetics of SCb proteins is unclear.

A limitation of the radiolabeling technique is that it can only detect bulk transport
of the entire population of proteins moving in slow or fast transport and individual
cargoes cannot be visualized. Thus, while the overall movement of wt-o.-synuclein
in SCb was well established by the above-mentioned studies, it was not clear how
individual a-synuclein cargoes were transported. Recently, we designed a live-cell
model-system where it is possible to visualize individual a-synuclein and SCb car-
goes in living neurons (Roy et al. 2007). Using this model, we found that individual
a-synuclein, and other SCb cargoes move rapidly in axons, at instantaneous veloci-
ties similar to those of the fast component. However, when compared directly to
various fast component proteins, like synaptophysin and amyloid precursor protein,
slow moving a-synuclein cargoes often underwent pauses during transit, and the
movements were infrequent, unlike the fast component proteins that were trans-
ported much more frequently and persistently. These pauses in transit of individual
slow cargoes made movement of the entire population slow, when averaged over
time. Using this model, we also showed that a-synuclein cargoes were cotransported
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with other SCb proteins in axons (Roy et al. 2007), and that this movement was
microtubule-dependent (Roy et al. 2008). More recent unpublished work from my
laboratory shows that the movement of SCb proteins is an interplay of diffusion and
motor-driven transport, leading to a biased transit of bulk cytosolic cargoes. These
findings will be reported elsewhere shortly.

While the aforementioned studies have focused on the axonal transport of wt-
a-synuclein, two previous studies have specifically looked at axonal transport of
disease-associated familial o-synuclein mutants with seemingly contradictory
results. While one study reported that the two familial disease-associated o-synuclein
mutants A30P and A53T were transported more slowly than the wt protein (Saha
et al. 2004), a subsequent study reported no differences in the transport of the wt
and the mutant protein (Li et al. 2004). Notably, different methods were used to
study axonal transport in these two reports. In Saha et al., the authors determined
transport of wt and mutant o-synuclein in cultured cortical neurons by looking at
bulk transport in fixed cultured neurons. Specifically, cultured neurons were
transfected with the wt- or mutant green fluorescent protein (GFP)-tagged
a-synuclein constructs, and then fixed at varying times posttransfection, allowing
for transport of the transfected GFP-a-synucleins into the axon. The authors
reported that they could locate the advancing “front” of the GFP-a-synuclein
fluorescence in these fixed axons and measure the distance of this “front” from
the cell body at varying times after transfection, as a measure of overall transport
of the transfected wt- or mutant a-synuclein. Using these methods, they reported
that the axonal transport of the a-synuclein “front” was significantly reduced
when the protein had the A30P or AS3T mutations. We note that these methods
to study axonal transport are unconventional and are not yet validated by other
laboratories (or in a variety of fast/slow cargoes). In our opinion, these techniques
could lead to uncontrolled variability due to vagaries of transfection and/or pro-
tein expression, nevertheless, the results reported in these studies are intriguing.

In the study by Li et al. (2004), the authors studied axonal transport of the
A30P and A53T mutant a-synuclein in vivo by the more conventional pulse-
chase type of radiolabeling methods in peripheral sensory and motor nerves, and
failed to see any difference in the axonal transport rates of the two mutants, com-
pared to the wt protein. The reasons for such discrepancies in the transport of
mutant oi-synuclein in these studies are difficult to explain. However, differences
in the methodology or the presence of endogenous mouse a-synuclein in these
studies may account for some of the differences. Alternatively, differences in the
synuclein proteins in the central and peripheral nervous systems may also account
for these discrepancies. Indeed, the distribution of synucleins is quite different in
the two systems, and some synuclein family members (e.g., persyn) are only
present in the peripheral nervous system (Buchman et al. 1998). Saha et al.
(2004) also reported that phosphorylation of a-synuclein at Ser-129 also led to a
reduction in the transport of a-synuclein in their system, but this modification
was not studied by Li et al. in their system. Though the underlying reasons for
these discrepancies are unclear, the lack of consensus in the literature highlights
the need for further studies with model-systems that can (a) directly visualize the
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transport of pathologic a-synuclein cargoes, (b) perform such studies in a
a-synuclein null background, and (c) focus on a-synuclein targeting/transport in
central nervous system neurons.

6 Mechanisms of Targeting wt and
Pathologic a-Synuclein to Synapses

Proteins synthesized in the perikarya are transported into axons and synapses.
Recent data clearly indicates that neurons have evolved specific mechanisms to
“capture” the transiting vesicular cargoes into synapses when needed, so physiologic
functioning of synapses that are distally situated would not be dependent on peri-
karyal protein synthesis, (reviewed in Levitan 2008). Though such mechanisms have
not been shown for SC synaptic proteins yet, it is likely that these do exist for SC
proteins, including o-synuclein as well. In that regard, one possible mechanism of
mislocalization of a-synuclein in diseased states is that the disease-associated
mutant proteins fail to localize to presynaptic domains after reaching their ultimate
destination. To test this idea, many studies have compared the membrane interac-
tions of the familial disease-associated a-synuclein mutants A30P and A53T to that
of the wt protein, in in-vitro preparations, where such binding can be documented
readily. However, the results have been controversial. While some studies showed
decreased membrane-binding of the human A30P and the A53T mutants (Iwai et al.
1995; Jensen et al. 1998; Jo et al. 2000, 2002), others reported an increase in
membrane-binding with the A53T mutant (Sharon et al. 2001; Lotharius et al. 2002),
or no change in membrane-binding of these mutants at all (McLean et al. 2000;
Perrin et al. 2000).

Most of these studies measured the ability of purified human a-synuclein to
insert spontaneously into lipids, and did not take into account cytosolic factors that
can regulate this interaction, including chaperones/cofactors normally present in
the cell. However, a recent study adopted a novel biochemical approach by incu-
bating membrane preparations from mice expressing wt and the A30P and A53T
mutant human a-synucleins (donor) with brain cytosol from a.-synuclein null mice
(acceptor) (Wislet-Gendebien et al. 2006). The rationale was to evaluate the inter-
actions of the mutant o-synucleins with membranes in the presence of cytosolic
factors, thereby mimicking the in vivo situation. The rationale for using the
a-synuclein null brains as the “acceptor” was to eliminate possible confounding
factors introduced by endogenous mouse a-synuclein. These studies showed that
both the human mutations decreased the association of a-synuclein with mem-
branes compared to the wt protein, but remarkably, only in the presence of brain
cytosol. These studies suggest that under conditions that mimic the in-vivo
situation in the brain, both human o-synuclein mutants tend to show reduced
association with synaptic structures, conferring a pathologic signature common to
both human mutants.
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Two studies have also evaluated A30P and AS3T mutant human a-synucleins in
cultured hippocampal neurons from wt mice, expressing endogenous mouse
a-synuclein (Fortin et al. 2004, 2005). Using GFP-tagged human o.-synucleins
transfected in cultured hippocampal neurons from wt mice, these studies showed
that while the A30P mutant was mislocalized to synapses, there was no difference
in the presynaptic targeting of the A53T mutant, compared to the wt protein. These
results in hippocampal cultures seem to contradict the biochemical studies by
Wislet-Gendebien et al. (2006) mentioned above, though both seemingly replicated
an “in vivo like” situation. Intriguingly, however, the one difference between these
two studies is that while the biochemical study used cytosol from oa-synuclein null
mice, the experiments with cultured hippocampal neurons were done in wt-neurons
that express the endogenous mouse a-synuclein as well. Thus, it is possible that the
presence of endogenous mouse o-synuclein may have confounded some of the
observations in the cultured neurons (Fortin et al. 2004). Further studies in a-synu-
clein null neurons are likely to resolve this outstanding issue. Besides these
mutants, little is known about the presynaptic targeting of other pathologic a-synu-
cleins in-vivo.

7 Conclusions and Perspectives

In this chapter, current understanding of the mechanisms underlying defective bio-
genesis/axonal transport/targeting of a-synuclein in diseased states are discussed.
It is clear that despite significant effort by researchers towards understanding the
mechanisms of a-synuclein in health and disease, many basic questions regarding
its biology and pathology remain unanswered. One of the major problems has been
the chameleon-like nature of the a-synuclein protein itself, which not only behaves
diversely in in vivo and in vitro settings, but also tends to localize, and behave
anomalously in non-neuronal cells. Unfortunately, the majority of the cell biologi-
cal studies to date have been performed in a variety of non-neuronal cells, making
it difficult to interpret and synthesize the available data. Finally, as noted above,
some of these controversies may be due, at least in part, to the confounding effects
of the endogenous mouse a-synuclein. In summary, though there is tantalizing data
supporting the hypothesis that axonal transport and/or targeting of a-synuclein is
disrupted in diseased states, the lack of systematic studies of transport/targeting of
wt and disease-associated a-synucleins in a suitable model-system is lacking.
Future studies focusing on these outstanding issues may eventually resolve these
controversies and provide a mechanistic basis for mislocalization of this protein in
diseased states.

Acknowledgment Work in our laboratory is supported by grants from the Larry Hillblom foun-
dation, The Alzheimer’s Association, the American Parkinson’s Disease Association, the National
Institute for Aging, and a generous donation to the UCSD Alzheimer’s Center by Darlene and
Donald Shiley.



170 S. Roy

References

Braak H, Sandmann-Keil D, Gai W, Braak E (1999) Extensive axonal Lewy neurites in Parkinson’s
disease: a novel pathological feature revealed by alpha-synuclein immunocytochemistry.
Neurosci Lett 265:67-69

Buchman VL, Hunter HJ, Pinon LG, Thompson J, Privalova EM, Ninkina NN, Davies AM (1998)
Persyn, a member of the synuclein family, has a distinct pattern of expression in the developing
nervous system. J Neurosci 18:9335-9341

Chen L, Feany MB (2005) Alpha-synuclein phosphorylation controls neurotoxicity and inclusion
formation in a Drosophila model of Parkinson disease. Nat Neurosci 8:657-663

Clayton DF, George JM (1998) The synucleins: a family of proteins involved in synaptic function,
plasticity, neurodegeneration and disease. Trends Neurosci 21:249-254

Cooper AA, Gitler AD, Cashikar A, Haynes CM, Hill KJ, Bhullar B, Liu K, Xu K, Strathearn KE,
Liu F, Cao S, Caldwell KA, Caldwell GA, Marsischky G, Kolodner RD, Labaer J, Rochet JC,
Bonini NM, Lindquist S (2006) Alpha-synuclein blocks ER-Golgi traffic and Rabl rescues
neuron loss in Parkinson’s models. Science 313:324-328

Cuervo AM, Stefanis L, Fredenburg R, Lansbury PT, Sulzer D (2004) Impaired degradation of
mutant alpha-synuclein by chaperone-mediated autophagy. Science 305:1292-1295

Dixon C, Mathias N, Zweig RM, Davis DA, Gross DS (2005) Alpha-Synuclein targets the plasma
membrane via the secretory pathway and induces toxicity in yeast. Genetics 170:47-59

Feany MB, Bender WW (2000) A Drosophila model of Parkinson’s disease. Nature
404:394-398

Fortin DL, Troyer MD, Nakamura K, Kubo S, Anthony MD, Edwards RH (2004) Lipid rafts
mediate the synaptic localization of alpha-synuclein. J Neurosci 24:6715-6723

Fortin DL, Nemani VM, Voglmaier SM, Anthony MD, Ryan TA, Edwards RH (2005) Neural
activity controls the synaptic accumulation of alpha-synuclein. J Neurosci 25:10913-10921

Giasson BI, Duda JE, Quinn SM, Zhang B, Trojanowski JQ, Lee VM (2002) Neuronal alpha-
synucleinopathy with severe movement disorder in mice expressing AS3T human alpha-
synuclein. Neuron 34:521-533

Gorbatyuk OS, Li S, Sullivan LF, Chen W, Kondrikova G, Manfredsson FP, Mandel RJ, Muzyczka N
(2008) The phosphorylation state of Ser-129 in human alpha-synuclein determines neurode-
generation in a rat model of Parkinson disease. Proc Natl Acad Sci USA 105:763-768

Iwai A, Masliah E, Yoshimoto M, Ge N, Flanagan L, de Silva HA, Kittel A, Saitoh T (1995) The
precursor protein of non-A beta component of Alzheimer’s disease amyloid is a presynaptic
protein of the central nervous system. Neuron 14:467-475

Jensen PH, Li JY, Dahlstrom A, Dotti CG (1999) Axonal transport of synucleins is mediated by
all rate components. Eur J Neurosci 11:3369-3376

Jensen PH, Nielsen MS, Jakes R, Dotti CG, Goedert M (1998) Binding of alpha-synuclein to
brain vesicles is abolished by familial Parkinson’s disease mutation. J Biol Chem
273:26292-26294

Jo E, McLaurin J, Yip CM, George-Hyslop P, Fraser PE (2000) Alpha-Synuclein membrane inter-
actions and lipid specificity. J Biol Chem 275:34328-34334

Jo E, Fuller N, Rand RP, George-Hyslop P, Fraser PE (2002) Defective membrane interactions of
familial Parkinson’s disease mutant A30P alpha-synuclein. J] Mol Biol 315:799-807

Kahle PJ, Neumann M, Ozmen L, Muller V, Jacobsen H, Schindzielorz A, Okochi M, Leimer U,
der PH Van, Probst A, Kremmer E, Kretzschmar HA, Haass C (2000) Subcellular localization
of wild-type and Parkinson’s disease-associated mutant alpha-synuclein in human and trans-
genic mouse brain. J Neurosci 20:6365-6373

Kahle PJ, Neumann M, Ozmen L, Muller V, Odoy S, Okamoto N, Jacobsen H, Iwatsubo T,
Trojanowski JQ, Takahashi H, Wakabayashi K, Bogdanovic N, Riederer P, Kretzschmar HA,
Haass C (2001) Selective insolubility of alpha-synuclein in human Lewy body diseases is
recapitulated in a transgenic mouse model. Am J Pathol 159:2215-2225



The Paradoxical Cell Biology of a-Synuclein 171

Kontopoulos E, Parvin JD, Feany MB (2006) Alpha-synuclein acts in the nucleus to inhibit his-
tone acetylation and promote neurotoxicity. Hum Mol Genet 15:3012-3023

Kuwahara T, Koyama A, Gengyo-Ando K, Masuda M, Kowa H, Tsunoda M, Mitani S, Iwatsubo
T (2006) Familial Parkinson mutant alpha-synuclein causes dopamine neuron dysfunction in
transgenic Caenorhabditis elegans. J Biol Chem 281:334-340

Lakso M, Vartiainen S, Moilanen AM, Sirvio J, Thomas JH, Nass R, Blakely RD, Wong G (2003)
Dopaminergic neuronal loss and motor deficits in Caenorhabditis elegans overexpressing
human alpha-synuclein. J] Neurochem 86:165-172

Lee MK, Stirling W, Xu Y, Xu X, Qui D, Mandir AS, Dawson TM, Copeland NG, Jenkins NA,
Price DL (2002) Human alpha-synuclein-harboring familial Parkinson’s disease-linked
Ala-53Thr mutation causes neurodegenerative disease with alpha-synuclein aggregation in
transgenic mice. Proc Natl Acad Sci USA 99:8968-8973

Levitan ES (2008) Signaling for vesicle mobilization and synaptic plasticity. Mol Neurobiol
37:39-43

Li W, Hoffman PN, Stirling W, Price DL, Lee MK (2004) Axonal transport of human alpha-
synuclein slows with aging but is not affected by familial Parkinson’s disease-linked muta-
tions. J Neurochem 88:401-410

Link CD (2001) Transgenic invertebrate models of age-associated neurodegenerative diseases.
Mech Ageing Dev 122:1639-1649

Lotharius J, Barg S, Wiekop P, Lundberg C, Raymon HK, Brundin P (2002) Effect of mutant
alpha-synuclein on dopamine homeostasis in a new human mesencephalic cell line. J Biol
Chem 277:38884-38894

Masliah E, Rockenstein E, Veinbergs I, Mallory M, Hashimoto M, Takeda A, Sagara Y, Sisk A,
Mucke L (2000) Dopaminergic loss and inclusion body formation in alpha-synuclein mice:
implications for neurodegenerative disorders. Science 287:1265-1269

McKeith I, Mintzer J, Aarsland D, Burn D, Chiu H, Cohen-Mansfield J, Dickson D, Dubois B,
Duda JE, Feldman H, Gauthier S, Halliday G, Lawlor B, Lippa C, Lopez OL, Carlos MJ,
O’Brien J, Playfer J, Reid W (2004) Dementia with Lewy bodies. Lancet Neurol 3:19-28

McKeith IG, Mosimann UP (2004) Dementia with Lewy bodies and Parkinson’s disease.
Parkinsonism Relat Disord 10(Suppl 1):S15-S18

McLean PJ, Kawamata H, Ribich S, Hyman BT (2000) Membrane association and protein con-
formation of alpha-synuclein in intact neurons. Effect of Parkinson’s disease-linked mutations.
J Biol Chem 275:8812-8816

Mukaetova-Ladinska EB, McKeith IG (2006) Pathophysiology of synuclein aggregation in Lewy
body disease. Mech Ageing Dev 127:188-202

Orimo S, Uchihara T, Nakamura A, Mori F, Kakita A, Wakabayashi K, Takahashi H (2008)
Axonal alpha-synuclein aggregates herald centripetal degeneration of cardiac sympathetic
nerve in Parkinson’s disease. Brain 131:642-650

Perrin RJ, Woods WS, Clayton DF, George JM (2000) Interaction of human alpha-Synuclein and
Parkinson’s disease variants with phospholipids. Structural analysis using site-directed muta-
genesis. J Biol Chem 275:34393-34398

Roy S, Zhang B, Lee VM, Trojanowski JQ (2005) Axonal transport defects: a common theme in
neurodegenerative diseases. Acta Neuropathol 109:5-13

Roy S, Winton MJ, Black MM, Trojanowski JQ, Lee VM (2007) Rapid and intermittent cotrans-
port of slow component-b proteins. J Neurosci 27:3131-3138

Roy S, Winton MJ, Black MM, Trojanowski JQ, Lee VM (2008) Cytoskeletal requirements in
axonal transport of slow component-b. J Neurosci 28:5248-5256

Saha AR, Hill J, Utton MA, Asuni AA, Ackerley S, Grierson AJ, Miller CC, Davies AM,
Buchman VL, Anderton BH, Hanger DP (2004) Parkinson’s disease alpha-synuclein muta-
tions exhibit defective axonal transport in cultured neurons. J Cell Sci 117:1017-1024

Saito Y, Kawashima A, Ruberu NN, Fujiwara H, Koyama S, Sawabe M, Arai T, Nagura H,
Yamanouchi H, Hasegawa M, Iwatsubo T, Murayama S (2003) Accumulation of phosphor-
ylated alpha-synuclein in aging human brain. J Neuropathol Exp Neurol 62:644-654



172 S. Roy

Sharon R, Goldberg MS, Bar-Josef I, Betensky RA, Shen J, Selkoe DJ (2001) Alpha-Synuclein
occurs in lipid-rich high molecular weight complexes, binds fatty acids, and shows homology
to the fatty acid-binding proteins. Proc Natl Acad Sci USA 98:9110-9115

Singleton AB et al (2003) alpha-Synuclein locus triplication causes Parkinson’s disease. Science
302:841

Soper JH, Roy S, Stieber A, Lee E, Wilson RB, Trojanowski JQ, Burd CG, Lee VM (2008)
{alpha}-Synuclein-induced aggregation of cytoplasmic vesicles in Saccharomyces cerevisiae.
Mol Biol Cell 19:1093-1103

Tofaris GK, Garcia Reitbock P, Humby T, Lambourne SL, O’Connell M, Ghetti B, Gossage H,
Emson PC, Wilkinson LS, Goedert M, Spillantini MG (2006) Pathological changes in
dopaminergic nerve cells of the substantia nigra and olfactory bulb in mice transgenic for
truncated human alpha-synuclein(1-120): implications for Lewy body disorders. J Neurosci
26:3942-3950

Tompkins MM, Gai WP, Douglas S, Bunn SJ (2003) Alpha-synuclein expression localizes to the
Golgi apparatus in bovine adrenal medullary chromaffin cells. Brain Res 984:233-236

Uversky VN (2007) Neuropathology, biochemistry, and biophysics of alpha-synuclein aggrega-
tion. J Neurochem 103:17-37

Wakabayashi K, Tanji K, Mori F, Takahashi H (2007) The Lewy body in Parkinson’s disease:
molecules implicated in the formation and degradation of alpha-synuclein aggregates.
Neuropathology 27:494-506

Wislet-Gendebien S, D’Souza C, Kawarai T, St George-Hyslop P, Westaway D, Fraser P, Tandon
A (2006) Cytosolic proteins regulate alpha-synuclein dissociation from presynaptic mem-
branes. J Biol Chem 281:32148-32155

Withers GS, George JM, Banker GA, Clayton DF (1997) Delayed localization of synelfin (synu-
clein, NACP) to presynaptic terminals in cultured rat hippocampal neurons. Brain Res Dev
Brain Res 99:87-94

Zhou W, Milder JB, Freed CR (2008) Transgenic mice overexpressing tyrosine-to-cysteine mutant
human {alpha}-Synuclein: a progressive neurodegenerative model of diffuse lewy body dis-
ease. J Biol Chem 283:9863-9870



Organized Ribosome-Containing Structural
Domains in Axons

Edward Koenig

Abstract Periaxoplasmic ribosomal plaques (PARPs) are systematically recurring
ribosome-containing structural domains located in the F-actin-rich periphery of axo-
plasm in myelinated fibers. In contrast, endoaxoplasmic ribosomal plaques (EARPS)
are small, oval-shaped ribosomal aggregate structures randomly dispersed within the
axoplasm of unmyelinated squid giant axons. Ribosomes are attached to a superficial
plaque-like structural matrix, which “caps” the domain at the outer cortical margin
and appears fragmented in subcortical axoplasm. As such, the matrix represents a novel
hallmark of PARP domains. Molecular markers concentrated in PARP domains
include B-actin mRNA, ZBP-1, SRP54, myosin Va and kinesin II molecular motor
proteins. Rapid axoplasmic transport of microinjected heterologous radiolabeled
BC1 RNA to putative PARP domains, mediated pari passu by microtubule- and
F-actin-dependent systems, suggests that translation machinery, anchored by the
matrix could provide targeted destinations for RNA trafficking. As distributed local
centers of protein synthesis along axons, PARPs are likely to share modes of expression
in common with other translational subdomains in neurons.

1 Introduction

An apparent lack of microscopically visible ribosomes in mature axons, which are
the structural sine qua non of translational machinery was long touted as a hallmark
of axons. It gave rise to a fallacious, long-entrenched dogma in neurobiology that
axons do not have an endogenous capacity to synthesize proteins. This review
focuses on systematic specialized ribosome-containing structural subdomains in
vertebrate and invertebrate axonal compartments that conventional microscopic
studies had earlier failed to discern.
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1.1 Initial Efforts to Document RNA in Vertebrate Model Axons

Methods to determine RNA content and nucleotide base composition in the picogram
range developed by Edstrom were essential to documenting RNA in axoplasm and
myelin sheath segments microdissected from formaldehyde-fixed goldfish spinal
cord Mauthner fibers (Edstrom et al. 1962). Later analysis by Edstrom (1964a) indi-
cated that RNA concentration in Mauthner axons in the spinal cord varied along the
axon (i.e., highest at rostral and caudal ends, and lowest in the middle region), while
nucleotide base composition exhibited high proportions of guanine and cytosine,
consistent with those of ribosomal RNA (rRNA). A similar RNA base composition
was observed in axoplasm translated out of denatured myelinated fibers of spinal
accessory nerve root from cat (Koenig 1965).

Spinal cord transection in the goldfish (Edstrom 1964b) induced parallel increases
in RNA content in axoplasm and surrounding myelin sheath. It also led to an unex-
pected parallel elevation in the adenine/guanine (A/G) ratio of RNA in both myelin
sheath and axon over a post transection period of 20-30 days. The higher ratio
reflected a preferential shift in synthesis and enrichment of nonribosomal RNA
transcripts during this period. The results raised the possibility of a common source
of RNA (e.g., periaxonal glial cell bodies) in sheath and subjacent axon (for discussion
of glial-axonal RNA transfer, see Giuditta et al. 2008).

2 Ribosomal RNA (rRNA) in Model Axons

The important issue of ribosomal RNA (rRNA) in axons could not be addressed by
a method that used ribonuclease (RNase) digestion to extract RNA from isolated
cellular samples. Another methodology developed later to extract and to analyze
undegraded RNA from microscopic samples showed that native axoplasm isolated
from Mauthner fibers contained cytoribosomal RNA components typical of goldfish
(Koenig 1979). Earlier, Giuditta et al. (1977) reported that multiple translational
cofactors were present in the squid giant axon, and Giuditta et al. (1980) later docu-
mented cytoribosomal RNA components in isolated squid axoplasm.

Representative electrophoretic profiles of total RNA extracts from Mauthner
(Koenig 1979), and from squid giant fibers (Giuditta et al. 1980) are shown in Fig. 1.
A distinctive feature of axoplasmic RNA profiles of both axons is a disproportion-
ately large 4S, RNA relative to TRNA components, in contrast to RNA extracted
from cell-rich tissues. The relatively large proportion of 4S5, RNA can be explained
by assuming that the tRNA concentration must be large enough to satisfy local
requirements for protein synthesis in a large axonal compartmental volume, in
which there may be a low or modest content of ribosomes. Although the squid giant
axon diameter exceeds that of the Mauthner axon by a factor of 10, size difference
alone is not sufficient to account for the strikingly large differences between the two
axonal profiles. Indeed, differences in organizational characteristics of ribosomal
domains and the frequency of ribosome occurrence are factors that contribute to
profile differences (e.g., see Sects. 5.1, 5.2, and 8).
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Fig. 1 Representative electrophoretic profiles of RNA extracted from axoplasm of (a) goldfish
Mauthner fiber, and (b) squid giant fiber. A shoulder (dashed oval) on the trailing 4S peak in the
“M-axon RNA” profile may be an unresolved SRP 7SL RNA (see text, and Sect. 5.3.1). Note the
large disproportional 4S peak in relation to ribosomal peaks in both axon types, compared to
corresponding RNA profiles from cell-rich tissues (a, b, middle profiles). Note also the
disproportional 4S peak in the squid axon relative to rRNA peaks (a, ax) is much larger in comparison
to that of Mauthner axon (a, M-axon RNA; see text for discussion). Mauthner myelin sheath RNA
(a, M-myelin RNA) also contains rRNA peaks, and a disproportional large 4S peak similar to the
M-axon. In contrast, the cell-rich squid fiber sheath (b, sh) has a typical small 4S peak.
Abbreviations in (b) ax: axoplasm; br: brain; sh: sheath. Records modified from Koenig (1979),
and from Giuditta et al. (1980) are shown with permission from Wiley-Blackwell
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An apparent 15S, peak in Mauthner (M-) axon RNA profile was probably
derived from mitochondrial rRNA. Another consistent characteristic was a trailing
“shoulder” of the 4S_ peak (Fig. 1a), which may be an unresolved 7SL RNA
derived from the signal recognition particle (SRP). Reasons for this inference are
discussed in Sect. 5.3.1.

It is also noteworthy that the myelin sheath of the Mauthner fiber , which is free
of glial cell bodies, contains rRNA components, and a large 45, RNA (Fig. 1a). In
contrast, the unmyelinated fiber sheath surrounding the squid giant axon contains
glial cells, and has a typical small 4S peak (Fig. 1b).

3 Early Random Sightings of Ribosomes in Myelinated Axons

Although a lack of ribosomes was considered the hallmark of axons, there were early
reports of ribosomes in initial axon segments of vertebrate myelinated axons based on
electron microscopy (EM) (Conradi 1966; Palay et al. 1968; Peters et al. 1968). Later,
EM inspection of dorsal roots and ganglia of rat by Zelena (1972) revealed ribosomes
in the initial axon segment, and ribosomal clusters in axons of dorsal root fibers; how-
ever, the probability of finding ribosomes was greatest within the intraganglionic por-
tion of dorsal root fibers. Systematic examination of serial sections extending over
tens-of-micrometers of dorsal root fibers documented ribosome distributions over
lengths of 6.4, 26.2, and 58.8 mm in 3 of the 198 fibers (Pannese and Ledda (1991).

When ribosomes were observed, they were usually located in the peripheral zone
near the axonal membrane in close proximity to the mitochondria (Zelena 1972;
Pannese and Ledda 1991). The latter observations are noteworthy in the light of
recent data that show the importance of local extramitochondrial protein synthesis for
mitochondrial function and viability of growing axons (Hillefors et al. 2007). A final
point of interest is that Pannese and Ledda (1991) reported a low incidence of ribos-
omes (i.e., 0.4%) bound to a tubular endoplasmic reticulum (see Sect. 5.3.1).

4 Alternative Approaches to Investigate Axonal Ribosomes

Although rRNA was extracted from isolated Mauthner axoplasm, EM examination
of random sections yielded no evidence of ribosomes (Koenig 1979), nor did an
earlier EM survey by Edstrom and Sjostrand (1969). If Mauthner axoplasm con-
tains rRNA, then why have conventional histological approaches at light and
ultrastructural levels failed to identify significant ribosomal content? This apparent
paradox prompted an unconventional experimental approach to investigate the
question, utilizing the isolated axoplasmic whole-mount as the principal experi-
mental preparation, and electron spectroscopic imaging (ESI) to remove ambiguity
in the identification of ribosomes at an EM level.
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4.1 Axoplasmic Whole-Mounts

Native axoplasm behaves as a visco-elastic, easily disrupted gel (Sato et al. 1984).
Tensile strength of the axoplasmic core and the ease of translating axoplasm from
its ensheathment improve with an increase in diameter and neurofilament content.
The visco-elastic gel is transformed into a plastic solid by zinc denaturation, which
enhances tensile strength, and isolation of axoplasmic whole-mounts from small
diameter fibers. The isolated preparation (Koenig 1965, 1979, 1991) offered advan-
tages, and the large myelinated Mauthner axon, in which rRNA content was docu-
mented, clearly was the experimental model of choice. Moreover, the acutely
isolated preparation provided a global overview of the axon compartment, in which
the distribution and the localization of RNA could be rapidly evaluated by simple
epifluorescence microscopy after staining with a high affinity fluorescent nucleic
acid binding dye, such as YOYO-1.

Shearing of intercellular adhesive interactions/cross-linking between surfaces of
the axon and the surrounding myelin sheath during translation, however, imposed
limitations for purposes of evaluating localization and distribution of ribosomes
because the latter are located in the cortical zone; i.e., inadvertent loss of peripheral
axoplasmic integrity could result in loss of ribosomes. Preservation of cortical
integrity during translation was variable, or indeterminable due to inconstant physi-
cal properties among experimental fiber preparations. Despite this shortcoming, the
approach yielded unexpected and novel findings.

4.2 Electron Spectroscopic Imaging (ESI) of Ribosomes

Conventional electron microscopy depends on heavy metal staining to obtain visi-
ble contrast. Staining, however, is nonspecific; it can be capricious by failing to
stain, and structures can only be identified by morphological criteria alone. ESI
provides an objective physical basis for identifying ribosomes.

In principle, ESI requires an electron microscope equipped with an energy
spectrometer, and appropriate lens systems to image inelastically scattered elec-
trons emitted from a specimen in the image plane (Ottensmeyer 1986). A high-
energy electron beam that irradiates an ultrathin (10-20 nm) plastic-embedded,
unstained tissue section produces elastically and inelastically scattered electrons.
The latter arise from energy loss (i.e., AE) that occurs at the L, inner shell of
electrons of an element in a specific region of the energy loss spectrum. Ribosomes,
which are particles that have almost 7,000 nucleotides with a corresponding
number of phosphorus (P) atoms, produce a bright ribosome P signal of 25 nm in
size in a low contrast background image, which is readily detectable by ESI (Korn
et al. 1983). The ionization threshold for phosphorus (P) is AE = 132 eV (i.e., phos-
phorus edge). Above the P edge, the relative brightness of the P signal is greatly
augmented in intensity.
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In practice, an energy window of AE > 150 eV is selected for inspection. For a
bright P signal to be specific, it must disappear into the low contrast background
when viewed in an energy window below the P edge (e.g., AE = 110 eV). Thus, a
bright signal above the P edge that fades completely below it is a simple, reliable
test that confirms the specificity of the P signal. Should a bright signal diminish,
but not disappear, it may be a result of mass rather than P (see Door et al. 1997).
An imperative for ESI analysis is exclusion of heavy metal staining, which pre-
cludes fixation of myelin with OsO, that is ordinarily used in conventional EM.
Professor Rainer Martin (Universitit Ulm) examined ultrathin sections of all Epon-
embedded, glutaraldehyde-fixed isolated axoplasmic whole-mounts, and one case
of lipid-extracted isolated myelinated fibers in which ribosomes were mapped by
ESIL

5 Periaxoplasmic Ribosomal Plaque (PARP) Domains
in Vertebrate Myelinated Axons

5.1 PARP Domains in Myelinated Mauthner Axons at a Light
Microscope (LM) Level

Salient characteristics of ribosome-containing domains in axoplasmic whole-mounts
isolated from Mauthner cell fibers (Koenig and Martin 1996) are illustrated in Fig. 2.
YOYO-1 staining reveals discrete, intermittent fluorescent domains distributed along
the axoplasmic whole-mount (Fig. 2a). Their appearance is highly variable, and pre-
digestion with ribonuclease (RNase) eliminates binding of YOYO-1 (Fig. 2al), which
indicates that dye binding depends on undegraded RNA.

Native, nondenatured axoplasmic whole-mounts yield the most optimal struc-
tural detail when cortical integrity is preserved. High magnification reveals
“plaque-like” surface structures with low fluorescence intensity, surrounded by
highly fluorescent perimeters (Fig. 2b, bl). In addition, fluorescent punctae, which
form an underlying “cloud-like” distribution, delimit the axoplasmic boundary of
the domain. The plaque-like surface structure is clearly visible in DIC, or phase
images of corresponding fluorescent domains (Fig. 2c—d1).

The plaque structure is a novel hallmark feature of ribosome-containing domains
in axoplasmic whole-mounts from myelinated fibers, which prompted the name,
periaxoplasmic ribosomal plaques (PARPs) (Koenig and Martin 1996). That these
periodic domains along the axon’s cortical zone contain ribosomes is based on
experiments described in detail elsewhere (Koenig and Martin 1996; Koenig et al.
2000), and briefly reviewed here. Evidence supporting this conclusion includes:
RNase-sensitive binding of high affinity RNA dyes, binding of monoclonal (mAb)
Y-10B antibodies that recognizes the large rRNA subunit (Lerner et al. 1981), and
binding of polyclonal antibodies against human ribosomal P proteins. Finally, ESI
analysis identifies specific 25 nm rRNA phosphorus signals at an EM level (e.g.,
see Sect. 5.2).
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Fig. 2 RNA in PARP domains and collaterals of isolated Mauthner axoplasmic whole-mounts.
(a) Fluorescent PARP domains stained by YOYO-1 are located along the surface boundary of the
whole-mount (note: PARPs on opposite surface are blurred). (al) RNase digestion eliminates
YOYO-1 fluorescence staining. (b, bl) YOYO-1 fluorescent staining of PARP domains of a native
axoplasmic whole-mount, in which fluorescent “punctae” form “cloud-like” distributions subja-
cent to the surface PARP structure (contoured dashed lines), which serve to “delimit” the axoplas-
mic boundary of the domain (note: finely dashed line in (b) marks lateral margin of whole-mount).
(c, d) Examples of PARPs stained with YOYO-1, and (cl, d1) corresponding en face views of
surface-localized structural correlates visible by (c1) phase-contrast, and (d1) DIC images. (e—e2)
Confocal images of a PARP domain in longitudinal profile. (e) YOYO-1 fluorescence staining of
RNA exhibits dense punctate distribution in the cortical and subcortical axoplasm (arrow). (el)
Cortical F-actin layer, and subcortical dense F-actin network (arrow) revealed by rhodamine phal-
loidin fluorescence. (e2) Merging of (e) RNA and (el) F-actin images illustrate the overlapping
co-distributions. Some scattered fluorescent punctae extend well into the axoplasmic core (e, €2).
(f) Phase image of short axon collaterals with bouton-like terminals (dashed circles), projecting
from a whole-mount segment, and (f1) corresponding epifluorescence image after YOYO-1 stain-
ing that reveals RNA localization in nearby PARPs, and in terminals. (g) High power phase image
of a terminal bouton (dashed circle), and (gl) corresponding mAb Y-10B immuno-fluorescence
image, showing punctate ribosomal aggregates. Scale bars: 10 pm. a—e2 from Koenig and Martin
(1996), with permission from Journal of Neuroscience
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A cortical filamentous actin layer characteristically underlies the plasma membrane
of most eukaryotic cells. In the PARP domain, fluorescently labeled punctae, which
are putative polyribosomes (see Sect. 5.2), appear to be an inclusion of the cortical
F-actin layer, and are also codistributed with F-actin in subcortical axoplasm. This
is illustrated in a longitudinal confocal image profile of a PARP domain, in which
RNA is labeled by YOYO-1 (Fig. 2e), and F-actin is labeled by rhodamine—phalloidin
(Fig. 2el). RNA fluorescence (Fig. 2e) codistributes with F-actin fluorescence (Fig.
2el) in the cortical layer, and with a dense meshwork of actin filaments below the
cortical layer (Fig. 2e2). The importance of the actin cytoskeletal network in sup-
porting translational activity in the PARP domain is underscored by strong inhibition
of [*S]met/cys incorporation into axoplasmic proteins in vitro caused by disruption
of the actin cytoskeleton (Sotelo-Silveira et al. 2008).

The axon terminal is a specialized subdomain of the axon, in which protein
synthesis may play a synapse-related functional role (reviewed by Giuditta et al.
2008). The Mauthner axon has periodic short collaterals that project through the
thickness of the myelin sheath to form en passant synapses with a neural network
mediating a reflex “C”-bend of trunk musculature. Collaterals that project from an
isolated whole-mount illustrated in Fig. 2f show variable RNA fluorescence staining
of bouton-like terminals with YOYO-1 (Fig. 2f1). Immuno-labeling of rRNA by
mAb Y-10B, however, at high resolution (Fig. 2g) reveals punctate immunofluores-
cence of ribosomal aggregates (Fig. 2g1).

5.2 ESI of PARP Domains in Mauthner Axons at an EM Level

Selected features of the PARP domain in Mauthner axoplasmic whole-mounts as
revealed by ESI are illustrated in Fig. 3. The domain region is “capped” with a
fenestrated/layered matrix located at the surface margin of axoplasm. The high
contrast matrix appears dark because of very low inelastic scattering of electrons in
the energy window selected for phosphorus detection (Fig. 3a). The matrix is prob-
ably the structural correlate identified in phase and DIC images (see Fig. 2c1, d1).
Bright ribosomal P signals above the P edge (Fig. 3a), which disappear below the
P edge (Fig. 3al), indicate that they are P-rich ribosomes. Clusters of ribosomal P
signals are probably polyribosomes that correspond to fluorescent punctae at a LM
level (Fig. 2b, b1, e).

b
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(c) A PARP domain mapped above the P edge (AE = 150 eV) in a tangentially cut section of a
rabbit whole-mount from a ventral root fiber that contains ribosome aggregates (inset, arrows) and
smaller non-ribosomal RNP P signals (inset, arrowheads) and endoplasmic reticulum (ER). (c1)
Domain mapped below the P edge (AE = 110 eV) indicate that bright signals in (c) are P. (d) A PARP
domain in a lipid-extracted ventral root myelinated fiber, showing cluster complexes of ribosomal
P signals (double headed arrows), mapped above the P edge (AE = 155 eV), and (d1) mapped
above the carbon edge (AE = 300 eV) to reveal corresponding binding matrix sites (double headed
arrows; see text). Scale bars: (a, al) = 0.44 um; (b) = 0.30 um; (d, d1) = 0.15 um. (a-b) Modified
from Koenig and Martin (1996); (c-d1) modified from Koenig et al. 2000, with permission from
Journal of Neuroscience
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Fig. 3 ESI mapping of ribosomal P in PARP domains of Mauthner and rabbit axoplasmic whole-
mounts. (a) A grazing, tangentially cut ultrathin section mapped in an energy window above the
P edge (AE = 150 eV), in which clusters of ribosomes (arrows) that probably represent polyribos-
omes are associated with a structural matrix, and also associated with matrix fragments that are
distributed within subcortical axoplasm. (al) The same PARP domain as in (a) mapped in an
energy window below the P edge (AE = 110 eV) shows loss of bright ribosomal P signals. (b) A
horizontal section through subcortical axoplasm of a PARP domain mapped above the P edge (AE
=150 ¢eV), in which matrix fragments with ribosomal clusters (arrows) are shown in greater detail.
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A fragmentary matrix is also associated with ribosomal P signals in axoplasm
(Fig. 3a, c). It is unknown whether matrix fragments are fragmented, or are actually
structurally continuous with periaxoplasmic PARP matrix. In any case, the frequent
association of ribosomes with the matrix suggests that the latter may serve as scaf-
folding for translational machinery to spatially organize the PARP domain. As such
it could serve as a potential target for RNA trafficking (see Sect. 6).

5.3 PARP Domains in Mammalian Myelinated
Axons at the LM Level

PARP domains in mammalian myelinated axons were examined in axoplasmic
whole-mounts from dorsal and ventral spinal nerve fibers of rabbit and rat (Koenig
et al. 2000). Intermittent distribution of PARPs along the surface boundary of
whole-mounts was similar to Mauthner axons, but different from standpoints of
size and configuration complexity.

Mammalian PARPs exhibit a simpler configuration, in being narrow, elongated
domains (Fig. 4). Measurements of PARP sizes in a subset of rabbit axoplasmic
whole-mounts that ranged 4—-12 mm in diameter were performed on 378 PARPs
stained with either YOYO-1, or mAbY-10B. PARP lengths, ranging 1-45 mm, had
a mean length of 9.7 £ 5.9 mm, and a mean width of 2.1 + 0.6 mm. Long PARPs
are observed especially in whole-mounts isolated from old animals (Fig. 4al, a2).

When PARPs are viewed with either DIC, or phase optics, the plaque structure
appears as an excrescence, protruding from the surface margin of the whole-mount
(Fig. 4c—g) similar to that observed in the goldfish (Fig. 2c1, d1). High resolution
polyribosomal punctate fluorescence (Fig. 4b, b1, d1-hl) is similar in configura-
tion with that of the “encompassing” phase plaque structures (Fig. 4d-h1). Again,
this suggests that the structural matrix provides a requisite scaffold for docking
translational machinery (see Sect. 5.2).

RNA labeling in nodes of Ranvier by YOYO-1 was only infrequently observed
(Fig. 41, j1), and the pattern of fluorescence was highly variable, unlike the stereo-
typed pattern characteristic of PARP domains. There was also no distinctive surface
structural correlate.

Kun et al. (2007) performed in situ hybridization (ISH) of rRNA, and immuno-
cytochemistry at LM and EM levels to survey localization/distribution of ribosomes
in the axons of intact rat sciatic nerve fibers. ISH of rRNA localized at the axon
boundary, consistent with the location of PARP domains. Immuno-reaction depos-
its of polyclonal antibodies, raised against a purified rat brain ribosomal fraction,
localized to similar peripheral axonal sites, and scattered discrete sites within the
axoplasmic core. Occasional “multivesicular” structures spanning the myelin—axon
interface boundaries, containing discrete immuno-reactive deposits at the pole pro-
truding into the axon compartment were also described. The authors suggested
these ribosome-containing multivesicular structures might be engaged in transcel-
lular transfer of ribosomes (see Sect. 6).
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Fig. 4 Ribosome or RNA labeling of PARP domains, and in nodes of Ranvier of axoplasmic
whole-mounts from rabbit ventral root fibers. (a) Low power image of isolated whole-mounts
immuno-labeled by mAb Y-10B to illustrate random longitudinal distribution of PARP-containing
ribosomes. Large PARP domains in whole-mounts of an older animal, in which (al) ribosomes
are immuno-labeled by mAb Y-10B, and (a2) RNA is labeled by YOYO-1. (a3) RNase digestion
of the same whole-mounts shown in (a2) removes bound YOYO-1 fluorescence. (b, b1) Immuno-
labeling of ribosomes by mAb Y-10B of PARP domains in high-resolution images reveal circum-
scribed fluorescent punctate distributions, which are probably polyribosomes (see fext). (c, c1)
Low power DIC, and corresponding phase images of the same whole-mount, reveal the distinctive
structural excrescence that marks PARP domains at the surface boundary of the whole-mount.
(d-h) Phase structural correlates of PARP domains, and (d1-h1) corresponding mAb Y-10B fluo-
rescence labeling of ribosomal distributions show that configurations of the ribosome distributions
parallel those of the structural correlates. (i, j) Phase images of two nodes of Ranvier, and (il, j1)
corresponding RNA fluorescence labeling by YOYO-1. RNA fluorescence distributions in occa-
sionally labeled nodes are variable, and lack apparent phase structural correlates. Scale bars: 10
um. (a-hl) from Koenig et al. (2000) with permission from Journal of Neuroscience

5.3.1 Evidence for Signal Recognition Particle in PARP Domains

Eukaryotic signal recognition particle (SRP) is a ribonucleoprotein complex, com-
posed of a 7SL. RNA backbone, and six associated proteins. SRP RNA, mapped by
ESI, was shown to be ellipsoidal in shape that measured 15 nm (Bazzett-Jones 1988).
SRP54, an associated protein, binds nascent chains of secretory/membrane polypep-
tides to interrupt translation transiently on ribosomes, and targets the ribosome-nas-
cent chain complex to the ER, where it also mediates GTP dependent binding to the
signal recognition site to resume translation (see Keenan et al. 2001).
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A number of observations are consistent with the probability of SRP particles in
the axon compartment. As noted previously (see Sect. 2), an unresolved peak in the
trailing 4S peak is probably 7SL RNA (Fig. 1a), confirmed later by PCR of Mauthner
whole-mount RNA (Sotelo-Silveira and Koenig, unpublished). ER bound ribosomes
have been reported at an EM level (Pannese and Ledda 1991), and ESI of PARP
domains shows smaller RNP P signals (Fig. 3c). Microinjection of heterologous
conopressin receptor mRNA into isolated axons from Lymmnaea snail neurons
resulted in the insertion of a functionally active translation product into the membrane
(Spencer et al. 2000). In addition, local synthesis of the EphA2 receptor was up regu-
lated, and expressed in the surface of growing axons (Brittis et al. 2002). A recent
report (Merianda et al. 2008) describes ER and Golgi equivalents, and locally synthe-
sized membrane proteins in growing axons.

The likelihood of SRPs in axons is further supported by immuno-labeling experi-
ments in axoplasmic whole-mounts isolated from rabbit ventral root fibers (Koenig,
unpublished observations). Antibodies against gel-purified SRP54 (Walter and Blobel
1983) selectively label PARP domains (Fig. 5a—a3, bl—el). PARPs, in which struc-
tural correlates were lost during isolation, were immuno-labeled with mAb Y-10B to
localize ribosomes (Fig. 5b—f), and with anti SRP54 to localize SRPs (Fig. 5b1-f1)
revealed that residual SRP signals codistributed with ribosome distributions in
merged images of the two pseudocolored distributions (Fig. 5b2—{2).

Fig. 5 SRP54 localizes in PARP domains. (a, al) Low, and (a2, a3) high magnification images
of SRP54 immuno-labeling of PARP domains in axoplasmic whole-mounts isolated from rabbit
ventral root fibers. (b—f2) Double labeling of PARPs in isolated rabbit axoplasmic whole-mounts
to illustrate (b—f) ribosomal distributions, labeled by mAb Y 10-B, and (b1-f1) SRP54, labeled by
a specific polyclonal antibody (Walter and Blobel, 1983; gift of Prof. Peter Walter). (b2—£2)
Merged images of the pseudo-colored distributions, respectively, show overlapping distributions.
Scale bars: (a—g) = 10 um
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5.3.2 Specific Molecular Motor Proteins Localize in PARP Domains

Localization and distribution of several molecular motor proteins were investigated in
axoplasmic whole-mounts from Mauthner, rabbit and rat (Sotelo-Silveira et al. 2004).
Specific immuno-labeling of myosin Va, and KIF3A heavy chain of kinesin II
occurred primarily in PARP domains. In contrast, kinesin I (i.e., KIFSA/C isoforms),
and dynein molecular motor proteins were diffusely distributed within axoplasm.

The functional significance of specific actin- and microtubule-based molecular
motor proteins in a restricted domain such as that of a PARP is presently unknown;
however, several explanations can be considered. PARP domains contain a dense
actin filament network (see Fig. 2e—e2), and are likely targets for RNA trafficking
in myelinated axons (see Sect. 5.4). Molecular motor proteins involved in long-
range microtubule dependent, and short-range actin dependent RNA trafficking to
PARP domains, exemplified by BC1 RNA transport experiments (Muslimov et al.
2002; see Sect. 6), may accumulate in PARP domains after off-loading cargoes.
Molecular motor proteins within the PARP domain may mediate dynamic redistri-
bution of machinery, and components associated with translational activity. This
function could also include dynamic organizational rearrangement of PARP
domains. Finally, mRNA has been identified in squid axoplasm (Gioio et al. 1994),
which makes it plausible that one or more molecular motor protein(s) may be syn-
thesized locally in the PARP domain.

5.4 ESI of PARP Domains in Rabbit Axoplasmic Whole-mounts

ESI of selected PARP domain examples in axoplasmic whole-mounts isolated from
rabbit ventral root fibers (Koenig et al. 2000) are illustrated in Fig. 3. Unfortunately,
the matrix at the outer PARP margins was not preserved during isolation of whole-
mounts examined by ESI. Nonetheless, the ESI image pair in Fig. 3d, d1 is instructive
because the image in Fig. 3d, mapped above the P edge (i.e., DE = 155 eV), shows
two dense clusters of ribosomal P signals that disappear, and are replaced in Fig.
3d1 by an unsuspected ribosomal binding matrix when mapped above the carbon
edge (i.e., DE = 300 eV).

6 Transcytosis of Ribosomes from Schwann Cell to the Axon

While a reasonable presumption is that all axonal ribosomes are transported from the
cell body, Court et al. (2008) have now documented polyribosomes in axoplasm that
originated from Schwann cells. Severed distal sciatic nerve fibers in the Wallerian
degeneration slow (WId*) mouse strain, a strain in which degeneration is markedly
delayed, were transfected with a construct comprising L4 ribosome protein fused with
green fluorescent protein to label newly formed ribosomes in Schwann cells. After an
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interval of 7 days, labeled ribosomal signals were present in axoplasm along inter-
node and paranodal regions. Axons containing polyribosomes increased by more than
a hundredfold 7 days after crush. Interestingly, ribosome-containing axons in explant
fibers from both wild type and Wid* mice in culture for 24 h increased significantly.
Thus, an equivalent short-term increase in ribosome occurrence in fibers indicated
that the “reactive increase” was not unique to Wid' fibers. At an EM level, several
types of polyribosome-containing multimembrane bounded inclusions in axoplasm
near the periaxonal margin, and within the axonal core were illustrated, suggesting
transit across the myelin sheath and axonal transcytosis. Although PARP domains
were not discerned, the findings indicated a trans myelin sheath-axoplasmic pathway,
was likely to be mediated by multivesicular structures with ribosomal inclusions that
were also reported by Kun et al. (2007; see Sect. 5.3).

The increase in A/G RNA ratio in proximal stump of Mauthner axon after
transection reported by Edstrom (1964b; see Sect. 1.1), however, is not consistent
with a reactive increase of ribosome content reported in distal stumps. Clearly,
issues related to what extent the extraneuronal pathway contributes to supplying
ribosomes to intact axons, and whether it contributes significantly in the post-
transected proximal stump will need to be sorted out. Finally, compelling issues
center on what signaling mechanisms trigger an upregulation mediated by the
extraneuronal pathway, and why it is triggered in axons destined to degenerate.

7 PARPs as Targeted Subdomains for RNA
Trafficking in the Axon Compartment

Experiments of BC1 RNA transport in the Mauthner neuron (Muslimov et al. 2002)
suggested the likelihood that PARPs are destinations for RNA trafficking. BC1
RNA is an untranslated cytoplasmic transcript of 152 nt, specific to neurons in
rodent brain that acts as a repressor of translation at the level of initiation (Wang et al.
2002). Axoplasmic transport of radiolabeled BC1 RNA was tracked systematically
by autoradiography in microdissected Mauthner perikarya and isolated axoplasmic
whole-mounts at progressive intervals after microinjection in vivo. The full-length
BC1 RNA transcript, or a 65 nt sequence in the 5’ region was transported rapidly
in an equivalent manner; whereas, irrelevant RNA transcripts of comparable sizes
were not transported.

After an initial diffuse wave of radioactivity was rapidly transported in axoplasm
(Fig. 6a), a clearing of radioactivity occurred in its wake, leaving periodic focal
concentrations of radioactivity at peripheral cortical sites (Fig. 6b, b1). Experiments
further demonstrated that the rapid axial BC1 RNA transport depended on micro-
tubules, while radial transport to the cortical zone depended on actin filaments. The
focal concentrations of residual radioactivity in the cortical zone were consistent
with being putative PARP domain sites.

BC1 RNA is specifically targeted to rat dendrites in culture (Muslimov et al.
1997), where it regulates translation (Wang et al. 2002), and expression of proteins
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Fig. 6 Transport of radiolabeled, full-length BC1 RNA into the Mauthner axon after microinjec-
tion into the Mauthner cell body of the goldfish in vivo. (a) An initial diffuse wave of radioactivity
is transported rapidly into the axon after microinjection into the Mauthner cell perikaryon. (b, b1)
Focal accumulations of silver grains in peripheral loci of axoplasm remain after diffuse distribution
of radioactivity from initial wave is “cleared” from axoplasm. The focal accumulations appear
consistent with targeting and localization of BC1 RNA in PARP domain locations. Scale bar = 50
um. Modified from Muslimov et al. (2002) with permission from Journal of Neuroscience

in postsynaptic cellular subdomains (see Kindler et al. 2005; Bramham and Wells
2007). In as much as heterologous BC1 targets putative PARP domains, there is a
good likelihood that mRNAs are targeted there as well.

Support for this hypothesis is further provided by in situ hybridization of B-actin
mRNA (Fig. 7a-b2), and immuno-labeling of zipcode-binding protein-1 (ZBP-1)
(Sotelo-Silveira et al. 2008). ISH of B-actin mRNA in axoplasmic whole-mounts
isolated from goldfish Mauthner, rabbit and rat nerve fibers revealed localization in
PARP domains identified by phase structural correlates (Fig. 7a, b). In addition,
confocal microscopy of RNA fluorescence (Fig. 7c), and of ZBP-1 immunofluores-
cence (Fig. 7c1) in PARP domains of Mauthner whole-mounts showed overlapping
codistributions (Fig. 7c2). Codistribution and partial colocalization (see Sotelo-
Silveira et al. 2008) of B-actin mRNA with its transacting binding factor, ZBP-1, in
PARP domains strengthen the likelihood of RNA trafficking to PARP domains.

8 Endoaxoplasmic Ribosomal Plaques in Squid Giant Axon

There have been several reports of ribosomes based on ESI analysis in the postsy-
naptic region of the squid axo—axonic giant synapse (Martin et al. 1989, 1998), in
polyribosomes isolated from squid axoplasm (Giuditta et al. 1991), in presynaptic
terminals of synaptosome fractions from the optic lobe (Crispino et al. 1993), and
from the squid brain (Crispino et al. 1997). Immunocytochemistry has also been
used to survey ribosome distribution in the squid axon (Sotelo et al. 1999).

Bleher and Martin (2001) performed an in-depth analysis of ribosomal domain
organization, and distribution in the proximal squid giant axon by, using mAb Y-10B
immunofluorescence analysis at an LM level, and ESI at an EM level. ESI analysis
documented small, oval-shaped ribosomal aggregates, 0.7—1.3 um in diameter (Fig. 8).
The latter were called endoaxoplasmic ribosomal plagques (EARPs) because ribos-
omes were associated with a matrix analogous to vertebrate PARPs. Unlike PARPs,
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Fig. 7 Confocal images showing In situ hybridization (ISH) of 3-actin mRNA, and double labe-
ling of RNA and zip binding protein-1 (ZBP-1) in PARP domains of Mauthner whole-mounts. (a,
b) Phase correlates that mark PARP domains. (al) ISH with the B-actin mRNA antisense probe has
discrete localization pattern. (b1) ISH with the B-actin mRNA sense probe has diffuse pattern. (a2)
Pseudo coloring of PARPs identified by phase correlates shown in (a), and ISH reaction product in
(al) merged to show that B-actin mRNA is localized in PARP domains. (b1, b2) The sense probe
exhibits diffuse random background labeling that does not correlate with PARP domains. (c)
Z-projection of confocal image stack that shows YOYO-1 fluorescence labeling of PARPs in a
whole-mount segment. (c1) The corresponding z-projection of PARPs immuno-labeled with rabbit
anti chicken ZBP-1 (gift of Dr. Gary Bassell). (c2) Merged image of (c) and (c1) shows similar
overlapping codistributions of RNA and ZBP-1 in PARPs. Scale bars: (a—b2) = 50 um; (c—¢2) =
12.2 um. (a—¢2) from Sotelo-Silveira et al. (2008) with permission from Wiley-Blackwell

Fig. 8 Example of an endoaxoplasmic ribosomal plague (EARP) in the squid giant axon. (a) ESI
mapping of an oval-shaped EARP (large arrow) located in squid axoplasm 4 cm distal to the
axon’s emergence from the stellate ganglion in an energy window above the P edge (AE = 150
eV). (al) Corresponding image mapped below the P edge 