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Preface

It has been 7  years since the first edition of Biophysical Regulation of Vascular 
Differentiation and Assembly in the series Biological and Medical Physics, 
Biomedical Engineering. With the significant changes that have occurred in the field 
in the interim, I am pleased to present this second edition.

Our first book presented the reader with an understanding of the concept of how 
biophysical cues in the microenvironment regulate vascular differentiation and 
assembly. Since then, many studies have focused on elucidating critical aspects in 
the microenvironment that regulate vascular development and growth, both in vitro 
and in vivo. Today, researchers are using increasingly sophisticated tools such as 
microfluidics, particles, biomaterials, and three-dimensional printing to recapitu-
late many biophysical cues in tissue culture systems. Some of these technologies 
are also being translated into animal models to validate mechanism and test poten-
tial therapeutics.

This book updates our previous work on a range of aspects governing the micro-
vasculature related to normal and disease processes. The first chapter explores 
recent insights into how endothelial cell-pericyte interactions modulate tube mor-
phogenesis and maturation (Davis). Chapters 2 and 3 detail how mechanical forces 
regulate vascularization in three-dimensional constructs (Zohar, Landau, Levenberg) 
and the means by which matrix properties and oxygen tension regulate vascular fate 
and assembly (Blatchley, Abaci, Hanjaya-Putra, Gerecht). The next chapter focuses 
on biophysical cues as they relate to vascular aging, and various culture systems for 
studying vascular aging (Pitrez, Aires, Tomé, Ferreira, Ferreira). Finally, in the 
realm of tissue engineering, the use of 3D printing to engineer complex vascularized 
tissue (Yeung, Yesantharao, Ong, Hibino) and harnessing of biophysical cues for 
therapeutic vasculature interfacing with the damaged brain (Nih, Carmichael, 
Segura) and infarcted heart (Morrissette-McAlmon, Hawthorne, Snyder, Grayson) 
are presented.

I am grateful to all the authors for their outstanding and timely contributions and 
Springer Nature for publishing this project. Special thanks to Christopher Coughlin, 



viii

the publishing editor of the book, for following up and supporting this second edi-
tion, and Ho Ying Fan and Kiruthika Kumar for excellent production work. Finally, 
I would like to thank Christine Schutzman who helped with editing the chapters and 
making this entire process seamless.

Baltimore, MD, USA� Sharon Gerecht 

Preface
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Chapter 1
Molecular Control of Capillary Tube 
Morphogenesis and Maturation Through 
Endothelial Cell-Pericyte Interactions: 
Regulation by Small GTPase-Mediated 
Signaling, Kinase Cascades, Extracellular 
Matrix Remodeling, and Defined Growth 
Factors

George E. Davis

1.1  �Introduction

Considerable progress has been made in our understanding of molecular events 
underlying the development of the vasculature and how it is regulated in postnatal 
life, particularly in the context of tissue injury and tumorigenesis [1, 18, 19, 30, 31, 
36, 55, 89, 92]. A key point is that the major advances in the field appear to be 
directly related to our understanding of basic events that control these processes 
such as cell survival, proliferation, migration, invasion, and morphogenesis. Also, it 
should be pointed out that both in vitro and in vivo studies have played major roles 
in advancing this understanding, and it remains essential that both types of 
approaches are utilized to approach the complexities inherent in the developing and 
postnatal vasculature.

The molecular control of the vasculature is affected by many factors and signals, 
and in this chapter, we will focus on the influence of extracellular matrix (ECM), 
matrix metalloproteinases (MMPs), small GTPase-mediated signal transduction, 
defined growth factors, and endothelial cell (EC)-pericyte interactions in controlling 
vascular development and postnatal vascularization events. In general terms, the 
ECM is a fundamental regulator of vascularization, in that it presents a physical 
scaffold containing adhesive and growth factor modulatory signals that are neces-
sary for blood vessels to form and mature [34, 35, 57, 58, 81, 89]. Vascular cell 

G. E. Davis (*) 
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recognition of ECM occurs through a variety of receptors including both integrin 
and non-integrin adhesion receptors [34, 58, 89, 97], and these mediate the complex 
signals that are delivered. There is considerable evidence that ECM can provide 
both stimulatory and inhibitory signals [34, 89], and thus, the ECM composition, 
the vascular cell types, and the biological context of the signaling dictate the cellular 
response that occurs. An important regulator of ECM structure and function are 
MMPs which can degrade matrix components [31, 33, 35, 47, 52] but can also 
release liberate factors such as growth factors and cytokines from these matrices to 
affect vascular cell behavior. Within the vascular wall, homotypic interactions 
between ECs [37] and heterotypic interactions of ECs and mural cells affect ECM 
production and deposition [92, 94], as well as its ability to be degraded by MMPs 
[87]. Many new studies are now focused on such interactions to understand how 
mural cells affect EC behavior during development and under various disease con-
ditions [1, 5, 56, 92, 94]. In this chapter, we will review past and present work that 
addresses mechanisms by which ECM, MMPs, small GTPase signaling, defined 
growth factors, and EC-pericyte interactions influence vascular tube assembly and 
remodeling, tube stabilization, and vascular regression to control tissue vasculariza-
tion in normal versus disease states.

1.2  �Concepts in Vascular Tube Morphogenesis in 3D 
Extracellular Matrices

1.2.1  �Extracellular Matrix and Vascular Morphogenesis

A critical regulator of vascular morphogenesis is the ECM which serves as a physi-
cal, mechanical, and agonistic substrate to affect survival, motility, invasion, and 
morphogenic events of both endothelial cells (ECs) and mural cells, including peri-
cytes and vascular smooth muscle cells [1, 18, 34–36, 58, 81, 89, 92]. Interestingly, 
different types of ECM have distinct effects on the developing or mature vascula-
ture, depending on the biologic context, with evidence for pro-morphogenic, pro-
stabilization, or pro-regressive activities [31, 34, 35, 89]. Also, certain ECM 
environments may present quiescence signals to vascular cells that play an impor-
tant role in vascular stabilization. Alteration in the ECM, through proteolysis or 
conformational changes, is known to generate matricryptic sites which activate 
cells, and thus, the ECM is a critical regulator of how cells perceive their environ-
ment and sense an injurious stimulus [24, 26]. Furthermore, the ECM is a scaffold 
that possesses adhesive signals for cells, by binding to both integrin and non-integrin 
surface receptors, but it also binds and presents specific growth factors to cells [34, 
57, 58, 89]. The ECM also modulates the activation of specific growth factors and, 
thus, can modulate growth factor action to affect the vasculature [58]. It is clear that 
co-signaling between integrins and growth factor receptors is a critical regulator of 
vascularization events both during development and in postnatal life. The ECM is 

G. E. Davis
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also mechanosensitive and responds to mechanical forces generated by cells that 
exert tensional forces on this matrix. A key mechanosensitive ECM component is 
fibronectin which contains matricryptic sites that affect self-assembly reactions, 
particularly through the III-I domain [45, 77, 99, 106]. Interestingly, this domain is 
exposed in instances where fibronectin is absorbed into surfaces, such as cell sur-
faces or ECM [24, 26, 99], and appears to be particularly exposed when cells exert 
mechanical force on fibronectin through integrin-based interactions [106]. This 
facilitates fibronectin binding to itself which promotes the self-assembly reaction 
(i.e., including disulfide exchange to form covalent bonds between fibronectin mol-
ecules) necessary to form an insoluble matrix [77]. Since fibronectin is one of the 
few ECM proteins with clear mechanosensitive domains, it suggests that fibronectin 
may play a particularly important role in ECM assembly events that depend on 
mechanical forces, such as those observed during vascular morphogenic events in a 
variety of contexts [18, 94, 107].

1.2.2  �Differential Effects of ECM Components on Vascular 
Tube Morphogenesis

Certain ECM components are potent stimulators of vascular tube morphogenesis, 
while others appear inhibitory. Interestingly, collagen type I, the most abundant 
ECM component in adult animals, is a potent stimulator of vascular tube morpho-
genesis in 3D matrices [34, 100] (Fig. 1.1). An accumulating view is that fibrillar 
collagen matrices are potent ECM agonists for these events. Another strong ECM 
agonist for EC tube morphogenesis is fibrin [78, 91], a provisional matrix compo-
nent that is deposited along with fibronectin during tissue injury [34]. Interestingly, 
the collagen-binding integrins, α2β1 and α1β1, have been shown to control EC tube 
morphogenic events in vitro and in vivo in collagenous matrices [9, 28, 34, 88], 
while the fibrin-/fibronectin-binding integrins, αvβ3 and α5β1, have been shown to 
control tube morphogenesis in fibrin matrices [9, 11]. Because of the strong pro-
morphogenic influence of collagen and fibrin matrices, these have predominantly 
been used to establish 3D EC tube morphogenic models [68, 78] that have strongly 
enhanced our knowledge concerning the molecular basis for EC tubulogenesis, 
sprouting, and tube maturation events. Overall, the ECM and integrin data strongly 
suggests that vascular tube morphogenesis is connected to integrin-mediated recog-
nition of different pro-morphogenic ECM components and that multiple members 
of the integrin family can participate in stimulating EC tubulogenesis in 3D matrix 
environments [27, 34]. It does not appear that any particular integrin family member 
is special in its ability to affect tube morphogenesis. Their influence is dictated by 
the ECM environment in which the morphogenic process takes place. In contrast, it 
appears that laminin-rich matrices are likely to present inhibitory signals to endo-
thelial cells to interfere with morphogenic events [34, 35, 71]. As blood vessels 
mature, laminin matrix deposits as a component of the vascular basement 

1  Molecular Control of Capillary Tube Morphogenesis and Maturation Through…
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membrane, a key ECM remodeling process which occurs as a result of EC-pericyte 
interactions during capillary tube assembly [94]. Vascular basement membrane 
assembly generally is thought to be a tube maturation stimulus, and hence, decreased 
morphogenesis is coincident with its appearance around the abluminal surface of 
EC-lined tubes. This point needs to be investigated in more detail, but early 

Fig. 1.1  Temporal analysis of endothelial tube formation events in 3D collagen matrices during 
vasculogenesis and angiogenic sprouting. (a) A time-lapse series is shown whereby two ECs are 
shown to form intracellular vacuoles that eventually coalescence inside each cell and then follow-
ing cell-cell contact with the neighboring cells form a lumenal space in between the two cells. 
Vacuole fusion events are observed while they are contacting each other. L indicates EC lumen; 
arrowheads indicate vacuolating ECs. Bar equals 25 μm. (b) Confocal images of ECs expressing 
GFP-Rac1 fusion proteins that label intracellular vacuoles, the developing lumenal membrane, as 
well as the plasma membrane during lumen formation events at 24 h of culture. Upper panels- L 
indicates EC lumenal space, and arrowheads indicate intracellular vacuoles. Bar equals 20 μm. 
Over time ECs form interconnecting networks of tubes which are illustrated using fixed and 
toluidine-blue stained cultures. Arrows indicate tube structures; L indicates EC lumen; Bar equals 
200 μm. (c) EC sprouting was stimulated by the combination of sphingosine-1-phosphate (1 μm) 
and SDF-1α (200 ng/ml) which were mixed in the collagen matrix. A time-lapse series (over a 46 h 
period) was taken beneath the surface of the monolayer to examine sprouting events and lumen 
development in assays mimicking angiogenesis. White arrow and arrowheads indicate EC tip cells 
that are sprouting through the 3D collagen matrices; black arrowheads indicate intracellular vacu-
oles that are observed particularly in ECs directly trailing tip cells; black arrows indicate the cell 
border of EC tubes; L indicates EC lumen. Bar equals 50 μm

G. E. Davis



5

information suggests that some laminin isoforms have inhibitory activity toward 
ECs during morphogenic events [71]. The vasculature appears to predominantly 
express laminin-8 (α4,β1,γ1- 411), laminin-9 (α4,β2,γ1-421), laminin-10 (α5, 
β1,γ1- 511), and laminin-11 (α5,β2,γ1- 521) isoforms [34, 50, 76]. In the past and 
more recently, we have reported that these subunits are differentially expressed by 
both ECs and pericytes during vascular tube morphogenesis and maturation events 
[12, 94]. The biological role of each isoform has not yet been elucidated in suffi-
cient detail during these processes.

One critical question that similarly has not been investigated in sufficient detail 
is the nature of the embryonic ECM environment where vascular development takes 
place [35, 57]. It is clear that there is much less fibrillar collagen during develop-
ment, while the matrices are known to be rich in glycosaminoglycans, such as hyal-
uronic acid, proteoglycans, and fibronectin. It appears that developing embryos 
strongly depend on the presence of fibronectin (perhaps its importance relates to its 
mechanosensitive ability to self-assemble) [57]. Fibronectin knockout mice show 
severe defects in vascular development along with other abnormalities [6, 42]. 
Fibronectin is also alternatively spliced, and several splice isoforms (IIIA and IIIB) 
appear to play a critical functional role to promote vascular tube assembly and mat-
uration during development [6]. One of the problems with investigating such issues 
in a more molecular detail is that there currently are no 3D systems available that 
mimic an embryonic ECM environment, an important future direction for in vitro 
model development using vascular or other cell types.

1.3  �Review of Work

1.3.1  �Molecular Events Regulating Vascular Tube 
Morphogenesis and EC Sprouting in 3D Matrices

A major effort of our laboratory has been to elucidate the molecule and signaling 
requirements for ECs to form tube networks when suspended within 3D matrices 
and to sprout and form tubes from a monolayer surface into 3D matrices [34, 36, 60, 
84] (Fig. 1.2). To this end, we have developed 3D matrix microassay systems to 
assess both of these phenomena in assays that mimic vasculogenesis and angiogenic 
sprouting events, using either collagen or fibrin matrices [29, 68]. Other laboratories 
have developed related systems to investigate these events [3, 78]. The majority of 
our work has focused on models that mimic embryonic vasculogenesis, whereby 
human ECs are seeded as single cells within a 3D matrix [28, 29, 36, 68]. Using 
appropriate media conditions, ECs undergo dramatic morphologic changes that lead 
to the development of interconnecting networks of EC-lined tubes (Fig. 1.1). For 
example, two ECs are observed in a time-lapse series to form intracellular vacuoles, 
which fuse within each cell and then through exocytic events; the two cells then 
interconnect to form a multicellular lumen structure (Fig.  1.1a). There is no 

1  Molecular Control of Capillary Tube Morphogenesis and Maturation Through…
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intermixing of cytoplasmic contents when this occurs, so the tube consists of adja-
cent ECs which interact through cell-cell adhesive contacts. In addition, the ECs are 
attached to the ECM to form the wall of a luminal space and need to maintain these 
adhesive contacts (i.e., both cell-ECM and cell-cell adhesion) to remain stable on 
this luminal wall. Intracellular vacuoles can be observed to form through integrin- 
and cytoskeletal-dependent pinocytic events, and these vacuoles target to a pericen-
trosomal location in a polarized fashion and then move to fuse with the developing 
luminal membrane as shown in Fig. 1.1b (upper panel) [8, 28, 30, 62–64, 104]. In 
Fig. 1.1b, intracellular vacuoles are strongly labeled with a GFP-Rac1 construct [8]. 
We previously observed labeling of intracellular vacuoles with GFP-Rac1, GFP-
Cdc42, and GFP-RalA [8, 30, 79]. This GFP-Cdc42 was expressed using an 

Fig. 1.2  EC tubulogenesis in 3D matrices is controlled by activation of a Cdc42-, Rac-, k-Ras, and 
Rap1b-dependent signaling cascade: a process antagonized by RhoA, Arhgap31, and Rasa1. A 
schematic diagram is shown illustrating key molecules and signals that regulate how EC lumen and 
tube formation occurs in 3D collagen matrices. These molecules and signals control EC cytoskel-
etal polarization (subapically distributed acetylated and detyrosinated tubulin; basally distributed 
F-actin) and the generation of the apical membrane which is decorated with key small GTPases 
including Cdc42, Rac1, Rac2, k-Ras, and Rap1b and the effectors c-Raf and Rasip1. EC tubulo-
genesis also requires MT1-MMP-dependent matrix proteolysis, a step that is co-dependent and 
coordinated with the indicated GTPase-, effector-, integrin-, and kinase-dependent signaling cas-
cades. Intracellular vacuoles and vesicles (strongly labeled with Rac1 and k-Ras) traffic along 
subapically oriented acetylated tubulin tracks and then fuse together in a polarized perinuclear 
region (where acetylated tubulin co-localizes with Cdc42) to generate and expand the EC apical 
surface. Another aspect of this EC lumen signaling cascade is to suppress RhoA signaling, and key 
molecules that participate in this suppression are Cdc42, Rac isoforms, Pak2, Pak4, Rasip1 and its 
associated Gap, Arhgap29, and the CCM proteins CCM1 and CCM2

G. E. Davis
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EC-specific promoter in zebrafish, revealing that intracellular vacuoles were 
observed and participate in the lumen formation process of intersegmental vessels 
during vascular development [62, 104]. Additional work in vivo reveals the clear 
presence of intracellular vacuoles as a major determinant of EC lumen formation in 
other species, including mouse and quail [36, 110].

Both Cdc42 and Rac1 are required for intracellular vacuole formation, as well as 
EC lumen and tube formation [8, 30, 67]. We have performed these experiments 
using either dominant-negative mutants of Cdc42 and Rac1 or specific siRNAs to 
these GTPases. Developing multicellular lumenal structures then interconnect into 
more extensive networks over time (Fig. 1.1b, middle and lower panels). Using an 
angiogenic sprouting model [9, 68], time-lapse images are shown which reveal how 
invading ECs interact, develop intracellular vacuoles, and migrate toward each other 
to form multicellular lumen and tube structures over time (Fig. 1.1c).

After much effort over many years, we have elucidated the molecular require-
ments and signaling pathways that underlie the ability of human ECs to form lumen 
and tube structures in 3D matrices [8, 25, 27, 36, 60, 63, 64, 79, 84, 87, 89, 93, 95]. 
Most of our studies have focused on collagen matrices, and, thus, a major require-
ment for these events is the α2β1 integrin, a collagen-binding integrin [28] (Fig. 1.2). 
Blocking antibodies directed to α2β1 markedly block lumen formation, as do α2 
integrin subunit siRNAs. Interestingly, blocking antibodies directed to many other 
integrin subunits, including α5β1, a fibronectin receptor, have no effect in this sys-
tem. Also, considerable work has shown that α2β1 integrin is important for vascu-
larization events in vivo and in both developmental and postnatal life contexts [85, 
88]. In contrast, when our studies utilized fibrin matrices, we identified that both 
αvβ3 and α5β1 were required for EC lumen and tube formation [11], while α2β1 
was not shown to be involved. Interestingly, the first fibrin system that we devel-
oped was performed in the presence of serum. More recently, we developed a 
serum-free defined system in fibrin matrices, where fibronectin was added in with 
the matrix when it is polymerized [91]. Under these conditions, α5β1 was involved 
in the tube formation process, not αvβ3. This result suggests that serum-derived 
vitronectin might have been the reason why αvβ3 played a role in this first system 
[11]. Nonetheless, both of these integrins have been shown to be involved during 
vessel formation during development and in postnatal mice [57, 97]. Thus, an 
important point is that the in vitro models by our laboratory and others have very 
accurately predicted in vivo findings made by other groups. Another key point is 
that the in  vitro model systems demonstrated first that multiple integrin chains 
could be utilized by ECs to control tube morphogenesis and second that there is 
little evidence to suggest that any particular integrin is unique or special in this 
property to regulate the morphogenic cascade necessary to form new blood vessels. 
The role of particular integrins in morphogenesis appears to be directly linked to 
the ECM environment (and the predominant ECM components) that are in contact 
with the ECs.

1  Molecular Control of Capillary Tube Morphogenesis and Maturation Through…
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1.3.2  �Functional Role of the Rho GTPases, Cdc42 and Rac1, 
and the Effectors, Pak2 and Pak4, in EC Tube 
Morphogenesis

An important question raised by the above studies is which downstream signaling 
pathways are activated by integrins to control these morphogenic processes 
(Fig. 1.2). Integrins were known to activate Rho GTPases among other molecules 
[49] such as a variety of kinases, including Src and focal adhesion kinase [34, 57, 
89]. Our laboratory reported that Cdc42 was a critical GTPase controlling EC lumen 
formation [8] (Fig. 1.2). This was also the first report from any system implicating 
Cdc42 and tube formation. Subsequent studies have revealed that Cdc42 is a critical 
regulator of lumen formation from both ECs and epithelial cells [8, 25, 66, 67, 75, 
79, 83] (Fig. 1.2). Very recently, EC-specific knockout of Cdc42 in mice resulted in 
embryonic lethality due to lack of EC lumen and tube formation. We reported a role 
for Rac1 in EC tubulogenesis [8, 66], while RhoA had no ability to stimulate these 
events. In contrast, expression of constitutively active RhoA leads to marked inhibi-
tion of EC lumen formation [8]. Both Cdc42 and Rac1 were shown to be activated 
during the morphogenic cascade in 3D collagen matrices [66, 83]. To address the 
question of downstream effectors that are responsible for the influence of Cdc42 
and Rac1, we screened a series of known effectors using siRNA treatment of ECs. 
Major blocking phenotypes were observed using siRNAs to p21-activated kinase 
(Pak)-2 and Pak-4 [66]. Both EC tube formation and EC sprouting into 3D collagen 
matrices were markedly inhibited by these siRNAs. We also demonstrated that a 
time course of Pak-2 and Pak-4 activation, as indicated by phosphorylation, directly 
correlated with the EC lumen formation process [66]. It was further demonstrated 
that activated Pak-2 and Pak-4 could be demonstrated to be associated with acti-
vated Cdc42 during these events [66]. Expression of a dominant-negative mutant of 
either Pak-2 or Pak-4 was shown to completely inhibit EC lumen formation [66]. 
Interestingly, both Cdc42 and Rac1 are able to activate Pak-2, while Cdc42 selec-
tively activates Pak-4 [17, 44]. Recent experiments have revealed important roles 
for both Pak-2 and Pak-4 during vascular development [44, 70, 98], which again 
corroborate the in vitro findings.

1.3.3  �Functional Role for PKCε and Src in EC Tube 
Morphogenesis and Subsequent Pak Activation Events

Other known kinases that are activated by cell-ECM interactions include protein 
kinase C isoforms and Src family kinases. In our studies of EC lumen formation in 
3D collagen matrices, we have shown that PKCε, but not PKCα or PKCδ, is involved 
in the process [66, 67]. siRNA suppression experiments or expression of 
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dominant-negative mutants of PKCε block lumen formation and downstream Src 
and Pak activation [67]. Interestingly, increased expression of PKCε strongly stimu-
lates EC lumen and tube formation, and both increased Src, Pak-2, and Pak-4 phos-
phorylation events that directly correlate with its morphogenic influence [67] 
(Fig. 1.2). Our studies indicate that PKCε is upstream of Src activation, while Src 
activation is upstream of Pak activation [67]. Blockade of Src kinases by siRNA 
suppression; increased expression of the Src inhibitor, CSK (i.e., C-terminal Src 
kinase); or treatment with chemical inhibitors (e.g., PP2) completely interferes with 
EC tube formation. Expression of a dominant-negative Csk construct strongly 
increased lumen formation, again suggesting a positive role for Src in EC lumen 
formation [67]. Interestingly, Src and Pak kinases are known to active Raf kinases 
to affect processes such as cell survival which has previously been shown to influ-
ence angiogenesis in vivo [2], and we have recently shown that they are required for 
EC lumen formation [67]. Mouse knockout of B-Raf shows an embryonic lethal 
phenotype that is due to vascular abnormalities [43]. Of great interest is that we 
have shown that Raf kinase activation (of both C-Raf and B-Raf) occurs down-
stream of Src and Pak activation and controls EC tube morphogenic events along 
with survival [67] (Fig. 1.2). This is accompanied by Erk1/Erk2 activation which 
also directly correlates with the ability of these ECs to form tube networks. 
Interestingly, expression of a phosphatase, MKP-3, with selectivity for phospho-
Erk1/Erk2, markedly decreases Erk phosphorylation and strongly blocks lumen for-
mation [67]. A dominant-negative MEK kinase inhibitor also abrogates lumen 
formation and Erk1/Erk2 phosphorylation events. What is interesting about these 
results is that a known pathway to regulate both proliferation and survival is utilized 
by ECs to regulate a separate tubulogenic pathway in 3D matrices. In our systems 
there is little to no evidence for proliferation during these processes so the signaling 
cascade appears particularly focused on tube morphogenesis [12, 30]. Overall, this 
morphogenic pathway is coupled to cytoskeletal signaling (i.e., PKC, Src, Pak), 
survival (i.e., Raf), and transcriptional events (i.e., Erk) to coordinately control this 
process [30, 66, 67] (Fig. 1.2). Also, it is likely that these kinases are not limited to 
affecting only one of the critical functions during these events.

We have recently described a novel function for Src family kinases during EC 
lumen and tube assembly, which is to target and control the development of the api-
cal membrane surface [64]. Marked intracellular vacuole membrane labeling with 
activated phospho-Src is observed which traffic along acetylated tubulin tracks to 
fuse in a subapical domain to create an apical membrane also decorated with acti-
vated Src isoforms [64]. Blockade of Src isoforms with PP2 completely blocks this 
process and siRNA suppression of Src, Fyn, and Yes, but not Lyn, interfere with EC 
lumen formation (Fig. 1.3). PP2 blocks lumen formation whether it is occurring 
during vasculogenic or angiogenic sprouting events, and interestingly, the addition 
of PP2 appears to markedly increase the number of EC tip cells as a result of this 
strong reduction in lumen formation [64].
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1.3.4  �Identification of New Small GTPases and Their Effectors 
Controlling EC Tube Morphogenesis

Recent studies have sought to identify additional small GTPases and downstream 
effectors that regulate the process of capillary tube morphogenesis. We demon-
strated critical roles for k-Ras, Rac2, and Rap1b as well as a new series of effectors 
including Rasip1, IQGAP1, MRCKβ, GIT1, and beta-Pix (Fig. 1.2) [79]. siRNA 
suppression of these molecules individually or in combination resulted in marked 
defects in EC lumen and tube assembly [79]. In contrast, as in past studies, siRNA 
suppression of RhoA did not interfere with these processes. Interestingly, Rasip1 is 
known to interact with the RhoA-specific GTPase-activating protein (GAP), 
Arhgap29 [102], and siRNA suppression of this GAP lead to reduced lumen forma-
tion because of elevated RhoA activity [79]. Importantly, we also identified two 
additional GAPs that negatively regulate EC lumen formation, which are Arhgap31 
(which inactivates Cdc42 and Rac1) and Rasa1 (which inactivates Ras isoforms) 
(Fig.  1.2). Combined siRNA suppression of Arhgap31 and Rasa1 led to marked 
increases in EC tube formation, suggesting an important combined role for Cdc42/
Rac/k-Ras and possibly other Ras isoforms [79]. Combined siRNA suppression of 
Cdc42 with k-Ras leads to strong blockade of EC lumen and tube assembly [79]. 

Fig. 1.3  Fundamental signaling molecules, events, and requirements for the establishment of 
human capillary tube networks. Human EC tube assembly requires a combination of Factors which 
are SCF, IL-3, SDF-1α, FGF-2, and insulin, which act through their receptors to activate small 
GTPases, their effectors, and key kinase cascades. These signaling pathways lead to EC cytoskel-
etal polarization, vacuole formation, trafficking, and fusion to create a polarized apical membrane 
surface within the tube networks (which reside within vascular guidance tunnels which are created 
through MT1-MMP-dependent proteolysis). The tubulogenic signaling cascade leads to produc-
tion and release of PDGF-BB and HB-EGF which facilitates the recruitment of pericytes to the 
abluminal surface of EC-lined tubes and within vascular guidance tunnels. Dynamic EC-pericyte 
motility within tunnel spaces results in the deposition of the capillary basement membrane matrix 
between the two cell types, a key step in capillary tube development and maturation
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Interestingly, previous collaborative studies revealed the role of another small 
GTPase, RhoJ, which also plays a role during these events [79, 105]. One of key 
remaining questions is to define the specific role for each of these individual 
GTPases. Together they appear to control membrane pinocytosis leading to intracel-
lular vacuole formation, trafficking, and fusion of these vacuoles (and possibly 
other vesicular structures such as Weibel-Palade bodies) to contribute membrane to 
the developing apical surface. Interestingly, they appear to also regulate key cyto-
skeletal modifications such acetylation and detyrosination of tubulin which accu-
mulates subapically to surround and regulate vacuole/vesicle transport (and thus 
direct new membrane) to the apical domain [79]. In addition, they may stimulate 
vesicle fusion and exocytic events to create this new polarized apical membrane. 
Clearly, more work is needed here to define the role of these GTPases and their 
downstream effectors at the different stages of this process. Of interest to this point 
is our finding that Rasip1, a Ras and Rap effector, strongly targets apically during 
the lumen formation process [79]. Apical targeting of Rac1, k-Ras, and Rap1b has 
also been observed, and interestingly, Cdc42 appears to accumulate predominantly 
subapically and can interestingly co-localize with acetylated tubulin in this subapi-
cal domain [79]. This co-localized region is where vacuole to vacuole fusion events 
occur to create and expand the apical membrane surface.

1.3.5  �Cdc42 Coupling to Cell Polarity Pathways Controls EC 
Lumen and Tube Formation

A major function of Cdc42 is its ability to affect cell polarity signaling, by interfac-
ing with the polarity proteins Par6, Par3, and atypical PKC isoforms [40, 73]. Cell 
polarity signaling controls directional cell motility that involves Cdc42 [40]. In fact, 
active Cdc42 (i.e., Cdc42-GTP) binds directly to Par6 which then couples to Par3, a 
scaffold protein that also interacts with atypical protein kinase C isoforms, such as 
PKCζ [73]. We reported that Cdc42-dependent EC lumen and tube formation was 
dependent on Par6b, Par3, and PKCζ [66] (Fig. 1.3). Thus, this work reveals a fun-
damental role for Cdc42-dependent polarity signaling in EC tubulogenesis. Par3 is 
known to interact with a number of other cell surface proteins including members 
of the junction adhesion molecule (Jam) family (i.e., Jam-A, Jam-B, and Jam-C) 
[38, 39]. Our most recent work reveals that Jam-B and Jam-C associate with Par3 in 
ECs to control EC lumen formation in 3D collagen matrices [83]. Furthermore, 
these Jam proteins co-assemble into a defined EC lumen signaling complex consist-
ing of α2β1, MT1-MMP, Jam-C, Jam-B, Par3, Par6b, and Cdc42-GTP that is 
responsible for the ability of ECs to form tubes in 3D collagen matrices [83] (see 
later on). Disruption of any member of this complex markedly interferes with the 
ability of ECs to form tubes [83]. These lumen signaling complexes are also directly 
coupled to the kinase cascade discussed earlier including PKCε, Src, Pak, Raf, and 
Erk1/Erk2, since blockade of these complexes completely interferes with the 
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downstream kinase signaling necessary to regulate vascular tube morphogenesis 
[83]. Cdc42 and Par3 have also been shown to control lumen formation in epithelial 
cells, and a recent study shows that Par3 and β1 integrins co-regulate arteriolar 
lumen formation in vivo using a conditional β1 integrin subunit knockout mouse 
system [110]. Thus, this latter work again confirms our prior conclusions obtained 
in vitro showing that β1 integrins, Cdc42, and polarity proteins control the lumen 
and tube formation process in 3D matrix environments [30, 36, 66, 67, 79, 83, 95].

1.3.6  �Key Role for Polarized Subapical Microtubule 
Modifications to Direct the Trafficking and Fusion 
of Pinocytic Vacuoles to Regulate Apical Membrane 
Development During EC Lumen Formation

Recent studies indicate that an important step in EC lumen and tube assembly is for 
the increased accumulation of posttranslationally modified tubulins (i.e., acetylated 
and detyrosinated tubulin) [63] (Fig. 1.2). Both of these modifications, which are 
associated with increased tubulin polymer stability, are upregulation during EC 
lumen formation and correlate with the lumen formation process. We demonstrated 
that the microtubule tip complex proteins, EB1, p150 glued, and Clasp1, play a key 
role in regulating lumen formation as well as the accumulation of both acetylated 
and detyrosinated tubulin [63]. In addition, we identified HDAC6 and sirtuin2 as 
negative regulators of lumen formation due to their ability to reduce tubulin acetyla-
tion via their activity as tubulin deacetylases. siRNA suppression of these deacety-
lases increased lumen formation, while increased expression of them decreased it 
[63]. Further support for this conclusion is that addition of the HDAC6 inhibitor, 
tubacin, leads to increased EC lumen and tube formation [79]. Of great interest here 
is that these modified tubulins accumulate in a polarized manner subapically during 
EC lumen and tube assembly, while in contrast, filamentous actin (F-actin) accumu-
lates in a distinct basal location [64, 79]. This subapical polarized region where 
acetylated and detyrosinated tubulin accumulates is precisely the location where 
vacuole and vesicle fusion events occur, to control the development of the apical 
membrane surface during this process. Interestingly, Cdc42 shows strong co-
localization with acetylated tubulin in these regions of vacuole/vesicle fusion [79]. 
Thus, one of the central features of the EC lumen formation process is the creation 
of cytoskeletal asymmetry and tracks where vesicles can be trafficked to this sub-
apical domain, to polarize the lumen formation process. Furthermore, our data sug-
gests that this subapical membrane accumulation of modified tubulins is necessary 
to stabilize the apical membrane and maintain a stable tube structure [63, 64, 79]. 
We demonstrated in past studies that disruption of microtubules led to rapid col-
lapse of tube networks [10].
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1.3.7  �Critical Functional Role for MT1-MMP in EC Lumen 
and Tube Formation in 3D Collagen Matrices

Matrix metalloproteinases (MMPs) are a family of zinc-dependent metalloendopep-
tidases that degrade a variety of substrates, to affect the vasculature and other tissues 
[33, 47]. Their targets include the ECM, cytokines, and cell surface receptors, to 
affect vascularization as well as many other cellular responses [33, 47]. Our work 
and that of others have demonstrated a role for MT1-MMP (i.e., MMP-14) in EC 
morphogenic events in 3D matrix environments [21, 87, 95]. MT1-MMP is a trans-
membrane protein, and its cell surface expression is required for it to perform the 
localized ECM degradation necessary to control cell movement in 3D matrices. 
MT2-MMP is also able to participate in these types of events, while the function of 
MT3-MMP is less clear, although several studies show that it does not play a major 
role. Mouse knockout of MT1-MMP is compatible with embryogenesis, but the 
mice are small and ill and die within a month or two of birth [108]. Attempts to 
induce angiogenesis in these mice reveal that these responses do not occur [108]. 
Furthermore, aortic ring assays in 3D collagen matrices show no sprouting, in either 
3D collagen or fibrin matrices using MT1-MMP knockout tissues compared to con-
trol [21]. Thus, this work demonstrates an important role for MT1-MMP in vascular 
morphogenic events in 3D matrices and during in  vivo angiogenic responses 
(Fig. 1.4).

To elucidate the molecular mechanisms by which MT1-MMP controls vascular 
morphogenesis as well as cellular invasive events, our laboratory has examined this 
question using models of vasculogenesis and angiogenesis [9, 87, 95]. We have 
utilized protein and chemical MMP inhibitors as well as siRNA suppression 
approaches. In our first studies, we demonstrated that EC sprouting in response to 
sphingosine-1-phosphate (incorporated into the collagen matrices) was blocked by 
the broad spectrum inhibitor, GM6001, as well as tissue inhibitor of metalloprotein-
ase (TIMP)-2, TIMP-3, and TIMP-4, but not TIMP-1 (Fig. 1.4a) [9]. Interestingly, 
MT-MMPs are insensitive to TIMP-1, but the other inhibitors utilized block their 
activity. When EC lumen and tube formation assays were performed, GM6001, 
TIMP-2, TIMP-3, and TIMP-4 blocked completely, while TIMP-1 had no influence. 
One important distinction among the TIMPs is that TIMP-3 is able to block the 
activity of MT-MMPs, but also many other members of the ADAM family of cell 
surface expressed metalloproteinases [7]. To functionally dissect which EC surface 
expressed metalloproteinases are relevant during EC sprouting and lumen forma-
tion, we performed siRNA suppression analysis. Our results suggest that the domi-
nant metalloproteinase controlling these events is MT1-MMP (Fig. 1.4b), with a 
lesser influence of MT2-MMP during both sprouting and lumen formation [87, 95]. 
We observed a partial blocking effect of ADAM-15 siRNA knockdown in EC 
sprouting assays, using stromal-derived factor-1α as the invasion stimulus [87]. We 
did not observe an effect of either MT3-MMP or ADAM-17 siRNAs in our assays 
[87], although a recent study using a similar system revealed a potential role for 
ADAM-17  in modulating the invasion response [69]. The fact that TIMP-2 and 
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TIMP-4 have dramatic blocking effects on both sprouting and lumen formation is 
more supportive of a major role for MT-MMPs, rather than ADAMs, since there is 
currently no evidence to suggest that they can block ADAM proteinases [7].

A further important experiment which demonstrates a role for MT1-MMP dur-
ing EC tubulogenesis is that increased expression of MT1-MMP using viral vectors 
leads to marked increases in lumen formation that depends on its MMP catalytic 
domain [95]. Furthermore, addition of GM6001 to block MT1-MMP completely 
inhibits the stimulatory influence of the recombinant protein. In support of this 
result is that a catalytically dead full-length MT1-MMP construct (EA mutant) has 
no ability to stimulate EC lumen formation [95], while interestingly, it does not 
exert an inhibitory influence. In very recent experiments, we have further shown that 
increasing the expression of wild-type, full-length MT1-MMP increases both the 
rate and extent of EC lumen formation in 3D collagen matrices [83]. Of great inter-
est is that we have created a construct that appears to be a dominant-negative mutant 
of MT1-MMP in this system where we mutated the active site and at the same time 
deleted its cytoplasmic tail [83]. When expressed in ECs, the cells are completely 
unable to make lumens in 3D collagen matrices. An additional finding is that 

Fig. 1.4  MT1-MMP plays a critical role in EC sprouting in 3D collagen matrices from a mono-
layer surface in sprouting angiogenesis bioassays. (a) A time-lapse series was performed of EC 
sprouting viewed from the side into 3D collagen matrices where either no addition or recombinant 
TIMPs were added. Sphingosine-1-phosphate (1  μm) was added into the collagen matrix. 
Arrowhead indicates EC monolayer surface; arrows indicate EC sprouts. TIMP-2 and TIMP-3 
block sprouting in an equivalent manner, while TIMP-1 has no blocking influence relative to the 
control. Bar equals 100 μm. (b) An siRNA suppression experiment was performed to examine the 
influence of an MT1-MMP siRNA versus a luciferase control. Sprouting assays were performed 
using the treated cells, and they were seeded on collagen matrices containing 1 μm sphingosine-1-
phosphate. Cultures were fixed, stained, and photographed after 24 h. Bar equals 100 μm
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expression of wild-type MT1-MMP without its cytoplasmic tail markedly stimu-
lates the rate and extent of EC lumen formation compared to full-length wild-type 
MT1-MMP expression [83]. A number of studies suggest that its cytoplasmic tail 
plays a role in endocytic recycling, and thus, deleting the tail increases cell surface 
expression, which in our case leads to additional increases in EC lumen formation 
events. Overall, these results demonstrate that MT1-MMP is a major regulator of 
EC lumen and tube formation and that it works closely in conjunction with the α2β1 
integrin as well as Cdc42, Rac1, and other small GTPases to control this process.

1.3.8  �MT1-MMP-Dependent EC Lumen and Tube Formation 
Leads to the Formation of a Network of Physical Spaces 
Within the ECM Termed Vascular Guidance Tunnels

During the course of the above studies, we made the novel observation that during 
EC lumen and tube formation, ECs are also creating a network of physical spaces 
that we term vascular guidance tunnels. These form as a result of MT1-MMP-
mediated proteolysis of collagen matrices [95]. In every instance examined, there is 
a direct relationship between EC tube formation and the formation of vascular guid-
ance tunnels [95]. Tunnels were first detected by staining the collagen type I matrix 
with a monoclonal antibody that recognizes native type I collagen and not denatured 
collagen (which is generated at 37 °C when it is cut with mammalian collagenases). 
The lumen and tube formation creates an extensive interconnecting network of 
these tunnel spaces within the 3D collagen matrices [95]. To further prove that these 
represent physical spaces in the ECM, they were microinjected with silicone oil 
[95]. Dramatic filling of networks was demonstrated showing that EC tube forma-
tion leads to the formation of interconnecting vascular guidance tunnel spaces. We 
further showed that the ECs produced twice as many tunnel spaces than were occu-
pied by EC-lined tubes [95], raising the interesting possibility that vessel remodel-
ing could occur through these pre-formed physical tunnel spaces. Although 
MT1-MMP was required for the formation of vascular guidance tunnel formation, 
once they were formed, blockade of MT1-MMP did not affect the ability of ECs to 
migrate within the spaces [95]. Thus, EC migration events which are necessary for 
EC tube formation are completely inhibited in 3D collagen matrices, if MT1-MMP 
is blocked from the beginning of culture. However, once vascular guidance tunnels 
have formed through MT1-MMP-mediated events, ECs are then able to migrate 
within these physical spaces in an MMP-independent manner [95]. Thus, vascular 
guidance tunnel spaces are similar to 2D matrix surfaces where EC motility is 
insensitive to MT1-MMP inhibition (siRNA or inhibitors) [95]. We also observed 
that while the creation of vascular guidance tunnels by ECs requires the α2β1 inte-
grin, a native collagen-binding integrin, the motility of ECs within MT1-MMP-
generated tunnels was not sensitive to inhibition with anti-α2 integrin subunit 
blocking antibodies. In contrast, EC motility was blocked using anti-αv subunit 
blocking antibodies [95] which are known to bind matricryptic RGD sites that are 
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present within unfolded collagen molecules following proteolysis [24, 26] (an event 
which controls the generation of the tunnel spaces).

Another important finding from this work is that inhibitors of EC lumen and tube 
formation, including anti-α2 and anti-β1 integrin blocking antibodies, chemical 
inhibitors of PKC and Src, as well as MT1-MMP inhibitors, completely abrogate 
the formation of vascular guidance tunnels [95]. Thus, the formation of EC tubes is 
an obligate step in the formation of vascular guidance tunnels, and thus, these pro-
cesses are directly linked in some fundamental manner. Several critical questions 
arise from these studies, including how the lumen and tube formation processes are 
functionally connected with the cell surface proteolytic machinery to create vascu-
lar guidance tunnels. Very recent work, described below, provides some insights 
into these questions.

1.3.9  �Cdc42 and MT1-MMP Are Functionally Interdependent 
Signaling Molecules Which Are Components of an EC 
Lumen Signaling Complex that Controls EC 
Tubulogenesis in 3D Extracellular Matrices

Several newer findings begin to shed light into how Cdc42-dependent signaling 
events, which activate kinase cascades and interact with cell polarity machinery 
(i.e., Par3, Par6, atypical PKC), intersect with MT1-MMP proteolysis to create EC 
lumens, tubes, and vascular guidance tunnels [66, 67, 83, 95]. One important point 
is that the EC lumen and tube formation is a 3D matrix-specific process [27], in that 
tubulogenesis does not occur on a 2D matrix surface. In contrast, EC motility can 
occur quite readily on a 2D matrix surface, while it also occurs in 3D matrices in a 
manner that depends on MT1-MMP proteolytic events. Importantly, MT1-MMP 
activity is not required for EC motility on a 2D matrix surface, as discussed above. 
With this introduction, our findings show that blockade of MT1-MMP activity using 
siRNA suppression or MT1-MMP inhibitors leads to marked interference with 
Cdc42 activation (a critical step necessary for activation of effectors such as Pak2, 
Pak4, and Par6 that leads to EC tubulogenesis) in 3D collagen matrices [83]. 
However, this blockade of MT1-MMP does not affect Cdc42 activation of ECs 
when they are seeded on 2D collagen surfaces, and coincidently, their motility is 
also not affected [83]. Expression of the dominant-negative MT1-MMP construct 
also markedly blocks lumen formation and Cdc42 activation [83]. Interestingly, the 
activation of RhoA, which is not involved in EC lumen and tube formation, is not 
affected by blockade of Cdc42 or MT1-MMP, nor is it affected by 2D vs. 3D col-
lagen matrices. This data shows that MT1-MMP activity is directly coupled to 
Cdc42 activation in 3D, but not 2D, matrices to control the tube formation process 
[83]. The reverse is also true, in that blockade of Cdc42 using siRNA suppression 
leads to marked decreases in vascular guidance tunnel formation, a consequence of 
inactivation of MT1-MMP-dependent proteolysis [83]. Thus, this work suggests a 
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new hypothesis which states that Cdc42 and MT1-MMP are interdependent signal-
ing molecules that control vascular morphogenic events specifically in a 3D matrix 
environment.

1.3.10  �Critical Role for MMPs in the Molecular Control 
of Vascular Tube Regression Responses in 3D Collagen 
Matrices

A critically important direction of research is to understand how blood vessels 
regress under physiologic and pathophysiologic situations. Physiologic regression 
occurs with hyaloid vessels in the developing eye, in both the endometrium and 
ovaries during the menstrual cycle, and during vascular remodeling events in devel-
opment [33]. Pathophysiologic regression characteristically occurs during wound 
repair and during disease processes such as hypertension and diabetes where vessel 
densities can decrease particularly in the distal limbs. Also, there have been consid-
erable efforts to induce vascular tube regression responses, in the context of the 
tumor vasculature by disrupting VEGF and PDGF signaling [15]. An important 
point here is that it is critical to understand how vascular regression is controlled at 
the molecular level, in much the same way that the studies described earlier have 
been performed to determine how blood vessels form.

A variety of studies have identified MMPs that regulate vascular tube regression 
events [32, 86, 109]. A number of years ago, we identified the secreted MMPs 
MMP-1 and MMP-10 as being involved in vascular tube regression responses 
in vitro [32, 33, 35, 86]. We showed that these enzymes were secreted as proen-
zymes and that they need to be activated by serine proteases, such as plasminogen/
plasmin or plasma kallikrein, in order to cause vascular tube collapse and regression 
[86]. Disruption of their activity by TIMP-1 (which blocks both MMP-1 and MMP-
10) or blockade of serine protease activity leads to inhibition of the MMP-1- and 
MMP-10-dependent regression response. Other studies using the aortic ring model 
reached similar conclusions, with the exception that MT1-MMP was also found to 
be involved in both tube formation as well as regression [4]. We also identified 
ADAM-15 as being involved in the vascular regression response in a manner similar 
to that of MMP-1 and MMP-10 [87]. Interestingly, siRNA suppression of either 
MMP-1 or MMP-10 did not affect tube formation but markedly blocked tube regres-
sion, following addition of plasminogen or plasma kallikrein to the serum-free 
media system [86]. Also of note, a mouse knockout of histone deacetylase 7 
(HDAC7) caused a vascular hemorrhage phenotype in vivo, during vascular devel-
opment, which leads to embryonic lethality [20]. siRNA suppression of HDAC7 
resulted in marked increases in MMP-10 and marked decreases in TIMP-1 expres-
sion which lead to the vascular developmental regression phenomenon [20]. Other 
work reveals that EC-specific knockout of the chromatin remodeling enzyme, 
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CHD4, leads to plasmin-dependent disruption of vascular integrity in both blood-
derived and lymphatic EC-lined vessels during vascular development [22, 59].

Of great interest is that the MMP-1 and MMP-10 regression phenomena are 
strongly abrogated in our in vitro model when pericytes are added along with the 
ECs [87]. Pericyte recruitment to the tubes occurs, and they become much more 
resistant to pro-regressive stimuli. Thus, our model mimics that observed in vivo 
where EC tubes without pericytes are much more susceptible to regression [5, 13, 
14]. Interestingly, tumor vessels have associated pericytes, but the interactions are 
abnormal. Despite these abnormalities the tumor vessels persist, which in this case 
may relate to the fact that many aggressive tumors overproduce TIMP-1 [101], 
which can interfere with the MMP-1 and MMP-10-dependent regression system 
[33]. We also observed that EC-pericyte interactions upregulate the production of 
EC TIMP-2 and pericyte TIMP-3 which together control how EC-pericyte interac-
tions protect against pro-regressive MMP-1 and MMP-10, and also ADAM-15 [87]. 
Pericytes are a rich source of TIMP-3 [87] which is interesting because of its ECM-
binding ability (i.e., ability to bind cell surfaces and basement membrane matrices) 
and its dual ability to inhibit soluble and membrane MMPs, as well as membrane 
ADAM proteinases [7]. In addition to interfering with pro-regressive stimuli, 
TIMP-3 and TIMP-2 block MT1-MMP, to interfere with further EC tube formation. 
Thus, these TIMPs contribute to vascular tube stabilization by inhibiting both vas-
cular tube regression phenomena and further vascular tube morphogenesis. 
Additional support for this their latter influence, both TIMP-2 and TIMP-3 are 
antagonists of VEGFR2 [80, 90], an important EC signaling receptor. Interestingly, 
we have described the concept that VEGF does not directly stimulate vascular tube 
morphogenesis but that it primes ECs so that they respond in a more robust manner 
to a distinct set of downstream growth factors (see later on). Using this reasoning, 
TIMP-2 and TIMP-3 might be capable of suppressing EC priming and, thus, 
enhance EC tube stability in this manner.

1.3.11  �Critical Functional Role for EC-Generated Vascular 
Guidance Tunnels During Blood Vessel Assembly in 3D 
Matrices

As shown in Fig. 1.2, ECs utilize a lumen signaling complex to form tubes in 3D 
matrices while at the same time generating networks of vascular guidance tunnel 
spaces. ECs are able to migrate through these spaces in an MMP-independent man-
ner. We have also shown that ECs can regrow within these spaces following tube 
collapse. EC-lined tubes were treated with thrombin which reversibly causes tube 
collapse, leaving rounded up ECs within tunnel spaces [95]. After inhibition of 
thrombin with the thrombin inhibitor hirudin, the ECs regrow within tunnels to reas-
semble the collapsed tube [95]. Thus, pre-existing tunnel spaces are matrix conduits 
that allow for rearrangement of tubes and migration of ECs, and, thus, they are used 
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for tube remodeling events. In early vascular development, there is considerable 
evidence for dramatic tube network remodeling that occurs following the onset of 
flow [23, 72, 82], and we hypothesize that this is possible in large part due to the 
presence of vascular guidance tunnels which allows ECs to rapidly rearrange to 
accommodate the flows and pressure forces that are applied to the network. Also, at 
this stage of development, the ECM is likely to be elastic, and, thus, the forces gen-
erated may be able to expand lumen or tunnel width by mechanical distension. We 
have also shown that groups of cells comprising a tube structure can migrate together 
through tunnel spaces, to move and connect with adjacent EC tubes to regulate such 
vascular remodeling events [95]. As mentioned earlier, the EC lumen and tube for-
mation process generates more vascular guidance tunnels than are utilized at any 
given time, which further suggests that this occurs to accommodate the necessary 
vascular remodeling events involved in generating a proper microcirculatory 
network.

Vascular guidance tunnels are also important to consider in the context of vascu-
lar tube regression and regrowth of vessels. One of the ways to eliminate the possi-
bility of vascular regrowth following regression events would be to induce regression 
of both vascular tubes and vascular guidance tunnels. In fact, the MMP-1 and 
MMP-10 regression mechanism discussed earlier does cause the collapse of both 
structures. The presence of pericytes, which block the regression event, can thus 
protect not only the vascular tube structure but also the integrity of the vascular 
guidance tunnels. Of interest here is that tumor vessels are highly resistant to vascu-
lar regression, due to their production of regression inhibitors such as TIMP-1. 
Again, TIMP-1 is capable of protecting both the vessels and the tunnel spaces. Also, 
when tumors are treated with vascular regression agents, such as VEGF or VEGFR2 
antagonists, vessels regress, but they can rapidly regrow (following withdrawal of 
the regression agent), in a similar fashion, to recapitulate the original pattern of ves-
sels [74]. This appears to occur through the vascular guidance tunnels that were 
generated during initial tumor vessel formation. So an important therapeutic consid-
eration here would be to devise approaches to induce vessel and vascular guidance 
tunnel regression. In this way vessel regrowth is less likely to occur, allowing for a 
better therapeutic opportunity to treat the tumors, their vascular supplies, and exist-
ing matrix conduits which facilitate vascular regrowth.

It is also important to consider how events such as arteriovenous identity might 
be regulated by vascular guidance tunnels. The tunnels represent a 2D matrix sur-
face in a 3D matrix environment [95]. There is important data showing that eph-
rinB2 (an arterial marker) and EphB4 (a venous marker) represent a repulsive 
signaling pair, which appears early in development to control the development of 
A-V identity [46]. These repulsive interactions allow differential cell sorting, and, 
early in development, ECs expressing these markers are intermixed. Over time they 
sort out and become segregated to either the arterial or venous side [46, 53, 65]. 
They also appear to sort very early, even at the level of initial cardinal vein forma-
tion, due to sprouting from the developing aorta. This process is very analogous to 
what has been described for lymphatic sprouting and development from the cardinal 
vein [103]. Notch signaling appears to control this phenomenon, and, when 
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overactive Notch4 is produced in ECs, venous ECs inappropriately express eph-
rinB2, contributing to the development of arteriovenous malformations [65]. Of 
great interest is that many of these lesions will regress following withdrawal of the 
overactive Notch4. The important point to be made is that the repulsive ephrinB2-
EphB4 interactions are occurring within vascular guidance tunnels (formed as a 
result of EC tube assembly), and the ability to sort following such interactions 
requires the ECs to move around on 2D matrices at the vessel wall surface. These 
interactions are secondary to ECs contacting each other.

However, the concept of vascular guidance tunnels extends to recruitment and 
sorting of mural cells within the vessel wall as well. EphrinB2 is expressed on vas-
cular smooth muscle cells, with selectivity in arteries so similar repulsive interac-
tions are likely to control this cell distribution as well [41]. What is interesting here 
is that this type of interaction would require that mural cell recruitment, to EC-lined 
tubes and within vascular tunnel spaces, occur in a polarized fashion exclusively on 
the EC abluminal surface. In fact, we have recently discovered that this is precisely 
what occurs during pericyte recruitment to EC-lined tubes. Within vascular guid-
ance tunnels, they recruit to, and are localized only on, the EC tube abluminal sur-
face [94]. Thus, mural cells could sort through repulsive interactions with each 
other but also secondary to repulsive interactions with ECs. The vascular guidance 
tunnel matrix conduit is a critical ECM structure necessary for these EC-EC, mural 
cell-mural cell, and EC-mural cell interactions to occur and to also allow the motil-
ity events required for proper sorting. In support of this possibility is that ECs and 
mural cells are highly dynamic during vascular tube assembly, and in fact, we have 
shown that both ECs and pericytes rapidly migrate in the ECM, as well as within 
vascular guidance tunnels during tube co-assembly and maturation events [94]. 
ECs have also been shown by a number of groups to be rapidly migrating in vivo 
during vascular development, to regulate both tube assembly and vascular remodel-
ing [23, 72].

1.3.12  �Pericyte Recruitment to Vascular Guidance Tunnels 
Induces Vascular Tube Stabilization

Many studies indicate that microvessels covered with pericytes are more stable to 
pro-regressive stimuli but also show reduced vascular permeability indicative of 
tube stabilization. Different vascular beds have varying pericyte numbers covering 
capillary networks, although many have approximately 20–25% coverage of peri-
cytes relative to ECs. Individual pericytes can span across multiple ECs, resembling 
other types of supporting cells such as glia in the nervous system interacting with 
multiple neurons. Tissues such as the central nervous system, including the retina, 
have a very high pericyte to EC ratio which approaches 1:1. Thus, these interactions 
account in part for the blood-brain barrier with strongly increased permeability bar-
rier functions relative to other vascular beds. Considerable work suggests that the 
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high VEGF environment of tumors is one reason why pericyte coverage is decreased 
compared to normal vascular beds [48, 61]. Treatment with VEGF antagonists has 
led to the finding that pericyte coverage increases, which results in improved micro-
circulatory function (i.e., vascular normalization) [61]. This approach represented a 
new strategy to improve drug delivery into the tumor microenvironment, since poor 
perfusion exists due to the abnormal microcirculatory network that is present.

1.3.13  �Molecular Mechanisms Underlying Why Pericytes Are 
Able to Stabilize EC-Lined Tube Networks

A major question that has not been sufficiently addressed is why pericyte coverage 
stabilizes vessels and what their functions are when they arrive at the EC abluminal 
surface. To address this question, we established novel EC-pericyte coculture mod-
els in 3D collagen matrices (Fig. 1.5). We developed systems using either bovine 
retinal pericytes or human brain pericytes. In each case, the pericyte populations 
express the pericyte markers NG2 proteoglycan, 3G5 ganglioside, smooth muscle 
actin, and desmin. Perhaps the most important function of pericytes is to recruit to 
microvascular capillary beds. Using our model of EC vasculogenic tube assembly, 
we developed a system whereby we randomly mix together ECs and pericytes at a 
5:1 or 5:1.25 ratio (i.e., 20–25% pericytes compared to 100% of ECs). Remarkably, 
the ECs form tube networks, and then, pericytes are recruited to these tubes [94] 
(Fig. 1.5). This ratio of ECs to pericytes is particularly optimal, and the reasons for 
this are currently not clear. It may be that too many pericytes (through their produc-
tion of TIMP-3) [87] interfere with morphogenesis, by inhibiting MT1-MMP-
dependent signaling, or that they are physically in the way and counteract the ability 
of ECs to find neighbors to properly form multicellular tubes. It is clear that too 
many pericytes can disrupt EC-pericyte tube co-assembly.

We further made the observation that EC tubes, from EC-only cultures, eventu-
ally became much wider than EC tubes from EC-pericyte cocultures. We examined 
this issue over time and observed that vascular diameters reached a range of 
20–25 μm in EC-pericyte cocultures, which are vessel diameters observed in vivo 
during vasculogenesis, while EC-only cultures’ diameters can reach 80–100 μm 
over a 5-day period [94]. Thus, pericytes have a marked ability to negatively regu-
late vascular tube diameters, which may have to do with the induction of TIMP-2 
and TIMP-3. As discussed earlier, they are induced in EC-pericyte cocultures [87] 
and can inhibit and restrict EC lumen diameters. A number of studies indicate that 
vascular diameters are greater when pericyte recruitment is reduced or when ECM 
components such as fibronectin are knocked out of ECs during vasculogenesis 
in vivo [6, 42].

The mechanisms whereby pericytes are recruited to EC-lined tubes are still 
being investigated although past data supports the concept that PDGF-BB plays a 
role [5, 16, 54]. In past and ongoing studies from our laboratory, we have shown 
that pericyte recruitment is dependent on signals derived from the combined action 
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of PDGF-BB and HB-EGF [96]. Blockade of these growth factors using blocking 
antibodies, receptor traps, or chemical disruption of their receptors revealed their 
involvement [96]. Importantly, we assessed pericyte motility and invasion under 
our serum-free media conditions and demonstrated that they failed to move, when 
cultured by themselves. In contrast, when pericytes were cocultured with ECs, peri-
cyte motility ensued allowing for recruitment to EC-lined tubes [96]. This 
EC-dependent pericyte motility response was strongly abrogated by the combined 
blocking reagents directed at both PDGF-BB and HB-EGF [96]. These findings are 
consistent with work showing that EC-specific knockout of PDGF-BB leads to 

Fig. 1.5  EC-pericyte tube co-assembly in 3D collagen matrices leads to vascular basement mem-
brane matrix deposition and tube stabilization. ECs were cocultured with bovine retinal pericytes 
(20% pericytes relative to 100% ECs) in 3D collagen matrices and after 5 days of culture were 
fixed and photographed (a) or were processed for immunofluorescence microscopy. The pericytes 
were labeled with GFP, while the ECs and extracellular matrix were stained with the indicated 
antibodies. Fluorescent images were overlaid to assess the relationship of the ECs and matrices 
with the presence of pericytes. (b) CD31 staining to detect EC-lined tubes. Bar equals 50 μm. (c) 
Laminin and (d) collagen type IV staining to detect vascular basement membrane matrix assembly. 
In the latter two cases, no detergent was utilized so that only extracellular antigens would be 
detected. (e) RT-PCR and Western blot analyses of EC-only versus EC-pericyte cocultures demon-
strate marked changes in integrin and basement membrane matrix protein expressed during this 
process
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about a 50% decrease in pericyte coverage of vessels [16]. Of interest is that these 
mice show primary defects in microvessel beds (where pericyte coverage is pres-
ent), while larger vessels are much less affected. This microvascular deficiency 
phenotype manifests particularly in the kidney and central nervous system which 
strongly resembles that observed in diabetic microangiopathy [16]. Loss of peri-
cytes is a major pathogenic cause of this type of microvascular disease [51]. It is 
important to further understand the signaling mechanisms which underlie pericyte 
recruitment to EC-lined tubes, to both identify other factors that regulate this 
recruitment as well as understand how pericytes invade 3D matrices to recruit to 
these tubes. This is currently a major research direction of our laboratory.

1.3.14  �Pericyte Recruitment to EC-Lined Tubes Stimulates 
ECM Remodeling Events and Vascular Basement 
Membrane Matrix Assembly

Using our new model of EC-pericyte tube co-assembly, we sought to identify how 
pericytes contribute to vascular tube maturation and stabilization events. At differ-
ent time points of tube co-assembly, we performed transmission electron micros-
copy and immunofluorescence microscopy to examine if basement membrane 
matrix assembly occurred [94]. In Fig. 1.5b, we show immunostaining for the EC 
marker CD31, while the pericytes stably express green fluorescent protein (GFP). 
This image shows EC tube networks that have associated pericytes at day 5 of cul-
ture. We also show a light microscopy image of the coculture system in Fig. 1.5a. 
As shown in Fig. 1.5c, d, there is marked deposition of laminin and collagen type 
IV, two critical basement membrane matrix components. In addition, we reported 
that fibronectin, nidogen-1, nidogen-2, and perlecan were also deposited around 
EC-lined tubes only when pericytes were cocultured with ECs [94] (Fig. 1.5e). We 
demonstrated that basement membrane matrices were observed by transmission 
electron microscopy, only when EC-pericytes were cocultured [94], and over many 
years we have never observed basement membrane deposition in the absence of 
pericytes in electron microscopic studies. Further, we confirmed our results in vivo 
and demonstrated that pericyte recruitment to developing quail EC tubes directly 
correlates with vascular basement membrane assembly, at day 7 of embryonic 
development [94]. Prior to pericyte recruitment, no vascular basement membranes 
around EC tubes were observed in vivo [94].

To perform the immunostaining experiments, we utilized detergent-free condi-
tions so that we are examining only ECM that is deposited extracellularly [94] and 
not intracellular ECM molecules. We utilized this approach in our in vitro 3D cul-
tures but also stained an in vivo tissue, the quail chorioallantoic membrane, in the 
same manner [94]. This is key point because we have shown that extracellular depo-
sition of vascular basement membrane matrix is markedly stimulated by pericyte 
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recruitment [94]. Although increased production of individual basement membrane 
components was observed, this upregulation was not as marked as that observed in 
the immunostaining experiments. We utilized our human EC and bovine pericyte 
coculture system to determine which cell type produces particular ECM compo-
nents over time, to regulate basement membrane matrix assembly (using species-
specific RT-PCR primer sets) [94]. Major findings were that ECs increased the 
production of fibronectin selectively in the presence of pericytes (and not in their 
absence) and nidogen-1 was induced in pericytes that occurred selectively in the 
presence of ECs [94]. We also observed induction of particular laminin isoforms as 
well as perlecan at the mRNA level, which occurred through EC-pericyte interac-
tions. Thus, EC-pericyte contacts during tube co-assembly events affected mRNA 
and protein levels for key basement membrane matrix molecules [94]. Interestingly, 
both fibronectin and nidogen-1 are known to bridge key molecules that compose the 
basement membrane matrix [34, 76, 89]. Fibronectin shows affinity for collagen 
type IV and perlecan, while nidogen-1 binds collagen type IV and laminin isoforms. 
It is possible that these ECM components initiate a nidus which leads to the assem-
bly of the insoluble matrix surrounding the EC-lined tubes that control basement 
membrane deposition, as observed by electron microscopy. Most ECM proteins 
have self-assembly functions, but they need to interact with each other to create the 
complex meshwork that is characteristic of fully assembled basement membrane 
matrices. It is also intriguing that collagen type IV, a fundamental basement mem-
brane component greatly responsible for its structural integrity, shows affinity for 
both fibronectin and nidogen-1, which are selectively affected by EC-pericyte inter-
actions [94].

One question that is of great interest is how continuous basement membrane 
assembly is accomplished along EC-lined tubes, despite the fact that pericytes are 
only one-fifth to one-fourth of the total number of ECs. We believe that this occurs 
due to the motility of pericytes along the abluminal EC tube surface which scans 
along the tubes to stimulate the deposition of the basement membrane in a continu-
ous manner [94]. Furthermore, the movement of both pericytes and ECs along each 
other, within vascular guidance tunnels, will almost certainly exert mechanical 
stress on the newly deposited ECM to facilitate basement membrane assembly. 
Thus, it is intriguing that fibronectin, a mechanosensitive ECM component whose 
assembly is facilitated by cell-exerted tensional forces, is a critical protein that only 
strongly deposits around EC-lined tubes when pericytes are present along the tube 
surface [94]. Another interesting possibility is that the presence of pericytes, along 
the EC abluminal surface (and in a polarized fashion) [94], may stimulate the direc-
tional secretion and deposition of basement membrane components from both cell 
types toward each other. Thus, both mechanical forces and vectorial secretion 
mechanisms may play a fundamental role in how pericyte recruitment to EC-lined 
tubes leads to vascular basement membrane matrix assembly, a major step toward 
further tube maturation and stabilization. As discussed above, the deposition of lam-
inin isoforms may represent stimuli for ECs to stop undergoing morphogenesis and 
become a stable tube structure with a quiescent layer of ECs. Another molecule, 
TIMP-3, whose deposition in the basement membrane would lead to a similar 
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phenotype, binds basement membrane perlecan as well as other components, to 
suppress vascular morphogenesis [87]. The roles of these individual components 
need to be investigated in more detail in future studies.

1.3.15  �Critical Functional Role for Fibronectin Matrix 
Assembly During Vascular Development

A series of studies indicate that fibronectin gene knockouts result in an embryonic 
lethal phenotype during vasculogenesis [42, 57]. Also, evidence has been presented 
that fibronectin alternative splicing (IIIA and IIIB isoforms) is important during 
these events [6]. Further work will be necessary to elucidate why these particular 
fibronectin isoforms are playing a role during these processes. Vessel diameters 
from these animals are extremely wide which, as discussed above, may be second-
ary to defects in proper EC-pericyte interactions causing abnormal basement mem-
brane formation or reduced adhesiveness to these remodeled, but abnormal, 
matrices. EC-specific knockout of the α5 integrin also shows phenotypes that are 
manifested in a wider vessel phenotype, which appears to be further enhanced by 
knockout of αv integrins, another class of fibronectin receptors [57].

Since we observed strong fibronectin upregulation in ECs, as well as deposition 
selectively in EC-pericyte cocultures, we performed additional experiments to deter-
mine if fibronectin matrix assembly affected EC tube maturation events in this sys-
tem. We incorporated a 70 kDa N-terminal fragment of fibronectin, which is known 
to block fibronectin matrix assembly [106], to assess if it had any influence during 
these events. Our work shows that disruption of fibronectin matrix assembly affects 
EC tube width by significantly increasing it [94], suggesting that deposited fibronec-
tin may play a role in restricting vascular tube diameter. Interestingly, this treatment 
also markedly disrupted collagen type IV matrix deposition [94] while having a 
lesser influence on laminin assembly. In support of these findings are experiments 
showing that selective blockade of EC α5β1 integrin, a fibronectin receptor, also 
significantly increases vascular tube width in the EC-pericyte cocultures, but not in 
the EC-only cultures, where this receptor appears to play little role [94].

1.3.16  �Important Functional Role for Collagen Type IV 
in EC-Pericyte Tube Co-Assembly and Maturation 
Events

In addition to the critical roles for fibronectin and nidogen-1, as bridging proteins 
for ECM assembly, collagen type IV is another key basement membrane component 
with affinity for both of these bridging molecules. Interestingly, pericyte-induced 
fibronectin assembly around developing tubes appears to be involved in collagen 
type IV assembly [94]. To assess which cell types contributed the collagen type IV 
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that was deposited extracellularly during these events, we performed siRNA sup-
pression experiments revealing that ECs were the predominant source of collagen 
type IV [94]. Knockdown of collagen type IV in ECs strongly decreased collagen 
type IV assembly around tubes and resulting again in increased vascular tube width, 
an indicator of dysfunctional interactions between ECs and pericytes [94]. 
Knockdown of collagen type IV in pericytes had lesser, but nonetheless significant, 
inhibitory effects on both collagen type IV deposition and vessel tube width [94]. 
This suggests that both ECs and pericytes contribute collagen type IV during base-
ment membrane assembly.

1.3.17  �Pericyte TIMP-3 Contributes to Vascular Basement 
Membrane Matrix Assembly by Increasing Collagen 
Type IV Deposition or Stability

Another contributing role of pericytes during this process is the delivery of TIMP-3, 
a basement membrane and ECM-binding protein. As discussed earlier, TIMP-3 
plays a critical role in pericyte-induced tube stabilization by blocking MMP-1, 
MMP-10, and ADAM-15, which promote vascular regression events as well as 
inhibiting further morphogenic events by blocking MT1-MMP [87]. In this work, 
we show that TIMP-3 plays yet another role, by facilitating collagen type IV assem-
bly in EC-pericyte cocultures. siRNA suppression of pericyte TIMP-3 results in 
markedly decreased collagen type IV assembly [94], which may be due to less 
deposition or increased turnover due to lack of inhibition of MT1-MMP (which 
degrades type IV collagen). With decreased collagen type IV assembly around EC 
tubes, there was a significant increase in vessel diameter [94]. Thus, collagen type 
IV assembly may be a primary determinant of vascular tube diameter. It is particu-
larly intriguing to consider that EC-only tubes, which are not surrounded by base-
ment membranes, become very wide during morphogenic events. This suggests a 
lack of inhibitory signals. EC-pericyte co-assembled tubes are much narrower, sug-
gesting that the inhibitory signals are delivered to ECs through interactions with the 
assembled basement membrane to suppress further morphogenesis and promote 
maturation. The marked differences in vessel diameter in these two situations dem-
onstrate functional evidence for both the production and deposition of basement 
membrane matrices but also reveal that ECs recognize the proteins and respond by 
restricting tube diameter. Decreased vessel diameter and tube network areas are 
measurements that reflect the ability of pericytes to negatively regulate vascular 
tube morphogenesis while at the same time preventing pro-regressive stimuli from 
acting. Thus, EC tube diameter is also an important indicator of dysfunctional 
EC-pericyte interactions that lead to a variety of vessel abnormalities (which fre-
quently show increased vessel diameter). In addition, it is well known that basement 
membranes can facilitate cell polarity functions, by enhancing cell-cell contacts 
mediated through junctional contacts, such as through adherens and tight junctional 
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proteins. Although the EC apical membrane domain has been difficult to define in 
molecular terms, the clear evidence of EC polarization in our coculture model is the 
deposition of basement membrane matrices specifically to the abluminal surface 
and the prior recruitment of pericytes to these same abluminal membranes [94].

1.3.18  �Specific Upregulation of EC and Pericyte Integrins 
Recognizing Basement Membrane Matrices 
During EC-Pericyte Tube Co-Assembly in 3D Collagen 
Matrices

Again, using our coculture system with human ECs and bovine pericytes, we 
assessed how EC vs. pericyte integrins were regulated during this process. We 
assessed mRNA levels and performed function blocking experiments with anti-
integrin monoclonal antibodies. As discussed above, blocking antibodies to the 
α5β1 integrin had function blocking effects that selectively occurred in the 
EC-pericyte cocultures but not the EC-only cultures [94]. Interestingly, the EC α5 
integrin subunit was induced at the mRNA level in EC-pericyte cocultures, but not 
in EC-only cultures where it was downregulated. An important theme which 
emerged from these studies is that integrins which recognize the newly remodeled 
ECM assembling between ECs and pericytes were induced, while others that recog-
nized collagen type I matrices, such as the α2 integrin subunit from ECs, were 
downregulated [94] (Fig. 1.5e). Thus, as basement membranes assemble around EC 
tubes, the direct interaction of ECs with collagen type I decreases, while their con-
tact with basement membrane matrices increases. Concomitantly, we observed 
increases in the expression of integrin α5, α3, and α6 from ECs, which can recog-
nize fibronectin, nidogens, and laminin isoforms, while α5, α3, α6, and α1 integrin 
subunits were increased, from pericytes which recognize fibronectin, nidogens, 
laminin isoforms, and collagen type IV [94]. We also observed functional effects of 
these integrins, since blocking antibodies to the α5, α3, α6, and α1 integrin all 
caused abnormalities in the tube maturation process, by significantly increasing 
tube width [94]. None of these antibodies have any influence on EC-only cultures, 
which are solely dependent on the collagen-binding integrin, α2β1 [28, 94]. This 
data strongly indicates that the purpose of the multiple β1 integrins, on the EC cell 
surface, is to recognize key ECM components they encounter at different stages of 
the tube morphogenic and maturation process. When they are exposed to collagen 
type I matrices, which serves as a strong agonist for tubulogenesis, they utilize 
collagen-binding integrins such as α2β1. However, when EC-lined tubes attract 
pericytes, ECM remodeling occurs that induces deposition of basement membrane 
matrices that are recognized by different sets of integrins such as α5β1 (a fibronectin 
receptor), α3β1 (a nidogen and laminin isoform receptor), α6β1 (a laminin isoform 
receptor), and α1β1 (a collagen type IV, collagen type I, and laminin receptor) [94]. 
Interestingly, α1β1 appears to be predominantly pericyte-derived during the 
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EC-pericyte tube co-assembly process. Thus, the effects of blocking antibodies that 
have been observed may be due to an inhibitory influence on pericyte recognition of 
basement membrane matrices during these events [94]. EC-dependence on α2β1, 
which is continuously observed over time in EC-only cultures is lost with time in 
EC-pericyte cocultures, as basement membrane matrix assembly occurs and expo-
sure of ECs to collagen type I is strongly diminished. In conclusion, our findings 
show that EC-pericyte interactions control vascular basement membrane matrix 
assembly and that concomitant changes in EC and pericyte integrins occurs to rec-
ognize this newly remodeled matrix to facilitate further tube maturation and stabili-
zation events.

1.3.19  �Defining the Critical Growth Factors that Control 
Human Vascular Tube Morphogenesis and Pericyte 
Recruitment to EC-Lined Tubes

A central question in vascular biology is to elucidate the nature of the growth factors 
that are necessary to assemble the developing vasculature. Considerable data, par-
ticularly obtained from knockout mice or zebrafish, suggested a major role for 
VEGF [1]. Using serum-free defined models of vascular tube morphogenesis, we 
have assessed a role for VEGF and FGF-2, singly or in combination, in directly 
regulating EC tube assembly. Neither factor (alone or in combination) (i.e., 
VEGF+FGF) was able to support EC tubulogenesis [93]. Using a broad screen for 
growth factors, peptides, and other small molecules in a 96-well plate microassay 
format, we identified a single combination of five growth factors that leads to human 
EC lumen and tube network assembly. The five Factors are stem cell factor (SCF), 
interleukin-3 (IL-3), stromal-derived factor-1 alpha (SDF-1α), FGF-2, and insulin 
[93] (Fig. 1.3). Detailed screening of hundreds of additional combinations of mol-
ecules failed to identify any other mixture that supported this process [18]. Adding 
pericytes to ECs does not substitute for the Factor requirements [93]. Importantly, 
admixing pericytes with ECs under these Factor-driven defined conditions leads to 
EC tubulogenesis and marked pericyte recruitment as well as proliferation [93]. Of 
great interest is that pericytes proliferate, but ECs do not. In addition, this stimulated 
EC-pericyte tube co-assembly results in capillary maturation events, including 
basement membrane matrix assembly [93, 94]. Pericyte recruitment and basement 
membrane formation lead to narrower tube diameters, compared to EC-only cul-
tures [94]. Using this Factor-driven system, we identified a key role for EC-derived 
PDGF-BB and HB-EGF, in pericyte recruitment and proliferation, during 
EC-pericyte tube co-assembly [96]. Disruption of recruitment using antagonists of 
PDGF-BB and HB-EGF (using blocking antibodies or receptor traps) leads to wider 
tubes, fewer pericytes, and markedly reduced basement membrane deposition [96]. 
Overall, these data strongly indicate that we have identified a key combination of 
five Factors that are necessary to stimulate the process of human capillary tube 
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assembly [18, 93]. These Factors, by acting on ECs, are also critical in facilitating 
pericyte recruitment (through PDGF-BB and HB-EGF) which is required for capil-
lary basement membrane matrix assembly, a fundamental step in vessel 
maturation.

Finally, we have addressed a functional role for VEGF during these events, by 
acting as an upstream primer of EC responses to the Factors [93]. VEGF pretreat-
ment leads to upregulation of c-Kit, IL-3Rα, and CXCR4, which are the key recep-
tors necessary to act in conjunction with FGF and insulin receptors [93]. The 
addition of a combination of FGF and insulin together fails to support EC tubulo-
genesis. In contrast, addition of all five Factors leads to marked EC tubulogenesis. 
Importantly, VEGF pretreatment of ECs for 8 h or more leads to significant increases 
in their response to the downstream Factors [93]. Furthermore, VEGF priming also 
enhances pericyte recruitment responses, during EC-pericyte tube co-assembly 
[93]. This work strongly suggests that VEGF’s functional role needs to be reinter-
preted, in that it fails to directly stimulate EC tubulogenesis but can clearly act as an 
upstream EC primer/activator, which allows for enhanced responses to downstream 
Factors. The unique signaling features of VEGF priming must be investigated and 
distinguished from those supplied by the Factors, which separately leads to the 
major EC tubulogenic process. Thus, these unique signaling events control distinct 
steps in the process of EC tube morphogenesis which then leads to pericyte recruit-
ment to establish capillary networks that mature over time.

1.4  �Future Directions

It is clear that major advances have occurred over the past two decades in elucidat-
ing molecular mechanisms that underlie the ability of vessels to form, mature, and 
regress. In our view, it is this type of mechanistic research that will most likely lead 
to the generation of novel therapeutic strategies to manipulate blood vessels in the 
context of disease. It is also critical that both in vitro and in vivo approaches be 
continued and appreciated by individuals who focus on either side of these strate-
gies. As the in vitro models and experimental strategies have evolved, it is more and 
more evident that very rapid advances are occurring in this area. Particular assay 
systems have repeatedly been shown to accurately reflect the biology of developing 
and postnatal vessels in vivo, and thus, these systems represent a critical experimen-
tal approach to rapidly advance the field.

In terms of key future directions, it is clear that more cytokine and growth factor 
research needs to be coupled with signal transduction studies to elucidate when and 
where particular molecules act to control the development, maturation, and stability 
of the vasculature. A key aspect of this question is how distinct growth factors or 
combinations (and their unique downstream signals) are necessary to create and 
maintain arteries, capillaries, veins, and the lymphatic vasculature. Our recent find-
ings showing that five growth factors, SCF, IL-3, SDF-1α, FGF-2, and insulin, are 
required in combination to support human capillary tube assembly is an example of 
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this type of advance. The EC tubulogenic signaling cascade is highly complex and 
needs to be investigated in considerably more detail. A fundamental question, which 
remains unanswered, is what allows ECs to form lumen and tubes, while cells such 
as pericytes and fibroblasts cannot perform this function. In attempts to create the 
EC lineage from any other cell type, it is essential to determine whether the cells can 
form tubes in a 3D matrix environment, which is one of primary functional roles of 
ECs. It is likely that a detailed understanding of these processes will lead to impor-
tant new opportunities to treat disease. Many of the most important acute and 
chronic diseases include a major component involving the dysfunction or break-
down of the vasculature (e.g., cancer, diabetes, tissue fibrosis, hypertension, athero-
sclerosis). Another important concept that needs to be stressed is that molecules 
(growth factors, ECM, receptors, MMPs) and downstream signaling molecules 
work together (i.e., multiprotein complexes), and it is critical to understand how 
such molecules and pathways temporally coordinate to control the observed bio-
logical responses. The single molecule analysis and approach that is inherent to 
many studies can be quite misleading in terms of our understanding of complex 
biological events. Systems approaches (i.e., RNAseq, non-coding RNA regulation, 
and proteomics analyzing protein-protein interactions with identification of key 
phosphorylation sites) are important directions in future work to identify new criti-
cal regulators of the pathways that control vascularization responses and to assess 
how these are altered in the context of vascular disease.
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Chapter 2
Mechanical Regulation of Vascularization 
in Three-Dimensional Engineered Tissues

Barak Zohar, Shira Landau, and Shulamit Levenberg

2.1  �Introduction

Three-dimensional (3D) tissue engineering generally involves the design of 3D 
polymeric scaffolds in combination with one or more cell types, to form implant-
able, tissue-like devices. Such engineered tissues can be used to replace autologous 
tissue conventionally used to repair substantial tissue damage and can serve as 
tissue-scale models to study normal and diseased biological processes (e.g., drug 
screening tests). Vascularization of engineered tissue constructs is a challenge of 
great significance in the field of regenerative medicine. Without a stable and perfus-
able blood vessel network providing oxygen and nutrients, cells cannot survive tis-
sue dimension growth beyond several hundreds of microns, due to diffusion 
limitations. Several approaches have been applied to promote the vascularization of 
engineered implants, including pre-vascularization of implants relying on self-
assembly of endothelial cells and mural cells to vessels. The mechanisms by which 
endothelial cells (ECs) self-assemble into vascular networks are quite diverse. 
Current scientific understanding generally separates these processes into vasculo-
genesis and angiogenesis, where vasculogenesis refers to the de novo creation of 
vascular networks from endothelial progenitor cells (angioblasts), as seen in the 
embryo’s primitive vascular plexus. Angiogenesis refers to the expansion of exist-
ing vascular networks into new blood vessels, via mechanisms such as sprouting, 
intussusception (vessel splitting), and vessel fusion. During angiogenesis, ECs exert 
mechanical forces on their environment while invading, proliferating and migrating. 
These forces are generated by the contraction of several cytoskeletal proteins such 
as actin, microtubules, and actomyosin and are affected by environmental cues. 
Additionally, EC lining blood vessel walls are continuously exposed to mechanical 
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stimuli, in the form of fluid shear stress generated by flowing blood, and tension 
generated by external contractile forces. Various in vitro models, consisting of ECs 
cultured in 3D scaffolds composed of different biomaterials, have been established 
to study the effect of mechanical stimuli on vascularization processes. Some of 
these models are designed to manipulate the mechanical properties of the 3D matrix 
such as matrix stiffness and boundary conditions, while others are designed to 
actively apply fluid shear stress and external tensile forces using designated bioreac-
tors. This chapter will summarize the main insights gained regarding the impact of 
internal and external mechanical cues on the formation of vascular networks in 3D 
culture systems (Fig. 2.1). Internal mechanical forces refer to cell-induced forces 
regulated by the cellular environment, while external forces are those that are 
actively applied on the engineered tissue by external sources.

2.2  �Internal Forces

2.2.1  �Cellular Forces

Mechanical interactions between cells and the extracellular matrix (ECM) play a 
central role in regulation of cell division, motility, and differentiation [10, 32, 38]. 
Cells, including ECs, modify the mechanical and structural properties of their sur-
rounding ECM by exerting contractile forces. Endothelial invasion and sprouting 
involve three-dimensional (3D) matrix deformation, as demonstrated by fluorescent 
particle displacement in gel [28, 49], anisotropic fibrillar structure of the ECM [30], 
and local ECM stiffness [25]. These matrix alterations subsequently trigger feed-
back responses which dictate vascular network morphogenesis. For example, endo-
thelial sprouts exert mechanical forces that reorganize the matrix to support tubelike 
endothelial structures and branching point formation. It has also been shown that 
cell contractile forces regulate sprouting directionality. Korff et  al. demonstrated 
that forces induced by sprouting vessels led to long-range deformation of the under-
lying collagen gel. Interestingly, sprouts of nearby EC spheroid followed the direc-
tion of tension-aligned fibers generated by the ECs [26]. Cell-cell mechanical 
communication has also been demonstrated in an experimental model in which EC 
sprouting correlated with substrate deformations generated by neighboring cells in 
a compliant polyacrylamide gel (Fig. 2.2a) [43].

2.2.2  �Matrix Stiffness

The role of ECM stiffness in regulating cellular morphology, differentiation, trac-
tion force generation, focal adhesion, and cell migration dynamics is well studied 
[4, 10, 41, 42, 61]. Modification of the fibrin or collagen gel density has been a 
common approach to manipulate stiffness of 3D matrices in  vitro. Studies 
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Fig. 2.1  Diagram of mechanical cues that regulate vascularization in 3D engineered tissue

demonstrate that a less dense fibrin matrix is essential for the formation of capillary-
like networks and induces longer endothelial sprouts [24, 53]. Additionally, when 
co-cultured with supportive cells (fibroblasts) in 3D engineered construct, ECs self-
assembled into more enhanced vascular networks on matrices with lower fibrin con-
centrations [31]. The same tendency was observed in studies utilizing collagen gels, 
where lower collagen density resulted in a more developed vascular network [9]. In 
another study, the best vascularization results were achieved with relatively inter-
mediate collagen concentrations [48]. However, the impact of matrix stiffness per se 
is still questionable, since manipulation of gel density also alters chemical proper-
ties of the gel such as adhesion ligand concentrations, structure, and diffusion coef-
ficients, all of which may directly or indirectly influence the residing cells. For 
example, limited diffusion of secreted growth factors was suggested as one reason 
for reduced sprouting in more concentrated gels [16]. Modification of collagen gel 
stiffness by glycation, pH adjustments, and the addition of stiffness-tunable hydro-
gels are some of the approaches also used today to independently study the impact 
of matrix stiffness on vessel networks. When adjusting gel stiffness by pH, ECs 
formed thicker and deeper vascular networks in rigid gels, as opposed to dense and 
thin networks on flexible gels [60]. Moreover, when stiffness was tuned by poly-
acrylamide hydrogel-coated collagen within a relevant physiological stiffness range 
(3–30 kPa), the expression of important pro-angiogenesis mediators (i.e., VEGFR-2, 
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caveolin-1, and β-catenin) was significantly decreased on stiffer substrates [47]. 
Although glycated collagen culture models have shown that sprouting angiogenesis 
was delayed in stiff collagen gels [12], nonenzymatic glycation approach has shown 
altered tendency. When collagen stiffness was tuned by nonenzymatic glycation, the 
numbers and lengths of angiogenic sprouts were dramatically increased in a stiffer 
matrix (from 175 Pa to 515 Pa) (Fig. 2.2b) [36]. So despite many studies showing 
that vascular organization is dependent on the mechanical properties of the support-
ing matrix, the regulatory effect of stiffness on 3D vascular arrangement is still a 
source of controversy.

2.2.3  �Boundary Constraint

Cells induce contractile forces that lead to the compaction of the surrounding 
matrix. Cells cultured in a gel with no rigid boundary (free gel) exert and sense less 
tension forces, compared to cells cultured in a constrained gel where the gel deform-
ability is limited. Consequently, vascular network formation in a gel is demonstrated 

Fig. 2.2  Mechanical regulation of cell-induced forces affected by matrix stiffness and boundaries 
in vascular organization. (a) Cell-cell mechanical communication demonstrated by traction stress 
distribution. Phase images and corresponding traction maps of ECs coming into contact show 
guided communication via substrate deformations in a 5500 Pa gel conjugated with 1.0 mg/mL 
RGD peptide (adapted, with permission, from Reinhart-King et al. [43]). Bar, 100 μm. Color map 
is in units of dyn/cm2. (b) Endothelial spheroids were cultured in nonenzymatically glycated col-
lagen gels, which enabled assessment of the impact of gel stiffness on EC sprouting, independently 
of matrix density. Changes in the compressive modulus of the hydrogel resulted in an increase in 
the number and length of sprouts in the higher stiff matrix (adapted, with permission, from Mason 
et al. [36]). Bar, 200 μm. (c) The effect of mechanical boundaries on capillary-like structure forma-
tion using polydimethylsiloxane (PDMS) fences. Bright-field images of capillary-like structures 
on circular and star-shaped matrigels (adapted, with permission, from Sun et al. [50]). Bar, 300 μm
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to decrease when boundary limitation is high, corresponding to higher matrix stiff-
ness conditions. In several studies, differential boundary conditions were applied by 
constraining the gel to predetermined boundary geometries such as a rectangle, tri-
angle, square, star, or circle (Fig. 2.2c) [50, 52]. Sun et al. demonstrated that vascu-
lar networks situated along the boundary of the shapes were significantly denser and 
had a shorter mean cord length, compared with the central regions. The local strain 
field experienced by microvessels was predicted by computational finite element 
models simulating the contraction of gels constrained by various boundary condi-
tions [50]. This boundary effect was then eliminated using a Rho-associated protein 
kinase inhibitor, which demonstrated the correlation with cell traction force [50]. 
These findings demonstrate that boundary conditions and, thus, the effective stiff-
ness of the matrix provide an alternative means of controlling vascular organization 
in engineered tissues without modifying matrix chemical properties.

2.3  �External Forces

2.3.1  �Tensile Forces

During physiological growth, blood vessels remodel and grow in response to tensile 
stress and the resulting strain within the vessel wall [34]. In recent years, there have 
been growing attempts to include tensile stress, primarily applied by the use of bio-
reactors, as a mechanical stimulator when engineering blood vessels. Recent experi-
ments show a connection between tensile stress and alignment of forming vessels. 
ECs grown on micro-carrier beads, cultured within a fibrin gel containing smooth 
muscle cells and subjected to 10% cyclic strain at 0.7 Hz, formed sprouts which 
aligned in parallel to the strain direction, whereas the unstrained control sprouted 
radially. The plasticity of this alignment was demonstrated, when the aligned 
strained vascularized constructs were transferred to static unstrained condition, 
which led to random alignment of the vessel sprouts [6]. In a similar work, research-
ers isolated microvessels, seeded them into a collagen gel, and applied 6% cyclic 
strain at 1 Hz. The forming sprouts aligned in parallel to the strain direction [27]. 
However, contradictory findings reported by Matsumoto et al. noted that ECs seeded 
on a dextran micro-carrier surrounded with fibrin gel sprouted outward, at an angle 
that was perpendicular to the cyclic strain [37]. Similar behavior was recorded when 
human pluripotent stem cell-derived vascular smooth muscle cells (vSMC) were 
subjected to uniaxial cyclic strain, which induced their alignment perpendicular to 
the stretching direction [58]. ECs seeded on collagen on top of a silicone mold and 
subjected to cyclic uniaxial stretch (20%, 1 Hz), also aligned perpendicular to the 
stretch direction and formed more vessel sprouts [59]. In a different work, ECs and 
fibroblasts co-cultured within Gelfoam 3D scaffolds and subjected to uniaxial cyclic 
stretch (10% and 1 Hz) formed vessels that aligned diagonal (30–600) to the stretch-
ing direction (Fig. 2.3a) [45]. However, ECs and fibroblasts seeded into a Gelfoam 
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scaffold and subjected to static strain aligned parallel to the strain direction [45]. 
These results agree with another report of ECs and muscle cells embedded within a 
collagen-Matrigel 3D construct subjected to uniaxial stress [54]. In other work, 
Chang et al. printed and framed aligned microvessel fragments embedded within a 
collagen gel which was then subjected to uniaxial stress. While the pre-patterning 
disappeared during culture in  vitro, the vasculature within the constrained con-
structs aligned in parallel to the stretch direction, and both maintained alignment 
during culture in vitro and induced invading vessels to align in the same direction 
post-implantation [7].

The reasons for these recorded alignments are debatable. Ingber hypothesized 
that local ECM thinning, caused by ECM turnover triggered by ECM modulators, 
increases ECM compliance, resulting in the production of tractional forces by the 
surrounding cells leading to local cell distortion. Consequently, increases in trans-

Fig. 2.3  External mechanical regulation of microvasculature by tensile forces and fluid shear 
stress. (a) The orientation of vessel-like structures upon exposure to various mechanical stretching 
regimens. Free-floating scaffolds (no external force) contained randomly orientated vessels, while 
cyclic-stretched scaffolds contained diagonal vessels and static-stretched scaffolds displayed verti-
cally aligned vessels. Green, HUVEC-GFP cells (adapted, with permission, from Rosenfeld et al. 
[45]). Bar 250 μm. (b) Scaffold cross sections showing colocalization of collagens I and IV with 
EC structures. A cross section of a scaffold cultured for 7 days under static conditions and a scaf-
fold cultured for 5 days under static conditions and then for 2 days under direct constant flow 
conditions (adapted, with permission, from Zohar and Blinder et al. [63]). ECs, red; collagen IV, 
green; and collagen I, blue. Bar, 100 μm. (c) A perfusable vascular network established in a micro-
fluidic device, as demonstrated by perfusing FITC-dextran (top right) and fluorescent microbeads 
(top left). Endothelial cells responded to 1 h of luminal flow with an increase in nitric oxide (NO) 
synthesis, as demonstrated with DAF-FM DA fluorescence dye (green) (adapted, with permission, 
from Kim et al. [23]). Bar 50 μm
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membrane receptor tension results in modification of cellular biochemistry, which 
eventually impacts cell growth and motility and overall network patterning [20]. 
Another work showed that tensile forces generated by ECs cause ECM alignment, 
leading to sprout alignment [26]. In contrast, Ceccarelli et al. claimed that vessel 
alignment is caused by changes in ECM stiffness (resulting from the applied strain) 
rather than ECM alignment [6]. Kaunas and Deguchi determined that cell alignment 
in response to cyclic stretch is guided by remodeling of cell adhesions and actin 
stress fibers, where myosin II has a major role in maintaining cellular homeostasis 
under mechanically stimulated environments [22].

Strain was also shown to influence cytokine secretion from stimulated vascularized 
constructs. Vascular endothelial growth factor (VEGF) and platelet-derived growth 
factor (PDGF)-ββ secretion levels increased under cyclic strain when compared to the 
unstimulated control group [45]. This correlates with another study that showed an 
increase in angiopoietin 2 (Ang-2) and PDGF-ββ secretion from ECs subjected to 
cyclic strain. Endothelial migration and sprout formation were both increased under 
cyclic strain conditions [62]. Static strain has been shown to induce vessel formation, 
without the need for addition of growth factors, and to stimulate muscle cells sur-
rounding the ECs to secrete VEGF [54]. When subjecting tubular constructs com-
posed of fibrin seeded with bovine aortic endothelial cells, to 7 days of 10% cyclic 
strain, the length and density of the forming sprouts were affected; stimulated con-
structs displayed wider, less branched sprouts compared to the unstimulated control 
group [14]. In addition, cyclic strain was shown to induce a short-term increase in 
gene expression of collagen type I, fibronectin, and elastin within human pluripotent 
stem cell-derived vSMCs. In the long term, uniaxial strain decreased ECM expression 
within mature vSMCs, whereas in less mature vSMCs, elastin upregulation was found 
[58]. Rho-associated kinase (ROCK) is shown to have an important role in vessel 
alignment and remodeling under cyclic stretch. The addition of ROCK inhibitor to a 
culture medium resulted in alignment suppression and a decrease in vessel sprouting. 
In contrast, inhibition of the receptor tyrosine kinase resulted in a decrease in vessel 
sprout density but had no effect on vessel alignment [59].

Stretch has also been utilized in the field of tissue engineering of large blood ves-
sels. A special bioreactor was developed to enable application of cyclic biaxial 
stretch on polyglycolic acid (PGA) vessels seeded with SMCs, to mimic the stimu-
lations in native arteries. Biaxial stretch-stimulated constructs formed elastic fibers 
and aligned collagen fibers, similar to those found in native arteries, with higher 
suture retention strength. Additionally, biaxial stretch stimulation was shown to 
increase the strength and compliance of the engineered blood vessels [19].

2.3.2  �Fluid Shear Stress

Flow-induced shear stress is correlated with morphological changes in endothelial 
cells in vitro [17, 18, 39, 51] as well as with changes in gene, protein, and miRNA 
expression [15, 40]. In microfluidic devices [3, 13, 21, 55] and two-dimensional 
(2D) monolayer “flow-over” models [2, 56], flow-induced shear stress has been 
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shown to regulate and enhance angiogenic processes. Several groups have studied 
the effects of flow-induced shear stress on endothelial cells in vitro, using a parallel 
plate flow chamber [5, 18, 51]. This experimental setup is simple to model and pro-
vides better control over the applied shear stress. However, it does not closely mimic 
the 3D nature of interstitial flow, as the medium flows over the cells rather than 
through the scaffold. Moreover, endothelial cell response is limited as the system 
does not support 3D sprouting and network formation. In an alternative 3D model, 
consisting of 3D collagen and alginate gel plugs embedded with endothelial cells, 
direct flow simulation resulted in enhanced vascular morphogenesis and 
angiogenesis-related gene expression [29, 46]. Furthermore, in our recently pub-
lished work, we demonstrated the effect of flow-induced shear stress on vascular 
formation and maturation in an implantable 3D engineered construct. Direct flow 
conditions resulted in a significant increase (>100%) in vessel network morphogen-
esis parameters, EC and ECM protein depth distribution, and colocalization inci-
dence of alpha-smooth muscle actin (α-SMA) with endothelial vessel networks. 
These findings suggest that flow conditions promote 3D neovascularization and 
vascular network maturation in a 3D engineered tissue (Fig.  2.3b) [63]. In 
microfluidic-based platforms, luminal flow through a self-assembled microvascula-
ture was applied to generate shear stress stimulation inside microvessels [23, 57]. 
The microvasculature patency was demonstrated by tracking flowing FITC-dextran 
and fluorescent microbeads (Fig. 2.3c) [23, 57]. The self-assembled microvessels 
possessed morphological and biochemical markers characteristic of natural blood 
vessels and exhibited strong barrier function, long-term stability, cytoskeleton rear-
rangements, and increased nitric oxide synthesis (Fig. 2.3c) [23].

However, the true nature of the effect of shear stress on vessel formation and 
behavior is still poorly understood [1]. Many molecular mechanisms and signal 
transduction pathways are suggested to bear shear-sensing or mechanotransductive 
roles. These mechanisms involve cell-matrix and cell-cell adhesion and junction 
molecules, membranous receptors and ion channels, the extra-membranous glycoca-
lyx complex, and cytoskeleton proteins among others [1, 33, 44]. For example, shear 
stress has been shown to mediate changes in endothelial cell phenotype, by increas-
ing RhoA (a cytoskeletal regulator) activity and promoting the formation of stress 
fibers [8]. Additionally, a direct connection between flow-induced shear stress and 
VEGF signaling during angiogenesis has been shown to be mediated by an endothe-
lial cell-specific microRNA, called mir-126, which is regulated by the mechano-
sensitive zinc finger transcription factor klf2a [11, 40]. This microRNA has a 
pro-angiogenic function, by naturally repressing VEGF inhibitors ispred1 and pik3r2.

2.4  �Conclusions and Future Perspectives

Creation of vascularized 3D engineered tissue requires a multidisciplinary approach. 
This involves integrating knowledge of vascular biology together with biomaterials 
engineering and microfluidic design, to recapitulate a microenvironment in which 
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cells can form mature blood vessels that can maintain tissue viability over time. The 
basic building blocks for blood vessel engineering are endothelial cells (ECs) and 
supporting cells. Both cell types can be isolated from different sources or differenti-
ated from different pluripotent stem cells. In most of the discussed studies, ECs and 
supporting cells were co-cultured on different natural and synthetic biomaterials 
harnessed to establish a natural 3D environment supportive of vascularization pro-
cesses. Both matrix stiffness and boundary constraint affect cell-induced contractile 
forces, which regulates cell-cell communication, vascular network structure, and 
directionality. External forces, in the form of fluid shear stress and tensile forces, 
induce vascular network formation and maturation and dictate vascular network 
structure and directionality. Although the effect of mechanical stimulation on vascu-
larization is clearly demonstrated, the origin of the biological triggers remains in 
question. The impact of mechanical cues on vascularization can be explained by 
direct communication, via EC mechanotransduction sensors [1], or by indirect cues 
related to environmental changes such as neighbor cell responses, matrix deforma-
tion, and biochemical changes. A deeper understanding of the mechanisms through 
which ECs are affected by mechanical stimulation in 3D matrices may be achieved 
by correlating vascular morphogenesis with the levels of biosensors associated with 
relevant known biomechanical pathways. In addition, while the vast majority of 
studies focus on changes in vascular network morphology in response to mechanical 
cues, technical hurdles limit research on other critical functional parameters key to 
the success of engineered vessels, such as perfusability and barrier function. 
Perfusable vascular networks enable generation of both luminal shear stress and 
circumferential wall stress, both of which play critical roles in vascular mechanobi-
ology [35]. Such physiologic stresses and strains exert vasoprotective actions, medi-
ated by nitric oxide, and provide a homeostatic oxidative balance for further vascular 
remodeling and maturation [35]. It is very important to clarify that the developmen-
tal stage of the vascular network largely impacts endothelial cell responses to 
mechanical stimulation. For example, during vasculogenesis (when vascular net-
works are not fully established), ECs can respond to external shear stress by accel-
erating vascular network arrangement. This pro-angiogenic role of shear stress may 
be critical in cases of injury, when the tissue is undergoing a wound healing process. 
Conversely to anti-angiogenic role in vascular network remodeling, maturation and 
quiescence processes occur under homeostasis conditions regulated by luminal 
shear stress and circumferential wall stress.

Recently developed experimental approaches, based on evolving 3D microfabri-
cation techniques, may open up new strategies for exploring the impact of biome-
chanical triggers on vascularization under more physiologically relevant conditions. 
Moreover, the control and repeatability of patterning vascular and perivascular cells 
in 3D engineered tissue will allow for a higher degree of regulation over the initial 
organization of vascular structures and, therefore, will enable to study cell-cell and 
cell-matrix mechanical interactions in more accurate and controlled systems. Such 
high levels of accuracy will enhance computational estimations of local mechanical 
cues, which can be validated by mechanical biosensor-based feedback signals. 
Conclusively, integration of high-precision fabrication techniques with advanced 
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computational models and utilization of biomechanical sensors may provide a bet-
ter understanding of the means through which mechanical forces regulate the differ-
ent stages of vascularization in 3D engineered tissues.
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Chapter 3
Physiological and Pathological Vascular 
Aging

Patrícia R. Pitrez, Helena R. Aires, Inês Tomé, Rita Sá Ferreira, 
and Lino Ferreira

3.1  �Introduction

It is expected that by 2030 the number of people aged 60 years and over will grow 
by 56% [121]. Aging is recognized as the key factor in most chronic diseases, 
including neurodegenerative, cerebrovascular, and cardiovascular disorders, through 
the accumulation of biological changes over time [84]. Thus, age-related biological 
changes have emerged as a serious issue, with increased socioeconomic and health-
care burdens. Several hallmarks of aging in mammals have been identified includ-
ing telomere attrition, genomic instability, epigenetic modifications, loss of 
proteostasis, cellular senescence, mitochondrial dysfunction, altered intercellular 
communication, deregulated nutrient sensing, and stem cell exhaustion [55, 67, 93].

A major trigger for cellular aging and senescence is telomere shortening [3, 67]. 
Indeed, a cell’s finite replication capacity is promoted by telomere shortening [52]. 
Telomeres are repeats of highly conserved nucleotide sequences that compose the 
chromosome ends to prevent chromosome fusion [52]. Mammalian cells do not 
express telomerase, the enzyme responsible for telomere replication, and because 
the enzyme is consumed at each cell cycle, telomeres become shorter until they can-
not prevent a DNA damage response [20, 127]. Another trigger for normal aging is 
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related to genomic instability. The accumulation of DNA damage over time is the 
result of environmental factors (e.g., chemicals, UV/IR radiation) as well as endog-
enous agents (e.g., DNA replication errors, reactive oxygen species). DNA damage 
accumulates when intrinsic mechanisms cannot eliminate these dysfunctional cells, 
and thus tissue and organism homeostasis become compromised [67]. However, 
more than being genetically predetermined, organismal lifespan is also epigeneti-
cally modified. Exposure to environmental stresses (e.g., smoking, pollution, seden-
tary lifestyles) during an individual’s lifetime may induce epigenetic alterations that 
can compromise normal gene expression without altering the underlying DNA 
sequence [71]. These exogenous factors are major players in premature defects in 
mitochondrial functionality, insulin signaling, endothelial homeostasis, and redox 
balance, promoting early senescent features [27]. To overcome intracellular damage 
that accumulates with age, a quality control network, which maintains correctly 
folded proteins and degrades unfolded or misfolded proteins, is fundamental. This 
maintenance system, known as proteostasis, is supported by the heat shock family 
of proteins (namely, chaperones) and by the proteolytic systems ubiquitin-
proteasome and lysosome-autophagy, which determine cell fate [56]. However, pro-
tein homeostasis declines with age, promoting proteotoxicity that further leads to 
the development of age-related proteinopathies [101]. Another trigger of normal 
aging is cell senescence. Cellular senescence acts as an anticancer mechanism 
through the activation of tumor-suppressor mechanisms in response to oncogenic 
stimuli, including the p53/p21 and p16INK4a/pRB pathways [22]. However, it was 
recently demonstrated that eliminating senescent cells from a mice model not only 
increased longevity but also improved overall health, thus suggesting that senescent 
cells are major drivers of aging [5, 6].

This chapter reviews the physiological and pathological aging process of vessels 
in Hutchinson-Gilford progeria syndrome, a disease characterized by premature 
aging in children (focusing on the biophysical and cellular changes that occur in the 
vessels during aging). Many aspects observed in physiological aging are shared by 
pathological aging. Therefore, the use of accelerated aging models may facilitate 
the study of vascular aging. Finally, we review the latest efforts to create suitable 
in vitro models to study the process of aging in the vascular system.

3.2  �Vascular Aging: General Insights

Several molecular mechanisms are implicated in vascular aging including sirtuins, 
telomere shortening and telomerase, progerin, klotho gene, and JunD, among others 
[59]. Vascular aging is characterized by collagen deposition, vascular remodeling, 
interstitial fibrosis, and inflammation which further leads to wall thickening, arterial 
stiffening, and vessel dilatation [27].

Vascular aging is evaluated in multiple ways. Vascular stiffness increases with 
aging and is easily monitored by pulse wave velocity [60]. High levels of C-reactive 
protein, an inflammatory marker, and low levels of adiponectin, an anti-atherogenic 
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factor, are related with atherogenesis and consequently with vascular aging [119]. 
Lymphocyte telomere length, easily accessed through peripheral blood, may be 
used as a biomarker of vessel aging since it is related with stem cell and endothelial 
progenitor cells (EPCs) telomere length [34]. Inflammatory markers such as the 
nuclear factor-kappa B (NF-KB) and insulin growth factor-1 (IGF-1) maybe also be 
used as biomarkers of vascular aging. Other biomarkers are strictly linked with 
senescence and can reflect cell cycle arrest (e.g., p53, p21, p16INK4a), absence of cel-
lular proliferation (e.g., lack of BrdU incorporation, Ki67), activation of double-
stranded brakes (e.g., H2AX, p53BP1 foci), expression of inflammatory factors 
(e.g., interleukin-6 and interleukin-8), cell senescence (SA-β-gal), loss of lamin B1, 
and activation of pathways that regulate the secretory phenotype (e.g., p-p65 or 
p-p38) [20, 32, 40, 95].

3.3  �Physiological Vascular Aging

Vascular aging is characterized by biophysical changes. There is a fatigue of the 
vessels resulting from sustained mechanical stress-associated pressure caused by 
blood flow. The extracellular matrix (ECM) becomes stiffer, losing elasticity and, 
therefore, the ability to stretch [79]. In addition, endothelial cells (ECs) become 
dysfunctional as result of a pro-inflammatory environment and increased oxidative 
stress [116].

3.3.1  �Altered ECM Remodeling

The vessel wall is mainly composed of an ECM which provides structural support 
and defines the vessel’s mechanical properties. By interacting with vascular cells, 
the ECM is able to act as a signal transductor to modulate cell proliferation, sur-
vival, differentiation, and gene expression. The major components of the vascular 
ECM are collagen and elastin, complemented by other molecules including fibro-
nectin, microfibrils, proteoglycans, and glycoproteins [136]. Different sections of 
the blood vessel wall have different compositions of ECM proteins [129]. In the 
tunica intima, ECs lined the vessel luminal surface, attaching to a basement mem-
brane containing mainly laminin, type IV collagen, nitrogen, perlecan, types XV 
and VIII collagens, and fibronectin [9, 136]. Between the intima and the tunica 
media, arteries and veins are supported by the internal elastic lamina [31, 129]. In 
the tunica media, vascular smooth muscle cells (SMCs) and elastins are the major 
components. Elastin forms concentric fenestrated sheets, intercalated with collagen 
fibers and proteoglycans, which connects with SMCs [85]. Elastin is an elastic fiber 
produced by SMCs, presenting low tensile strength that contributes to the elasticity 
of the vessels and to store the recoiling energy, contributing to vessel compliancy 
[136]. The percentage of lamellar units present in the vessel varies with the tensile 

3  Physiological and Pathological Vascular Aging



54

strength that the vessel is subjected to, being higher in the larger and more proximal 
vessels that withstand higher wall tension [11]. Finally, tunica adventitia, the out-
side layer of the vessels, is rich in collagen type I and III. Collagen provides high 
tensile strength, which prevents wall rupture due to blood pressure. The production 
of the adventitia proteins is mainly done by fibroblasts [19, 136].

In aged blood vessels, the endothelium, the SMCs, and the ECM suffer structural 
and functional changes that lead to arterial stiffness, fibrosis, and endothelial dys-
function [88]. The ECM in the vascular wall becomes thicker and stiffer with aging, 
due to several factors including (1) increase of the collagen to elastin ratio, (2) 
impairment of the balance between ECM degradation and production, and (3) dys-
function of newly synthesized ECM [54]. Collagens and elastin are the major com-
ponents of the blood vessel’s ECM and the absolute and relative quantities of these 
proteins define the biomechanical properties of the vessels [100]. Collagen provides 
the tensile strength while elastin the elastic properties for the vessels [117]. Elastin 
represents approximately 50% of the arterial wall dry weight, and it is mainly pro-
duced by SMCs and fibroblasts, which have a low turnover rate during their life [18].

As mentioned above, through aging, changes in the composition and structure of 
collagen, as well as the ratio between elastin to collagen, contribute to a decrease in 
the total arterial compliance [118]. An increase in the content of collagen types I and 
III across the vessel wall [57] occurs during aging, namely, in the adventitia, caus-
ing the stiffening of the vessels [39]. In addition, increased cross-linking between 
collagen fibers leads to more insoluble fibers and, thus, less availability for enzy-
matic degradation, with an increased tensile strength [41]. The cross-linking pro-
cess may be driven by enzymes, such as lysyl oxidases, which promote the formation 
of inter- and intramolecular cross-links [96] or by the accumulation of advanced 
glycation end products (AGEs) [43]. AGEs are formed by non-enzymatic glycation 
of proteins and lipids and their production is accelerated with aging. Collagen and 
elastin, present in the vessels, have a low turnover rate and become more susceptible 
to glycation [78, 104]. With aging, the elastin content of blood vessels decreases, 
thereby increasing the collagen to elastin ratio [117]. Moreover, elastin suffers 
structural changes, due to the repeated mechanical forces during stretches and relax-
ation in the cardiac cycle, as well as increased oxidative stress that concomitantly 
contributes to fragmentation and rupture of elastin fibers [33]. Elastin cross-linking 
with AGEs also contributes to an increase in fragility and fragmentation of this pro-
tein [107].

Another feature, which contributes to ECM remodeling with aging, is the imbal-
ance between the synthesis and degradation of ECM components. Matrix metallo-
proteinases (MMPs) are endopeptidases capable of degrading ECM components 
[14]. With age, an increase in the activity of MMP-2/MMP-7/MMP-9/MMP-14 in 
the aortic walls of rodents, nonhuman primates, and humans has been reported 
[132]. Increases in MMP-2 activity in the aorta are associated with elastin fragmen-
tation [77]. Furthermore, MMP-2 expression leads to the stimulation of transform-
ing growth factor (TGF-β1) signaling; increased production of collagens I, II, and 
III by vascular SMCs; and increased secretion of fibronectin [132]. Activation of 
MMP-9, by pro-hypertensive factors, shear stress, pressure, and TGF-β1/SMAD 
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signaling, is associated with increased oxidative stress, inflammation, fibrosis, and 
DNA damage [91]. Altogether, changes in the expression of MMPs with aging con-
tribute to the increased fibrosis and stiffening of the vessels.

Vascular calcification is a marker of vascular aging. It typically occurs after 
deposition of calcium phosphate in distinct layers of the arteries. This is an active 
process, similar to bone formation, which involves the differentiation of SMCs into 
“osteoblast-like” cells that present a secretory phenotype [66]. SMCs synthesize 
proteins such as alkaline phosphatase, osteopontin, osteocalcin, and collagen. 
Inflammation and activation of the NF-κB pathway play the main role in triggering 
SMCs into the osteogenic phenotype, by increasing levels of IL-6, tumor necrosis 
factor-alpha (TNF-α), MMP-2, MMP-9, and cathepsin S [15, 21]. The fragmenta-
tion of elastin, described above, also contributes to SMCs differentiation and the 
deposition of calcium [33]. The age-associated cell senescence of SMCs and their 
secretory phenotype, associated with activation of the NF-κB process, contribute to 
the differentiation of SMCs into the osteogenic phenotype [82]. Calcification in the 
intima, present in atherosclerosis, reduces the lumen vessel diameter and causes 
arterial dysfunction. In the media, calcification is concentric, with diffuse mineral 
deposits and promotes an increase in the arterial stiffness [66].

3.3.2  �Enhanced Fibrosis

Fibrosis is defined as the formation of excessive fibrous tissue, due to increased 
deposition of ECM components [135]. It is an adaptive response that gradually 
extends to the surrounding spaces and leads to increased arterial stiffening. Aging-
associated factors, such as reduced nitric oxide (NO) availability, oxidative stress, 
calcification, ECM remodeling, and a pro-inflammatory environment, all contribute 
to increased fibrosis. Pro-hypertensive factors, such as angiotensin II (Ang II), 
endothelin-1 (ET-1), and aldosterone, induce the activation of the signaling path-
ways p38 MAPK and TGF-β/SMAD, further promoting synthesis of fibrotic tissue 
[51, 134]. Another factor that induces fibrosis is transglutaminase (TG2), a protein 
that interacts with the ECM, which regulates fibroblast activity and ECM organiza-
tion. The deregulation of the activity of TG2 leads to increased stiffness of the ves-
sels [89]. Higher levels of MMP-2 and MMP-9 also contribute to the release of 
TGF-β1, resulting in higher ECM deposition [130].

3.3.3  �Vascular Cell Dysfunction

Impairment in EC vasodilatation capacity is one of the first signs of vessel aging 
[106]. The main agents responsible for vasodilatation are endothelium-derived hyper-
polarizing factor (EDHF), prostacyclin1 and NO [35]. EDHF contributes to endothe-
lial vasodilatation and declines with age [26]. Prostacyclin is a cyclooxygenase 
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(COX)-derived vasodilator, and its contribution to endothelial vasodilatation is lost 
with age, in humans [105]. On the other hand, the contribution of COX-derived 
contractile factors, such as thromboxane A2, increases with age [113, 125]. NO is 
synthesized by endothelial nitric oxide synthase (eNOS), whose activity is decreased 
with aging, leading to reduced availability of NO and decreased endothelial vasodi-
latation. This lowered availability of NO is also associated with increased reactive 
oxygen species (ROS) production and consequent excessive oxidative stress, by 
modulating the production of superoxide in human vessels [45]. Moreover, NO 
reacts with superoxide to produce peroxynitrite, a highly reactive specie that is cyto-
toxic and contributes to vascular aging [123].

One hallmark of vascular aging is EC dysfunction, triggered by chronic oxida-
tive stress [99]. An increase in oxidative stress on aged vessels has been observed 
both in animal models and in humans [48, 120]. Part of this effect is mediated by 
ROS. An imbalance in ROS production can lead to the accumulation of damaged or 
misfolded proteins, DNA mutations, inflammation [122], and EC senescence [70]. 
The main sources of ROS that lead to oxidative stress in aged vessels are NADPH 
oxidases, xanthine oxidase, uncoupled NO synthase, and the mitochondrial respira-
tory chain [35]. NADPH oxidases are involved in the generation of superoxide and 
are upregulated in the presence of cardiovascular risk factors, including aging [17, 
76]. Xanthine oxidase is an enzyme capable of producing ROS, and its accumula-
tion in the aortic wall has been associated with aging [83]. The synthesis of NO by 
nitric oxide synthase is done by catalyzing the conversion of L-arginine to 
L-citrulline. For the reaction to occur, dimerization of the enzyme L-arginine and 
the cofactor tetrahydrobiopterin (BH4) have to be present. Uncoupling of NO syn-
thase happens when L-arginine and BH4 are not present. When this occurs, it has 
been described that there is an increase in ROS production [112]. The mitochondria 
are primarily responsible for ROS production, through the respiratory chain [124]. 
With age, there is an accumulation of impaired mitochondria that leads to oxidative 
stress and contributes to vascular aging and impaired vasodilatation.

EC dysfunction triggered by inflammation is another hallmark of vascular aging 
[99]. In aged individuals, there is an increase of pro-inflammatory factors such as 
TNF-α, IL-1β, IL-6, CRP, Ang II, MMPs, calpain-1, monocyte chemoattractant 
protein-1 (MCP-1), interferon gamma (IFN-γ), and intercellular adhesion mole-
cules (ICAM) [61, 131]. Upregulation of TNF-α has been described and associated 
with oxidative stress, endothelial dysfunction, apoptosis, and impairment of endo-
thelium dilatation. The pro-inflammatory cytokine IL-6 is also associated with vas-
cular diseases in aging. The inflammatory response in vascular cells is mainly 
mediated by the transcription factor NF-κB.  When activated, it promotes the 
transcription of pro-inflammatory cytokines that are shown to be highly active and 
related with increased oxidative stress and endothelial dysfunction [1, 61].

Another hallmark of vascular aging is EC dysfunction triggered by senescence. 
The loss of the replicative capacity of ECs impairs the response to injury and the 
repair of dysfunctional endothelium [42]. The senescent phenotype in ECs can be 
due to replicative senescence or stress-induced premature senescence [42]. 
Replicative senescence occurs due to the limited potential of cell division and is 
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characterized by the shortening of telomere size and loss of the proliferative capac-
ity of ECs [80]. Stress-induced premature senescence occurs after cell exposure to 
stressful conditions such as altered glucose levels, oxidized low-density lipoprotein, 
homocysteine, ceramide, Ang II, elevated blood pressure, increased ROS levels, and 
inflammation [115]. Senescent ECs display alterations in gene transcription and 
protein profile expression. Levels of transcription of IL-1α, IL-8, fibronectin, 
ICAM-1, p1, p53, and iNOS are shown to be upregulated, while eNOS is downregu-
lated. Protein degradation of endothelial differentiation-related factor-1 (EDRF-1) 
and cyclin-dependent kinase 2 (CDK2) are increased in senescent ECs [49, 73, 80].

3.3.4  �Altered Response of Vascular Cells to Flow Shear Stress

Blood flow in vessels creates a parallel friction force in the endothelium, called fluid 
shear stress, which influences the phenotype of ECs. ECs sense the shear stress and 
dynamically respond, by converting mechanical forces into intracellular signals [8]. 
This process is carried out by mechanotransducers such as glycocalyx, ion chan-
nels, G proteins, adhesion molecules, and the cytoskeleton [8]. The prolonged expo-
sition to blood flow causes structural changes, including elongation of ECs in the 
direction of the blood flow, and the orientation of the actin cytoskeleton, microtu-
bules, and intermediate filaments in the flow direction [62]. During aging, there is 
an altered response of ECs to shear stress, which can contribute to the development 
of atherosclerotic plaques [24]. As mentioned above, one of the main contributors 
for endothelial dysfunction is the reduction of NO availability due to the reduced 
activity of eNOS. Activation of eNOS can be carried out by fluid shear stress created 
by the blood flow in the endothelial layer [69]. In aged vessels, the reduced avail-
ability of NO can be associated with the lack of response of ECs to the shear stress 
and consequent decrease in NO production. The inflammatory process is also influ-
enced by shear stress. During aging low levels of shear stress can promote arterial 
inflammation, through the induction of NK-κB expression in ECs and can contrib-
ute to the formation of atherosclerotic plaques [29]. An altered response of SMCs to 
shear stress also occurs in aged cells. In this case, increased aortic intraluminal 
pressure causes activation of ERK1/2, p38 MAPK, and JNK proteins [98].

3.4  �Pathological Vascular Aging: The Example 
of Hutchinson-Gilford Progeria Syndrome (HGPS)

HGPS is a rare disease in which patients exhibit accelerated aging-related symp-
toms such as alopecia, osteoporosis, subcutaneous fat loss, lipodystrophy, and skin 
wrinkling [67]. Cardiovascular complications are the most devastating symptoms of 
this syndrome. Children develop progressive arteriosclerosis of the coronary and 
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cerebrovascular arteries, eventually leading to fatal myocardial infarction or stroke 
at a mean age of 13 years old [67]. Classical HGPS is caused by a “de novo” point 
mutation in the LMNA gene, leading to the production of an aberrant protein named 
progerin [36]. Progerin accumulates in the nuclear membrane, prompting nuclear 
morphology abnormalities, misregulated gene expression, loss of peripheral hetero-
chromatin, mitochondrial dysfunction, defects in DNA repair, alternate splicing, 
epigenetic changes, accelerated telomere shortening, and premature senescence 
[44]. The same molecular mechanisms occur during normal aging, supporting the 
notion that HGPS mimics at least some aspects of physiological aging (Fig. 3.1). 
This can be partially explained by the fact that levels of progerin increase during 
physiological aging, although not at a same degree as in HGPS-affected cells [103].

Although not all features of physiological aging are manifested in this syndrome, 
from a cardiovascular standpoint, the case reports seem to be very consistent with a 
premature aging phenotype [7]. In fact, it has been shown that progerin accumulates 
mainly in the nucleus of vascular cells such as ECs, SMCs, and fibroblasts. It has 
also been shown that progerin is widely present in the arterial walls and intimal 
arteriosclerotic plaques of HGPS patients, similar to healthy aged individuals [74, 
86]. This evidence partially explains the severity of the cardiovascular phenotype in 
HGPS children. Development of advanced fibrotic arteriosclerosis with calcifica-
tion and overall thickening and stiffening of the arterial walls, as well as mild sys-
temic inflammation levels, are some of the HGPS vascular symptoms that also 
typically occur in normal aging [86].

3.4.1  �Altered ECM Remodeling

HGPS patients show vessel walls with marked fibrosis, having high stiffness and a 
decreased compliance of the vessels. Autopsies of HGPS patients reveal an accumu-
lation of type I and type IV collagen and of proteoglycans, such as decorin and 
versican, as well as deposition of hyaluron in the arteriosclerotic lesions [86]. 
Genome-scale expression profiling of HGPS and aged-donor fibroblasts have shown 
altered expression of genes involved in ECM synthesis or modification [28, 68]. 
There is an upregulation of proteoglycan cell adhesion proteins, which are impor-
tant for ECM stability and for binding other proteoglycans, hyaluron, and fibrous 
matrix proteins such as collagen [28, 68]. Laminin, a protein that forms essential 
interactions with collagen type IV and associates with cell-binding proteins, is also 
upregulated, thereby influencing cell attachment, morphology, and survival. A 
mouse model of HGPS showed increased arterial hyaluron content with age [126]. 
Hyaluron is an important ECM component, highly related to SMC proliferation and 
migration, and has been demonstrated to accumulate in early arteriosclerosis. The 
increased expression of fibrous proteins of the ECM, including collagen fibers, con-
tributes to a decline in vessel elasticity [28, 68].

The ECM remodeling profile in HGPS is affected by enzyme expression. Studies 
have shown a specific downregulation of MMP-3 expression in HGPS cell lines and 
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an associated donor age-dependent decline in secreted MMP-3 and MMP-2 pro-
teins, which might contribute to the altered ECM in HGPS [50]. Differences in 
MMP-3 activity have also been reported in other vascular pathologies in the normal 
aging population [50]. Overall, there is an excess of ECM deposition, with increased 
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Fig. 3.1  (a) Schematic representation of the differences and similarities between physiological, 
HGPS aged, and young healthy vessel. Both aged and HGPS vessels develop marked arterioscle-
rotic fibrosis and calcification, with an overall thickening and stiffening of the walls. Aged vessels 
develop a particular type of arteriosclerotic plaques, with the accumulation of lipids, which is 
absent in HGPS individuals. (b) Similarities and differences between cellular, molecular, and bio-
physical components of physiological and HGPS-accelerated aging. HGPS represents a highly 
reliable model of vascular aging, showing similar symptoms that include vascular cell dysfunction, 
disruption of the ECM, and altered mechanotransduction responses
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expression of ECM components and decreased expression of ECM remodeling 
enzymes, which leads to structural effects on tissue function and also lead to signal-
ing imbalances.

Several pathways regulating ECM are affected in HGPS.  Mutant lamin A is 
accountable for the inhibition of the canonical Wnt signaling pathway, which is 
implicated in the regulation of genes encoding ECM proteins [53]. TGF-β1/SMAD 
pathway has also been implicated in HGPS. This pathway can be activated through 
integrins, via mechanical force, contributing to increased collagen synthesis and, 
therefore, fibrosis [2]. Expression of TGFβ1 increases in an age-dependent manner 
in both HGPS and healthy cell lines. In postnatal tissues, especially those subjected 
to extensive mechanical stress, such as the skeletal and cardiovascular systems, the 
ECM assumes a structural role in maintaining tissue integrity and homeostasis [16]. 
In HGPS and physiological aging, there is a concomitant alteration of ECM compo-
nents and pathways that regulate ECM synthesis and organization, leading to a 
vicious cycle of matrix remodeling that contributes to the vasculopathy of aging.

3.4.2  �Arterial Stiffening and Fibrosis

Progressive development of fibrotic arteriosclerosis, associated with an abnormal 
ECM content, reveals a major role of the ECM in the vasculopathy of HGPS patients 
[111, 138]. Similar to normal aged individuals, HGPS children show typically inti-
mal fibrotic arteriosclerotic plaques in the main cardiac arteries. These lesions have 
a complex morphology, including thinning of the medial layer of the vessels, subja-
cent to the thick arteriosclerotic plaque in the intimal region, a necrotic core, and 
foci of chronic inflammation. HGPS patients show evidence of marked fibrosis of 
the adventitial layer of large vessels, with a dense perimeter of collagen. In contrast, 
the same adventitial changes are not observed in normal aged individuals [23, 138]. 
HGPS fibroblasts have increased levels of ROS and protein oxidation, as well as 
decreased proteasome activity, thus contributing to cell dysfunction and altered pro-
duction of ECM proteins [16]. Extensive calcification of the arteries is also fre-
quently observed in HGPS (Fig. 3.1).

3.4.3  �Vascular Cell Dysfunction

Arteriosclerosis progression and severity in HGPS vascular systems are correlated 
with the accumulation of vascular senescent cells [16]. Senescent ECs in arterio-
sclerotic patients are characterized by low EC growth potential, as well as increased 
DNA damage and oxidative stress [16]. Moreover, ECs with a HGPS phenotype 
release inflammatory molecules and express higher levels of ICAM-1, after TNF-α 
stimulation, than non-HGPS ECs [13]. The increase in ICAM-1 increases the adhe-
sion of monocytes, described as the first event in the initiation of arteriosclerosis 
[13]. This may explain the increased inflammation and macrophage localization in 
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arteriosclerotic plaques of HGPS large vessels, contributing to the development of 
early arteriosclerosis [86]. The accumulation of both prelamin A and progerin at the 
nuclear envelope results in increased NF-KB activation and systemic inflammation, 
revealing a possibility that this pathway plays a critical role in premature vascular 
aging [81]. It is also possible, though not yet studied, that HGPS-ECs also have an 
impaired NO synthesis function. Overall, EC dysfunction reduces EC contribution 
to arterioprotection and vascular repair.

Progressive loss of SMCs is a characteristic of HGPS patients, as well as in pro-
geria mouse models [47]. SMCs depletion occurs mainly in arteries exposed to high 
flow shear stress such as the aorta and carotid [126, 138]. The loss of SMCs occurs 
in the media of the artery, with accumulation of matrix proteoglycan [23, 126]. The 
SMCs remaining in the vessels of HGPS show marked premature senescence and, 
it is thought, that SMC dysfunction is a major trigger of vascular calcification, 
another hallmark of both physiological and accelerated aging. Progerin and prela-
min A accumulation in the nucleus of SMCs leads to nuclear lamina dysfunction, 
including impaired DNA damage response and repair. This in turn leads to the acti-
vation of senescence pathways in prelamin A-expressing SMCs, with induction of 
senescence-associated secretory phenotype (SASP). SASP includes inflammatory 
factors, extracellular matrix remodeling proteases, and proteins implicated in the 
regulation of SMCs calcification, such as BMP2, Runx2, osteocalcin, osteopontin, 
and osteoprotegerin [64]. Moreover, exposure of SMCs to calcifying medium leads 
to upregulation of lamin A and prelamin A expression, accompanied by an increase 
of pro-calcification factors and increased calcium deposition [47]. Besides the tran-
sition of SMCs to an “osteoblastic-like” phenotype, there are other factors that con-
tribute to vascular calcification. There is enhanced formation of calcium phosphate 
deposits in blood vessels likely due to mitochondrial dysfunction and ATP produc-
tion. Progerin-expressing SMCs showed impaired mitochondrial dysfunction and 
ATP production, leading to reduced synthesis of pyrophosphate (PPi), a potent 
inhibitor of the formation of calcium deposits. Progerin-expressing SMCs also 
showed upregulation of several enzymes responsible for PPi hydrolysis and of 
phosphate synthesis [128].

Although not yet explored, it is possible that the remodeled ECM, which involves 
the HGPS SMCs, has a large role in the development of vascular calcification. It has 
already been shown that metalloproteinases are upregulated in human arteriosclerotic 
plaques and that by inhibiting their activity, it is possible to reduce arterial calcifica-
tion [94]. These evidences demonstrate the importance of the altered ECM in the 
vasculopathy of physiological and accelerated aging.

3.4.4  �Altered Response of Vascular Cells to Flow Shear Stress

Cells of the cardiovascular system are exposed to various types of hemodynamic 
stress. Nucleus shape has been associated with adaptation to shear stress, an altera-
tion that minimizes the total force exerted on the nuclei. Normally, when a cell is 
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exposed to shear stress, there are reorganization and upregulation of nuclear lami-
nas which protect the DNA and the nucleus interior from the effects of shear stress 
[30, 90]. Since lamins are involved in several nuclear functions including regulation 
of gene expression, it is likely that alterations in the nuclear lamina response to 
shear stress impacts gene expression. It is also hypothesized that a cellular pheno-
type, activated in response to well-defined laminar shear stress, resists the develop-
ment of arteriosclerotic lesions, by activating protective signaling pathways. In 
HGPS there is an abnormal nuclear lamina that leads to a more stiffened nucleus 
and failure to respond normally to shear stress [30]. Therefore, progerin-expressing 
cells, which do not respond normally to shear stress, contribute to the early develop-
ment of arteriosclerosis in HGPS patients, evident by the fact that arteriosclerotic 
plaques develop preferentially in regions of elevated shear flow [90]. Moreover, it 
has been shown that HGPS neighboring, but unaffected cells, also have an altered 
response to shear stress, further contributing to the severity of the vasculopathy of 
HGPS [90].

Loss of SMCs in regions exposed to high fluidic shear stress, such as the aortic 
and carotid arteries, is strong evidence that their normal adaptation to shear stress 
is altered in HGPS. These altered responses are linked to changes in mechanotrans-
duction pathways [111]. Progerin-expressing SMCs, exposed to high in  vivo 
hemodynamic forces, have a significant reduction in the expression of mechano-
transduction-related proteins such as vinculin and vimentin.

In contrast to SMCs, progerin-expressing ECs seem to be more resistant to shear 
stress than ECs without progerin. Indeed, an intact monolayer of vimentin-positive 
ECs is typically observed in progeria mouse models [111]. In aortic regions present-
ing SMCs loss, ECs show more than an eightfold level of vimentin expression, in 
comparison with ECs overlying adjacent aortic regions not depleted of SMCs. This 
upregulation in vimentin helps ECs withstand the same mechanical forces that are 
degenerative to SMCs. Furthermore, vimentin filaments in ECs associate with inte-
grins to form cell-matrix adhesions through flow-induced focal contacts [111].

3.5  �In Vitro Systems to Study Vascular Aging

Animal models are important tools to study aging, since they share common molec-
ular mechanisms of pathophysiology with aged people, providing insight into the 
molecular mechanisms of aging. Therefore, a wide range of in vivo vascular aging 
models have been developed, such as mouse models of accelerated aging [10, 58, 
72, 87, 137]. Nevertheless, vascular aging is a complex biological phenomenon in 
which several components are involved. Thus, it is very unlikely that an individual 
gene mutation in mice would recapitulate all the features of human aging. 
Furthermore, it is difficult to identify cellular and molecular key players to disease 
in whole-animal models. These limitations of vascular aging animal models lead to 
the development of new in vitro vascular aging models.
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Two-dimensional (2D) and three-dimensional (3D) in vitro models may be used 
to study vascular aging. 2D models are relatively cheap and simple; however, they 
may not recapitulate important aspects of vascular biology [37] and in vivo predic-
tivity [12] because cells are not exposed to normal mechanical signals, including 
fluid shear stress, tension, and compression. These limitations have led to increased 
interest in 3D models which provide more predictive data for in vivo tests [38]. 
Three-dimensional models may replicate both anatomical macro- and microstruc-
tures, including appropriate cell types, ECM, and suitable physiological cues [102].

Microfluidic devices offer the possibility of culturing living cells, in continu-
ously perfused micrometer chambers, in order to model physiological functions of 
tissues and organs [12]. Advantages of microfluidic devices comprise (1) the pos-
sibility of incorporating physical forces, including fluid shear stress, cyclic strain, 
and mechanical compression, (2) the possibility of making a 3D microenvironment 
by using hydrogels as scaffolds, (3) the possibility of mimicking relevant tissues by 
incorporating human cells (cell lines, primary cells, stem cells differentiated to spe-
cific lineages as well as the differentiation process itself), and (4) controlling the 
distribution of chemical variables.

Cells cultured under flow conditions have different biological properties. Shear 
stress, which is the tangential force to the cells surface, is known to induce substan-
tial morphological and biochemical changes in vascular cells through mechano-
transduction [109]. The necessary flow rates, to reach typical shear stress forces, 
vary from vessel to vessel. In healthy conditions, the rate is estimated to be between 
1 and 6 dyn/cm2 in the venous system and between 10 and 70 dyn/cm2 in the arterial 
system [69]. There are a variety of techniques used to achieve this, ranging from 
pneumatic and syringe pumps to electro-kinetics to control shear stress in microflu-
idic devices. Constant flow, typical of many capillaries, can be applied through 
gravity flow, where a height difference between inlet and outlet reservoirs is used to 
provide steady differential pressure [92]. However, if flow rates are extremely high, 
other fluid systems such as using liquid level sensing and computer-controlled 
valves to transmit the proper amount of media may be valuable in maintaining a 
certain pressure and flow rate [133]. Pulsatile flow can be achieved using an elasto-
meric microfluidic cell shearing chamber, interfaced with computer-controlled 
movement of piezoelectric pins [110]. Additional approaches to generate high shear 
stress in the fluidics include the incorporation of solenoid pinch valves into gravity 
flow to turn vessel flow on and off electronically [114], external peristaltic pumps 
[25], and pneumatic micropumps [108].

Microfluidic systems with progeria cells have been instrumental in the study of 
pathological aging [97, 111]. In one case, a microfluidic system was developed with 
a top fluidic channel, a middle thin polydimethylsiloxane (PDMS) membrane, and 
a bottom vacuum channel (Fig. 3.2a). SMCs derived from human-induced pluripo-
tent stem cells obtained from HGPS patients (HGPS-iPSC-SMCs) were cultured on 
top of the membrane which was deformed by applying different amount of pres-
sures on the bottom channel. This aged model combined biomechanical strain and 
flow and thus allowed for a better understanding of the inflammatory response of 
aged SMCs to strain, characterized by an increase in levels of inflammation markers 
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as well as DNA damage (Fig. 3.2b, c) [97]. In a separate study, a microfluidic sys-
tem was developed to study the response of SMCs (HGPS vs wild type) to flow 
shear stress [111]. The aortas were exposed to high fluidic shear stress (75 dyn/cm2) 
for 30 min. Using this model, it was possible to verify that high fluidic shear stress 
produced a substantial decrease in vimentin of progeria aortas but not in the wildtype 
controls. This model showed that a decrease of this protein may contribute to devel-
opment of vasculopathy in the ascending aorta in progeria syndrome. Previous 
models are focused mainly on aged SMCs and do not take into account the interac-
tion with aged ECs. Co-cultures of sSMCs and ECs may be used as platforms to 
predict functional and pathological disease characteristics [4].

The importance of flow shear stress in aging was also addressed by a functional 
3D model of HGPS that replicated an arteriole-scale tissue engineered blood vessel 
(TEBV) (Fig. 3.3a) [4]. HGPS-iPSC-SMCs and human cord blood-derived endo-
thelial progenitor cells (hCB-EPCs) from a healthy donor were used. TEBVs were 
incorporated into a flow loop and perfused with steady laminar flow at a shear stress 
of 6.8 dyn/cm2 for 1–4 weeks, for maturation and functional characterization stud-
ies. TEBVs fabricated from HGPS-iPSC-SMCs and hCB-EPCs showed reduced 
vasoactivity, increased medial wall thickness, increased calcification, and apoptosis 

Fig. 3.2  Recapitulation of blood vessel dynamics on a chip and exacerbated response to biome-
chanical strain in HGPS iPS-SMCs (Copyright 2017, Small, USA, [97]). (a) Biomimetic microflu-
idic vascular model containing two overlapping channels. A cross-sectional view of the microfluidic 
device shows the cell layer cultured on top of the PDMS membrane and a view during vacuum 
stimulation regarding the downward membrane deformation. (b) DNA damage was evaluated in 
HGPS iPS-SMCs with H2A.X immunostaining and quantified (mean ± SD of n = 3). (c) Injury 
marker CAV1 and inflammation markers IL6, IL1B, and JUN were evaluated in HGPS iPS-SMCs 
and healthy iPS-SMCs (*P < 0.01 against 0% healthy iPS-SMCs, and # indicates P < 0.01 against 
0% HGPS iPS-SMCs; bars represent mean ± SD of n = 5)
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relative to control TEBVs (Fig. 3.3b–d) [4]. When HGPS-iPSC-SMCs were sub-
jected to repeated pulses of electrical stimulation, they rapidly senesced [139].

3.6  �Conclusions and Future Directions

This review highlights the similarities and differences in vascular aging between 
physiological and pathological aging, as well as the suitability of HGPS as a model 
of vascular aging. Some of the similarities between physiological and HGPS aging 
are due to the fact that progerin accumulates in vascular cells and other cells during 
physiological aging [75]. The derivation of iPSCs from HGPS fibroblasts has cre-
ated an excellent platform to obtain cells otherwise difficult to isolate, due to the 
rarity of the disease [63, 139]. The use of vascular cells derived from HGPS-iPSCs 
may provide further insights into vascular aging [97]. Studies have demonstrated 

Fig. 3.3  (a) Schematic diagram of the procedure to produce iPSC-derived SMC TEBVs from 
healthy and HGPS patients (Copyright 2017, Scientific Reports, USA, [4]). SMCs were incorpo-
rated into a dense collagen gel construct and were then incorporated into a flow loop and perfused 
with steady laminar flow at a shear stress of 6.8 dyn/cm2 for 1–4 weeks for maturation and func-
tional characterization studies. (b) Apoptosis. Histochemical analysis of MSC, normal SMC, and 
HGPS SMC TEBVs at week 4 with TUNEL staining. Red arrows indicate TUNEL-positive cells 
and black arrows indicate TUNEL-negative cells (scale bar, 200  μm). (c) Thickness. (c.1) 
Histochemical analysis of HGPS SMC, normal SMC, and MSC TEBVs at week 4 with H&E 
(Scale bar, 200 μm). (c.2) The average thickness of MSC, normal SMC, and HGPS SMC TEBVs 
at week 1 and week 4 based on H&E images. (d) Calcification. (d.1) Histochemical analysis of 
HGPS SMC, normal SMC, and MSC TEBVs at week 4 with Alizarin Red staining (scale bar, 
200 μm). (d.2) Quantification of the total area positive for Alizarin Red
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that the accumulation of progerin in HGPS-iPSC derived SMCs led to a downregu-
lation of DNA-dependent protein kinase catalytic subunit expression [63] and 
poly(ADP-ribose) polymerase 1 [138], which resulted in low cell proliferation. In 
addition, the use of ECs from HGPS-iPSCs showed that these cells had higher 
mechanosensitivity, likely due to an elevation of channel V2 expression upon 
mechanical stimulation [65]. It is expected that the combination of these HGPS 
cells in bioengineered systems will facilitate the discovery of new molecular targets. 
Future studies should evaluate the effect of flow shear stress in vascular cells and to 
determine the mechanisms behind their mechanosensitivity.

This review also highlights a set of markers and features that characterize vascu-
lar aging, both in physiological and pathological conditions. It is known that molec-
ular aging is controlled by multiple pathways, and their impact, as well as how they 
intertwine, is not completely understood [59]. Although it is known that the ECM is 
significantly altered during aging, it remains to be determined its effect in the aging 
process, as well as its effects in inducing “aging” in young vascular cells. The cre-
ation of substrates with variable stiffness using recent technologies [46], as well as 
the identification of new ECM molecules that mediate the aging process, might 
facilitate the in vitro study of this process.
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Chapter 4
Hypoxia and Matrix Manipulation 
for Vascular Engineering

Michael R. Blatchley, Hasan E. Abaci, Donny Hanjaya-Putra, 
and Sharon Gerecht

4.1  �Introduction

The permanency of multicellular organisms on Earth is stringently reliant on the 
ability of cells to respond and adapt to their surrounding milieu. Cells respond to a 
complex array of biological, biophysical, and biochemical cues to develop and 
regenerate functional tissues. Alterations to these properties can catastrophically 
result in impaired development or healing, as well as tumor development and 

M. R. Blatchley
Department of Biomedical Engineering, Johns Hopkins University School of Medicine, 
Baltimore, MD, USA 

Department of Chemical and Biomolecular Engineering, Johns Hopkins Physical  
Sciences–Oncology Center and Institute for NanoBioTechnology,  
Baltimore, MD, USA

H. E. Abaci
Department of Dermatology, Columbia University, New York, NY, USA

D. Hanjaya-Putra
Department of Aerospace and Mechanical Engineering, Notre Dame, IN, USA

S. Gerecht (*) 
Department of Biomedical Engineering, Johns Hopkins University School of Medicine, 
Baltimore, MD, USA 

Department of Chemical and Biomolecular Engineering, Johns Hopkins Physical  
Sciences–Oncology Center and Institute for NanoBioTechnology,  
Baltimore, MD, USA

Department of Materials Science and Engineering, Johns Hopkins University,  
Baltimore, MD, USA 

Department of Oncology, Johns Hopkins University School of Medicine,  
Baltimore, MD, USA
e-mail: gerecht@jhu.edu

http://crossmark.crossref.org/dialog/?doi=10.1007/978-3-319-99319-5_4&domain=pdf
mailto:gerecht@jhu.edu


74

metastasis. At the most basic level, two of the most critical components of the cel-
lular microenvironment are oxygen (O2) and the composition of the extracellular 
matrix (ECM).

According to the most recent findings, O2 reached sufficient levels (estimated to 
be 0.2–2% O2) for aerobic organisms to be able to survive between 2.45 and 2.2 
billion years ago in the oceans [19, 154] and between 540 and 600 million years 
ago in Earth’s atmosphere [72, 154, 194]. Ever since, O2 has been a highly avail-
able potential source of energy for multicellular organisms to commence, survive, 
and multiply. Multicellular organisms require specialized systems to enable suffi-
cient amounts of O2 to reach their cells. For instance, insects regulate the transport 
of O2 into their tissues with a special respiratory system consisting of spiracles and 
trachea. Around their tissues, they retain the relatively low O2 levels (1.4 mmHg) 
thought to be equivalent to the atmospheric O2 concentrations at the time of their 
evolution [161, 162]. In vertebrates, O2 is carried by proteins in the blood, particu-
larly by hemoglobin, and is transported to tissues through endothelial cells (ECs). 
The cells throughout the body are highly dependent on the dynamics of O2. In 
humans, O2 concentrations vary between 1 and 10% in tissues (other than the 
lungs) and between 5 and 13% in blood vessels [126, 155]. Therefore, the ability 
for cells to sense and respond to O2 is critical, and O2 acts as a signaling molecule 
for cells, regulating their metabolism, survival, cell-cell interactions, migration, 
and differentiation.

Besides O2 availability, the transition from unicellular to multicellular organisms 
requires that cells be connected together in a way that allows them to interact with 
each other as parts of the same system. This interconnectedness could happen either 
by having junctions at the cell peripheries or by having connecting cement between 
the cells. Many multicellular organisms connect their cells in both ways: they use 
cellular junctions to allow direct signaling between cells, and they use the ECM to 
regulate the transport of molecules (e.g., O2, glucose, and signaling proteins) 
between the cells by remodeling the components of the ECM. Thus, both cell-cell 
and cell-ECM interactions are significant for determining the fate of cells in tissues. 
Transmembrane proteins known as integrins are responsible for signaling from the 
ECM to the cell. Therefore, cells have different responses with respect to the com-
position and structure of the surrounding ECM. In particular, vascular morphogen-
esis is regulated by endothelial cell (EC) interactions with the ECM through 
integrins and is highly dependent on the ECM context [49].

In the field of vascular engineering, the effects of both O2 tension and the ECM 
on blood vessel formation continue to be extensively investigated. Blood vessel 
formation essentially occurs by angiogenesis or vasculogenesis. Angiogenesis is 
the formation of blood vessels from pre-existing vasculature, orchestrated with the 
proliferation, migration, and assembly of ECs, as well as the remodeling of the 
ECM [127, 213]. Most of the ECs comprising the blood vessel walls are in a state 
of quiescence in physiological conditions. A stimulus is required for ECs to switch 
from their resting state to their navigating state, where they are activated to pro-
duce angiogenesis-promoting proteins [70]. Angiogenesis occurs in several situa-
tions, such as wound healing, arthritis, cardiovascular ischemia, and solid tumor 

M. R. Blatchley et al.



75

growth [43, 199]. In all of these situations, the tissue or vasculature is deprived of 
oxygen, leading to hypoxic conditions that promote angiogenesis. For vessel 
sprouting, the ECM surrounding the vasculature needs to be degraded so that ECs 
can easily navigate into the tissue and proliferate. Hypoxia is known to promote 
the production of ECM-degrading enzymes via secretion from activated ECs [21, 
61, 65]. Thus, EC sprouting is more favorable toward hypoxic regions in the ECM 
through which the secretion of enzymes is upregulated by hypoxia, whereas the 
invasion of vessels into the ECM is not favored in the direction of sufficiently oxy-
genated regions.

An oxygen gradient emerges in early development, which guides cellular dif-
ferentiation and morphogenesis [141]. While the O2 uptake of early embryonic 
cells relies on the simple diffusion of oxygen, hypoxia starts to be observed in 
different regions as the embryo expands [5, 141]. The initial vascularization, vas-
culogenesis, starts with the differentiation of angioblasts (embryonic progenitors 
of ECs), which surround hemopoietic cells to form blood islands. Blood islands 
ultimately fuse as angioblasts differentiate into endothelial cells to form the pri-
mary capillary plexus and then undergo further tubulogenesis and vascular net-
work formation throughout the yolk sac [156, 185, 230]. This process of 
vasculogenesis has been suggested to occur in hypoxic conditions [141, 156]. 
Hypoxia also stimulates microvascularization and the capillary network to form 
around the developing organs. Vasculogenesis in adult organs has been demon-
strated to originate from endothelial progenitor cells (EPCs) circulating in the 
blood [225]. The migration of EPCs and their recruitment to the appropriate sites 
to induce the formation of new blood vessels depends on complex cell signaling. 
Circulating EPCs home to hypoxic regions along both O2 and growth factor gra-
dients, in particular gradients of stromal-derived factor 1 (SDF-1) [33, 51]. 
Investigations of tumor growth and wound healing have revealed that hypoxia 
occurs in both situations, inducing EPCs to migrate from the circulating blood 
through the ECM. Hypoxia also plays a role in the recruitment of EPCs by pro-
moting receptor expression on the tissue that recognizes EPCs [242], as well as 
on the EPCs themselves [35], which is followed by their differentiation into 
mature ECs [32]. Moreover, vascular endothelial growth factor (VEGF), a key 
regulatory protein known to induce vasculogenesis and angiogenesis, was found 
to be upregulated in hypoxia [159]. These processes take place in the milieu of the 
ECM, which is mostly composed of fibronectin during early development [49, 
148]. In adult tissue, on the other hand, collagen becomes abundant and controls 
the cellular fate.

The formation of new blood vessels through angiogenesis or vasculogenesis 
depends on the dynamic effects and interplay between the ECM and oxygen ten-
sion. A thorough understanding of the mechanisms involving the ECM and O2 dur-
ing angiogenesis and vasculogenesis is essential for the fundamental understanding 
that can be harnessed for developing vascular engineering applications. Indeed, the 
effects of these two factors on vascular cells are being investigated extensively. The 
in vitro vascularization of primary vascular cells has been studied using many dif-
ferent biomaterials [10, 24, 88] as three-dimensional (3D) matrix components, and 
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they were shown to influence various aspects of angiogenesis and vasculogenesis. 
Similarly, a considerable amount of work has focused on the effects of hypoxia-
inducible factors (HIF1α, HIF2α, HIF3α) on the regulation of genes that induce 
vasculature network formation [68, 159, 241]. In addition, some researchers have 
also investigated the effects of hypoxia and the ECM context together [170, 177]. 
Success in engineering blood vessels from primary vascular cells or stem cells relies 
on understanding the influence of all critical parameters and controlling them in 
targeted directions.

The main focus of this chapter is a review and discussion of how the cells in the 
body respond to variations in oxygen tension and ECM components, leading to new 
vasculature formation.

4.2  �Concepts in the Regulation of the Vasculature by Oxygen 
and the ECM

4.2.1  �The Influence of Oxygen Tension on Vascularization

Variations in oxygen concentrations at every stage of embryogenesis and in differ-
ent regions of adult tissues lead to diverse vascular responses, depending on the cell 
type and microenvironment. Many cell types respond differently, but also collec-
tively, to the changes in O2 equilibrium through specialized sensing mechanisms 
and effectors in order to maintain homeostasis. In this section, we will first discuss 
the formation and location of poorly oxygenated regions in the body, as well as the 
mechanisms that cells utilize to sense changes in oxygen levels. Then, we will then 
focus on several responses of pluripotent and vascular cells to low O2 tensions in 
terms of gene regulation, differentiation, oxygen consumption, and cell survival.

4.2.1.1  �The In Vivo Consequences of Oxygen Gradients

Oxygen Availability in the Body

In vertebrates, O2 transport to the tissues relies on three main processes: the oxy-
genation of the blood in the alveoli in the lungs, the convectional transport of 
oxygen in the blood along the veins, and the diffusion of oxygen across the vessel 
walls followed by penetration of O2 to the deeper tissues. There are three distinct 
resistances to the mass transfer of the O2 molecule, which result in O2 gradients 
throughout the body.

O2 deprivation has been observed early in the development of mouse embryos 
[141]. Additionally, polarographic oxygen measurements in the human placenta 
have shown that O2 levels are 1.3–3.5% in the first 8–10 weeks and reach between 
7.2 and 9.5% in weeks 12–13 of pregnancy [188, 202]. Oxygen levels measured in 
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the gestational sac revealed even lower O2 levels in earlier stages of embryogene-
sis, where O2 is only transported by simple diffusion [115]. Diffusion, as opposed 
to convection, transports nutrients between cells very slowly. Before vasculogene-
sis begins, the maximum diameter that a spherical embryo can reach without hav-
ing any anoxic cells was calculated to be 2 mm [29]. This value varies with the 
embryo’s geometry and, most importantly, with the O2 consumption of the animal 
cells. The results of in vivo imaging of various animal embryos show that the maxi-
mum diameter remains below 1 mm, which agrees with the theoretically estimated 
value [29, 230].

Vasculogenesis is crucial to facilitate cell proliferation and for the embryo to 
grow larger. In mouse embryos, vasculogenesis commences after day 7, with the 
differentiation of the mesoderm into angioblasts, which then assemble to form a 
simple circulatory system consisting of a heart, dorsal aorta, and yolk sac by day 8 
[56, 107]. Afterward, spatial increases are observed in O2 levels throughout the 
course of embryonic development [141]. These profound spatiotemporal O2 level 
changes in the embryo can be accepted as evidence for vascular formation during 
embryogenesis. The large existing vasculature then sprouts and proliferates to sup-
ply O2 and nutrients to cells located in poorly oxygenated regions. Hypoxia, consid-
ered the most critical factor controlling the angiogenesis process, works via 
numerous protein-signaling pathways. The mechanism determining the directional-
ity of angiogenesis and the complex networking of endothelial capillaries around 
the tissues is manipulated by several other parameters, including hemodynamic 
forces and cytokines; this mechanism will be discussed later in the chapter [150].

Once embryonic development is complete and sufficient concentrations of O2 and 
nutrients are supplied to the tissues, the oxygen gradient still persists in some tissues, 
providing several benefits to specific cell types. In adults, O2 distribution ranges 
from 1 to 13 in normal tissues. Although the formation of blood vessels and capillary 
networking is complete, some tissues still lack vasculature, such as the bone marrow 
niche [91, 132, 175]. In such tissues, diffusion is the controlling mechanism for 
nutrient transport, thus resulting in a wide range of O2 distributions from the internal 
hypoxic region to the external regions, which remains at physiological O2.

The discovery of circulating EPCs in blood vessels revealed that neovasculariza-
tion in adults is directed not only by angiogenesis but also by the vasculogenesis 
process, which depends on the renewal, mobility, recruitment, and differentiation of 
EPCs [12, 13, 96, 219]. The bone marrow (BM) provides a host microenvironment 
for a variety of cells, including hematopoietic stem cells (HSCs), mesenchymal 
stem cells (MSCs), and EPCs. The development of EPCs occurs in the BM, which 
has a unique structure that allows severe hypoxic regions to exist. Although the BM 
is inaccessible for noninvasive oxygen measurements, both simulation studies and 
qualitative measurements have demonstrated the existence of hypoxic regions. 
Several theoretical models have been developed in order to simulate the distribution 
of oxygen throughout the BM [41, 132, 133]. Chow et  al. used homogeneous 
Kroghian models to estimate oxygen levels in the BM [41]. Their simulations sug-
gested that both HSCs and EPCs are exposed to low O2 tensions in the BM. There 
are various BM architectural organizations possible depending on parameters such 
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as the spatial arrangement of vasculature and the distribution of many different cell 
types populating the BM. Therefore, in the absence of supporting evidence from 
in vivo quantitative measurements, model predictions must be used to assess the 
effects of different parameters on the O2 tension distribution in the BM. The model 
described by Kumar et al. considered three possible vessel arrangements to simulate 
oxygen level variations under various conditions [132]. They suggested that hypoxic, 
and even anoxic, regions could be found in the BM, assuming that the cells’ oxygen 
consumption is constant and that the density of arterioles in the BM is low.

On the other hand, qualitative observations in the study by Parmar et al. demon-
strated that HSCs are distributed according to oxygen availability in the BM [175]. 
Staining with pimonidazole and sectioning revealed the oxygen gradient throughout 
the BM, showing that HSCs more likely reside at the lower end of the gradient. 
These results are in agreement with other in vitro studies suggesting that hypoxia 
supports the maintenance of stemness [45, 64, 69]. Moreover, BM transplantation 
studies have shown that BM-derived EPCs enhance neovascularization and the for-
mation of arteries [231, 235]. The renewal of EPCs in the BM depends on the dif-
ferentiation dynamics of HSCs, which are regulated by the microenvironments (i.e., 
the niches) they reside in. Osteoblasts, bone cell progenitors, bind to each other and 
to HSCs via adhesion molecules to form the osteoblastic niche that is located far 
from the sinusoidal arteries. Researchers have discovered the existence of another 
type of niche within the BM, the vascular niche, which is located closer to the sinu-
soidal arteries than the osteoblastic niche. The differences in physicochemical fac-
tors within the various niches play fundamental roles in controlling the dynamics of 
HSC migration and differentiation. Since the vascular niche’s close proximity to 
arteries means that it is richer in O2 than the osteoblastic niche, Heissnig’s group 
hypothesized that HSCs are in a quiescent state in the osteoblastic niche’s severe 
hypoxic conditions [92]. When vasculogenesis is necessary in neighboring tissues, 
specific cell signaling stimulates the migration of HSCs from the osteoblastic niche 
to the more oxygenated vascular niche, where HSCs can switch from their quiescent 
state to a proliferative state. The proliferation and differentiation of HSCs reconsti-
tute the EPC pool in the vascular niche before they enter the circulation.

Wound healing, another situation where tissue hypoxia is prevalent, consists of a 
series of events that includes new vasculature formation, which is regulated by vary-
ing O2 levels. Platelets interfere with microcirculation in the wounded tissue, fol-
lowed by the release of coagulation factors to reinforce the clotting process. 
Histamine and bradykinin, secreted by mast cells, also influence the microcirculation 
by enhancing vascular permeability and arteriolar vasodilation, thereby increasing 
the blood flow rate [11, 102]. Recruitment of leukocytes and macrophages into the 
damaged tissue is followed by their activation in response to several growth factors 
(GFs) and integrins. High rates of O2 consumption in activated macrophages, along 
with perturbation of the microcirculation, lead to a further decrease in O2 levels and 
result in hypoxia [204], which leads to the accumulation of HIF1α at the wound site 
[246]. Albina et al. [9] showed that the HIF1α mRNA of inflammatory cells peaks 
about 6 h after injury. On the other hand, HIF1α protein levels could be detected 
between 1 and 5 days after wounding. More recently, Zhang et  al. [246] demon-
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strated that, during the burn wound-healing process, the accumulation of HIF1α 
increases the number of circulating angiogenic cells, as well as smooth muscle actin-
positive cells, in the wounded tissue. These hypoxic conditions—either directly or 
indirectly through the accumulation of HIF—stimulate angiogenesis during wound 
healing.

Ischemic tissues, including those affected by myocardial infarction or peripheral 
artery occlusion (e.g., limb ischemia), have also been a hotbed for study of the 
effects of low O2 on cellular recruitment and tissue regeneration. In particular, lack 
of O2 delivery to these diseased tissues results in HIF stabilization and subsequent 
upregulation of recruitment chemokines, perhaps most importantly SDF-1, as well 
as transmembrane proteins integrin β2 and ICAM-1 that facilitate adhesion of cir-
culating cells to the damaged endothelium [33, 35, 51, 242]. Importantly, hypoxic 
conditions also facilitate ECM remodeling through upregulation of proteases, such 
as cathepsins and matrix metalloproteinases [4, 106, 226]. These factors, in concert 
with HIF-induced production of other pro-angiogenic factors, such as VEGF, lead 
to robust formation of neovasculature.

Oxygen-Sensing Mechanisms of Vascular Cells

Most cell types in the body respond to variations in O2 tensions [233]. Gene expres-
sion, viability, metabolism, and the oxygen uptake rate of the cells change with 
alterations in O2 levels, in order to maintain homeostasis. When cells experience a 
change in extracellular O2 levels, they adapt to the new conditions, which may occur 
rapidly. Hence, O2 sensing in cells is expected to be controlled by well-organized, 
highly sensitive mechanisms.

Several mechanisms have been proposed in the literature to account for O2 sens-
ing in cells. Although their sensitivities may differ from one another, more than one 
such mechanism can coexist in a cell, resulting in various cellular responses. Within 
the cell, the O2 molecule mainly engages in two distinct processes: it is involved 
directly in biosynthesis reactions; or it participates in metabolic processes, such as 
the electron transport chain occurring in mitochondria. Any change in the concen-
tration of O2 extensively perturbs these processes and, following a sequence of 
events, may have a number of different effects on the cell. Therefore, O2 sensors in 
cells can be mainly categorized as mitochondria-related sensors (bioenergetic) and 
biosynthesis-related sensors (biosynthetic)—although they can be linked to each 
other in some cases, making the distinction not completely clear [233].

Among the several effectors of O2-sensing mechanisms, HIFs are the most essen-
tial in terms of the diversity of their influences. The family of HIFα subunits (HIF1α, 
HIF2α, and HIF3α) has been shown to be responsible for regulating expression of a 
large number of genes, including those coding for key regulatory proteins of angio-
genesis and vasculogenesis. Although HIFα is expressed at every oxygen tension, it 
is rapidly ubiquitinated in normoxic conditions, resulting in its degradation. Thus, 
the amount of intracellular HIFα protein depends on the balance between its expres-
sion and degradation. In conditions of low O2 availability, all HIFα proteins heterodi-
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merize with HIFβ (ARNT) and form a transcriptional complex which regulates the 
transcription of numerous genes [159]. Stabilization of HIFα in the cell is controlled 
by two main O2 sensing proteins, prolyl hydroxylase domain (PHD) and factor-
inhibiting HIFα (FIH), which belong to the previously mentioned biosynthetic sen-
sors category. Three isoforms of PHDs are present in all mammals [28]. Specific 
proline residues on the oxygen-dependent domain of HIFα are hydroxylated by 
PHDs at separate hydroxylation sites, leading to HIFα degradation. The activity of 
PHDs in the cytoplasm is controlled by various O2-dependent molecular events and, 
directly, by the concentration of the O2 molecule [68]. All three PHDs remain par-
tially active in normoxia. PHD activity is expected to be very sensitive to small 
changes in cytoplasmic O2 levels since Km, the Michaelis-Menten parameter for the 
activation of PHDs, is approximately 230–250 μM, which is much higher than physi-
ological oxygen concentration (approximately 60 μM) [98]. Besides, mitochondria 
are also involved in the PHD activation process through their consumption of O2, 
regulation of reactive oxygen species (ROS), and production of nitric oxide (NO). 
While the stabilization of HIFα depends on PHD activity, the expression of HIFα is 
controlled by FIHs. Therefore, when O2 levels are lowered, both the stabilization and 
transactivation of HIFα increase, resulting in several angiogenic responses that will 
be discussed in the following section.

NO and ROS not only contribute to the HIFα stabilization process, but they also 
have several direct effects on vascular cells and blood vessels. A number of studies 
have shown that NO induces angiogenesis, hyperpermeability, and vasodilation 
[73]. Moreover, NO also perturbs EC respiration through the inhibition of cyto-
chrome c oxidase, which causes lower mitochondrial O2 consumption [118]. 
Mitochondrial ROS are also increased as a consequence of electron transport chain 
inhibition, which then contributes to the deactivation of PHDs via oxidizing cofac-
tor Fe (II) and helps to stabilize HIFα. ROS production, in respect to hypoxia, is 
proportional to the concentrations of intracellular O2 and electron donors. Under 
hypoxia, the amount of O2 required to form superoxides is decreased, whereas the 
concentration of the electron donors increases as a consequence of the reduction in 
the proximal electron transport chain. Therefore, ROS production can change in 
both manners, depending on the variations in these molecules’ concentrations [233]. 
Ushia-Fukari et al. [227] showed that ROS influence the expression of surface adhe-
sion molecules of ECs and stimulate EC proliferation and vessel permeability. 
Moreover, the hypoxia-induced decrease in ROS production leads to the inhibition 
of K+ channels of pulmonary artery smooth muscle cells (SMCs), whereas an 
increase in ROS production leads to intracellular Ca+ release from ryanodine-
sensitive stores [233]. Another molecular path found between mitochondrial energy 
generation and K+ channel inhibition occurs through AMP kinases. The energy of 
the cell is generated by the conversion of ADP to one molecule of ATP and 
AMP. Hence, AMP kinase becomes highly dependent on the ADP/ATP ratio, which 
is very sensitive to changes in cytoplasmic O2 concentrations. AMP kinases were 
shown to inhibit K+ channels through the regulation of Ca+ release in pulmonary 
arterial SMCs and also to induce cellular survival in tumor cells when exposed to 
severe hypoxia [63, 171].
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Moreover, heme oxygenases (HOs) and NADPH oxidases (NOXs) play impor-
tant roles in the biosynthetic oxygen sensing of cells. NOX-2, one of the three iso-
forms of NOX, is used for superoxide production from molecular O2. Hypoxic 
conditions can cause a decrease in NOX-2-derived ROS concentrations, due to the 
low Km values (18 μM) of NOX-2; this helps Ca+ release in pulmonary artery SMCs 
[239]. However, some studies also suggest that hypoxia increases NOX-2 activity, 
therefore causing the generation of a greater amount of ROS [233]. On the other 
hand, Ca+-activated K+ channels in glomus cells were shown to be related to the 
activity of HO-2, an isoform of HO which can convert heme to CO, biliverdin, and 
Fe(II) using O2 and NADPH [237].

The effectiveness of an oxygen sensor can be determined by evaluating (a) its 
sensitivity to small changes in intracellular O2 levels and (b) the subsequent diver-
sity of triggered cellular responses. Taking this considerations into account, PHDs 
and FIHs appear to be the most critical oxygen sensors responsible for controlling 
HIF activity [94]. Deactivation of these two sensors leads to HIFα stabilization, 
initiating the regulation of hundreds of different genes. Using O2 as a controlling 
parameter to engineer vascular tissues demands a clear understanding of the bio-
chemical events that follow changes in O2 tension, as well as the net response of the 
cells and how O2 affects their collective behaviors.

4.2.1.2  �Cellular Responses to Different Oxygen Concentrations

Metabolism and Oxygen Uptake Rate

Several studies have observed that the O2 consumption of cells depends on O2 avail-
ability [1, 26, 171, 210]. We have recently shown that the O2 uptake rates (OURs) of 
EPCs and human umbilical vein endothelial cells (HUVECs) are similar, but not 
identical, to each other and that both decrease when O2 availability is lowered 
(Fig. 4.1a) [1]. Many mechanisms have been proposed to explain the relationship 
between mitochondrial O2 consumption and variations in O2 levels. HIF1α was 
found to be responsible for inducing the enzymes required for glycolysis [171]. It 
also plays a role in activating pyruvate dehydrogenase kinase-1, which reduces the 

Fig. 4.1  O2 tension regulates vascular cell responses. Comparison of EPCs and HUVECs at three 
different O2 tensions in terms of (a) oxygen uptake rate (OUR) and (b, c) gene regulation [1]
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amount of pyruvate that flows into the TCA cycle and therefore decreases aerobic 
respiration in mitochondria [171]. In addition, the increases in both the transcription 
and expression of glucose transporter protein 1 (GLUT-1) were shown to be HIF1α-
dependent in hypoxic conditions [7]. In other words, deactivation of PHDs and FIHs 
at low O2 levels leads to the stabilization of HIFα, which then reduces O2 aerobic 
respiration by inducing pyruvate degradation while, at the same time, promoting 
glycolysis by increasing the expression of glucose transporter proteins. Another 
proposed mechanism involves the inhibition of cytochrome oxidase by NO, which 
is known to be regulated by shear stress and O2 tension. NO influences mitochon-
drial respiration by the competitive inhibition of cytochrome oxidase with O2 and by 
inhibiting electron transfer between cytochrome b and c, therefore increasing ROS 
production [26].

The effects of blood flow and O2 tension are crucially important for the ECs 
comprising the vessel walls, since these conditions can be perturbed in many patho-
physiological situations in the body. Some studies have shown mitochondrial respi-
ration of ECs to be lower than other cell types, suggesting that most of the O2 
consumption is non-mitochondrial [78, 223]. Helmlinger et al. demonstrated that 
ECs consume O2 during capillary formation, whereas they also preserve and expand 
the capillary structures, even under severe hypoxia (about 0.6% O2), by upregulat-
ing VEGF expression [93]. It is not surprising that ECs possess a special type of 
metabolism—aerobic glycolysis in their resting state (physiological conditions) and 
anaerobic glycolysis in their navigating state (hypoxic conditions)—since O2 is 
transported through ECs to other tissues, and thus they must possess the ability to 
survive and commence angiogenesis under hypoxic conditions [70].

Moreover, when ECs are exposed to excess glucose, their ATP generation shifts 
to glycolysis, and lactate levels, increased as a by-product of glycolysis, contribute 
to the inactivation of PHDs and, therefore, the stabilization of HIFα [240]. Where 
blood flow is perturbed, such as in ischemia and wound healing, both NO and O2 
levels are changed in blood vessels, and all of the metabolic variations discussed 
become more important.

Transcription of Angiogenic Genes

Manalo et al. showed in their study of ECs that 245 genes are upregulated and 325 
genes are downregulated at least 1.5-fold in response to hypoxia and HIF1α. These 
genes are responsible for the expression of collagens, GFs, receptors, and transcrip-
tion factors, all of which are significant for the processes of angiogenesis and vas-
culogenesis. This wide range of hypoxia-related transcription factors also indirectly 
affects HIF1α. The genes directly regulated by HIF1α include VEGF-A, VEGFR-1, 
Flt1-1, and erythropoietin (EPO). Examples of indirectly regulated genes include 
fibroblast growth factor (FGF), placental growth factor (PLGF), platelet-derived 
growth factor (PDGF), angiopoietins (ANG-1 and ANG-2), and Tie-2, the receptor 
of ANGs [68]. Although VEGF is the major GF that stimulates blood vessel forma-
tion, when it alone was transgenically overexpressed in mice, defective blood 
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vessels formed, which then led to tissue edema and inflammation [184]. On the 
other hand, overexpressing both VEGF and ANG-1, which is important for main-
taining vascular integrity, has been shown to induce hypervascularity without 
imperfections in mice [218]. ANG-2 is responsible for EC apoptosis and vascular 
regression in the absence of VEGF, whereas, when combined with VEGF expres-
sion, it enhances angiogenic responses by destabilizing the blood vessels [100, 
101]. More recently, ANG-4 was shown to function similarly to ANG-1 and to 
induce angiogenesis by binding the ANG receptor TIE-2, which is also upregulated 
by HIF1α [241]. We have recently shown that VEGF and ANG-2 genes are upregu-
lated in hypoxic (1% O2) cultures of EPCs and HUVECs [1], and the fold differ-
ences in upregulation levels of VEGF and ANG-2  in EPCs were shown to vary 
during the 3-day exposure period (Fig.  4.1b), where no significant change was 
observed for HUVECs (Fig.  4.1c). How hypoxia affects the regulation of these 
angiogenic genes depends on the cell type; for instance, VEGF is upregulated in 
ECs, SMCs, cardiac fibroblasts, and myocardiocytes, whereas ANG-2 is induced 
only in ECs [159]. Therefore, from a tissue engineering perspective, co-culturing of 
different cell types under controlled hypoxic conditions should be considered, since 
a combination of hypoxia-induced angiogenic proteins is required to obtain vascu-
lar formation without excessive permeability.

Cell Death and Survival

Hypoxia influences the proliferation and viability of many cell types [1, 69, 172, 
245]. The wide spectrum of HIF1α-dependent genes also includes proapoptotic and 
prosurvival genes. BH3-only proapoptotic genes, a subfamily of BCL-2 that 
includes BNIP3, BNIP3L, NOXA, RTP801, and HGTP-P, are directly activated by 
HIF1α [234]. Although these genes play important roles in cellular apoptosis, a 
growing body of evidence suggests that hypoxia mediates cellular survival in many 
cell types [160, 172, 245]. Programmed cell death is, of course, a very critical step 
for cells and is most likely taken only after all possible survival mechanisms have 
been exhausted. One of these mechanisms, autophagy, is a cellular catabolic pro-
cess where cytoplasmic organelles are degraded to provide ATP generation in nutri-
ent deprivation. Hypoxia was found to induce mitochondrial autophagy via both 
HIF1α-dependent and HIF1α-independent pathways [172, 245]. Small interfering 
RNA silencing of BNIP3 and BNIP3L together suppresses autophagy to a greater 
extent than silencing only one of them at a time [20]. Zhang et al. have shown that 
mitochondrial autophagy is induced by HIF1α-dependent upregulation of BNIP3 
incorporated into the constitutive expression of BECLIN-1 and ATG-5 [245]. On 
the other hand, the neuron-derived orphan receptor (NOR-1), which is overex-
pressed in ECs exposed to hypoxia, mediates cellular survival as a downstream 
effector of HIF1α signaling [160]. CD105, one of the EC markers also shown to 
play a role in cellular survival, is significantly upregulated under hypoxia [146]. In 
vivo studies of rats subjected to hypoxia also found the induction of mitochondrial 
autophagy by overexpression of BNIP3 [17]. In addition, Papandreou et al. propose 
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that hypoxia induces autophagy in tumor cells through AMP kinase, which is acti-
vated by hypoxia independently of HIF1α, as discussed previously in the O2 sensing 
section [172].

4.2.1.3  �Cell Pluripotency and Differentiation

Vasculogenesis takes place in low O2 environments, such as the early development 
of the embryo, EPC regeneration in the BM, or EPC attachment and differentiation 
into mature ECs at neovascularization sites. All of these processes rely on pluripo-
tent/unipotent cells differentiating into the endothelium, where O2 tension is a cru-
cial parameter regulating their differentiation characteristics. As already discussed, 
EPC regeneration in the BM depends on cellular dynamics between the osteoblas-
tic niche (low O2) and vascular niche (high O2); HSCs are quiescent in the osteo-
blastic niche and differentiate into EPCs in the vascular niche before joining the 
circulation [111]. Therefore, it is important to understand the effect of O2 tension 
on the differentiation of cells into EPCs/ECs as a primary step of vasculogenesis. 
Hypoxia enhances human embryonic stem cell (hESC) pluripotency via the upreg-
ulation of Oct-4, NANOG, and SOX-2, which are pluripotent markers [45, 64, 69, 
116]. HIF2α is responsible for the overexpression of Oct-4, SOX-2, and NANOG, 
while HIF3α also plays a role in the process by inducing HIF2α transcription [45, 
69]. Prasad et al. demonstrated that hypoxic conditions (5% O2) prevent the spon-
taneous differentiation of hESCs, whereas the inhibition of Notch activation 
revoked this effect, suggesting that hypoxia-induced pluripotency occurs via Notch 
signaling [182]. On the other hand, the efficiency of the process of reprogramming 
mouse and human somatic cells into induced pluripotent stem cells (iPSC) was 
shown to be improved in 5% O2 cultures, compared to atmospheric O2 cultures 
[243]. In contrast, other studies have demonstrated that hypoxia induces the expres-
sion of early cardiac genes in spontaneously differentiating embryoid bodies (EBs) 
[125, 168]. In a more recent study, Lopez et  al. showed that EPCs/ECs can be 
obtained from hESCs more efficiently when cultured in 5% O2, compared to previ-
ous methods that induce EB formation in atmospheric O2 [181]. Additionally, sim-
ply priming EBs in hypoxic conditions mediated suppression of pluripotent marker 
Oct-4 and upregulated VEGF [140]. When hPSCs are differentiated toward an 
endothelial lineage, hypoxia has also been shown to enhance EC differentiation 
through changes in the early stages (mesodermal specification) of EC lineage com-
mitment. Interestingly this affect, which was dependent on low O2 tension, was 
driven by production of ROS [135]. More in-depth investigations have uncovered 
the specific role of NADPH oxidase 2 (Nox2)-produced ROS in upregulating Notch 
signaling to facilitate differentiation toward arterial endothelial cells [119]. Another 
group showed a biphasic regulation of EC fate specification via a HIF1α-mediated 
pathway in mESCs. Hypoxia led to upregulation of the transcription factor Etv2 in 
the early stages of differentiation, which resulted in development of endothelial 
progenitor cells. Continued exposure to hypoxia led to HIF1α-induced upregula-
tion of Notch1 signaling and formation of functional arterial endothelial cells, with 
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the capacity to contribute to revascularization of ischemic tissues [224]. Similarly, 
HIF1α also induces the differentiation of peripheral blood mononuclear cells into 
EPCs, and hypoxia stimulates the further differentiation of EPCs into mature ECs 
[8, 117].

All of these findings highlight the significance of O2 tension as a critical param-
eter to control vascular differentiation of pluripotent or multipotent cells. Although 
some of these studies suggest contrary hypotheses, the importance of O2 consider-
ations in cell culture environments cannot be overstated, as O2 tension can be 
manipulated to prevent spontaneous differentiation of pluripotent cells and to 
enhance the efficiency of the differentiation into EPCs and mature ECs.

4.2.2  �Vascular Responses to ECM

In the human body, vascular cells are surrounded by diverse components of the 
ECM, the unique spatial and temporal distribution of which affects GF availability 
and matrix properties which, in turn, regulate vasculogenesis and angiogenesis. Just 
like oxygen tension, which varies throughout vascular development, ECM compo-
nents are also uniquely distributed; for example, hyaluronic acid (HA; also known 
as hyaluronan) levels were found to be highest during embryogenesis and to be 
replaced by fibronectin and then collagen, which remains abundant throughout 
adulthood. In this section we will discuss ECM distribution and its effects on vascu-
lar development and maintenance. Then, we will discuss various ECM components 
that affect vascular morphogenesis. Lastly, we will describe strategies for manipu-
lating the ECM using synthetic biomaterials and emerging technology.

4.2.2.1  �Types of ECM Found Participating in Vascularization

The ECM surrounding blood vessels contributes significantly to their diverse func-
tions and complexity. This ECM diversity encompasses different vascular develop-
ment periods (i.e., embryonic versus adult) and specialized vessels at various 
locations in the body (i.e., capillary, arteriole, and venule) or tissues in the body 
(i.e., heart, kidney, lung, etc.). During early vascular development, the ECM pro-
vides informational cues to the vascular cells, thus regulating their differentiation, 
proliferation, and migration. Fibronectin and HA, which are major components of 
the embryonic ECM, have been shown to be vital regulators for vascularization dur-
ing embryogenesis [222]. Fibronectin, a unique glycoprotein, contains cell adhesion 
and heparin-binding sites that synergistically modulate the activity of VEGF to 
enhance angiogenesis [236]. Various lineage studies have found developmental 
abnormalities in embryonic hearts and vessels in fibronectin-null mice, suggesting 
its crucial role in mediating EC interactions [14, 71]. The levels of hyaluronan, a 
nonsulfated linear polysaccharide, are greatest during embryogenesis and then 
decrease at the onset of differentiation [221], where it plays a crucial role in 
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regulating vascular development [18]. Hyaluronan and its receptor, CD44, have 
been shown to be essential in the formation and remodeling of blood vessels [18, 30, 
62]. We have previously reported that a completely synthetic HA hydrogel can 
maintain the self-renewal and pluripotency of hESCs [79, 86, 87]. Interestingly, 
when VEGF is introduced into the culture media, this unique HA microenvironment 
can direct the differentiation of hESCs into vascular cells, as indicated by positive 
staining for α-smooth muscle actin and an early stage of the endothelial cell marker, 
CD34 (Fig. 4.2a). More recent studies have employed higher throughput methods to 
explore the effects of ECM composition on EC fate. As the ECM of the developing 

Fig. 4.2  Matrix composition and orientation affect vasculogenesis. (a) Hyaluronic acid microen-
vironment for vasculogenesis. Human ESC colonies were cultured in conditioned medium for 
1 week, followed by the replacement of medium containing 50 ng/ml VEGF165. Left: Cell sprout-
ing was observed after 48 h of culture in medium containing VEGF (indicated by arrowheads). 
Middle and right: After 1 week of differentiation, sprouting elongating cells were mainly positive 
for alpha-smooth muscle actin (a-SMA) (middle), while some were positive for the early-stage 
endothelial marker CD34 (right). Scale bars—left, 100 μm; middle and right, 25 μm. Printed with 
permission [79]. (b) Nanotopography induces the formation of supercellular band structures in 
long-term EPC culture. EPCs cultured on flat substrates began forming confluent layers of cells 
after 6 days of culture. In contrast, EPCs cultured on nanotopography began to form supercellular 
band structures aligned in the direction of the features (as indicated by the arrow) after 6 days of 
culture. These morphological differences are evident through staining of PECAM-1 and 
VE-CAD. Scale bars are 50 μm. Printed with permission [23]. (c) Organized capillary tube forma-
tion in  vitro. Capillary-like structures (CLSs) were induced by the addition of Matrigel after 
6 days. EPCs cultured on flat substrates (upper left) formed low-density unorganized structures, 
while EPCs cultured on nanotopographic substrates (upper right) formed extensive networks of 
organized structures with (lower panel) longer average tube lengths than EPCs cultured on flat 
substrates (*** p < 0.001). The direction of the linear nanotopographic features is indicated by the 
arrow. Scale bars are 200 μm. Printed with permission [23]
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embryo consists of multiple components, culturing ECs on combinatorial ECM 
arrays revealed optimal conditions for EC survival, in response to low O2 and low 
nutrient availability [104], as well as enhancements in EC fate which were regulated 
by ECM composition, at least partially through upregulation of integrin β3 and its 
associated signaling pathway [105].

In contrast, the adult ECM consists mostly of a laminin-rich basement mem-
brane, which maintains the integrity of the mature endothelium, and interstitial col-
lagen I, which promotes capillary morphogenesis [50]. Although collagen I is 
present during development, its role becomes increasingly important in postnatal 
angiogenesis, after its reactive groups have been cross-linked to further stabilize the 
interstitial matrix [186]. EC integrins, which interact with collagens and fibrin, are 
key receptors in EC activation, proliferation, and tubular morphogenesis. The 
collagen-I-mediated activation of Src and Rho and the suppression of PKA promote 
the formation of prominent actin stress fibers, which mediate EC retraction and 
capillary morphogenesis. Moreover, the activation of Src also disrupts VE-cadherin 
from cell junction and cell-cell contact which, in turn, facilitates multicellular reor-
ganization. Conversely, basement membrane laminin-1 is responsible for maintain-
ing the mature endothelium. During the proliferative stage of morphogenesis, the 
laminin-rich basal lamina is degraded, exposing the tips of sprouting ECs to the 
underlying interstitial collagens and activating signaling pathways that drive cyto-
skeletal reorganization and vascular morphogenesis. This sharp difference in how 
ECM components affect capillary morphogenesis is responsible for controlling the 
delicate balance between vascular sprouting and maturation.

Once nascent vessels are formed, ECM components regulate their maturation 
and specialization into capillaries, arteries, and veins. Capillaries, the most abun-
dant vessels in our body, consist of ECs surrounded by pericytes and basement 
membrane. Exchanges of nutrients and oxygen occur through diffusion between 
blood and tissue in these regions, due to the capillary’s thin wall structure and large 
surface-area-to-volume-ratio. Maturation of the vessel wall involves the recruitment 
of mural cells, development of the surrounding matrix, and organ-specific special-
ization [113]. ECM distribution in various tissues dictates the specialization of these 
capillaries to support the functions of specific organs. The capillary endothelial 
layer is continuous in most tissues (e.g., muscle), while it is fenestrated in exocrine 
and endocrine glands (e.g., kidney and pancreas). Moreover, the enlarged sinusoidal 
capillaries of the liver, spleen, and BM are discontinuous, allowing increased 
exchange of hormones and metabolites between the blood and the surrounding tis-
sues. In contrast, where the excess exchange of molecules is not desirable, such as 
at the blood-brain barrier and the blood-retina barrier, the interendothelial connec-
tion is further reinforced with tight junctions, such as occludin and ZO-1 [238].

Compared with capillaries, arterioles and venules have an increased coverage of 
mural cells and ECM components. Arterioles are completely surrounded with vas-
cular SMCs that form a closely packed basement membrane. The walls of larger 
vessels are composed of three layers: the tunica intima, the tunica media, and the 
tunica adventitia. The EC layer of blood vessels is anchored to a basement mem-
brane, which is the major component of the tunica intima [57]. The basement mem-
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brane contains network-organizing proteins, such as collagen IV, collagen XVIII, 
laminin, nidogen, entactin, and the proteoglycan perlecan. The tunica media con-
tains vascular SMCs (v-SMCs) and elastic tissue composed of elastin, fibrillins, 
fibulins, emilins, and microfibril-associated proteins. The tunica adventitia contains 
fibroblasts and elastic laminae and has its own blood supply, known as the vasa 
vasorum [57]. SMCs and elastic laminae contribute to the vessel tone and regulate 
vessel diameter and blood flow. This generic blood vessel architecture is modified 
with various ECM components to fulfill their individual tasks. Arteries, which func-
tion to deliver oxygenated blood, usually have a thick tunica media with numerous 
concentric layers of v-SMCs, whereas veins have a thick tunica adventitia layer 
enriched in ECM components with elastic properties, such as elastin and fibrillin.

As described, the composition of the ECM is inherently dynamic throughout 
development as well as vascular regeneration, positing the importance of remodel-
ing and deposition of new ECM as these processes progress. Additionally, stability 
of mature vessels requires a different ECM composition than developing or regen-
erating vasculature. Several studies have highlighted these changes in ECM deposi-
tion and have identified regulators of these important mechanisms. Much of the 
work to date has established the role of perivascular cells, including pericytes and 
smooth muscle cells, in ECM production [232]. Crucially, ECs also produce ECM 
as blood vessels form. Of particular interest, endothelial progenitor populations and 
mature ECs produce ECM differently; EPCs produce collagen IV, fibronectin, and 
laminin, while mature ECs have limited ECM production in standard cell culture 
conditions. However, when subjected to hypoxic conditions, mature ECs adopt an 
ECM secretome similar to the pro-regenerative EPCs, wherein they secrete collagen 
IV, fibronectin, and laminin at low O2 (1%). At moderate hypoxia (5% O2), both cell 
types produce collagen I [134]. When developing engineered vasculature, these fac-
tors are critical to consider to obtain mature, long-lasting blood vessels, as ECM 
composition is an important parameter governing vascular stability.

4.2.2.2  �Properties of the ECM that Affect Vascular Morphogenesis

Recent decades have vastly expanded our understanding of how ECM properties 
affect vascular assembly, primarily due to newly available, well-defined in  vitro 
models. The most common models are cultures of ECs in gels made of different 
ECM components, such as collagen, fibrin, fibronectin, and Matrigel. These ECM 
components contain instructive physical and chemical cues that direct vascular mor-
phogenesis, which involves several steps: (1) proteolytic degradation of basement 
membrane proteins by both soluble and membrane-bound matrix metalloprotein-
ases (MMPs); (2) cell activation, proliferation, and migration; (3) vacuole and 
lumen assembly into a tube with tight junctions at cell-cell contacts; (4) branching 
and sprouting; (5) synthesis of basement membrane proteins to support the forma-
tion of capillary tube networks; and (6) tube maturation and stabilization by peri-
cytes. These complex processes require a delicate balance between various 
immobilized and soluble GFs, as well as endothelial and perivascular cell 
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interactions. Gels made from ECM components, engineered to have properties 
resembling those of native tissues, have been widely explored as a tool to study the 
molecular regulation underlying vascular development [49] and as a scaffold to 
transplant vascular progenitor cells [15, 46, 164]. However, their manipulation for 
vascular tissue engineering has been narrowly limited by their inherent chemical 
and physical properties. Therefore, a great need exists to chemically modify these 
ECM components [40, 130] or to utilize biomaterials to form scaffolds from hydro-
gels, which are xeno-free and instructive for vascular tissue engineering [152]. 
Hydrogels are cross-linked polymer networks which can store a large amount of 
fluid and which have biophysical properties similar to many soft tissues [138]. 
Hydrogels can be engineered from natural biomaterials (including ECM compo-
nents), artificial protein polymers, self-assembling peptides, and synthetic polymers 
to form scaffolds which mimic the native ECM. For example, dextran and chitosan, 
natural biomaterials with similar structures, do not possess any inherent cross-link-
ing ability [214, 215]. However, a simple chemical modification, such as introduc-
ing double bonds into the repeating unit, allows the cross-linking of these 
polysaccharides to form hydrogels. Alginate is another natural material which can 
be physically cross-linked by adding cations (e.g., Ca2+ or Mg2+) [80]. Another 
approach utilizes a purely synthetic polymer, like polyethylene glycol (PEG) or 
poly-[lactic-co-glycolic acid] (PLGA), whose physical and chemical properties can 
be easily manipulated. A simple modification can turn PEG, a cell-resistant mate-
rial, into an instructive scaffold designed to promote vascularization [58, 59, 166, 
176]. Furthermore, the synthetic material of choice must be biodegradable and bio-
compatible, and such physical properties as pore size, degradation kinetics, and 
matrix mechanical properties must be easily tunable to favor vascular morphogen-
esis. Bioactive molecules—like GFs, cell adhesion motifs such as arginine-glycine-
aspartic acid (RGD), and MMP-sensitive peptides—must be presented with correct 
spatial and temporal distributions within the synthetic biomaterials. Next, we will 
discuss several strategies for manipulating the chemical and physical properties of 
synthetic biomaterials.

Cell Adhesion Regulates Neovascularization

In order to support vascular cells and instruct them to undergo vascular morphogen-
esis, synthetic biomaterials must first be able to provide cell adhesion. Instead of 
incorporating ECM components to make such materials bioactive, certain synthetic 
peptides important for vascular morphogenesis can be incorporated into these inert 
synthetic materials. The most common template is the integrin-binding domain of 
fibronectin, RGD [178], and the laminin-derived peptide IKVAV [203]. The first 
crucial step in vascular morphogenesis occurs when vascular cells utilize integrin 
receptors to sense their surrounding microenvironments. Integrins are transmem-
brane receptors which not only maintain cell adhesion to ECM but also control cell 
proliferation, migration, differentiation, and cytoskeletal organization. Since blood 
vessels must be able to assemble in diverse tissue environments (e.g., adult versus 
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embryo and muscle versus kidney), which have different distributions of ECM com-
ponents (as discussed in the previous section), it is evident that both β1 and αv integ-
rins can support vascular morphogenesis. For example, αvβ3 and α2β1 integrins 
associate with vascular morphogenesis in collagen-rich ECM, like adult tissue, 
while α5β1 and α6β1 integrins involve fibronectin- and fibrin-rich ECM, like in embry-
onic tissue and healing wounds [50]. The binding of integrins onto RGD triggers 
several downstream signaling events mediated by Rho GTPase, particularly Rac1 
and Cdc42 [49]. Extensive work by Davis and his colleagues revealed the molecular 
mechanism that regulates this EC morphogenesis in fibrin and collagen gels (an 
excellent review of their work can be found in Chap. 20 of this book). This mecha-
nism has also been observed and controlled in synthetic (HA-based) hydrogels [89].

To further substantiate the role of cell-ECM interactions, particularly those 
mediated by integrin engagement, several groups have identified the importance of 
integrin specificity in vascular regeneration. In tumor vessels, αvβ3 is preferentially 
expressed, leading to formation of new, albeit disorganized, leaky vasculature [53]. 
In order to establish organized, mature neovessels, engagement of α3/α5β1, rather 
than αvβ3, was necessary [147]. While RGD peptides facilitate cell adhesion in syn-
thetic matrices, it is important to consider the non-specific integrin engagement 
potential of these peptides, which may influence vascular regeneration.

The number of RGD adhesion sites and the method of their presentation to the 
vascular cells are also crucial in affecting cell migration [82] and vascular morpho-
genesis [110]. Using an in vitro angiogenesis model, Folkman and Ingber were able 
to show that, when cultured on a moderate coating density that only partially resisted 
cell traction forces, ECs could retract and differentiate into branching capillary net-
works [67, 110]. High ECM density was saturated with RGD adhesion peptide, 
which allowed the ECs to spread and proliferate, while low ECM density resulted in 
rounded and apoptotic cells. Interestingly, in medium ECM density, with the appro-
priate RGD adhesion peptide, ECs collectively retracted and differentiated into 
branching capillary networks with hollow tubular structures. It is evident that the 
ECs exerted mechanical forces on the surrounding ECM to create a pathway for 
migration and branching in forming vascular structures [48]. Hence, both the quan-
tity of RGD peptide and the method of presentation within the engineered synthetic 
biomaterials determine the initial morphogenetic events in angiogenesis.

Scaffold Degradation Regulates Vascular Morphogenesis

Scaffolds made from ECM components, like collagen and fibrin gels, contain pro-
teolytic degradable sequences which can be degraded by the MMPs and other pro-
teases (e.g., cathepsins) secreted by vascular cells. This cell-mediated degradation 
controls both structural integrity and temporal mechanical properties, which dictate 
the presentation of chemical and mechanical cues at various stages of angiogenesis. 
However, the degradation kinetics of these ECM-based scaffolds is determined by 
their inherent cross-linking density which, in turn, limits their manipulation for vas-
cular tissue engineering. In contrast, synthetic biomaterials can be engineered to 
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have degradation profiles ranging from days to months, in order to suit the specific 
needs of the engineered vascularized tissue constructs [215]. The polymer backbone 
can be cross-linked using a nondegradable cross-linker that provides structural 
integrity and/or a degradable cross-linker that allows directed cell migration and 
vascular morphogenesis. Hydrolytic degradation by the body fluid can break down 
the ester bonds within the polymer backbone, allowing tissue infiltration over time 
[214, 215]. MMP-sensitive peptides can also be used to cross-link hydrogels, allow-
ing cell-mediated degradation, leading to a rapid response of vascular growth. 
Overall, by adjusting the percentages of nondegradable and degradable cross-link-
ers, scaffold degradation can be tuned to allow cellular infiltration, lumen forma-
tion, and ECM synthesis and distribution.

In order for the intracellular vacuoles to coalesce into a lumen, ECs require adhe-
sive ligands for traction [152] and utilize membrane-type-1 MMPs (MT1-MMPs) to 
create physical spaces which facilitate the directed migration of cells to align with 
neighboring cells [48, 192, 212]. Therefore, ECs can only invade this synthetic scaf-
fold if the minimal pore size is larger than the cell diameter (e.g., a soft self-
assembling peptide) [201] or if the scaffold bears an MMP-degradable sequence 
[153]. The Hubbell research group has pioneered this approach by incorporating an 
MMP-degradable sequence as a cross-linker into PEG scaffolds to promote vascular 
healing and therapeutic angiogenesis [196, 249]. When grafted in vivo, ECs were 
able to invade, remodel, and vascularize this MMP-sensitive scaffold [248, 249]. 
Using concepts from this work, synthetic (HA-based) biomaterials utilized spatial 
control of degradation through photopatterning to organize vascular morphogenesis 
(Fig.  4.3) [90]. Hence, incorporating MMP-degradable peptides is essential for 
directing vascular morphogenesis in 3D synthetic biomaterials.

Physical Orientation of the ECM

The native ECM provides an instructive template for ECs and perivascular cells to 
orient, interact, and organize into tubular structures. Studies have demonstrated that 
a stable vasculature could be achieved by co-transplantation of ECs and perivascu-
lar cells, such as MSCs or SMCs [15, 16, 128, 142, 164]. Recent studies showed that 
engineering a stable vascularized tissue construct requires the triculture of ECs, 
fibroblasts, and tissue-specific cells, such as cardiac or skeletal muscle cells [31, 
142]. Perivascular cells, such as fibroblasts, stabilize the developing vascular tube 
through physical support, by differentiating into v-SMCs and wrapping around the 
nascent tube [114, 229], and chemical support, by secreting Ang-1, PDGF-BB, and 
tissue inhibitor of metalloproteinase-3 (TIMP-3) [95, 97]. These perivascular cells 
are also responsible for laying down ECM components in early embryogenesis and 
continue to do so throughout adulthood. Many studies using fibroblast-derived 
matrices have further revealed the 3D complexity of these ECM networks [206–
208]. A study by Soucy and Romer showed that fibroblast-derived matrix alone is 
sufficient to induce HUVECs to undergo vascular morphogenesis, independent of 
any angiogenic factors. Further analysis of protein colocalization suggested that 
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Fig. 4.3  Spatial control of vascular morphogenesis in synthetic hydrogels. (a, b) Uniform −UV 
(permit cell-mediated degradation) and +UV (inhibit cell-mediated degradation) hyaluronic acid 
(HA) hydrogels are grafted onto the CAM membrane. (a) LM imaging and (b) confocal analysis 
of the boxed regions in a shows CAM vessels penetrating into the −UV but not into the +UV 
hydrogels. CAM vessels are stained with Fluorescein-conjugated Lens culinaris lectin. Scale bars 
in a, 20 mm, and b, 100 μm. H = hydrogels. Dotted white lines indicate the boundaries of the 
hydrogels. (c) ECFCs are seeded on top of a uniform −UV (c) and 100 μm stripe photopatterned 
(d) HA hydrogels for an angiogenesis assay. After 3 days in culture, ECFCs invade and sprout into 
the 3D hydrogels (c). When photopatterned HA hydrogels are used, invasion and sprouting are 
observed only within the −UV regions and not within the inhibitory +UV region (d). Confluent 
monolayer of ECFCs sprouts and invades the −UV region (i) and further branches along the −UV 
regions (ii). The +UV regions are labeled using MeRho (red); ECFCs are stained with fluorescein-
conjugated UEA-I lectin (green) and DAPI (blue). Scale bars are 100 μm. Reproduced and re-
formatted with permission [90]
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fibronectin with a distinct structure and organization was uniquely distributed 
among other secreted matrix components, such as collagen, tenascin C, versican, 
and decorin. Cell matrix adhesions and MT1-MMP activities were reported to ori-
ent and localize within this fibrous fibronectin, which is indicative of integrin-
mediated vascular morphogenesis [190]. In fact, ECs initiate neovascularization by 
unfolding soluble fibronectin and depositing a pericellular network of fibrils that 
serve as a structural scaffolding on a mechanically ideal substratum for vessel 
development [247]. We have studied how such fibronectin organization influences 
endothelial tube formation by patterning fibronectin on cell culture surfaces to opti-
mize vasculogenic potential and understand how microstructure influences vascular 
tube formation [54]. Alignment of other important ECM proteins, such as collagen, 
has also been shown to guide vascular regeneration by enhancing EC organization 
and migration [136]. Interestingly, similar effects in vascular organization are 
observed when tensile forces are incurred upon vascular fibrin-based constructs, 
where vascular network alignment was induced by application of force. Aligned 
microvasculature was shown to enhance vascular integration upon implantation in 
abdominal muscle [191]. This last study suggests a potential mechanism for organi-
zation of ECM components to guide vascular network organization through force-
induced remodeling. It is likely such a mechanism is coupled with ECM degradation 
and secretion of new ECM components to establish a microenvironment amenable 
to the formation of new blood vessels.

The unique orientation, organization, and nanotopography of fibrous fibronectin 
represent features that can be integrated into synthetic scaffolds. Synthetic poly-
mers, like PLGA and polycaprolactone (PCL), can be electrospun to produce vari-
ous fiber sizes with micro- to nanoscale features that resemble fibrous fibronectin. 
We previously showed that surface nanotopography enhanced the formation of 
capillary-like structures (CLSs) in vitro [23]. Growing EPCs on grooves that were 
600  nm wide reduced their proliferation and enhanced their migration without 
changing the expression of EC markers. Moreover, after 6 days of culture, the EPCs 
organized into superstructures along the nanogrooves, in significant contrast to the 
EPCs grown on planar surfaces (Fig. 4.2b). The addition of Matrigel further induced 
the formation of CLSs, with enhanced alignment, organization, and tube length 
compared to a flat surface (Fig. 4.2c). This underscores the increasingly important 
role of nanotopography in guiding and orienting vascular assembly. When inte-
grated into the tissue-engineered construct—for instance, using filamentous scaf-
fold geometry [75] and micropatterning [55, 108, 165]—the orientation and 
structure of the engineered vasculature can be controlled.

Regulating Matrix Mechanics

It has become increasingly evident that the biomechanical properties of the ECM, 
such as matrix orientation and mechanics, profoundly influence the control of vas-
cular morphogenesis. Due to their versatility with respect to mechanical properties 
(e.g., cross-linking density, pore sizes, and topography), synthetic biomaterials have 
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powerful features that can be exploited to further direct vascularization. Changes in 
ECM mechanics can lead to changes in GF availability [40, 110], drive capillary 
morphogenesis [109], and stimulate angiogenesis in vivo [122]. By altering matrix 
adhesive characteristics and mechanics, Ingber and Folkman illustrated how bFGF-
stimulated ECs can be switched between growth and differentiation during angio-
genesis [110]. Recently, biomechanical cues from the ECM and signals from GF 
receptors have been implicated in regulating the balance of activity between TFII-I 
and GATA2 transcription factors, which govern the expression of VEGFR2 to insti-
gate angiogenesis [158]. Matrix stiffness regulates not only the cell’s response to 
soluble GFs but also cell morphogenesis during angiogenic sprouting. Primarily 
due to MMP activity, the tip of a new capillary sprout becomes thinner, locally 
degrading the basement membrane proteins. This region, with its high rate of ECM 
turnover and thin basement membrane, becomes more compliant and stretches more 
than the neighboring tissue. Consequently, the decrease in matrix stiffness changes 
the balance of forces across the cell integrin receptors, increases cell tension, and 
results in cytoskeletal arrangement to form branching patterns that are characteristic 
of all growing vascular networks [109].

The pioneering work by Deroanne et al. showed that a decrease of matrix stiff-
ness increased capillary branching and the elongation of tubes. A reduced tension 
between ECs and ECM, accompanied by a profound remodeling of the actin-FAP 
complex, is sufficient to trigger an intracellular signaling cascade leading to tubulo-
genesis [52]. This observation has been further confirmed in collagen gels [52, 200], 
fibrin gels [211], self-assembling peptides, and HA-gelatin hydrogels.

Although ECM-based gels, such as collagen, fibrin, and Matrigel, have been 
widely used in angiogenesis assays, their inherent physical properties have limited 
their usage when studying the effects of matrix mechanics on angiogenesis. The 
stiffness of ECM-based gels can be increased either by increasing their concentra-
tion, which also alters their ligand and fibril density [189], or by altering the cross-
linking of ECM proteins in a narrow range using a microbial transglutaminase 
[244]. Therefore, examining the effects of matrix stiffness alone on angiogenesis 
requires the use of synthetic hydrogels, the stiffness of which can be easily adjusted 
over a wide range of moduli without altering other chemical properties. Unlike nat-
urally available ECM-based gels, the elasticity of which is limited to their inherent 
cross-linking density, synthetic HA hydrogels can be used to study a physiologi-
cally relevant range of matrix elasticity [88]. When the cross-linking density of the 
HA-gelatin hydrogels was further reduced, the matrix elasticity became relatively 
compliant, resulting in an increase of capillary branching, elongated tubes, and 
enlarged lumen structures [88]. On a relatively compliant matrix, EPCs can produce 
fewer MMPs than a stiffer matrix would require and still degrade, exert mechanical 
tension on, and contract the matrix to enable vascular morphogenesis. On the other 
hand, EPCs must produce more MMPs on a stiffer matrix, to overcome the extra 
mechanical barriers; even then, this local decrease in substrate stiffness cannot sup-
port vascular morphogenesis (Fig. 4.4). This model also explains the rapid appear-
ance of large functional vessels in granulation tissue, as a response to the 
wound-healing mechanism [122].
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In addition to the effects of matrix stiffness on postnatal vascular regeneration, 
matrix stiffness has been probed as an important regulator of stem cell fate. 
Beginning with the pioneering work of Engler et  al. [60], studies examining the 
effects of substrate stiffness and mechanical signaling transduction pathways on 
stem cell fate have proven instrumental in enhancing our collective knowledge of 
differentiation schema. To this end, our group has shown that substrate stiffness can 
govern EC fate through alterations in mesodermal precursors. Similar to the 
enhancements in EC fate observed upon culture in low O2 environments (Fig. 4.5a–
d) [135], compliant substrates enhance mesodermal differentiation, which results in 
robust EC differentiation (Fig. 4.5e–i) [205].

A recent illuminating study identified stress relaxation as an important, yet 
understudied, regulator of mechanical signal transduction. Specifically, in 
alginate-based hydrogels with the same matrix stiffness and pore size, altering stress 
relaxation modulated MSC cell fate [34]. While studies of the effect of stress relax-
ation on EC fate and vascular morphogenesis have not been published, stress relax-
ation is an important parameter to bear in mind for biomaterial design, particularly 
because covalently cross-linked hydrogels do not exhibit stress relaxation behavior 
similar to that of the native ECM.

Fig. 4.4  Mechanoregulation of vascularization. (a) EPCs were seeded on rigid, firm, and yielding 
substrates for 12 h, supplemented with 1 ng/ml (low) VEGF (upper panel) and formed CLSs when 
supplemented with 50 ng/ml (high) VEGF (lower panel), as demonstrated by fluorescence micros-
copy of F-actin (green) and nuclei (blue). (b) Real-time RT-PCR revealed a significantly increased 
expression of (1) MT1-MMP, (2) MMP-1, and (3) MMP-2 in response to 50 ng/ml VEGF (high) 
concentration for EPCs cultured on the rigid, firm, and yielding substrates, respectively. As the 
matrix substrate was reduced, EPCs cultured in medium supplemented with 50 ng/ml (high) VEGF 
showed a decrease in expression of these MMPs. (c) Metamorph analysis of CLSs revealed a sig-
nificant increase of mean tube length and mean tube area, as substrate stiffness decreased. Confocal 
analysis of nuclei (blue), VE-CAD (red), and lectin (green) further revealed that branching and 
hollow tubular structures formed on the yielding substrate. Significance levels were set at *p < 0.05, 
**p < 0.01, and ***p < 0.001. Scale bars (a) 100 μm and (c) 20 μm. Printed with permission [88]
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Fig. 4.5  Low O2 and compliant substrates enhance induction of mesodermal precursor popula-
tions, thereby improving EC fate specification. (a) Schematic of manipulated O2 environments stud-
ied during differentiation. (b) RT-PCR analysis of VEcad and CD31 expression of EVCs 
differentiated under the four studied oxygen conditions. Comparison of secondary and primed 5% 
O2 conditions demonstrated by (c) light microscopy images (arrows indicate elongated cell bundles; 
arrowheads indicate cobblestone area-forming cells; scale bar is 100 μm) and (d) flow cytometry for 
VEcad expression. Isotype control in gray. *p<0.05; **p<0.01; ***p<0.001. (e) Schematic of stiff-
ness-primed mesoderm induction followed by EC differentiation on E ~ 3 GPa substrates. a-MEM, 
a-minimum essential medium; FBS, fetal bovine serum; EGM, endothelial growth medium. (f) 
Gene expression of mesodermal markers for cells differentiated on soft 3-kPa substrates and stiff 
1.7-MPa substrates, normalized to expression from E ~ 3 GPa surfaces. Color key is presented in 
log10 scale. (g) Bright-field images of cobblestone endothelial colonies (white arrows) on day 12 
EVCs. (h) Day 12 EVC flow cytometry plots of VECad expression in red, with corresponding 
HUVEC VECad expression in green. Black font, VECad+ cells; green font, highly expressing 
VECad+ cells. Data are presented as means ± SEM. (i) Representative immunofluorescence images  
of VECad expression on day 12 EVCs: low-magnification (top) and high-magnification (bottom) 
images are shown (green, VECad; red, phalloidin; blue, nuclei). Reproduced and re-formatted with 
permission [135, 205]
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These studies underline the importance of engineering a tissue construct with a 
matrix stiffness amenable to promote in vivo vascularization. However, investigat-
ing how matrix stiffness may affect in vivo vascularization remains challenging due 
to the complexity of the system, which involves matrix remodeling, host capillary 
ingrowth, as well as anastomosis of the vascular construct and contributions from 
other cell types. For example, in vivo vascular ingrowth into Matrigel scaffolds was 
found to be optimal at intermediate matrix stiffness, in sharp contrast to the observed 
in vitro ingrowth [158]. Elegant work by Yoder’s research group also found that 
increasing the collagen concentration yielded stiffer scaffolds, which in turn pro-
moted host capillary ingrowth in vivo. Compared to stiffer scaffolds, softer scaf-
folds might have experienced excessive in vivo remodeling and failed to retain the 
vascular constructs. Moreover, in vitro angiogenesis studies have found that ECM-
based gels produce a much narrower range of stiffness [46, 158] than synthetic 
hydrogels [88, 158]. Future investigations are needed to evaluate vascularization by 
both the host capillary and the engineered vascular construct over a wider range of 
physiologically relevant matrix elasticities. Despite the differences in scaffold com-
position (ECM-based gels versus synthetic hydrogels), culture conditions (in vitro 
versus in vivo), assay type (2D versus 3D), and ranges of matrix stiffness, all of 
these studies highlight the relevance of engineering scaffolds with mechanical elas-
ticity suited to the specific needs of tissue vascularization.

4.2.3  �The Effects of Oxygen Availability and the ECM

In this section, we will consider O2 tension and the ECM as two interdependent fac-
tors determining the efficiency of vasculature formation. We will review currently 
available O2 measurement techniques and challenges, along with the mathematical 
modeling approaches used to overcome some of these challenges in describing O2 
gradients in 3D environments. Then, we will discuss cellular adaptations and 
responses to O2 availability in 3D ECM constructs and the possible outcomes of 
variations in O2 distribution in 3D cultures of vascular cells.

4.2.3.1  �Varying Oxygen Tensions in the ECM of Tissue and Matrix 
Scaffolds: Measuring and Modeling

Oxygen Measurement Techniques and Challenges

Manipulation of oxygen, in order to direct pluripotent or vascular cells to form 
blood vessels, requires knowing the precise O2 tension that the cells are exposed to 
under varying conditions. Many different O2 measurement techniques have been 
used in vitro and in vivo. The accuracy of these measurements is fundamental to 
confidently describe the cellular responses under various O2 availabilities, as well as 
to controlling the O2 tension in order to direct angiogenesis and vasculogenesis. An 
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O2 measurement method needs several properties to be considered superior, includ-
ing accuracy, sensitivity, repeatability, rapidity, and noninvasiveness. Although 
some methods are used more commonly in a broader range of applications, no “gold 
standard” exists for all applications, since the method chosen usually depends on 
the purpose of the measurement. In vivo O2 measurement methods can be divided 
into two main categories: (1) direct measurements, where the concentration or the 
partial pressure of O2 is directly measured, and (2) indirect measurements, where 
levels of O2-indicative molecules (e.g., hemoglobin, cytochrome) are detected and 
correlated to relative O2 concentrations.

The most common direct measurements are electrodes, phosphorescent probes, 
electron paramagnetic resonance (EPR) oximetry, and nuclear magnetic resonance 
(NMR). Some of the indirect measurement methods involve monitoring of hemo-
globin/myoglobin, mitochondrial cytochromes, and NADH/FADH [209]. 
Springett’s paper thoroughly reviews the benefits and limitations of the most recent 
methods [209].

In addition, in vitro studies have applied these currently available methods to 
monitor O2 levels quantitatively, such as by measuring O2 tensions at the cellular 
level in 2D monolayer cell cultures or O2 gradients in 3D gels or scaffolds. Two 
major methods used to measure O2 levels during in vitro cultures are polarographic 
and fluorescence quenching techniques. The latter has been shown to surpass the 
polarographic technique, which consumes O2 during the measurements [197]. When 
an implemented measurement technique, like the polarographic technique, con-
sumes O2, it more likely generates even greater inaccuracies and leads to incorrect 
conclusions in low O2 environments, as occurred in studies investigating the effect 
of hypoxia in 3D scaffolds [36, 120, 145]. Fluorescence quenching technology is 
available both for invasive applications, using an electrode probe with a very thin 
(approximately 5 μm) tip, and for noninvasive applications, using a sensor patch 
composed of a ruthenium-based metal complex that can be excited by an external 
fluorescent light source.

Modeling Oxygen Transport in Tissues

The limitations of these measurement techniques, caused mostly by the difficulties 
in measuring spatial O2 concentrations in tissues or scaffolds, raise a need for pre-
dictive mathematical models. Transport of O2 in vivo is controlled by several param-
eters, including blood flow rate, degree of vascularization in the tissue, physiological 
distance of the cells from the microvasculature, and, depending on cell type, the 
cells’ rate of O2 consumption. These factors affect O2 distribution in the tissue, and 
some can also have an impact on O2 transport in 3D in vitro cultures of pluripotent 
or vascular cells. Additional factors that in vitro studies should consider are the 
geometry of the scaffold, the available surface area for O2 transport from the envi-
ronment to the system, and controlled dissolved O2 levels in the culture media.

In general, fundamental mathematical models estimating O2 distribution in 3D 
constructs can be classified into: (1) static models, where O2 is only transported via 
diffusion, and (2) dynamic models, where convectional transport of O2 is also incor-
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porated using perfusion systems, such as microfluidic devices, or microcirculation 
in the tissues.

Static Models

In tissues cultivated under static conditions within 3D scaffolds, using different 
types of biomaterials, spatial O2 concentration can be defined with a one-dimensional 
(1D), unsteady-state species continuity equation:
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where Co2 is the spatial O2 concentration in the scaffold changing with time (t) and 
axial position (z), DO2 is the diffusion coefficient of O2 in the scaffold material, and 
R is the oxygen consumption rate of cells. This form of the transport equation has 
been used in many studies attempting to predict the O2 gradients in 3D scaffolds 
[27, 76, 137]. The equation implies that O2 changes both with time and depth, while 
being consumed by the cells as it diffuses from the environment into the scaffold. 
Boundary conditions, which are critical for O2 distribution, depend on the O2 equi-
librium between the environment (media/air) and the boundaries of the scaffold. 
Therefore, for a 3D scaffold with a depth of L and open boundaries from both sides, 
the boundary conditions can be given as:

	 At andz z L C S PO O= = =0 2 2, . 	 (4.2)

Thus, the solubility (S) of O2 in the scaffold material is one of the determining 
parameters of O2 distribution. Although the diffusion coefficient can also be consid-
ered a critical factor in relatively stiff scaffolds of the sort usually used for cartilage 
and cardiomyocyte tissues [27], it has been shown to be less significant for the natu-
ral hydrogel scaffolds commonly used for vascular tissues, such as collagen and 
HA. For instance, the diffusion coefficient of O2 in collagen gels was found to be 
99% of that in water [83]. Therefore, modeling studies usually assumed that it has 
the same O2 diffusion coefficient as water or cell media (3.3 × 10−5 cm2/s at 37 °C) 
[157]. The consumption rate of O2 (R) given in Eq. (4.1) is a function of both CO2 
and ρcell and is governed by the Michaelis-Menten equation, which states that the O2 
uptake rate of each cell increases with O2 availability, reaching a maximum at a 
point, Vmax:
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where Km is the O2 concentration at which the O2 uptake rate is half of its maximum 
value and ρcell is the cell density as a function of time and position. Different groups 
have reported the Vmax and Km parameters of many vascular cell types at various cell 
seeding densities [78, 163]. For example, the Vmax and Km of HUVECs, at a density 
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of 1 × 106 cells/ml, are found to be 22.05 ± 1.92 (pmol s−1 10−6 cells) and 0.55 ± 0.02 
(μM), respectively [78]. It should be noted that these parameters are estimated as to 
mitochondrial consumption of O2. However, as already discussed, ECs also con-
sume O2 for ROS production, and the theoretical models should also take this addi-
tional O2 consumption into account by, for example, including a linear correlation 
in the O2 consumption rate equation (Eq. (4.3)). Besides, all estimations of the Vmax 
and Km parameters for the O2 consumption of different cell types are carried out in 
2D cultures. The literature currently lacks studies investigating whether or not, 
depending on the composition of the extracellular matrix, encapsulating cells in 3D 
gels changes their consumption of O2.

Vascular cells proliferate, die, migrate, and assemble during 3D cultivation, 
which affects their spatial and temporal density and, therefore, O2 distribution. 
Models developed for 3D cultures of cardiomyocytes take into account the cellular 
proliferation and changes in the dimensions of the cells during nutrient transport in 
scaffolds [76, 77]. However, we need more detailed models, which consider how 
capillary formation affects O2 transport, to achieve more reliable estimations of spa-
tial O2 concentration. Tube formation and the networking of ECs in 3D gels have 
been simulated by more complicated numerical models [47, 139], although the 
effects of O2 concentrations on tube formation dynamics still need to be 
incorporated.

Dynamic and In Vivo Models

The models used for static cultures in 3D scaffolds can also be used to describe O2 
distributions in vivo when combined with a fluid perfusion model that considers the 
convectional O2 transfer to the tissues. The velocity profile of a fluid in capillaries 
or in an engineered microchannel system can be calculated using the simplified 
Navier-Stokes equation with cylindrical coordinates given for a laminar, one-
dimensional, steady-state, and fully developed flow of an incompressible fluid:
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where P is the total pressure in the fluid changing in an axial direction, μ is the vis-
cosity of the fluid, and Vz is the axial velocity of the fluid changing in a radial direc-
tion. After estimating the blood velocity profile, the species continuity equation, 
which involves both diffusional and convectional transfers of O2, can be used to 
obtain the O2 distribution inside the capillary or microchannel:
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The technical difficulties of making quantitative O2 measurements in BM have 
led many researchers to develop mathematical models to describe BM O2 distribu-
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tion [41, 131, 133]. Additional parameters that need to be considered in vivo are the 
vascularization of the tissue and the transport of O2 via hemoglobin proteins, mak-
ing the concentration of hemoglobin another essential factor for determining the 
oxygenation of the tissue. Studies take these additional factors into account using 
the following equation:
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The superscript j denotes each sinusoid/arteriole around the BM. N is the O2 car-
rying capacity of the blood and is the concentration of O2 bound to hemoglobin, 
which depends on the plasma O2 concentrations [180]. Finally, spatial and temporal 
CO2 in tissue can be estimated in a similar manner to the in vitro models, using Eq. 
(4.1) incorporated with the continuity of fluxes assumption at the ECM-vessel inter-
face as a boundary condition.

4.2.3.2  �Targeted Cellular Responses to O2 Availability in Matrix 
Hydrogels

Engineering vascular tissues in a 3D ECM is well-orchestrated process combining 
proliferation, apoptosis, migration, activation, and assembly of vascular or precur-
sor cells inside the construct. As discussed in the previous section, the composition 
of the biomaterial used to encapsulate the cells is critical for cellular fate and vessel 
formation. In addition to the effects of the chemical and physical properties of the 
ECM material on blood vessel formation, temporal and spatial levels of O2 and 
other nutrients are also crucial for various targeted cellular responses. A number of 
studies have investigated the effects of matrix content and stiffness on angiogenesis/
vasculogenesis [109], and many others have proposed using different types of bio-
synthetic materials to develop more precise blood vessels [10, 152]. However, only 
a few studies have highlighted how O2 gradients occurring in the matrix contribute 
to the angiogenic process [93, 170, 177]. The availability of O2 and other nutrients 
decreases at the center of the gel compared to the periphery, especially in engi-
neered vascular tissues, which require a high cell seeding density for sufficient vas-
cular tissue generation or repair. Hence, cells that reside along various layers of the 
matrix respond differently to the nonuniform distribution of O2 and nutrients. For 
primary vascular cells to form blood vessels, they require survival, activation, and 
the induction of angiogenesis by GFs, cell signaling, and regression. All of these 
responses, necessary for blood vessel formation, are controlled by ECM properties, 
as well as by O2 availability. Therefore, the influences of both the ECM and dis-
solved O2 distribution should be considered simultaneously.

Cell assembly and tube formation in the ECM require a sufficient cell density. 
Deprived of O2 and nutrients, vascular cells can undergo apoptosis or necrosis [21]. 
These two cellular death mechanisms should be distinguished; apoptosis contrib-
utes to the process of angiogenesis at any O2 tension, whereas necrosis usually 
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results in the collapsing and deformation of tubes [195]. The critical issues to con-
sider to prevent cellular necrosis during 3D vascular cell cultures are the permeabil-
ity of the ECM material to O2 and glucose, the cell seeding density, and the thickness 
of the gel. Thus, cell seeding density is constrained by an upper limit, above which 
the cells undergo necrosis due to nutrient deprivation, and a lower limit, below 
which the cells cannot assemble sufficiently to form tube-like structures. Both limits 
depend on the equilibrium O2 levels in the environment.

Cells may also die as a result of apoptosis after their encapsulation in the gel. 
Interestingly, some groups have demonstrated that programmed cellular death is 
necessary for angiogenesis/vasculogenesis [195]. Segura et al., having studied tube 
formation of ECs in both 2D Matrigel and 3D collagen, concluded that a consider-
able number of cells undergo apoptosis at the initial stages of cultivation and that, 
once angiogenesis is induced and tube formation has started, no further apoptosis 
occurs throughout the process. Inhibition of proapoptotic proteins has been shown 
to correlate with defective tube formations, suggesting that apoptosis is important 
for avoiding imperfections during blood vessel growth. Hypoxia, as already dis-
cussed, induces angiogenic responses and also regulates proapoptotic gene expres-
sions. Thus, spatial variations in O2 levels may alter the apoptotic responses in the 
gel and therefore regulate vascular tube morphogenesis.

MMPs are promoted by integrin-ligand interactions between cells and the ECM, 
leading to the degradation of the ECM and facilitating the migration of the cells 
[81]. It is hypothesized that ECM fragmentation, orchestrated by the secretion of 
MMPs, can mediate caspase activity through the rebinding of ECM protein frag-
ments to unligated integrins, namely, death receptors [38]. Therefore, the survival of 
ECs depends on the balance between cell survival promoters, such as FAK, Src, and 
Raf, and cellular apoptosis promoters, such as caspase 8 and caspase 3. Hypoxia 
may again play a critical role here, affecting both sides of the equilibrium, by upreg-
ulating MMPs and VEGF at the same time [21, 93]. Hypoxia, accompanied by 
nonuniform distribution of O2 throughout the gel, can result in spatial differences of 
cellular viability, which may subsequently disrupt vascular networking.

Overall, blood vessel growth requires remodeling of the ECM, which is based on 
two distinct mechanisms: (1) degradation of the ECM by secreted proteases, and (2) 
production of new ECM to support the invading vasculature. Many studies have 
shown that hypoxia can regulate the degradation, maintenance, and synthesis of the 
ECM [61, 179]. ECM degradation is important for cellular migration into and blood 
vessel invasion of tissue. MMPs, as mentioned above, are a major family of protein-
ases that participate in the degradation of the ECM during angiogenesis. In particular, 
MMP-2 and MMP-9, both members of the gelatinase subgroup of MMPs, have been 
shown to contribute to the process of angiogenesis [85]. MMP-2 secreted by the cells 
is activated through membrane MT1-MMPs where the activation can be avoided in 
the presence of tissue inhibitor of MMP-2 (TIMP-2) at high levels [99]. Furthermore, 
hypoxia was shown to influence the expression of MMP-2, as well as of MT1-MMP 
and TIMP-2, in ECs [21]. Lahat’s group demonstrated the upregulation of MMP-2 
expression in hypoxic (0.3% O2) cultures of HUVECs, whereas MT1-MMP and 
TIMP-2 are downregulated, enhancing migration and tube formation [21].
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ECM degradation is accompanied by ECM production and the secretion of cells. 
Once the quiescent state of the ECs composing the blood vessel walls is perturbed 
and angiogenesis is induced, ECs start to proliferate and invade the neighboring 
ECM by using proteinases. At the same time, they start to remodel the existing ECM 
by synthesizing new ECM. In healing wounds, ECs produce transitional ECM pro-
teins, including fibrinogen and fibronectin, and temporarily deposit them in the 
ECM in order to provide available ligands during vessel growth [38]. Moreover, 
ECs also produce such matricellular proteins as tenascin C and SPARC in the ECM 
to mediate angiogenesis [38]. Clearly, the new ECM synthesis of cells is crucial for 
angiogenesis, and hypoxia, through HIF1α, has been shown to regulate the expres-
sions of many different types of ECM proteins [167]. For example, many in vivo 
and in vitro studies have shown that hypoxia enhanced the synthesis of collagen, the 
most abundant protein in mammalian tissues [22, 103, 217].

Moreover, proliferation of the cells during angiogenesis/vasculogenesis in 3D 
scaffolds is regulated by basic fibroblast growth factor (bFGF) and VEGF, which are 
known to be hypoxia-dependent proteins [177]. In most studies of the vasculariza-
tion of 3D scaffolds, both GFs are broadly used as soluble factors that supplement 
cell growth medium to induce proliferation and migration [127, 193]. In addition, 
Shen et al. demonstrated that immobilization of VEGF into a 3D collagen scaffold 
promotes EC viability, proliferation, and vascularization [198]. VEGF has been 
shown to promote blood vessel formation, not only by inducing cellular prolifera-
tion and migration but also by directly regulating elongation and capillary network-
ing in 3D ECM constructs deprived of O2 and nutrients [93]. Helminger et al. used 
a sandwich system to seed HUVECs inside a collagen gel [93]. The transfer of O2 
and nutrients was accomplished with only simple diffusion through the edges of the 
collagen, so that O2 and nutrient levels decreased toward the center. They found that, 
in a short time period (about nine hours), VEGF intensity increased in the interior 
regions deprived of O2, which correlates well with cell elongation and branching. 
VEGF promoted capillary networking independently of proliferation, highlighting 
the role of autocrine VEGF in the reorganization of vascular networks in hypoxic 
regions of solid tumors. Another study focusing on quantitative measurements of O2 
gradients in 3D collagen also showed that increased VEGF concentrations corre-
lated well to decreasing O2 levels throughout the 3D constructs during a ten day 
period of cultivation [36].

A few studies considering the induction of angiogenesis by hypoxia in 3D scaf-
folds have emphasized that lowering the O2 tension in 3D gels improved cellular 
branching and tube formation of ECs [170, 177]. As made abundantly clear through-
out this chapter, both O2 and matrix mechanics act as potent upstream regulators of 
a variety of signaling pathways that contribute significantly to the regulation of 
vascular differentiation as well as morphogenesis. To better understand these 
processes, engineers and biologists together have built an impressive library of 
materials and assays to examine an array of signaling cascades guiding the forma-
tion of blood vessels. There are several interesting platforms that can be used to 
study the effect of hypoxia and O2 gradients on cellular function, including hydro-
gels (Fig. 4.6) [143, 144, 173, 187] and microfabrication or microfluidic devices [2, 
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3, 6, 37, 74, 169]. Stiffness gradients can also be controlled to study ranges of 
viscoelasticity and their effect on cell fate, migration, and other parameters [84]. 
Finally, O2 and matrix mechanics can be independently controlled in the same sys-
tem using gelatin- and dextran-based hydrogels. These polymers can be both enzy-
matically cross-linked by an O2-consuming reaction to create hypoxic conditions 
and cross-linked by a secondary non-O2-consuming reaction, to create a stiffer 
microenvironment without appreciably affecting microenvironmental O2 [25].

A growing body of publications have both investigated the influence of the ECM 
composition on angiogenesis/vasculogenesis and suggested the crucial roles of 
hypoxia in blood vessel formation. In addition, the evidence discussed above is suf-
ficient to suggest that the ECM composition and O2 tension are coupled factors that 
need to be taken into account concurrently when developing and repairing vascular 
tissues in 3D microenvironments.

Fig. 4.6  O2 controllable hydrogels can be used to study the effects of hypoxic gradients both 
in vitro and in vivo. (a) Synthesis of Gtn–FA, which can form a hydrogel network via a laccase-
mediated cross-linking reaction with O2 consumption. (b) The Gtn–FA precursor solution can be 
mixed with either cells or tissues to provide artificial hypoxic microenvironments with O2 gradi-
ents (see inserted computer simulation of O2 tension and gradients). The precursor solution can 
also be directly injected into the animal as a hypoxia-inducible acellular matrix that induces tem-
poral hypoxia and an O2 gradient in the body (see inserted computer simulation of oxygen tension 
and gradients). Reproduced and re-formatted with permission [144]
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4.3  �Future Directions

Understanding the simultaneous effects of the ECM and O2 tension on the processes 
of angiogenesis/vasculogenesis will enable researchers to control these two factors 
and thereby manipulate cellular responses in desired directions. Recent develop-
ments in many different fields of research, such as smart biomaterials and microflu-
idics, have made it possible to design and construct novel in vitro microenvironments 
for cells. Smart biomaterials have been developed that can dynamically respond to 
external stimuli, such as light [79], pH [174], temperature [216], and cytokines 
[124]; these materials can truly mimic the complexity of a native ECM environ-
ment. The ability to control the physical and chemical properties of the gels at dif-
ferent spaces and times will provide better control over different stages of 
angiogenesis. Light-sensitive hydrogels can be used to create biomaterials with dis-
tinct cross-linking densities to promote and inhibit cell spreading and migration 
[121], which in turn can be used to pattern complex vascular networks. Since vas-
cular morphogenesis is sensitive to tissue stiffness [52], orientation [23], and polar-
ity [42, 149], researchers could also induce vascular assembly into a tube by creating 
elasticity, GFs, adhesion peptide, and oxygen gradients along the 3D scaffold [144, 
151, 228]. The development of photodegradable hydrogels, as well as the control of 
cell-mediated degradation in synthetic hydrogels, whose mechanical and chemical 
properties are controllable during the timescale of cellular development [123], has 
enabled control of vascular assembly [89, 90]. On the other hand, creating smart 
biomaterials that can shrink, swell, or degrade in response to oxygen tension would 
also be desirable to prevent the formation of anoxic regions inside the gels. More 
precise temporal control of O2 gradients inside the constructs could also be benefi-
cial to explain various phenomena taking place in the body, such as EPC regenera-
tion in the BM and embryonic development, where the O2 gradient plays a critical 
role in differentiation and migration dynamics.

Figure 4.7 illustrates two proposed approaches for controlling oxygen distribu-
tion and ECM properties. One proposal for regulating O2 gradients inside the gel 
would be to incorporate microfluidic technology [66, 129, 163, 220]. Although this 
approach provides better O2 control over 3D microenvironments, the problem of 
spatial variations in O2 levels throughout the gel, due to the cells’ O2 consumption, 
must still be addressed. Advancements in microfluidic technology could enable spa-
tial O2 control over 3D microenvironments; for instance, the gel could be prepared 
around a microtube, which would supply O2 by flushing growth media containing a 
desired amount of O2 (Fig. 4.7a). Hence, different O2 gradients could be generated 
via the manipulation of O2 concentrations in the outside environment and inside the 
microtube.

Another method for controlling and improving O2 transport in the gel would be to 
microencapsulate O2 carrier liquids, such as perfluorocarbons (PFCs). Due to their 
high capacity to dissolve O2, PFCs have been used as a blood replacement to improve 
O2 delivery to tissues [112, 183]. Based on the high oxygen-carrying capacity of 
PFCs, Radisic et  al. [183] developed a PFC-perfused system to supply sufficient 
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levels of oxygen to 3D cardiomyocyte cultures. A study by Chin et al. [39] made a 
similar attempt, developing hydrogel-PFC composite scaffolds to improve oxygen-
ation throughout the gel. In a similar manner, taking advantage of the high O2 solu-
bility of PFCs, controlled release of O2 in 3D microenvironments could be improved 
via microencapsulation of PFCs (Fig. 4.7b). Polymeric microspheres loaded with O2 
have also been shown to be effective in enhancing cell viability in anoxic microenvi-
ronments [44].

The continued development of novel biomaterial technologies, which enable the 
study of human cells in highly biomimetic settings in vitro, will continue to guide 
discovery of cell behavior and vascular morphogenesis. These powerful systems, 
coupled with continued innovation throughout all areas of biotechnology, including 
gene editing and stem cell technology, have positioned the field of vascular tissue 
engineering in a fascinating arena, where new therapeutic targets and more robust 
vascularized constructs continue to be discovered and translated to the clinic. 
Combining expertise in biology, materials science, engineering, and medicine will 
continue to inform our understanding of the complex cell-cell and cell-matrix 
interactions that drive tissue formation and regeneration.
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Chapter 5
3D Printing Technology for Vascularization

Enoch Yeung, Pooja Yesantharao, Chin Siang Ong, and Narutoshi Hibino

5.1  �Introduction

The paradigm shift from therapeutic to regenerative medicine over the past few 
decades has prompted the advancement of technologies that can be used to treat 
organ failure. Since the first organ transplant surgery in the 1950s, a kidney trans-
plant between identical twins [21], regenerative medicine techniques have been 
used to restore tissue function and repair diseased organs. Within the realm of 
regenerative medicine, “tissue engineering is an interdisciplinary field that applies 
the principles of engineering and the life sciences toward the development of bio-
logical substitutes that restore, maintain, or improve tissue function” (quote from 
[31]). The goal of tissue engineering is to produce constructs with the capacity for 
long-term survival. Thus, ensuring a robust capillary supply to these tissue con-
structs is of paramount importance. However, most tissue-engineered fabrication 
techniques that require manual processing procedures are limited by the inconsis-
tency in the microstructure construction. Due to such limitations in the precise con-
trol of the material behavior and internal structure of the construction, these 
techniques were unable to reach the ultimate goal of fabricating persistently viable 
engineered tissue. However, newer 3D printing technologies allow for precise and 
delicate manipulation of printed materials and the printing trajectory, leading to 
refined printed grafts.

3D engineered constructs enable cell adhesion, growth, and regeneration. Ideally 
speaking, the scaffold, which forms the porous structure of the constructs, starts 
degrading after implantation of the vascular constructs. This allows for the growth 
and proliferation of the printed cells, thereby promoting new tissue formation and 
restoration of tissue function [43]. The microstructure parameters of the printed 
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grafts, including pore dimension and distribution, play an important role in the 
active cell regeneration process in terms of nutrient/oxygen exchange and metabo-
lite waste removal. Furthermore, 3D printed tissue and vascular constructs can be 
tailor-made to patient-specific organ tissue morphologies using various image map-
ping techniques like X-ray, magnetic resonance imaging (MRI), or computed 
tomography (CT) [19]. The extreme precision and delicate cell/biomaterial han-
dling algorithms used in 3D bioprinting allow for microvascular construction with 
native-like cellular signaling.

In this chapter we will discuss different 3D printing approaches, including inkjet, 
extrusion, laser and scaffold-free methods, and their current applications in fabrica-
tion of microvascular network (diameter <1  mm) and vascular graft (diameter 
≥1 mm).

5.2  �Methodology

In each method section, the discussion of the application is divided into microvas-
cular channel creation and vascular graft creation, with tables corresponding to 
each. Table 5.1 is for microvascular channel creation, and Table 5.2 is vascular graft 
creation.

5.2.1  �Inkjet-Based Printing

5.2.1.1  �Principle (Fig. 5.1)

Inkjet printing technology was developed in the 1950s. In 2D printing, materials are 
first loaded as liquids into a nozzled chamber. During printing, the materials are 
pushed out from a syringe-like device, forming a stream of droplets due to Plateau-
Rayleigh instability. The droplets are then charged by an electrode and deflected by 
an electric field to print at a desired position on the substrate. In 3D inkjet printing, 
the same principles are applied. The printing materials, which can include a hydro-
gel scaffold, living cells, or a mixture of both, are precisely deposited as droplets 
[19]. Different types of driving energy technologies have been described, including 
thermal, piezoelectric, and electrostatic modalities. In thermal inkjet systems, rapid 
heat energy provides the driving pressure for the bioink droplets, whereas in piezo-
electric systems, polycrystalline ceramics promote the conversion of electric energy 
to mechanical energy, to allow for particle deposition. The nozzle is critical for 
droplet loading in inkjet systems. However, the shear forces exerted by the nozzle 
on the printed droplets can impact cell viability and the chemical properties of the 
bioink. This necessitated the development of a droplet-on-demand system, 
introduced to minimize such damages, using a micro-valve to precisely deliver the 
bioink [7].
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5.2.1.2  �Application

Microvascular Network Creation (Table 5.1)

Nishiyama et al. printed vascular constructs following the same method described 
above, using a custom inkjet bioprinter with a position detection accuracy of less 
than a few micrometers [39]. This experiment demonstrated a technique for bio-
printing a 3D structure using a laminating method, which involves the sequential 
deposition of materials. They used a viscosity enhancer to consolidate and fortify 
the constructs. The group further investigated the use of such technology to fabri-
cate smaller-scale tubular constructs (200 um in diameter, compared to the original 
1 mm diameter tubes), using a small-sized nozzle head, to downsize the printed 
hydrogel droplets from 40 um to 25 um [40]. These smaller-sized tubular structures 
signified the potential for the use of this technology in vascular tissue engineering.

Cui et  al. used bioink in a modified HP Deskjet 600 thermal printer to print 
microvascular constructs. Human microvascular endothelial cells (HMVECs) in a 
fibrin hydrogel were concurrently deposited into a thrombin substrate [4]. In 
3 weeks, printed microvasculature lined by HMVEC was observed in the scaffold. 
Similarly, Zhao et al. developed a perfusable vascular channel using rat collagen 
type 1, human umbilical vein endothelial cells (HUVECs), and gelatin, to construct 
a vascular network [55]. Mesoscopic fluorescence molecular tomography (MFMT) 
demonstrated that the endothelial cells, which lined in the inner layer of the branch-
ing vascular networks, were evenly distributed and showed signs of migration in the 
luminal surface. Further, this experiment also provided a visualization of fluid flow 

Fig. 5.1  A schematic of inkjet-based bioprinting. Droplets of a cell with bioink are formed from 
the reservoir to be deposited on a collection plate
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in these channels. This printed construct was used to further evaluate the efficacy of 
biofabricating vascular networks.

Multi-scale vascular network fabrication was further demonstrated by Lee et al. 
using a combination of materials including rat collagen type 1, HUVECs, and gela-
tin [32]. This multi-scale vascular network consisted of a single vascular channel 
with smaller-sized, branching vascular sprouts. HUVEC viability was improved 
when the bioink was formulated with higher cell concentrations and when the 
HUVECs were placed in a flow culture after printing, which involved perfusing the 
printed vascular tissue with medium. There was no significant difference in the 
permeability of the unlined and the cell-lined vascular constructs. A larger vascular 
network with a capillary system was constructed by Lee et al. using a similar prin-
ciple [33]. The group created two vascular channels with numerous smaller, branch-
ing, interconnected channels. Fibrin, HUVEC, and normal human lung fibroblast 
(NHIF) were incubated in the spaces between the channels. Two weeks after print-
ing, this study demonstrated the formation of a mature capillary network with 
HUVEC integration into the microvasculature, thus illustrating the potential for 
using 3D printing techniques to construct sophisticated vascular networks on a 
capillary-sized scale.

Vascular Graft Creation (Table 5.2)

Tubular structure fabrication using 3D inkjet printing was first introduced by Kesari 
et  al. in the Boland laboratory [26]. The group used a modified HP697c inkjet 
printer to fabricate cylindrical structures, 2 mm in diameter, using alginate and rat 
smooth muscle cells (SMCs). The SMCs were added in a layer-by-layer manner 
with manual cell suspension, where the SMCs were pipetted into the hydrogel con-
struct during the process of alginate deposition. Printed cell viability and alignment 
were demonstrated using this methodology. Furthermore, the printed vascular con-
structs demonstrated vasoreactive ability when tested using vasoconstriction ago-
nist endothelin-1 (ET-1) solution. This study is a noted milestone in the 3D inkjet 
printing of vascular tissue.

Larger vascular constructs for use in regenerative medicine and organ transplan-
tation have also been investigated. Challenges in printing large-scale constructs 
include ensuring adequate physical support of the large structures, as well as ensur-
ing the long-term viability of the printed cells due to the increased distance over 
which nutrients and metabolites must be transferred within these larger constructs. 
Campos et al. fabricated large vascular constructs (diameter ~5 mm), which were 
immersed in a solution of high-density hydrophobic fluorocarbon, to enhance the 
physical properties of the vascular constructs [11]. Cell growth and the rate of extra-
cellular matrix secretion were both increased in the fluorocarbon solution sub-
mersed constructs. Moreover, the contact angle of the droplet in these constructs 
was shown to be significantly higher, indicating that a higher printing precision and 
resolution were obtained using this technique. Blaeser et  al. used this same 
submersion method to fabricate a cell-laden arterial bifurcated vasculature of 5 mm 
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outer diameter and 3  cm in length [2] (Fig.  5.2). Though necrotic centers were 
observed 7  days after fabrication, the cell viability of the printed construct was 
reported to be higher than 90%. This highlights the feasibility of printing large-scale 
vascular constructs with branching components, a discovery with huge implications 
to address unmet needs in cardiovascular surgery.

5.2.2  �Extrusion-Based Printing (Direct/Indirect)

5.2.2.1  �Principle (Fig. 5.3)

The basic principle of extrusion bioprinting is to extrude bioinks from a reservoir in 
a predetermined manner. The heated printer head extrudes materials in filament 
form to create a three-dimensional structure. The construction of the graft is 
achieved through a layer-by-layer deposition of bioink, followed by a cross-linking 
reaction. It is the most popular 3D printing technique and has been used in numer-
ous tissue regeneration studies, for both hard and soft tissues [12, 45, 49].

The extrusion machine setup includes a driving system (mechanical or pneu-
matic), a dispensing system, and a three-axis robotic platform. Continuous pres-
sure exerted on the bioink delivers a continuous line of printed material. 
Extrusion-based bioprinting techniques, used to fabricate vascular constructs, can 
be divided into direct and indirect methods. In the direct method, the vascular con-
struct is printed directly from the deposition of bioink. The indirect method 
involves the use of sacrificial materials, such as alginate, gelatin, and agarose, to 
build molds for bioink deposition that are removed once the printed vascular 
construct is fabricated [46].

Fig. 5.2  (a) Photograph of the bifurcation model. (b, c) CT images of the vascular construct in full 
and in sectional view (scale bar, 5 mm). Blaeser, A., et al., Biofabrication under fluorocarbon: a 
novel freeform fabrication technique to generate high aspect ratio tissue-engineered constructs. 
Biores Open Access, 2013. 2(5): p. 374-84 [2, 14]
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5.2.2.2  �Application

Microvascular Network Creation (Table 5.1)

Khalil et al. used a pneumatic nozzle system with an aqueous alginate solution and 
rat heart endothelial cells (RHECs), to print a microvascular network [27]. The 
group demonstrated a high live/dead RHEC cell ratio in the printed vascular scaf-
fold, even 14  days after printing. Furthermore, the mechanical properties of the 
printed scaffold were unchanged over 3 weeks post-printing. In order to evaluate the 
capillary system construction, a built-in microchannel system within the vascular 
constructs was developed by Gao et al. [15]. A coaxial nozzle system, with an inner 
flow of calcium chloride and outer flow of alginate solution, was used. These micro-
channels formed the interface between calcium chloride and sodium alginate solu-
tions, where the cross-linkage took place. The group described the creation of 
parallel microchannels alternating in two different sizes of channel, using the addi-
tional ungelled sodium alginate for hollow filament deposition. The ungelled 
sodium alginate was deposited on the outer surface of each individual channel, so as 
to form a parallel network. Then hollow channels, in between the regular channels, 
were created by removal of the ungelled printed alginate. The group also demon-
strated improved cell viability using vascular constructs with microchannels, versus 
those without microchannels, when the sodium alginate scaffolds were co-printed 
with mouse fibroblasts.

The microvascular system was further investigated by Colosi et al. [3] using a 
coaxial nozzle extrusion system to print a microfluidic channel composed of low 

Fig. 5.3  A schematic of the extrusion-based bioprinting. A cell/bioink is forced from a syringe 
reservoir and deposited as a printing trace on the collection plate
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viscosity bioink, to allow for cell migration within the vascular construct [3]. This 
study used GelMA (gelatin methacrylate) and alginate bioinks laden with HUVECs. 
GelMA is a collagen in the photopolymerizable methacrylate (MA) family, which 
is cross-linked after printing using UV radiation. HUVEC growth and alignment in 
the vascular channel was successfully demonstrated. The group reported synchro-
nous beating of cardiomyocytes, after secondary seeding of cardiomyocytes into the 
constructs, thereby demonstrating the potential for use of the construct as a platform 
for further tissue engineering applications.

Jia et al. demonstrated the ability to print various shapes and sizes (inner diam-
eter 400–1000 um) of perfusable vascular network structures [24]. The group used 
a coaxial nozzle system to print bioink composed of gelatin methacryloyl (GelMA), 
poly(ethylene glycol)-tetra-acrylate (PEGTA), and sodium alginate. PEGTA is a 
branched, tetravalent chemical structure derivative of poly(ethylene glycol) (PEG). 
In this study, the PETGA increased the physical strength of the construct by increas-
ing cross-links with GelMA. The encapsulation of HUVECs and human mesenchy-
mal stem cells (hMSCs) into the bioink was used to evaluate the cytocompatibility 
of this printing methodology. Surface modification with ethylenediaminetetraacetic 
acid (EDTA) solution was done after bioprinting, to enhance cell migration and 
proliferation. The group reported optimal cell density as well as highly organized 
cell migration patterns. This study was significant in that it demonstrated the capac-
ity to print well-organized vascular networks that could be adequately perfused. 
Zhang et al. evaluated the cardiac tissue remodeling by seeding cardiomyocytes into 
the organized vascular scaffold [54]. The group used HUVEC-encapsulated bioink 
to print vascular tissue scaffolds, which were then seeded with neonatal rat cardio-
myocytes, to create an endothelialized microvascular structure. Bioink composed of 
GelMA, alginate, and endothelial cells was used to construct the microfibrous scaf-
fold. Cardiomyocytes were then seeded into the interstitial spaces, in the multiple 
layers of the highly organized vascular network. The mechanical properties of these 
constructs were affected by the distance between layers of the scaffold. The degree 
of HUVEC dispersion within the scaffold resembled the pattern of native blood ves-
sels. Synchronous beating of cardiomyocytes in the endothelialized microenviron-
ment was noted within 3 days, after seeding. Perfusion of the construct under a 
bioreactor improved the viability of cardiomyocytes. The team also explored the 
endothelialized myocardial model in response to doxorubicin, a common oncologi-
cal drug. The HUVECs and cardiomyocytes showed a dose-dependent response to 
the drug, demonstrating the potential utility of the printed vascular construct for 
pharmacologic testing.

Indirect extrusion 3D bioprinting techniques have allowed researchers to create 
complicated networks of materials in predetermined geometries, by manipulating 
the design of the sacrificial materials. Microvasculature networks with small caliber 
diameters have been developed and investigated by several research groups. Wu 
et al. used aqueous Pluronic F127, a copolymer with two hydrophilic poly(ethylene 
oxide) (PEO) parts and one hydrophobic poly(propylene oxide) (PPO), in a PEO-
PPO-PEO arrangement, acting as the sacrificial material in a hydrogel matrix to 
construct various sized vascular channels [51]. They examined the mechanical 
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properties of the printed structures in vitro. Similarly, Kolesky et al. described the 
use of Pluronic F127 and GelMA laden with human neonatal dermal fibroblasts 
(HNDFs), to print vascular networks [28]. In that experiment, the microvascular 
channel was formed similar to the strategy employed by  Wu et al. [51]. After the 
evacuation of Pluronic F127, the GelMA was photopolymerized before HUVECs 
were seeded into the channels. The group showed high cell viability of HNDFs and 
HUVECs, 1 week after printing.

Kolesky et  al. described the use of “vascular ink,” which contained Pluronic 
F127 and thrombin mixtures, and “cell ink,” which contained fibrinogen and gelatin 
mixtures, in the construction of a thick vascular network (>10 mm) [29]. The group 
demonstrated the perfusability of the vascular constructs in a complex microenvi-
ronment. The vascular channels, which were lined by HUVECs, were incorporated 
into a human mesenchymal cell (hMSC) printed network. After 6 weeks, the group 
described the osteogenic differentiation of the hMSCs. This experiment demon-
strated the development of thick vascular network using 3D printing technology.

Vascular Graft Creation (Table 5.2)

Various fabrication technologies have been investigated, to improve oxygen and 
nutrients delivery in printed vascular grafts. Wang et al. developed a novel bioink 
delivery system to fabricate vascular tissue (diameter 3–5 mm) with a strong outer 
layer coated with synthetic polymer, to provide mechanical protection for the inner 
core [52]. The inner core was coated with a cell-laden hydrogel, to provide an orga-
nized microenvironment that would support cellular metabolism. In the experiment, 
a double nozzle system was used to deposit the polyurethane and adipose-derived 
stem cell (ADSC) bioink. The thickness of the outer layer had a huge impact on the 
geometry of the construct, the formation of the interface between the two layers, 
and the viability of the printed cells. This study optimized these parameters to create 
robust vascular constructs and drew attention to the evaluation of perfusion ability 
of printed vascular channels.

Besides the in vitro vascular graft engineering studies described here, a preclini-
cal study was conducted by Fukunishi et al. [14]. The group performed a thoracic 
inferior vena cava (IVC) interposition graft implantation surgery in vivo, using a 3D 
printed graft composed of polyglycolic acid (PGA) and poly(L-lactide-co-ε-
caprolactone) (PLCL) scaffolds. The study involved a 6-month follow-up period. 
No significant difference in mechanical properties was noted between the tissue-
engineered vascular graft and the native IVC.  The extracellular content of the 
TEVG, examined at 6-month time points, demonstrated that elastic and collagen 
levels were comparable to native IVC. This study validated the feasibility of 3D 
printing patient-specific vascular constructs to treat vascular disease. Further animal 
studies are warranted for the development of clinically relevant and patient-specific 
3D printed vascular constructs.

E. Yeung et al.



131

5.2.3  �Laser-Based 3D Printing

5.2.3.1  �Principle (Fig. 5.4)

Laser-based 3D printing can be divided into two main approaches: laser-guided 
direct writing (LGDW) and laser-induced forward transfer (LIFT) [44]. Laser 3D 
printing technologies involve the use of a high-powered pulsatile laser source; a 
“print ribbon,” which is a sacrificial layer consisting of laser-absorbing biocompat-
ible materials; the bioink; and a receiving substrate.

In laser 3D bioprinting techniques, the bioink is coated onto a print ribbon. 
Pulses of laser energy are used to print the cells, by volatilizing the bioink on the 
print ribbon and transferring the cells from the ribbon to the receiving substrate 
[22]. The advantages of this printing modality include high post-printing cell viabil-
ity, compatibility with a wide range of bioinks, and printing precision at the cellular 
level [34]. However, the laser 3D printing setup is more expensive and requires 
more sophisticated machinery than other printing modalities.

5.2.3.2  �Applications

Microvascular Network Creation (Table 5.1)

Guillotin et al. investigated the feasibility of using laser bioprinting to print high-
resolution cellular structures, using the rabbit carcinoma cell line B16 and HUVECs 
[18]. They demonstrated the successful use of laser-induced forward transfer 
(LIFT), for high-resolution cell printing with excellent precision in controlling 

Fig. 5.4  A schematic of laser-based bioprinting. A pressure bubble generated by the laser pulse 
pushes the cell/bioink onto the collector slide
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spatial arrangements of the printed cells. They also reported a high viability in the 
printed HUVECs containing microchannels. Using similar laser bioprinting tech-
niques, Wu et al. developed a branched vascular microenvironment (~50–100 um 
in caliber) with HUVECs and human umbilical vein smooth muscle cells 
(HUVSMCs) [50]. The group first printed a structure with HUVECs, which was 
incubated for a day before the scaffold was removed. HUVSMCs were then printed 
on top of this structure, creating a combined microvasculature environment. In this 
study, the development of self-formed network lumens was dependent on the laser-
printed lumen, demonstrating the potential for using 3D laser bioprinting to make 
a stable vasculature network. Though the exact ratio of HUVECs and HUVSMCs 
was not quantified, proliferation and differentiation patterns in the vascular con-
struct demonstrated that there was high printed cell viability and robust cell-cell 
interactions.

More recently, a microscale capillary-like vascular network was developed by 
Zhu et al. using LGDW printing with a bioink composed of HUVECs and mouse 
fibroblasts encapsulated in GelMA and GM-HA [56]. Cell viability of the printed 
vascular tissues was over 85%, and pericyte phenotype induction by the mouse 
fibroblasts facilitated endothelial network formation by the HUVECs. To investi-
gate endothelial network formation in vivo and anastomosis formation with the host 
vessels, the vascularized capillary network was implanted subcutaneously into a 
mouse model. The capillary network was observed to be dense 2 weeks after the 
surgery, and successful anastomoses between the printed vascular network and the 
host vasculature were demonstrated. This study demonstrated the potential for com-
plex vascular biofabrication using laser 3D printing technology.

Vascular Graft Creation (Table 5.2)

3D laser bioprinting has also been used to fabricate larger-caliber vascular tissues. 
For instance, Baudis et al. used digital light photopolymerization (DLP) techniques 
to construct large-scale vascular tissue [1]. They developed a bioink formulation 
composed of photoelastomers made from cross-linked monoacrylate (MA) and 
dicarylate (DA), dithiol-based chain transfer agent (CTA), and a reactive diluent, 
designed to optimize the mechanical properties and geometry of the printed vascu-
lar constructs. The printed vessels were demonstrated to have mechanical properties 
comparable to native blood vessels. The DLP technique, which involved irradiation 
of a photosensitive resin, allowed for fabrication of vascular constructs with very 
precise dimensions (~1 mm in caliber). The photosensitive resin enabled the forma-
tion of a reversible crosslink in the printed tissue. These cross-links conferred 
mechanical properties that mimic those of the native porcine coronary artery, in 
terms of suture tear resistance, tensile strength, and fracture strain.

The use of photosensitive resin was further investigated by Wolfdietrich Meyer 
et  al. for the fabrication of bifurcated large-diameter, native-like tubular systems 
(diameter ~2 mm) [36]. The study employed a series of photosensitive oligomer-
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polytetrahydrofuran-diacrylate (PTHF-DA) groups with different end groups—with 
two laser printing technologies, stereolithography processing (SL) and multiphoton 
polymerization (MMP). The polymeric coil structure of the PTHF-DA was thought 
to contribute to the physical properties of the printed construct (including melting 
and crystallization points) as well as to the branched shape of the final construct. 
The team further tested the structure for the shape memory effect (SME). The fab-
ricated polymer, which was reshaped by several winding springs, showed an excel-
lent SME by returning to its original shape. This property has important implications 
in the application of printed vascular tissue to clinical settings.

Laser bioprinted large-scale vessels were also investigated in vivo. Melchiorri 
et al. implanted laser-printed vascular grafts in mice [35]. The group used biode-
gradable poly(propylene fumarate) (PPF) to fabricate vasculature with DLP tech-
nology. The mechanical properties of the printed grafts were evaluated prior to the 
implantation surgery. At the 6-month follow-up period, the patency of the graft 
in vivo was 100%, and the degradation of the graft mass was noted. However, main-
taining structural and mechanical support for the tissue construct has yet been met 
due to the demand of adequate neotissue formation. Vascular remodeling in the 
interface between the grafted and native vessels was observed, and neovessel forma-
tion was mainly noted on the inner surface of the lumens. This experiment provided 
an insight into the application of laser-printed vascular constructs and the potential 
for vascular remodeling in vivo.

5.2.4  �Scaffold-Free 3D Printing

5.2.4.1  �Principle

Scaffolds have traditionally been used as supportive infrastructures for 3D printed tis-
sues. Though scaffold-based 3D printing modalities have been successfully used to 
print native-like tissue constructs, the scaffolds themselves pose concerns. These 
include biocompatibility, immunogenicity, degradation rate, cytotoxicity of the degra-
dation products, and altered properties of printed tissues due to residual polymers [6]. 
Neotissue formation requires the microenvironment to provide sufficient physical sup-
port and nutritional supply to allow for continuous cell growth and uninterrupted cell-
cell signal transduction, all of which are impacted by the presence of scaffolding. Given 
the limitations of scaffold-based printing technologies, scaffold-free 3D printing tech-
niques have been developed. These methods use cell-only bioink to increase the con-
centration of printed cells. Inkjet (or droplet-based) and extrusion-based 3D printing 
approaches have all been used with cell-only bioink to fabricate scaffold-free con-
structs. Cell-free bioink can be formulated in two ways—as either a cell pellet or as cell 
aggregates. In scaffold-free bioprinting, the cellular bioink is printed in a supporting 
cast, in which the maturation of the tissue structure takes place [7, 42].
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5.2.4.2  �Application

Microvascular Network Creation (Table 5.1)

Norotte et al. described a novel technique in fabricating small-diameter multilayer 
tubular vascular grafts (diameter ~900 um) using HUVSMCs, human skin fibro-
blasts (HSFs), and porcine aortic smooth muscle cells (PASMCs) [41]. The team 
employed scaffold-free 3D printing technology to produce a cylindrical agarose 
support mold. Spheroids prepared from the co-culture of mixed cells were printed 
into the mold to allow fusion and maturation of the tissue. The team was also able 
to print a double-layer vascular tubular structure using the same technique. However, 
it was noted that tissues printed using these techniques matured faster and had sub-
optimal porous geometries.

Vascular Graft Creation (Table 5.2)

Kelm et  al. first attempted a two-step scaffold-free fabrication process to create 
vascular tissue [25]. The first step of this process involved microtissue fabrication 
using human myofibroblasts (HMFs), pig articular chondrocytes (PACs), and 
human articular chondrocytes (HACs). The second step involved the amalgamation 
of mouse myoblasts and HUVECs, in a cylindrical agarose cast, to produce a micro-
tissue tubular structure (diameter ~3 mm). The microtissue was then implanted in 
the chorioallantoic membrane (CAM) of a chicken embryo for evaluation of vascu-
larization potential in vivo. The printed tissues demonstrated successful angiogenic 
potential in vivo.

Tan et al. printed a larger vascular construct model (~5 mm diameter) using a 
scaffold-free approach and evaluated the cell-cell interaction between living cells in 
the construct [48]. The team used a robotic microdroplet system, to construct a 
hydrogel mold into which spheroids created from co-culture of human aortic smooth 
muscle cells (hSMCs) and human umbilical vein endothelial cells (HUVECs) were 
printed. They found that collagen type 1, which was extensively secreted from the 
printed cells, was essential to spheroid adhesion and maturation of the vascular 
construct.

Xu et  al. investigated the fabrication of different shapes of tubular structures 
[53]. The group created zigzag 2–3 mm caliber tubular structures using a scaffold-
free bioink containing mouse fibroblasts. The fabrication process, which involved 
inkjet 3D printing technology with alternating speeds of the print head, made use of 
the overhang of each sequential layer of bioink (a distance about 20 um) to create a 
slightly curved shape in the printed tube. The printed constructs had high cell viabil-
ity of over 80%. This study demonstrated the capacity of 3D printing to fabricate 
vascular constructs with complex geometries that better mimic native human 
vasculature.

Taking the fabrication of scaffold-free vascular constructs a step further, 
Kucukgul et al. proposed a method for patient-specific scaffold-free 3D printing of 
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macrovascular tissue in a porcine abdominal aortic model [30]. The team optimized 
their 3D printing algorithm to consider the precise geometries of the aorta. A tubular 
construct was printed, in a self-support model with mouse embryonic fibroblasts 
(MEFs), using this proposed algorithm.

More recently, Itoh et al. tested a scaffold-free 3D printed vascular graft in vivo, 
using an aortic graft interposition surgery in a rat model [23]. In this study, the vas-
cular graft was printed using HUVECs, human aortic smooth muscle cells 
(HASMCs), and human normal dermal fibroblasts (HNDFBs). The graft underwent 
remodeling in vivo, demonstrating enlargement of the lumen. The biocompatibility 
of the graft was demonstrated by the significantly larger amount of extracellular 
matrix that was secreted in the scaffold-free graft, when compared to a scaffold-
based graft.

5.3  �Discussion

There are various 3D bioprinting modalities, each with particular strengths and 
weaknesses, depending on the type of vascular construct that is desired. Inkjet print-
ing is very cost-effective and provides medium to high resolution of printed con-
structs. However, the cell density of bioinks that can be successfully printed and the 
capacity to construct complex, precise 3D structures are limited due to the droplet-
based technology, despite controlled positioning of the print head improving the 
precision of droplet deposition [22]. Furthermore, even with the development of 
“droplet-on-demand technology”, the nozzle used in inkjet printing may have detri-
mental effects on cell survival due to the thermal and physical stress exerted on the 
bioink [5, 16].

Extrusion-based printing is also cost-effective and provides the versatility of 
using bioinks that consist of cells encapsulated in hydrogel prior to printing. This 
technology produces constructs with good mechanical properties because it allows 
for printing with high viscosity and high cell density materials. Another advantage 
of extrusion printing is the ability to form solid 3D structures using filament form 
deposition of the hydrogel. However, printed cell viability is lower than that of the 
other modalities [37]. Also, the even spacing of cells within the hydrogel cannot be 
guaranteed using this technique, which could compromise the cell-to-cell contact. 
Additionally, the printing resolution of extrusion printing is limited, compared to 
other 3D printing methods [13].

Laser-based 3D printing also allows for printing with high cell density bioink 
and provides excellent resolution due to the nozzle-free approach. However, there 
are disadvantages associated with this technique, including its high cost and long 
printing times. Furthermore, the long-term cytotoxicity effects, from the irradiation 
of the high-power laser, are yet to be determined [17].

The scaffold-free approach to 3D bioprinting also carries the advantage of being 
able to print bioinks with high cell densities and for creating constructs that preserve 
and promote cell-cell interactions. However, the structural integrity and mechanical 

5  3D Printing Technology for Vascularization



136

behavior of the printed vascular constructs still need to be optimized. Another draw-
back of the scaffold-free approach is the difficulty of producing large-scale vascular 
tissues [42].

The biomaterials used in the 3D printing process have a critical impact on the 
quality of the fabricated vascular tissue. Generally speaking, an ideal bioprinting 
material would provide structural integrity with adequate mechanical strength after 
printing, promote engraftment with host tissue while avoiding immunogenicity, and 
facilitate cell proliferation, aggregation, and differentiation. The physical character-
istics of the bioink, such as viscosity, mechanical strength, pore size, etc., must be 
considered when deciding which type of 3D printing technology to employ, given 
the limitations of the various technologies as previously described. Additionally, the 
pore size of the bioink must also be considered, given its impact on extracellular 
matrix deposition, which in turn determines cellular adhesion and organization. 
Cellular organization within the printed hydrogel has a tremendous influence on 
cell-cell signaling and plays a key role in the nutritional transfer critical for cellular 
metabolism. In fact, post-print cell viability is shown to be correlated to pore size by 
Domingos et al. [9]. Lastly, cytocompatibility of the bioink, with the host tissue and 
the immunogenicity of the printed material, must also be considered when evaluat-
ing the long-term success of the printed tissues. Studies investigating the 3D print-
ing of vascular tissue have demonstrated high cell viability, but the degradation rate 
of the 3D printed vascular scaffolds, when engrafted in vivo, indicates that immu-
nogenicity of these constructs must be further evaluated.

Self-assembly of cell aggregates (spheroids) in the scaffold-free printing 
approach has shown great promise and is an important milestone in scaffold-free 3D 
bioprinting. Currently, different approaches to speed up the cellular assembly in 
spheroid formation are under investigation. Additionally, maturogenic factors, 
which are biochemical molecules, are shown to improve the cohesive properties of 
spheroids by Hadju et al. [20]. The use of magnetized bioinks to print physiologi-
cally robust spheroids with enhanced cell-cell communication has also been demon-
strated [10, 43]. Lastly, the lockyball technique has been demonstrated to improve 
the regenerative capacity of scaffold-free vascular tissue constructs, by using a 
microscaffold with hooks, to reduce mechanical stress on printed spheroids [8].

Regarding the application to fabrication of vascular tissue, 3D printing method-
ology has the potential for use in the large-scale production of microvascular net-
works. The highly controllable deposition of bioink during printing allows for the 
production of a wide range of sizes and types of vascular networks. However, there 
is still much research needed in order to print biomimetic vascular tissue constructs 
that are optimized for use in clinical applications.

An emerging application of 3D printing technology in vascular engineering is 
the creation of patient-specific TEVGs. It caters to the patient’s native vascular anat-
omy and potentially allows for more optimized hemodynamics after surgery. This 
would reduce unnecessary power loss and cardiac workload and thereby delay the 
onset of heart failure, especially in young patients with congenital heart disease. 
Advances in imaging techniques and the virtual surgical planning strategy, described 
by Siallagan et al., have also allowed for the construction and precise implantation 
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of patient-specific vascular grafts. Computational analysis has improved not only 
the physical parameters of printed grafts but has also helped in estimating flow 
dynamics of the graft in vivo [47]. Those advancements have been indispensable to 
the clinical application of the 3D printing constructs.

5.4  �Conclusion

This chapter presents several 3D printing methodologies, including inkjet, extru-
sion, laser, and scaffold-free techniques, and their current applications in vascular 
tissue fabrication. The ultimate clinical goal of 3D printing technologies is to 
improve patient outcomes using 3D printed constructs. Despite the breakthroughs 
and progress in 3D bioprinting and vascular tissue engineering, there are still many 
technical and biological limitations that must be overcome. Further optimization 
and innovation are needed in terms of the printing process, tissue regeneration, and 
the biomaterials used. Multidisciplinary research will play a key role in addressing 
these challenges and realizing the translation of 3D printing technology to clinical 
practice.
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Chapter 6
Strategies for Tissue Engineering 
Vascularized Cardiac Patches to Treat 
Myocardial Infarctions

Justin Morrissette-McAlmon, Robert N. Hawthorne, Shawna Snyder, 
and Warren L. Grayson

6.1  �Introduction

Myocardial infarction (MI) affects more than 1.3 million Americans each year [7]. 
MI, caused by thrombotic occlusion of coronary arteries, often results in heart fail-
ure, cardiac rupture, and death due to the limited regenerative capacity of human 
myocardium [127]. A lack of blood flow to the myocardium during MI results in 
necrosis of cardiac myocytes, which leads to the subsequent release of their intra-
cellular contents, activating resident macrophages, and initiating an inflammatory 
cascade [31, 32]. This inflammatory cascade further damages cardiac myocytes and 
leads to destruction of the extracellular matrix (ECM). Recent advances, which 
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include stem cell transplantation, thrombolytic therapy, and stenting of coronary 
arteries, have improved myocardial salvage, but therapies that directly induce regen-
eration of the ventricular wall and improvement in functionality are lacking.

Cardiovascular tissue engineering has the potential to ameliorate the damage 
resulting from the limited endogenous repair mechanisms of the heart following MI 
[45]. Currently, there are no methods that completely repair the damaged myocar-
dium post injury. Tissue engineering approaches aim to regenerate the myocardium 
by mimicking the tissue structure and cell composition. The native makeup of the 
myocardium includes a host of cells that are critical for survival, maturation, and 
repair. These cell types include cardiomyocytes, fibroblasts, endothelial cells, vas-
cular smooth muscle cells, and macrophages [103] (Fig. 6.1). The myocardium is a 
highly metabolic, vascularized tissue characterized by having three endothelial cells 
to every one cardiomyocyte and an intercapillary distance of 15–50 μm [62]. Tissue 
engineering of the myocardium requires the development of adequate intercon-
nected capillary networks that have the ability to anastomose quickly with the host 
vasculature, to maintain cell viability. Engineered pre-vasculature could expedite 
integration of the graft with host tissue and enhance regeneration. Vascular struc-
tures require perivascular cells, for angiogenic growth factor release and stabiliza-
tion. Thus, multiple cell types are required to form functional vasculature as well as 
a syncytium of cardiomyocytes.

Through tissue engineering, there have been several strategies developed to 
enhance cardiac regeneration. These strategies include the injection of cells within 
hydrogels, or preassembly of epicardial patches with cells, natural and synthetic 
materials, and growth factors. Tissue engineering strategies aim to recapitulate key 
structural elements of the myocardium.

Fig. 6.1  Schematic illustrating structure and composition of the native myocardium
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6.2  �Tissue-Engineered Cardiac Patches

Cardiac patches are designed to be placed epicardially where they integrate with the 
healthy tissue surrounding the infarcted region, shunting the electrical signals over 
the scar tissue and contributing to the contractile function of the heart (Fig. 6.2). In 
vivo studies of engineered cardiac patches primarily rely on two types of assess-
ments: functional characterization and tissue-level analysis. Functional studies 
include measurements of cardiovascular output, such as ventricular ejection frac-
tion, and end-systolic and end-diastolic volumes, all of which can be measured in 
living specimens using echocardiography. Also included under the functional 
umbrella is the organ-level electrophysiology of the heart which can be assessed by 
electrocardiogram, in live specimens, and by whole-heart optical mapping postmor-
tem [103]. Tissue-level investigations of in vivo experiments involve assessing cell 
survival and morphology as well as tissue organization. For example, a surgically 
implanted engineered cardiac patch might be assessed for anastomosis of host vas-
culature with engrafted vasculature or for migration of cells between graft and host. 
Histology and immunohistochemistry are crucial tools for these measurements as 
they can be used to differentiate cell types and sources and can help characterize the 
composition and organization of the extracellular matrix.

There are also several in vitro assessments performed on engineered cardiac tis-
sues for which optimization is believed to correspond to improved clinical out-
comes. Electrophysiological measurements are frequently treated as the gold 

Fig. 6.2  Schematic demonstrating the theoretical application of a myocardial patch placed over an 
infarct to aid in restoration of lost contractility
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standard to evaluate engineered cardiac tissues, with conduction velocities and 
action potential shapes seen in mature adult tissues established as ideal. These mea-
surements also allow engineers to evaluate uniformity across the tissue and to gauge 
the maturity of stem cell-derived cardiomyocytes. However, full electrophysiologi-
cal characterization of these tissues requires extensive facilities and expertise, and, 
as a result, much of the literature relies on stimulated contractile force measure-
ments. Sometimes referred to in the literature as “twitch force,” this assessment is 
frequently used as a measure of tissue development. Increased force is believed to 
correlate with improved tissue maturity and clinical outcomes. Cell and tissue-level 
analyses are also frequently performed on engineered tissue in  vitro, as cellular 
morphology and tissue organization are important determinants of tissue function.

6.3  �Cell Sources

Approaches to engineer cardiac grafts employ the combination of multiple cell 
types, typically including cardiomyocytes (electrically excitable cells), endothelial 
cells (vessel development), and fibroblasts/mural cells (vasculature stabilization). 
Each of these phenotypes may be derived from various sources (see Table 6.1).

6.3.1  �Cardiomyocytes

Most commonly, cardiac tissue engineering strategies are studied using neonatal rat 
ventricular cardiomyocytes (NRVCMs). NRVCMs are isolated from newborn (day 
0–3) rat hearts that have been minced and digested with trypsin and collagenase. To 
enrich the cardiomyocyte population, cells are usually plated into flasks and incu-
bated for short periods, to allow for the selective adherence of fibroblasts in order to 
purify the NRVCM population. NRVCMs retain the ability to contract ex  vivo, 
undergo a rapid dedifferentiation-redifferentiation cycle, and can be easily plated 
into monolayers. NRVCMs are widely used to study morphological, electrophysi-
ological, and biochemical characteristics of cardiomyocytes. Despite their advan-
tages, NRVCMs have the main disadvantage of being rodent-derived. 
Electrophysiologically, NRVCMs have little to no plateau phase when cultured 
in vitro. In addition, NRVCMs differ in their excitation-coupling, with a lack of 
T-tubule systems relative to adult myocytes, and their ability to maintain cytosolic 
Ca2+ signaling independent of the sarcoplasmic reticulum calcium release [56]. And 
while the adult rat myocardium has conduction velocities of 69 ± 6 cm/s in the lon-
gitudinal direction and 19 ± 5 cm/s in the transverse direction, there is yet to be a 
report of tissue-engineered grafts achieving these values [92]. These cells are also 
not able to be cultured for extended periods of time, especially in monolayers [26].

While healthy human cardiomyocytes isolated from adult hearts cannot be 
obtained ethically, the use of pluripotent stem cells has provided an avenue to obtain 
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viable human cardiomyocytes. Human embryonic stem cells have been used to dif-
ferentiate stem cells into functional human cardiomyocytes. hESC-CMs have well-
documented electrophysiological properties, contract rhythmically, and are 
responsive to cardiac compounds. Similar to NRVCMs, hESC-CMs can be geneti-
cally manipulated but have the advantage of being maintained in vitro for longer 
periods. These cells can also be engrafted into the human myocardium [98]. While 
these cells are advantageous for studying human cardiomyocytes, there are ethical 
and regulatory concerns related to the accessibility to embryos as well the immune 
response that arises with transplantation [74]. Additionally, hESCs have been shown 
to have genetic instability, and specifically, cardiomyocytes are immature in their 
development. Finally, due to the pluripotent state of the stem cells, they have the 
potential to form teratomas when transplanted in vivo. To rectify these problems, 
recent work has established that purifying the culture and removing undifferentiated 
stem cells should reduce the probability of uncontrolled cell proliferation.

Human-induced pluripotent stem cells (hiPSCs) have similar characteristics to 
hESCs and have the advantage that they can be used autologously. The hiPSC-
derived cardiomyocytes (hiPSC-CMs) circumvent ethical concerns associated with 
hESCs, but there is variability among cell lines derived from different patients. 
While these cell types are capable of spontaneously contracting, their functional and 
structural immaturity needs to be addressed. For example, hiPSC-CMs are polygo-
nal in shape and mononucleated (while the adult myocytes are larger, rod-like, and 
binucleated), and they exhibit fetal-like sarcomeric organization, ion channel 
expression, force generation, and action potential shape. Sarcomeres in hiPSC-CMs 
are shorter and more disorganized than in the adult myocyte [133]. The hiPSC-CMs 
also have reduced contractile machinery, as compared to the adult myocyte, and 
have not undergone isotype switch to a stiffer form of titin. Similar to neonatal rat 
cardiomyocytes, these cells exhibit immature calcium-handling properties and no 
T-tubule formation [123]. Finally, gap junction proteins are located around the car-
diomyocytes, rather than located at the intercalated disk space in pluripotent stem 
cells, which yields slower conduction velocities compared to the native human adult 
heart [133]. In spite of these limitations, hiPSC-derived cardiomyocytes (hiPSC-
CMs) are a suitable cell source for drug screens and disease modeling, based on 
their electrophysiological characteristics.

6.3.2  �Endothelial Cells

Several sources of endothelial cells have been used for vessel development. These 
include human umbilical vein endothelial cells (HUVECs), endothelial colony-
forming cells (ECFCs) (also termed blood outgrowth endothelial cells (BOECs) or 
endothelial progenitor cells (EPCs)), human embryonic stem cell-derived endothe-
lial cells (hESC-ECs), and human-induced pluripotent stem cell-derived endothelial 
cells (hiPSC-ECs). HUVECs display a mature phenotype and have been shown to 
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develop cord-like structures in monolayers and vascularized lumens in 3D microen-
vironments that can anastomose with host vasculature in vivo.

ECFCs are critical in wound healing/ischemic environments and are found circu-
lating in peripheral blood. These endothelial progenitor cells are advantageous for 
patient-specific therapies and have the ability to mature and anastomose with host 
vasculature. While patient-specific, these cells are in limited supply circulating in 
the peripheral blood, they are initially slow growing, and it takes many passages to 
acquire enough cells to perform experiments or use for therapies.

More recently, hESC-EC and hiPSC-EC have been used to make vascular struc-
tures in  vitro and can anastomose with host vasculature in  vivo. hESC-ECs and 
hiPSC-ECs have the ability to make lumens in 3D cultures (i.e., hydrogels) and are 
responsive to vascular endothelial growth factor (VEGF) and basic fibroblast growth 
factor (bFGF) signaling [58, 59]. While phenotypically similar to both mature and 
immature endothelial cells, some studies indicate that though hESC-ECs and 
hiPSC-ECs may be less responsive to shear stress [135], they retain the ability to be 
differentiated into arterial and venous endothelial cells [139].

6.3.3  �Fibroblast(-Like) Cells

Developing stable, perfusable vascular networks that can anastomose with host vas-
culature, to deliver nutrients, increases the capacity to enhance the viability of engi-
neered grafts. Vascular stabilization occurs through the activity of mural cells, i.e., 
pericytes or smooth muscle cells. Several mesenchymal phenotypes (characterized 
as being positive for surface markers CD73, CD90, and CD105) have been used to 
perform this function [3]. In particular, fibroblasts from the skin, lung, and bladder 
have been widely used, though their perivascular characteristics vary with the ana-
tomical site of isolation. Dermal fibroblasts are the most translatable due to the ease 
of obtaining them from the skin and their potential to rapidly proliferate and to 
express limited perivascular potential. Chen et al. demonstrated vessel development 
using normal human lung fibroblasts in co-culture with HUVECs or EPCs. Vessel 
development was monitored over 7 days, in the presence of low (0.2 million cells/
mL) or high (two million cells/mL) concentrations of fibroblasts. The higher con-
centration of normal lung fibroblasts co-cultured with HUVECs or EPCs resulted in 
longer vessels, compared to the lower concentration of fibroblasts [15]. Costa-
Almeida et al. compared the vessel development of human dermal fibroblasts cou-
pled with HUVECs or blood outgrowth endothelial cells (BOECs). Studies were 
completed at 2:1 ratio of EC-FB. Cells were co-cultured for up to 21 days. By day 
21, the co-culture of BOECs and NHDF resulted in ~32 capillary-like structures/
mm2, while HUVEC and NHDF co-cultures developed ~30 capillary-like struc-
tures/mm2. The average length of the capillary-like structures decreased from day 
14 to day 21 in both groups [21].

Cardiac fibroblasts are specifically derived from the myocardium through biopsy. 
This, however, causes damage to the myocardium. Cardiac fibroblasts contribute to 
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the myocardial structure and can potentially aid in signal transduction between car-
diomyocytes. They can be found in the wound healing environment post injury and 
provide paracrine signaling [88, 91]. Cardiac fibroblasts have perivascular potential 
and serve as a suitable source of cardiomyocyte co-culture. Twardowski et  al. 
focused on the role of vascular development with cardiac fibroblasts coupled with 
endothelial cells. The study specifically looked at using rat aortic endothelial cells 
(rAEC) coupled with neonatal cardiac fibroblasts (nCF) in fibrin hydrogels. As a 
positive control for pericyte-like cells, rat bone marrow-derived mesenchymal stem 
cells (BM-MSCs) were used to compare vessel assembly. Seeding support cells and 
endothelial cells at 1:1 ratio, this study demonstrated that nCF-rAEC developed 
longer sprouting networks compared to when endothelial cells were co-cultured 
with BM-MSCs [120].

As indicated above, BM-MSCs can potentially serve as pericyte-like cells/mural 
cells and stabilize vascular structures. While these cells have many potential bene-
fits, there is high morbidity associated with their extraction, and cell yields are rela-
tively low. In contrast, adipose-derived stem/stromal cells (ASCs) can be procured 
in high numbers from a minimally invasive liposuction procedure. In addition to 
acting as mural cells, ASCs secrete an abundance of proangiogenic growth factors. 
ASCs are also capable of modulating inflammatory responses, reducing apoptosis, 
preventing fibrosis, and stimulating endogenous repair and neovascularization and 
can withstand temporary ischemia [49, 90, 124]. ASCs have also been shown to 
electrically couple with neonatal rat cardiomyocytes by forming gap junctions, 
which would indicate that these cells have the potential to behave as cardiac fibro-
blasts [18]. There are no studies to date that demonstrate the potential of hASCs to 
behave as both cardiac fibroblasts and perivascular cells, within the same cultures.

Merfeld-Clauss et al. have monitored vessel assembly of hASCs coupled with 
cord-blood endothelial colony-forming cells (cbECFCs). In the monolayer culture, 
there was dense vessel network assembly which appeared to regress over time. 
When cbECFCs were cultured with coronary artery smooth muscle cells (SMCs), 
aortic SMCs, normal human dermal fibroblasts, or human ASCs, the hASCs had 
statistically higher tube lengths [76]. In a 2015 report, this group reported that 
Activin A expression directed hASC differentiation down the smooth muscle lin-
eage, when in direct contact with cbECFCs [77]. Hutton et al. found that heteroge-
neous hASCs contained a small amount of endothelial cells with the ability to 
expand and form vessel networks. These cells, cultured in high-density (20,000 cells/
cm2) monolayer, resulted in the development of CD31+ vessel structures [47]. This 
study was followed up with 3D vascular development in fibrin hydrogels [48]. 
Freiman et  al. developed vessel networks with co-cultures of hASCs or normal 
human dermal fibroblasts and human adipose-derived microvascular endothelial 
cells (HAMECs) or HUVECs. It was found that the co-culture of hASCs and 
HAMECs resulted in the greatest increase in vessel length by day 7 and maintained 
the vessel length up until day 14 [34].
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6.4  �Multicellular Strategies

Several strategies have been used to develop vascularized contractile grafts that 
recapitulate key characteristics of the native myocardium. A common feature of 
these approaches is the culture of the three essential cell types: (1) contractile, elec-
trically excitable cardiomyocytes; (2) endothelial cells, to self-assemble into vascu-
lar networks; and (3) fibroblasts-like cells, to stabilize cardiac and vascular function 
(see Table  6.2). The first such reported tri-culture system utilized hESC-CMs, 
hESC-ECs, or HUVECs and mouse embryonic fibroblasts (mFBs) combined in a 
cell ratio of 1:1:1 (hCM-mFB-hEC) and seeded into 1:1 mixed poly-L-lactic acid 
(PLLA)/polylactic-glycolic acid (PLGA) scaffolds via Matrigel [13, 63] (Fig. 6.3). 
This study demonstrated that vascular structures were stabilized in the presence of 
fibroblasts and developed increased lumens and vessel density. Without the pres-
ence of fibroblasts, vessel structures were limited in development. In this tri-culture 
system, cardiomyocytes displayed chronotropic responses to compounds like iso-
proterenol and carbamylcholine [13, 63]. While this approach was a landmark in the 
development of vascularized cardiac tissues, there was limited quantitative charac-
terization of cardiomyocyte interconnectivity or electrophysiology.

Fibrin hydrogels have also been used extensively as a scaffold for cardiac grafts 
[101, 117, 134]. Ye et  al. co-cultured cardiomyocytes, smooth muscle cells, and 
endothelial cells, all derived from hiPSCs at a ratio of 1:1:1. These cells were directly 
injected into the infarct or directly injected into a fibrin hydrogel loaded with insu-
lin-like growth factor (IGF). Groups that were tested included direct cell injection, 
fibrin patch only, and hEC plus hSMC encapsulated within the fibrin hydrogel. After 
4 weeks of in vivo implantation, the cardiac patch resulted in increased ejection frac-
tion which was near that of the sham rat. In addition, the injection of all three cell 
types into fibrin hydrogels resulted in the smallest infarct size compared to MI with 
no treatment and patch only groups after 4 weeks. The tri-culture group injected into 
the fibrin hydrogel had the greatest thickening fraction comparable to that of the 
sham. In this study, cells were not cultivated in hydrogels before injection; therefore, 
characterization of the cardiomyocyte contractility or vessel development was not 
completed in  vitro before implantation. Schaefer et  al. co-cultured hiPSC-CMs, 
human pericytes, and human blood outgrowth endothelial cells (BOEC). In this 
study, the presence of vasculature structures improved the force of contraction over 
time and increased the presence of the mature form of cardiac troponin (cTnI) com-
pared to the immature form (ssTnI) normally observed in immature tissues. There 
was nearly 1 mN of force generated in these constructs by day 14. When the patch 
was implanted in vivo, the vasculature anastomosed with the host vasculature and 
also integrated with cardiomyocytes. There were nearly 150 vessels/mm2 in the tri-
culture system. One limitation of these approaches is that hydrogel systems are iso-
tropic, with cells growing in several directions. The native myocardium is anisotropic. 
In addition, hydrogels do not allow for the highest level of homotypic cell-cell con-
nections among cardiomyocytes, when multiple cell types are encapsulated.

Scaffold and hydrogel studies typically require all cells to be seeded simultane-
ously. Subsequent studies demonstrate advantages associated with a sequential 
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seeding strategy, whereby cardiomyocytes are cultured for a period of time before 
supporting cells were added (Fig.  6.3). In one such study, cells were seeded onto 
micropatterned polyethylene glycol (PEG) hydrogels coated with Matrigel™, to 
enhance cell attachment and the development of cardiac organoids [50]. NRVCMs 
were seeded with D4T endothelial cells and neonatal cardiac fibroblasts at three dif-
ferent CM-FB-EC ratios (40:13:47; 60:9:31; and 80:4:16). Cells were seeded simul-
taneously or sequentially. In sequential seeding, the cell ratios were maintained, and 
D4T ECs and nCFs were seeded 2 days prior to the addition of cardiomyocytes and 
evaluated for electrophysiological and contractile changes relative to NRVCM-only 
cultures. Simultaneously seeded tri-cultures resulted in increased excitation threshold 
to 6 V/cm, compared to ~3 V/cm in NRVCM-only controls, and decreased maximum 
capture rates from ~4.2 to 3 Hz. Upon sequential seeding however, the conditions 
containing the highest percentage of cardiomyocytes coupled with supporting cell 
types resulted in an excitation threshold closest to the NRVCM-only control of about 
3–4  V/cm, with statistically unchanged maximum capture rates. The data demon-
strated that the greatest presence of CD31/PECAM-1 positively stained cells was 
found in the simultaneously seeded cultures, but electrophysiological and functional 
parameters were sacrificed, relative to the sequentially seeded cultures. Although the 

Fig. 6.3  Strategies for the development of vascularized cardiac tissue grafts for infarct repair

J. Morrissette-McAlmon et al.
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cells were positive for CD31, the development of cord-like structures was not uni-
formly seen throughout the constructs. Recent studies have also investigated the 
impact of using hASCs in lieu of human dermal fibroblasts, together with NRVCMs 
and HUVECs. ASCs have been found to be beneficial in ischemic settings like myo-
cardial infarction. Studies that have injected hASCs into rats and pigs have found 
paracrine secretion of multiple growth factors. Echocardiograms revealed a decrease 
in infarct size, an increase in wall thickness, a decrease in end-systolic and end-dia-
stolic volumes, an increase in left ventricle ejection fraction, and a left ventricle frac-
tional shortening [102]. Therefore, within a monolayer in vitro system, NRVCM-hASC 
and hASC-HUVEC co-cultures were first used to determine the appropriate tri-culture 
ratios. In the tri-culture system, an NRVCM-hASC-HUVEC ratio of 10:2:1 resulted 
in vessel development of 70 mm per 3240 mm2 with an average of 454 junctions. The 
electrophysiological properties were reported as 20 ± 2 cm/s; APD80 and APD30 of 
122 ± 5 ms and 59 ± 4 ms, respectively; and maximum capture rate of 7.4 ± 0.6 Hz 
[82]. From these studies, it could be seen that sequential seeding allowed cardiomyo-
cytes to develop cell-cell connections and allow for improved electrophysiological 
outcomes for cardiomyocytes. Although this allowed for the development of close 
cell-cell connections, the cultures were 2D in nature.

Zhang et al. developed the AngioChip that enabled the formation of 3D tissues 
with spatial and temporal control while seeding different cell populations (Fig. 6.3). 
AngioChips were made from the micropatterned biodegradable elastomer 
poly(octamethylene maleate (anhydride) citrate) (POMaC), and cells were encapsu-
lated into collagen hydrogels. The tri-culture system was developed from NRVCMs 
or hESC-CMs, hMSCs, and HUVECs. Uniquely, these devices allowed for the 
development of channels to accommodate medium perfusion and to provide ade-
quate nutrient transfer to cardiomyocytes. After optical mapping the resulting con-
duction velocity was 4.8 cm/s. In this system the channels were coated with vascular 
cells to develop a channel for nutrient perfusion and ideal integration when implanted 
in  vivo. The AngioChip was surgically implanted and demonstrated “artery-to-
artery” anastomosis with host vasculature [138]. Employing similar principles for 
spatial control, Gershlak et  al. developed a decellularized spinach leaf system, 
which served as an attractive biomaterial for cardiac tissue engineering. The native 
venous architecture of the leaves provided intrinsic vasculature networks. The spin-
ach leaf was reseeded with a tri-culture system consisting of hESC-CMs, hMSCs, 
and HUVECs. After 10 days of culture, the tri-culture system resulted in 10% con-
tractile strain. Contractile strength peaked at day 7 and was maintained until day 17. 
After day 17, there was a decrease in contractile strength. The endothelial cells 
(HUVECs) were reseeded, through the cannula, and appeared to line the spinach 
leaf to form vessel like structures within the inherent plant structure [37].

Another promising strategy used cell clusters rather than individual cell suspen-
sions (Fig. 6.3). Stevens et al. developed spheroid/cell cluster tri-culture systems 
which were seeded with hESC-CMs, hDF, and HUVECs. In this system, there was 
increased force of contraction over time, as well as increased force-length relation-
ships in the presence of all three cell types. In addition, these clusters developed a 
similar percentage of contraction in the patches as the control group, up to 3 Hz 

6  Strategies for Tissue Engineering Vascularized Cardiac Patches to Treat Myocardial…
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pacing. The vessel characterization showed increased CD31 staining, compared to 
cardiomyocyte-only control, and anastomosis with host vasculature when implanted 
in vivo [111]. Ong et al. developed a 3D printed tri-culture system in which cells are 
the matrix. This tri-culture consisted of hiPSC-CMs, hCFs, and HUVECs. The elec-
trophysiological properties consisted of ventricular-like action potentials and con-
duction velocity near 4.6 cm/s, which appeared to decrease with increased fibroblast 
percentage. CD31 staining was found in the histology inside the cell cluster, but 
vessel density was not calculated. When the scaffold was implanted in vivo, there 
was nascent vasculature development [85].

6.5  �Biomaterials

Biomaterials are designed to provide structural support, alignment cues, and bioac-
tive signaling to enhance cardiomyocyte function and maximize contractile and 
electrophysiological properties. In addition, incorporation of proangiogenic cues 
facilitates the development of dense vasculature [125]. Biomaterial choices for the 
development of vascularized cardiac grafts range from natural to synthetic biopoly-
mers. For example, PLLA/PLGA (in a 1:1 ratio) has been used to create a sponge-
like, biocompatible scaffold. PLGA has a high degradation rate, while PLLA 
provides mechanical support to the 3D structure [67]. Alternatively, PEG and 
POMaC, which degrades easily through hydrolysis, are the materials to which 
hydrogels containing cells will be cultured [50, 51, 79]. These polymers were coated 
with Matrigel™ or a combination of Matrigel™ and collagen.

Hydrogels are an attractive material because they are generally made from natu-
ral materials and can be modified to tune their properties, encapsulate cells, and 
serve as an adhesive to maintain cells in the desired location. The native myocar-
dium is composed mostly of collagen leading to the hypothesis that collagen gels 
would facilitate a similar extracellular matrix composition. While hydrogels are 
attractive sources for providing a scaffold for development, there are drawbacks. 
These include limited mechanical integrity, reduced flexibility in seeding proce-
dures, and isotropy [42]. Various processing strategies have been employed to mini-
mize these limitations. Despite collagen being a major extracellular matrix protein, 
of the native myocardium, many multicellular approaches utilize fibrin as a scaf-
fold. Fibrin is composed of fibrinogen and cross-linked with thrombin. Fibrin has 
the ability to recruit vasculature because it is proangiogenic [15]. Fibrin is often 
used in cardiac patch systems because it has many attractive features and naturally 
occurs at wound sites [70, 131]. Among fibrin’s benefits are its ability to promote 
angiogenesis, cell survival, and extracellular matrix secretion [117]. This matrix 
secretion, in combination with the natural strain stiffening of fibrin, mimics the 
mechanics of the cardiac microenvironment [9, 100]. To provide mechanical integ-
rity and facilitate the development of alignment and tension for cardiomyocyte con-
tractility, researchers have developed casting methods like posts for fibrin hydrogels 
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[96, 116, 128]. Recently, fibrin was electrospun into microfibers. Electrospun 
microfibers offer the added advantage of tunable mechanical properties and align-
ment cues, which is critical for myocardial tissue [140]. Other groups initiated a 
bilayer scaffold approach, which includes culturing cardiomyocyte gels and vascu-
lar gels both independently and in combination for therapy [101].

Decellularized matrices are also attractive for the development of tissues because 
they utilize nature’s platform. Most recently, the Gaudette group developed vascu-
larized cardiac tissue on a decellularized spinach leaf. The spinach leaf was specifi-
cally used because it possesses an intrinsic network that could be used for the 
development of dense vessel networks alongside contractile cardiomyocytes [37]. 
Other groups have decellularized rat, porcine, and human myocardium and reseeded 
them with cardiomyocytes and endothelial cells [86]. Currently, the drawbacks to 
decellularized matrix are the reseeding efficiency and that the detergents used to 
decellularize can alter the stiffness of the matrix.

6.6  �Biophysical Cues

Cellular behavior is strongly influenced by the properties of the cells’ microenviron-
ment. Hence, tissue engineering strategies aim to tightly regulate the biochemical, 
mechanical, and electrical cues experienced by cells, to influence cell- and tissue-
level behaviors. However, the ideal microenvironment for cardiac development is 
not necessarily conducive to angiogenesis and vice versa. This discord presents a 
challenge in the engineering of tissues with both mature cardiac function and func-
tional vasculature and necessitates a firm understanding of how environmental 
factors contribute to each process.

6.6.1  �Biochemical Cues

Embryological studies have proven that cardiac development relies heavily on the 
biochemical makeup of its surroundings, as small variations in localization, timing, 
or concentration of certain signaling molecules can result in hugely consequential 
cardiac defects. The earliest stage of cardiogenesis, the formation of cardiac pro-
genitor cells, relies on nodal, a cytokine in the TGF-β family [11]. Wnt/β-catenin 
and bone morphogenic protein (BMP) signaling also play critical roles in early dif-
ferentiation by facilitating the proliferation of cardiac progenitors, although evi-
dence suggests that both factors can exert an inhibitory effect on terminal cardiac 
differentiation [60, 61, 83, 137]. These embryological revelations have yielded a 
variety of approaches to promote myocardial differentiation in pluripotent cells, the 
most efficient of which rely on modulating Wnt, BMP, and fibroblast growth factor 
(FGF) signaling, with small molecule regimens [68]. In a widely cited report, 
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Burridge and colleagues found that L-ascorbic acid 2-phosphate and recombinant 
human albumin, along with transient exposure to CHIR99021 (a glycogen synthase 
kinase 3 inhibitor) and IWR-1 (an inhibitor of Wnt/β-catenin signaling), are suffi-
cient to induce cardiac differentiation in 11 hiPSC lines [12].

Dozens of factors have been identified as promoting angiogenesis, enacting their 
effects via a variety of mechanisms. Among the most relevant and researched, in the 
context of vascularized cardiac tissues, are vascular endothelial growth factor (VEGF), 
platelet-derived growth factor subunit B (PDGF-B), and angiopoietin-1 (Ang-1). In 
tri-culture experiments combining hESC-derived cardiomyocytes with endothelial 
cells and fibroblasts, Caspi et al. showed that the tri-cultures developed much more 
significant vasculature and also showed increased expression of VEGF, PDGF-B, and 
Ang-1 [13]. The importance of these factors was further confirmed when Hao and 
colleagues reported increased vascular development, in the infarcted myocardium of 
mice, in response to hydrogel-delivered VEGF-A and PDGF-BB [41]. In addition to 
traditionally recognized proangiogenic factors, some hormones and cytokines with 
unrelated primary functions have been shown to improve vasculature in engineered 
cardiac tissues; specifically, insulin-like growth factor 1 (IGF-1) and stromal cell-
derived factor 1 (SDF-1) in combination with VEGF increased the vascular develop-
ment in an engineered cardiac patch [24]. This effect was at least partially mediated 
by SDF-1’s ability to attract CD34-positive hematopoietic progenitor cells.

The functional mechanisms of cytokines and hormones are often complex and 
influenced by the method of delivery. Alberti and colleagues concluded that these 
effects can drastically alter stem cell fate, by showing that immobilizing leukemia 
inhibitory factor in a gelatin matrix significantly improved its ability to maintain 
pluripotency in hESCs [1]. Similarly striking effects were observed in studies of 
biochemical control of vascularization. Early experiments revealed that heparin-
mediated binding of VEGF to a collagen matrix promoted endothelial cell prolifera-
tion [110] and that immobilizing VEGF promoted penetration of endothelial cells 
into collagen matrices [104]. Chiu and Radisic subsequently demonstrated that 
endothelial cells formed significantly more vasculature on scaffolds with covalently 
immobilized VEGF and Ang-1 than scaffolds treated with soluble factor [16]. In 
that experiment the authors utilized 1-ethyl-3-[3-dimethylaminopropyl]carbodi-
imide hydrochloride (EDC) and N-hydroxysulfosuccinimide (sulfo-NHS) to cova-
lently bind VEGF and Ang-1 to the collagen substrate. Factor immobilization using 
sulfonated alginate matrices has proven a very effective tool for promoting vascula-
ture in complex tissue environments with many cell types, including cardiac tissue. 
FGF presented in this manner produced twice the blood vessel density as soluble 
FGF, when implanted subcutaneously in mice, and matrix-bound hepatocyte growth 
factor (HGF) similarly increased vascular density by nearly twofold, over all con-
trols in mouse hind limb ischemia model [33, 99]. Despite these advances, the util-
ity of presenting pro-cardiac molecules in this manner has not been rigorously 
evaluated. For the most part, experiments using multiple cell types have adminis-
tered these molecules either before they are used in the patch or by including them 
as soluble factors in the media.
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6.6.2  �Effect of Substrate Stiffness, Guidance, and Alignment 
Cues

Of the many characteristics of the extracellular matrix, mechanical stiffness has 
been identified as particularly important to cellular differentiation and behavior. 
The role of matrix stiffness in supporting cardiomyocytes is poorly understood, and 
a wide range of elasticities has been reported as optimal for their culture. In one of 
the earliest studies on this topic, Jacot et  al. reported that NRVCMs grown on 
10 kPa polyacrylamide (PA) displayed improved markers of functional maturity, 
such as contractile force generation and sarcoplasmic calcium stores [53]. Similarly, 
Engler and colleagues found that embryonic cardiomyocytes isolated from rats and 
seeded on collagen-coated polyacrylamide matrices displayed much greater func-
tional maturity on matrices with elastic moduli in the range of normal rat myocar-
dium (~11  kPa), as opposed to stiffer matrices falling in the range of infarcted 
myocardium (~34  kPa) [28]. However, shortly thereafter, it was reported that 
NRVCMs cultured on very soft, 3 kPa PA scaffolds developed more electrophysi-
ologically mature phenotypes but that other measures of functional maturity, such 
as cellular elongation and contractile force generation, were optimized on stiffer 
50 kPa scaffolds [8]. The question of optimal substrate stiffness is further compli-
cated by evidence that cardiomyocytes require different levels of substrate stiffness 
at different stages of differentiation. In 2010, Young and Engler found that a hyal-
uronic acid matrix, engineered to stiffen over time, increased expression of matu-
rity markers in NRVCMs nearly threefold over standard scaffolds [136]. Another 
recent report suggested that CMs derived from iPSCs display improved initial dif-
ferentiation, on protein-coated tissue culture plastic (elastic modulus ~2 GPa), but 
that they developed more mature beating behavior and contractile function on 
20 kPa PA scaffolds [43].

Stiffness is also an important consideration in vascularization, as evidenced by 
experiments showing that angiogenesis in hydrogels seeded with HUVECs is 
strongly affected by the elastic modulus of the hydrogel. In a key report, Sieminski 
and colleagues showed that the softer collagen gels (Young’s modulus  =  6  kPa) 
developed more robust vascular networks than the stiffer gels (10 kPa) they tested 
[107]. This report also suggested that the relative magnitudes of the matrix stiffness, 
and the force of endothelial cell traction, regulate angiogenesis. They found that 
human blood outgrowth endothelial cells (HBOEC), which exert more traction 
force than HUVECs, formed thin, branched vasculature with thick walls in floating 
10 kPa gels, while HUVECs formed vasculature with thin walls and larger lumens. 
However, if the stiffness was decreased to 6 kPa, both cell types formed narrow, 
thick-walled structures, while, if the apparent stiffness was increased by mechani-
cally restraining the gel, both cell types formed thin-walled vasculature with large 
lumens.

Determining the ideal elasticity for vascularization of cardiac tissues is further 
complicated by inconsistencies in the literature. Wide varieties of matrix materials 
have been utilized, but it is very possible that optimal stiffness is different for each 
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material. Also, stiffness is measured and reported differently throughout the litera-
ture, with some authors reporting elastic modulus and others choosing to measure 
storage or complex moduli; these are related but they can be substantively different, 
in the context of viscoelastic materials. Despite these irregularities, it is likely that 
substrates optimized for endothelial proliferation and angiogenesis are much softer 
than those optimized for cardiomyocyte maturation, as the reported stiffnesses of 
angiogenic substrates ranged from under 100 Pa to about 6 kPa [2, 95, 107], while 
cardiomyocyte differentiation and maturation are reported to thrive in matrices with 
elastic moduli in the range of 10–50 kPa and have been shown to be actively sup-
pressed on very soft (1–3 kPa) substrates [43, 71].

6.6.3  �Alignment

Anisotropy and cellular alignment are prominent characteristics of cardiac physiol-
ogy, and the alignment of cardiomyocytes is critical to normal electrophysiological 
and contractile behavior. In comparing cultures of NRVCMs grown on a flat sur-
face with random orientation to cultures grown on a grooved substrate with 
increased alignment, Chung et al. found that the aligned cultures exhibited increased 
conduction velocities [19]. Alignment of 3D NRVCM cultures was also shown to 
increase the stimulated force of contraction [9]. Reproducing this organization has 
been a major goal of the tissue engineering field, and cardiomyocyte alignment is 
frequently used as a measurement of tissue maturity and predictor of functional 
capacity.

This anisotropy is not limited to cardiomyocytes as it is also present in the vas-
culature of native myocardium, where blood vessels are highly aligned in near-
parallel organization [54, 94]. There have been efforts to recapitulate this vessel-level 
alignment to maximize biosimilarity, because, in theory, microvascular alignment 
could improve nutrient delivery and promote the survival of cardiomyocytes in the 
construct. An experiment in which pre-vascularized cardiac patches, formed with 
either randomly oriented or uniaxially aligned vasculature, were grafted onto 
infarcted myocardium in mice showed improved lumenal density and network 
length among the aligned samples in vitro. It also showed that their in vivo effects 
were indistinguishable, as they displayed similar total and perfused luminal densi-
ties, as well as similar improvements in scar tissue formation and functional out-
comes [96]. These results raised questions regarding the importance of vascular 
alignment to the function of engineered cardiac tissues. In another set of experi-
ments, researchers combined separately generated layers of aligned microvessels 
and aligned cardiomyocytes. They found that the combined patch exhibited much 
greater force of contraction in  vivo and significantly reduced scar formation in 
mouse myocardial infarction models. Patches containing CMs only did not [101]. 
Without controlling for a patch with randomly oriented vasculature, the importance 
of alignment is impossible to assess.
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6.6.4  �Electrical and Mechanical Stimulation

Electrical and mechanical stimulation applied in culture can have a significant 
impact on the maturation of CMs and the development of vasculature in tissue-engi-
neered constructs. In the development of engineered cardiac tissues that recapitulate 
the behavior of native myocardium, the ability to control the cellular environment 
and apply external stimuli is very important. Therefore, significant investment has 
been made in developing devices capable of reliably applying electrical and mechan-
ical stimulation to these tissues and investigating optimal stimulation for cardiac 
development and angiogenesis.

6.6.5  �Electrical Stimulation

Electrical forces play a key role in cardiac development, as spontaneous electrical 
activity begins in what will become the sinoatrial node as early as 20 days after 
fertilization [44]. Electrical stimulation has proven a useful tool in cardiac tissue 
engineering. Radisic and colleagues showed that applying electrical pulses at 1 Hz 
to cardiomyocyte-laden hydrogels resulted in improved CM alignment, a 50% 
increase in maximum capture rate, a threefold increase in gap junctions, and a 
fourfold increase in the fractional change in the surface area of the construct 
induced by each beat, suggesting increases in electrical coupling, electromechani-
cal coupling, and force of contraction [93]. It has since been demonstrated that a 
±2.5 V biphasic pulse, applied at 1 Hz, can drive progenitor cells toward cardio-
myocyte lineages. This is evidenced by increases in cell length and alignment, 
along with increased expression of GATA-4, Cx43, and troponin T apparent after 
only 1 day of stimulation [89]. It has also been suggested that “electrical condition-
ing” can help establish automaticity in CMs, since the cultures electrically paced 
for 7 days displayed autonomous beating at the stimulated rate, even after the stim-
ulus has been removed [27].

Electrical activity certainly has some effect on vasculature, as sympathetic ner-
vous signaling is an important regulator of vascular tone. Sub-millisecond, 250 V 
electrical pulses applied at 10 Hz have been shown to cause vascular contraction in 
less than 10  s and reduces blood loss in models of acute traumatic injury [75]. 
However, the effects of electrical stimulation on endothelial cells and angiogenesis 
are more poorly understood. Various kinds of electrical stimulation have been shown 
to increase angiogenesis in a wide array of settings, including diabetic ischemia and 
neural progenitor cell treatment for ischemic stroke [5, 36]. These effects are 
believed to be primarily mediated by upregulation of VEGF in other cell types, as 
opposed to acting directly on endothelial cells [40], though there is some evidence 
that direct current electrical stimulation can upregulate VEGF receptors on endothe-
lial cells, essentially priming them for biochemical stimulation [4, 141].
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Experiments using electrical stimulation to promote angiogenesis generally utilize 
constant electrical fields, as opposed to experiments focusing on cardiomyocyte 
development which usually use regular electrical pulses. Thus far, investigations of 
cardiomyocyte-endothelial cell co-cultures have opted either to forego electrical stim-
ulation or to use periodic electrical stimulation regimens created for CMs, even though 
the effects of periodic electrical stimulation on endothelial cells and angiogenesis are 
largely unknown. More directed investigation would be critical to understanding how 
electrical stimulation of engineered tissues can be optimized, for both CM maturation 
and for vascular development.

In the design of bioreactors with electrical stimulation capabilities, the applica-
tion of field pulses to a 3D culture is relatively easy to adapt from 2D systems. A 
common configuration for such devices involves using two parallel electrodes to 
generate an electric field across a substrate [84, 89, 112, 115]. Tandon and col-
leagues, for example, developed a system that uses carbon rods to induce an electric 
field across a chamber that can support monolayers, three-dimensional cardiac tissue 
constructs, and micropatterned cellular substrates [115]. In subsequent studies, 1 Hz 
stimulation applied using this setup was shown to improve CM elongation and align-
ment, increase conduction velocity, and strengthen the tissue-level force of contrac-
tion [92]. This strategy has proven successful even with more complicated systems 
like the Biowire platform, a cell culture system that utilizes both architectural and 
electrical signaling to generate more mature cardiomyocytes [84]. The system con-
sists of a collagen matrix, embedded with cardiomyocytes and supporting cell types, 
surrounding a single surgical suture, all within a template PDMS channel. This plat-
form has since been expanded to also allow for perfusion of the biowire system dur-
ing culture, facilitating an array of pharmacologic experiments.

6.6.6  �Mechanical Stimulation

Myocardial development depends on a complex series of mechanical forces acting 
in concert to promote cardiomyocyte maturation, organization, and electrophysio-
logical function. Animal studies provide strong evidence for the importance of 
mechanical stimulation, as they show that altering hemodynamic pressure and con-
tractility in the fetal heart had dramatic effects on myocardial function [55, 80, 114]. 
It has since been established that imposing static or cyclic strain onto an engineered 
tissue has the ability to induce cardiomyocyte hypertrophy, promote maturity in 
stem cell-derived CMs, and improve myocardial organization [119, 132]. Cyclic 
strain is now understood as particularly important to CM development. Gwak and 
colleagues showed that applying 10% strain at 1 Hz to rat ESC-CMs upregulated 
cardiomyocyte-specific genes and resulted in a more mature microstructure, with 
Z-line formation and more organized myofibrillar bundles [39]. Another study 
found that the frequency of strain applications might have important differential 
effects on gene expression. Using ESC-CMs, they found that 10% strain applied at 
3  Hz for 3  days resulted in a twofold increase in α-cardiac actin expression, 
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compared to unstretched controls, while 1 Hz and 2 Hz stimulation did not produce 
statistically significant changes [106].

Mechanical forces also play a powerful role in regulating endothelial cell behav-
ior and vascularization. In vitro and in vivo studies have confirmed that the shear 
stress caused by blood flow strongly affects the phenotype of vascular endothelial 
cells [118]. However, in engineered cardiac tissues, where there is generally no 
blood flow during in vitro culture, the field has relied on tissue-level strain instead. 
Like cardiomyocytes, endothelial cells in engineered scaffolds have been shown to 
respond positively to uniaxial static strain, displaying improved angiogenesis and 
vascular alignment [23, 57]. However, the effect of cyclic strain on angiogenesis is 
more controversial. Some early reports suggested that cyclic uniaxial strain can 
actually disrupt endothelial networks and result in more random vascular organiza-
tion [129]. Other studies present evidence that cyclic strain promotes endothelial 
cell and vascular alignment parallel to the strain [14, 38, 57, 108], and others have 
suggested that the strain induced by surrounding cell contraction is sufficient to 
induce that effect [121]. Again, the frequency of this strain is an important factor, as 
experiments using human coronary artery endothelial cells show that a minimum 
threshold frequency of 0.1 Hz is required to elicit an alignment effect and that the 
alignment develops more robustly and on a shorter time scale when the strain was 
applied at 1 Hz [38].

Experiments culturing endothelial cells and cardiomyocytes together, along 
with a variety of vascular support cell types (detailed above), have thus far been 
conducted using either cyclic strain conditions or no induced strain at all. These 
co-culture and tri-culture experiments have produced significant advancements in 
generating vascularized cardiac tissue. Very little work, however, has been done to 
evaluate whether using these conditions is optimal for promoting both cardiomyo-
cyte development and endothelial cell survival and vascular network formation. It 
is very possible that conditions chosen to promote cardiomyocyte maturation are 
impeding angiogenesis in the tissues. Careful optimization of mechanical stimula-
tion will be important in the continued development of these systems.

6.6.7  �Combined Electrical and Mechanical Stimulation

Applying strain conditions and electrical stimulation together has proven a particu-
lar engineering challenge, and several bioreactors have been designed with the aim 
of incorporating these stimuli into hydrogel cultures [20, 72, 78, 81, 126]. These 
devices take advantage of the full diversity of mechanical strain modalities detailed 
above and have been configured to apply uniaxial and circumferential strain [20, 29, 
72, 81, 126]. Across these devices, though, the vast majority generate electrical 
stimulation using the parallel electrode setup. A notable exception is the bioreactor 
reported by Cook and colleagues, which applies electrical impulses via the integra-
tion of a direct contact in the clamping mechanism that secures the tissue in place 
[20]. The characteristics that vary widely between these devices, including substrate 
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material compatibility, sterility requirements, incubator compatibility, and the inte-
gration of sensors, must all be considered in selecting the appropriate system for a 
particular application.

6.7  �Conclusions

Multicellular systems have been developed to mimic the native myocardium and 
prolong survival of cardiac grafts when implanted in vivo. Several strategies utiliz-
ing simultaneous seeding, sequential seeding, and the combination of vascularized 
and cardiac constructs have been explored to achieve fully vascularized, contractile 
grafts. While a complete human system will be critical to the clinical translation of 
this technology, there are important questions surrounding the maturation of plu-
ripotent stem cell-derived cardiomyocytes that must be addressed. Several tech-
niques are under investigation, to improve the maturation of those cells and the 
overall organization and functionality of engineering cardiac grafts, including elec-
trical stimulation, mechanical stimulation, and a combination of electromechanical 
stimulation. Recent developments have greatly improved the physiological rele-
vance and translational potential of engineered cardiac patches, but further applica-
tions will hinge on the incorporation of dense, functional vasculature and 
co-alignment of cardiomyocytes.
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Chapter 7
Pro-Angiogenic Regenerative Therapies 
for the Damaged Brain: A Tissue 
Engineering Approach

Lina R. Nih, Stanley T. Carmichael, and Tatiana Segura

7.1  �Introduction

According to the American Heart Association, 15 million people suffer ischemic 
stroke worldwide each year [5]. Of these, five million die and five million are per-
manently disabled. These sobering statistics demonstrate stroke’s global impact and 
emphasize the importance of deepening our understanding in order to design effi-
cient treatments. To date, the overwhelming majority of brain repair research 
focuses on developing therapies that promote tissue repair through neuronal replace-
ment with neuronal-derived progenitor cell transplantation or pro-neuronal drugs 
administration [23]. However, extensive and unsuccessful clinical trials show that 
this approach does not lead to long-term development of all brain cell types or the 
establishment of functional interactions between the different networks. Both 
experimental and clinical studies have reported that angiogenesis and neurogenesis 
in the ischemic brain work in tandem [26] and that enhanced vessel formation and 
restored perfusion after stroke reduces the severity of damage [31], promotes tissue 
repair [24], and significantly extends survival of stroke patients [20]. Therefore, 
developing pro-angiogenic regenerative therapies offers tremendous potential in 
stroke treatment. Preclinical studies using provascular growth factor and progenitor 
cells show promising results in enhancing revascularization and tissue repair after 
stroke. The therapeutic outcome, however, is often limited by poor survival of 
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transplanted cells, uncontrolled cell differentiation, non-sustained delivery of 
growth factors, and ineffective engraftment with the host tissue. A tissue engineer-
ing approach provides an alternative for treating the damaged brain, as it provides 
multifunctional solutions to overcome the limitations of conventional approaches. 
In this chapter, we focus on the limitations of current pro-angiogenic therapies using 
vascular growth factors and some recent advances using engineered biomaterials 
and drug delivery systems for brain tissue repair.

7.2  �The Neurovascular Damage after Stroke

The neuron has traditionally been viewed as the centerpiece of the mammalian cen-
tral nervous system (CNS) because of its fundamental role in neurotransmission. 
Thus, the classical approach of neurorepair was solely based on neuroprotection and 
neuron cell replacement. Over the past decade, remarkable advances have been 
made in understanding the mechanisms of neurorepair, such as neurogenesis (for-
mation of new neurons), angiogenesis (formation of new blood vessels), gliogenesis 
(formation of new glial cells), and re-myelinization, among other processes. These 
discoveries changed the classical view of brain repair, providing greater understand-
ing of the brain as a whole and supporting the hypothesis that saving neurons alone 
may not be sufficient [8]. This concept of a “neurovascular unit” defines tissue 
remodeling as a highly dynamic process between vascular, neuronal, and glial cells. 
After stroke, these cells respond to injury in a coordinated and synergistic manner, 
releasing molecular signals and trophic factors that mutually influence each other to 
create a pro-repair environment where tissue regeneration and neurological recov-
ery may take place [32]. In recent years, the promotion of vascular growth and 
remodeling in the injured brain is increasingly recognized as a particularly promis-
ing approach to treat brain illnesses [9]. This approach has brought confidence that 
stimulating the growth of new vessels both in and around the ischemic site may 
stabilize brain perfusion and promote tissue repair through neuronal survival, plas-
ticity, and functional recovery [13, 14, 18].

7.3  �Spatiotemporal Dynamic of Brain Angiogenesis

At the core of an ischemic incident, the severe energy and glucose loss induces a 
rapid neuronal death, leaving behind a necrotic site within minutes after the stroke 
onset. However, the surrounding area, called penumbra, has a mild-to-moderate 
vascular compromise, where the energy deficit is less severe and collateral vessels 
maintain a certain degree of blood flow (Fig. 7.1).

This area may be rescued if blood flow is restored [10]. Increasing evidence, in 
both human stroke patients and animal experimental models, suggests that angio-
genesis occurs in those penumbra areas [28]. Indeed, an increasing body of evidence 
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suggests that newly formed vessels in the periphery of the injured site mediate 
recovery via the activation of endogenous mechanisms of plasticity [7]. In particu-
lar, it was shown that angiogenesis and neurogenesis not only work in tandem but 
are also causally linked. The daily administration of an angiogenesis inhibitor, in a 
mouse model of ischemic stroke, is associated with a significant reduction of prolif-
eration, migration, and differentiation of endogenous neural progenitors which 
impairs their functional recovery [24, 26]. In addition, aggregate data supports a 
“cleanup hypothesis,” whereby the newly formed vessels in the penumbra serve to 
facilitate macrophage infiltration and clear up necrotic debris [22, 37].

7.4  �Role of VEGF in Endogenous Angiogenesis

In both experimental and clinical studies, enhanced vessel formation and restored 
perfusion in the ischemic border correlate with improved long-term recovery and 
longer survival times [20]. Older patients, who tend to do worse after stroke, often 
show reduced new vessel formation in the penumbra [2, 12, 34]. Similarly, patients 
who develop dementia after stroke have reduced blood flow in cortical regions adja-
cent to the stroke [30]. Pro-repair factors correlated with brain angiogenesis have 
also been extensively assessed in experimental stroke models. One major endoge-
nous signal, vascular endothelial growth factor (VEGF) is found in both neurons 
and astrocytes after cerebral ischemia [1, 39]. A positive correlation was found 
between the severity of damages and the concentration of VEGF in stroke patients 
[31]. Likewise, postmortem studies reveal an increased expression of the pro-
angiogenic factor and its receptor VEGFR-2, both at mRNA and protein levels in 
the penumbra [17]. In addition, studies have shown that a deficit in VEGF distribu-
tion is associated with disorganized and impaired vessel formation, suggesting that 
ECM-binding VEGF isoforms provide essential stimulatory cues to initiate vessel 
branching [29].

Fig. 7.1  Schematic of the human brain with the core of the ischemic core and the penumbra. 
Figure reprinted from [10] with the permission from Elsevier
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7.5  �Current VEGF-Based Therapeutic Approach

Interestingly, studies with therapeutic VEGF application revealed quite different 
effects, depending on the timing of administration and the route of growth factor 
delivery. The systemic or intracerebral administration of VEGF, within the first 48 h 
after stroke onset, was associated with an increased blood-brain barrier opening and 
subsequent edema and promoted the formation of disorganized and immature vas-
culature [39]. Likewise, the early administration of an antagonist for endogenous 
VEGF reduced the ischemia−/reperfusion-related brain edema and injury [35]. 
Similarly, infusing VEGF into the lateral ventricles stimulated angiogenesis and 
decreased infarct volume in rodent models of cerebral ischemia [33]. In transgenic 
mice overexpressing human VEGF 165, brain microvessel density was significantly 
increased, compared to wild-type before and after ischemia [36]. In addition, VEGF 
is associated with a reduced infarct volume when topically applied on the surface of 
the reperfusion site in a transient model of cerebral ischemia [15]. A completely 
different picture resulted from studies where VEGF was administered repeatedly 
[33], in delayed delivery (after day 3) [16] or when the growth factor was encapsu-
lated in a hydrogel [11]. These studies consistently found improvement in neuro-
logical deficits following VEGF therapy, along with a reduction in ischemic injury, 
brain edema, and blood-brain barrier permeability for serum proteins, with an over-
all better effect when administered locally rather than systemically [21]. This sug-
gests that maintaining elevated tissue levels of VEGF in the stroke site, for prolonged 
periods of time along with controllable spatial distribution, dosage, and duration of 
exposure, satisfies many of the characteristics of an ideal delivery system, by over-
coming the main limitations of poor penetration across the blood-brain barrier, the 
clinically unviable option of repeated local injections, and the short VEGF half-life 
time.

7.6  �Tissue Engineering Approach to Promote Brain 
Angiogenesis

Recent advances in our understanding of the central nervous system and the devel-
opment of sophisticated biomaterials have significantly changed the landscape for 
developing strategies to repair the damaged brain. Tissue engineering approaches 
now offer the potential to design biomaterials tailored for particular applications 
such as hydrogels to fill out the stroke site, where necrotic tissue gives place to an 
empty compartmentalized cavity. These biomaterials offer a physical support for 
cell infiltration in a highly inflamed and damaged tissue, and present the ability to 
protect and enhance the beneficial effect of provascular growth factors, known to 
have a short half-life time and severe side effects due to its ability to promote vas-
cular permeability [39]. Developing engineered pro-repair approaches is a scientific 
challenge on many levels, since (1) therapeutic agents must remain alive/active 
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during and after brain transplantation, (2) the success of a therapy is widely depen-
dent on the interaction between the transplanted/injected material and the host tis-
sue, (3) the material degradation rate and composition must be finely tuned to allow 
tissue growth, and (4) the success of a pro-repair therapy relies on the simultaneous 
activation of axonal sprouting, vascular growth, neurogenesis, and modulation of 
the injury-induced inflammation, each presenting unique biological challenges.

In recent years, several experimental studies developed injectable hydrogels and 
growth factor delivery systems to promote poststroke angiogenesis through VEGF 
administration. A 2010 study from Emerich D.F. et al. describes the effect of an 
injectable VEGF-loaded alginate-based hydrogel on poststroke functional recovery 
[11]. Behavioral testing shows that the performance of rats, receiving VEGF gels in 
the striatum 15 min prior to stroke, was significantly improved relative to a blank 
gel with or without VEGF. This study strengthens previous evidence that VEGF 
exerts neuroprotective properties when upregulated prior to injury.

Zhang et al. attempt to restore tissue integrity in a rat model of brain damage by 
implanting a porous polydimethylsiloxane-tetraethoxysilane (PDMS-TEOS) hybrid 
with or without VEGF [38]. Despite a low infiltration of vessels in the injected 
materials, the VEGF-loaded gel was associated with a significant increase of prolif-
erating endothelial cells within the implanted material (Fig. 7.2). However, the use 
of a non-injectable material does not meet the clinical need for a minimally invasive 
therapy.

A similar approach was used by Ju et  al. with a hyaluronic acid (HA)-based 
hydrogel mixed with poly(lactic-co-glycolic) acid (PLGA) microspheres containing 
VEGF and angiopoietin-1 [19]. The authors report that the implantation of the 
HA-PLGA composite in the cortical lesion significantly increased blood vessel den-
sity and reduced inflammation in the peri-infarct. Although this material demon-
strated potential for promoting angiogenesis, the HA-PLGA composite’s 
non-injectability reduces its potential for clinical translation. Interestingly, an injec-
tion of the same VEGF-releasing PLGA particles in the stroke cavity was associated 
with poor vascular effect, suggesting that the presence of a matrix-derived scaffold 
is required to provide a structural support to growing vessels [6]. Recently, Oshikawa 

Fig. 7.2  Transplantation of a porous PDMS-TEOS material with VEGF in a rat model of cortical 
brain damage. Double immunofluorescence study showing proliferating cells (a) endothelial cells 
(b) and a merge image of both stainings (c) within the implanted material. Figure reprinted from 
[38] with the permission from Elsevier
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et al. developed an implantable porous laminin-based sponge material that immobi-
lizes histidine-tagged VEGF via affinity interactions [27]. The authors report that 
the laminin-VEGF transplantation into the injured cortex significantly increased 
vessel density in and around the transplant, compared with laminin gel with and 
without soluble VEGF. However, this non-injectable material is invasive and would 
require further modification to be clinically translatable.

In order to fill the need for an injectable scaffold that provides both structural 
support and delivers multiple provascular factors in a sustained manner, we devel-
oped a delivery system where VEGF is encapsulated in protease-specific, cleavable 
peptides, in which degradation rate controls the VEGF release in the brain [40]. We 
showed that the combination of VEGF nanocapsules and HA hydrogel with 
fibronectin-derived RGD peptide can be injected directly into the stroke cavity, 
which promotes greater vessel formation and pericyte recruitment, in and around 
the lesion site, compared with empty HA and HA + soluble VEGF (Fig. 7.3).

Recently, we showed that displaying VEGF in a clustered conformation by 
immobilizing covalently the growth factor on nanoparticles of heparin and con-
trolling the discrete distribution on the particle’s surface modulates vascular 
sprouting and endothelial proliferation in vitro [4]. In addition, the severe inflam-
matory response after stroke is widely regarded as the cause that impedes axonal 
growth in the damaged central nervous system [3]. Thus, we hypothesized that the 
brain administration of a dual-function engineered biomaterial with both immu-
nomodulatory and angiogenic properties, directly to the stroke cavity, can pro-
mote tissue formation de novo by modulating poststroke inflammatory response 
and vessel growth. For this, male adult mice were subjected to an ischemic stroke 
and injected with a hyaluronic acid-based hydrogel containing heparin nanopar-
ticles and different clusterization densities of bound VEGF onto heparin particle’s 
surface [25]. We found that the highly clustered VEGF lead to the highest degree 
of vascular growth in and around the stroke site (Fig. 7.4). Moreover, the addition 
of naked heparin particles generates a vascularized network of regenerated func-
tional axonal connections that leads to recovery and reduces the poststroke inflam-
mation. These results are lost with the absence or reduction of bound VEGF where 
only the immunomodulator effect is observed and with the absence or reduction 
of heparin particles where angiogenesis is no longer associated with axonal 
sprouting.

7.7  �Conclusion

The use of pro-angiogenic materials, for focal and controlled delivery of vascular 
growth factors to the brain, is an emerging discipline in the field of brain repair. 
Although these materials have demonstrated potential in activating endogenous 
endothelial cells in and around the damaged tissue, their ability to form vascular 
structure de novo in the injected site is limited. Future work in this area needs to 
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focus on fine-tuning the optimal morphological features and to design macro- and 
microarchitecture that mimics the native matrix and environment. In addition, 
these materials would be best as an injectable therapy to increase their likelihood 
of clinical translation in the future and also provide a physical support with 
mechanical properties similar to brain tissue. Furthermore, long-term studies are 
needed to fully understand the biological effect of the hydrogels and their degrada-
tion over time. Finally, further investigation on dual therapies combining pro-
angiogenic and immunomodulator properties is needed to determine the role of 

Fig. 7.3  Temporal control of HA-VEGF nanocapsule delivery in a mouse model of ischemic 
stroke. (a) Representative fluorescent images of blood vessels (Glut-1) and pericytes (PDGFR-β) 
in (+) and around the lesion site injected with HA-RGD alone (control), with soluble VEGF 
(VEGF), or with nanocapsules of VEGF (n(VEGF)) and (b)  quantitative analysis. Anova with 
Tukey test’s posttest, mean ± SEM. *p < 0.05, **p < 0.01, ***p < 0.001. Scale bars = 100 μm. 
Figure reprinted from [40] with the permission from Elsevier
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Fig. 7.4  (a) Schematic representing a brain injectable hydrogel composed of hyaluronic acid (HA), 
RGD motif peptide, and metalloproteinase-sensitive cross-linker. The gel was loaded with highly 
clustered VEGF (hcV) covalently bound onto heparin nanoparticle’s surface and injected in a mouse 
model of ischemic stroke. (b) Vascular (Glut-1, red) and axonal growth (neurofilament NF200, 
green) was evaluated 16 weeks after gel implantation and compared with control groups treated 
with an empty gel, or gel loaded with soluble VEGF (Vs), low clusters of VEGF (lcV), or hcV and  
endostatin (angiogenesis inhibitor). The results show a significantly increased tissue growth in the 
hcV group, with a close association of axonal and vascular networks (c, d). Data are presented 
using a minimum-to-maximum box plot. Each dot in the plots represents one animal, and p values 
were determined by one-way ANOVA with Tukey’s post hoc test. **p < 0.01, ****p < 0.0001. 
Scale bar, 100 μm. Figure reprinted from [25] with the permission from Elsevier
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inflammation on angiogenesis-induced tissue repair. Taken together, a tissue engi-
neering approach to provascular therapies presents challenges that need to be over-
come, before provascular materials are a valuable alternative for the clinical 
treatment of brain damage.
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