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Preface

Neglected Tropical Diseases (NTDs) constitute a significant part of the total disease

burden in South Asia. A high burden of NTDs in South Asia has affected economic

progress of countries in this region. The content in this book has been decided to

give an overall view of the NTDs in South Asia. The NTDs of South Asia include

the soil-borne helminth infections, vector-borne viral infections, parasitic infections

and bacterial infections. The major NTDs are restricted to a particular area of the

developing or underdeveloped nations, and a few of them infect globally in certain

climatic conditions. The neglected viral infections like Kyasanur Forest Disease

(KFD) were earlier reported to be restricted to Karnataka in India, but this infection

has also been recently reported in Kerala and Maharashtra in India. This is the one

example suggesting the spread of NTDs. The table of content of the NTDs of South

Asia includes the most common neglected viral, bacterial and protozoan infections,

which results in the compromise of the health and well-being of any society. The

investors do not see a big market for the medicines related to the NTDs from a profit

point of view. Therefore, the NTDs rarely attract the attention of investors for NTD

drug development, compared to other infectious diseases. South Asian countries

must make efforts on developing the next generation of drugs, diagnostics and

vaccines for NTDs. There is a need for public–private partnerships to develop new

drugs and diagnostics for NTDs to serve the population. The proper management of

NTDs can reduce the mortality and disability-adjusted life year (DALY) of the

persons suffering from NTDs. There is a need to strengthen the public health

systems in the areas/communities suffering from NTDs by utilising the need

based on affordable and sustainable control measures.

NTDs contribute to social and economic burden due to the social stigma,

physical disabilities, discrimination and malnutrition associated with NTDs,

which lead to unemployment and poverty and affect the community’s social and
economic development adversely.

v



There is need of incremental advance in efforts being made in controlling,

eliminating or eradicating NTDs. More efficient and proactive healthcare systems

with easy access to affordable medicines are required for proper management of

NTDs in South Asia.

Varanasi, India Sunit K. Singh
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Abbreviations

AVL Anthroponotic visceral leishmaniasis

CL Cutaneous leishmaniasis

DALY Disability-adjusted life year

IRS Insecticide residue spread

MCL Mucocutaneous leishmaniasis

NTD Neglected tropical diseases

PKDL Post-kala-azar dermal leishmaniasis

PV Parasite-containing vacuole

rK39 Recombinant kinesin 39 amino acid repeats

rKE16 Recombinant kinesin antigen from L. donovani
VL Visceral leishmaniasis

ZCL Zoonotic cutaneous leishmaniasis

1 Global Overview of Leishmaniasis

1.1 Disease Types

Leishmaniasis is a complex disease caused by Leishmania infection, producing

variable clinical symptoms, e.g., cutaneous, mucocutaneous, and visceral leishman-

iases [1–3]. Cutaneous leishmaniasis (CL) caused, for example, by Leishmania
major/L. tropica is marked by the appearance of skin lesion in various forms, which

are often innocuous and self-healing, while mucocutaneous leishmaniasis (MCL)

caused, for example, by L. braziliensis is a protracted disease, resulting sometimes

in facial disfigurement of the ear, mouth, and nose. Neither CL nor MCL is life-

threatening per se. Only in non-healing case has death of these patients been

reported due to secondary infections or other causes, e.g., suicide as a result of

unbearable psychological stress. Visceral leishmaniasis (VL) caused by

L. donovani/L. infantum is far more severe. It is often fatal, if untreated, resulting

from systemic and progressive infection of macrophages by Leishmania in the

reticuloendothelial systems or lymphoid organs, chiefly the spleen, liver, and

bone marrow. Disorders of hematological and hepatosplenic functions are thus

the clinical manifestations of VL, including hepatosplenomegaly, fever, anemia,

leucopenia, hypergammaglobulinemia, and cachexia. The development of all leish-

maniases follows a chronic course lasting for months and sometimes years.

1.2 Disease Incidence/Distribution

Leishmaniasis is very widespread, currently putting a world population of >350

million at risk with up to ~1.2 million cases at a death rate in the tens of thousands

per year [4]. Of the 16 categories of neglected tropical diseases (NTD) assessed for
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the period from 2005 to 2013, leishmaniasis ranks next only to malaria as the

second worst in the age-standardized DALYs (disability-adjusted life years) and

second only to dengue fever in the rate of DALY increase from 5.7 to 5.9 million

[5]. In 1985, historical, parasitological, clinical, epidemiological, and control pro-

gram information was compiled for the endemic areas in the Indian subcontinent,

the Middle East, Central Asia, North and East Africa, China, Europe, and Central

and South America [6]. Recent efforts published in 2012 have yielded bionomic

data of leishmaniasis with more details for each of the ~100 countries or territories

included [4]. There are still endemic areas, e.g., West Africa, where information is

not readily available in any detail, indicating that leishmaniasis is still more

pervasive and entrenched than is known.

Leishmaniasis is a disease of poverty and often flares up in areas of low

endemicity into epidemic proportion due to natural or man-made disasters, includ-

ing famine, drought, flood, earthquakes, and wars. This is currently most evident in

Sudan, Iraq, Syria, and Afghanistan where military conflicts further trigger refugee

migration in droves, thereby bringing the disease into neighboring countries and

beyond.

1.3 Transmission

Leishmaniasis is a vector-borne disease, which is transmitted by the blood-feeding

female sand fly of different species in various locations (Fig. 1, Lower). There are

hundreds of different sand fly species, of which dozens serve as the vector of

leishmaniasis in different endemic sites [7]. Sand flies are inconspicuous, fragile,

and hairy winged dipterans, similar to, but smaller than, mosquitoes in size. For

epidemiological surveys and other studies, these flies are captured in the field by

CDC-light trap, suction pump, and sticky paper at dawn and at dusk when they are

active. The distribution of the vector species coincides well globally with that of the

disease. The disease is largely a zoonosis and is considered as an anthroponosis in

few places where reservoir animals have not been found, e.g., Indian VL. The

animals, which are recognized as reservoirs, include rodents; domestic and wild

dogs or canids, such as fox; and other wild animals, like sloths in South America

and possibly hares in Eurasia (Fig. 1, Upper). Humans acquire infection when

stepping into the sylvatic cycle of ongoing transmission by vectors among the

reservoir animals. The most well-established and best-studied reservoir for

human VL is dog in the Mediterranean basin, Brazil, and many other places of

low endemicity where this animal suffers from canine leishmaniasis with clinical

manifestations akin to human CL and VL. Transmission of leishmaniasis has been

reported on rare occasions via blood transfusion, coitus and accidental inoculation

via contaminated needles, but not by oral or respiratory route. Risk factors for

natural transmission include exposure to infected sand flies in the endemic areas,

human genetic factors, malnutrition (Cf. Appendix—Box 1), immunosuppression

Overview of Leishmaniasis with Special Emphasis on Kala-azar in South Asia 3



Fig. 1 Diagrammatic depiction of Leishmania transmission cycle. Upper, Amastigote stage,

which lives intracellularly as non-motile entities in macrophages of infected mammalian hosts,

i.e., human/animal reservoirs. “?”, Hare as a potential reservoir. Lower, Promastigote stage, which

lives as motile flagellated forms each with an anterior flagellum in the gut lumen of female sand

fly. Modified from: Chang KP 2012 Leishmaniasis. Encyclopedia Life Science, John Wiley &

Sons, Ltd. www.els.net
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of individuals after organ transplantation or due to AIDS/other infectious diseases,

and needle sharing among drug addicts.

Life Cycle Stages The life stages of Leishmania in the transmission cycle are

depicted in Fig. 1. The mammalian stage is known as amastigotes—nonmotile round

to oval bodies, which live and replicate in the macrophages of infected mammalian

hosts (Fig. 1, Upper). Infected cells provide the source of amastigotes for infecting

additional host cells, accounting for metastasis of the infection. As the female vectors

take blood meals from infected hosts, they pick up infected cells. The amastigotes are

released from these cells and differentiate into the insect stage or motile promastigotes,

which replicate extracellularly in the alimentary canal of the vector, giving rise to

different morphological forms (Fig. 1, Lower). Some promastigotes differentiate into

infective or metacyclic forms, which migrate to the proboscis or mouth part and are

delivered into the skin of the mammalian host as the vector takes blood meal. During

this cyclic transmission, Leishmania undergo differentiation in the two different hosts,
thereby remaining parasitic throughout their life. In each cycle of transmission,

Leishmania remain much longer as intra-macrophage amastigotes in the mammalian

host than as extracellular promastigotes in the vector. This is made obvious by the

disparity between insects and mammals in their respective life span.

1.4 Diagnosis

Detailed accounts for this are available in a number of recent papers [8–11], which is

summarized very briefly as follows. Visualization of parasites in the clinical samples

from symptomatic patients constitutes the time-honored gold standard for definitive

diagnosis of leishmaniasis. The routine procedures for this include microscopic

examinations of fresh or Giemsa-stained smears of lesion aspirates for the presence

of amastigotes and/or cultivation of the samples in suitable media for their differen-

tiation into and/or replication as promastigotes. These century-old practices have

been gradually replaced by less cumbersome and more sensitive and specific

methods, i.e., serodiagnosis for the presence of Leishmania-specific antibodies or

circulating antigens and by PCR amplification of Leishmania-specific DNAs. The

pros and cons of these diagnostic methodologies have been thoroughly reviewed for

their relative merits with reference to the gold standard of parasite visualization.

Worthy of special mention is the chromatographic strip of amastigote-specific

recombinant antigens (rK39) that was developed first by SG Reed and his colleagues,

as it is highly sensitive and specific for the diagnosis of Eurasian VL [12]. The strips

have been successfully field deployed in dipstick format for reaction with a drop of

blood to facilitate on-the-spot diagnosis. Under development are more sensitive and

Overview of Leishmaniasis with Special Emphasis on Kala-azar in South Asia 5



specific serological and molecular diagnostics suitable for use with samples that are

readily available for collection by noninvasive means, e.g., saliva and urine [13].

Adequate methodology is thus available for definitive diagnosis of leishmania-

sis—a prerequisite not only for treatment decision but also for assessing incidence

of the disease relevant to designing control strategies. However, the current mea-

sures for both disease prevention and treatment are inadequate and require urgent

attention, as noted from the descriptions in the following sections.

1.5 Prevention

This is the most desirable measure for any disease control but has not been fully

exploited for deployment to control leishmaniasis. At least some of the preventive

approaches are amenable to or favorably disposed for implementation in principle.

Summarized below are the available approaches and the status of their application

to the prevention of leishmaniasis.

1.5.1 Vector Control

Vector control to disrupt the transmission cycle is routinely practiced for curbing all

vector-borne diseases. To control sand flies needs to target their adults, since the

breeding site for the larval stage remains obscure. This approach has been put into

practice in most control programs for leishmaniasis, including the use of insect

repellents, insect repellent-/insecticide-impregnated bed net, insecticide residue

spray (IRS) to kill domiciliary sand flies [14–16], and/or insecticide-impregnated

dog collars [17]. Applicability of these approaches varies widely with the condi-

tions in different endemic areas as much as the effectiveness of their execution.

Vector control has inherent limitations to prevent leishmaniasis. For example, such

approaches are impractical for controlling wild species of sand flies, which are too

widely distributed often in vast areas of open field to control. Toxicity of insecti-

cides in use and the development of insecticide resistance by the vectors present

additional obstacles. Better approaches are clearly needed to control sand flies

safely and effectively, for example, by developing biotechnology for genetically

modified vectors (GMO) [18], such as those under study for mosquito control, and

by exploring the relatively safe and resistance-averting photodynamic insecticides

[19]. These new approaches however await further studies to assess their feasibility

in conjunction with a better understanding of the vector biology.

1.5.2 Reservoir Control

Reservoir control is inherently difficult, especially in endemic areas where trans-

mission is zoonotic via wild animals. Control of reservoirs is impractical in many

places, e.g., Central and South America, where a diverse group of different wild
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animals with complex ecology appears to serve in that capacity [20]. In Central

Asian steppes, mechanical destruction of rodent burrows and the use of poisoned

baits were applied to control great gerbil as the known reservoir for simple CL

caused by L. major [21]. Similar measures were contemplated for the control of

hyrax as the reservoir of CL caused by L. tropica in East Africa. Implementation of

such measures is, however, impractical beyond the immediate surrounding of

human habitats, thereby leaving the sylvatic cycle of transmission unchecked in

the vast uninhabited area. In endemic areas where dog is the proven reservoir,

reduction or elimination of its population has been shown to reduce the incidence of

human VL [17, 22]. This approach also has the limitation of being unsustainable for

several reasons. One is the difficulty to permanently eliminate both stray and owned

dogs due to their mobility from one location to another. Another reason is the

difficulty of controlling wild canine species from serving as additional reservoirs.

Also, objection has been raised against dog culling based on humanitarian ground.

Nevertheless, control of dog population is accepted as a preventive measure of the

control programs in endemic sites where canine VL coexists with human VL. When

human is the only known reservoir in the case of anthroponotic leishmaniasis,

stringent observation of the operational stipulations to identify patients for treat-

ment is expected to break the transmission cycle effectively. Anthroponotic VL

(AVL) has been indeed eliminated from east and north China by this approach

[22]. In many endemic areas, infected, but nonclinical, cases exist, raising the

possibility that these healthy carriers may play a role as a potential reservoir in

addition to post-kala-azar dermal leishmaniasis (PKDL). This issue is significant in

Indian kala-azar where many asymptomatic cases have been reported [23–26].

1.5.3 Vaccination

Vaccination is the best preventive measure, but vaccines are not available to protect

human population against leishmaniasis. This approach has long been thought as

very feasible, considering that patients invariably acquire lasting or lifelong immu-

nity after natural or chemotherapeutic cure. The recent explosion of reviews written

on this topic is indicative of the intense interests in the development of vaccines

[27–33]. Readers are referred to these reviews for the history of past successes and

failures and for details of the current attempts. It suffices to mention here the earliest

form of vaccination and the latest development in the field. Inoculation of healthy

individuals with lesion-derived live parasites in a hidden place is the crudest form

of vaccination for simple CL. This is known as “leishmanization” that has been

practiced for millennia to protect individuals from the potentially facial disfiguring

CL in the Middle East and Central Asia. “Leishmanization” is effective but

unacceptable unless accomplished without a full-blown disease. Clearly, vaccines

need to be developed with optimization of not only their safety and ease of

production but also efficacy for both human and canine leishmaniasis. In a recent

US NIH-sponsored workshop, candidate vaccines for VL are listed, including

recombinant peptides and adjuvants, cDNA, and whole-parasite vaccines [30].
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Of particular interest is the target product profile (TPP) analysis by modeling various

relevant parameters available, for example, in the VL-endemic Bihar, India. The ideal

vaccine based on such analysis is expected to cost $5 or less per dose with 70%

efficacy, regardless of the duration of protection [30]. The current course to evaluate

the safety and efficacy of vaccine candidates in the pipelines is too arduous to expect

rapid progress. Adaptation of fast-track preclinical and clinical trials will ease the

constraints to expedite the development of an ideal vaccine.

1.6 Treatment

This subject also requires significant attention, especially for the potentially fatal

VL, as indicated in recent reviews [34–37]. The mainstay of treatment for leish-

maniasis is chemotherapy, but none of the drugs in use was specifically designed

and developed for treating this disease, i.e., antimonials (meglumine antimoniate or

Glucantime®, sodium stibogluconate or Pentostam®), miltefosine, pentamidine,

amphotericin B, ketoconazole, and paromomycin [38, 39]. The antimonials remain

to be the first-line drug of choice for VL treatment, even though they are decades

old, and the mode of action remains basically unknown. In addition, the develop-

ment of antimonial resistance necessitates their prolonged use at extremely high

dosages, resulting in significant side effects of death from kidney and/or heart

failures. The antimonial dosages for treating VL have increased from 20 mg/kg

daily for 1–2 weekly courses (still in use in the nondrug-resistance areas) to 30 mg/

kg daily for 30 days or longer continuously in places like Bihar, India. Although

antimonials have not been used for more than a decade in this hyperendemic area,

78% of the recent clinical isolates are still antimonial resistant to a variable extent

[40]. The other anti-leishmanials listed are mostly repurposed anticancer, antifun-

gal, or antibacterial drugs (e.g., [41]). Resistance of VL patients to the treatment

with these drugs is also emerging (e.g., [42, 43]). Amphotericin B-liposome

(AmBisome®) is reported as curative by a single dose administration, but it is

still too expensive for general use in endemic areas of poverty. The current strategy

to alleviate the problems of drug resistance and toxicity is a combination use of two

different drugs each at a lower dosage. Of particular relevance to mention is thus the

recent advance in identifying proteosomal protease of Leishmania and other pro-

tozoan parasites as a specific drug target by screening ~1 million small molecules

[44]. This would be the first specific anti-Leishmania drug, should it be successfully
developed into a product for clinical use.

Chemotherapy of simple CL faces the dilemma of its necessity, considering the

tendency of its spontaneous self-resolution. Treatment is given to hasten the

healing, thereby minimizing the scar formation and promoting herd immunity,

i.e., reducing the infected population as a potential source of parasites for spreading.

Treatment of protracted or non-healing CL/MCL also faces the problems of

patients’ unresponsiveness to the medication. Alternative approaches for treating

CL are available by using physical means, e.g., cryotherapy, thermotherapy by
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using radio wave-generated heat [45], and photodynamic therapy. These types of

physical therapy for CL are still under trial for efficacy evaluation.

1.7 Epidemiology Mathematical Modeling

Advances have been made to develop algorithms for analysis of clinico-

epidemiological data of leishmaniasis, including remote sensing and geographic

information system or GIS technologies, to estimate or predict risk factors, disease

burdens and spreading, and efficacies of various control measures [46–51]. Appli-

cations of mathematics to the analysis of available information are expected to

contribute significantly to the development of more effective control programs. It is

important to provide numerical measurements for all the variables of the disease as

guidelines to facilitate policy, budgetary, and management decision making. Effec-

tive collections of demographic, environmental, vector, reservoir, and clinical

information are essential to construct a robust database for such analysis to improve

the evaluative and predictive potentials of the available software programs.

1.8 Control Programs

Programs have often been developed under the aegis of WHO to control leishman-

iasis in endemic countries [52]. Expert committees are organized by the responsible

agencies to strategize detailed plans for operational managements and assignment

of responsibilities. Budgets are drawn for appropriation by the governments of

concern and sometimes supplemented by programs from not-for-profit domestic

and/or international organizations. Control programs usually include the following

components: (1) screening endemic populations for leishmaniasis to identify

patients (active case detection); (2) treatment of the identified patients; (3) vector

surveillance and control; (4) where applicable, dog control; and (5) annual surveil-

lance of patient, vector, and reservoir populations for program evaluation. The

success of the control programs has been shown by a reduction in the annual

incidences of leishmaniasis in some countries. Only in China has elimination of

VL been reported with some measure of success by the implementation of an

integrated program that was launched in ~1950 and ended in ~1960 [22]. Compo-

nents of the program include a combination of the aforementioned measures:

diagnosis of the endemic populations to identify patients for antimonial chemo-

therapy, vector control, and dog elimination. As a result, the anthroponotic VL was

eliminated in the east and north areas of high endemicity, but AVL and zoonotic VL

of the mountain type (dog as the reservoir) and desert type (hare as the possible

reservoir) have persisted until today in the western regions. It is apparent from the

experiences of this control program that anthroponotic VL can be eliminated even

by using antiquated methodology, while zoonotic VL is difficult to control.
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2 Leishmaniasis in South Asia

2.1 Clinico-epidemiological Types

Figure 2 is a sketch map to delineate the general endemic areas of both CL and VL

reported in South Asia. Briefly summarized below are the epidemiological and

other specific information reported for seven different disease types (color coded):

1. Anthroponotic VL (red) caused by L. donovani and transmitted by

P. argentipes is the most severe, representing bulk of the incidence and mortality

in the world record estimated for this disease [4]. The endemic region covers a

large area, consisting of the northeastern part of India, including Bihar, Jhar-

khand, Uttar Pradesh, and West Bengal, the southern portion of Nepal and

Bhutan, and the western part of Bangladesh [10, 39, 53–56]. Indian AVL, also

known as kala-azar (black fever), has a long history going back to the British

colonial period [57]. The causative agent for AVL was first discovered in India

and named after the British military commanding officers: Lieutenant General

Sir William Boog Leishman and Major Charles Donovan [58]. The AVL in the

adjacent countries has not attracted much attention until recently.

2. Zoonotic VL (orange) caused by L. infantum with dog as the reservoir has long

been reported sporadically in the sub-Himalayan Kashmir, northern Pakistan

[59], and almost certainly also in the bordering northwestern India. The occur-

rence of canine leishmaniasis in this area is reminiscent of Mediterranean

infantile VL, although the vector has not been fully identified.

3. Anthroponotic CL (green) caused by L. donovani s.l. and also transmitted by

P. argentipes was discovered more recently to occur throughout the inhabited

area in Sri Lanka [60–63]. Lesion appears in various forms, as described for all

CL, and responds poorly to antimony therapy but heals eventually with the

expected Th2 to Th1 switch [64]. Reservoir animals are unknown, although

rK39 seropositive dogs were reported. The CL previously reported in Kerala in

the southwest tip of India probably has an epidemiology [65] similar to that in

Sri Lanka. In both locations, VL has been reported in small numbers and was

thought to result from the infection by the same parasite that causes CL in Sri

Lanka [66]. Genomic sequence comparison between L. donovani s.l. and Indian

L. donovani revealed numerous single base substitutions but also a difference in

the copy number of A2 genes, being slightly higher in the latter [67], consistent

with previous findings for the involvement of these genes in viscerotropism [68].

4. Anthroponotic CL (pale yellow) caused by P. sergenti-transmitted L. tropica
has been reported in Rajasthan in northwestern India [69, 70]. The ACL extends

into the adjacent region of Pakistan [71] and has a similar epidemiology to that

straddling the border between Pakistan and Afghanistan [72].

5. Zoonotic CL (purple) caused by P. saheli-/P. papatasi-transmitted L. major has
long been reported as widespread in the central, west, and southwest of Pakistan

[73] extending in continuum with the endemic sites in eastern Iran and perhaps

southern Afghanistan. Few incidences of this ZCL have also been reported in

Rajasthan.
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6. Zoonotic CL (blue) caused likely by L. infantum and/or L. tropica with dog as

the possible reservoir appears in the Satluj river valley of Himachal Pradesh,

India [74, 75]. The CL cases are quite numerous in the villages along the river.

Cultivation of Leishmania from the cutaneous samples of these subjects proved

difficult, yielding few promastigotes refractory to subculture. Analysis of PCR

products from such materials revealed sequences, indicative of L. infantum or

Fig. 2 Distribution of different types of leishmaniasis in South Asia. A template of the map

(http://www.d-maps.com/carte.php?&num_car¼32159&lang¼en) is colored to approximate the

endemic areas of different leishmaniasis. Red, VL and PKDL due to L donovani in India,

Bangladesh, Nepal and Bhutan; Orange, sporadic infantile VL in northwest India, Kashmir and

Pakistan; Blue, CL due to L. infantum and/or L. tropica in the Satluj river valley; Light brown, CL
due to L. tropica in Rajasthan, India, adjacent Pakistan and at its border with Afghanistan; Purple,
CL due to L major in coastal Pakistan and neighboring Iran; Green, CL due to L donovani s.l. in Sri
Lanka and Kerala, India; Cherry, CL/VL due to L enriettii in Thailand and its border with adjacent
countries. Note: Colors mark the general areas of leishmaniasis
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L. tropica or a mixture of the two [76]. Dog serum samples are rK39 positive,

suggestive of its reservoir potential. Few cases of typical Indian AVL have been

reported among the migrant workers from Bihar in the area. From these VL

patients, L. donovani was readily grown in contrast to those from the CL cases.

7. CL (cherry) caused by members of the L. enriettii complex (L. siamensis
s.l. and L. martiniquensis s.l.) has occasionally been reported in Thailand

[77]. There is evidence of Leishmania-HIV coinfection [78]. The existence of

similar leishmaniasis is expected in the neighboring countries, judging from the

reports of its incidences along the border of Thailand with Myanmar [79],

Cambodia, and Malaysia. Investigation is ongoing to confirm the suspected

vectors and reservoir [80]. Imported cases of VL and CL have also been reported

from the region.

The brief introduction of leishmaniasis in South Asia serves to illustrate the

complexity of leishmaniasis in this region. There are clearly very different epide-

miological types, almost like a microcosm of this disease complex in the world,

although most of them have not received sufficient attention for detailed investi-

gation. Readers will find available information in the literature cited.

2.2 Indian Kala-azar or visceral leishmaniasis

Indian Kala-azar or AVL commands the greatest national and international atten-

tion because of its high incidence and mortality, as already mentioned, particularly

in Bihar as the epicenter at present. Indian subcontinent accounts for nearly 70% of

world’s AVL cases, amounting to several hundred thousand annual cases. India has

the world’s highest national incidence, Nepal and Bangladesh being the next.

Together, at risk of acquiring AVL is ~200 million of the population in these

three countries. In Bhutan, AVL is sporadic and widely dispersed.

During the long period from the discovery of AVL in the early twentieth century

until now [57, 58], an enormous amount of observations and experiences has been

garnered for all aspects of AVL in India. Information derived from this rich history

of investigation has thus provided the foundation knowledge invaluable for the

study of AVL worldwide. Readers are referred to the extensive reviews cited in this

article for different aspects of Indian kala-azar. Given below are very brief accounts

of some specific points of interest.

2.2.1 Clinical Features

Figure 3 illustrates the salient features of Indian kala-azar: palpable or marked

splenomegaly as the most noticeable symptom of life-threatening VL (Fig. 3a, b)

and perioral macules and papules as the rather innocuous manifestation of PKDL
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(c, d). PKDL has been reported to occur in 5–10% of the Indian VL patients after

chemotherapeutic cure but also independently of VL. Whether PKDL is the carrier

or reservoir of L. donovani for AVL is a matter of some controversy [81]. Whether

VL and PKDL are caused by the same parasite strain has not been firmly

established, resulting mainly from the small sample size of PKDL examined. This

is due in part to the difficulty of growing promastigotes from PKDL samples. In

addition, the relative innocuity of PKDL provides little incentive for patients to visit

the clinics and, when they do, to grant consent for facial sample biopsies.

Fig. 3 Patients of kala azar with splenomegaly (a, b) and post-kala azar dermal leishmaniasis with

macular rash around the mouth (c, d) in Bihar, India. Photos taken in 1995 during visits to kala azar

clinics courtesy of Sarman Singh (a) and supplied by Shyam Sundar (b–d)
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2.2.2 Splenic Aspiration, Bone Marrow Puncture, and Serodiagnosis

Biopsied samples of infected tissues are used for direct visualization of amastigotes

by microscopy for diagnosis when other means are not available, fail, or require

confirmation. Infected tissues were collected from Indian patients by splenic aspi-

ration (Fig. 4a, b) or bone marrow puncture (c, d), both requiring skills acquired

Fig. 4 Diagnosis of kala azar. Splenic aspiration (a, b) and bone marrow puncture (c, d) samples

for cultivation in NNN medium and/or by microscopy of smears for the presence of amastigotes.

Photos taken in 1995 during visits to kala azar clinics courtesy of Shyam Sundar (a, b) and Sarman

Singh (c, d). (e) Serodiagnosis of kala azar with rK39 dipsticks. A drop of blood was placed in the

absorbing pad at the bottom for upward migration. Positive diagnosis of kala azar is indicated by

the appearance of double reaction bands (single and double arrows) and negative by the appear-

ance of a single band (single arrow in sample four from the top). The developed bands can be read

more clearly by removing the bottom of the dipsticks along with the slow migrating hemoglobin,

which tends to obscure the reading (bottom four samples)
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through considerable clinical experience to minimize potential complications and

pains. Collection of these samples is indispensable for laboratory research. They are

needed for direct use in clinical pathology/immunology investigation and for

preserving the isolates in culture. For the latter purpose, infected tissues are

inoculated into susceptible animals and/or into culture media for Leishmania
replication. Successful passages of the isolates successively in vivo or in vitro

facilitate their preservation and amplification to provide the large sample size

often needed for many types of laboratory research.

Diagnosis of Indian kala-azar has been based on less invasive serology, such as

the use of rK39 dipsticks (Fig. 4e), which requires only a drop of blood. Diluted

blood is deposited on the bottom absorbing pad, whence serum immunoglobulins,

including anti-K39 antibodies, migrate upward to react with incorporated reagents,

producing the color products visible for reading in minutes. The emergence of two

bands is indicative of the presence of anti-K39 IgG, hence positive diagnosis for

kala-azar (upper three strips); the appearance of a single band validates the dipstick

used but shows no detectable anti-K39 IgG and thus kala-azar negative (fourth strip

from the top). The reaction bands remain readable after storage for>10 years when

the bottom portion of the developed dipsticks is cut off to prevent their obscuration

by the slower migrating hemoglobin (bottom four strips). The rK39 and similar

rKE16 dipsticks are the principal method in clinical use for diagnosis of kala-azar

with excellent specificity and sensitivity in India, as found elsewhere in Eurasian

continent. Recently cured VL patients and asymptomatic subjects are also seropos-

itive for rK39, precluding its use for prognosis of kala-azar in these cases.

2.2.3 Kala-azar Elimination Initiatives

Some of the measures described in Sect. 1.8 have been deployed in an attempt

to control AVL over the decades in India. Epidemic kala-azar has however persisted

with cyclic outbreaks at places in the Indian subcontinent, calling attention to an

urgent need to tackle this tenacious problem with renewed vigor. In 2005, AVL

elimination strategic plans were unveiled for implementation, as declared in the

memorandum of understanding that was jointly signed initially by India,

Bangladesh, and Nepal and later also by Bhutan and Thailand [52]. The declaration

pledged to implement the programs with a targeted goal of reducing the incidence to

<1 per 10,000 in 10 years. Financial, technical, and manpower resources were

mobilized by national and international agencies of both public and private sectors

in support of the efforts. As a result, the incidences have been substantially reduced,

especially in Nepal and Bangladesh. This initial success is highly significant,

providing the impetus to continue the efforts for completing the unmet goal.

The best-documented plan that followed is the “National Road Map for Kala-

azar Elimination” [82] that was published by the National Vector Borne Disease

Control Programme (NVBDCP), Minister of Health and Family Welfare, India, in

2014. The document (55 pages) was thoughtfully prepared with meticulous details

in collaboration with stakeholders, consisting of those in the endemic states of

India, e.g., ICMR- and CSIR-affiliated institutes (see below), and the regional
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health/public health offices and disease centers in Patna, Kolkata, and Lucknow as

well as international/foreign agencies, e.g., WHO [52], Drugs for Neglected Dis-

eases Initiative (DNDi) [83], Médecins sans Frontières (MSF) [84], and others.

Description of the plan is very thorough and in good order by covering every

imaginable action needed to take at the time, including HIV coinfection. Most

commendable is the inclusion of previous flaws for corrections, such as incomplete

or tardy execution of prescribed plans due to late arrival or reduction of the

budgeted funds. The vector control with DDT, long banned in many countries, is

a glaring surprise, but it also indicates that cost-effective insecticide is not available

as a suitable alternative. Replacement of DDT with pyrethroids has been indicated.

The “National Road Map” does not address the issue of coordination for concerted

actions with neighboring countries (but see [85]). Nor does it cover other types of

existing leishmaniasis summarized in Sect. 2.1. Overall, this is a comprehensive

strategic plan, which is expected to fulfill the stated missions toward its targeted goal,

if implemented in full. This assessment is consistent with the evaluation of disease

burdens, transmission dynamics, and other epidemiology/public health modeling by

internationally renowned experts [53–56, 86].

3 Experimental Leishmaniasis

Leishmania infection to cause leishmaniasis as described has not been examined in

a natural setting from parasite delivery by the sand fly bites to the subsequent

evolution of the disease at cellular and molecular levels. The difficulty of examin-

ing such events in human or animal leishmaniasis in the field is obvious, necessi-

tating laboratory investigation of such host-parasite interactions. Pioneer

investigators have used human volunteers, often themselves, to verify Leishmania
infection as the etiology of leishmaniasis, its transmission by sand fly as the vector,

and its zoonosis in animals, e.g., dog as the reservoir. Further investigation of

human leishmaniasis has been constrained by logistic difficulties and regulatory

compliance, limiting it to clinical observations of already diseased patients, labo-

ratory studies of their cell/tissue samples, and clinical trials of anti-leishmanial

drugs and vaccines. Attempts to fill the knowledge gaps have relied on laboratory

studies of cultured parasites and their interactions with the laboratory-reared vec-

tors and animal models. For decades, such experimental studies of Leishmania/
leishmaniasis have produced voluminous publications. Given below are a brief

summary of investigation on Leishmania and host-parasite interactions in in vitro

and in vivo experimental models.

3.1 Causative Agents

The ease of isolating Leishmania from field-collected samples in culture varies

widely, ranging from very difficult or rarely successful in some endemic sites to
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highly successful at a high rate (albeit rarely 100%) elsewhere. Information given

below is based on the work with cultured parasites.

3.1.1 Cell/Molecular Biology

Leishmania are microscopic single-cell eukaryotes or trypanosomatid protozoa,

each containing a full complement of the typical eukaryotic cell organelles:

nucleus, nucleolus, mitochondrion, Golgi, lysosomes, and endoplasmic reticulum.

Unusual cell organelles found in Leishmania include glycosomes [87] and

acidocalcisomes [88], responsible for partitioning of the glycolytic pathway and

calcium storage/mobilization, respectively. Unique to this group of protozoa are

also the subpellicular microtubules as cytoskeleton and the anterior flagellar pocket

equivalent to the food vacuole in other eukaryotic protists. A single flagellum

originates in the flagellar pocket from kinetosome or centriole, which is located

in the cytoplasm just above the kinetoplast that is packed with mitochondrial

circular DNAs concatenated in large copy number. Stainability of the DNA-rich

kinetoplast by polychromatic dye (Giemsa) facilitates the identification of

amastigotes in tissue samples for diagnosis by microscopy. As amastigotes differ-

entiate into promastigotes, the flagellum extends beyond the flagellar pocket as the

cell body increases in length and in width. The principle function of the flagellum is

to propel promastigotes forward, responsible for their mobility in the fly gut and for

interactions with mammalian host cells to facilitate infection. The flagellum may

also serve as a sensor for nutrients, such as glucose, considering the presence of

flagellum-specific glucose transporter [89]. The lining membrane of the flagellar

pocket is endowed with endocytic activities and transport mechanisms, responsible

for the uptake of nutrients and drugs [90]. Leishmania replicate as diploid cells by

mitosis and produce no morphologically distinct or identifiable sexual stages,

although genetic recombination has been shown experimentally to occur as a rare

event [91].

Leishmania are aerobic cells with many biochemical peculiarities. Most prom-

inent is their inability of de novo purine and heme biosynthesis, rendering them

dependent on the uptake of these or their precursor molecules as essential nutrients

apparently from exogenous sources in their natural habitats (Cf. Appendix—Box 2),

i.e., fly gut and the phagolysosomes of the mammalian macrophages. The metabolic

pathways unique to Leishmania include the biosynthesis of unusual glycans,

phosphoglycans, proteophosphoglycans, and lipophosphoglycans (LPG), which

together with glycoproteins (leishmanolysin, gp63 protease) form the cell surface

glycoconjugates. Bulk of these molecules is downregulated during promastigote-to-

amastigote differentiation, suggestive of their functional significance in the insect

stage and in its early interactions with host cells in the mammalian hosts. Leish-
mania-unique molecules or pathways are ideal targets to develop specific and

effective drugs against leishmaniasis, but such rationale approach has never been

seriously contemplated for lack of resources.

In general, the haploid genome of each Leishmania is ~30 megabase pairs in

size. There are ~35 paired chromosomes, variable in size from several hundred base
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pairs to ~2 megabase pairs each. The genome of L. major was first sequenced to

completion in 2005. It consists of ~33 million base pairs, including >8000 putative

protein-coding genes, of which ~3000 are clustered into >600 gene families, all in

tandem repeats. Syntenic conservation of these repetitive gene clusters is evident as

complete genome sequences became available subsequently from additional spe-

cies for comparison (see [92]). Leishmania and related trypanosomatid protozoa

regulate gene expression differently. The evolution of highly repetitive genomes in

existence suggests that gene dosage effects provide a mechanism to constitutively

regulate gene expression. Rapid changes of the genes in copy number via poly-

ploidy, episomal, and chromosomal amplification are also likely to regulate their

expression, judging from the presence of transposon elements scattered among the

>2000 repetitive sequences per genome. Operationally during Leishmania growth

cycle and differentiation, pre-mRNAs are Pol II transcribed polycistronically

followed by their spliceosome-mediated trans-splicing into 50-capped
monocistronic polyadenylated mRNAs. In Leishmania, the splicing events together
with UTR-mediated mRNA stability regulate the expression of >8000 protein-

coding genes, while the transcription of rDNAs is Pol I mediated and promoter

driven. Genomic, transcriptomic, and proteomic analyses have been completed for

a number of cultured species [93–102]. Rapid advances in the next-generation

sequencing and related technology are expected to further strengthen the genetic

and protein databases to facilitate the identification of drug and vaccine targets.

3.1.2 Phylogenetic Taxonomy, Population Genetics, and Evolution

Leishmania is divided taxonomically into subgenus Leishmania and Viannia,
consisting of some 20 different named pathogenic species, including those already

mentioned in the foregoing sections. Members of the Leishmania subgenus exist in
all continents, while those of the Viannia subgenus are limited to Central and South

America. Some species can cause diseases as described or those of intermediate

clinical symptoms. Several species are nonhuman pathogens but are normally the

parasites of gerbils (L. turanica), guinea pig (L. enriettii), or lizards (L. tarentolae).
Phylogenetic analysis of Leishmania sequences or isoenzymes from cultured

isolates segregates them into separate clades often corresponding to different

named species, regardless of the markers or probes used [103, 104]. Specific

Leishmania species/strains so identified in different endemic sites, however, do

not always produce the same disease phenotypes, independent of subspecies

sequence heterogeneity. For example, Leishmania cultured from CL patients in

some places were identified as L. infantum/L. donovani, which are associated

largely with VL in most places. Similarly, Leishmania grown from VL patients

were typed as L. tropica/L. major—the normally CL-causing species. This is also

the case often for members of the Viannia subgenus, causing either CL or MCL. At

least for those in the Leishmania subgenus, this genotype-phenotype incongruence

has been noted repeatedly, excluding inadvertent sample mixed-ups or other friv-

olous causes. Whether the selection of cultivable variants during isolation is
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associated with this incongruence is unknown, pending further investigation (see

Leishmaniome, Concluding remarks).

Subpopulation heterogeneity of individual Leishmania species collected and

grown from given endemic areas has been characterized by microsatellite and

other DNA analyses, predictive of their abundance, mobility, dispersal bottlenecks,

and evolutionary interrelationships [105]. Similar predictions have been advanced

for isolates cultured from Indian subcontinent based on whole-genome phyloge-

netic analysis [106]. The predictions from such studies are of interest and valuable

but remain tentative, since the sample size examined is relatively small and derived

from cultured promastigotes isolated from limited geographic regions. When

Leishmania DNAs were PCR amplified directly from clinical specimens, their

RFLP and sequence analysis sometimes yielded unexpected outcome, suggestive

of the presence of multiple species [107] or even other nonpathogenic

trypanosomatid protozoa, such as Leptomonas [108]. These findings raise the

possibility that the sequence database from cultured isolates may not be fully

representative of the causative agents in the patients, calling attention for a need

to examine field-collected samples directly. Parasites grown in culture may repre-

sent cultivable geographic stocks or cultivable clones from a given clinical sample,

leaving those non-cultivable ones unavailable for laboratory investigation.

3.2 Host-Parasite Interactions

Many in vitro and in vivo experimental models have been established for detailed

examinations of host-parasite interactions. Here, attention will be focused on few

examples of relevance to the main theme of this chapter.

3.2.1 Animal Models

All reservoir animals of zoonotic leishmaniasis, except domestic dog, are wild

species, which are difficult to breed in the laboratory. Animal models used for

experimental leishmaniasis thus have been limited to few laboratory animals:

largely various strains of mice, sometimes hamsters and dogs, and occasionally

primates [109]. The best animal model for VL or kala-azar caused by L. donovani is
the Syrian golden hamster. This parasite can be successively passaged as

amastigotes in these animals every month or two via i.v. inoculation, producing

heavy splenic parasite loads and clinical signs and symptoms closely mimicking

human VL (Fig. 5). However, PKDL does not develop in this or any other animal

model. Human CL also can be duplicated by needle inoculation of the footpad, ear

dermis, or tail base of various mouse strains, e.g., BALB/c with cultured

promastigotes of some strains/species, e.g., L. major, L. tropica, L. braziliensis,
L. mexicana, and L. amazonensis. The lesions produced can be self-healing or

non-healing and become protractedly necrotic.
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Mice are often used as a preferred model for studying mammalian

immunobiology in infectious and noninfectious diseases, including leishmaniasis

(e.g., [110]). This is chiefly due to the ready availability of immunological reagents

needed for qualitative and quantitative analysis of their immune mediators and cell

molecules. Equally important is the availability of knockout and knock-in mutants

of immunity-related genes that have been made easy and precise in mice, especially

with the recently developed CRYSPR/Cas9 technology. Experimental leishmania-

sis has been thus extensively studied in mice, contributing significantly to our

general understanding of the immune regulatory mechanisms. Examples include

the original discovery of Th1 and Th2 dichotomy and the immune mediators and

Fig. 5 Syrian Golden hamster in vivo model for experimental visceral leishmaniasis. Upper,
Control (non-infected) and hamster infected with Leishmania donovani (infected). The infection in
this model mimics the clinical signs and symptoms of chronic human kala-azar, e.g., anemia,

lethargy, cachexia, weight loss and death. Bottom, Splenic impression smear from a hamster

infected for >1 month, showing a macrophage replete with numerous amastigotes. Giemsa stain.

Upper panel photos courtesy of Dr. Anuradha Dube, CDRI, Lucknow, India
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cells, responsible for mouse resistance and susceptibility to L. major. This line of

investigation has now been expanded to multiple paradigms involving additional

T-cell subsets. The outcome of such investigation is expected to further advance our

understanding on the regulatory mechanisms of both innate and adaptive immunity

[111], irrespective of their immediate relevance to human leishmaniasis.

Animal models for experimental leishmaniasis are needed for screening poten-

tial anti-leishmanial drugs and vaccines. These models, including mice, will be of

value also for the laboratory maintenance of Leishmania infection and amastigote

procurement.

3.2.2 Vector Models

A number of vector species, e.g., Phlebotomus papatasi, P. dubosqi, P. sergenti,
and Lutzomyia longipalpis, have been successfully reared in the laboratory, pro-

viding sand fly colonies for the study of vector biology, vector-parasite interactions,

and experimental transmission of leishmaniasis [7, 112]. Of considerable interest

are the immunological activities of the sand fly saliva proteins as vaccines/adju-

vants in experimental leishmaniasis [113–115]. Vaccination of animal models with

saliva antigens protects them from challenges with Leishmania delivered by the

bites of infected vectors [29, 116]. Such observations of fly saliva are novel, but

unique to experimental leishmaniasis, since there have been little or no similar

findings with other vector-borne diseases, e.g., mosquito-transmitted malaria.

3.2.3 Leishmania-Macrophage In Vitro Models

It has long been known that Leishmania parasitized patients by taking residence

exclusively in their macrophages—mononuclear phagocytes that normally ingest

and digest invading pathogens. Leishmania infection of primary cultures or cell

lines of human and animal macrophages thus has been extensively studied in vitro.

Figure 6 presents some essential elements and events of the infection in such

in vitro models, i.e., in vitro cultured promastigotes (a) and their transfectants

with green fluorescent protein (b), the attachment of promastigotes to macrophages

(c), and intracellular entry of promastigotes and their differentiation into

amastigotes in a parasitophorous vacuole (PV) (d, e). The intracellular amastigotes

of some species are amenable to isolation from heavily infected macrophages of the

J774 cell lines (Fig. 6f).

Leishmania infection of macrophages with different species shows common

features but also differences among different host-parasite combinations used.

Receptor-mediated endocytosis is generally accepted as the mechanism for the

entry of promastigotes into macrophages, involving the binding of promastigote

surface molecules, e.g., LPG and gp63, as the ligands with multiple receptors of the

macrophages examined [117–119]. Leishmania surface protease gp63 has been

proposed to suppress the induction of noncoding Alu RNA and 7SL
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RNA-mediated inflammatory and cytotoxic activities of macrophages, thus favor-

ing the establishment of Leishmania infection in these otherwise hostile immune

cells [120, 121]. The endocytosed promastigotes end up in the endosome-lysosome

vacuolar system [122–124] (Cf. Appendix—Box 3 and Commentary) where they

differentiate into amastigotes and replicate in this acidic hydrolytic environments.

Indeed, under the conditions of lysosomal acidic pHs and mammalian body tem-

peratures, some Leishmania spp. do differentiate from promastigotes into

amastigotes and replicate continuously as axenic amastigotes in the absence of

macrophages. Recent evidence indicates that ferrous reductase/iron transporter

plays a role in Leishmania differentiation for successful intracellular parasitism

[125] and that a unique glycan with terminal N-acetylgalactosamine of L. donovani
plays a role in its infectivity to macrophages and antimonial resistance [126]. Leish-
mania infection suppresses the functions of macrophages, as indicated by the

unresponsiveness of infected cells to signals for immunity-eliciting events, i.e.,

respiratory burst, IFN-γ production, inflammasome activation, and antigen presen-

tation due to sequestration of MHC molecules to the parasitophorous vacuolar

membrane. Comparative analysis of the transcriptome profiles between infected

and noninfected macrophages has revealed these and other differences.

Fig. 6 Leishmania-macrophage in vitro model for studying host-parasite cellular interactions.

(a, b) In vitro cultured promastigotes and their GFP (green fluorescence protein) transfectants,

respectively; (c) Attachment of promastigotes to a hamster macrophage; (d, e) Differentiation of

endocytosed promastigotes into amastigotes and replication of the latter in a communal

parasitophorous vacuole of a macrophage; (f) Amastogotes isolated from infected culture of

J774 macrophage line. (a, d): Phase contrast; (b, e, f): GFP fluorescence; (c) Giemsa-stained

methanol-fixed sample

22 K.P. Chang and B.K. Kolli



The parasitophorous vacuoles (PVs) where Leishmania take residence for

replication are unique. They are not an exclusive or secluded intracellular site but

in continuum with the extracellular milieu of the infected macrophages via their

endocytic pathway. There are different types of PVs (Fig. 7): (1) fluid-filled large

PVs, each containing amastigotes in variable numbers (a); (2) small PVs, each

containing one to several amastigotes (b); and (3) tight-fitting PVs, each with a

single amastigote without visible vacuolar space (not shown). Fluorescent macro-

molecules, e.g., FITC-dextran endocytosed by infected macrophages, emerge in the

PVs, regardless of whether they are the large ones produced by L. amazonensis
(Fig. 7a–c) or the small ones by L. tropica (Fig. 7d, e). Similarly, infected macro-

phages may endocytose other substances, like hemoglobin or erythrocytes, and

shuttle them into the PV, thereby providing heme and other essential nutrients to the

Leishmania therein (Cf. Appendix—Box 2). Intra-PV amastigotes are thus nutri-

tionally less host cell dependent than obligate intracellular pathogens. This is

supported by the successful cultivation of some Leishmania species as axenic

amastigotes under host cell-free conditions.

Fig. 7 Accessibility of the endosome/lysosome-dwelling amastigotes to the extracellular milieu

of Leishmania-infected macrophages. (a and d) Large and small parasitophorous vacuoles

(PV) produced by Leishmaia infection of J774 macrophages, respectively. Addition of FITC-

dextran (MW ¼ ~185,000) to the infected culture resulted in fluorescent PVs (b, c and e, f). Such

intra-phagolysosomal parasitism is rare and has significance in nutritional requirements of intra-

cellular Leishmania, chemotherapy of leishmaniasis and host immunity
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Leishmania metastasis is typically depicted to result from the infection of

previously noninfected macrophages by amastigotes that are set free after the

disintegration of heavily parasitized cells (Fig. 1, Upper). An additional or alterna-

tive mode of metastasis has been proposed. Heavily parasitized, albeit still intact

macrophages may be recognized as degenerating or damaged cells by the immune

system and thus marked for clearance by “scavenging phagocytosis.” Metastasis of

amastigotes in this way has the potential advantages of allowing them to avoid

leishmanolytic factors present in the extracellular milieu and to infect multiple host

cells simultaneously.

3.2.4 Future In Vitro and In Vivo Models

The in vitro studies of host-parasite cellular and molecular interactions have made

considerable head way with the advent of new molecular, immunological, and

imaging tools. Together with the in vivo animal models, the use of these tools has

created a rich source of imaginative ideas in conjunction with the advances in

immunobiology. The early host-parasite interactions are clearly a critical phase in

natural infection to set the stage for the development of leishmaniasis. Exactly how

the parasite, vector, and host molecules interact for Leishmania to achieve a

successful parasitism still remains enigmatic (Cf. Appendix—Box 3 and Commen-

tary). Attention has been devoted to many different areas of investigation, espe-

cially the signal pathways of toll-like/nod-like receptors in innate immunity. The

intricacy of such pattern/danger recognition systems in relation to the adaptive

immunity to Leishmania has been under intensive investigation [127]. Two addi-

tional areas of relevance are worthy of mention. One is the intervention of other

nonimmune and immune cells in the initial host-parasite interactions, including the

early responding neutrophils [128]. Another is the discovery of exosomes, which

were reported to originate from Leishmania and/or Leishmania-infected cells for

delivery of mediators to regulate the activities of distant immune cells [129]. These

interesting laboratory observations await further investigation for extrapolation to

natural infection. Laboratory findings like these have the potential to provide

explanations for and may lead to clinically relevant applications. One example is

the therapeutic effectiveness of amphotericin B that is dramatically enhanced when

encapsulated in liposomes. This is due in large part to their increased endocytic

uptake by infected macrophages, thereby targeting the drug specifically to the

amastigotes in their PV, like FITC-dextran as shown in Fig. 7.

Extrapolation of most laboratory findings to the real world of clinical leishman-

iasis still requires our additional efforts to develop effective tools, for example,

in vitro 3D human tissue/organ models, realistic or virtual systems, and humanized

animals. Infection of a hematopoietically humanized mouse model with L. major
produced encouraging outcome, showing its potential utility for assessing human

immune responses and for drug screening [130]. Further improvement of this and

other models is expected to facilitate the verification of laboratory findings more

readily for their clinical relevance.
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3.3 Leishmania Model for Microbial Virulence [131, 132]

Figure 8 presents a hypothetical scenario to explain how Leishmania causes leish-

maniasis and its resolution. The progression of leishmaniasis can be divided into

three phases: (1) incubation period, the early stage of infection by vector-delivered

promastigotes before any noticeable disease signs or symptoms; (2) disease phase,

subsequent development of the amastigote-induced clinical symptoms and signs;

and (3) resolution, spontaneous or chemotherapeutic cure followed by lasting

immunity (Fig. 8, steps I–III). The manifestation of these three phases presumably

results from the host immune response (or the lack of it) to the three different sets of

Leishmania molecular determinants.

The first set consists of Leishmania invasive/evasive determinants, which allow

promastigotes to overcome the innate immunity of the host for successful parasit-

ism of its macrophages. This set includes mainly the promastigote surface and

secretory products, frequently referred to as “virulence factors” in the literature.

Their functional significance in the sequential order of infection is listed as follows:

(1) resistance to antimicrobial cellular and soluble factors in the host body fluids, as

first encountered by promastigotes after entry, (2) promotion of their phagocytosis

by macrophages for residence in the phagosome-lysosome vacuolar compartment

of these phagocytes, (3) neutralization of the antimicrobial factors in this compart-

ment for the survival of promastigotes and their differentiation into amastigotes,

and (4) modifications of the infected cells to avoid immune surveillance and

facilitate amastigote replication (Cf. Appendix—Box 3 Commentary). The

Fig. 8 Diagrammatic depiction of host-parasite interactions in leishmaniasis. The progression of

leishmaniasis is depicted to follow sequential events (infection, disease and cure), resulting from

the interactions of multiple sets of pathogen molecule and host immune determinants. Invasive/

evasive determinants and innate immunity, Leishmania molecules responsible for invasion of

host/host cells and evasion of host innate immunity; Pathoantigens and disease, Putative parasite

molecules responsible for immunopathology manifestation of the disease; Vaccines and cure,

Leishmania antigens responsible for activation of adaptive immunity to effect a cure with lasting

immunity that occurs spontaneously or after chemotherapy. Independent regulation of these

determinants is proposed to account for different clinical outcomes observed (see text)
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invasive/evasive determinants are often downregulated as promastigotes differen-

tiate into amastigotes and are not known to cause pathology in the host. However,

intra-macrophage parasitism due to the activities of these determinants is a prereq-

uisite for the subsequent manifestation of virulence in leishmaniasis.

The second set of determinants is of amastigote origin and referred to as the

disease-causing “pathoantigens.” Their interaction with the immune system is

envisioned to result in immunopathology, responsible for the main clinical mani-

festations in leishmaniasis. The best evidence for this is the

hyperimmunoglobulinemia that is a well-known clinical sign of VL, marked by a

reversal of the normal albumin: IgG ratio in patients’ sera. The excessive IgGs

produced include anti-Leishmania antibodies, which are specific largely to

amastigote intracellular antigens and are thus non-protective. Instead, these and

other antibodies form aggregates and immune complexes, producing kidney, hema-

tological, and other disorders. The B-cell epitopes for some of these Leishmania
molecules are known, as they have been categorized and identified for use as the

antigens for serodiagnosis, e.g., the 39 aa repeats of kinesin (rK39) [12]. Other

clinical symptoms of leishmaniasis may be associated with the same or different

Leishmania “pathoantigens,” which may be identified as pathological T-cell epi-

topes. Inference of their existence finds examples in the immunopathology models

for microbial, viral, and autoimmune diseases.

The third set of Leishmania determinants is the naturally occurring immunity-

inducing vaccines. Their existence is indicated by the clearance of the disease

followed by the development of lasting immunity in patients after spontaneous or

therapeutic cure of leishmaniasis. Leishmanization is the crudest form of effective

immunization that makes use of the full complement of all-natural vaccines present

in live Leishmania, as does the suicidal mutants genetically or chemically modified

in vitro. The natural vaccines may include the peptides, which have been shown to

confer prophylactic activity in vaccination trials. Ongoing efforts to produce more

effective vaccines are expected to identify additional molecules of these Leish-
mania determinants.

The proposed model makes it possible to explain the spectrum of Leishmania
virulence (as defined by the severity of the clinical outcomes) solely on the basis of

up- and downregulations of specific parasite determinants. For example, asymp-

tomatic infection and non-healing disease may result from downregulation of

pathoantigens and vaccine molecules, respectively. The proposed model is appli-

cable to the general population, consisting of mostly immune-competent individ-

uals. The roles of the parasite determinants in regulating Leishmania virulence

become more complicated and less predictable for the immunocompromised sub-

populations. Immunosuppression is known to result from human genetic defects,

malnutrition (Cf. Appendix—Box 1), HIV coinfection, or other causes. These

immunocompromised subpopulations suffer from systemic immune dysfunction

and paralysis, rendering them generally more susceptible to many different infec-

tious diseases. Immunopathology produced under the circumstances is less predict-

able based on the model presented.
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4 Basic and Applied Kala-azar Research in India

A vibrant and active biomedical research community has long existed in India,

under the aegis of both national and international organizations, for basic, clinical,

and other researches of kala-azar. There are internationally sought-after kala-azar

clinics in the well-established endemic sites, drug/vaccine production facilities, and

many kala-azar research laboratories. Nowhere else in the world can one find

another country, except perhaps Brazil, to match India in the scale of dedication,

devotion, and contribution to kala-azar research. Given below are examples of

some Indian institutions and recent kala-azar research to illustrate the points.

4.1 Indian Institutions with Kala-azar Research Components

Some Indian government agencies, which provide administrative and financial

support:

CSIR: Council of Scientific and Industrial Research http://www.csir.res.in/

DBT: Department of Biotechnology http://www.dbtindia.nic.in/

ICMR: Indian Council of Medical Research http://www.icmr.nic.in/

DST: Department of Science and Technology http://www.dst/gov.in

Some institutions with active kala-azar research laboratories:

All India Institute of Medical Science (AIIMS), New Delhi, http://www.aiims.edu/

en/component/search

Banaras Hindu University Institute of Medical Sciences (BHU-IMS), Varanasi,

http://www.bhu.ac.in/ims/

Central Drug Research Institute (CSIR-CDRI), Lucknow, http://www.cdriindia.

org/home.asp

Indian Institute of Chemical Biology (CSIR-IICB), Kolkata, http://www.iicb.res.in/

Jawaharlal Nehru University (JNU), New Delhi, http://www.jnu.ac.in/

Kala-Azar Medical Research Center (KAMRC), Muzaffarpur, http://www.tuugo.

in/Companies/kala-azar-medical-research-center/0150003454869#!

National Institute of Immunology (DBT-NII), New Delhi, http://www.nii.res.in/

National Institute of Pathology (ICMR-NIP), New Delhi, http://instpath.gov.in/

National Center for Cell Science (DBT-NCCR), Pune, http://www.nccs.res.in/

Rajendra Memorial Research Institute of Medical Sciences (ICMR-RMRI), Patna,

http://www.rmrims.org.in/

Jamia Hamdard (University), New Delhi, http://www.jamiahamdard.edu

Not listed are also many other additional public and private laboratories and clinics

in India.
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4.2 Indian Kala-azar Research

The work that originated from Indian institutions covers a full range of disciplinary

areas. This can be illustrated by a brief summary of randomly selected examples

after scanning recent publications by PubMed search. Epidemiology studies have

long been undertaken for both CL [69, 75] and VL [55, 56, 133] with the contin-

uation by the local health stations expected in all endemic areas. There are publi-

cations pertinent to the origin, epidemiological significance, and treatment of

Indian PKDL [81, 134]. Of epidemiological interest are the work, which questions

the IRS efficacy of DDT for vector control [135], and the preliminary observation

of promastigote growth from goat, implying its reservoir potential (S. Singh,

Personal communication [136]). Confirmation of both will figure significantly in

kala-azar elimination initiatives. Asymptomatic human infection has been well

documented clinically by multiple groups with the recognition of its significant

implication in epidemiology, posing challenges to the control programs [23–

26]. For serodiagnosis, a variant version (rKE16) of rK39 was developed commer-

cially, showing excellent specificity and sensitivity in rapid test formats for Indian

kala-azar [11] and for Leishmania-HIV coinfected cases [137]. Most exciting is the

recent report of dipsticks using urine for noninvasive diagnosis of AVL and PKDL

[138]. In clinical immunology, T-cell regulatory cytokines were analyzed [139–

141] that have relevance to immunotherapy of VL patients [142]. In experimental

immunology, anti-Leishmania immune response was reviewed with a focus on

TLR-CD40 cross talk [143]. Of relevance are two laboratory findings: Leishmania
tyrosyl tRNA-synthase mimicry of host chemokine [144] and the therapeutic

implication of cholesterol-mediated MHC conformational changes in relation to

CTL activities [145]. Further translational research of such findings will be of

interest. Of significance are the experimental studies on the apoptosis of Leish-
mania (Cf. Appendix—Box 4) and autophagy of infected macrophages

(Cf. Appendix—Box 1), both having biological and immunological implications

in regulating host-parasite interactions. Clinical trials for the efficacy of anti-

leishmanials, e.g., AmBisome and paromomycin [38, 39], have been completed

and alternative treatment options developed [35]. Chemotherapy of kala-azar was

comprehensively reviewed [34–36] and studied by screening compounds such as

enzyme inhibitors, e.g., pyrimidine analogues [146], and for identification of drug

targets, e.g., pteridine reductase [147], lipid antigen delivery [148], Aurora kinase

[149], nucleoside diphosphate kinase [150], and screening natural and other prod-

ucts and development of delivery strategies [151, 152] for anti-leishmanial activ-

ities. Vaccine development has received perhaps the greatest attention, as indicated

by the publication of many reviews on this subject (e.g., [30–33]) and half a dozen

potential vaccine candidates under investigation, e.g., centrin gene knockouts

[153, 154], KMP-11 [155], kinesin motor domain [156], ORF-F DNA [157],

hemoglobin receptor [158, 159], and NAD-dependent SIR-2 protein [160]. A

multivalent vaccine, consisting of all these candidates, may be of interest to

develop. Application of -omic biotechnology has been accomplished by different
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laboratories for genotype and phenotype analysis of L. donovani [94–101] and

vector [161]. A surprise finding is Leptomonas grown from VL patients based on

the genomic analysis [108].

The summary provided above is not an exhaustive literature review but exem-

plifies the depth and breadth of kala-azar research in India.

5 Concluding Remarks

5.1 “Leishmaniome” and Diversity of Leishmaniasis

The study of leishmaniasis in South Asia has identified two issues, which are of

importance to consider for their relevance to the control of this disease complex at

large.

One issue is related to the findings that Leishmania are taxonomically more

divergent than expected in some endemic sites. Phylogenetic analysis of sequence

data [104] showed such divergence in the CL samples from the Satluj river valley

(Fig. 2, blue), suggesting that L. infantum and L. tropica are present in different CL
patients and even coexist in a single patient lesion [76]. Lending credence to this

unexpected finding is a similar conclusion that is also based on sequence analysis of

the CL samples, albeit from a different endemic site, i.e., the hilly southeast Turkey

[107]. Notable in both studies is the use of limited materials from the original

lesions instead of promastigotes grown from the amastigotes therein, since they are

difficult to culture in vitro. These inadvertent observations raise the question of

whether promastigotes grown from infected tissues are indeed, as often assumed,

representatives of all Leishmania in given endemic sites. The same issue was also

raised by the findings that Leptomonas instead of L. donovani emerged in culture

from the splenic aspirates of kala-azar patients [108] and in association with PKDL

isolates [162] based on genomic sequencing. While further confirmation of this

Leishmania-Leptomonas coexistence is desirable, the cross-taxon sequence hetero-

geneity seen in infected tissues is suggestive of “leishmaniome,” akin to

“microbiome.” While leishmaniome is not expected to be as divergent as

microbiome of our gut flora, its prevalence in other endemic sites warrants inves-

tigation by examining amastigotes directly in infected tissues in addition to cultured

promastigotes. This is doable by laser microdissection microscopy of infected

tissues for isolating individual amastigotes followed by single-cell whole genomic

sequencing. Leishmaniome, if verified to exist in many endemic sites, would have

significant implications in considering all aspects of leishmaniasis, including the

identification of the true culprits of the disease as the right target for investigation.

Another important issue is the necessity of studying the different epidemiolog-

ical types of leishmaniasis in India and its neighboring countries (Fig. 2). The

current efforts focus only on kala-azar and PKDL. This inattention to the remaining

disease types will increase the risk of their persistence and spread. In all endemic

areas with different disease types, VL patients have been reported and often
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considered as imported from the AVL/PKDL endemic areas. Investigation of these

cases is needed to rule out the possibility that they may be in fact transmitted locally

by indigenous vector and Leishmania species. Importation of leishmaniasis from

one endemic area to another is expected to increase with increasing population

mobility, and clinical manifestations of the patients are unreliable to distinguish

different epidemiological types, e.g., ACL/ZCL versus PKDL and AVL versus

ZVL. A full-fledged, long-term investment is needed to investigate all epidemio-

logical types in different endemic sites—an indispensable element in the road map

toward the success of the kala-azar elimination programs.

5.2 Issues Emerged from South Asia Kala-azar Elimination
Initiatives

Section “Kala-azar Elimination Initiatives” briefly summarizes the current road

map to kala-azar elimination in South Asia. Unforeseen roadblocks are expected to

emerge, requiring timely attention during the appropriate phases of program

implementation.

Policy and management issues are more amenable to rectification as they

emerge, such as the need:

1. To develop consensus parameters for assessing progress and endpoint of kala-

azar elimination jointly by the pledged countries.

2. To expand vector studies and unify the control measures, i.e., the use of DDT in

India versus pyrethroids in Bangladesh and Nepal. It is understood that India has

phased out DDT and is now using pyrethroids.

3. To formulate a uniform policy for developing vaccines by Indian companies,

i.e., Zydus and Gennova.

4. To consolidate the strategies for effective chemotherapy. These include the use

of DNDi miltefosine and paromomycin combination, the availability of clinics

needed for delivering one-shot-to-cure AmBisome, and mitigation of patients’
cross-resistance to both miltefosine and pentamidine.

Recognition of these emerging issues by the authority offers the opportunity for

policy adjustments, thereby making these problems more manageable. Long-term

investment will be needed for in-depth laboratory studies and field work of sand fly

vectors and drug-resistance mechanisms.

Development of “biomarkers” is crucial for successful implementation of kala-

azar elimination programs, such as differentiation of cured from relapse cases and

diagnosis of drug-resistant, PKDL, and asymptomatic cases. Asymptomatics

account for as much as 4% of the “Musahars” subpopulation in Bihar, but this

needs to be ascertained. “Reliable” biomarkers to specifically determine all these

different clinical and subclinical cases are inherently difficult to develop.

“Leishmaniome” approach may offer some hope for finding unique Leishmania
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sequences for evaluation. Methodology is available to detect such sequences in the

infected tissues directly by PCR or patients’ antibodies to their products. Identifi-

cation of phenotype-specific antigens will facilitate assays of the host response to

them by DTH and cytokine release.

5.3 Indian Leadership in One-Health Approach to Research
Collaboration

Sections 4.1 and 4.2 briefly introduced the extent of Indian administrative, clinical,

and research institutions, research laboratories, and diversity. The depth and

breadth of this enterprise are substantial, putting India, with or without outside

input [163], as a de facto leader in kala-azar research. Provision of additional

incentives will further strengthen the already ongoing interlaboratory,

interinstitutional, and international collaborative research activities as well as to

foster One-Medicine, One-Health [164], and One-World [19] approach for closer

integration of different disciplinary areas (Cf. Appendix—Box 5). “Leishmania
without border” is evident from the existence of different clinico-epidemiological

types of leishmaniasis that spread in different countries with contiguous areas of

similar geographic landscape and topology in South Asia (Fig. 2). Cross-border

collaboration to elucidate the relationship of various leishmaniasis types is desir-

able to hasten the goal toward kala-azar elimination.
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Appendix

Box 1: Malnutrition, Autophagy, and Susceptibility to Kala-azar

Contributed by: Syamal Roy

National Institute of Pharmaceutical Education & Research

Jadavpur, Kolkata, India

There is an interesting relationship between nutritional deficiency and aggra-

vation of kala-azar. Kala-azar patients in Bihar are malnourished. Starvation

induces autophagy. When autophagy is triggered in macrophages in vitro

either by pharmacological mediators or by starvation, infection of these cells

with SAG-resistant Leishmania donovani (LD) results in its exuberant intra-

cellular replication (1). Interestingly, this was not seen when these macro-

phages were infected with SAG-sensitive parasites (1). The autophagic cells

after infection undergo apoptosis, which then may favor parasites to egress

and accelerate cell-to-cell transmission and dissemination (1), as shown in the

cases of a wide variety of bacteria and apicomplexan parasites (2). In our

earlier work, GP63 was shown to cleave dicer that inhibits maturation of miR

122, which constitutes ~80% of the hepatic microRNAs and is important for

lipid metabolism (3). This is known to cause hypocholesterolemia, as gener-

ally noted to be severe among kala-azar patients (4). The cholesterol level in

some patients is lowered to one-tenth of the normal level. It is well known

that cholesterol is important in maintaining the conformation of membrane

proteins like acetylcholine receptor and serotonin receptor (5), MHC-II

(continued)
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Box 1 (continued)

protein (6, 7), and also for the lateral mobility of membrane protein (8).

Leishmania infection of antigen-presenting cells, like macrophages and den-

dritic cells, has been shown to significantly alter the kinetic parameters of

peptide-MHC-II stability (Kon and Koff kinetics), resulting in immune dys-

function (9). This is perceived as part of the mechanisms (10), coupled with

decrease in membrane cholesterol (11, 12) by which intracellular LD manip-

ulates host metabolic pathways and contributes to the aggravated pathogen-

esis. Thus, autophagy pathway may contribute to aggressive infection in the

mammalian host by the antimony resistant LD as compared to the sensitive

ones. Metabolic dysfunction induced by the LD infection may contribute to

the establishment of the infection in the mammalian host.
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Box 2: Leishmania Acquires Heme from Host Hemoglobin

Contributed by: Amitabha Mukhopadhyay

National Institute of Immunology, New Delhi, India

A rational approach to search for a novel drug/vaccine target against intra-

cellular pathogens is the exploitation of biochemical differences between the

parasite and its mammalian host. Leishmania is auxotroph for heme, as the

parasites lack complete heme biosynthetic pathway (1). Heme is a critical

prosthetic group required by the parasites for several metabolic pathways.

Thus, heme acquisition process in Leishmania could be a potential target (2).
However, how parasites acquire heme is not well depicted. Interestingly, it

has been shown that Leishmania expresses a high-affinity receptor for hemo-

globin (Hb) in the flagellar pocket of the parasites (3). Hemoglobin first binds

to this high-affinity receptor (HbR) and endocytosed via a clathrin-mediated

process (4). Subsequently, Hb is internalized into early endosomal compart-

ment in the parasite via Rab5-regulated process (5, 6). Finally, internalized

Hb is targeted to the parasite lysosomes by Rab7-dependent process where it

is degraded to generate intracellular heme, which parasites use for their

survival (7). Interestingly, it has been shown that HbR is a surface-localized

hexokinase, a glycolytic protein (8). Thus, HbR regulates two major functions

in parasite: (a) it acts as Hb receptor on cell surface to acquire heme and (b) it

also regulates glycolysis. Moreover, it has been shown that blocking the Hb

uptake by anti-receptor antibody or inhibiting the targeting of internalized Hb

to the lysosomes is detrimental for the parasites, rendering them unable to

acquire heme from Hb degradation. In addition, it has been shown that newly

synthesized HbR exit the endoplasmic reticulum (ER) via COPII-regulated

process and targeted to the cell surface by Rab1-independent unconventional

secretory pathway (9, 10). Interestingly, knocking down of these regulatory

proteins by specific siRNA inhibits parasites’ growth. These results unequiv-
ocally prove that parasites acquire heme from Hb.

As HbR is found to regulate two major functions in parasite, therefore

HbR could be a potential new target. Consequently, HbR is evaluated as

potential vaccine candidate against visceral leishmaniasis. It has been shown

that vaccination of mice and hamsters with HbR-DNA constructs inhibits

more than 99% splenic and hepatic parasite burden in comparison to infected

and vector control animals. It has been shown that impaired T-cell response

and inhibition of IL-2 production are associated with VL. Interestingly, it has

been shown that HbR vaccination can reverse the impaired T-cell response

with higher production of IL-2 and induce Th1 protective response (11).

These results demonstrate that HbR-DNA immunization offers major advan-

tages over other vaccine candidates against VL because it is functionally

important in the parasite life cycle, conserved across various Leishmania
species, and naturally immunogenic in VL patients.

(continued)
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Box 2 (continued)
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Box 3: Leishmania Survive in Phagolysosomes (Misnomer)

Contributed by: Amitabha Mukhopadhyay

National Institute of Immunology, New Delhi, India

Ref: Verma JK, Rastogi A, Mukhopadhyay A. Leishmania donovani

resides in modified early endosomes by upregulating Rab5a expression via

the downregulation of miR-494. Plos Pathog. 2017;13:e1006459.

Several intracellular pathogens block the phagosome maturation to lyso-

somes in the host cells for their survival. Rab GTPases are the central

regulators of membrane trafficking pathways; therefore, most of the intracel-

lular pathogens modulate the function of host endocytic Rab GTPase spe-

cially the Rab5 to inhibit their lysosomal targeting. In contrast, Leishmania
are thought to reside in phagolysosomal compartment in mouse macrophages

as the Leishmania-containing parasitophorous vacuole (PV) recruits lyso-

somal markers such as Lamp1, Lamp2, and cathepsin D. However, how

parasites survive in such a detrimental compartment in a cell is not well

demonstrated. Recently, we have shown that Leishmania donovani specifi-
cally upregulates the expression of Rab5a by inhibiting the synthesis of

miR-494 in human macrophages which negatively regulates the expression

of Rab5. Leishmania downregulates the expression of miR-494 by degrading

c-Jun via their metalloprotease gp63. Subsequently, L. donovani recruits and
retains these overexpressed Rab5a along with early endosome-associated

antigen (EEA1) on PV to reside in early endosomes. Recruitment of Rab5a

on Leishmania-containing PV promotes fusion with early endosomes to

inhibit transport to the lysosomes. Finally, we have found that the parasite

also modulates the early endosome by recruiting Lamp1 and inactive

pro-cathepsin D on PV via the overexpression of Rab5a in human macro-

phages. Thus, Leishmania resides in early endosomes not in phagolysosomes

as thought earlier. But PV also recruits lysosomal enzymes in immature and

inactive form in human macrophages which help the parasites to survive in

human macrophages.

Interestingly, overexpression of Rab5 by downregulating the synthesis of

miR-494 happens only in human and hamster macrophages, but not in mouse

macrophages as miR-494 target site is absent in the 3’-UTR of mouse Rab5a.

Thus, our results unequivocally prove that Leishmania resides in modified

early endosomes in human macrophages but also resolve the controversy why

it was thought that Leishmania resides in phagolysosomal compartment using

mainly mouse macrophages. Thus, these results also indicate why among the

two animal models of leishmaniasis, hamster model mimics human infection,

whereas Leishmania infection is self-healing in mouse.

(continued)
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Box 3 (continued)

Commentary on “Leishmania Survive in Phagolysosomes: Misnomer” by

KP Chang

Since the 1970s, Leishmania have been recognized as a phagolysosomal

parasite of the macrophages—its exclusive host cells in susceptible animals.

This conclusion was drawn by a number of early investigators from their

work on Leishmania infection of macrophages in vitro and in vivo in animal

models. In infected macrophages, Leishmania-containing vacuoles (PVs) and
phagolysosomes are congruent in their physical and chemical properties, as

shown by multiple experimental approaches, i.e., (a) particulate or fluorescent

tags of the secondary lysosomes emerge in the endosomes, which contain

Leishmania, e.g., L. donovani, in human peripheral blood monocyte-derived

macrophages (1); (b) acidity of the PVs, as measured under living conditions

of L. donovani-infected macrophages based on pH-dependent changes in the

fluorescence intensity of FITC-dextran (2); (c) cytochemical localization of

lysosomal enzyme activities in the PV, e.g., alkaline phosphatase and

myeloperoxidase reaction products deposited in the PV of L. donovani-
infected human primary phagocytes-monocytes, neutrophils, and eosinophils

(3); and (d) co-localization of L. donovani with phagolysosomes in the liver

from infected animals after subcellular fractionation (Andre Trouet; 4).

Together, all these lines of evidence indicate that L. donovani does reside

in phagolysosomes shortly after in vitro infection of macrophages from

human and other mammalian hosts and after in vivo infection of animals to

a steady state.

Inconsistent with the previous conclusion are more recent work based

chiefly on the “Rab cascade model” to explain the regulation of directional

and orderly trafficking of vacuoles/vesicles for the transport of their cargoes

along the mammalian endocytic and secretory pathways. There are dozens of

Rabs or GTPase isoforms and other membrane proteins, which tether to the

cytoplasmic side of the vacuoles. Some RabGTPases are thought to be the

master regulators, which order the events of membrane trafficking and reg-

ulate the localization of the subsequent Rabs, thereby determining indirectly

the identity of vacuoles/endosomes and their functional status. These and

other membrane-associated proteins are regulated by a network of signal

pathways and indirectly by microRNAs. The readout of these and related

vacuolar membrane molecules is based invariably on immunofluorescent

microscopy of fixed cell samples and Western blot analysis in conjunction

with the use of inhibitors and cutting edge, albeit globally affecting genetic

approaches: specific gene knockdown/knock-in, transcriptome/miRNA anal-

ysis, etc. This powerful combination of cellular and molecular tools allows

one to scrutinize the PV membrane proteins and, more importantly, to

(continued)

40 K.P. Chang and B.K. Kolli



Box 3 (continued)

manipulate them for predicting the intracellular location and fate of intracel-

lular pathogens. The burgeoning literature in this field includes excellent

work on the PV-associated membrane molecules after endocytosis of Leish-
mania by macrophages. Interested readers are referred to the publications in

this area of investigation for details. It suffices to briefly mention a couple of

examples: Albert Descoteaux and his colleagues have long reported inhibi-

tion/modulation of phagosome maturation by Leishmania
lipophosphoglycans (LPG) and Zn-metalloprotease (gp63) in macrophages

after infection in vitro with metacyclic promastigotes of L. major (5, 6); Peter
Kima and his colleagues described the association of ER markers with

Leishmania-containing endosomes, thereby considering them as chimeric

(7, 8). The most recent paper described above by Amitaba Mukhopadhyay

and his colleagues presents an excellent piece of work to further advance our

understanding on the molecular events of the PV membrane proteins during

the early infection of human macrophages in vitro by L. donovani. Key points
of relevance are recapitulated very briefly as follows: the parasite-secreted

gp63 apparently downregulates c-Jun in the pathway necessary for the

expression of miR494, which regulates Rab5a negatively. The resulting

upregulation of Rab5a promotes its sequestration to the PV, thereby keeping

them as early endosomes and preventing its replacement with Rab7 necessary

for their maturation into late endosomes and phagolysosomes. Extensive data

of excellent quality are presented in support of the interpretations based on

the “Rab cascade model” and the novel discovery of miR494 with regulatory

role specific to THP-1- and HPBM-derived human macrophages.

The foregoing paragraph provides a glimpse of the current conceptual

basis and technical approaches to dissect early Leishmania-macrophage

membrane interactions in vitro. New discoveries as described warrant further

investigation in greater details to bridge the gap of their discordance with the

previous findings and to advance the field. Some recommendations are given

below for consideration:

Foremost is perhaps to examine the PV in the infected macrophages

ex vivo derived from lesion aspirates of patients’ spleen, bone marrow, or

skin and, if known, reservoir animals. Examination of such samples for the

vacuolar membrane marker proteins and the vacuolar contents will shed light

on the properties of well-established PV in clinical infection with direct

relevance to the diseases. Clinical correlation of laboratory discoveries has

become increasingly mandatory for acceptance by examining archived dis-

ease tissues for verification. Such clinical materials are readily available from

kala-azar patients for investigation in the endemic countries, such as India. It

would be highly desirable to directly examine, in the natural setting, the very

(continued)
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Box 3 (continued)

early infection of human macrophages by sand fly-delivered promastigotes.

This is difficult, if not impossible, to accomplish. The closest simulation of

such natural infection is to develop an in vitro organ system, which mimics

human skin, e.g., 3D printed skin with draining vasculatures for examining

macrophages and other phagocytes in vitro for endocytosis of Leishmania
delivered by infected vectors. Given that such an experimental model is not

available, the next best to consider is perhaps to obtain in vivo infected

macrophages for ex vivo study of their PV, e.g., inoculate mammalian

peritoneal cavity or artificially produced skin blister/pouch with infective

promastigotes plus sand fly saliva. In vivo infected macrophages are then

withdrawn from these sites periodically for ex vivo examinations of their PV

in a time course. While still artificial, this experimental approach is perhaps

closer to reality than the methodology in use, i.e., exposure of glass- or

plastic-adhered macrophages to in vitro grown promastigotes alone in culture

medium. The merit of this in vitro system is its simplicity for use to study

endocytosis of inert particles, from which “Rab cascade model” is derived as

a plausible explanation for phagosome maturation and its regulation as

discussed. In that sense, by using the similar in vitro system, the work

under discussion contributes significantly to this model by the discovery of

miR494 for its novel role in regulating Rab5a. Intervention of this and other

regulatory molecules by gp63 and LPG is a very acceptable scenario, con-

sidering that both are released, as they are downregulated during

promastigote-to-amastigote differentiation after Leishmania infection of

macrophages. Leishmania differentiation, akin to cellular development, is

expected to follow an orderly program of molecular reorganization. There are

known changes of the surface architectures and secretory molecules, in

addition to gp63 and LPG, released by Leishmania from early to late stages

of this differentiation. All these programed events are expected to work in

tandem, contributing to the remodeling the PV for its maturation, i.e., creation

of a microenvironment conducive to the replication of amastigotes. At least in

one in vitro model, intracellular Leishmania differentiation appears to take a

week or longer to complete based on the switch in tubulin biosynthesis as the

molecular marker (9). Thus, a large gap appears to emerge in the experimen-

tal approaches to assess the molecular events and in the time frame of the

observations between previous and more current studies, i.e., the week-long

maturation of the PV for parasite replication versus a couple of days or less

for phagosome maturation. In addition, information collected after short-term

infection, e.g., 48 h does not foretell events beyond this time frame, including

phagosome-lysosome fusion, as reported previously. Further investigation to

bridge the gaps entails the consideration of all experimental approaches using

(continued)

42 K.P. Chang and B.K. Kolli
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in vitro models, which enable Leishmania not only to complete their differ-

entiation but also to replicate as amastigotes, i.e., long-term infection of

human macrophages (1) and macrophage cell lines (10, Fig. 4), and those

from experimentally well-infected animals for PV in a steady-state infection.

Recent work, including the latest paper under discussion, has significant

bearing on our quest for understanding the Leishmania mechanisms of intra-

cellular parasitism. Our renewed attention in that direction is necessitated by

the state-of-the-art approach, as it represents progresses in the science of cell

biology research. Whether or not the discussion provided is viewed as

pertinent, it brings up a significant issue. That is, a close and proactive

collaboration among leishmaniacs in different fields will be necessary for

advances toward the resolution of the issue at hand in the context of

leishmaniasis.
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Box 4: Programmed Cell Death in the Leishmania Parasite

Contributed by: Chandrima Shaha

Professor of Eminence and Former Director, National Institute of Immunology

and Vice President (Foreign Affairs) Indian National Science Academy,

New Delhi 110067

Programmed cell death (PCD), commonly manifested as apoptosis, plays

crucial roles in a multitude of physiological processes starting from embryo-

genesis to maintenance of the immune system. Initially believed to be the

prerogative of multicellular organisms to use PCD for maintaining cellular

homeostasis, it was later found to be prevalent in unicellular organisms as

well (1). The term PCD and apoptosis have been used interchangeably and

describe cell death with typical features of apoptosis. PCD was described in

Trypanosoma cruzi and Leishmania amazonensis during the 1990s (2, 3).

Subsequently, with the demonstration of cell death in different Leishmania
species, showing a phenotype similar to apoptosis generated a great interest in

the field of Leishmania biology. The digenetic life cycle of this parasite

provides possibilities of PCD at several points during their life cycle for

maintenance of fitness of the colony. The fittest promastigotes residing in the

midgut of the female sand fly have to pass onto the pharynx of the fly by

removing unfit cells, likely discarded through PCD as necrotic removal would

endanger the health of the sand fly. Although the type of death in the gut of

the sand fly has not been examined, free-swimming forms of the parasite in

culture were shown to undergo PCD under various stress conditions (4–6).

Within the vertebrate host cells, the mammalian macrophages, the parasites

are removed through the process of PCD to maintain the optimum number,

thus creating a niche for favorable growth of the remaining amastigotes, the
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nonmotile intracellular forms (7). Several features of mammalian apoptosis

like chromatin condensation, DNA fragmentation, loss of mitochondrial

membrane potential, cell shrinkage, caspase-like activities,

phosphatidylserine exposure, and cytochrome c release were demonstrated

in the Leishmania parasite in vitro (4, 7). Cell lysates from Leishmania
undergoing apoptosis were shown to cleave substrates for caspase-3, although

no caspase has been identified in the Leishmania except for a metacaspase

(6–8). Interestingly, pretreatment of cells with specific caspase inhibitors

reduced the number of cells showing apoptosis-like features, e.g., DNA

breakage and cleavage of a PARP-like protein, suggesting existence of pro-

teins with caspase-like activity (4–6).

It was not only during developmental stages of the life cycle that PCD

features were shown, exposure to agents that the parasites are normally

exposed to, like the reactive oxygen species or drugs, also induced PCD

features. Anti-leishmanial drugs like antimony, miltefosine, and

amphotericin B were reported to precipitate PCD (9–11). Exposure to reac-

tive oxygen species, heat shock, and staurosporine treatment also precipitates

apoptosis of the parasites (4, 5, 12, 13). Like the higher eukaryotic system, the

single mitochondrion of Leishmania spp. plays a pivotal role in PCD where

imbalances in mitochondrial membrane potential like a fall or increase lead to

cell death by apoptosis (5). Calcium appears to be heavily involved in

Leishmania PCD. It is increased by exposure to several PCD-inducing agents.
Reducing cytosolic calcium by chelating extracellular or intracellular cal-

cium during oxidative stress prevents apoptosis that is preceded by abroga-

tion of a loss of mitochondrial membrane potential (5, 7, 9, 14). Inhibitors of

respiratory chain complexes I, II, and III provoke PCD in Leishmania
donovani promastigotes. Mitochondrial hyperpolarization resulting from

Complex I inhibition is preceded by increased superoxide production.

Thenoyltrifluoroacetone and antimycin A, inhibitors of complexes II and

III, respectively, dissipate the membrane potential causing PCD (15). There-

fore, respiratory chain inhibition is an interesting prospect for drug targeting

(16). Exposure of these protozoa to a mixture of reactive oxygen and nitrogen

species can cause PCD that is reversible by antioxidants, like glutathione and

calcium channel blockers (17). Leishmania spp. react to two related metal-

loids, arsenic and antimony, leading to cell death accompanied by typical

apoptotic features that is preceded by an increase in reactive oxygen species.

Mitochondrial dysfunction and a drop in ATP level are observed with a loss

of membrane potential. During arsenic treatment, prevention of calcium

influx reduces cell death, whereas supplementation of glutathione during

antimony treatment saved cell loss (9). Therefore, multiple agents with
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different mechanisms of action could precipitate apoptosis-like death.

Recently, apoptotic death in the Leishmania has been shown after exposure

to amphotericin B, and zinc flux causes mitochondrial disruption, resulting

from the accumulation of reactive oxygen species (18). Caspase-like activity

was detected in Leishmania raising the possibility for the existence of this

enzyme, although genome sequence did not reveal any ORF homologous to

typical caspases. Caspase-independent death was described in the

trypanosomatid parasites where endonuclease G, a mitochondrial enzyme,

appears to be responsible for DNA fragmentation during apoptosis (19).

Interestingly, PCD may function beyond the provision of unwanted cell

elimination to maintain fitness of the colony; it can be used to drive other

functions like the ability to infect. These parasites have been shown to mimic

an apoptotic cell phenotype by phosphatidylserine exposure. As a result, a

given infective inoculum may consist of both live and apoptotic cells to

facilitate a successful infection (20). In the case of Leishmania spp. infection

in mice, such apoptotic mimicry in amastigotes has been described (21).

Leishmania expresses a variety of defense mechanisms against exogenous

stress, preventing them from undergoing apoptosis. For example, ergosterol

upsurge during antimony treatment prevents cell death (22). Upregulation of

defensive enzymes like tryparedoxin peroxidases of both the mitochondrial

and cytosolic origin also prevents cell death induced by reactive oxygen

species (17). Therefore, it is evident that PCD of Leishmania parasites may

play a significant role in infection (23).

Although many aspects of the PCD have come to light, the molecular

mechanism remains to be defined. Elucidation of the molecular events linked

to apoptotic death of Leishmania spp. is of great importance because this

information has the potential to help define a more comprehensive view of the

cell death machinery in terms of evolutionary origin and identify new target

molecules for chemotherapeutic drug development and therapeutic

intervention.
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One of the major necessities, for more effective Leishmania elimination

program in South Asia and for even the rest of the world, can be an integrative

approach to introduce One Health programs and education with welfare as

well as development programs. Hence a comprehensive policy framework is

required for incorporation of One Health program for control and elimination

of leishmaniasis. One Health programs are an amalgamation of

multidisciplinary-integrated approach that brings about multiple benefits.

One Health encompasses unification of animal, human, and environmental

health into an interdisciplinary field of health sciences. The synergy between

interdisciplinary fields helps in achieving the goals of biomedical research,

education, and more effective public health programs as well as environmen-

tal protection. The One Health programs are all encompassing, which further

aids toward better effective implementation of welfare programs for achiev-

ing sustainable development goals and the overall well-being of the

community.

One Health program ensures a creation of a platform for information

gathering, training of health workers, and educating the masses of an inte-

grated approach for disease control and elimination both in human and

animals (1). By utilization of modern information and communication tech-

nologies, along with an effective training of health workers, a robust surveil-

lance system can be designed for areas that are endemic for anthroponotic VL

(AVL) or zoonotic VL.

Comprehensive One Health approach explores and strengthens the

existing programs using a multidimensional road map of all possible scien-

tific streams. First parameter to analyze the effectiveness of control program

should be to ascertain the mode of transmission of disease-causing VL
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Overview of Leishmaniasis with Special Emphasis on Kala-azar in South Asia 49



Box 5 (continued)

parasite. The best method to prevent or curb VL disease is vector control

especially in the endemic regions for AVL. Xenomonitoring of vector infec-

tion through a real-time dynamic surveillance design is needed to monitor the

transmission of the Leishmania parasite vector species in endemic areas. The

best example is the infection caused by L. donovani parasite through vector

Phlebotomus argentipes in South Asia, predominantly in India, Nepal, and

Bangladesh. The information of percentage of vector infected will be essen-

tial to ascertain the degree of spread of Leishmania parasite in the VL

endemic regions.

Also in the context for vector control program, now there is a definite shift

toward using synthetic pyrethroids that are pesticides derived from naturally

occurring pyrethrins. The use of dichlorodiphenyltrichloroethane (DDT) is

gradually being discontinued in many VL endemic regions of the world

including South Asia due to environmental concerns. There has been intro-

duction of pressure pumps for insecticide spraying; effectiveness of the same

has to be also ascertained. Here a policy is also needed for proper use of

pesticide as well as continuous monitoring for identifying the development of

resistance against the pesticides among the vector population. Another impor-

tant parameter is the reporting for occurrence of any adverse reaction to

human population and the environment. The vector, i.e., the sand fly’s
ecological role, cannot be ignored and have to be researched thoroughly.

The vector control envisages stopping the overpopulation of the vector and

preventing transmission of VL infection but definitely not the total eradica-

tion of the vector population.

Further the second step is to monitor human reservoirs of VL parasite. In

the AVL areas, the asymptomatic human populations, which harbor Leish-
mania parasites, including the cases of Post-kala-azar dermal leishmaniasis,

assume significance. Even an active surveillance at short regular intervals

will be helpful in evaluation of the load of parasite circulating in the envi-

ronment at any given time. The use of dynamic surveillance becomes more

important in the areas of zoonotic VL. In addition to the vector and the

patients, the animal reservoirs have to be monitored for circulating parasites.

Third important step toward Leishmania control is to monitor the zoonotic

reservoirs for VL, including the environmental changes it affects. The envi-

ronmental changes are a continuous process and it affects inevitably the life

cycle of the organisms that occupy its habitat. Thus it is important that

monitoring of the leishmanial parasitic spread if any, also among the domes-

ticated cattle, be undertaken (2). Domestication of cattle is a major source of

livelihood among the farmers and the rural community in the VL endemic

regions like the Indian subcontinent. The cattle shelters in most of the times
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harbor conducive habitats for several insects like mosquitoes and sand fly that

are health hazard. In the Indian subcontinent, the VL disease is found to be

anthroponotic in nature till date with L. donovani as the main causative agent

of the VL infection and sand fly as vector, but constant monitoring of the VL

parasite among the animal population is important still.

In other zoonotic VL endemic areas, for example, L. infantum, animal

reservoirs are found in the canid population along with human population.

These are mainly found in the Mediterranean regions, the Middle East,

Central Asia, China, and the Americas. A thorough surveillance of the disease

in both canine and human populations will help prevent disease outbreaks.

In several studies (3–5) to control zoonotic VL, researchers have empha-

sized One Health programs as required for effective management of trans-

mission of disease. This can be achieved through a combined approach on one

hand by obtaining information regularly from human, vectors, and animal

reservoirs for the parasite in the endemic area and on the other hand as an

integrated approach, by analysis of environmental factors necessary for

disease spread. The environmental factors as we know lead to random genetic

mutations; this can increase or decrease parasite infectivity and can also give

rise to phenotypic changes in the parasite which also needs to be monitored

periodically. The advent of the omics technology has opened new tools to

monitor genetic and epigenetic changes among the organisms. It is imperative

that the genomic and protein profiling of the parasite circulating in the

environment have to be carried out periodically. Another important aspect

is reporting of adverse reactions for the chemotherapeutic treatment agents.

The policy thus would design mandatory protocols for health systems in

reporting adverse events in a full proof and robust manner as part of surveil-

lance system. Another addition to the surveillance policy is to have a com-

prehensive monitoring for the development of resistance against the

chemotherapeutic agents. The grassroots public health clinics have involved

in the policy framework.

The important step now is how to implement the concept with the given

resources. The surveillance system requires adequate tools for diagnosis that

has to be rapid, sensitive, easy to conduct, and cost-effective. The diagnosis

with rK39 rapid diagnostic dip test is a sensitive proposition in detecting the

presence of anti-Leishmania antibodies in the serum of the patients at a field

level. Also now new variant of novel rapid rKE16 antigen-based test is being

evaluated to be introduced in the VL elimination programs (6). The rapid dip

test for VL mentioned here is routinely carried out in blood samples in place

of serum due to lack of resources. In rKE39 test carried out with whole blood,

the sensitivity is lesser in cases where the antibody produced is below the

(continued)
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normal range, mostly among immunocompromised patients (7). The policy in

such cases is such that patients will be screened and identified for suspected

VL based on symptoms, even if rK39 test or another dip test comes out

negative. Patients with symptoms can be referred to public health clinics

(PHC). The PHC have to be equipped to carry out definitive test and provide

treatment. India and other South Asian countries are slowly progressing

toward equipping their PHC in VL endemic areas to be self-sufficient to

provide treatment. VL as we know is the disease prevalent among the

impoverished and immunocompromised. Thus the other problem is that of

coinfection with diseases like pneumonia and TB that can occur in VL

patients and that have to be properly diagnosed. PHC can also screen for

HIV which is found to be prevalent in VL-endemic areas too. The PHC

should be nodal points of training centers for ground-level health workers,

so that they can identify symptoms in patients in the community, carry out

surveillance and diagnosis in the field, and learn data gathering. The use of

mobile net and telephony application tools can be a viable and speedy option

for data collation and distribution to the block-, district-, state-, and national-

level program managers as required. The One Health program also envisages

as stated before that the environment is protected and its degradation is

minimized and the community gets access to both proper sanitation and

nutrition in a sustainable manner. As a holistic approach in addition to

welfare programs, sustainable development goals have to be achieved. The

PHC through health workers will also ascertain whether benefits of the other

welfare program reach the target community. Further the One Health program

will ensure educating the community about VL and other infections and about

how to protect and prevent the infection. Policy should envisage that primary

school teachers at rural level along with health workers have to be given

proper training and incentives to hire them over a long period of time to

educate and generate awareness among the masses about VL and other

diseases along the need for environmental protection and conservation.

Thus the One Health approach when adopted in full measure will ensure

that data are gathered properly, stored securely, and analyzed, which will aid

to ascertain the NTD elimination program gaps and drawbacks. This will

ensure proper course correction carried out to keep the elimination program

for VL on track.
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91. Rougeron V, De Meeûs T, Kako Ouraga S, Hide M, Ba~nuls AL. “Everything you always

wanted to know about sex (but were afraid to ask)” in Leishmania after two decades of

laboratory and field analyses. PLoS Pathog. 2010;6:e1001004. https://doi.org/10.1371/jour

nal.ppat.1001004.

92. TriTrypDB. Structural and functional genomic database for parasites of the family

Trypanosomatidae, including Leishmania. http://tritrypdb.org/tritrypdb/.

58 K.P. Chang and B.K. Kolli

https://doi.org/10.1016/j.ijpara.2007.12.003
https://doi.org/10.4269/ajtmh.2012.11-0707
https://doi.org/10.4269/ajtmh.13-0711
https://doi.org/10.1371/journal.pntd.0005196
http://www.nvbdcp.gov.in/Doc/Road-map-KA_2014.pdf
http://www.nvbdcp.gov.in/Doc/Road-map-KA_2014.pdf
https://www.dndi.org/diseases-projects/leishmaniasis/
http://www.msfindia.in/country-region/acting-against-kala-azar-bihar
https://doi.org/10.1186/s13071-016-1309-8
https://doi.org/10.1186/s13071-016-1309-8
http://outbreaknewstoday.com/southeast-asian-health-ministers-collaborate-in-the-elimination-of-visceral-leishmaniasis-92085/
http://outbreaknewstoday.com/southeast-asian-health-ministers-collaborate-in-the-elimination-of-visceral-leishmaniasis-92085/
https://doi.org/10.1038/nature16042
https://doi.org/10.1371/journal.pntd.0005333
https://doi.org/10.1016/j.ceb.2016.04.007
https://www.ncbi.nlm.nih.gov/pubmed/25300620
https://doi.org/10.1096/fj.14-251991
https://doi.org/10.1096/fj.14-251991
https://www.ncbi.nlm.nih.gov/pubmed/26599841
https://doi.org/10.1002/iub.1411
https://doi.org/10.1371/journal.ppat.1001004
https://doi.org/10.1371/journal.ppat.1001004
http://tritrypdb.org/tritrypdb/


93. de Jesus JB, Mesquita-Rodrigues C, Cuervo P. Proteomics advances in the study of Leish-

mania parasites and leishmaniasis. Subcell Biochem. 2014;74:323–49. https://doi.org/10.

1007/978-94-007-7305-9_14.

94. Singh AK, Roberts S, Ullman B, Madhubala R. A quantitative proteomic screen to identify

potential drug resistance mechanism in α-difluoromethylornithine (DFMO) resistant Leish-

mania donovani. J Proteomics. 2014;102:44–59. https://doi.org/10.1016/j.jprot.2014.02.030.

95. Bag AK, Saha S, Sundar S, Saha B, Chakrabarti A, Mandal C. Comparative proteomics and

glycoproteomics of plasma proteins in Indian visceral leishmaniasis. Proteome Sci.

2014;12:48. https://doi.org/10.1186/s12953-014-0048-z.

96. Jamdhade MD, Pawar H, Chavan S, Sathe G, Umasankar PK, Mahale KN, et al. Compre-

hensive proteomics analysis of glycosomes from Leishmania donovani. OMICS.

2015;19:157–70. doi:https://doi.org/10.1089/omi.2014.0163; 99.

97. Pawar H, Kulkarni A, Dixit T, Chaphekar D, Patole MS. A bioinformatics approach to

reanalyze the genome annotation of kinetoplastid protozoan parasite Leishmania donovani.

Genomics. 2014;104:554–61. https://doi.org/10.1016/j.ygeno.2014.09.008.

98. Pawar H, Sahasrabuddhe NA, Renuse S, Keerthikumar S, Sharma J, Kumar GS, et al. A

proteogenomic approach to map the proteome of an unsequenced pathogen – Leishmania

donovani. Proteomics. 2012;12:832–44. https://doi.org/10.1002/pmic.201100505.

99. Nirujogi RS, Pawar H, Renuse S, Kumar P, Chavan S, Sathe G, et al. Moving from

unsequenced to sequenced genome: reanalysis of the proteome of Leishmania donovani. J

Proteomics. 2014;97:48–61. https://doi.org/10.1016/j.jprot.2013.04.021.

100. Pawar H, Renuse S, Khobragade SN, Chavan S, Sathe G, Kumar P, et al. Neglected tropical

diseases and omics science: proteogenomics analysis of the promastigote stage of Leishmania

major parasite. OMICS. 2014;18:499–512. https://doi.org/10.1089/omi.2013.0159.

101. Singh N, Sundar S. Integrating genomics and proteomics permits identification of

immunodominant antigens associated with drug resistance in human visceral leishmaniasis

in India. Exp Parasitol. 2017;176:30–45. https://doi.org/10.1016/j.exppara.2017.02.019.

102. Cantacessi C, Dantas-Torres F, Nolan MJ, Otranto D. The past, present, and future of

Leishmania genomics and transcriptomics. Trends Parasitol. 2015;31:100–8. https://doi.

org/10.1016/j.pt.2014.12.012.
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1 Introduction

Several members of the genus Entamoeba infect humans including E. histolytica,
E. moshkovskii, and E. dispar. Among these, only E. histolytica is considered

pathogenic and is the causal agent of amebiasis. Amebiasis is the second most

common cause of death from a parasite worldwide after malaria with considerable
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morbidity and mortality [1, 2]. Based on the site of infection, the clinical features of

amebiasis range from asymptomatic colonization to amebic colitis (dysentery or

diarrhea) and invasive extraintestinal amebiasis, which appears most commonly in

the form of liver abscesses [2]. According to the World Health Organization,

amebiasis occurs worldwide, with approximately 50 million people infected annu-

ally, causing close to 100,000 deaths per year. Therefore, it is important to under-

stand the epidemiology, infection, and control of the disease. The aim of this

chapter is to provide a current understanding of human amebiasis, which illustrates

the parasite biology, mechanism of pathogenesis, diagnosis, and prevention.

Amebiasis is more common in areas of poor sanitation and nutrition particularly

in the tropical and developing countries [3]. In the United States and Europe,

amebiasis is found primarily in immigrants mostly from endemic areas. People

who live in the United States that border Mexico have the most cases of amebic

infection [4]. The dominance of human amebiasis varies geographically. For

instance, birth cohort studies in Bangladesh indicate that approximately 50% of

infants showed amebic diarrhea every year, with repeated infections that further led

to malnourishment and stunting [4–6]. Comparative studies in Egypt and

South Africa found that Egypt was dominated with amebic colitis, whereas amebic

liver abscess was common in South Africa [7]. The prevalence of invasive infection

was also reported in Nigeria and other areas in Central and South America, Asia,

and Africa [8, 9].

The main mode of transmission of amebiasis occurs via ingestion of food and/or

water that is contaminated with feces and E. histolytica cysts [10, 11], but in some

cases amebic infection has been also reported in urban areas in the United States

among men who had sex with men [12]. Following ingestion, the parasites remain

nonpathogen in 90% of infected individuals (asymptomatic amebiasis), while in

10% of the cases, trophozoites can invade the intestinal mucosa, cause dysentery,

and probably via portal circulation migrate to the liver where they produce

abscesses (extraintestinal amebiasis) [13, 14]. In extreme cases, trophozoites can

also invade other parts of the body like the brain and the lungs [15]. The conditions

which trigger symptomatic infection are still unknown; however, this might be

partly due to differences in the pathogenicity of the infecting strains [16] and/or the

parasitic genotype [17] or variation in the host immune response against the

infection [18].

2 Entamoeba histolytica Biology

E. histolytica is distributed globally and is a substantial health risk mostly in

tropical and developing countries, which have poor sanitary and hygienic practices.

The parasite’s primary hosts are humans [4]. E. histolytica is a dimorphic organism

whose life cycle consists of two stages: trophozoites, a cell-invasive form which

can be found in the human intestine, and cysts, an infective form which is found in

the external environment. The conversion between the two stages is usually
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reversible [19]. The parasite enters the body through the ingestion of food or water

contaminated with human feces [4]. Following ingestion, cysts survive the acidic

pH of the stomach and proceed toward the intestine. In the small intestine,

excystation occurs and trophozoites migrate to the colon. Generally, in the colon,

trophozoites start multiplying via binary fission, remain as a nonpathogen, and

fulfill their energy requirements by ingesting gut microbiota and nutrients from

mucus and starch secretions of intestinal epithelial cells (IECs) of the host. In the

colon, trophozoites produce quadrinucleate cysts, and both trophozoites and cysts

are excreted along with feces that can infect new hosts [20]. Cysts can survive for

prolonged periods outside the host, while the trophozoites survive only for a few

hours. E. histolytica cysts are the parasite dormant infective form which is often

found in the external environment. This form is a quadrinucleate round shaped with

a size range of 10–15 μm. Covered with chitin-containing cell wall, cysts are highly

stable to stomach acids, allowing their efficient infectivity [4]. Unlike inert cyst,

trophozoites have a pleomorphic shape that ranges in size between 10 and 50 μm
and are highly motile. Since the parasite lack features of aerobic eukaryotic meta-

bolism including the tricarboxylic acid (TCA) cycle and oxidative phosphorylation,

energy for the motility comes from anaerobic metabolism of glucose and pyruvate

to ethanol [21]. This unicellular parasite is a type I amitochondriate protist, lacking

both mitochondria and hydrogenosomes. Instead, parasite poses a mitochondrial

relic termed mitosome, which is involved in the assembly of Fe–S clusters, an

ancient metabolic pathway present in all mitochondria [22]. Generally, the more

close the relationship between parasites and hosts, the stronger the parasite depends

on its host’s physiology for survival and reproduction [23]. Indeed, residing in the

human colon, E. histolytica has access to many bacterial and host-metabolites [24].

3 Pathogenesis of E. histolytica

Recent advances in the development of in vitro, in vivo, and ex vivo models of

disease, new genetic approaches, the identification of key E. histolytica virulence

factors, and the recognition of crucial elements of the host response to infection

have led to significant insights into the pathogenesis of amebic infection (Fig. 1).

These important steps are responsible for amebic dysentery/amebiasis and are the

result of a tightly regulated and coordinated action of diverse factors during

invasion and damage of target cells. Some important molecules have been studied

for their role in tissue invasion: adherence, cytotoxicity, cell killing, and phago-

cytosis as well as the onset of host immune responses [25]. A few factors will be

discussed here.
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Fig. 1 Schematic representation on pathogenesis and disease manifestation of amebiasis. Infec-

tion of E. histolytica is acquired through ingestion of contaminated food or water. In 90% of cases,

amebic infections are asymptomatic, while in 10% of cases, trophozoites start invading the

mucosal barrier and penetrate the underlying tissues, which lead to diarrhea or dysentery. After

invading the tissue, trophozoite may enter the portal circulation and spread to the liver, lung, and

other soft organs to establish extraintestinal disease. Of the intestinal forms, mostly dysentery is

resolved by host immune system. However, if dysentery/diarrhea is not cleared by host immune

system, disease progression occurs, and this leads to nonhealing intestinal lesions
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3.1 E. histolytica Colonization and Exposure to Intestinal
Environment

In the large intestine, E. histolytica excysts into trophozoite and enters the host by

invasion of the intestinal mucosal epithelium. During the course of infection,

trophozoites colonize the mucus layer by binding of the parasite’s Gal-lectin to

galactose and GalNAc residues on colonic MUC2, a major structural component of

mucus that covers the intestinal tract. For successful colonization and survival, the

trophozoites must respond to environmental elements in the large intestine to start

the invasion process [26]. Among the various environmental challenges encoun-

tered by the parasite are the surrounding biome, biofilm substrate, various assaults

of host’s immune system including oxidative stress, complement activation and

phagocytosis, and drastic change in pH and glucose concentration [19, 27–30]. In

the gut, the parasites are constantly interacting with intestinal microbiota, and it is

one of the signals that start the infection process. The interaction between

E. histolytica and microbiota was the subject of many studies which concluded

that intestinal gut microbiota has an important role in the virulence of the ameba

and it protects the parasite against oxidative stress [30–33].

3.2 E. histolytica Invasion

3.2.1 Gal/GalNAc Lectin

Host cells destruction begins with the binding of trophozoites to target cells. An

important molecule involved in this process is the galactose/N-acetylgalactosamine

(Gal/GalNAc)-inhibitable lectin [34]. This lectin is a multifunctional heterodimeric

protein composed of a disulfide-linked heavy (170 kDa, HgL) and light (35/31 kDa,

LgL) subunit, which is non-covalently associated with an intermediate subunit of

150 kDa. This protein plays a vital role in interaction with the brush border

intestinal epithelial cells [35]. All of these subunits are encoded by multigene

families [34]. Interestingly, apart from adhesion to cells, lectin was also found to

participate in E. histolytica resistance to human complement system attacks

[36]. HgL subunit of Gal/GalNAc contains a cysteine-rich domain (CRD) that

participates in evasion from the complement system via a remarkable similarity

to human inhibitor CD59, complement attack complex. The CRD of HgL subunit

also activates macrophages to produce TNF-α and NO, and this leads to amebicidal

activity [37]. A study showed the contribution of Gal/GalNAc to the recruitment of

inflammatory cells and cytokine production through the analysis of HgL-dependent

signaling pathways [34] that further leads to apoptosis- and ameba-induced cell

death [38–40]. Thus, the Gal/GalNAc lectin is one of the essential factors in the

pathogenesis of E. histolytica.
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3.3 Cysteine Proteases

The function of E. histolytica cysteine proteases (EhCPs) in pathogenesis is marked

by the relative absence of these CPs in the morphologically identical but noninva-

sive sp. E. dispar [41]. The contact of the parasite to target cells via Gal/GalNAc is
followed by invasion of host tissue. In this regard, E. histolytica cysteine pro-

teinases play essential role in degradation of the mucus layer that ultimately leads to

invasion [42]. The genome of E. histolytica comprises 80 genes encoding proteases,

including 50 CPs of the papain superfamily [43, 44]. Among the E. histolytica CPs

participating in the pathogenic process, CP-A5 is the prime candidate. This CP-A5

is unique to E. histolytica, localizes at the amebic surface [45], and is involved in

human colon invasion through their ability to degrade extracellular matrix (ECM)

as well as MUC2, the major component of colon mucus [46, 47]. A study showed

the direct involvement of CPs in immune evasion by degrading host antibodies and

complement in the fluid phase [44]. In vivo studies in SCID mice and hamster

demonstrated that inhibition of cysteine proteinase activity significantly decreases

liver abscess formation [48, 49]. Generally, the mechanism of immune evasion

mediated by EhCPs is involved in cleavage of IgA and IgG, processing of comple-

ment C3, inactivation of complement C3a and C5a, generation of mature IL-1β
from pro-IL-1β, and inactivation of pro-IL-18, all of which reduce host defenses

[50]. Taken together, these data suggest very important roles for EhCPs for causing

intestinal inflammation, tissue damage in colitis, and extraintestinal infections.

3.4 Amebapores

Parasite invasion in the host is followed by the release of amebapore that results in

the swelling, surface blebbing, and lysis of target cells. Amebapores are proteins of

77 amino acids, stored in vesicles, and are responsible for cytolytic activity of

ameba. Three types of amebapores were characterized so far, A–C, when type C

was reported to be the most active [51]. In the gut, amebapore seems to have a role

in damaging the surface membrane of gram-positive bacteria; however, high

concentration of amebapore or removal of the wall with lysozyme was required

to kill outer membrane-shielded gram-negative bacteria [51]. Incubation of eukary-

otic target cells with sublytic concentrations of amebapores showed that these

peptides were also able to induce cell necrosis in addition to their known function

in cell lysis [52]. Antisense inhibition of amebapore led to a decrease of tropho-

zoites’ cytolytic and bactericidal activity and also to impaired ability to create

amebic liver abscesses [53, 54]. Taken together, these studies indicate that

amebapore has potential cytolytic and antibacterial activities [51, 55]. In addition

to the abovementioned amebic virulence factors, other amebic factors such as
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proteins enriched in lysine and glutamic acid (KERP1), lipophosphoglycan

(LPPG), peroxiredoxin, and arginase are also implicated in pathogenicity [25, 56].

3.5 Phagocytosis

Stool samples from patients with invasive parasite have shown the presence of

trophozoites that contain ingested erythrocytes and have higher rate of phagocytosis

than healthy human carrier [57]. Several studies have also shown that phagocytosis

constitutes one of the key virulence determinants of E. histolytica [58–61]. Phago-

cytic-deficient mutant of E. histolytica exhibited low virulence as compared to wild

type in hamster liver model [58, 59]; thus, phagocytosis-mediated host apoptotic

cell killing could enable the parasite to evade host immune responses [62].

4 Host Immune Responses

Following host invasion, trophozoites induce host immune responses (cell-

mediated and humoral immunity), and host tissue destruction leads to disease. In

order to survive against the various assaults of the host immune system, tropho-

zoites must have the ability to repress the host immune system and to control the

parasitism’s environment [63].

4.1 Innate Immune Responses

Prior to the development of adaptive immunity, parasite initial host resistance is

based on innate immunity. Ameba confronts natural barriers in the intestine and in

extraintestinal sites following tissue invasion. Therefore, the mucus barrier of the

intestine serves as a primary physical barrier against pathogens in the gut that

prevent trophozoites attachment to the underlying mucosal epithelial cells

[63, 64]. MUC2 mucin secreted by goblet cells binds to E. histolytica Gal-lectin,

responsible for colonization in the gut, and acts as a physical barrier to impair the

adherence of parasite to the underlying epithelium [63–65]. Another innate resis-

tance mechanism that may reduce trophozoite infection is activation of complement

pathways by the parasitic [66]. During the initial stage of invasion, parasites bind to

pathogen recognition receptors (PRRs) on intestinal epithelial cells (IECs) via the

amebic Gal/GalNAc, and these IECs are considered to be the first line of defense

against the parasitic infections [67]. E. histolytica in contact with IECs activates the
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NF-κB signaling pathway to induce the secretion of pro-inflammatory mediators

including IL-1β, IL-6, IL-8, IL-12, IFN-γ, and TNF-α, which later recruit immune

cells including neutrophils and macrophage to the site of infection [46, 68, 69]. The

main amebicidal activity of neutrophils activated by IFN-γ, TNF-α, or lipopoly-
saccharides is carried out by the release of reactive oxygen species [70]. A study in

mice found that amebic lesion was predominated by neutrophils where macro-

phages were rarely seen, suggesting an essential role for neutrophils in clearance of

ameba [15]. In amebic liver abscesses (ALA) in mice, macrophages were found to

be responsible for tissue damage and abscesses formation [71]. Amebicidal activity

of activated macrophages is mediated by the production of nitric oxide from L-

arginine [70]. Several parasitic antigens are known to activate macrophages

through pattern recognition receptors. Macrophages exposed to Gal/GalNAc have

higher expression of Toll-like receptors, which triggers pro-inflammatory cytokine

production via the NF-κB pathway [63, 72]. Macrophages deficient in TLR2 and

TLR4 show a weakened immune response to parasitic antigens suggesting an

important role for pattern recognition to the immune response [73]. A study in

Bangladesh found an association between higher TNF-α production from stimu-

lated peripheral blood mononuclear cells and E. histolytica diarrhea. In this study,

the authors demonstrated that high potential destructive response from TNF-α may

lead to increased inflammation and therefore disease [74].

4.1.1 Inflammasome

Inflammasomes are cytosolic multiprotein complexes considered as pathogenicity

sensor consists of NOD-like receptor, caspase-1, and the adaptor protein ASC

[75]. This intracellular multiprotein complex has been identified as activated path-

ways on contact with live E. histolytica that link specific pro-inflammatory stimuli

to the activation of caspase-1. Active caspase-1 initiates highly potent inflammatory

response by inducing secretion and release of pro-inflammatory cytokines IL-1β,
IL-18, IL-1α, and IP-10 into the tissues [75]. Activation of inflammasomes seems to

be an advantage for E. histolytica to limit immune clearance in the host.

4.2 Adaptive Immunity (Humoral and Cell-Mediated
Response)

Several studies indicate that 81–100% of invasive amebiasis patients developed

circulatory antibodies against the trophozoites [76, 77]. Mucosal IgA against the

Gal/GalNAc heavy chain was shown to be one of the most abundant Ig in the human

intestine that could reduce trophozoite colonization in the gut [62, 65, 78–80]. A

study of school children in Bangladesh showed that mucosal secretory antibody IgA

provided protection against reinfection against E. histolytica [81–83]. Apart from
mucosal IgA, IgG was also found to be dominant against E. histolytica infection
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and provided protection from parasite reinfection as well [83]. A study showed

higher level of IgG in patients with intestinal amebiasis and ALA [77]. These

findings suggest that humoral immunity plays an important role against amebic

infection.

Cell-mediated immune responses are the essential factors for host defense

against the parasite. T-cell involvement has been reported in protection against

E. histolytica mediated by IFN-γ and IL-17 [84]. IFN-γ produced by peripheral

mononuclear cells were responsible for parasite clearance and protection against

repeated infection [85, 86]. These findings are in agreement with murine vaccina-

tion studies, where vaccine-induced protection against trophozoite infection could

be passively transferred to naive animals mediated by interferon-gamma-producing

T cells [84]. Collectively, these studies indicate that both innate and adaptive

immunities are directly involved in protection against amebiasis.

5 Pathology and Clinical Signs of Amebiasis

Pathology of human amebiasis is characterized by different and destructive forms

of lesions in the intestinal or extraintestinal sites [87]. Different forms of intestinal

or extraintestinal amebiasis are characterized by unique features such as (a) amebic

dysentery or amebic colitis, (b) fulminating amebic colitis, (c) amebic appendicitis,

(d) ameboma or amebic granulomas, (e) amebic liver abscess, (f) extensive necro-

sis, and (g) liquefaction of all affected tissues [87, 88]. Abdominal pain and

frequent stool containing both blood and mucus followed by intestinal inflamma-

tion is a characteristic feature of amebic dysentery, and symptoms range from mild

diarrhea to classic dysentery [15, 89]. Other features of intestinal lesions are severe

and need immediate medical care. A necrotic ulcerous lesion may lead to peritonitis

which is a feature of fulminating amebic colitis, while amebomas are white nodular

mass that extend in the lumen and are related to inflammation, edema, and necrosis

of both mucosa and submucosa [90]. Trophozoites may later spread to extra-

intestinal sites such as the liver, lungs, brain, skin, and rarely urogenital structures

where abscesses are formed consisting of circumscribed regions of dead and lique-

fied cells, cellular debris with few inflammatory cells, and trophozoites

[88, 89]. Infection at these extraintestinal targets can develop months to years

following colon infection and often rise as symptomatic infection. Patients develop

symptoms over 2–4 week period and consist of low pain in the upper right quadrant,

the lower right chest, and the right shoulder tip [4, 91].
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6 Diagnosis

Diagnosis of amebiasis is usually based on microscopic, serological, antigen detec-

tion, and PCR-based method. Since the last decade, molecular biology-based

diagnosis is becoming more important to detect various diseases including amebi-

asis. Accurate diagnosis of E. histolytica is very important to prevent furthered

transmission of the parasite [92].

6.1 Microscopic Examinations

In the past, E. histolytica has been diagnosed based on microscopic examination of

the parasite morphology. Microscopic examination is mostly based on the presence

or absence of hematophagous trophozoites in the stool samples. The disadvantage

of this method is the lack of sensitivity and specificity and inability to differentiate

E. histolytica from morphologically similar but noninvasive sp. E. dispar [93, 94].

6.2 Biochemical Method

A biochemical method used for the diagnosis of the disease involves the culture of

stool samples followed by isoenzyme analysis which can consistently distinguish

Entamoeba sp. [95]. However, due to several limitations including difficulty in

performing isoenzyme analysis, cultivation of E. histolytica from stool or liver

abscess and time-consuming procedures make this method unsuitable for use in

developing countries [96–98].

6.3 Serological Test

6.3.1 Antibody Detection

Patients with symptomatic E. histolytica infection develop detectable anti-amebic

antibodies, and also persons recovering from amebiasis have detectable serum anti-

bodies; therefore, serological test can be helpful. E. dispar-infected patients do not

develop serum anti-amebic antibody titers [81, 99]. Since levels of anti-amebic

antibodies remain elevated in the serum for years, serodiagnosis in endemic regions

is of limited use [99, 100].
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6.3.2 Antigen Detection Method

Antigen detection methods in stool sample has several advantages over previously

described methods including better sensitivity, specificity, and large-scale screen-

ing tool. Gal/GalNAc lectin is one of the most studied species-specific antigens

which is replacing other techniques for both clinical and research purposes

[101, 102]. Limitation of this technique is the requirement for fresh, unfixed stool

specimens and incapability of the test to differentiate E. histolytica and E. dispar.

6.4 Molecular Diagnosis

Several PCR-based methods have been developed that are highly sensitive and

helpful that can detect and identify E. histolytica DNA in stool samples [103–107]

in the diagnosis of amebiasis [108–112]. However, in developing countries, this

method may not be well suited because it requires specialized skills, equipment,

and cost [109]. Recently, a new method was developed for the diagnosis of

E. histolytica known as loop-mediated isothermal amplification (LAMP). This

diagnosis method is cost-effective and easy to perform and could be a valuable

and useful diagnostic tool particularly in the developing world where amebiasis is

endemic [113].

7 Treatment and Control

Treatment for E. histolytica varies depending on whether it is symptomatic or

asymptomatic infection. For invasive infection, nitroimidazole derivative (metro-

nidazole, tinidazole, ornidazole) is the drug of choice particularly metronidazole

[4]. Approximately, 90% of patients with amebic dysentery have positive response

to metronidazole. In the case of amebic colitis or fulminating amebic colitis with

perforation, patients can be treated with metronidazole followed by a luminal agent

such as iodoquinol with the addition of antibiotic to deal with intestinal bacteria

[114–117]. Several studies have reported the importance of metronidazole treat-

ment with the addition of a luminal agent to remove parasites that are colonized and

for the treatment of amebic liver abscess except in some extreme severe cases,

which may require surgery [118–120]. Treatment with luminal agents such as iodo-

quinol or diloxanide furoate should be given for asymptomatic infections to remove

the infection and to inhibit the potential for invasive disease and reduce the risk to

the public considering that individuals will also shed cysts [114, 115].
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8 Prevention

In order to inhibit E. histolytica infection, contamination of food and water with

human feces must be prevented [121]. Therefore, water filtrations or boiling water

and the use of appropriate water and sewage system are effective methods to

prevent contamination. To promote better understanding on the negative effect of

amebic infection, public awareness programs should be encouraged that will help in

reducing the infection rate of the parasite. Despite the fact that provision of

adequate sanitation worldwide could help to limit the number of patients that get

amebiasis, this situation is doubtful in the future. Effective vaccine development

that prevents amebiasis will be an important task to completely eradicate the

disease considering the fact that antigen-based vaccine has been developed that

protects animals against intestinal amebiasis and amebic liver abscesses [4, 122].

9 Conclusions

E. histolytica is a tissue-lysing protozoan parasite that causes amebiasis worldwide,

particularly in endemic areas of developing countries. This parasite is an interesting

biological system that lacks most eukaryotic organelles and has the ability to

colonize the large intestine. For unknown reasons, the parasite becomes aggressive

and invades the intestinal mucosa, which can cause severe disease. In recent years,

our understanding on the molecular mechanisms involved in pathogenesis has

greatly advanced. However, it is not clear how or what factors change the parasite

pathophysiology, as it changes its role from a nonpathogen to an agonist pathogen.

Therefore, a deeper understanding on the pathogenesis of amebiasis would require

insights into parasite cell biology, genetics, and comparative genomics of strains

compared to nonpathogenic strains. Ultimately, better characterization of protein

receptor/ligand interaction involved in pathogenesis will provide candidates for

future vaccine development. Additionally, as discussed before, various diagnosis

methods for the detection of disease in patients with amebic dysentery and abscess,

these methods appear encouraging, but most of them are still just research tools.

Finally, much work needs to be done for the development of sensitive, rapid, and

appropriate techniques for the detection of amebiasis in developing countries.
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37. Séguin R,Mann BJ, Keller K, Chadee K. The tumor necrosis factor alpha-stimulating region of

galactose-inhibitable lectin of Entamoeba histolytica activates gamma interferon-primed

macrophages for amebicidal activity mediated by nitric oxide. Infect Immun. 1997;65

(7):2522–7.

38. Saffer LD, Petri WA. Role of the galactose lectin of Entamoeba histolytica in adherence-

dependent killing of mammalian cells. Infect Immun. 1991;59(12):4681–3.

39. Vines RR, Ramakrishnan G, Rogers JB, L a L, Mann BJ, Petri WA. Regulation of adherence

and virulence by the Entamoeba histolytica lectin cytoplasmic domain, which contains a

beta2 integrin motif. Mol Biol Cell. 1998;9(8):2069–79.

40. Tavares P, Rigothier MC, Khun H, Roux P, Huerre M, Guillén N. Roles of cell adhesion and

cytoskeleton activity in Entamoeba histolytica pathogenesis: a delicate balance. Infect

Immun. 2005;73(3):1771–8.

41. Bruchhaus I, Jacobs T, Leippe M, Tannich E. Entamoeba histolytica and Entamoeba dispar:
differences in numbers and expression of cysteine proteinase genes. Mol Microbiol.

1996;22(2):255–63.

42. Moncada D, Keller K, Chadee K. Entamoeba histolytica cysteine proteinases disrupt the

polymeric structure of colonic mucin and alter its protective function. Infect Immun. 2003;71

(2):838–44.

78 P. Shahi and K. Chadee



43. Tillack M, Biller L, Irmer H, Freitas M, Gomes MA, Tannich E, et al. The Entamoeba histo-
lytica genome: primary structure and expression of proteolytic enzymes. BMC Genomics.

2007;8:170.

44. Que X, Reed SL. Cysteine proteinases and the pathogenesis of amebiasis. Clin Microbiol

Rev. 2000;13(2):196–206.

45. Jacobs T, Bruchhaus I, Dandekar T, Tannich E, Leippe M. Isolation and molecular charac-

terization of a surface-bound proteinase of Entamoeba histolytica. Mol Microbiol. 1998;27

(2):269–76.

46. Bansal D, Ave P, Kerneis S, Frileux P, Boche O, Baglin AC, et al. An ex-vivo human

intestinal model to study Entamoeba histolytica pathogenesis. PLoS Negl Trop Dis. 2009;3

(11):e551.

47. Lidell ME, Moncada DM, Chadee K, Hansson GC. Entamoeba histolytica cysteine proteases
cleave the MUC2 mucin in its C-terminal domain and dissolve the protective colonic mucus

gel. Proc Natl Acad Sci USA. 2006;103(24):9298–303.

48. Stanley SL, Zhang T, Rubin D, Li E. Role of the Entamoeba histolytica cysteine proteinase in
amebic liver abscess formation in severe combined immunodeficient mice. Infect Immun.

1995;63(4):1587–90.

49. Ankri S, Stolarsky T, Bracha R, Padilla-Vaca F, Mirelman D. Antisense inhibition of

expression of cysteine proteinases affects Entamoeba histolytica-induced formation of liver

abscess in hamsters. Infect Immun. 1999;67(1):421–2.

50. He C, Nora GP, Schneider EL, Kerr ID, Hansell E, Hirata K, et al. A novel Entamoeba
histolytica cysteine proteinase, EhCP4, is key for invasive amebiasis and a therapeutic target.

J Biol Chem. 2010;285(24):18516–27.

51. Leippe M, Andre J, Nickel R, Tannich E, Muller-Eberhard HJ. Amoebapores, a family of

membranolytic peptides from cytoplasmic granules of Entamoeba histolytica: isolation,

primary structure, and pore formation in bacterial cytoplasmic membranes. Mol Microbiol.

1994;14(5):895–904.

52. Berninghausen O, Leippe M. Necrosis versus apoptosis as the mechanism of target cell death

induced by Entamoeba histolytica. Infect Immun. 1997;65(9):3615–21.

53. Bracha R, Nuchamowitz Y, Leippe M, Mirelman D. Antisense inhibition of amoebapore

expression in Entamoeba histolytica causes a decrease in amoebic virulence. Mol Microbiol.

1999;34(3):463–72.

54. Zhang X, Zhang Z, Alexander D, Bracha R, Mirelman D, Stanley SL. Expression of amoeba-

pores is required for full expression of Entamoeba histolytica virulence in amebic liver

abscess but is not necessary for the induction of inflammation or tissue damage in amebic

colitis. Infect Immun. 2004;72(2):678–83.
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1 Introduction

Ascaris lumbricoides, a member of the soil-transmitted helminths, infects a stag-

gering 800 million people yearly [1, 2]. It is hard to fully comprehend the world-

wide impact of this nematode, but Dr. Peter Hotez, an acknowledged expert on

neglected tropical diseases (NTDs), described it best as “the most important disease

you have never heard of” [3]. Despite these high numbers, it is still classified as a

neglected tropical disease [1, 2]. Neglected tropical diseases affect poor communi-

ties disproportionately but are often forgotten when it comes to resources and

research funding [4]. Many research questions therefore remain unanswered, such

as, why are children disproportionately infected? What is the role of host genetics in

predisposition? What is the true degree of cognitive impairment suffered by

children because of A. lumbricoides?What is the immune response against Ascaris?
Although acute symptomatology includes intestinal obstruction and morbidity, it

is the chronic aspect of the disease such as growth retardation and cognitive

impairment that produces the most impact at the population level [5–7]. Children

in particular are most adversely affected by Ascaris infection and can consequently
experience chronic symptoms [6, 7]. As the severity of symptoms correlates to

worm burden, it is essential to investigate why some people are more heavily

infected than others [8, 9]. As eradication of the parasite itself might prove to be

very difficult without a vaccine, prevention is the best way to reduce the effects of

acute and chronic symptoms on the population [10]. Prevention of Ascaris is often
through mass drug administration [10]. The frequency of chemotherapy distribution

depends on the local prevalence of the parasite, with frequencies ranging from

twice a year to a case-to-case basis [10]. School-aged children especially are

targeted in these campaigns, as this cohort is disproportionally infected with

Ascaris and may excrete a disproportionate amount of eggs [11].

Few epidemiological studies are being conducted on Ascaris in the South Asian

region. This apparent gap in knowledge is worrying, because Ascaris has a region-
specific prevalence, abundance and egg production [12–14]. Without accurate

epidemiological data per region, it will be hard to establish effective preventative

measures, such as the above-mentioned mass drug administration programmes, but

also sanitary improvements to reduce acute and chronic morbidity.

1.1 Epidemiology

In 2010, Ascaris lumbricoides infected 819 million people worldwide, of which

297.8 million cases occurred in the South Asian region [15]. Ascariasis additionally

is responsible for 499,599 years lived with disability in South Asia and 1,110,600

globally [15]. Despite these high numbers, ascariasis is still considered a neglected

tropical disease [1, 2]. The World Health Organization estimated that in the year
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2010, around 2224 deaths could be attributed to the parasite [16], making Ascaris
one of the most common foodborne parasitic infections [16].

A. lumbricoides is transmitted through the faecal-oral route, making it most

prevalent in poverty-stricken settings with insufficient sanitary conditions [17–

19]. A study performed in government-owned tea plantations in Sri Lanka found

that Ascaris infection in children between 3 and 12 years was linked to poor sanitary
settings; however, this difference was only found in some parts of the country

[20]. Traub et al. [21] further identified a range of risk factors linked to Ascaris
infection in an Indian population: Hindu religion, lower education level

(or maternal education in the case of children), higher density of people in one

household, owning pigs and lack of anthelminthic treatment. The authors also

found that, although gender was not a risk factor for Ascaris infection, females

between the ages of 16 and 20 did show an “overproportional” parasite intensity.

This observed sex variation was attributed to a difference in work environments,

with men mostly working in factories or other indoor environments and the women

mainly being outdoor tea-pickers [21]. Gunawardena et al. [22] found similar risk

factors for Ascaris infection in Sri Lankan children: lower altitude of below

500 meters, maternal education, household sanitation and gender. The influence

of household conditions on Ascaris infection was confirmed through the identifi-

cation of a positive correlation in an Indian fishing village near Madras between

average worm burden and increasing number of family members [23]. Additionally,

in low-income households in Bangladesh, it was identified that finished flooring

was associated with a 44% decrease in Ascaris infection [24]. The authors con-

cluded that a combination of deworming, increased hygienic sanitation and flooring

may have resulted in a stronger reduction of Ascaris prevalence than deworming on

its own [24].

In short, factors such as gender-related behaviour, environment and the socio-

economic situation including housing conditions, cultural practices, defecation habits

and available infrastructure all have an influence on Ascaris infection [20–26].

1.2 Predisposition

Ascaris affects certain demographics disproportionally, with children between

5 and 15 years most heavily infected and children over the age of 15, together

with adults, having lower infection intensities [27]. Regardless of these age-related

differences, it is clear that certain people are more heavily infected than others

[9, 28–30]. This means that most of the worms in an endemic area can be found in a

small set of people [27]. These people, carrying the majority of the worm burden,

are often described as “wormy people” [9], with heavily infected individuals often

clustering in one family [31]. Subsequent to anthelminthic treatment, patients

reacquire a similar worm burden to what they possessed before treatment, a

phenomenon known as predisposition [32]. The overdispersed frequency distribu-

tion was first described for parasites in general by Crofton [33] and for Ascaris
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specifically by Croll and Ghadirian [9]. Predisposition has subsequently been

demonstrated for a variety of geographical locations in humans, ranging from

India to Nigeria [28, 29, 32, 34, 35], and in naturally and experimentally infected

pigs [36]. The mechanisms that determine predisposition are not yet fully eluci-

dated and are likely to be multifactorial [8]. Using probability theory, McCallum

[37] found that both long- (i.e. host genetics and socio-economic status) and short-

term (i.e. host-acquired immune system) variables were involved.

It is this population, of heavily infected individuals, that is most at risk of having

severe symptoms, morbidity and mortality due to heavy worm burdens [8]. Addi-

tionally, because of their high parasite burden, such individuals can potentially

excrete more eggs and thus enhance the parasite spread [8]. Understanding the

underlying mechanisms for this diversity in parasite load is therefore important

with respect to enhancing parasite control and diminishing morbidity and mortality.

One of the unanswered questions regarding heterogeneity is at which point in the

life cycle of Ascaris does predisposition occur? Taking an experimental approach,

Lewis et al. [38] used a mouse model to assess a range of inbred strains of mice for

resistance and susceptibility to Ascaris infection. The authors identified two mouse

strains as model organisms for heterogeneity in Ascaris infection with one strain

susceptible (C57BL/6J) and one relatively resistant (CBA/Ca) to A. suum [38].

Two main factors have been identified as contributors to the observed predispo-

sition at the individual level of infection [39]: host genetics and host immunity. As

for the role of the immune system, studies showed that putatively immune children

demonstrated higher levels of Ascaris-specific anti-ABA IgE antibodies and

pro-inflammatory proteins [28]. Deslyper et al. [40] also used C57BL/6J and

CBA/Ca mice and identified an intrinsic difference in susceptibility between the

two strains. These authors investigated the protein abundances in the liver of the

mice at day 4 postinfection and found that the relatively resistant mouse strain,

CBA/Ca, had an intrinsically higher abundance of oxidative phosphorylation cycle

(OXPHOS) proteins. These proteins are part of the cellular respiration process and

produce reactive oxygen species (ROS) as a by-product [41, 42]. Under infection,

both mouse strains had an increased relative abundance of OXPHOS proteins but

with the resistant strain still having a higher relative abundance than the susceptible

strain [40]. These results indicate a potential role of ROS in early elimination of

Ascaris. Additionally, CBA/Ca mice had an intrinsically higher relative abundance

of ribosomal proteins than C57BL/6J mice. This difference became more pro-

nounced under infection [40].

At the genetic level, the MHC genes were among the first to be implicated to

play a role in predisposition. Holland et al. [43] found that the presence of the

A30–31 antigen was more prevalent in consistently infected children. Subse-

quently, Williams-Blangero et al. [44] identified, in the Jirel population of East

Nepal, that 30–50% of difference in worm burden between individuals could be

attributed to host genetics. Using variance component linkage analysis, the authors

measured the covariance between infection and genotype, which resulted in the

identification of three loci on chromosomes 8, 11 and 13 as having an influence on

susceptibility [45, 46]. An additional three suggestive loci were recognized in a
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later study, using a bigger sample size and thus enhancing the power. This analysis

indicated a total of four chromosomes of interest: 13, 11, 8 and 1 [45, 46]. The

authors propose the TNFSF13B gene as a candidate for further investigation. Other

studies confirmed these findings, suggesting TNFSF13B, together with LIG4, as

important factors that might explain heterogeneity in Ascaris infection [47], with a

possible role of these two genes in the modulation of an IgE and IgG response

against the parasite in favour of a protection against Ascaris infection. Additionally,
Peisong et al. [48] identified a STAT6 gene variant in a Chinese population that was

linked with lower Ascaris burden.
In order to understand the role of the household level, the influence of exposure

on predisposition was examined by Walker et al. [49], using data obtained from

Hall et al. [50] who investigated a population in Bangladesh, using new Bayesian

statistical model methods. Walker et al. [49] identified that predisposition is

strongly linked within households. Additionally, an increased risk was observed

for households with earth floors, without latrines and who use a common tap for

their water necessities. The authors further identified a sex difference, with a higher

prevalence of infection observed in adult women than adult men [49]. This sex

difference was not observed in children and is likely to be ascribed to the socio-

logical aspects of the society, where women tend to stay at home (exactly the area

that has been identified as the place where most infections occur by the authors) and

teenage boys and men tend to go to work during the day. As for the age-related

differences in worm burden, the authors [49] point to a rapid behavioural change, as

they start exploring their environment, in early childhood as likely cause for the

observed decrease in baseline mean worm burden with increased age. This effect

seems to be particularly strong in the first 3 life years. In sum, the authors found that

individual differences play a minimal role in predisposition, whereas the household

was found to be the main risk factor.

1.3 Animal Models

Although pigs are a natural host for A. suum infection, which in itself is closely

related to the human A. lumbricoides, their use as model system is challenging

because of cost, husbandry, size of the pigs and the lack of inbred strains [51]. A

large range of animal models has been explored for Ascaris infection: mice, guinea

pigs, rabbits, labs, goats, gerbils, rats and cows [51]. Because only pigs are natural

hosts, all other model organisms have incomplete life cycles, with only the early

stages of infection occurring [51], making them abnormal hosts. Additionally,

Holland et al. [51] found “that in the vast majority of these models, susceptibility

and resistance to Ascaris infection in either the liver or the lungs has not been

clearly established”.

Experiments on rats were conducted by Davaine as early as 1863 [52]. Stewart

continued Davaine’s experiments, using rats and mice [53], where he identified the

presence of Ascaris larvae in the gut, the liver and the lungs. Slotved et al. [54]
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subsequently recognized that the migratory path of A. suum in both pig and mouse

was the same, making mice an ideal model organism. Furthermore, the migratory

path of the A. suum larvae in mice is similar to A. lumbricoides in humans

[54, 55]. Mice also have a higher larval recovery rate than other animals such as

rats, guinea pigs and rabbits [56] and even pigs [57]. This is due to their relative host

size and parasite size [38].

Lewis et al. [38] built on the early mouse work of Mitchell et al. [58] by testing a

range of different mouse strains in order to mimic the susceptibility and resistance

to Ascaris found in humans [38]. A range of different mouse strains were tested to

mimic the susceptibility and resistance found in humans [38]. C57BL/6J and

CBA/Ca mice were identified as a susceptible and resistant, respectively, against

Ascaris infection [38], with C57BL/6J mice demonstrating a peak in larval numbers

at 7 days postinfection and CBA/Ca mice remaining relatively resistant [51]. A

change in dose of infective eggs did not modify the relative susceptibility, indicat-

ing an intrinsic difference in host factors between the two strains [38].

2 Pathogen

2.1 Types

There are two species of Ascaris, Ascaris lumbricoides Linnaeus, 1758, and

A. suum Goeze, 1782, with the former infecting humans and the latter infecting

pigs [59]. However, there has been considerable debate in the literature about

whether these ascarids are truly separate species [60, 61]. Both species are mor-

phologically very similar, with only small difference in denticle and lip morphol-

ogy observed [59, 62, 63]. The use of molecular techniques was therefore an

essential development, with mitochondrial DNA (mtDNA) and the first internal

transcribed spacer (ITS-1) being the most frequently used molecular markers.

mtDNA is often used for identifying cryptic species, with a 2% sequence variation

between individuals of the same species and 10–20% between closely related

species being observed [64–66]. ITS-1, conversely, has �1% sequence variation

between individuals of the same species and between closely related nematode

species [67, 68]. mtDNA has a higher mutation rate as ITS-1, making it preferable

when analysing small sample sizes [65]. As for Ascaris, a difference was observed
between the two in both ITS-1 and mtDNA [69, 70], with a 1.3% difference in the

ITS-1 [69] and 3–4% for the mtDNA [70], which the authors interpret as evidence

for two separate species. Liu et al., conversely, compared whole mtDNA extracted

from A. lumbricoides and A. suum from both human and porcine sources, respec-

tively, and found a 1.9% sequence difference, indicating a single species [71].

Another area of debate has been the possibility of cross transmission. In

nonendemic areas, pig-to-human infections have been demonstrated; however, in

endemic regions such cross infections are harder to verify [72–75]. Evidence for

cross transmission in endemic settings was established through the identification of
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Ascaris hybrids, as hybrids can only occur when the two different species were at

one time present together in the same gut [72, 74, 76, 77]. The question as to

whether Ascaris can cross infect is an important one for the development of

appropriate control measures as it determines if Ascaris infection should be con-

sidered as a zoonosis [76]. Although rare, cross infections could have important

implications regarding drug-resistant gene transfer, formation of hybrid genes,

potentially increasing parasite virulence or host immune evasion [78, 79]. The

presence of hybrids does not immediately imply a single species. It is possible

that after mating the eggs die off straight away or that the offspring of the hybrids

could be sterile or have lower fitness, all of which would be supporting the two

species theory [80]. In the case of Ascaris, however, it is thought that the hybrids are
fertile [76, 77, 80].

If the two species theory prevails, questions about the last common ancestor will

arise. Anderson et al. first found that 17% of genetic variation between Ascaris
obtained from pig samples was explained by differences in geographical location

[81]. Criscione et al. [76] confirmed these results through the investigation of

Ascaris, isolated from both human and porcine origins and which were gathered

from different parts of the world. The authors found that Ascaris tends to cluster

together depending on the region rather than based on their host organism,

i.e. A. suum and A. lumbricoides cluster together per region. The authors thus

concluded that Ascaris diverged into infecting humans and pigs separately in

different locations and that this evolutionary event therefore must have happened

several times. In contrast, Betson et al. [72] found evidence for a single host switch

and subsequent geographical differentiation; however, they further suggest that an

alternative model of multiple host switches is also a possibility [72, 76]. The above,

taken together with evidence for restricted gene flow between the species, suggests

the possibility of the presence of multiple species of Ascaris in humans and

pigs [82].

Solving these species problems will prove to be essential for transmission and

control purposes [82].

2.2 Life Cycle

The life cycle of A. lumbricoides in humans is very similar to the life cycle of

A. suum in pigs [83]. The infective eggs, which contain L3 larvae covered with the

L2 cuticle [84], are ingested and hatch in the small intestine. These larvae migrate

to the caecum where they penetrate the mucosal barrier [55] and migrate to the liver

via the portal blood. In the liver, the L2 cuticle is shed after which the larvae

migrate to lungs on day 6–8 postinfection [57]. Here the larvae continue to

penetrate the alveolar spaces and migrate to the pharynx. Subsequently they are

swallowed and return to the small intestine at day 8–10 p.i. [57]. On day 10 p.i., L3

stage larvae moult into the L4 stage, after which they reach sexual maturity.

Another moult occurs on day 24 p.i. resulting in L5 stage larvae [85], which are
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expelled from the gut at week 23 [86]. Adult female worms measure between

20 and 35 cm, in contrast to smaller males that range from 15 to 20 cm

[83]. Adult worms can survive for 1–2 years in the gut [29, 87].

Female worms produce 200,000 eggs per day; however, egg production is

variable with changes in egg production occurring on a daily basis [88]. Optimal

conditions for survival of infective eggs in the environment were found to be wet

and dark, whereas a dry, sunny environment kills the eggs after a few weeks

[89]. The eggs are sticky and can therefore get stuck to various objects such as

utensils, furniture, money, fingers and door handles and food such as fruit and

vegetables [90]. In the soil, the larvae within the eggs undergo two moults [84],

developing into L1 larvae, which takes around 10 days at optimal conditions

(28–32 �C) [91]. This delay means that it is not fresh faeces, but rather old faeces,

that contain infectious material. The traces of old faeces could therefore already

have disappeared, while the infectious material can still be present [92].

In endemic areas, eggs are ingested frequently. Wong et al. [93] monitored

children of two households that received treatment at the start of the trial and

subsequent confirmation, using Kato-Katz thick smear, that the children were

parasite-free. The authors then determined the amount of soil the children con-

sumed by measuring quantity of non-dietary silica present in the stool. After

determining the density and distribution of the eggs in the play area of the children,

the authors were able to estimate that the children on average ingest 9–20 Ascaris
eggs per year. Three months later the children received another round of

mebendazole, allowing for the measurement of their new worm burden. The

authors were then able to compare estimated infection rate with the observed

infection rate; the results then indicated that between 12 and 90% of ingested

eggs developed into adult worms. Although ingestion is the most common way of

infection, inhalation and swallowing of eggs from the air are also possible routes of

entry in hyperendemic regions [94–96].

The exact reason why the parasite goes through such complex cycle, i.e. larval

migration, is not fully known [51]. One theory [97] suggests it is an evolutionary

remnant from when the parasite used to penetrate the skin. Other theories suggest

that the complex life cycle provides fitness benefits to the parasite due to a reduced

risk of immune-mediated damage and death occurring in the different tissues

[98, 99]. Evidence for this theory was found through introducing infective larvae

in the blood stream in the pigs, which resulted in a lack of larval migration and

slower larval development [100].

3 Clinical Features

Most individuals infected with A. lumbricoides will only harbour a few worms

[30, 32] and will not experience significant symptoms [101, 102]. Moderate infec-

tions can cause acute illness with symptoms such as nausea, diarrhoea and abdom-

inal pain, which usually disappear shortly after onset [103]. Heavily infected
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individuals, however, can have a wide range of symptoms which are divided into

chronic and acute symptoms [104]. Chronic symptoms of Ascaris infection have a

major public health impact [5]. Acute symptoms, conversely, are rare but more

serious [104] with an increased risk of mortality. de Silva et al. [105] estimated that

per 12 million acute cases, 1000 deaths occur.

The most prevalent symptoms of chronic disease are growth impairment and

malnutrition [5, 92]. Malabsorption of nutrients such as fats, vitamin A and

β-carotene is caused by the parasite damaging the intestinal villi and is, in combi-

nation with anorexia, the main cause of malnutrition [106]. Anorexia, together with

damaged intestinal villi, can result in lactose intolerance [106]. Additionally, mal-

nutrition in children can cause impairment of growth and physical ability, together

with reduced work capacity and cognition [5, 107]. Awasthi and Pande [108]

studied a paediatric population (ages between 6 and 12 months) in North India

for a period of 18 months. The authors found, at the end of the study after

administration of albendazole and vitamin A, a significant increase in weight for

these children. Hall et al. [92] described problems involved when assessing the

nutritional status of patients infected with geohelminths. The authors highlight the

necessity of having an untreated control group to fully establish the extent of

growth impairment in children with a gastrointestinal parasite, as

non-malnourished children will experience growth and weight gain naturally.

Using four different cognitive tests, Ezeamama et al. [109] investigated the

influence of soil-transmitted helminths on cognitive function in Filipino children.

With respect to Ascaris, the investigators found an increase in test scores for the

learning subscale of the Wide Range Assessment of Memory and Learning test,

with decreased worm burden. The authors attributed these cognitive impairments to

nutritional deficits, iron in particular, inflammatory symptoms and abdominal pain

which can be distracting [6, 7]. Cognitive development is difficult to measure, as

cognition is often influence by multiple causes [110]. Careful reporting of addi-

tional environmental risk factors is therefore essential for correct interpretation of

these studies [110]. Furthermore, because a wide range of different functions could

be impaired, a range of different cognitive tests needs to be conducted in order to

map all of those affected functions [110]. The improvement of the cognitive

impairment is often hard to measure after treatment, as both remedial education

and psychosocial stimulation are considered contributing factors [110].

The effect geohelminths have on cognitive function has been debated, with some

papers arguing there is no evidence [111] and others that there is a strong link

[27, 112]. The human brain requires a high percentage of the body’s metabolic

energy, ranging from 87% in newborns to 27% in an adult female [113]. Parasites

inhabiting the intestinal tract interfere with the body’s metabolic energy balance

through interference with the nutrient absorption [114]. The Cochrane Review by

Taylor-Robinson et al. [111] could not find any link between deworming and

cognitive development. However, Medley et al. [115] point out that “Critics of

these reviews have argued that many of the included trials suffer from a number of

methodological shortcomings that may bias the results, and that better-designed

studies are required in this area”. The authors, however, did identify three main
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pitfalls for cognitive studies [4]: the lack of consensus on which cognitive domain

needs to be investigated, the lack of standardization and the absence of test

validation in developing countries.

The increased energetic need due to infection has been described in pigs only,

where a net increase of 50–100% of wet weight of the small intestine was observed

[116]. This was ascribed to a hypertrophy, mainly of the tunica muscularis in the

bowel, in order to push food past the worms. The increased energy expenditure

could result in energy loss in other parts of the body.

Both intestinal obstruction and biliary complications are the most common acute

symptom of Ascaris infection [107]. Intestinal obstruction accounts for 57% of all

complications; it is most often found in young children (5–10 years) because of

their smaller intestinal lumen [104]. Ascaris can lead to partial blockages

[117, 118], resulting in intussusception, volvulus and eventually complete obstruc-

tion [118]. All the aforementioned symptoms can cause bowel infarction and

intestinal perforation with potential peritonitis. After intestinal perforation, the

dead worms can induce granulomatous peritonitis [27]. Intestinal obstruction

occurs mostly in children, whereas hepatobiliary and pancreatic ascariasis are

more common in adults, because the larger biliary tree in adults can house an

adult worm [27]. Blockage not only occurs in the intestines; the adult worms can

move around the body causing blockages in different locations resulting in biliary

colic, cholecystitis, cholangitis, pancreatitis and hepatic abscesses [118]. Adult

worms can sometimes enter the appendix and induce symptoms very much like

appendicitis [27]. Children with a high fever may suffer from moving Ascaris
worms, which causes the worms to emerge from the nasopharynx or anus [27].

Migrating larvae can induce a range of symptoms, including asthma, coughing,

skin rashes, fever, eosinophilia and substernal pain, with dying larvae causing more

harm than the living ones [119–121]. While the larvae are migrating through the

lung as part of their life cycle, they cause a range of symptoms including blood

eosinophilia, respiratory symptoms and pulmonary infiltrates termed “Loeffler’s
syndrome” [122, 123]. Dead worms can release their eggs and cause a granuloma-

tous reaction, which can induce liver abscesses [17]. Additionally, McSharry et al.

[124] found that acute phase proteins, produced in the liver, were increased in

putatively immune children from Nigeria. This may indicate the presence of an

immune mechanism which targets the hepatic stage of the parasite [124].

4 Molecular and Biological Aspects

4.1 Excretome/Secretome

The excretome/secretome (ES) from a parasite consists of both proteins that are

actively secreted and passively released. ES proteins are known to have immuno-

modulatory functions in several parasites; one such parasite is Fasciola hepatica,
which is known to secrete thioredoxin peroxidase [125] in addition to a range of
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antioxidant enzymes [126]. Additionally, Spolski et al. [127] showed that the ES

from Taenia crassiceps supressed a Th1 response.

The ES of A. suum has been studied sparsely and little is known about its

influence on the host. Chehayeb et al. [128] found that in vitro, A. suum secreted

a range of lipid-binding proteins. Among those lipid-binding proteins, which

parasites possibly use to obtain lipids from their host, the authors discovered the

presence of vitellogenins which are known to play a major role in oogenesis and

development of the larvae. Another one of these lipid-binding proteins, ABA-1, is

the most abundantly secreted protein and a major allergen; its function, however,

remains unclear [128, 129]. Additionally, Chehayeb et al. [128] found proteases and

protease inhibitors being excreted/secreted, both of which are thought to play a role

in immunomodulation, with proteases having an extra function in tissue migration.

Furthermore, Antunes et al. [130] found that PAS-1, an ES protein from both larval

and adult stages of Ascaris, had an immunomodulating effect through the suppres-

sion of leucocyte infiltration in addition to the production of the pro-inflammatory

cytokines IL-1β and IL-6.

As parasites excrete/secrete different proteins during their life cycle, Wang et al.

[131] investigated which proteins are found during the different stages of develop-

ment of Ascaris. The authors found that just two proteins were excreted/secreted

during each of the different larval stages: serpins and 14–3-3 protein. Serine

protease inhibitors are believed to have a dual function of, first, protecting the

larvae from being digested and, second, coating the larvae in these serpins, hereby

potentially masking them from the host’s immune system [131]. The 14–3-3 protein

was found to be excreted in other parasites such as S. mansoni. Its function remains

elusive to date, but the protein is believed to be involved in the host-parasite

relationship [131, 132].

Further identification and characterization of these proteins is not only necessary

for our understanding of the disease progression, but it may also offer novel vaccine

candidates and potential new therapies.

4.2 Genome

A draft genome of A. suum has been sequenced by Jex et al. [133]. The draft

genome predicted the presence of 775 excretory/secretory proteins, 301 immunogen

proteins and 26 immunomodulatory proteins including proteases which have been

identified as Th2 immunomodulating proteins [133, 134]. Additionally, several

immunomodulating homologues were predicted, including B-cell inhibitors, neu-

trophil inhibitors, etc. In addition, some immune evasion proteins were predicted

through the mimicking of host proteins [133].

A range of peptidases linked to feeding and migration were also identified,

together with homologues to olfactory chemosensory genes of volatile compounds

[133]. The latter are thought to play an important part in migration of the parasite
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[133]. Moreover, the authors identified sex-specific genes, for the males associated

with spermatogenesis and for the females associated with oogenesis and egg laying.

This draft genome can play a significant role in the search for new drug targets

[133]. These can be found by targeting either essential genes or by interfering with

essential enzymatic chokepoints, which are defined by the authors as “enzymatic

reactions that uniquely produce and/or consume a molecular compound” [133].

5 Ascaris and the Immune System

5.1 Immune Response

Upon oral infection, Ascaris larvae migrate through the digestive tract to the

caecum, the site where the larvae penetrate the gut [55]. Gut-dwelling helminths

trigger the innate immune system through damaged epithelial cells, which will

secrete cytokines [135, 136]. These cytokines are called “alarmins”; they are IL-25

and IL-33 [135, 136]. These alarmins activate nuocytes, which are non-B non-T

cells [135–137]. Nuocytes then have the ability to secrete IL-4 and IL-13 and

alternatively activate macrophages [137]. Neill et al. [135] demonstrated the

importance of these nuocytes and their cytokine production in the expulsion of

Nippostrongylus brasiliensis.
Parallel to this, the alarmins, together with parasite-derived excretory/secretory

products, are able to activate antigen-presenting cells, which subsequently can

activate Th2 cells, thus inducing the Th2 response [137]. Parasite-derived excre-

tory/secretory products are detected by the host most likely through C-type lectin

receptors [138]. As for A. suum, Yoshida et al. [139] identified a novel C-type lectin
of A. suum called A. suum C-type lectin-1 (As-CTL-1) in the lung tissue of infected
rabbits. The authors found that As-CTL-1 has 38% similarity to a known C-type

lectin from Toxocara canis: Tc-CTL-4.
In the gut, IL-13 induces an increase in epithelial cell turnover and goblet cell

differentiation [137, 140]. Goblet cells in their turn produce mucins [137, 140,

141]. Mucins produced by goblet cells play an important role in the clearing of

Trichuris muris, where it was found that mice lacking mucin 5a have difficulty

expelling the parasite compared to mucin 5a–secreting mice [141]. Relmβ is also

induced by IL-13 and disrupts the chemotactic sensors of parasites through direct

binding [142, 143].

Dendritic cells have been shown to be essential for a Th2 response activation

[144, 145]. An experimental approach by Pythian-Adams et al. [146] showed that

Schistosoma mansoni infections require the presence of dendritic cell to induce a

Th2 response.

Masure et al. [147] found that pigs continuously exposed to A. suum eggs for

14 weeks manage to develop immunity against subsequent infections, resulting in a

99.7% reduction in larvae. The authors linked this observed immunity to immuno-

logical changes in the caecum including eosinophilia, mastocytosis and a
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hyperplasia of goblet cells [147]. They additionally found an increase in the

recruitment of eosinophils to the caecum in immune animals upon reinfection.

This was paired with an increase in IL-5, IL-13, CCL11 and eosinophil peroxidase

transcripts. IL-5 is involved in the development of eosinophils and their recruitment

from the bone marrow into the blood [148], and eosinophil peroxidase is involved

in ROS production [149]. In vitro experiments showed that A. suum larvae induce

degranulation of eosinophils [147]. In all, their results seem to indicate an important

role for eosinophils and ROS in the development of immunity against Ascaris and
subsequent larval expulsion [147].

After ingestion, the larvae migrate to the liver. Little is known regarding an

immune response against Ascaris in the liver. The liver shows macroscopic signs of

an innate immune response, with the presence of white spots in the livers of pigs

infected with A. suum [150] and humans infected with A. lumbricoides [151]. There
are two types of these white spots: granulation tissue and lymphonodular [152]. The

former mainly contains eosinophils, neutrophils and macrophages; the latter mainly

contains lymphoid cells.

The liver is an immunomodulatory organ [153], which could explain why

Ascaris incorporated this organ as part of its life cycle. This is a route which is

also used by Plasmodium; Bertolino and Bowen [154] suggested that the malaria

parasite goes through a hepatic, pre-erythrocytic stage, potentially to evade the

immune system.

The surviving larvae subsequently move from the liver to the lungs [57]. During

the lung stage of the life cycle, an intense inflammatory response was observed in

the lungs of BALB/c mice, induced at first by an influx of neutrophils, followed by

eosinophils and mononuclear cells [155]. Lewis et al. [156] showed, using hydro-

cortisone to suppress inflammation, that this inflammatory response is not respon-

sible for the observed difference in heterogeneity of infection. In fact, the authors

identified the hepatic or post-hepatic stage as the most likely time for resistance to

manifest itself.

Using BALB/c mice infected with Ascaris, Gazzinelli-Guimar~aes et al. [157]

found that the earliest change in cytokine profile in the lungs was an increase of

IL-5 concentration at day 4 postinfection, coinciding with the migration of the

larvae towards the lung. IL-5 has been shown to play a role in the eosinophilia

observed in helminth infections [157]. Because this stage is too early for this

cytokine to be produced in CD4+ cells, the authors postulated that the IL-5 is

secreted by either resident lung cells or nuocytes [136].

A profound increase in both eosinophils and neutrophils was confirmed in a

mouse model using A. suum infected BALB/c mice, with a peak at day

14 postinfection [158]. Recent work by Nogueira et al. [155] demonstrated that

this rise in eosinophils and mononuclear cells is more pronounced in reinfected

mice, when compared to single infections. The authors also observed that this

increase in eosinophils correlated with a decrease in parasite burden, suggesting a

potential role for eosinophils in the clearance of infection. However, the authors

note, this intense inflammatory response could be associated with tissue repair

rather than worm expulsion [156].
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5.2 Immunoglobulins

As for the adaptive immune response, an increase in IgE concentration is associated

with Ascaris infection. High levels of specific IgE antibodies against one Ascaris
protein in particular (anti-ABA-1) have been associated with natural immunity

against Ascaris infection [124, 159]. Paterson et al. [160], however, found that

ABA1 is “not intrinsically allergenic”. The authors argued that the IgE response

observed in Ascaris infections is a combination of several factors, exposure route,

antigen dose and other Th2-promoting molecules, which together make ABA-1 a

bystander antigen [160]. IgE was found to bind the Fc epsilon RI (high-affinity IgE)

receptor on eosinophils and induce eosinophilic degranulation [161].

IgE has been found to play an important role in eosinophil-mediated cytotoxicity

in S. mansoni infection [161]. The role of IgE, however, is a source of debate, with

some evidence suggesting that high levels of Ascaris-specific IgE antibodies have a

protective effect [159], whereas a study performed in Bangladesh found that

heavily infected children have higher anti-Ascaris IgE than lightly infected

children [162].

Miguel et al. [163] found an increase in anti-Ascaris IgA antibody-secreting

cells (ASC) at day 10 p.i. in the lamina propria of the proximal and distal jejunum of

pigs, which the authors attribute to a delayed response to larval penetration after

infection. These ASCs started decreasing at day 21 p.i. The authors additionally

measured increased serum anti-Ascaris IgA, with IgA anti-ABF serum levels

remaining high throughout infection and IgA anti-L3-ES serum levels dropping

after day 21 p.i. Secreted anti-IgA antibodies play an important role in the gut as

they form a protective barrier for pathogens and toxins to enter the gut epithelium,

through trapping and eliminating potential pathogens [164].

5.3 Th2 Response

The presence of a strong Th2 response in Ascaris infection has been found to be

important for worm clearance, with an increased Th2 response playing a significant

role in age-dependent resistance to Ascaris infection [165]. A Th2 immune

response is associated with IL-4 and IL-5 production, two cytokines that induce

IgE production and eosinophilia [166], with IL-4 in particular mediating the class

switch to IgE B cells [167]. However, Nogueira et al. [155] in their model of

reinfected mice found evidence of a mixed Th2/Th17 response. Th17 cells produce

IL-17, which in turn produces CXCR2 ligands, which are chemoattractant for

neutrophils [168]. Additional evidence for their findings was found in C57BL/6

mice infected with S. japonicum, which were found to produce IL-17A [168]. Fur-

thermore, Nogueira et al. [155] found that in reinfected mice, during the first days of

the repeat infection, there was a significantly higher level of IL-4. The authors [155]

suggest the mixed Th2/Th17 response is part of tissue remodelling, with the larval
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migration and subsequent tissue damage causing an inflammatory response that

needs to be controlled.

5.4 Regulations of the Immune System

Regulation of the immune response is an important part of the immune system.

Several immune modulating cells were identified to play a role in helminth infec-

tions such as alternatively activated macrophages, Treg cells and regulatory B cells

[137]. Matera et al. [169] found a statistically significant increase of innate CD4+

CD25+ Treg cells in Ascaris-infected individuals compared to controls. The authors

suggest this regulation of the immune response could be beneficial for both the host

and the parasite. The parasite would be able to sustain prolonged infection

[169]. The host on the other hand, the authors point out, would benefit from a

dampened immune response, which would otherwise lead to pathology [169].

However, Matera et al. [169] found that in Ascaris-infected patients, despite an

increase in Treg cells, no expected rise in IL-10 was observed. Some evidence

[170], however, points towards these Treg cells modulating the immune response

using IL-10. Nascimento et al. [170] induced autoimmune hepatitis in BALB/c

mice, using a lectin called concanavalin A. In an attempt to reduce hepatic

inflammation and tissue damage, caused presumably by concanavalin A-induced

polyclonal B-cell and T-cell activation, the researchers administered A. suum
extract. The authors found that both prophylactic and therapeutic administration

of this extract showed statistically significant improvements in serum markers,

which the authors believe was the result of increased IL-10 concentrations. IL-10

would then inhibit the co-stimulatory molecules from antigen-presenting cells

[170]. This research highlights the potential of immune modulation of Ascaris
infections. Antunes et al. [130] identified the PAS-1 antigen from A. suum as an

anti-inflammatory protein which can inhibit LPS-induced inflammation in an

IL-10-mediated manner. IL-10 is an important regulator of inflammation; it is

produced by a wide range of cells and acts as an anti-inflammatory cytokine [171].

5.5 Other Proteins Involved

McSharry et al. [124] found that Nigerian children, putatively immune to Ascaris,
had a higher concentration of the inflammatory markers C-reactive protein, ferritin

and eosinophil cationic protein, when compared to a group predisposed to infection.

Eosinophil cationic protein was found to be upregulated in Ecuadorian children

chronically infected with Ascaris [172].
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5.6 Natural Immunity

Due to the immunomodulatory aspects of helminth infection, it is hard to develop

natural immunity against it [173]. The immunomodulatory properties of A. suum
work through the secretion of phosphorylcholine, which have pathogen-associated

molecular pattern properties [27]. These interfere with the immune system by

disturbing lymphocyte proliferation pathways. Additionally glycosphingolipids,

produced by Ascaris, have been shown to inhibit LPS-induced Th1 cytokine

production (IFN-γ). PAS-1, PAS-2 and PAS-3 all inhibit the antibody response of

BALB/c mice [174].

6 Diagnosis and Treatment

6.1 Diagnosis

A wide range of diagnostic tools have been developed for the identification of

helminths. Diagnostics can be divided up into two divisions: firstly, indirect diag-

nostics, which looks at the egg count and presumes a correlation between the

amount of eggs secreted and the amount of worms present in the gut. Secondly,

direct diagnostics, in which the worms themselves are counted as measure of worm

burden.

Each test has its own sensitivity, and the need for different sensitivities might

change [175]. At the start of control programmes, when there is a high prevalence of

the parasite in the population, a quick method with low sensitivity is required to

screen large parts of the population [175]. However, later on during the programme,

it will become necessary to detect light infections, and a higher sensitivity will be

required [175].

The easiest and most reliable method is microscopy, which only requires a

microscope with magnification 10X objective [39, 176]. Microscopy is cheap and

easy to use in a low socio-economic setting [27, 177, 178]. It is a quantitative

method that provides a measure of the eggs per gram of faeces (epg) [27, 177,

178]. The eggs are brown or yellow and measure approximately 55–75 μm by

35–55 μm [179]. This technique, however, cannot be used to distinguish between

A. suum and A. lumbricoides [60]. There are several ways of performing micros-

copy, the easiest being an examination of a thick smear of the sampled faeces

[39]. In the Kato-Katz method, glycerol is added to a set volume of filtered faeces,

in order to clear the faecal detritus, which takes about 30 min [39, 180]. This is then

applied to a template on a slide and the eggs are counted. The number of counted

eggs is subsequently multiplied by a factor, depending on the used template [181].

Based on epg, the World Health Organization divides people into three catego-

ries: light-intensity infections (1–4999 epg), moderate-intensity infections

(5000–49,999 epg) and heavy-intensity infection (>50,000 epg) [10]. It is assumed
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that egg counts are related to the number of sexually mature female parasites

present in the gut [182]. Microscopical examination, however, can still be

influenced by a number of potentially confounding factors: (1) Diagnosis can be

missed due to low-intensity infections or the presence of male worms only; both

scenarios would lead to a reduced or absent egg production [39]. (2) The females

have to be fertilized by males; if not, unfertilized eggs are produced [179]. These

are longer and thinner than fertilized eggs [179]. However, only few of these are

released and can therefore be hard to find [179]. (3) Eggs are sometimes clumped in

the faecal matter, mixing the sample before subsampling can help, preferably with

0.9% of saline and a surfactant solution to separate eggs further [39, 183]. (4) The

number of adult worms in the gut can determine the amount of eggs released by the

females, which is called density-dependent fecundity, meaning that with increased

worm burden, the females produce fewer eggs [13, 184–186]. (5) Geographical

differences in egg production have been observed [13]. Hall and Holland [13]

identified a difference in egg counts when comparing a study performed in Nigeria

[28] and another one in Bangladesh [14]. Children infected with Ascaris in Nigeria
had a 6 to 13 times greater egg count for similar worm burdens [13]. The authors

point out that when only egg counts are considered, none of the children from the

Bangladeshi cohort would have been categorized as heavily infected. However,

13% of this cohort would have been identified in this category if worm counts were

used. An earlier study, also based in Bangladesh, gave similar results [12–

14]. Given these geographical differences, Hall and Holland [13] suggest setting

local epg thresholds to identify heavily infected individuals, rather than using

global categories.

Quantification of infection is thus best achieved through infection intensity

(worm burden in particular) rather than prevalence [39]. Worm burden can be

determined through expulsion of the parasites using anthelmintic drugs [39]. How-

ever, this is a challenging process with human subjects.

Flotation and sedimentation techniques are also used for the detection and

diagnosis of Ascaris eggs [39]. For the sedimentation method, gravitation is used

to extract the eggs, with the potential of adding water, ethyl acetate and formol-

ether [187, 188]. The eggs can subsequently be found in the sediment which can be

microscopically examined [39]. The formol-ether technique has the benefit that it

can be used in settings where no microscope is available, as the samples are fixed

and can thus be examined at a later time [175]. As for the flotation technique, either

ZnSO4 or sugar is added [187, 189], the eggs can subsequently be found in the top

layer, which can be aspirated and investigated using microscopy [39]. Two new

flotation-based techniques are available, FLOTAC and mini-FLOTAC

[190, 191]. Nikolay et al. [175] found that the FLOTAC method was more sensitive

than direct microscopy. However, FLOTAC requires a centrifuge [190] and is more

time-consuming than microscopy [192]. The mini-FLOTAC was developed to

overcome those obstacles, making it easier to use with the same high sensitivity

as the FLOTAC [193].
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Infections can also be diagnosed using imaging techniques such as X-ray

photographs [194], tomographic images [194], sonographic images [195] or

endoscopy [195].

Detecting the metabolites (2-methyl-butyramide and 2-methyl-valeramide) of

the worm in urine is another available method; however, this is very impractical as

it requires a solvent extraction followed by gas-liquid chromatography [39, 196].

Furthermore, it is possible to find Ascaris DNA in faecal samples using a

polymerase chain reaction with specially developed Ascaris primers [197, 198].

Two methods in particular are considered unreliable for diagnosis and should be

avoided [39]. The first is the use of clinical symptoms to diagnose Ascaris, as there
are no specific symptoms or signs [39]. The second method is antibody detection in

blood and saliva, as the presence of these antibodies does not imply a current

infection [199, 200].

The true prevalence of Ascaris infection in a community is always higher than

the apparent prevalence [115]. However, Medley et al. [115] found that it is only

those communities with an intermediate true prevalence (30–70%) that actually

benefit from improved sensitivity in diagnostic tests.

6.2 Treatment

The WHO has five anthelminthic drugs on its list of essential medicines:

albendazole, levamisole, mebendazole, niclosamide and pyrantel [201]. These

can be given to both adults and children [201, 202]. Benzimidazoles in particular

are often used in mass treatment programs against soil-transmitted helminths

[203]. Ivermectin, although not included on the list, is also effective [204].

Treatments are aimed at eliminating adult worms from the gut [27]. Benzimid-

azole-based drugs (albendazole, mebendazole) work through binding with the

β-tubulin of the worm, which inhibits microtubule polymerization, causing the

adult worm to die [205]. Both levamisole and pyrantel pamoate do not kill but

rather paralyse the worms; they can therefore be used to collect adult worms to

measure infection intensity [39]. Both are agonists of nicotinic acetylcholine

receptors [206].

Anthelmintic resistance in A. lumbricoides has not been observed so far

[207, 208]. Other parasitic nematodes, such as Haemonchus contortus, have

shown anthelmintic resistance against benzimidazoles, which is often caused by a

single-nucleotide polymorphism in β-tubulin. Three single-nucleotide polymor-

phisms are known at codon positions: 200 (T ! A), 167 (T ! A) or

198 (A ! C) [209–212]. The result of these mutations is that benzimidazoles

cannot bind β-tubulin anymore and therefore lose its anthelmintic resistance

[213]. The homozygous mutation at position 167 was found to be present at a

high incidence in A. lumbricoides eggs taken from Haiti, Kenya and Panama

[214]. Treatment with albendazole did not increase the incidence of the SNP in

both the Haiti and Panama cohort, possibly indicating that the polymorphism occurs
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naturally [214]. The Kenyan samples did show an increased incidence of these

SNPs in the post-treatment group; however, this could be due to the difference in

sample size in the pre- and post-treatment groups [214]. Overall the treatment with

albendazole was found to be successful, indicating that this particular polymor-

phism has no influence on drug efficacy in A. lumbricoides [214]. The SNP at

location 200 was found to not be present at all in A. lumbricoides in Panama,

Uganda and Zanzibar [215].

7 Coinfections and Allergies

7.1 Ascaris Coinfection

The Th2 response observed in helminth infections has various consequences,

including reduced immunological reactions to Th1 response-inducing vaccines

[216–219] and a decreased incidence of predominantly Th1 response diseases

[220]. In general, this strong immunological reaction can have implications for

other nonparasite antigens, leaving the host with an impaired Th1 response

[166, 221]. This impaired immune state can potentially lead to impaired viral

clearance [222]. Some infections and diseases are often associated with Ascaris,
such as HIV, malaria and allergies; these will be discussed in more detail below.

7.1.1 Ascaris and HIV

It is estimated that worldwide there are 22 million people coinfected with HIV and

Ascaris [223]. It is still unclear what the exact effect of Ascaris infection is on the

HIV viral load, with some studies suggesting that the infections exert no influence

on each other [224, 225] and other studies suggesting a positive [226] or negative

[227, 228] correlation.

HIV progression is measured through the decline of CD4+ T cells [226]. It is

thought that the Th2 shift induced during Ascaris infection causes a reduction in

Th1 T cells, which are necessary to activate CD8+ T cells [223, 226]. These CD8+

T cells would normally eliminate HIV-infected CD4+ T cells [223, 226]. Based on

this, it has been suggested that deworming would reduce the risk of HIV infection

and the disease progression [226]. Abossie and Petros [226] investigated this theory

and found an increase in CD4+ T cells both at 15 weeks and 6 months after

anthelminthic treatment.

Other studies, however, suggest that there is a correlation between HIV progres-

sion and Ascaris infection [227, 228]. This theory suggests that HIV can replicate

better in Th2 cells than Th1 cells and the shift towards Th2 cells, due to Ascaris
infection, could therefore increase the virus’ chances of replication [223]. Addition-
ally, a low systemic immune activation, such as seen in helminth infections [229], is

considered a risk factor for HIV transmission [230]. A generalized immune
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suppression caused by Ascaris infection could be responsible for those studies

which fail to detect any link between HIV and Ascaris infection [223].

7.1.2 Ascaris and Malaria

Malaria and Ascaris are geographically often found together. The effect the two

have on each other could therefore have important implications. As with HIV

coinfection, it remains unclear what, if any, the extent of the effect is, with several

studies suggesting a protective effect of A. lumbricoides on malaria [231], some

studies suggesting the opposite [231, 232] and still others suggesting no influence

[231]. If there is in fact an association, the consequences of a mass Ascaris
eradication programme would need to be considered, with potential requirement

of adding several antiparasitic drugs [233].

Both possibilities are associated with a number of theories explaining these

findings; however, the exact mechanism is not understood, as the immunological

response to both parasites separately is not fully understood yet. One such theory is

that the preferred Th2/Treg response during Ascaris infection reduces the Th1

response necessary to expel Plasmodium parasites [234, 235]. Alternatively, the

rise of IgE in Ascaris-infected patients leads to activation of CD23, which in turn

induces an increase in IL-10 [236]. IL-10 induces, through a rise in nitric oxide

synthase, a rise an nitric oxide which would be detrimental for Plasmodium
parasites [236].

Conversely, the beneficial effect of a coinfection can be explained through the

balance between pro-inflammatory and immunoregulatory cytokines from both

infections, which can result in asymptomatic malaria infections [223]. Making

that the immunomodulatory cytokines produced during an Ascaris infection may

thus have a beneficial effect on malaria infection.

Superficially it may thus appear that deworming people would have a detrimen-

tal effect on the population regarding malaria morbidity [223]. However, helminth

infection is linked to an increase in gametocytes, increasing the chance of malaria

transmission [237]. Additionally, Ascaris coinfection has been linked to an increase
mixed malaria infection (P. vivax and P. falciparum) [238], making a coinfection

both beneficial and detrimental.

7.2 Allergies and Ascaris

The role of Ascaris in allergies remains controversial. Ascaris has been attributed

the quality of reducing allergic reactions, including asthma [239, 240]. Other stud-

ies, conversely, could not find a protective effect of parasite infection against

allergies [241, 242].

Cooper [243] identified four factors which could potentially play a role in a

potential positive effect of helminth infections on allergies:
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1. Timing, where chronic infections are more likely to suppress allergies and

periodic infections are more likely to enhance it.

2. Intensity of infection, with heavy infections inducing more immunomodulatory

effects and reducing allergy.

3. Host genetics, individuals with a type of host genetics more susceptible to atopic

diseases are more likely to have allergic reactions to parasitic infections but

might be more resistant to infections.

4. Parasite, depending on the parasite species, a different allergic response might be

elicited.

Ascaris in particular has been linked to potentially increasing the risk of asthma

[244, 245]. A cross-sectional study performed in children from rural Bangladesh

indicated that Ascaris infection was a risk factor for asthma and atopy

[246]. Another study performed on Bangladeshi children found a link between

anti-Ascaris IgE levels and an increase in bronchial hyperresponsiveness [247].

The influence of Ascaris on allergic reactions is possible either by (1) the

enhancement or suppression of the immune system against the parasite or

(2) cross-reactivity with helminth allergens and aeroallergens [243].

8 Prevention and Control

Ascaris prevention is done through regular administration of chemotherapeutic

drugs to vulnerable populations: pre-school-aged children, school-aged children,

women of reproductive age and particular at-risk groups [10]. In 2002, the WHO

held a consultation on the participation of children between the age of 12 and

24 months in the mass treatment programmes [248]. The WHO confirmed it was

safe to include this age group in the programmes. The need to include this group

was highlighted by Kirwan et al. [249], who found that there was a high prevalence

of Ascaris in the 12–25 month group of Nigerian children. The authors additionally

found that Ascaris prevalence and intensity increased with age.

The WHO recommends chemotherapy should be given twice annually in areas

where over 50% of the school-aged children are infected with soil-transmitted

helminths and once annually for those areas where 20–50% of school-aged children

are infected [10]. No mass treatment with chemotherapy of the population is

advisable in areas where less than 20% of the children are infected with STH

[10]. The preventative treatment of school-aged children is important for all age

groups as this demographic contains most heavy infections and potentially excretes

a disproportionate amount of infective eggs into the environment [11]. The admin-

istration of chemotherapy to this group will therefore benefit the entire community.

Interference with transmission is difficult, given that infective eggs of Ascaris
are present in the environment. A vaccine would therefore be a great help to Ascaris
elimination. Several vaccines have been trialled on pigs, such as ultraviolet-

irradiated eggs, which gave 94% protection [250]. Other vaccines targeted specific
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egg antigens of A. suum (As14&As16, As26, As37, As-Enol-1) [173, 251], antigen

from the adult worm (As-GST-1) [251] and homologues from other parasites such

as hookworm-derived Ac16 homologue and the RAL-1 homologue from

filariae [173].

It is still more feasible to eliminate morbidity rather than the parasite itself

[10]. This is for two reasons, the first being that anthelmintic treatments are very

effective against heavy infections and can thus reduce morbidity efficiently

[10]. Secondly, chemotherapy is easy to administer in countries with limited

resources and is sometimes available for free [10]. Health education and improved

sanitary facilities [252] should also be considered in order to reduce infection.

Several studies showed that the use of latrines results in a significant improvement

of infection rates, intensity and time between chemotherapy and reinfection

[18, 253, 254]. Sewage disposal has also played an important role in Japan, South

Korea and the United States of America, as part of successful Ascaris elimination

campaigns [255]. However, economic development in general remains the best

possible route to eliminating STH [107].

Using mathematical models, it is possible to predict if Ascaris transmission can

be halted using conventional chemotherapy [255]. Hollingsworth et al. [255] found

that a breakpoint in Ascaris transmission could be reached through several rounds

of treatment, as each round reduces the average worm load [255]. However, the

breakpoint at which the Ascaris population would go extinct is rather low, with an

average of close to 0 worms per host is necessary [255]. This low number is mainly

due to aggregation of parasites in few hosts and the bounce back with post-

treatment levels [255].

9 Conclusion

Ascaris is a major burden on the world population, with the parasite particularly

affecting poor communities in low-income countries [4]. Acute symptoms, though

rare, are associated with morbidity [104]. However, it is the chronic symptoms that

contribute to the significant public health impact of this neglected disease [5]. Some

people, in particular, carry a disproportionate worm load, and it is these people that

experience most severe symptoms [104]. Identifying the mechanisms behind Asca-
ris infection in general, and heterogeneity of infection in particular, is therefore a

major research challenge which needs to be addressed in order to reduce the global

burden of this parasite.

Mass control programmes are an effective way of reducing Ascaris infection

[10]. A range of drugs are available for treatment, and these can be administered at

different frequencies, ranging from mass drug administration twice a year in high-

prevalence settings to a case-to-case basis in low-prevalence settings [10]. However,

the main goal, to eradicate Ascaris, will prove difficult to accomplish with currently

available methods [255]. Firstly, there is the matter of fecundity [255]. The excreted

eggs are resistant to a range of environmental factors, making them resilient and
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hard to eliminate [255]. Secondly, humans are unable to mount a sufficiently

protective immune response against the penetrating larvae [255]. Given these

difficulties, it is important to combine mass drug treatment with socio-economic

improvements such as improved sanitary facilities.

The study of ascariasis through epidemiological means has its limitations as only

one part of Ascaris’ life cycle: the gut-dwelling worm can be investigated

[51]. What happens during tissue migration by Ascaris larvae can only, due to

ethical constraints, be studied in animal model systems at post mortem [51]. The

introduction of a mouse model has been an important step in solving these myster-

ies. Douvres and Tromba [56] were among the first authors to use A. suum in a wide

range of model systems (rabbits, guinea pigs, mice and swine). The authors

concluded that mice, despite being non-natural hosts, were well suited as model

organisms. Since then, the mouse model has been developed further with an

increasing number of studies now employing mice to study Ascaris infection

[38, 54, 155]. Using a mouse model, it was possible to identify the liver as most

likely site for resistance to Ascaris to occur [156].

Future research will have to focus on answering elementary questions such as the

exact immune response during Ascaris infection and the molecular mechanism

behind heterogeneity of infection. Only when those questions are answered will it

be possible to look further forward and develop new techniques and drugs to

attempt full elimination of human ascariasis.
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Neglected Tropical Diseases

Neglected tropical diseases (NTDs) are a group of 13 diseases, which usually infect

the poorest people around the world. Among them, the six most prevalent are

caused by helminths: ascariasis, trichuriasis, ancylostomiasis, schistosomiasis,

lymphatic filariasis, and oncocercosis [1].

For classification purposes, helminths are divided into two phyla: Nematoda

(cylindrical worms) and Platyhelminthes (flat worms). Nematoda worms include

the main intestinal worms (which spend part of their life cycle in soil) and worms

that cause lymphatic filariasis and oncocercosis. Platyhelminthes worms include

Fasciola, Schistosoma, and Taenia [2].

Neglected parasitic diseases are among the most common infections in rural and

urban areas in low-income countries located in Asia, sub-Saharan Africa, and Latin

America [3]. This group of diseases has a strong impact on the physical and mental
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health of infected people, especially schoolchildren. Moreover, NTDs commonly

appear as polyparasitism, i.e., more than one species infecting a single person.

When polyparasitism is observed, there is an even bigger impact on cognitive and

intellectual development in children. It is estimated that there are losses of billions

of dollars as a result of people in the workforce being infected with NTDs

[3]. Together, those effects intensify poverty in endemic areas and require effective

interventions every year from health authorities to try to solve the endemicity.

1 Soil-Transmitted Helminths: Introduction

Soil transmitted helminths (STHs) are a group of neglected diseases, especially in

tropical areas. It is estimated that 2 billion people around the world are infected by

STHs, with higher concentrations in areas where sanitation is not available or is

inadequate [4]. Infection by STHs arises from ovum ingestion (Ascaris
lumbricoides and Trichuris trichiura) or larva ingestion (Ancylostoma duodenale)
via infected food or contaminated food utensils, or because of poor hand washing;

or active penetration of bare skin by larvae present in contaminated soil (Necator
americanus or Ancylostoma duodenale). Once the host is infected, an adult worm in

the intestine can survive for years, and the host can contaminate other places if

personal hygiene and sanitation are not present or are suboptimal [4].

STHs are more prevalent in communities where the per capita income is no more

than US$1.25/day. They also strongly impact public health and social and eco-

nomic activity in several countries. Young women and children, when infected,

present with the highest morbidities. In children, infection can cause physical,

mental, and cognitive impairment, resulting in educational impairment and, conse-

quently, economic impairment [2]. It has also been noted that in preschool children,

infection causes malnutrition due to poor nutrient absorption, and competition

between the parasite and the host impacts the child’s memory and fluency

[5]. World mortality due to STHs varies from 12,000 to 135,000 deaths per year

[6]. The symptoms caused by STH parasite infections are very broad and include

abdominal pain, diarrhea, and weakness. Hookworm can also cause chronic intes-

tinal bleeding, leading to anemia [4].

Intestinal parasites are endemic in the majority of South Asian countries. In

2001, a new resolution was passed (WHA54.19) that encourages countries with

endemic intestinal parasites to strongly fight against STH, parasitic worm infec-

tions, and schistosomiasis. The aim is to control the morbidity caused by STH by

using drug therapy for prevention of infection in endemic areas. The global aim is to

stop morbidity in children by 2020, especially by conducting deworming programs

in schools [4].
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2 Pathogens

2.1 Ancylostomatidae

The Ancylostomatidae family (from Greek: ankylos¼ angle + tomma¼mouth) has

more than 100 species and, among them, three are able to cause important infec-

tions in humans. Ancylostoma duodenale (Dubini, 1843) and Necator americanus
(Stiles, 1902) are responsible for the majority of human infections. Although

Ancylostoma ceylanicum [5, 7, 8] can infect humans, this species commonly infects

cats and dogs [9, 10]. The mouth and its parts are used to classify the

Ancylostomatidae family. The subfamily Ancylostomatinae is composed of

A. duodenale and A. ceylanicum with marginal teeth in the mouth [11]. Species
with sharp plates around the mouth, such as N. americanus, belong to the subfamily

Bunostominae. Mouth structures are important to these parasites since they are used

to cut the gut mucosa to access blood during feeding [10].

Like other nematodes, hookworms have a direct biological cycle with only one

host. During part of the life cycle, larval stage 1 (L1), L2, and L3 are free. A

parasitic phase is started after L3 actively penetrates the skin [11, 12]. After the

penetration, L3 reaches the bloodstream and migrates to the lungs, where it

maturates. The maturated L3 is then coughed up and swallowed to enter the

digestive system. In the small intestine, the larvae will develop into mature

worms (females and males), feed on blood, mate, and produce eggs, which will

be released into the environment in feces. The egg has a thin shell and is rounded,

measuring about 60 μm � 40 μm [11]. The eggs will then hatch to release L1. The

three species have similar life cycles but also have differences in behavior and

climatic condition responses. It has been shown that Necator female worms can

produce 9000 eggs/day and Ancylostoma female worms can produce up to 30,000

eggs/day. To hatch in the environment, it is necessary that the eggs be placed in

locations with good oxygen rates, humidity over 90%, and high temperatures

(21–27 �C for A. duodenale and 27–32 �C for N. americanus) [13].
If all of the necessary conditions are in place, the eggs could take 24–48 h to

hatch stage 1 larvae (L1) [11]. Another 3–4 days are necessary for L1 to produce an

internal cuticle and become stage 2 larvae (L2). Both stages of larvae (L1 and L2)

are rhabditiforms, with serpin movements, and feed on organic material and

microorganisms present in the soil. Five more days are necessary for them to

develop an external cuticle and part of the mouth cavity. At this stage L2 turns

into L3 and does not feed or move. L3-stage larvae are viable for days in humid,

hot, and sandy soil until their stored lipids are used up as an energy source [11]. The

L3 larval stage is the only infective stage for hookworm to invade a host [12].

Some A. duodenale infections can happen by L3 larval ingestion; however, the

majority are due to active penetration through the host’s skin, also called transder-
mal transmission or percutaneous transmission. During skin penetration, the para-

site loses its external cuticle and there is activation of the larva due to thermal and

chemical host effects. L3 larvae can produce and secrete collagenases and other
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enzymes, which are responsible for digesting basic matrix and fundamental sub-

stances present in the derma [14].

After the larvae reach the bloodstream or lymphatic stream, they arrive in the

heart and migrate through the pulmonary artery to the lungs. Via the pulmonary

microcirculation, they perforate the alveoli and reach the trachea to be finally

swallowed and arrive in the small intestine [10, 11].

Migration through the lungs takes 2–7 days, and during this period the larvae

change their cuticle and develop buccal and reproductive systems; this is the L4

stage. In the small intestine, the L4 stage fixes in microvilli and starts feeding on

blood. This fixation is deep with the anterior portion using teeth for A. duodenale
and plates for N. americanus to help not only fixation but also tissue maceration to

help feeding. Altogether, these aspects contribute to the host’s anemia and malnu-

trition [9, 10]. There have been reports that A. duodenale can live for 1–3 years and
N. americanus for 3–10 years once established in the host’s small intestine [11].

In the host, L3 skin penetration can be harsh, and it can result in a cutaneous

syndrome known as ground itch. This comprises a pruritic erythematous

papulovesicular rash, most commonly on the hands and feet [15]. Zoonotic infection

with A. braziliense, on the other hand, can cause larva migrans characterized by

migration of the larvae in the skin, especially on the feet, gluteus, and abdomen [11].

Although A. duodenale and N. americanus have many similarities in their life

cycles, there are also differences, which reflect their parasitism dynamics (Table 1).

A. duodenale infections are associated with more intestinal blood loss than infec-

tions of other hookworms, and their transmission can happen via skin penetration,

oral ingestion, and even breastfeeding.

N. americanus is smaller than A. duodenale and also produces fewer eggs per

female than other species. Moreover, N. americanus ingests less blood per day than
other species. This is considered a highly adapted parasitism since there is less

prejudice to the host than with other species. Since N. americanus is also more

Table 1 Biological characteristics of Necator americanus and Ancylostoma duodenale in the

human host (adapted from Hoagland and Schad (1978), Schad and Banwell (1984), Bundy (1990),

Anderson and May (1991), Crompton (2000) from Brooker et al. [11]

Characteristic N. americanus A. duodenale

Male adult size (mm) 7–9 8–11

Female adult size (mm) 9–11 10–13

Rate of egg production (per day) 3000–6000 10,000–20,000

Maturation time in humans (days) 40–50 28–50

Life expectancy of infective larvae (days) 3–5 1

Life expectancy of adult worms (years) 3–10 1–3

Blood loss (mL/worm/day; mean [range]) 0.03 [0.01–0.04] 0.15 [0.14–0.30]

Lactogenic transmission No Yes

Oral transmission No Yes

Arrested development No Yes
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widespread around the world than other hookworm species, it is considered the

most important hookworm species that infects humans [11].

2.1.1 Molecular Biological Aspects

Important molecules involved in the parasite–host relationship have been

described. The majority of them are classified into three categories: proteins

secreted by L3, proteins secreted by adult worms, and molecules that are present

in the villi membrane covering the digestive channel in adult hookworms.

Proteins Secretion During the L3 Infective Larval Stage

After stimulation with the host’s serum, L3 larvae secrete bioactive peptides in

response to specific factors inducing activation, development, and maintenance of

the larvae in the host’s body. Among the main secreted molecules are MTP-1 (zinc

metalloprotease from the astacin family) and two ASPs (acylation-stimulating

proteins) rich in cysteine and related to the pathogenesis of the disease (PRP).

Those proteins participate in the transition between the external environment and

the host’s internal environment and are important to the biological development of

the larvae. Experimental model studies indicate that ASPs and MTP-1 are possible

vaccine targets for hookworm disease [11, 16].

Protein Secretion by Adult Worms

Once in the small gut mucosa, adult hookworms secrete several molecules that act

on the host’s immunomodulation and impair their elimination. Adult worms secrete

distinct types of ASPs, two of which have structural similarities to

L3-secreted ASPs.

The most abundant protein secreted by adult worms is similar to mammalian

TIMP (tissue inhibitor metalloproteinase). Although its role is still unknown,

hookworm TIMP is present in biological processes of immunomodulation since it

can induce lymphocyte B to produce interleukin (IL)-10 [17, 18].

There are other immunomodulatory proteins secreted by adult worms: NIF

(neutrophil inhibitory factor), an antagonist to CD11b/CD18 integrin; eotaxin pro-

teases; calreticulin, a protein that binds to complement protein C1q; retinol binding

protein; collagen binding protein; C-lectin; acetylcholinesterase; glutathione-S-

transferase; Cu/Zn superoxide dismutase; and T cell apoptosis activation

proteins [11].

To promote tissue invasion, hookworms also secrete collagen hydrolases includ-

ing the metalloproteinase MTP-2, which is very similar to L3 MTP-1; protease

cysteinyl (CP-1); aspartic protease (APR-1); and hyaluronidase [11].
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There are also secreted proteins involved in blood feeding. The serine protease

anticoagulant inhibitors are NAPc2 and NAP5, responsible for VIIa and Xa factor

inhibition, respectively. These molecules can also act in the release of a platelet

inhibitor that binds glycoprotein (GP) integrins IIb/IIIa and Ia/IIa [11].

Molecules Present in the Villi Membrane Covering the Digestive Channel

in Adult Hookworms

In the adult worm’s digestive system, proteolytic enzymes such as MEP-1, APR-2,

and cysteine protease have been found. Those molecules are related to the

hemoglobulin degradation cascade, similar to the one found in trematodes and

Plasmodium [11].

2.1.2 Genome

The parasitic helminth genome is large and complex. In general, nematodes, as well

as platyhelminths, have genomes of between 50 and 500 Mb with up to 20,000

protein gene codes [2]. Just recently, the N. americanus genome was sequenced.

N. americanus has 1948 differentially expressed genes, of which 36% are highly

expressed in L3 larvae and 64% in adult worms. Among those L3 highly expressed

genes, eight are associated with molecular functions such as signal transduction and

transmembrane receptor activity. Those genes reflect the ability of L3 to infect the

host and correctly adapt to a new environment [19]. On the other hand, adult worms

highly express genes related to nutritional adaptation to cover the high protein

demands of this life cycle form. Adult N. americanus express four times as many

proteins from the SCP/TAPS family which are related to parasite–host

interaction [19].

3 Pathogenesis and Immunity

3.1 Host–Pathogen Interaction

Like other helminth infections, hookworm infection induces predominately an

inadequate and not protective T helper 2 (Th2) response [20]. The most pronounced

immunological alterations due to hookworm infections are eosinophilia,

mastocytosis, and high immunoglobulin E (IgE) production [2].

During the infection a vast number of antigens are presented to the immune

system, and they vary throughout the worm’s life cycle. There are also multiple

antigen presentations at several anatomical sites. The immunomodulatory molecule

secretions, especially those by adult worms, contribute to stopping, decreasing, or

evading the host’s immune system [10, 21]. Due to the worm’s life cycle, antigen
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diversification, and development at several anatomical sites, it is challenging to the

immune system to stop the parasitism.

Secreted molecules polarize the immune system to a Th2 response. The most

common cytokines found in response to infection are IL-4, IL-5, IL-9, IL-13, IL-25,

IL-31, IL-33, TSLP (thymus stromal lymphopoietin), matrix metalloproteinases,

and IgG and IgE. The host’s immunosuppression is progressive and systemic,

which explains the higher parasite burden in adult hosts than in children. One

mechanism related to this is the high production of IL-10 and clonal expansion of

T regulatory (Treg) cells (expressing FoxP3). IL-25 and IL-31 cytokines are

important to drive the Th2 response during infection [21–23].

During reinfection with hookworm, Th2 response polarization can destroy some

of the larvae during body migration, especially in the lung stage. It has been

observed that IL-5 production is correlated with protection against N. americanus
infection due to action on hematopoietic cells. The B cell response to IL-4 is

important to CD4 Th2 cell interaction, IL-13 production, and antibody activation

of mastocytes and basophils [21, 24].

IL-4 and IL-13, produced in the small intestine, stimulate intestinal caliciform

cells to multiply and produce resistin type β (RELM β). RELM β binds to

chemosensory neurons in the worms and stops their feeding [21]. IL-4 and IL-13

also stimulate enteric nerves, smooth muscle contraction, and mucus production,

and then contribute to impairing intestinal crypt worm binding. Also, those cyto-

kines stimulate alternative activated macrophages via IL-4Rα signaling to contrib-

ute to tissue repair and hookworm elimination [21, 24, 25].

It has been shown that innate lymphoid cells (ILCs) contribute to the

antihelminth immune response by stimulating production of Th2 cytokines, espe-

cially IL-5, IL-9, and IL-13 [26]. High IL-9 production acts on eosinophils,

mastocytes, and caliciform cells, and also promotes lung tissue repair, decreasing

the effects of infection [21].

During hookworm infection, there is a specific antibody response with high

presence of IgE, IgG1, and IgG4 [10, 11]. IgE production can be increased by

100 times during infection, but not all of this is used to stop the parasitism. IgE has

an important role in activation and degranulation of mastocytes, basophils, and

eosinophils. High serum IgE titers are followed by systemic and pulmonary

eosinophilia [11].

4 Epidemiology

Hookworm infection is one of the most common STHs. It affects 740 million

people living in tropical and subtropical areas. In South Asia and India, there are

130 million cases [5, 15, 27].

In Bangladesh, STH infections are prevalent and are one of the top ten causes of

hospital morbidity. It has been shown that 65.6% of women of fertile age and

children up to 14 years old had helminth infection in one rural area of Bangladesh.
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Of these, 5.5% had hookworm disease [28]. The high STH infection rate in

Bangladesh is due to the lack of adequate sewerage systems. Although 80% of

Bangladesh’s population has access to potable water, only 36% have sewerage

systems. This problem creates difficulties in stopping STH transmission and

conducting deworming programs, increasing the reinfection rates [29].

In India, it is estimated that 7% of the population is infected with hookworm

[30]. However, some areas have higher infection rates, such as Tamil Nadu. In this

area, of 143 samples evaluated between 2013 and 2015, 119 showed positive DNA

for hookworm, wherein N. americanus was present in all positive samples [31].

Nepal has problems with water not suitable for drinking, lack of sewerage

systems, ineffective drainage systems, and lack of animal transit control. Together

these problems contribute to high STH infection rates in that country [32]. In 1996,

67.7% of schoolchildren were infected by hookworm [33]. However, in 2008 this

same group showed a decrease in the infection rate. Depending on the children’s
age and access to hospital, hookworm infection rates were shown to be between

9.2% and 51.6% [32].

In 2005, children in Afghanistan were shown to have an STH infection rate of

47.2%. In that country, infection with Ascaris lumbricoides is more common and

only 0.7% of the children showed hookworm infection [34].

In Pakistan, there is a correlation between hookworm infection and residual

water use by farmers. It has been shown that this group had a 7.7% infection rate in

adults and 6% in children. Among the parasites, hookworm was most prevalent in

farmers, with a 4.6% infection rate. The hookworm infection rate is around 3.7% of

the population [35].

In Sri Lanka, before deworming programs were put in place, the STH infection

rate was about 90% in fertile women and children. After the deworming programs,

the prevalence of STH disease decreased to 29%, and 4.7% was due to hookworm

[36]. Another study showed that 5% of schoolchildren were infected with

N. americanus in two rural areas [37]. An important relationship between infection

and the environment was shown in Sri Lanka. There were three peaks in monthly

infection rate measurements, which coincided with higher temperatures [38].

Hookworm disease morbidity affects 122 million people around the world per

year [9, 39]. Hookworm infection can cause important iron loss deficiency and

malnutrition. Although death by hookworm infection is not common, other aspects

are important. It is estimated that 22 million life years are lost to hookworm disease

after adjustment (disability-adjusted life-years (DALYs)) [20, 21, 40]. The mor-

bidity is measured by the infection rate in a population during a period of time and

adjusted for the worm burden/persons infected. The worm burden is measured by

egg counting per gram of feces (EPG). The World Health Organization (WHO) has

associated the EPG with morbidity, and the worm burden classification is light,

moderate, or heavy. The affected communities are also classified according to the

prevalence: I (high), II (moderate), and III (low) [2].
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The epidemiology of STH disease involves several factors, including:

• Environment: STH disease is dependent on and influenced by the temperature

and humidity of the soil and the altitude of the local area [41]. There is also a

relationship between poverty and STH infection [3].

• Parasite burden: The heterogeneity of the individual parasite burden influences

STH infection by concentration in endemic areas. The majority of the people

who become infected or reinfected are in those areas. The proportion reported is

that 10% of the people in the endemic area have 70% of the worms [42].

• Age: The intensity of STH infection changes with age. In general, children are

more infected than adults. However, this relation is opposite for hookworm

infection [2, 43].

• Family group: There is evidence that the distribution of A. lumbricoides-infected
people is not random but grouped in families. The presence of people who are

heavily infected in a family is correlated with genetic factors, inadequate

immune response to the parasite, and intrafamilial infection, i.e., one family

member infects another [44].

• Genetics: There is evidence that people with high IgE-producing cells are more

resistant to infection than people incapable of producing high amounts of IgE.

• Polyparasitism: Several studies have shown that susceptible people are fre-

quently infected with more than one helminth species. There is an association

between infection with A. lumbricoides and T. trichiura [45]. In coinfections,

parasites can act in an initial immune response in synergy or not. Although more

studies are necessary in this area, a negative association between helminth

infection and HIV and malaria infections has been demonstrated [45].

5 Clinical Features

In general, hookworm infection is asymptomatic, and this can be very dangerous to

the host, since the person does not seek treatment if he or she does not have

symptoms [46]. There are symptoms that can appear just after the infection, such

as itchiness caused by an allergic reaction to larval penetration, which is very

common in N. americanus infection [47]. Once in the respiratory tract, symptoms

such as cough and pneumonitis can be seen. After arriving in the small intestine,

worms can cause diarrhea, bellyache, and gastrointestinal discomfort [48]. The high

morbidity associated with hookworm infection is due to intestinal blood loss,

anemia caused by iron deficiency, and protein malabsorption [48]. Anemia appears

as a consequence of adult worm blood feeding, since the worm needs to ingest

blood to degrade hemoglobulin and access iron [49]. In the long term, anemia can

cause facial and peripheral edema. Some patients also show eosinophilia due to iron

deficiency caused by anemia [47].

Moderate and heavy infections cause important blood loss in the host. Once the

iron supply is depleted, anemia develops. This can be even more significant if there
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is a history of a low-iron diet [11, 49]. This severe anemia can cause fatigue,

headaches, effort dyspnea, syncope, and edema. In rare cases, it can cause ischemic

heart disease symptoms such as angina and claudication [11].

It is important to mention that hookworm disease causes an important public

health problem not only in adults but also in children. Chronic hookworm infection

can impair growth and intellectual and cognitive development in children, which

can never be proper remedied [49]. Another important problem that needs more

attention is the maternal–fetal consequences for both mother and child if the mother

has hookworm disease [49].

6 Diagnosis and Treatment

The most common diagnostic method for hookworm disease is the Kato-Katz

technique. This technique is recommended by the WHO also for other helminth

diseases due to its low cost, noninvasiveness and easy methodology [50, 51]. How-

ever, it is well known that Kato-Katz has sensitivity limitations. Just one of the

problems with it is that it can yield false positive results, as hookworm eggs are

similar to other eggs that can be present in the feces [50, 51]. An alternative method

is FLOTAC. FLOTAC has been shown to be more sensitive for egg hookworm

detection even if human feces are chemically fixated [52–54].

Hookworm infection disease, caused by A. duodenale or N. americanus, is
treated by antihelminth drug administration: mebendazole, albendazole, or pyrantel

pamoate. It has been shown that single-dose administration of those drugs can be

effective for hookworm disease, with a 72% cure rate (95% confidence interval

(CI) 59–81%; 742 patients) for oral albendazole, a 15% cure rate (95% CI 1–27%;

853 patients) for mebendazole, and a 31% cure rate (95% CI 19–42%; 152 patients)

for pyrantel pamoate [55]. Thus, this suggests that albendazole is a better drug

choice for hookworm disease in the event that a single-dose treatment is used.

Table 2 shows the correct dosage to be used in hookworm disease treatment

[55]. Those drugs are aimed at G protein–coupled receptors (GPCRs), nuclear

receptors (NRs), ligand-gated ionic channels (LGICs), kinases, and voltage-gated

ionic channels (VGICs) [19].

Adverse effects of hookworm drug treatment are abdominal and epigastric pain,

nausea, diarrhea (with or without blood present), fever, itchiness, and

headache [56].

Table 2 Drug treatment for hookworm (adapted from Utzinger and Keiser [56])

Drug Dose

Albendazole 400 mg (200 mg for children 1–2 years old)

Mebendazole 500 mg (or 2 � 100 mg/day for 3 days)

Pyrantel pamoate 10–40 mg/kg for 1–3 days
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7 Prevention and Control

Hookworm disease prevention can be achieved by interruption of different parts of

the life cycle [57]:

• Treatment of infected people to eliminate or reduce egg production and release

• Institution of sewerage systems to treat infected feces and stop soil

contamination

• Wearing of closed shoes to stop larval contact with bare skin

• Educational programs, especially for school children, to change behavior and

teach self-hygiene to stop transmission

Although these seem to be simple actions, control and elimination are hard to

achieve for hookworm diseases in endemic areas due to the lack of proper sewerage

system availability [11, 49].

Mass drug administration (MDA) is one strategy used for disease control, involv-

ing antihelminth drug administration in endemic areas, depending on the country’s
legislation. Although this strategy works for other STH diseases, no reduction in

anemia prevalence associated with hookworm disease has been shown after MDA

[21, 58, 59]. This was also corroborated by the Global Burden of Disease (GBD)

study, which showed no reduction of infection prevalence after MDA in 2013. It

needs to be taken into account that MDA is usually applied only to schoolchildren,

excluding heavily infected adult groups from treatment [21, 60]. It must be pointed

out that MDA does not eliminate the parasite from endemic areas, nor is the

transmission cycle stopped due to drug efficacy against hookworm. Thus, reinfec-

tions are common in endemic areas, and drug resistance can also occur [58, 61–63].

The majority of vaccine development strategies are aimed at the larval hookworm

stage [21] or reinfection prevention. The protein N. americanus ASP-2 (Na-ASP-2)

has shown promising results in people from nonendemic areas with no hookworm

exposure, since it induced a prolonged and efficient immune response against the

parasite [64, 65]. Another strategy is to impair worm blood feeding. Aspartic protease

1 (APR-1) is a candidate that is present in the hemoglobin digestion cascade; when it

is inactivated, the worm can no longer feed on blood and will die [66].

8 Conclusion

Hookworm infection is an important neglected disease that affects millions of poor

people around the world. Although prevention is simple, it also demands an effort

from the population to change some behaviors and investment from local govern-

ment to deliver potable water and adequate sanitation. With these in place, it is

possible to stop transmission and decrease the mortality and morbidity due to

hookworm infection.
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1 Introduction

Parasitic diseases are responsible for major health problems in developing and

underdeveloped countries of tropical and subtropical regions. Among helminth

parasitic infections, filariasis, ascariasis and hookworm infections contribute

significantly to the global burden of infectious disease. Lymphatic filariasis

(LF) is a neglected tropical disease and remains the second leading cause of

permanent and long-term disability after mental illness [1]. Lymphatic filariasis

also known as elephantiasis is a mosquito-borne disease of tropics and subtropics.

LF is transmitted by a variety of mosquito species across the world and infection

usually occurs in early childhood but typically takes a long time to manifest in the

form of clinical disease but mostly remains asymptomatic in the vast majority of

infected individuals. When the worms enter into the lymphatic system, the worms

induce major alterations, which leads to lymph fluid accumulation and causes

disfiguring swelling of limbs and genitals known as elephantiasis. LF disease is

not fatal, but it causes deformity and disability and is the second leading parasitic

cause of disability with DALYs (disability-adjusted life years) and a major impact

on socioeconomic development [2].

2 Epidemiology

Lymphatic filariasis is one of the oldest and most debilitating diseases in the world.

Globally, 947 million people in 54 countries of tropics and subtropics are estimated

to be at the risk of infection, 67.88 million are infected including 36.45 million

parasite carriers; 19.43 million people with hydrocele and almost 16.68 millions

people with lymphedema or elephantiasis [3]. The WHO South-East Asia Region

accounts for the highest burden of LF with endemicity in 9 out of its 11 member

states. Over all in Southeast Asia region, approximately 501.1 million people are

said to be at the risk of infection and 13.8 million people are with lymphedema and

hydrocele [4]. Approximately one third of the population of India lives at risk of

developing LF. In India, LF is endemic in 255 districts of 16 states and 5 Union

Territories (UTs) of the country [5]. About 370 million people were exposed to the

risk of infection and required massive drug administration [6]. 190 districts were

not surveyed at any point of time to observe the prevalence of microfilaria [7]. The

national average prevalence of microfilaria showed a declining trend from 1.24% in

2004 to 0.63% in 2008 (http://www.nvbdcp.gov.in/filariasis-new.html). In

Bangladesh, 69 million people are living in endemic areas with 16.8% infected

and 10.1% living with chronic disease [8]. In Nepal, 15 million people are at risk of

infection [9].
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3 Pathogen

Lymphatic filariasis is caused by infection with parasites classified as nematodes

(roundworm), which belongs to the family of Filariodidea. Lymphatic filariasis is

caused by Wuchereria bancrofti, Brugia malayi and Brugia timori. All three

parasites are transmitted to humans by the bites of infective mosquitoes. The

nematode parasite W. bancrofti is the major cause of filarial disease accounting

for 90% of the cases and is prevalent in Sub-Saharan Africa, South and Southeast

Asia. Based on periodicity of microfilariae circulate in the blood of infected

patients, W. bancrofti can be divided in to 3 subtypes [10]: (1) The nocturnally

periodic strains: Mf comes in to the circulation only during night, are transmitted by

Culex quinquefasciatus in urban areas of Asia, East Africa and the Americas and by

Anopheles mosquitoes in rural areas [11]; (2) Nocturnally subperiodic strains: Mf

present in the circulation and become denser during midnight, are common in

Thailand and in the Andaman and Nicobar Islands of India where Ochlerotatus
(Aedes) niveus and related species serve as vectors [12, 13]; and (3) Diurnally

subperiodic W. bancrofti: transmitted by Aedes polynesiensis group of day-biting

mosquitoes, are widespread in the Pacific region east of Wallace’s line [14]. In

India,W. bancrofti and B. malayi are the filarial species causing filarial disease and
for W. bancrofti, humans are the exclusive host. Even though certain strains of

B. malayi can also infect some feline and monkey species, the life cycles in humans

and in these other animals generally remain epidemiologically distinct, so that little

overlap exists. B. malayi is found in tropical regions of South and Southeast Asia,

occasionally overlapping with the range of W. bancrofti [15]. B. malayi is trans-
mitted by Mansonia mosquitoes. These strains are mainly nocturnally subperiodic.

In Southeast Asia, they are readily passed between humans and wild and domestic

animal hosts [16]. Brugian parasites are limited to areas of East and South Asia,

especially India, Malaysia, Indonesia, and Thailand. B. timori has the most

restricted geographic range of the lymphatic dwelling filarial species. It is only

found in Indonesia and Timor-Leste (Table 1).

Table 1 Filarial parasites infecting humans in Asia

Mosquito

vectors Periodicity Distribution

Primary

pathology Morphology

Wuchereria
bancrofti

Culex,

Anopheles,

Aedes

Periodic and

Non-periodic

Asia, Africa,

Australia,

Pacific, South

America

Lymphatic

and lung

Sheathed Mf

with tail

containing no

nuclei

Brugia
malayi

Mansonia,

Anopheles,

Aedes

Periodic and

non-periodic

South-East Asia Lymphatic

and lung

Sheathed Mf

with tail

containing

2 nuclei

Brugia
timori

Anopheles Periodic Indonesia and

East Timor

Lymphatic

and lung

Sheathed Mf

with tail

containing

2 nuclei
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3.1 Lifecycle of Filarial Parasite

Two different host systems are needed to complete the life cycle of filarial parasites.

Depending on the species of the infecting parasite, the definitive host can be either

man or some animal, and the intermediate host is the mosquito. The three species of

lymphatic dwelling filariae have a complex life cycle that alternates between the

mosquito vector and the human host. The parasite’s life cycle consists of dioecious
male and female adult worms, the microfilaria stage, and four larval stages (L1–

L4). The third larval stage (L3) is the infectious stage and is transmitted to humans

via a mosquito intermediate host. Upon entry into the human host, the L3 larvae

migrate to the nearest afferent lymphatics, and L3 larvae undergo the process of

molting and develop in to fourth larval (L4) stage and then mature in to adult

worms. Adult females produce thousands of sheathed microfilariae (mf) that

migrate to and circulate in the bloodstream, usually in synchrony with diurnal

mosquito feeding patterns [17]. During subsequent blood meals the mosquitoes

would pick up the mf. In the abdomen of the mosquito the mf mature into the first

larval stage (L1) and then undergo two molts becoming second larval stage

(L2) and subsequently emerging as human infective L3 larvae [18]. From the

beginning to end the duration of the B. malayi lifecycle is as follows: in the

mosquito gut, the molt from L1 to L2 ranges from 6 to 10 days and the molt from

L2 to L3 takes 1 to 3 days. Thus, it takes approximately 2 weeks for the infective L3

larvae to mature in the vector. Subsequent to a bite from an infective mosquito and

the entry of L3s into human skin, the L3 would transform into L4 after 9 to 14 days

in the human host, while the worm is migrating through the circulatory system to

the lymphatics. The final molt, from the L4 stage to the adult worm, requires a

minimum of 3 months but may last as long as 12 months and is localized in the

lumen of dilated lymphatic vessels, the final site of the adult worm in the human

body [18]. W. bancrofti adults are typically found in the lymphatic vessels of the

lower extremities in females and the lymphatic vessels of the spermatic cord in

males. Although the life span of adult worms is not precisely known, it is estimated

that adult females can remain reproductively active on the order of 5 years [17]

(Fig. 1).

3.2 Molecular Biological Aspects Including Details
of Genome etc.

The control of any parasitic disease needs the understanding of molecular mecha-

nisms on parasites. The first parasitic nematode to be sequenced fully was B. malayi
because of its ability to be maintained in small laboratory animals. The genome

study of B. malayi has helped us to understand phenotypic difference, drug resis-

tance between related filarial species. Using shotgun sequencing the draft of the

B. malayi 95 Mb accounted for 90% of the genome with nearly nine fold coverage

[19]. Deep sequencing approaches and the combined Illumina/454 sequence
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enhanced the significant impact on resolution of the B. malayi genome resulting in

the annotation of additional 6 Mb into scaffolds and the sequencing efforts also

resulted in significant increase in the N50 of the scaffolds from 93 to 357 kb and

decreased the number of scaffolds from 8236 to under 2900. The next build

B. malayi genome will contain increased regulatory elements provided by proteo-

mic studies [20].The rapidly increasing development of innovative and advanced

genomic-related techniques, comprising “NextGen” DNA, RNA and protein

sequencing, DNA capture methods, bioinformatics analysis methods, has accom-

panied in an in-depth analysis of the genomes of Wolbachia and their various

invertebrate hosts and studies that pursue to reveal their symbiotic interactions

[21], http://www.nematodes.org/nematodegenomes. The Filarial Genome Project,

established in 1994, led to the rediscovery of nematode Wolbachia. WHO initiated

the sequencing (genomic and cDNA sequencing) of B. malayi, which revealed that

Wolbachia as the endosymbiont within the filarial nematode Dirofilaria immitis
(dog heartworm) [22, 23]. Wolbachia in their hosts are maternally inherited and

show a parasitic lifestyle related with reproductive manipulations, parthenogenesis,

feminization and male killing [24]. Wolbachia is present in most filarial nematode

species including Brugia spp. andW. bancrofti, and inO. volvulus and also found in
all stages of life-cycle and the numbers vary among different stages [25].

α-proteobacterial endosymbiontWolbachia present in most species of filarial nema-

todes tissues (Fig. 2).

A-WOL project is an international consortium created to distinguish anti-

wolbachia compounds and they screened nearly 18,000 chemical library com-

pounds using a Wolbachia-containing Aedes albopictus cell line (C6/36 Wp). A

16s rDNA quantitative PCR (qPCR) read-out quantifies Wolbachia copy number

following treatment [26]. The genome sequences of B. malayi [19] and its

Fig. 1 Life cycle of the filarial parasite
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Wolbachia endosymbiont [27] together with transcriptomic approaches have pro-

posed several possible candidates for the biochemical crosstalk. Wolbachia
genomes have revealed the loss of multiple metabolic pathways, the abundance

of repetitive DNA and the presence of a series of genes with potential roles in host

interaction [27, 28]. Wolbachia proteins such as GroEL, WSP, and peptidoglycan-

associated lipoprotein (PAL) are potent stimulants of immune responses in the

mammalian host [29, 30]. Small et al. study provided the information on variable

positions, demographic history and genes influenced by selection through whole

genome sequencing of 13 W. bancrofti larvae [31]. Desjardins et al. studied on

L. loa and W. bancrofti genome and envisaged 14,907 L. loa genes through RNA

sequencing. They exhibited synteny between filarial nematodes but not with

nonparasitic nematodes. Deficient of Wolbachia, L. loa did not undergo any new

metabolic synthesis or transport capabilities while compared to W. bancrofti and
B. malayi. This study suggests that the role of Wolbachia in filarial biology is

more delicate and disclose marked differences between parasitic and nonparasitic

nematodes [32].

Genetic studies help to identify the genetic basis for susceptibility to different

species of filarial parasites. The identification of susceptibility loci can provide an

important understanding about the mechanisms of protective immunity and patho-

genesis and genetic epidemiology. The susceptibility genes associated with host

that have shown significant results for the progression to chronic disease of lym-

phatic filariasis are TGFB1, TLR2, CTLA4, MBLA2, TNFR2, MBL2 and VEGFA

[33–36]. Exosome-like vesicles (ELVs) of filarial parasites are enriched with

microRNAs that are located between parasite and host, suggesting a potentially

novel mechanism by which filarial worms can actively manipulate host gene

expression [37].

Fig. 2 Microfilaria of

W. bancrofti
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4 Pathogenesis and Immunity

The most severe clinical manifestations of lymphatic filariasis are lymphedema and

elephantiasis, which occur due to lymphatic dysfunction and/or obstruction.

Lymphangiectasia and inflammatory reactions around the adult worms are the

major components of LF disease. The adult filarial parasite within the lymphatic

vessels of the host stimulates series of events, which affects the lymphatic integrity

and function. The cells and the tissues present in the host provide the developmental

signal to the parasites [38]. The lymphatic vascular system plays an important role

in immune surveillance, tissue fluid homeostasis, and fat absorption [39, 40]. Per-

turbations in the maintenance and function of the lymphatic system can lead to a

variety of pathological disorders, including lymphatic dilation and lymphedema

[39, 41].

Vincent et al. first described the role of lymphatic damage in the Brugian animal

infection. Normal or nude (lacking T cells) mice were infected with filarial para-

sites, which cause lymphatic dilatation and alterations in lymphatic flow in mice

with acute and chronic inflammation [42]. The lymph-dwelling filariae can induce

tissue scarring and fibrosis within and around the lymphatic vessels causing patho-

logy manifested clinically by irreversible lymphedema or elephantiasis [43]. In

patent infection, lymphangiectasia develops in the vicinity of adult worm nests

[44]. Lymph node from Bancrofti-infected individuals demonstrates the presence of

intact adult worms with slight or no associated inflammation [45, 46].

Lymphangiectasia is not constrained to the exact segment of lymphatics where

the worms reside [47] suggesting that this process is mediated by soluble products

excreted or secreted by the parasite that act on the lymphatic endothelial cells. It is

also clear that with the advent of adaptive immunity, the host inflammatory

response against the dead or dying worm and the subsequent release of parasite

products and inflammatory mediators, a stage of irreversible lymphatic dysfunction

ensues [43, 48, 49]. This then manifests clinically as progressive lymphedema. In

addition, lymphatic dysfunction has been shown to predispose infected individuals

to secondary bacterial and fungal infections and trigger inflammatory reactions in

the skin and subcutaneous tissue that accelerates the progression of lymphedema

and precipitates the development of elephantiasis [50, 51].

Nude mice with brugian infection show elevated levels of IL-1, IL-6, TNF-α and

GM-CSF in lymph fluid [52], suggesting that pro-inflammatory cytokines of innate

origin also appear to play an important role in the initiation of pathology in filarial-

infected animal models. The importance of pro-inflammatory cytokines, possibly of

innate origin, in the pathogenesis of lymphedema, has been further supported by

several studies in humans in either the early or late stages or lymphedema. Studies

have shown that individuals with chronic lymphatic pathology have elevated levels

of C-reactive protein (an acute phase protein, indicating an acute inflammatory

response) [53, 54], pro-inflammatory cytokines such as TNF-α, IL-6 and soluble

TNF receptor [55, 56], endothelin-1 and IL-2 [57], as well as IL-8, MIP-1α,
MIP-1β, MCP-1, TARC and IP-10 [58] in the peripheral circulation. Acute and
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chronic manifestations of LF have shown elevated circulating levels of IL-6 and

IL-8, while only those with chronic disease manifestations have elevated levels of

sTNF receptors [58]. Babu et al. studied cytokine responses to various Toll ligands

in patients with filarial disease and suggest an important role of TLR2 and TLR9

mediated induction of pro-inflammatory cytokines such as IFN-γ, TNF-α, IL-12
and IL-1β. In addition, activation of both the MAPK and NF-κB pathways was

associated in the development of pathology in human lymphatic filariasis [59].

Very limited studies have examined the inflammatory milieu within the affected

lymphatics; Olszewski et al. showed that elevated levels of gamma globulins, α-1
acid glycoprotein and IL-1β in the lymph fluid. The presence of circulating immune

complexes (ICs), aggregates of antigens, immunoglobulin and complement com-

ponents is a characteristic feature of human lymphatic filariasis [60]. An elevated

level of complement activity is present in asymptomatic persons, while the reduced

levels of complement activity in patients with chronic pathologic changes may

aggravate disease morbidity [61]. Extra cellular matrix remodelling and progressive

fibrosis are features of filarial pathology. Circulating levels of MMPs and TIMPs

are increased in the filarial disease process and altered ratios of MMP/TIMP are an

important factor in the pathogenesis of tissue fibrosis in filarial lymphatic disease.

These levels were correlated with type 2 cytokines—IL-5, IL-13 and TGF-β, which
are typically involved in fibrosis [62]. Pro fibrotic factors such as basic fibroblast

growth factor (bFGF) and placental growth factor (PIGF) were increased in the

filarial lymphedema patients [63].

The endothelium appears to be closely associated with pathogenesis of lym-

phatic disease and studies targeting the interaction between endothelial cells (vas-

cular or lymphatic) and filarial parasites have been performed. The anatomical

changes in the architecture of lymphatics that range from lymphangiectasia and

granulomatous responses to the development of collaterals suggests that active

lymphatic remodeling involving endothelial cell growth, migration and prolifera-

tion is an important feature of early disease [64, 65]. Differentiation of LEC into

tube-like networks was found to be associated with significantly increased levels of

matrix metalloproteinases (MMPs) and inhibition of their endogenous inhibitors—

TIMPs (tissue inhibitors of MMPs) [65]. Other studies have shown that the vascular

endothelial growth factor (VEGF) family associated with lymphangiogenesis

[66, 67]. Other angiogenic factors such as angiopoietins-1 and -2 are also found

at elevated levels in individuals with filarial-induced pathology [54, 63]. A major

factor involved in the initiation of the pro-inflammatory response and the increased

production of VEGF-A and -C might be the endosymbiont, Wolbachia, present in
most filarial nematodes (including W. bancrofti and the 2 Brugia spp.)

[66]. Recently, it has been demonstrated that the increased levels of VEGF-C and

sVEGF-R3 (observed in lymphedema patients) were reduced following doxycy-

cline treatment (a regimen that eliminates Wolbachia) and that there was improve-

ment in lymphedema, suggesting that VEGF-C/VEGF-R3 interactions are the

principal mechanism of lymphangiectasia in filarial infections [67]. Elevated levels

of VEGF-A and endothelin-1 have been observed in the serum of filarial-infected

individuals. VEGF-A has been implicated to play a role in the development of
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hydrocele due to its ability to induce increased vascular density, enhance leucocyte

adhesion and promote lymphangiogenesis [68].

Another important mechanism of immune activation in chronic infections is the

occurrence of microbial translocation with elevations in the circulating levels of

circulating microbial products, acute-phase proteins, and the so-called microbial

translocation molecules [69]. Microbial translocation across the intestine or across

the lymphatics could possibly contribute to inflammation and innate immune

activation. Increased circulating levels of LPS (which serves as a marker for

microbial translocation) and decreased levels of LPS-binding protein (LBP) are

characteristic features of filarial pathology [62]. We have also demonstrated that

this process is associated with development of an acute-phase response and the

presence of markers of inflammation in plasma—CRP, alpha-2 macroglobulin,

serum amyloid protein-A and haptoglobin. Increased serum levels of

pro-inflammatory cytokines—IL-1β, IL-12, TNF-α and IL-6 are associated with

progressive immune activation in filarial pathology [62]. Since filarial lymphedema

is known to be associated with increased bacterial and fungal loads in the lym-

phatics, we postulate that microbial translocation across the damaged lymphatics in

filarial lymphedema is a novel source of immune activation (Fig. 3).

Fig. 3 (a) Early stage of lymphedema. (b) Advanced stage lymphedema. (c) Elephantiasis. (d)

Hydrocele
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There have been a large number of studies that have implicated a role for the

adaptive immune systems in mediating pathology in lymphatic filariasis. Parasite

antigens specifically down modulate CD4+ Th1 responses; live parasites appear to

induce a global down regulation of both Th1 and Th2 responses in vitro [70]. Using

multi-color flow cytometry, we have shown that the frequency of Th1 cells (CD4+

T cells expressing either IFNγ or IL-2 or TNF-α); Th9 cells (CD4+ T cells

expressing IL-9 and IL-10); Th17 cells (CD4+ T cells expressing IL-17) and Th2

cells (CD4+ T cells expressing IL-22) is significantly enhanced in filarial patho-

logy. This is accompanied by a concomitant decrease in the frequency of Th2 cells

(CD4+ T cells expressing IL-4 or IL-5 or IL-13) both at homeostasis and following

parasite antigen stimulation [71–75]. Th17 cells might also have an important role

in the pathogenesis of disease. Since PBMC’s from individuals with pathology (but

not asymptomatic patients) express significantly higher levels of Th17 markers—

IL-17A, IL-17F, IL-21 and IL-23 as well as the master transcription factor—RORC

at the mRNA level [76]. Filarial pathology is also associated with increased

frequencies of Th9 cells, CD4+ T cells that express both IL-9 and IL-10 but not

IL-4 and this frequency exhibits a positive correlation with the severity of lymph-

edema in filarial infections [71]. A recent study revealed an important association

between the expansion of Th17 and Th22 cells and the presence of lymphedema in

filarial infections, and demonstrated that parasite specific inflammatory responses

are driven by IL-1, IL-23, and TGF-β [75]. IL-10 family of cytokines play an

important role in maintaining the integrity and homeostasis of tissues, modulating

innate immune responses from tissues to limit the damage caused by viral and

bacterial infections and enabling wound healing processes in infection and inflam-

mation [77, 78]. IL-10 is known to play an important role in dampening inflamma-

tion. Among the IL-10 family of cytokines, IL-19 and IL-24 are associated with the

regulation of immune responses in active filarial infection and potentially with

protection against development of pathology, whereas IL-26 is predominantly

associated with pathology in lymphatic filariasis [74]. Therefore, immunopathology

in lymphatic filariasis appears to be mostly associated with poor regulation of

effector CD4+ and CD8+ T cells that can release pro-inflammatory Th1, Th9 and

Th17 type immune responses. How, these pro-inflammatory Th1, Th9 and Th17

cells interact with innate cells, endothelial cells and other target cells to initiate and

propagate lymphatic damage and tissue fibrosis remains to be determined.

5 Clinical Features/Clinical Manifestations

The clinical manifestations of LF are varied, traditionally it has been accepted that

people living in an endemic area can be classified into five groups: (1) Endemic

Normals; (2) clinically asymptomatic, infected; (3) Acute clinical disease;

(4) Chronic pathology and (5) Tropical pulmonary eosinophilia (TPE).
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5.1 Endemic Normals

In an endemic area, a proportion of the population remains uninfected despite

exposure to the parasite. This group has been termed as endemic normals.

5.2 Asymptomatic Patent Infection

In areas endemic for lymphatic filariasis, many individuals exhibit no symptoms of

filarial infection and yet, on routine blood examinations, demonstrate the presence

of significant numbers of parasites or the presence of circulating parasite antigen

(a surrogate for viable adult worms). These individuals are carriers of infection.

With the availability of better imaging techniques (e.g., ultrasound, lympho-

scintigraphy, MRI, CT), it has become apparent that almost everyone with active

infection (e.g., microfilarial positivity) has some degree of lymphatic abnormality

that may include: dilatation and tortuosity of lymph vessels with collateralization,

increased or abnormal patterns of lymph flow [79, 80] and urogenital lymphangi-

ectasia [81] and microscopic hematuria and/or proteinuria [82]. At least half of all

patients with lymphatic filariasis appear clinically asymptomatic. This asymptom-

atic presentation exists despite the presence of microfilariae in their blood and

hidden damage to their lymphatics [83].

5.3 Acute Clinical Disease

Acute manifestations of lymphatic filariasis are periodic attacks of lymphadenitis

and lymphangitis (pain in the affected part, tender red streaks) beside with fever,

chills, headache and malaise. Over 90% of cases with chronic manifestations will

give a history of acute attacks. During acute infection the microfilariae, larval forms

and are transmitted by mosquitoes of various species. Occasionally the adult worms

and their associated granulomatous reaction are showed as lumps in the subcuta-

neous tissue, breasts or testicles [83–85]. Acute filariasis is described by episodic

incidence of inflammation in the lymph glands (lymphadenitis), inflammation of

the lymph channels (lymphangitis) and subsequent swelling of the limbs or scrotum

(lymphedema). Filarial fever is often seen with headache and chills, and will

usually occur at the same time as lymphangitis. The lymph nodes commonly

involved are the inguinal, axillary and epitrochlear nodes and, in addition, the lym-

phatic systems of the male genitals are frequently affected inW. bancrofti infection
leading to funiculitis, epididymitis and/or orchitis [86]. The funiculo-epididymo-

orchitis, lymphadenitis and retrograde lymphangitis has been termed acute

dermatotolymphangitis, a process characterized by development of cutaneous or

sub-cutaneous inflammation and accompanied by ascending lymphangitis and

regional lymphadenitis. This manifestation is thought to result primarily from

bacterial and fungal superinfections of the affected limbs [82].
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Lymphadenitis and lymphangitis are distinctive features of W. bancrofti and
B. malayi [87]. Lymphadenitis patients have the worm inside the lymph nodes of

the body that induces immune reaction and inflammation. Adult worms block the

lymph vessels and distrupt the lymphflow of the lymphatics and leads to the inflam-

mation of lymph vessels. Inflammation of the lymph channels and lymph nodes

along with a decreased draining efficiency leads to lymphedema. Lymphatic extre-

mities areas are painful and the skin on the arms and legs may show red streaks from

the infected lymphatics. The distal end of the affected limb becomes swollen during

the attack and remains swollen for several days. Usually the swelling is initially

limited to a single limb.

5.4 Chronic Pathology

The chronic pathology of lymphatic filariasis develops years after initial infection

[88]. The most commonly affected nodes are in the femoral and epitrochlear

regions. Abscess formation may occur at the nodes or anywhere along the distal

vessel. Infection with B. timori appears to result in more abscesses than infection

with B. malayi [89] or W. bancrofti [87]. The granulomas are characterized by

macrophages (which develop into giant cells), with plasma cells, eosinophils,

neutrophils and lymphocytes and with hyperplasia of the lymphatic endothelium,

occur with repeated inflammatory episodes. The result is lymphatic damage and

chronic leakage of protein-rich lymph in the tissues, thickening and verrucous

changes of the skin, and chronic bacterial and fungal infections, which all contri-

bute to the appearance of elephantiasis. B. malayi elephantiasis is more likely to

affect the upper and lower limbs, with genital pathology and chyluria being rare.

Progression of lymphoedema from one stage to the next in bancroftian filariasis is

related with increased number of ADL attacks [90].

Stages of Lymphedema of the Leg (Stage I)

• Pitting edema, reversible on elevation of the affected limb

• Skin folds-Absent

• Appearance of Skin-Smooth, Normal

Stage II

• Pitting edema, does not reversible on elevation of the affected limb

• Skin folds-Absent

• Appearance of skin-Smooth, Normal

Stage III

• Non-pitting edema

• Swelling not reversible

• Skin folds-Shallow

• Appearance of skin-Smooth, Normal
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Stage IV

• Non-pitting edema

• Swelling not reversible

• Skin folds-Shallow

• Appearance of skin—Irregular, Knobs, Nodules

Stage V

• Swelling not reversible at night

• Skin folds-Deep

• Appearance of skin—Smooth or Irregular

Stage VI

• Swelling not reversible at night

• Skin folds-Absent, Shallow, Deep

• Appearance of skin—Wart-like lesions on foot or top of the toes

Stage VII

• Swelling not reversible at night

• Skin folds-Deep

• Appearance of skin-Irregular

• Needs help for daily activities—Walking, bathing, using bathrooms, depen-

dent on family or health care systems

Lymph scrotum is a less frequent manifestation of LF; it has important medical,

psychological and socioeconomic repercussions for individuals who present with

this condition. LF creates the greatest incapacitation among men [91]. Lymph

scrotum or superficial scrotal lymphangiomatosis is a urogenital condition

described by the presence of lymphatic vesicles on the surface of the scrotal skin

that can easily rupture whitish secretion typical of the disease [91–93]. This secre-

tion can act as culturing medium that support the recurrent bacterial infections. It

may initiate the condition leads to lymphedema and scrotal elephantiasis, the

advanced stages of the disease.

5.5 Tropical Pulmonary Eosinophilia

Tropical pulmonary eosinophilia (TPE) is a distinctive syndrome that patients

infected withW. bancrofti and B. malayi [94, 95]. Tropical pulmonary eosinophilia

is an extreme immune response to filarial infection. Features of TPE are high

eosinophilia levels, asthma-like symptoms and restrictive lung disease, TPE

observed in low frequency in endemic areas. Chest X-rays may be normal but

generally show increased bronchovascular markings; diffuse miliary lesions or

mottled opacities may be present in the middle and lower lung fields. Total serum
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IgE levels (10,000–100,000 ng/mL) and antifilarial antibody titers are typically

elevated.

6 Diagnosis and Treatment

6.1 Diagnosis of Lymphatic Filariasis

Diagnosis of LF was once an extremely challenging task but with the advent of

recent antigen-detection techniques, such as ICT and FST card test and ELISA-

based on the Og4C3 monoclonal antibody, diagnosis has become much easier.

Molecular xenomonitoring (MX), which detects filarial DNA in mosquitoes by

PCR, is a highly sensitive assay. Ultrasonography (USG) and lymphoscintigraphy

also revolutionized the diagnosis of the disease and may be very helpful in

monitoring the success of chemotherapy. In TPE, serum antibodies like IgG and

IgE will be extremely high and the presence of IgG4 antibodies indicate active

infection. In brief, here we have explained a few techniques used in diagnosis and

monitoring.

1. New techniques for antigen detection represent the highest quality lab test for

diagnosing infection byW. bancrofti. Very high levels of specific IgG4 antibody
in microfilaraemic patients have also been considered as a good diagnostic

marker.

2. PCR tests are also of high specificity and sensitivity, and detect parasite DNA in

microfilariae in the blood in humans as well as in vectors in both bancroftian and

brugian filariasis [96, 97]. Random amplified polymorphic DNA (RAPD),

amplified fragment length polymorphism (AFLP), restriction fragment length

polymorphism (RFLP), microsatellite marker method, Luminex xMAP-based

technology (areas of multianalyte profiling), loop-mediated isothermal amplifi-

cation (LAMP) have all been tested for molecular diagnosis of LF [98–100].

3. Immunochromatographic test (ICT) and Filaria Strip Test (FST), which are

highly sensitive and specific filarial antigen detection assays, are available for

the diagnosis of W. bancrofti infection [101, 102]. With these tests, the parasite

antigens can be detected independent of the microfilariae’s periodicity. It is rapid
(1–10 min), and no such test exists for Brugian filariasis. ELISA-based assay

using the Og4C3 monoclonal antibody is equally sensitive and specific for

detecting antigen in bancroftian infections.

4. Basic parasitologic testing of peripheral blood for microfilariae remains a diag-

nostic standby, keeping the periodicity of the microfilariae in mind [97].

5. Ultrasonography using a 7.5 or 10 MHz probe has helped to locate and visualize

the movements of living adult filarial worms of W. bancrofti principally in the

scrotal lymphatics of asymptomatic males with microfilaraemia [47, 103–105].

6. Lymphoscintigraphy has been found useful in tracing lymphatic damage, dermal

backflow after injecting radiolabeled proteins intradermally in both symptomatic

and asymptomatic infections [79].
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6.2 Treatment for Lymphatic Filariasis

6.2.1 Drugs for Lymphatic Filariasis

Remarkable advances in the treatment of LF have recently been achieved focusing

not on individuals but on communities with infection, with the goal of reducing mf

in the community, to levels below which successful transmission will not occur.

Drugs effective against filarial parasites

1. Diethyl Carbamazine citrate (DEC)

2. DEC-Fortified salt

3. Ivermectin

4. Albendazole

5. Levamisole hydrochloride

6. Moxidectin

Treatment of microfilaraemic patients may prevent transmission of infection and

may be repeated every 6 months till mf and/or symptoms disappears. Albendazole

(ALB) is a broad-spectrum anthelminthic drug against nematodes and cestodes that

inhibits the polymerization of worm β-tubulin and microtubule formation

[106]. Diethlycarbamazine attacks filarial parasites at all stages of the parasite

life cycle. DEC is the most effective drug for human filarial infection. Studies

have suggested that DEC has an indirect, host-mediated mode of action along with

anti-inflammatory effects during treatments, inhibit the cyclooxygenase pathway

(COX) and lipoxygenase pathways of parasites causing microfilariae death, and the

drug inhibits nuclear transcription factor kappa B (NF-kB) activation, inducible

nitric oxide synthase (iNOS) and cyclooxygenase 2 (COX-2). DEC alters the host

arachidonic acid and nitric oxide metabolic pathways [107–110]. Ivermectin a

broad-spectrum anti filarial drug, which can paralysis MFs by interrelates with

postsynaptic glutamate-gated chloride channels (GluCl). Its mechanism of action is

thought to involve the activation of GABA (gamma-aminobutyric acid) pathways

and chloride channel permeability. Ivermectin block the GluCl channels in nema-

todes, there by prevents the release of uterine microfilariae and immobilizes the

skin and ocular microfilariae. Microfilariae are like this transported to the

local lymph nodes, and effector cells kill the immobilized larvae [111].

6.3 Treatment and Prevention of ADL

The most distressing aspect of LF is the acute attacks of ADL, which result in

considerable economic loss and deterioration of quality of life. In patients with late

stages of oedema, long term antibiotic therapy using oral Penicillin or long acting

parentral Benzathil Penicillin are sometimes used to prevent ADL.
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6.3.1 Surgical Treatment

In the surgical aspect of lymphatic filariasis, grade I and grade II can be treated

conservatively, whereas grade III and grade IV needs surgical correction together

with regular antibiotics and chemotherapy with DEC. The old surgical techniques

of excision and skin grafting is no more practiced as it gives poor cosmetic results,

along with early recurrences. Thompson’s, kondolean and Charles procedures are

now given up and now more of newer techniques involving microvascular surgery

like nodovenal shunt, lymphovenal shunt, with reduction and sculpturing is being

carried out without skin grafting or a flap cover. Patient’s local skin has been

salvaged and made to a better quality by manual lymph drainage (MLD), bandaging

and use the same skin for reconstitution [112]. The future of lymphedema surgery

will be supra microvascular surgery like lymphatico-venus anastomosis at multiple

levels or a free microvascular lymph node transfer to the affected areas. The anasto-

mosis can be performed either by glue or by laser.

Chronic hydrocele is the accumulation of fluid around the testis leading to an

increase in the volume of the scrotal contents. Chronic hydrocele has multiple

etiologies, but irrespective of the cause, surgery is the standard form of treatment

and this can be done using different surgical techniques. The prevalence of chronic

hydrocele in filarial endemic areas is very high and represents the most common

clinical manifestation. The surgeons’ preference is for surgical techniques in which
the hydrocele sac is opened, averted with or without partial resection of the sac, and

the edges sutured behind the testis. To avoid hydrocele relapse, earlier recommen-

dation was to a complete excision of hydrocele sac [81].

The Global Programme to Eliminate Lymphatic Filariasis (GPELF) is

established to eliminate LF by interrupting transmission through mass drug admin-

istration, and morbidity control of lymphedema. The GPELF targets to provide

access to a minimum package of care for every person associated chronic manifes-

tations of lymphatic filariasis, thus reducing suffering and improving their quality

of life. (http://www.who.int.ezproxy.nihlibrary.nih.gov/lymphatic_filariasis/dis

ease/en/).

GPELF components includes

• Treatment for episodes of adenolymphangitis (ADL);

• Guidance in applying simple measures to manage lymphedema and hydrocele to

prevent progression of lymphedema and debilitating, inflammatory episodes of

ADL

• Surgery for hydrocele

• Treatment with anti-filarial medicines to destroy any remaining worms and

microfilariae by preventive chemotherapy or individual treatment.

• Doxycycline for early stage lymphedema.
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6.3.2 Washing

Good hygiene and treatment of entry lesions are important measures for man-

aging lymphedema. Washing is a key component of lymphedema management,

was outlined as careful washing, wiping and drying of the area affected by

lymphedema.

• Four times a day with soap and water, wash the deep skin folds and the

areas between the toes, followed by careful drying [44].

• Wet the leg with clean water at room temperature. Begin soaping at the

highest point of swelling (usually around the knee).

• Repeat this careful washing until the rinse water is clean, and wash the other leg

in the same way, even if it looks normal.

Check Skin for

• Entry lesions between the toes may cause itching. Avoid scratching to prevent

further damage of the skin and can provoke an acute attack

• Toenails should be trimmed in such a way that the skin is not injured.

Does not use sharp objects under nails to clean as these can cause entry

lesions

• It is important to make sure to clean the skin every time when the leg is washed,

since bacteria enters through the skin which causes entry lesions

• If entry lesions are found, they should be cleaned carefully

Dry the Skin

• Touch the area lightly with a clean towel.

• Carefully dry between the toes and between skin folds using a small cloth,

gauze or cotton swab.

• Wet areas between the toes, skin folds and entry lesions promote bacterial and

fungal growth leading to frequent acute attacks.

6.3.3 Elevation

Elevation helps avoid fluid accumulation in the leg by improving the flow. The knee

should be slightly bent and a pillow placed under the knee for support. While

sitting, elevate the foot as high as comfortable, preferably till the hip.

6.3.4 Exercise

• Exercise is useful for patients with lymphedema and in general, the more they

exercise the better they are. Exercise supports by pumping the fluid and improv-

ing drainage. Though, patients should not exercise during acute attacks

• Walking short distances, standing up on toes, exercise, Stand with both feet

slightly apart, holding on to a wall, a person or other support
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• Rise on to the toes of both feet at the same time and then sink back down to

flat feet, while sitting or lying down, point toes towards the floor

• Bend (extend) the toes upwards, while sitting move the foot in a circle to the

right and to the left

6.3.5 Wearing Proper Footwear

Proper footwear protects feet from injury.

Other treatment options also provide relief and help to prevent further swelling.

• Wearing elasto-crepe bandage or stockings while traveling

• Elevation of the limb at night, after the bandage removal

• Exercising regularly of the affected limb

• Daily light massage of the limb especially in early oedema, to stimulate the

lymphatics and to enhance the lymph flow towards larger patent vessels

• Heat therapy using either wet heat or hot ovens [113–116]

7 Immune Responses to Lymphatic Filariasis

Extensive studies have been conducted on human immune responses to filarial

parasites. The host immune mechanisms to kill filarial parasite, are currently not

well understood, and remain subtle. A key component of the immune system that

has evolved to diminish the virulence of helminths is the type 2 (or TH2) response

[117]. The host immune response to filarial parasites is of T helper type 2 responses

and characterized by the increased the cytokine production of IL-4, IL-5, IL-9,

IL-10 and IL-13, the antibody isotypes—IgE and IgG4, and increased activation of

accessory cells such as basophils, eosinophils, and mast cells [118]. Along with Th2

responses, regulatory T cells [119], alternatively activated (or M2) macrophages

[120] and innate lymphoid cells are the key components involve during helminth

infection. Chronic filarial infection exhibits a modified Th2 response and increased

IL-10 reviewed by [121].

One of the major hallmarks of filarial infection is the elevated level of eosino-

phils and IgE following infection [122]. Most of the IgE produced is due to

non-antigen specific stimulation of IgE producing B cells. IgE antibodies persist

many years after the infection has been treated, indicating the presence of long-

lived memory B cells or plasma cells in filarial infection [123]. IgG4 and IgG1 are

elevated in chronic filarial infected individuals, IgG4 production depends on IL-4

and IL-10 [124]. IgE production both in mice and humans is absolutely dependent

on IL-4 or IL-13 [125].
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During early infection, innate immune cells such as eosinophils and neutrophils

are recruited to the site of infection to activate the innate immune mechanism. The

role of granulocytes in filariasis appears to be diverse. Either they promote protec-

tive immunity or help parasite establishment. During filarial infection, peripheral

eosinophil counts may reach up to 75%, which can provoke tropical pulmonary

eosinophil (TPE) in infected individuals [126]. During migration, the larva induces

the cell degranulation in turn it binds to TLR receptors and activates the TLR

dependent antibody dependent cell cytotoxicity (ADCC). Engagement of Fc recep-

tors (FcR) results in the recruitment of innate immune cells, mainly eosinophils,

macrophages and neutrophils. These cells release toxic granules after activation,

which leads to parasite killing [127–129]. Release of granular proteins, such as

ribonuclease (RNASΕ 2 and RNASE3), Eosinophil Cationic Protein (ECP), Major

Basic Protein (MBP) and Eosinophil Peroxidase (EPO) by activated eosinophils

imparts protective immunity. Knockout of EPO and MBP protein molecules from

mice have showed that, in the absence of eosinophils together with its secretory

granules, worms grow faster. This suggests that eosinophils play a role in Mf

clearance during filarial infections [129]. Activated macrophages or granulocytes

can release damaging nitrogen intermediates as well nitric oxide onto the surface of

the parasites [38]. Basophils play a possible role in the initiation of Th2 immune

response since they readily produce IL-4 with or without dependence of IgE

[130]. Depletion of basophils in mice with chronic filarial infection showed a

dramatic decrease in eosinophils and CD4+ T cell proliferation [131].

Macrophages are activated during filarial infection and characterized by

enhanced expression of arginase 1, the secreted chitinase-like lectin Ym-1,

resistin-like molecule α ((RELMα), mannose receptor C type 1 (MRC-1), macro-

phage galactose type C lectin (MGL) and chemokine ligand 18 (CCL18)

[132]. Alternatively activated macrophages play a prominent role in wound healing

and are thought to help limit tissue immunopathology [118]. Alternatively activated

macrophages secrete cytokines, which regulate immune responses and support the

survival of filarial nematodes via the release of regulatory cytokines IL-10,

programmed cell death 1 ligand 2 (PDL2), and transforming growth factor

(TGF)-β as a result leading to immunosuppression [118]. Live filarial parasites

produce a monocyte phenotype that partly resembles the alternatively activated

state seen in infected individuals [76]. Among the monocyte subsets, classical

monocytes are capable in antigen-uptake in filarial infections [133]. A recent

study showed that alveolar macrophages involved in the pathogenesis of TPE [134].

CD4+ helper T cells form the majority of T lymphocyte responses. T cells play a

critical role in filarial immunity in both animal and human models. Animal studies

showed that T cell deficient mice are vulnerable to filarial infection, demonstrating

that T cells are important for elimination of infection [135, 136]. Upon antigenic

exposure, naı̈ve T cells are activated and differentiate into different effector Th1,

Th2, Th17 and regulatory T cell subsets depending on the source of antigen and

cytokine environment. T helper cells are controlled by T-bet (Th1), GATA-3 (Th2),

RORγT (Th17) and Foxp3 (Tregs), respectively [137]. Lymphatic filarial disease is

known to be associated with elevated Th1 responses and normal or diminished Th2
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responses to parasite-specific antigens. Filarial Mf+ infected individuals exhibit T

cell hypo-responsiveness and decreased production of IFN-γ and IL-2 [138].

During filarial infection, increased production of Foxp3+ Treg cells promotes

the survival of filarial worm. Treg depletion resulted in decreased worm burden and

enhanced immune mediated pathology [119]. Induction of Foxp3+ Treg, stimulate

the differentiation and up-regulation of arginase-1 activity mediated by alter-

natively activated macrophages during filarial infection and plays an important

role in immune regulation and tissue repair [120, 139]. Regulatory T cells have

been proposed to play a role in the immune evasion mechanism during parasitic

infection. IL-10 and TGFβ are produced in response to filarial infections and

associated with regulatory mechanisms. Effector T cell responses can be modulated

through by CTLA-4 and PD-1. Increased expression of CTLA-4 and PD-1 has been

observed in human filarial infections, and blocking of CTLA-4 can restore partially

a degree of immunological responsiveness in infected individuals [70, 140, 141]. -

Filaria-associated Tregs were shown to be functional in suppressing proliferation

and possibly Th2 cytokine responses to filarial specific antigen in infected but not in

chronic pathology individuals [142]. Suppression of T cell functions in lymphatic

filariasis is caused by microfilaria-modulated monocytes in an IL-10-dependent

manner. Suppression of macrophages may contribute to the overall down-

regulation of immune responses in infected patients [143].

8 Prevention and Control

In 1997 World Health Assembly (WHA) framed resolution and insisting all

endemic countries to increase their efforts and determination to control and elim-

inate LF. In response, the WHO in 2000, the Global Program to Eliminate Lym-

phatic Filariasis (GPELF) was launched with the goal to eliminate the disease as a

public health problem by 2020 by stopping the spread of infection through mass

drug administration and alleviating suffering by managing morbidity and

preventing disability. Even though significant progress has been made in the

elimination of lymphatic filariasis, 18 countries completing interventions and on

track to validate elimination (www.who.int/lymphatic_filariasis/global_progress/

en/). The MDA approach is to give repeated, annual doses of albendazole (ALB)

in combination with either diethylcarbamazine (DEC) or ivermectin (IVM) for the

lifetime of adult worms (typically 5–7 years) [144]. In moderate and high endemic

areas to accomplish the elimination of LF, based on mathematical models of LF

transmission, the elimination will require high compliance (>70%) with MDA for

5–7 years with most potent drug combination (annual DEC + ALB [145]. El

Setouhy et al. reported that microfilaricidal and macrofilaricidal effects are higher

with ALB + DEC at 1 year for multiple doses [146]. ALB + DEC and

ALB + IVM—strongly reduce the LF infection levels [147]. Community based

study conducted in south India suggest that, single-dose combination (DEC + ALB)
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mass treatment has an increased the effect against bancroftian filariasis in compar-

ison to single-drug treatment [148].

The number of treatments varied from 2 to 12 and in most of the studies

treatments were given at yearly or half-yearly interval dose of DEC + ivermectin

[11] and ivermectin alone [149]. The Sri Lankan study showed nearly all regimens

with IVM established a rapid kill rate of microfilaria with higher doses showing a

greater diminution in microfilaria rates [147]. Bockarie et al. reported that either the

combination of DEC and IVM or DEC alone, after four rounds of treatment

(77–86% compliance rate), lymphoedema and hydrocoele were also significantly

reduced in the population and the positivity of Mf infection were deceased by

86–98% [11]. Currently there are three regimens permitted for MDA, that is, DEC

with ALB, IVM with ALB, and DEC-medicated salt (GAELF, “Progress to date,”

June 2009, http://www.filariasis.org/all_about_lf/disease.html#clinicalfeatures).

Microfilaricide IVM to DEC + ALB may enhance microfilaria clearance and afford

a more long-lasting effect than the 2-drug regimen. DEC-medicated cooking salt

medicated with DEC has been used to aid mass treatment and has proved to be very

effective and safe. DEC fortified salt has the ability to clear microfilaraemia without

any adverse reactions since it is recommended for control programmes. A study

from South India, after 10 years of annual MDA, on the efficiency of DEC (6mg/

kg, single dose) and IVM (400 μg/kg, single dose) has shown that DEC had the

potential to interrupt the transmission of filariasis when compared with IVM

[150]. Simulation modelling suggests that the triple-drug course of therapy has

possible to speed up the eradication of lymphatic filariasis if high population treat-

ment of mass drug administration can be achieved and if systematic non-adherence

with mass drug administration is low [151].

The Global Program to Eliminate Lymphatic Filariasis (GPELF) recently

released their progress report for 2014 [4]. The report summarized the work of

the GPELF’s first decade, which was focused on implementing mass drug admin-

istration (MDA) across all LF endemic regions. The report acknowledged that

although MDA programme have been particularly successful in reducing infection

within communities, efforts to reduce morbidity associated with LF remain lacking.

Currently, only 24 of the 73 endemic countries have morbidity programs [9]. During

2000–2012, the MDA programme made remarkable achievements—a total of 6.37

billion treatments were offered and an estimated 4.45 billion treatments were

consumed by the population living in endemic areas. Using a model based on

empirical observations of the effects of treatment on clinical manifestations, it is

estimated that 96.71 million LF cases, including 79.20 million microfilaria carriers,

18.73 million hydrocele cases and a minimum of 5.49 million lymphedema cases

have been prevented or cured during this period. Consequently, the global pre-

valence of LF is calculated to have fallen by 59%, from 3.55% to 1.47%. The fall

was highest for microfilaraemia prevalence (68%), followed by 49% in hydrocele

prevalence and 25% in lymphedema prevalence. These programs focus on hygiene,

skin care, hydrocele surgery, and exercises [152]. The GPELF plan for 2010–2020

highlights the need for the establishment of morbidity management programs in all

endemic regions. In particular, the plan identifies the need for the development of

metrics to monitor and report on the outcomes of these programs [9].
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8.1 Vector Control

Vector-control strategies in the last century were based on chemical agents, current

ecological and environmental protection standards do not allow such approaches

because of the adverse effects of many insecticides on non-target species, including

humans, their environmental impact, the contamination of soil and water and the

development of selective processes and subsequent mosquito resistance to insect-

icides [153]. New strategies therefore had to be created to replace the use of

insecticides. Genetic control methods have now arisen as promising alternative

strategies, based on two approaches: the replacement of a vector population by

disease-refractory mosquitoes and the release of mosquitoes carrying a lethal gene

to suppress target populations. Genetically modified bacteria capable of colonizing

a wide range of mosquito species may be a solution to this problem and another

option for the control of these diseases. The paratransgenic approach, symbiotic

bacteria are genetically modified and reintroduced in mosquitoes, where they

express effector molecules. In this approach, genetic modified bacteria can act

by: (a) causing pathogenic effects in the host; (b) interfering with the host’s
reproduction; (c) reducing the vector’s competence; and (d) interfering with oogen-

esis and embryogenesis [102, 154].

8.2 Self Help Group or Social Helping Groups

Effective self-care implementation requires some degree of education, instruction

or demonstration and the role of the educated health worker or trained volunteer

cannot be ignored. Studies, which provided frequent monitoring, and support were

associated with greater improvements than studies, which offered minimal, or no

support services. A study by Akogun et al. [155], where one group was able to alter

the program design to suit their immediate cultural and social constraints, reported

good outcomes. A study by Wilson et al. [156] showed that basic self-care

improved skin integrity and prevented new infections while limb stage remained

the same. While a reduction in limb volume was reported in lymphedema, greater

benefits were experienced among participants with early stages, suggesting that

implementation of a self-care routine as soon as lymphedema is detected has the

potential to curtail the number of cases that progress to advanced stages. A study by

Bernhard et al. revealed that limb volume reduction was significantly greater in the

self-treating group compared to the therapist treated group [157]. A review by

Douglass et al. has supported the adoption of remedial exercises in the management

of lymphedema and a greater emphasis on self-treatment practices for people with

lymphedema [113].
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8.3 Tools for Assessment of Elimination

Lymphatic filariasis (LF) is targeted for global elimination through treatment of

entire at-risk populations with repeated annual mass drug administration (MDA).

The end point of MDA can be assessed by transmission assessment survey (TAS),

when transmission is reached accepted low level that it cannot be determined even

in the absence of drug intervention and consequently MDA can be stopped. The

decision to stop MDA is intricate and arrays of tools have been recommended to

guide the decision. The first step is to define the parameter(s) that will be measured

and the best diagnostic tool for assessing it. Multi center study was conducted for

the evaluation of potential diagnostic tools for TAS [158]. In W. bancrofti and
Brugia spp. endemic areas, the immunochromatographic (ICT) to test filarial

antigen and the BmR1 antibody test (PanLF or Brugia Rapid) were recommended

for TAS.

ICT Sensitive test to detect W. bancrofti antigen. Quick results can be obtained

and it does not require laboratory equipment. Positive result indicates the presence

of adult worm antigen. The rapid immunochromatographic test (ICT), detecting

filarial antigen, is the selected tool for deciding when to stop MDA [158].

Brugia Rapid™ test Able to detect antibodies of B. malayi and B. timori and a

more sensitive test. Quick results can be obtained and it does not require laboratory

equipment. Positive result indicates the presence of anti filarial antibodies [159].

PanLF: BmR1 recombinant filarial antigen used to measure the antibodies in

Brugia spp. Based on multi centric study it has similar sensitivity in all the countries

[160, 161].

Bm14 and SXP Antibody detection tests like Bm14, BmR1, and Wb-SXP are

useful tools which help program managers to decide in the perspective of filariasis

elimination programs [162]. SXP and Bm14 have been developed as candidates for

diagnostic assay. Bm14 has sensitivities of 85–90% to serum from mf carriers

[101]. This antigen is equally sensitive for B. malayi or W. bancrofti sera [163].

Polymerase chain reaction (PCR) PCR assays are highly sensitive, rapidity and

cost-effectiveness and specific for the detection of Wb DNA in individual human

blood [164] and in mosquito [165]. qPCR pool-screening assay could be used in the

population to scale filarial eradication monitoring and assessment survey [166].

Og4c3: The initiation of the filarial elimination programme has necessitated the

use of highly sensitive and specific diagnostic tests. The Og4C3 monoclonal

antibody-based ELISA test is highly specific and sensitive for the diagnosis of

filariasis [167].

Overview on Lymphatic Filariasis in South Asia 159



9 Conclusion

In this review, we have focused on the epidemiology of LF, clinical manifestations,

pathogenesis of lymphatic filariasis and immune response, current strategy for

control and treatment. In this review, while we may not have discussed all the

mechanisms involved, we have endeavored to explain the role of major immune

components and mechanism of killing parasite during infection. Complete elimi-

nation of parasites is rarely achieved apparently since sterilizing immunity might

necessitate host deleterious immune responses. Therefore, immune-mediated path-

ology is often associated with disease manifestation in filarial infections. Rarely,

due to a failure in an immune system-parasite homeostatic balance, the effects are

of an overwhelming nature, due to dynamic host immune responses in the course of

filarial infection. Filariasis continues to be one of the most debilitating diseases in

the world despite the WHO’s efforts to administration of mass drug administration

and considerable success in reducing filarial incidence. Mosquito control is a

supplemental strategy supported by WHO to reduce the transmission of lymphatic

filariasis and other mosquito-borne infections. Depending on the parasite-vector

species, measures such as insecticide-treated nets, indoor residual spraying or

personal protection measures may help protect people from infection. Vector

control has in select settings contributed to the elimination of lymphatic filariasis

in the absence of large-scale preventive chemotherapy.
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1 Introduction

Leprosy is a complex, chronic disease of low infectivity caused byMycobacterium
leprae (M. leprae). The clinical presentation of leprosy is varied and polymor-

phous; clinical features range from a small single hypopigmented or erythematous

skin patch to diffuse infiltration of skin involvement of the peripheral nerve trunk

and other organs like the eyes, spleen, liver, testis, bones, and joints. The disease

course in leprosy is interspersed with lepra reactions, which are hypersensitivity

reactions and are the main cause of morbidity in leprosy. Leprosy is also considered

one of the leading causes of infectious peripheral neuropathy. It is associated with

both sensory and motor impairment leading to deformities and disabilities, often

causing significant social stigma.

Leprosy has been known to man since time immemorial. DNA taken from the

shrouded remains of a man from the Old City of Jerusalem shows him to be the

earliest human proven to have suffered from leprosy. The remains were dated by

radiocarbon methods to 1–50 AD. The origin of leprosy has always been a matter of

uncertainty, and an Indian or African origin for the disease has often been assumed

based on historical sources that support an initial spread of the disease from Asia to

Europe. Dr. Robbins and colleagues reported a case of leprosy in a skeleton

showing changes associated with leprosy buried around 2000 BC in Rajasthan,

India, at the site of Balathal [1].

Leprosy was considered incurable, and this was one of the other causes of stigma

associated with the disease. The discovery of dapsone in 1940 and then the

introduction of multidrug therapy in 1984 were responsible for reducing the case

burden of leprosy. Early detection and initiating prompt treatment with multidrug

therapy (MDT) remains the key strategy to reduce global burden of leprosy and to

prevent associated disabilities and deformities.

Leprosy is one of the least infectious diseases because majority of the population

have natural immunity against it. The only natural reservoir of M. leprae is man,
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and the most important source of infection is an untreated case of multibacillary
leprosy, although all untreated cases should be considered as potential sources of

infection. Leprosy is also found in animals like wild armadillos, chimpanzees, sooty

mangabey monkeys, and cynomolgus macaque. Leprosy is considered a zoonosis in

the southern United States, and epidemiological studies from the United States and

Brazil have implicated contact with armadillos as a risk factor for leprosy infection

[2, 3].

2 Epidemiology

Leprosy is no longer an ancestral plague that it has been, and globally leprosy has

been almost eliminated or it is no longer a public health problem as the number of

registered cases has decreased from 5.4 million in the year 1985 to 171,948 in 2016,

and the prevalence rate per 10,000 fell from 21.1 to 0.23 over the last three

decades [4] (Table 1).

As per “Global leprosy update, 2015: time for action, accountability and inclu-

sion,” published by WHO in September 2017, the leprosy statistics revealed the

following [4]:

– 214,783 newly diagnosed patients were reported in 2016 (detection rate of 2.9

per 100,000 population).

– 94–96% of leprosy patients reported in 2016 were from 22 countries; India

reported 135,485 new cases, accounting for 63% of the global new leprosy

cases; Brazil reported 25,218 new cases, representing 13% of the global new

cases; and Indonesia reported 16,826 new cases, 8% of the global case load.

– 39.2% of patients were females and 8.5% of patients were children.

– 59.18% of patients reported were of multibacillary (MB) type.

– 3039 cases of relapse were reported from 46 countries.

– With 12,437 new G2D cases, the proportion of new G2D cases was 12% lower

than 2015, and it corresponds to a detection rate of 1.7 per million population.

The global burden of leprosy necessitated a massive and combined effort of

various organizations like the World Health Organization (WHO), various NGOs,

Table 1 Registered prevalence of leprosy in different regions 1st quarter of 2017 [4]

WHO region No. of case registered

Prevalence (number of

case/10,000 population)

Africa 21,465 0.3

America 26,365 0.31

Southeast Asia 115,180 0.6

Eastern Mediterranean 3102 0.01

Western Pacific 5820 0.03

Total 171,948 0.23
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governmental bodies, and healthcare professionals to tackle it together. Multidrug

therapy (MDT), first conceived in 1982, has been the main weapon against leprosy.

However, as seen in the past few years, new cases continue to occur in most

endemic countries, and high-burden pockets exist against a low-burden

background.

The WHO launched Global Leprosy Strategy 2016–2020 with the following

aims [5]:

• Zero grade 2 disability (G2D) among pediatric leprosy patients

• Reduction of new leprosy cases with G2D to less than one case per million

population

• Zero countries with legislation allowing discrimination on basis of leprosy

Leprosy continues to be an important infectious disease as is evident by (a) a

relatively stable new case detection over the last decade, (b) a growing number of

treated leprosy patients with recurrent reactions, and (c) a long-term neurologic

dysfunction and disability as a result of irreversible peripheral nerve injury. We

may have eliminated leprosy as a public health problem at a global level, but there

are some issues that remain unanswered, and if we don’t find a solution or answer to
these, we may be faced with the problem of leprosy resurgence. The challenges or

unsolved issues are lack of clarity about (a) the precise mode and route of trans-

mission; (b) environmental, socioeconomic, and behavioral factors that promote its

transmission; and (c) strategies for early diagnosis and prevention of neurologic

impairment to reduce the disability burden among newly identified cases and

among treated cases who continue to endure long-term disability [6].

3 Situation of Leprosy in India [7, 8]

– A total of 135,485 new cases were detected during the year 2016–2017, which

gives an annual new case detection rate (ANCDR) of 10.2 per 100,000 popula-

tion, as against 127,326 cases in 2015–2016. This showed increased in ANCDR

in 2016–2017 (Table 2).

– A total of 88,166 cases were on record as of 1 April 2017, giving a prevalence

rate (PR) of 0.66 per 10,000 population, as against 86,147 cases in 1 April 2016.

This showed increase in PR in 2016–2017. This increase is due to active case

finding under Leprosy Case Detection Campaigns (LCDC) organized all over

the country.

– Among new leprosy cases detected, the proportion was as follows: MB

(49.57%), female (39.17%), child (8.65%), grade 2 deformity (3.87%).

– A total of 5245 cases with grade 2 disability were detected among the new

leprosy cases during 2016–2017, indicating the grade 2 disability rate of 3.87 per

million.
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– A total of 11,792 child cases were recorded, indicating a child case rate of 0.86/

100,000 population. This was less than the figure of 2015–2016.

4 Targets Under Program Implementation Plan (PIP)

of NLEP to Be Achieved by 2016–2017 [8]

The 12th Five Year Plan for National Leprosy Eradication Programme (NLEP) for

the period 2012–2013 to 2016–2017 was approved by the Government of India.

The objectives under PIP or 12th Plan were:

(a) Elimination of leprosy, i.e., prevalence of less than 1 case per 10,000 population

in all districts of the country

(b) Strengthening of Disability Prevention and Medical Rehabilitation of persons

affected by leprosy

(c) Reduction in the level of stigma associated with leprosy

To achieve the objectives of the plan, the main strategies to be followed include:

• Integrated leprosy services through general healthcare system

• Early detection and complete treatment of new leprosy cases

• Carrying out of household contact survey for early detection of cases

• Involvement of Accredited Social Health Activist (ASHA) in the detection and

completion of treatment of leprosy cases on time

• Strengthening of Disability Prevention and Medical Rehabilitation (DPMR)

services and Information, Education and Communication (IEC) activities in

the community to improve self-reporting to Primary Health Centre (PHC) and

reduction of stigma

• Intensive monitoring and supervision at block Primary Health Centre/Commu-

nity Health Centre

The targets under PIP include decrease prevalence rate < 1/10,000 in 100% of

districts, new ANCDR of less than 10 per 100,000 population in 100% districts, and

decrease of grade 2 disability rate by 35%. The targets are summarized in Table 3.

Table 2 Situation of leprosy in India (2014–2015)

2015–2016 2016–2017 [9]

Registered prevalence 86,147 88,166

Number of new case detected 127,326 135,485

ANCDR 9.71/100,000 10.2/100,000

Number of new cases of MB leprosy 65,337 (51.48%) 67,160 (49.57%)

Number of females among the new cases 46,845 (36.91%) 53,072 (39.17%)

Number of new cases among children 12,043 (9.49%) 11,792 (8.65%)

Number of new cases with grade 2 deformity 5851 (4.6%) 5245 (3.87%)
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5 Etiology

M. leprae is a non-motile, non-spore-forming, acid-fast, gram-positive,

microaerophilic obligate intracellular bacillus that shows tropism for cells of the

reticuloendothelial system and peripheral nervous system (notably Schwann cells).

It is a slow-growing bacillus and takes 12–14 days to divide into two. It is present in

large numbers in lesions of lepromatous leprosy, often grouped together and

arranged like bundles of cigars. Under the electron microscope, the bacillus appears

to be polymorphous with the commonest form being a slightly curved filament

0.3–1 μm in width and 1–8 μm in length. Studies in animal models indicate that

M. leprae grows best at 27 �C to 30 �C, correlating with its predilection to affect

cooler areas of the body (the skin, nerve segments close to the skin, and the mucous

membranes of the upper respiratory tract) [10, 11].

The inability of M. leprae to grow and survive at elevated temperatures is

probably due to its inability to mount a protective heat stress response. M. leprae
grows extensively in the nine-banded armadillo (Dasypus novemcinctus), which has
a core body temperature of 34 �C [12].

The genome of M. leprae has been fully sequenced, and it was observed that

M. leprae has less than half of the functional genes ofM. tuberculosis. It contains an
extraordinary number of pseudogenes, and genes for key enzymes of many essen-

tial metabolic pathways are missing [13, 14]. The M. leprae genome is highly

conserved, but, using a combination of single-nucleotide polymorphisms and var-

iable number tandem repeats, the major strain types can be reasonably

discriminated [15].

Table 3 Targets to be achieved by 2016–2017 under PIP for 12th Plan [8]

Sr. no. Indicators Baseline (2011–2012) Targets (by March 2017)

1 Prevalence rate (PR)

< 1/10,000

543 districts (84.6%) 642 districts (100%)

2 (ANCDR) <10/100,000

population

445 districts (69.3%) 642 districts (100%)

3 Cure rate of multibacillary

leprosy cases (MB)

90.56% >95%

4 Cure rate of paucibacillary

leprosy cases (PB)

95.28% >97%

5 Grade 2 disability rate

in percentage of new cases

3.04% 35% reduction 1.98%

6 Stigma reduction Percentage reported

(NSS 2010–2011)

50% reduction over the

percentage reported by NSS
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6 M. lepromatosis

Han and Quintanilla reported this organism which is very similar to M. leprae but
with some distinct differences in the DNA sequence for 16S RNA [16]. A total of

64 cases of leprosy caused singly byM. lepromatosis have been reported so far from
Mexico or in patients of Mexican origin. Cases reported from other parts of the

world are five cases from Singaporean Chinese, one case of a native Canadian, and

two cases in native Costa Ricans. There are reports of coinfection with M. leprae
and M. lepromatosis in patients from Mexico. Initially the bacterium was isolated

form cases of diffuse lepromatous leprosy or Lucio leprosy, and subsequent reports

show a more variable clinical presentation similar toM. leprae [16]. Limited data is

available regarding M. lepromatosis; it has not yet been cultured, and its ability to

infect nerves and other basic aspects of its biology is still unknown. Limited clinical

experience with this isolate indicates that it presents with the same clinical features,

responds well to same anti-mycobacterial drugs, and has same prognosis as

M. leprae infection [17–19]. The identification of M. lepromatosis may be of

epidemiological importance in the current scenario.

7 Pathogenesis of Leprosy

The clinical manifestations of leprosy are related to M. leprae survival and depend

upon the interplay of innate and acquired immune responses involving interactions

of the bacterial proteins with immune components of the host. These interactions

may either prevent the invasion and infection or promote their growth and devel-

opment of pathology. The immune system has evolved primarily to combat infec-

tion, but in leprosy, the immune response is responsible for the broad clinical

spectrum of the disease and, similar to an autoimmune disease, seems to trigger

further complications such as nerve damage [20].

8 Genetic Determinants of Host Response

Even after sustained exposure to M. leprae, only a subset of individuals develop

clinical leprosy as majority of the population is immune to leprosy. Based on early

studies on familial aggregation of leprosy cases to the most recent genome-wide

association studies on leprosy-associated genetic polymorphisms, there is a strong

evidence that human genetic factors influence the acquisition of leprosy and its

further clinical course [21]. The polarization concept in leprosy has been studied by

both DNA-independent analyses (familial correlations, twin and segregation stud-

ies) and DNA-based analyses (linkage and association studies). The first genome-

wide linkage study of leprosy was performed in India in 2001. The sample included
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224 families comprising 245 sibling pairs affected by leprosy [22]. A significant

linkage hit ( p < 2 � 10�5) for leprosy was observed with genetic markers located

on chromosomal region 10p13. However, the study population had 98% PB cases;

hence, it was not possible to decide whether the mapped locus influenced leprosy

per se or was specific for the PB form. Overall, the results of the linkage studies in

Indian and Vietnamese leprosy patients suggest that the 10p13 and 20p12 regions

are differentially implicated according to the subtype considered [23, 24].

The various genes and genetic polymorphisms that have been studied for

association with leprosy subtypes are (Box 1):

9 Transmission

The skin and the nasal mucosa are the major exit routes of M. leprae from the

human body. Lepromatous cases harbor large numbers of organisms deep in the

dermis, and sometimes they may also be found in the stratum corneum. These

organisms from the superficial keratin layer could exit through the skin by exfoli-

ation. However, transmission through this route has still not been definitely

proven [25].

The main portal of entry ofM. leprae is through the nasal mucosa. Whether this

exposure results in infection or not depends largely on genetic susceptibility,

immunological response of the individual, and the bacillary load. Hematological

dissemination of the bacilli is considered to be the route of spread and widespread

clinical pattern of the disease. A successful immune response or innate immunity

aborts the further invasion, and M. leprae is eliminated in majority of the individ-

uals. However, in a minority, M. leprae evades immunological defenses and

Box 1. Genetic Polymorphisms Associated with Leprosy [21]

Validated studies from different

parts of the world

Genes that have been studied once from a

particular region

Toll-like receptor 2 (TLR2) from

Ethiopia and Malawi

IFN-γ and HLA-G in Brazil

TNF-α gene from India and

Thailand

TLR4 and leukotriene A4 hydrolase (LTA4H) in

Ethiopia

Mannose-binding lectin 2 (MBL2)

in Brazil and Nepal

Vitamin D receptor (VDR), killer cell

immunoglobulin-like receptor, two Ig domains and

short cytoplasmic tail 3 (KIR2DS3), heat shock

protein 1A (HSPA1A), and IL-23R from India

Mannose receptor C type

1 (MRC1) from Brazil and Vietnam

Interleukin-10 (IL-10) from Brazil

MHC class I chain-related gene A

(MICA) from China and Brazil
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continues to multiply in macrophages and the Schwann cells surrounding peripheral

nerves and subsequently in the skin and other tissues. Studies of household contacts

who do not manifest leprosy have detected disseminated subclinical autonomic

neuropathy in them, as evident by abnormal vasomotor reflexes—that might be

like the Ghon’s focus in the lung seen after exposure to Mycobacterium
tuberculosis [26].

Environmental factors such as soil and water exposure, insect vectors, and the

free-living amoebae (e.g., Acanthamoeba spp.) may also play an important role in

the transmission of leprosy [6, 27, 28]. These environmental factors may also

participate in the environmental viability of leprosy in some biotopes [27]. However

some of the experts believe that most of these reports are on PCR-based studies, and

although leprosy bacilli may remain viable in certain cell-free environments for a

variable period, it does not mean that they remain infectious or they can replicate;

moreover, with an abbreviated genome, it is most unlikely that M. leprae can

replicate in any extracellular environment [29].

Zoonotic transmission of leprosy from natural infection of armadillos in the

Southeast United States has been confirmed as responsible for the majority of

autochthonous (indigenous or not from other regions/migrants) transmission in

this area. It is likely that animals like armadillos may also play an important role

in the transmission of leprosy in some areas of Latin America such as in Colombia,

Venezuela, Mexico, and Brazil. Understanding how environmental factors influ-

ence host-pathogen interactions in complex natural systems, where multiple feed-

backs between biotic and abiotic factors take place, is especially important in the

context of environmentally persistent pathogens such as M. leprae [6, 30, 31].

10 Immunopathogenesis

In leprosy the clinical phenotype that the patient develops depends on the immu-

nological response of the host. When M. leprae is first encountered, the monocytes

may phagocytose all bacilli; however, in tuberculoid leprosy, the organisms may be

totally destroyed, while in lepromatous leprosy, microvacuolated monocytes

(phagocytes) with bacillary debris and live bacilli may persist [20, 32]. Although

the precise mechanisms are unclear, the level of cell-mediated immunity or Th1 vs

Th2 response to infection with M. leprae in the host determines the progression of

disease toward tuberculoid or the lepromatous spectrum. Toll-like receptors on

innate immune cells may recognize mycobacterial lipoproteins, generating cyto-

kines that mediate specific responses in a Th1 or Th2 direction. A robust CMI or

Th1 response either aborts the infection in the initial stages or contains it as is seen

in the tuberculoid leprosy. Nonresponsiveness toward M. leprae seems to correlate

with a Th2 cytokine profile and development of lepromatous leprosy [25]. In

addition to Th1 and Th2, the concept of T cell plasticity is also seen, and various

subsets like Th17, Th22, and T-Reg cells have also been described in the
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pathogenesis of leprosy, and sometimes the distribution of these subsets depends on

the level of antigenic stimulation or infection [32].

11 Pathogenesis of Nerve Involvement in Leprosy

All patients with leprosy have some degree of nerve involvement. Perineural

inflammation is the histopathologic hallmark of leprosy, and this localization may

reflect a vascular route of entry ofM. leprae into nerves. Axonal atrophy may occur

early in this process; ultimately, affected nerves undergo segmental demyelination

[33]. The invasion of Schwann cells byM. leprae is the first step in the induction of
nerve damage. The neurotropism ofM. leprae is due to its affinity for the G-domain

of laminin-alpha 2, an extracellular matrix protein that is present in the basal lamina

of Schwann cells. M. leprae/laminin-alpha 2 complexes bind to alpha/beta

dystroglycan complexes expressed on the Schwann cell surface. The bacterial

components involved in the interaction are ML-LBP21, PDIM, and PGL-1. Recent

in vitro work has suggested that earlyM. leprae-induced nerve damage is mediated

via ErbB2 receptor tyrosine kinase signaling, which results in early nerve demye-

lination [25]. Another in vitro study suggested that early molecular pathways of

nerve damage originate from M. leprae-induced excessive Schwann cell survival,

which triggers glial cell proliferation and the inflammatory response [25, 33,

34]. Nerve damage may also be mediated by inflammatory and immune-mediated

processes, as well as due to edema and mechanical processes.

Nerve damage due to leprosy can be divided into two phases:

1. Initial phase: This phase is common to both tuberculoid and lepromatous ends.

The hallmark of this phase is the absence of inflammatory cells. It is due to early

biochemical changes in the axonal compartment and axonal atrophy and occurs

before structural changes in myelinated fibers; these changes are seen more in

small, poorly myelinated or unmyelinated nerve fibers [33].

2. Later phase: It is characterized by the presence of inflammatory response which

ranges from well-organized granulomatous response in tuberculoid disease that

aggressively affects the nerve to a disorderly chronic inflammation in leproma-

tous patients which eventually destroys the nerve and the surrounding tissue.

12 Stages of Nerve Involvement [25]

Five stages of nerve involvement can be recognized, the first two being identifiable

only by histological scrutiny while the later three are clinical:

1. Stage of parasitization: M. leprae found within nerves.

2. Stage of tissue response: inflammatory response to the presence of bacilli.

3. Stage of clinical infection: nerve thickening with no apparent nerve function

impairment.
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4. Stage of nerve damage: apparent nerve function impairment. This stage is

reversible.

5. Stage of nerve destruction: nerve fibers are totally destroyed and collagenized.

13 Risk Factors for Leprosy

Poor socioeconomic status and unhygienic living conditions like contaminated

water, inadequate housing, malnutrition, and diseases compromising the immune

function are usually the risk factors for leprosy. HIV infection has not been reported

to increase the susceptibility to leprosy, although initiation of antiretroviral therapy

can either activate subclinical leprosy or exacerbate pre-existing lesions due to

immune reconstitution inflammatory syndrome [25].

Results of various studies suggest that susceptibility to leprosy is multigenic,

with a high degree of heterogeneity among different populations studied.

HLA-DR2 and the Taq1 polymorphism of the vitamin D receptor gene, alleles in

the PARK2 and PACRG, and NOD2 have been found to be associated with

susceptibility to infection with M. leprae [35, 36].

14 Incubation Period of Leprosy

Leprosy has a relatively long incubation period with the average incubation period

varying between 3 and 10 years. However it is difficult to measure the accurate

period because of the paucity of adequate immunological tools and slow onset of

disease [25].

15 Clinical Features of Leprosy

Leprosy patients have skin lesions varying from ill- to well-defined macules,

patches, nodules, and plaques to diffuse involvement which is often difficult to

distinguish from the normal skin. However, in most leprosy cases, the lesions are in

the form of a hypoesthetic, hypopigmented, or erythematous patches, but papular,

annular, nodular, and plaque types of lesions occur in variable numbers and are

distributed on various parts of the body. Most of these lesions have diminished or

absent sensations, impairment of sweating, and reduced hair density.

Leprosy is diagnosed when at least one of the cardinal signs is manifested [37]:

• A definite loss of sensation in a pale (hypopigmented) or reddish skin patch

• A thickened or enlarged peripheral nerve, with loss of sensation and/or weakness

of the muscle supplied by that nerve

• The presence of acid-fast bacilli in a slit skin smear [37]
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16 Classification of Leprosy

The classification of a disease is used to identify and understand the different

aspects of disease presentation and linking them to the underlying

immunopathogenesis which is helpful for the treatment decisions, prognosis, and

research. Classification of leprosy allows the risk of complications to be predicted;

for example, leprosy patients with borderline leprosy are at a much higher risk of

developing reactions than patients with tuberculoid disease. The first system for

classification of leprosy was proposed at an international meeting in Manila in

1931. This was followed by systems proposed in Cairo in 1938, Rio de Janeiro in

1946, Havana in 1948, and Madrid in 1953, followed by an Indian classification in

1955 [38] (Box 2). The initial classifications were predominantly based on clinical

features with some support from histological and lepromin testing. They classified

leprosy into tuberculoid and lepromatous poles and borderline, dimorphous, or

intermediate categories.

Ridley-Jopling classification is the most widely used classification system in

leprosy. They classified leprosy into five types: lepromatous leprosy (LL), border-

line lepromatous leprosy (BL), borderline leprosy (BB), borderline tuberculoid

leprosy (BT), tuberculoid leprosy (TT), and indeterminate. This classification of

leprosy is recognized to be an expression of the patient’s resistance to infection or

the immunity and the spectrum ranges from a form with a robust immune

response and very few organisms (tuberculoid or paucibacillary) to a form with a

weaker immune response and a higher burden of organisms (lepromatous or

multibacillary). The classification is based on the cutaneous, neurologic, and biopsy

findings, all of which correlate with immunological capability of the individual.

The categories also correlate with the number of acid-fast bacilli present in the

dermis [39, 40].

1. Tuberculoid form (TT): Characterized by a single lesion (maximum up to three

lesions). The lesions are usually large in size, well-defined, and in the form of

erythematous plaques with raised clear-cut edges (Fig. 1). The surface of lesion

(s) looks dry, scaly, and turgid. Sensations as well as hair are usually absent on

the lesion. Lepromin test is strongly positive (++++). On histopathological

examination, large epithelioid cells are found to be arranged in compact

Box 2. The Indian Classification System

1. Tuberculoid (T)

2. Lepromatous (L)

3. Maculoanesthetic (MA)

4. Polyneuritic (P)

5. Borderline (B)

6. Indeterminate (I)
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granulomas along neurovascular bundles, with dense peripheral lymphocytic

infiltrate. Langhans giant cells are usually absent. Dermal nerves may be oblit-

erated and destroyed by dense lymphocyte cuffs. Acid-fast bacilli are rarely

found even in nerves. The granuloma usually reaches and may even erode the

epidermis [41].

2. Borderline tuberculoid (BT): The lesions are few (maximum of ten). The

lesions are well defined and variable in size. Many lesions may slope outward

or fade into surrounding skin. Few satellite lesions may sometimes be seen

(Fig. 2). The surface of lesions is dry, scaly, and infiltrated. Sensations and

hair over the lesion are usually absent, just like in TT. AFBs when seen are

scanty. Lepromin reactivity is positive (++ or +). Histology shows Langhans

giant cells, which are variable in number and not large in size. Granulomas along

the superficial vascular plexus are frequent, but they do not infiltrate up into the

epidermis (grenz zone). Nerve invasion and obliteration are typical. BI ranges

from 0 to 2+.

3. Borderline borderline (BB): Several lesions (10–30) may have an inverted

saucer appearance, where the outer margin is sloping and the inner margin is

punched out (Fig. 3). They may be dull or shiny. Sensations and hair over the

lesions are moderately diminished. Lepromin test is negative or weakly positive

(+ or �). Histology shows a grenz zone; macrophages are activated into epithe-

lioid cells, but there are only few distinct granulomas. Lymphocytes are scanty.

There are no giant cells. BI ranges from 3 to 4+.

4. Borderline lepromatous (BL): The lesions are numerous and tend to be

symmetrical. Size may vary from small to large (Fig. 4). Most lesions are

ill-defined, although few may show a better defined edge. The surface of lesions

is shiny and sensations and hair are only mildly affected. Numerous AFBs are

found in the lesion and lepromin test is negative. Histopathology shows a grenz

zone and prominent lymphocytic infiltrate, with activation of macrophages to

form poorly to moderately defined granulomas. There is perineural fibroblast

proliferation, forming an “onion peel” in cross section. Foamy cells are present

but not prominent, and BI ranges from 4 to 5+.

Fig. 1 Well defined

erythematous plaque of

tuberculoid leprosy (TT)
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5. Lepromatous leprosy (LL): The lesions are innumerable and skin may even be

diffusely infiltrated (Fig. 5a). The lesions are ill-defined, small, shiny plaques

that are distributed symmetrically. In the early stage of the disease, sensations

are not affected and overlying hairs are normally present. AFBs are plentiful,

some forming “globi.” Lepromin test is negative. Histopathological examination

Fig. 2 Erythematous

plaque with pseudopodia

and few satellite lesions in

borderline tuberculoid

(BT) leprosy

Fig. 3 Inverted saucer

appearance of lesions in mid

borderline (BB) leprosy
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shows extensive cellular infiltrate separated from the flattened epidermis by a

narrow grenz zone, causing destruction of the cutaneous appendages and may

extend even into the subcutaneous fat. Macrophages have abundant eosinophilic

Fig. 4 Multiple hypopigmented plaques in borderline lepromatous (BL) leprosy

Fig. 5 (a) Diffuse infiltration with papules and nodules in lepromatous leprosy (LL). (b) Fite-

Faraco Stain: numerous foamy macrophages and lymphocytes, containing many acid fast bacilli
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cytoplasm and contain a mixed population of solid and fragmented bacilli.

Foamy cells, granulomas, and globi are seen (Fig. 5b).

6. Polar and subpolar forms: LL may be polar LL (LLp) or subpolar LL (LLs).

LLp is immunologically stable and starts and stays as lepromatous throughout.

LLs is unstable, and it evolves from downgrading of the borderline group and

may have some lesions of borderline leprosy as evidence of having downgraded.

Similarly, TT may also be polar TT (TTp) or subpolar TT (TTs). TTp originates

as tuberculoid and hardly ever downgrades, while TTs is the unstable form,

usually downgrades to borderline leprosy, and may rarely upgrade from border-

line spectrum [41].

17 Other Forms of Leprosy

1. Indeterminate: Characterized by ill-defined hypopigmented scaly macules or

patches (Fig. 6). The lesions are few in number, and slight impairment of

sensation may be present. There is mild lymphocytic and macrophage accumu-

lation around neurovascular bundles, sweat glands, and erector pili muscle.

Diagnosis should only be made on finding one or more acid-fast bacilli at the

sites of predilection: in the nerve, in the erector pili muscle, just under the

epidermis, or in a macrophage around a vessel [41].

Fig. 6 Ill defined

hypopigmented patch of

indeterminate leprosy
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2. Lucio Leprosy: Lucio leprosy (lepra bonita), first described by Lucio and

Alvarado in 1852, is characterized by a diffuse shiny infiltration of all body

skin with widespread sensory loss. As the disease progresses, the eyelids become

thickened, giving the patients a sleepy and sad appearance. Madarosis is often

the first sign. Patients may complain of numbness of the hands and feet, nasal

congestion and epistaxis, hoarseness of the voice, and edema of the feet.

Bacteriological smears are highly positive (BI 6+) and lepromin reaction is

negative. Lucio leprosy is considered to be the most anergic of all the immuno-

logical spectrum of leprosy [41]. Endothelial cell injury appears to be the main

event in the pathogenesis of diffuse leprosy of Lucio and Latapı́. OnceM. leprae
has entered the endothelial cell, the microorganism damages the blood vessels,

leading to the specific changes seen in this variety of lepromatous leprosy [42].

3. Histoid Leprosy: Histoid leprosy is a special manifestation of lepromatous

leprosy and was first described by Wade in 1963 [43]. It is characterized by

papules and sharply demarcated, firm nodules. Histoid leprosy has been gener-

ally reported to manifest in patients after long-term dapsone monotherapy and

irregular or inadequate therapy. However, there are also reports of disease

developing as relapse after successful treatment or even appearing de novo

without a prior history of any antileprosy treatment. Clinically the histoid lesions

appear as smooth, shiny, hemispherical, dome-shaped, nontender soft to firm

nodules which may be superficial, subcutaneous, or deep dermal nodules and

plaques or pads appearing on otherwise normal-looking skin (Fig. 7). The

lesions are usually located on the face, back, buttocks, and extremities and

over bony prominences, especially around the elbows and knees. On histological

examination, spindle-shaped cells containing M. leprae are found. Bacteriolog-
ical smears are highly positive (BI 6+) and the lepromin reaction is

negative [44].

Fig. 7 Papules and sharply

demarcated firm nodules on

apparently normal

appearing skin in histoid

leprosy
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4. Pure Neuritic Leprosy: There is thickening of the peripheral nerve trunk with

sensory loss in the area of its distribution, with or without associated motor

paralysis, primarily in the absence of any skin patch regardless of clinical

evidence of reaction involving the nerve. It accounts for around 4–6% of leprosy

cases in the Indian subcontinent. Commonly affected nerves are ulnar, median,

radial, lateral popliteal, posterior tibial, sural, facial, and sometimes trigeminal.

Mononeuritis or mononeuritis multiplex is the most common presentation [45].

Slit skin smear or a skin biopsy usually does not reveal changes of leprosy.

Nerve conduction studies, FNAC, nerve biopsy, PCR, etc. may be used for

diagnosis. All other causes of peripheral neuropathy should be excluded, and

the clinician should have a high index of suspicion [46].

WHO Classification

The World Health Organization (WHO) classification system was designed for use

in situations in which there is little or no clinical expertise or laboratory support; it

is based upon the number of skin lesions present [47]:

• Paucibacillary (PB) leprosy is defined as five or fewer skin lesions without

detectable bacilli on skin smears.

• Multibacillary (MB) leprosy is defined as six or more lesions and may be skin

smear positive. Counting skin lesions alone may lead to misclassification of

many patients with PB leprosy rather than MB leprosy, leading to

undertreatment in some cases [37].

18 Neuropathy in Leprosy

Classical Leprosy Neuropathy This involves nerves of the extremities (both upper

and lower), which may present as:

1. Thickening of nerve trunks

2. Mononeuritis

3. Mononeuritis multiplex

4. Polyneuropathy with a “glove and stocking”-type distribution

5. Cranial neuropathies

6. Peripheral autonomic dysfunctions (anhidrotic dry skin, compromised

sudomotor and vasomotor responses, and trophic ulcers) [47]

Acute Neuritis This is one of the most common and dramatic presentations in

leprosy and generally occurs during the leprosy reactions. It often starts with

spontaneous nerve pain, paresthesias, and nerve tenderness. These symptoms are

followed by nerve function impairment with objective sensory-motor loss. Recog-

nition of the symptoms at onset is crucial, as initiation of steroids reduces long-term

damage [26].
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Silent Neuropathy The patient has only neurological deficit which is mostly

progressive in the absence of nerve pain and tenderness with no evidence of

reaction. The lack of spontaneous subjective nerve impairment makes this condi-

tion detectable only when specifically assessed with standardized monofilament

testing for sensory impairment and voluntary muscle strength for motor

impairment [48].

Subclinical Neuropathy Subclinical neuropathy appears to be more prevalent in

leprosy than was previously believed [47]. Testing using monofilaments and other

sensitive methods has demonstrated that functional nerve impairment occurs earlier

in the course of lepromatous disease than in tuberculoid disease, even though

patients with tuberculoid disease may be aware of numbness or weakness earlier

in the course of their illness than patients with lepromatous disease [49]. In a

prospective study of early neuropathy diagnosis in leprosy, sensory nerve conduc-

tion and warmth perception were the most frequently and earliest affected tests; in a

large proportion of patients, these became abnormal �3 months or more before

other abnormalities were identified using monofilaments [50].

Chronic Neuropathic Pain It is diagnosed when the patient presents with pain

and new nerve function impairment in the absence of leprosy reaction after com-

pletion of MDT. The pain is described as continuous burning type with glove and

stocking distribution. It can also manifest as paresthesias, dysesthesias, hyperes-

thesia, and allodynia along the nerve and in its area of distribution. Different

pathophysiological mechanisms possibly leading to leprosy-related neuropathic

pain are small fiber neuropathy and persistent intraneural inflammation due to

residual bacterial antigens or persisters in the Schwann cells. We should rule out

pain due to extraneural pathology such as osteitis, periosteitis, and osteomyelitis in

all these cases. Management is difficult and tricyclic antidepressants, anticonvul-

sants, and opioids have been tried [51].

Childhood Leprosy

Childhood leprosy is a significant indicator of control programs in the society as the

detection of new cases in children under 15 years of age reveals an active circula-

tion of bacilli, continued transmission, and lack of disease control by the health

system. According to the NLEP report of 2017, children constituted 8.65% of the

newly detected leprosy cases in India [7]. Among patients under 15 years of age, the

most affected age group is children between 10 and 14 years of age, although there

are case reports of patients younger than 1 year as well. Household contacts are the

primary source of infection. Various studies have reported rates varying from 8.7%

to 38.8% [52, 53]. Paucibacillary forms of the disease are more common, especially

borderline tuberculoid leprosy, with a single lesion in exposed areas of the body

representing the main clinical manifestation. Lepra reactions are rare, although

some authors have reported high frequencies of type 1 lepra reaction. Peripheral

nerve involvement has been described at very high rates in some studies, which

increases the chance of deformities, a serious problem, especially if one considers

the age of these patients. High disability rates have been reported in studies from
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India ranging from 0.5% to 24%, which could be due to delay in diagnosis or

detection of leprosy in these cases. If we have to bring this figure to zero by 2020,

then we will have to initiate the school health surveys and household contact

surveys again [54].

Physical Examination

The diagnosis of leprosy should be considered in patients with skin lesions and/or

enlarged nerve(s) accompanied by sensory loss or motor weakness. Leprosy should

be suspected in the setting of the following symptoms:

• Hypopigmented or reddish patch(es) on the skin

• Diminished sensation or loss of sensation within skin patch(es)

• Paresthesias (tingling or numbness in the hands or feet)

• Painless wounds or burns on the hands or feet

• Lumps or swelling on the earlobes or face

• Tender, enlarged peripheral nerves [55]

Late findings include weakness of the hands with claw fingers, foot drop, facial

paralysis or lagophthalmos, lack of eyebrows and eyelashes, collapsed nose, or

perforated nasal septum. Clinical findings correlate with the extent of nerve

involvement, classification of disease, and presence of the immunologic complica-

tions known as reactions.

The examination should include evaluation of skin lesions and palpation of

peripheral nerves for enlargement and/or tenderness, including the ulnar nerve at

the elbow, median and superficial radial cutaneous nerve at the wrist, great auric-

ular nerve in the neck, and common peroneal nerve at the popliteal fossa (Fig. 8). A

sensory examination of skin lesions, distal extremities, and motor evaluation should

also be performed. Eyes should be examined by simple inspection of the conjunc-

tiva and cornea, as well as assessment of corneal sensation.

Ocular involvement is also commonly seen in leprosy and is estimated to be

present in about 70–75% of all cases of leprosy. About 10–50% of leprosy patients

suffer from severe ocular symptoms (potential sight-threatening complications/

involvement), and blindness occurs in about 5% of patients [56]. Complications

like lagophthalmos, corneal hypoanesthesia, neurotrophic or infectious keratitis,

iridocyclitis, and cataract formation are considered potentially sight-threatening

complications and should be managed urgently. Completion of multidrug treatment

does not guarantee the prevention from ocular complications which may continue

to occur years after completion of MDT [57].

Rheumatologic Manifestations of Leprosy

Musculoskeletal involvement is the third most common manifestation in leprosy

following the cutaneous and neural manifestations but is less frequently reported.

Different patterns of musculoskeletal presentation can occur in leprosy patients.

Joint involvement can be monoarticular, oligoarticular, or polyarticular. It can

present as acute symmetrical polyarthritis or chronic symmetrical polyarthritis

mimicking rheumatoid arthritis. Enthesitis and tenosynovitis are also common

presentations in leprosy.
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Chauhan et al. classified the arthritis in leprosy into the following groups:

(1) Charcot arthropathy secondary to peripheral sensory neuropathy, (2) swollen

hands and feet syndrome, (3) acute polyarthritis of lepra reaction, and (4) chronic

arthritis from direct infiltration of the synovium by lepra bacilli [58, 59]. Hence it is

important to include leprosy in the list of possible differential diagnosis of arthritis,

mainly in those countries where leprosy is prevalent or those patients who have

traveled from endemic areas.

Differential Diagnosis

The clinical presentation of leprosy is highly variable and it can mimic a variety of

other dermatological and neurological disorders.

Dermatological Disorders [60]

Macular hypopigmented

lesions Annular lesions Infiltrated plaques

Vitiligo, pityriasis versicolor,

nevus anemicus, nevus

Lupus vulgaris, sarcoidosis,

discoid lupus

(continued)

Fig. 8 The peripheral

nerves that should be

examined in a case of

leprosy
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Macular hypopigmented

lesions Annular lesions Infiltrated plaques

depigmentosus, and pityriasis

alba

Granuloma annulare, tinea

corporis, lichen planus, syphi-

lis, and granuloma multiforme

erythematosus, cutaneous

leishmaniasis

Neurological Disorders

Neurological disorders that need to be differentiated from leprosy include heredi-

tary neuropathy, mono- or polyneuritis, nutritional and alcoholic neuropathy, lead

poisoning, nerve damage after trauma, entrapment neuropathy, poliomyelitis, syrin-

gomyelia, Guillain-Barré syndrome, and neurogenic muscular atrophy [61]. Lep-

rosy has to be differentiated from other causes presenting as thickened peripheral

nerves (Box 3). Because leprosy does not affect the central nervous system, the

presence of signs such as loss of tendon reflexes, pathological reflexes, and nys-

tagmus will exclude leprosy. Hence a detailed neurological examination is manda-

tory when the diagnosis of leprosy is in doubt.

19 Laboratory Diagnosis

Although leprosy is considered a clinical diagnosis, laboratory diagnostic tests such

as slit skin smear (SSS) and histopathology of involved tissues provide the neces-

sary information to make the diagnosis in almost all cases. Serology, polymerase

chain reaction, and bacteriologic, histopathologic, and immunologic studies pro-

vide evidence to support the clinical diagnosis and are more important for research.

19.1 Slit Skin Smear (SSS)

Slit skin smear examination is helpful in classification and management of disease,

as well as in following up of patients for response to treatment and detecting

Box 3. Differential diagnosis of enlarged peripheral nerves

1. Hereditary motor and sensory neuropathy

2. Neurofibromatosis

3. Refsum’s disease
4. Perineuroma/localized hypertrophic neuropathy

5. Nerve tumors

6. Amyloidosis
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relapse. The diagnostic specificity of skin smears is almost 100%; however, its

sensitivity is rarely more than 50% because smear-positive patients represent only

10–50% of all cases. SSS is prepared by scraping the sides of slit(s) made in the skin

over lesion(s) and other sites like earlobes, forehead, knees, elbows, and fingers.

Bacterial index (BI) and morphological index (MI) are calculated for follow-up.

The density of bacilli in smears is known as the bacteriological index (BI) and

includes both living and dead bacilli. It is reported in a scale from 1 to 6 depending

upon the number of bacilli in a smear. The morphological index (MI) is the

percentage of solid-stained bacilli, calculated after examining 200 red staining

elements, lying singly. It is a useful indicator of progress in patients under treatment

and changes more rapidly than the BI. Ideally the MI should become zero in about

6 weeks after starting MDT as more than 99% of bacilli are killed with the first

dose. A rise in the MI while a patient is receiving treatment indicates lack of

compliance by the patient, incomplete absorption of the drug, or that the bacilli

have become resistant to the drug. SSS is no longer recommended by WHO in

screening or diagnosis of leprosy because it has the potential risk of transmitting

HIV and HBV infections and wide interobserver variations [62].

Skin/Nerve Biopsies

The histopathology of the skin or nerves is an important modality for confirmation

of diagnosis and classification of disease and evolution of the disease which may

not be evident clinically (downgrading/upgrading). Hematoxylin-eosin staining

should always be complemented with Fite-Faraco staining or one of its variations

to detect the bacillary load. Sometimes the inflammatory infiltrate of the nerves may

be distinct from the ones in the cutaneous lesions, with lower histological grading

(toward the lepromatous pole) in the nerves as compared to the cutaneous lesions.

Histopathology is also important in differentiating relapse from reversal

reactions [63].

Skin Tests Efforts to develop a diagnostic skin test using proteins and peptides

from antigens purified from M. leprae are underway since a long time, but we still

do not have an ideal skin test to diagnose patients with paucibacillary spectrum

where the CMI predominantly plays a role in the disease pathogenesis [64]. The

lepromin test is not a useful diagnostic tool; it consists of injecting a calibrated

number of autoclaved M. leprae into the skin; the results are assessed after 3–4

weeks. The test does not measure exposure or infection. A positive test reflects the

ability to develop a granuloma following exposure toM. leprae antigens; a positive
test does not indicate exposure to leprosy [64]. Tuberculin skin tests (TSTs) do not

significantly cross-react with M. leprae infection; in one study of a population in

which tuberculosis was highly endemic, 70% of controls had positive TST, but only

15–50% of leprosy patients had positive TST [65, 66].

Immunohistochemistry

Immunohistochemistry using monoclonal or polyclonal antibodies to detect

M. leprae antigens may provide higher sensitivity and specificity than conventional

methods, especially in the initial stage of illness or in PB cases. The antibodies
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against PGL-1, S-100, 35 kDa, 65 kDa, and BCG are used to demonstrateM. leprae
in the tissues [63].

19.2 Serology and PCR

PCR is helpful in detecting slow-growing or uncultivable microorganisms and,

based on the available genetic data, has been used to detect M. leprae, since 1989.
PCR made it possible to detect, quantify, and determine M. leprae viability,

showing significantly better results compared to common microscopic examina-

tions. PCR may allow confirming cases of initial, PB, and pure neural leprosy,

demonstrating subclinical infection in contacts, monitoring treatment, determining

patients’ cure or their resistance to MDT drugs, and helping to understand the

mechanisms of M. leprae transmission [67, 68].

Serologic tests—Serologic tests forM. leprae phenolic glycolipid-1 (PGL-1) are
described but are not freely available because they are not sufficiently sensitive to

provide a reliable measure of infection without other clinical or histologic evidence

[69, 70]. Patients with lepromatous disease develop a strong polyclonal antibody

response toM. leprae and have positive serologic responses to PGL-1. Patients with
tuberculoid disease seldom produce antibody to PGL-1, and therefore the test is not

helpful for diagnosis in these patients. Many contacts have been found to have

antibodies to PGL-1 also, but only a small percentage of them go on to develop the

infection. Thus, PGL-1 is not a reliable diagnostic test nor is it satisfactorily

predictive of the development of infection. Further development of serologic tests

is an area of active investigation [70].

Detection of anti-PGL-1 by immunochromatographic flow test (ML-Flow test)

which is a simple dipstick assay using whole blood samples has been shown to be

comparable to the ELISA in its sensitivity, being able to detect >90% of MB

patients and 40% of PB patients, with background seropositivity in endemic

controls at around 10%. It can prove to be a useful tool in high endemic areas for

the control of transmission, and it may even obviate the need for SSS [71, 72].

Another protein termed LID-1 (leprosy IDRI diagnostic 1) constructed from two

proteins named ML0405 and ML2331 has also shown promising results as diag-

nostic tool for leprosy. Positive titers of antibodies against LID-1 protein were

found in 87–92% MB and 7–48% PB patients in different populations

[71, 73]. Some individuals had high titers of anti-LID-1 antibodies 1 year before

the appearance of clinical symptoms of leprosy suggesting a role of this protein in

the monitoring of contacts. Interestingly, LID-1 can also be used in a cell-based

IGRA assay to determine the cell-mediated immune status as in case of the

“QuantiFERON” assay for TB. There has been a lot of research on the immunology

and biomarkers of leprosy and its reactions in the past few decades; however, it has

not translated into clinical practice, and at present there are no good biomarkers for

leprosy diagnosis, susceptibility, detection of reactions, or neuritis [71].
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19.3 Evaluation of Nerve Damage

Electrophysiology (EPG) of the peripheral nerves especially the nerve conduction

studies with or without sympathetic skin response (which measures autonomic

dysfunction) is a sensitive tool for the detection of the earliest alterations of sensory

fibers or autonomic functions, thereby detecting the neuropathy much before the

clinical symptoms appear. However, EPG is an invasive procedure, and it requires

expensive equipment and a neurologist for its interpretation, which limits its

applications in leprosy. Moreover it is overly sensitive and at times may detect

changes which are not of clinical significance and is not preferred by some

researchers [36].

Another emerging investigational modality is high-resolution ultrasonography

(HRUS) which is a useful noninvasive tool in the evaluation of the nerve involve-

ment of leprosy. HRUS provides useful information about the nerves involved and

degree of nerve enlargement, alterations in nerve morphology, echotexture, vascu-

larity, and fascicular pattern that may be helpful in the diagnosis and treatment of

peripheral nerve disorders. The increased blood flow and vascularity observed on

ultrasound (US) have been associated with the inflammatory process, and therefore,

it could be a useful modality for determining the need to initiate corticosteroid

therapy to prevent/treat the nerve damage associated with reactions [74].

19.4 Reactions in Leprosy

Leprosy reactions are responsible for the morbidity associated with the disease.

Reactions are seen in up to 50% of patients and are the consequence of the dynamic

nature of the immune response toM. leprae. Reactions are responsible for much of

the permanent nerve damage, leading to disability and deformities. The term

reaction is used to describe the appearance of symptoms and signs of acute

inflammation in the lesions of leprosy. Clinically redness, swelling, and tenderness

of skin lesions are present with associated swelling, pain, and tenderness of nerves

often accompanied by nerve function impairment. New skin lesions may appear and

new nerve involvement may become apparent. Three types of reactions are seen in

leprosy: type 1 (reversal reaction), type 2 (erythema nodosum leprosum), and type

3 (Lucio phenomenon). These reactions can occur before, during, and after treat-

ment. Some patients have recurrent or persistent reactions which are difficult to

manage and cause significant morbidity; it is essential to identify the triggering

factors for reaction in these patients.

One of these triggering factors is oral infections (periodontitis, gingivitis, poor

dental hygiene and caries teeth, etc.) which favor the expression of intracellular

cytokines and probably the inflammatory reaction, acting as a stimulatory signal

triggering the reactional episodes, and sometimes treatment of these coinfections

may prevent recurrent reactional episodes [36, 75, 76].
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19.5 Type 1 Reaction (Reversal Reaction)

It is the delayed type of hypersensitivity due to killing ofM. leprae and can occur in
any spectrum of the disease but mostly seen in the unstable borderline (BT, BB, BL)

leprosy. Type 1 reactions in leprosy can be both upgrading and downgrading

reactions; however, it is difficult to clinically differentiate the two, so the term

reversal reaction is used for both. It is associated with rapid increase in the specific

CMI which presents as inflammatory reaction in the existing skin and nerve lesions.

It is characterized by increase in redness, swelling, tenderness/discomfort, and even

ulceration in the existing lesions (Fig. 9). There may be a rapidly progressive

neuritis which can lead to muscle paralysis and subsequent deformities. Constitu-

tional symptoms are usually absent in these cases [75, 76].

19.6 Pathogenesis of Type 1 Reaction

It is related to upregulation in CMI and subsequent interaction of the breakdown

product of lepra bacilli with T lymphocytes. Some studies have observed that it is

not only the killed bacilli or bacillary products but also the metabolically active

M. leprae in the skin or nerve lesion(s) can also trigger type 1 reaction especially in
BT-BL spectrum. Incomplete killing or refractoriness to treatment or persistence of

M. leprae increases the risk of reaction [77]. There is activation of CD4+ T

lymphocytes and macrophages with production of Th1-type cytokines—IFN-γ,
IL-2, and IL-12. TNF-α plays a crucial role in induction of type 1 reaction which

Fig. 9 Intense erythema

and edema of a lesion in

type 1 reaction
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is evident from the rise of TNF-α levels 4–8 weeks before type 1 reaction and

reaction-related nerve impairment episodes [75, 77]. However so far there are no

routine laboratory tests or biomarkers to assist in the diagnosis. Elevated serum

levels of chemokine CXCL10 have been strongly associated with the occurrence of

T1R, although CXCL10 levels are not elevated prior to occurrence of reaction and

therefore are not predictive [78, 79].

19.7 Type 2 Reaction

It occurs in patients with multibacillary disease and is seen in the LL and BL

spectrum. Attacks are often acute in onset but may become chronic or recur over

several years. The cutaneous lesions in type 2 reaction or erythema nodosum

leprosum (ENL) typically manifest as painful, red evanescent nodules on the face

and extensor surfaces of the limbs (Fig. 10). Rarely the lesions may be bullous,

pustular, necrotic, or ulcerative (Fig. 11). Systemic symptoms like fever and

malaise are often present, and in severe form, uveitis, dactylitis, arthritis, neuritis,

lymphadenitis, myositis, and orchitis are also observed. Sometimes type 2 reaction

may present without ENL or cutaneous lesions, and the patient may present with

fever and arthritis or severe neuritis. Nerve involvement in the form of acute or

subacute neuritis with or without nerve function impairment (NFI) is one of the

major criteria for distinguishing mild and severe ENL [75, 76].

Fig. 10 Nodular lesions of

LL and red evanescent

nodules on the back in type

2 reaction
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19.8 Pathogenesis of Type 2 Reaction

Type 2 reaction is due to Th2-mediated type 3 hypersensitivity. Lepromatous

leprosy is mainly characterized by the predominance of CD8+ cells. With onset

of type 2 reaction, macrophages present the M. leprae antigens to the T cells, and

there is infiltration of CD4+ cells in the dermis. Increase in IL-4, IL-5, and IL-10

cytokines is indicative of Th2-type response. They stimulate antibody release.

Following antibody release, immune complex deposition takes place followed by

complement stimulation. There is neutrophilic chemotaxis and levels of TNF-α are

increased. This is followed by fever and tissue damage including the nerves [75, 76,

78]. Some studies have also implicated interleukin-6 as a susceptibility gene for

leprosy type 2 reaction [80].

20 Systemic Involvement

Leprosy manifestations can resemble many dermatologic and neurological diseases

and affect multiple organs, making its recognition challenging. In particular, the

neurological and endocrine manifestations caused by leprosy have been long

recognized but underestimated, even by specialists. Systemic involvement is usu-

ally seen in long-standing disease and predominantly in patients near lepromatous

pole due to bacillary dissemination and associated granulomatous infiltration

affecting various organs especially the nasal mucosa, eyes, bones, testes, kidneys,

lymph nodes, liver, and spleen [81]. Besides the disease, systemic manifestations in

the form of constitutional symptoms like fever, malaise, joint pains, and acute

inflammation of eyes, joints, and related to reticuloendothelial system, etc. occur

mostly as a part of type 2 lepra reaction. Systemic involvement is of significance

Fig. 11 Ulcero-necrotic

lesions in severe type

2 reaction
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because it may serve as a sanctuary of M. leprae, which may be responsible for

relapse even after adequate therapy [81].

20.1 Treatment

Multidrug therapy (MDT) recommended by WHO in 1982 has proved to be the

most effective tool in the treatment of leprosy. It has cured approximately 16 million

patients over the last 15 to 20 years. The three main objectives in management of

leprosy are to interrupt transmission, cure patients, and prevent development of

deformities due to reactions [82].

The concept of giving multiple drugs for treatment of leprosy was based on

estimation that an advanced, untreated lepromatous leprosy patient harbors about

11 logs of live bacilli. Out of these, the proportion of naturally occurring drug-

resistant mutants is estimated to be 1 in 7 logs for rifampicin and 1 in 6 logs each for

dapsone and clofazimine. The organisms resistant to one drug will be susceptible to

the other drugs in MDT, because their mechanisms of action are different. With

combination therapy, the probability of emergence of mutant resistance to any two

drugs reduces to 1 in 13 logs, which is negligible [83].

MDT comprises three drugs: dapsone, rifampicin, and clofazimine.

PB patients are treated with MDT-PB (rifampicin + dapsone) regimen for

6 months, and MB patients are treated with MDT-MB (rifampicin + dap-

sone + clofazimine) regimen for 12 months [82].

MDT is safe and effective and can be easily administered under field conditions.

It is available in convenient monthly calendar blister packs.

MDT-PB

Age (in years) Dapsone: daily unsupervised (mg) Rifampicin: monthly supervised (mg)

<10 2 mg/kg 10 mg/kg

10–14 50 450

15 and above 100 600

Duration, 6 months

MDT-MB

Age group

(in years)

Dapsone: daily

unsupervised (mg)

Rifampicin: monthly

supervised(mg)

Clofazimine

Unsupervised:

(mg)

Monthly

supervised

(mg)

<10 2 mg/kg 10 mg/kg 1 mg/kg 6 mg/kg

10–14 50 450 50 on alternate

days

150

15 and

above

100 600 50 daily 300

Duration, 12 months
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Children must receive the same multidrug therapy regimen, and the doses

should, ideally, be calculated based on the weight of the child.

21 Other Regimens for Special Situations

Uniform MDT (U-MDT) Uniform MDT implies same treatment for all patients

irrespective of the classification; all leprosy patients (PB and MB) receive 6 months

of treatment with rifampicin, clofazimine, and dapsone. WHO in collaboration with

the Global Leprosy Programme (GLP) launched a clinical trial for comparative

evaluation of U-MDT with conventional WHO-MDT regimens for MB and PB

leprosy. In a study from Bangladesh, 1612 patients were enrolled and followed up

for over 7 years after diagnosis. During 11,425 person years at risk (PYAR) of

follow-up, no relapses were detected, by bacteriological or clinical criteria, in the

918 patients in the 6-month MB-MDT group nor in the 694 patients in the control

group. Rate of decline of BI in those who were smear positive was not significantly

different between groups. The authors were of the opinion that shortening the

duration of treatment from 12 months to 6 months MDT for MB leprosy patients

does not lead to increased rates of relapse [84]. However the other view is that

although U-MDT for 6 months is well tolerated and may have a marginal beneficial

effect in PB leprosy, it is too short a regimen to adequately treat MB leprosy [83].

Accompanied MDT (A-MDT) It was recommended by WHO for people living in

hard-to-reach border areas, urban slums, areas of civil strife, and those working as

migrant laborers. The patient is provided with a full course of treatment on their first

visit to the leprosy clinics after diagnosis. It is no longer a favorite with leprosy

specialists because of issues of nonadherence [83].

Special treatment regimens are required for individual patients who cannot take

rifampicin or clofazimine due to side effects or intercurrent diseases or are infected

with drug-resistant M. leprae.
The WHO Expert Committee on Leprosy has recommended alternative regimen

for adult patients, comprising of ofloxacin, minocycline, and clarithromycin, given

in different dosage schedules and different durations for PB and MB leprosy

[37, 83].

Drug Resistance MDT has been the backbone of leprosy elimination so far;

hence, drug resistance in leprosy is a matter of concern. The WHO convened a

working group of collaborating laboratories to use molecular methods for monitor-

ing of drug resistance globally [85]. There are sporadic reports of drug resistance

for dapsone, rifampicin, and ofloxacin, from India and various parts of the world

[86]. However, as per the drug resistance surveillance report of 2014:

drug resistance in leprosy is not a big problem at present but it is a potential future challenge

[87]. Longitudinal observation however, should be continued, alongside primary and other

secondary leprosy case surveillance. The situation in leprosy control is not the same as in
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TB, and vigilance needs to be continued to prevent the occurrence and spread of drug

resistance and thus maintain the effectiveness of MDT [87].

Although mouse foot pad assay is considered to be the gold standard for

diagnosing drug resistance, it is a very cumbersome and tedious method and has

been replaced by mutation detection by sequencing or DNA microarray for the

identification of several mutations associated with resistance to individual agents

[86]. The drug resistance-determining region (DRDR) of the genome is amplified

for mutations in the rpoB, folP, and gyrA genes to look for resistance for rifampicin,

dapsone, and ofloxacin, respectively [86].

Response to Treatment and Follow-up The erythema and induration of skin

lesions may decrease within a few months of starting MDT. Most lesions heal

without scarring; however, it may take a few years for cutaneous lesions to resolve

fully, and some lesions may persist, depending on the initial number of lesions and

severity of infection [82].

After treatment completion, the dead M. leprae are removed from the tissues

very slowly; some may persist in the tissues for several years. There is no definitive

bacteriological endpoint for treatment since M. leprae cannot be grown in culture

and its viability cannot be assessed in biopsies. The presence of bacilli in smears or

biopsies after treatment does not indicate treatment failure or drug resistance, and

there is no evidence that prolonged antimicrobial treatment enhances the removal of

dead M. leprae from tissues although immunotherapy may be helpful in some of

these cases.

Given the lack of a definitive therapeutic endpoint (clinical, bacteriological, or

immunological), assessing treatment adherence is extremely important in assessing

treatment completion. Laboratory evidence has shown that M. leprae are killed

rapidly after exposure to rifampicin and the other drugs used in the treatment of

leprosy. Experience with WHO-MDT protocols with 1–2 years of treatment has

provided good evidence of cure with very few relapses. Therefore, if adherence to

these WHO-MDT protocols is good, killing of the bacilli and resolution of the

lesions can be expected in majority of patients [88].

During the treatment, the first follow-up visit should be done in 2–4 weeks to

evaluate for side effects of medications. After that, routine follow-up visits can be

scheduled every 1–3 months. Follow-up visits should include clinical examination,

including assessment of the skin, nerves, limbs, and eyes, and laboratory studies to

assess drug toxicity wherever facilities are available. Patients should be instructed

to report appearance of new skin lesions, nerve function impairment in the form of

sensory or motor loss, eye symptoms, reactions, or other complaints. Routine

laboratory studies to assess drug toxicity while on treatment include a complete

blood count, urinalyses, and renal and liver function tests. Drug toxicity is relatively

uncommon after the first year of treatment, and serious toxicity may manifest

clinically before it is detected in the laboratory. Asymptomatic liver enzyme

elevation of up to three times normal is acceptable.

It is believed that disease progression or worsening during therapy is almost

always due to poor adherence to treatment regimes. Therefore, patient education is
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an important part of each visit; compliance with a prolonged drug regimen is

unlikely unless the patient fully understands its necessity. Family cooperation is

also very important in ensuring good adherence and treatment completion [89].

The patients should be taught to evaluate the anesthetic or hypoesthetic areas of

their hands and feet regularly for evidence of injury and should seek treatment if

they find any evidence of injury. Special protective shoes are also required to avoid

injury or ulceration in cases of sensory impairment of feet. Motor loss resulting in

deformities and disabilities may require physiotherapy and eventually corrective

surgery.

Ocular examination should include assessment of lid closure, cornea, and con-

junctiva which should be done at the first visit and repeated on follow-up. Complex

problems such as iridocyclitis should be managed by an ophthalmologist. Poten-

tially sight-threatening ocular involvements like corneal anesthesia and

lagophthalmos require protective measures and corrective surgery.

After completion of treatment, annual follow-up for 3 more years is warranted

for tuberculoid (PB) cases and for at least 9 more years for lepromatous

(MB) patients. Patients should be advised to return for evaluation if new lesions

or other problems develop. The follow-up visits can be planned every 3–6 months

where, besides the clinical, neurological, and ocular examination, SSS and biopsy

can be repeated in (MB) cases. Skin biopsies should be done preferably from the

same lesion at 1- to 2-year intervals to assess the response to treatment by evalu-

ating the reduction of granulomatous inflammation and the decline of bacilli in the

tissues.

The proportion of MB cases has been gradually increasing in the post-

elimination era. There are unpublished reports about clinical nonresponsiveness

to fixed duration MDT in some patients with high bacillary index, and some leprosy

workers/physicians feel that something other than the standard MDT may be

required for this subset of patients. Some experts feel that since the standard

MDT has only one bactericidal drug, rifampicin, newer bactericidal agents like

rifapentine, moxifloxacin, sparfloxacin, ofloxacin, minocycline, clarithromycin,

etc. may be used in alternative antileprosy regimes for these patients and may

prove to be helpful in patients who have drug resistance or are not responsive to

WHO-MDT MBR. However there are no guidelines or recommendations for these

alternative drug regimes [89].

21.1 Vaccines in Leprosy

Vaccination in leprosy can be immunoprophylactic or immunotherapeutic. Several

studies have found immunotherapy with MIP (Mycobacterium indicus pranii) or
BCG to be useful particularly in multibacillary patients with high bacterial load as it

enhances bacterial clearance by upregulating the specific immune response

[90, 91]. Vaccines are better than drugs for a sustained protection because vaccines

provide memory but drugs do not. There is an emerging need in leprosy research to
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further evaluate the vaccines BCG, BCG with heat-killed M. leprae, MIP, ICRC

(Indian Cancer Research Centre) strain, M. vaccae, M. vaccae with BCG, and

M. habana for leprosy prevention and immunomodulation. Newer vaccines like a

subunit vaccine developed by IDRI (Infectious Disease Research Institute) have

been tested in armadillo, wherein it was able to prevent nerve damage and may

prove useful in humans [89].

MIP has been found to be effective as an immunotherapeutic modality in few

studies from India. It was seen that the MIP vaccine led to a faster reduction in

bacillary load along with decrease in the frequency and severity of type 2 reactions

without exacerbating type 1 reactions and neuritis. It can be used as an adjunct to

MDT in leprosy patients with a high bacillary load [90, 91].

21.2 Management of Lepra Reactions

Lepra reactions should be treated promptly to control and prevent complications

and deformities. The principles of treatment of reactions are to control the acute

inflammation in skin and nerves, alleviate the pain, stop progression of eye damage,

and prevent disease progression or worsening. Standard antileprosy treatment

(WHO-MDT) should be started or continued along with treatment of reactions.

Clinical evidence of ongoing neuritis or new nerve function impairment (NFI)

(nerve tenderness, new anesthesia, and/or motor loss) should be carefully sought,

and, if present, corticosteroid treatment should be started immediately. Patients

need to be reassured and explained about the need to continue MDT [92].

Mild reversal reactions can be treated with aspirin and nonsteroidal anti-

inflammatory drugs (NSAIDS). In severe reversal reactions, the presence of neuri-

tis, or involvement of facial lesions, corticosteroids are the drug of choice. The 7th

WHO Expert Committee on Leprosy recommended (WHO, 1998) [37] that most

reactions and neuritis can be treated successfully under field conditions by a

standard 12-week course of prednisolone (starting dose 40–60 mg daily); however,

some clinicians believe that this duration might be short and could lead to recur-

rences. The dose should be maintained until the inflammatory changes in skin

lesions and the neuritic pain have subsided. Then tapering of the drug can begin

slowly until a maintenance dose of 10–15 mg (0.3 mg/kg) prednisolone daily is

reached, which must be continued for 3–4 months. Resting of the affected limb in

case of neuritis to prevent further deterioration and splinting in the functional

position with gentle joint movements to prevent contractures are important com-

ponents of care. Once the acute inflammation has subsided, physiotherapy should

be initiated. For the patients who cannot tolerate or become steroid dependent,

alternate drugs most commonly used are azathioprine, methotrexate, cyclosporine,

mycophenolate mofetil, etc. In cases of persistent severe nerve pain or nerve

abscess, surgery (decompression) is necessary.

Mild cases of type 2 lepra reaction can be managed symptomatically with

analgesics and rest and taking care of the precipitating factors like intercurrent
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infections like malaria, filariasis, tuberculosis, and helminthic infections and psy-

chological and physical stress. In cases of severe reaction, thalidomide is the drug

of choice, if available and not contraindicated in the given patient. Thalidomide is

given in an initial dosage of 300–400 mg/day (6 mg/kg/day), which will control the

reaction within 48 h. The dose is then reduced gradually (100 mg/week). Patients

should be stabilized on the lowest possible dose of thalidomide to control symptoms

(50–100 mg daily) and be maintained on this till the control of the disease. A good

alternative if thalidomide is unavailable or contraindicated in the patient is corti-

costeroids; 60 mg of prednisolone (1–2 mg/kg/day) daily will control most reac-

tions, and tapering can usually be done more quickly compared with type 1 lepra

reaction.

In a significant proportion of patients, ENL becomes chronic and the patient will

need continuous steroid treatment. In these cases, high-dose clofazimine is useful,

given in a dose of 300 mg daily until the steroids are discontinued. The dose of

clofazimine can be then tapered gradually to 50 mg daily. Other drugs tried in

refractory cases of ENL are azathioprine, cyclosporine, methotrexate,

pentoxifylline, colchicine, mycophenolate mofetil, zinc, and infliximab. Newer

drugs like leukotriene receptor antagonist (zafirlukast and montelukast), thalido-

mide derivative (Revlimid and Actimid), and anti-TNF-α antibody like infliximab

have also been tried successfully in few cases, but the evidence is lacking

[75, 76]. Immunotherapy (MIP/BCG) and minocycline can also be tried in some

patients with high bacillary load as these agents also help to reduce the bacillary

load, and minocycline has additional anti-inflammatory properties [93].

21.3 Treatment and Prophylaxis for Nerve Damage

The multidrug therapy used in the treatment in leprosy is mostly targeted at killing

the organism but not preventing the nerve damage. Hence interventions to prevent

or treat the nerve damage are required. Steroids are the most commonly used drug

for this purpose although the recovery may be limited and prevention is not

guaranteed. Few studies have been undertaken to see the response to treatment in

prevention and recovery of the nerve damage in leprosy.

TRIPOD study is a triad of randomized, controlled trial on prevention of

neuropathy which leads to impairment and disability in leprosy.

TRIPOD I In the study done in Nepal and Bangladesh, 20 mg of prednisolone was

given to multibacillary patients requiring 12 months of MDT. Prednisolone was

started with MDT; full dose was given for the first 3 months and tapered and

stopped in the 4th month. There was significant reduction of the events of neuritis/

reaction by 75% in the first 4 months, but the effect was not sustained. At the end of

12 months, only 31% reduction in the events occurred as compared to control group

which was not significant [94].
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TRIPOD II It was designed to investigate whether the leprosy patients with mild

sensory impairment have a better prognosis when treated with steroids than simi-

larly impaired patients treated with placebo. The patients were treated with pred-

nisolone starting at 40 mg daily and tapered over 16 weeks. The study showed no

significant difference in the outcome at the end of study [95].

TRIPOD III In this study, patients with untreated nerve function impairment for

less than 6 months and those with NFI of more than 6 months and less than

24 months were included. The patients with nerve function impairment of more

than 6 months are usually not offered any treatment. The patients were started on

prednisolone 40 mg OD, and it was tapered by 5 mg every 2 weeks until 16 weeks

when the steroids were tapered and stopped. The study showed there was no

significant difference between the patients administered with steroids and in the

placebo group both with recent or long-standing NFI [96].

Although steroids are effective in acute neuritis and recent onset NFI, evidence

from these three randomized controlled trials is insufficient to draw robust conclu-

sions about the long-term effect of corticosteroids for treating nerve damage in

leprosy. Two trials, of which one treated long-standing nerve function impairment

and the other mild sensory impairment, did not show significantly better outcomes

with corticosteroids than placebo for treating nerve damage in leprosy in the long

term [97]. However, another study with 5-month duration of steroid therapy

reported better results compared to the group which was given steroids for 3 months.

May be the dose or duration of therapy was not adequate—in the TRIPOD series

[98]. However, it was observed that standard corticosteroid regimens are not

significantly more harmful than placebo treatment. Despite known adverse effects

of corticosteroids [98], in a recent update on use of corticosteroids in management

of leprous neuropathy, it was concluded that more RCTs are required to establish

optimal corticosteroid regimens (dose and duration) and to examine the efficacy

and safety of adjuvant or new therapies for treating nerve damage in leprosy. Nerve

decompression is another alternative in case of acute neuritis or nerve abscess in

leprosy which is generally reserved for cases not responding to medical treatment,

although some researchers believe that it can be considered in early management of

acute neuritis as well. Besides the efficacy and safety, we should also address

nonclinical aspects, such as costs and impact on quality of life, which are highly

relevant indicators for both policymakers and participants [98].

22 Other Treatment Issues

22.1 Relapse

WHO recommends 1 year of MB-MDT for MB patients (12 pulses in 18 months)

and 6 months of PB-MDT (6 pulses in 9 months) for PB patients. At any point of

time during therapy, the patient should have ingested two-thirds of the pulses till
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that time. For operational purposes, once a patient receives adequate chemotherapy,

he is considered “cured” [99]. Histopathological resolution of the lesions and

clinical subsidence of the disease may take months to years after MDT is stopped.

So it is difficult to define relapse when there are no defined criteria of clinical or

bacteriological cure. However for operational purposes, the WHO in 1988 proposed

that “A patient who successfully completes an adequate course of MDT, but who

subsequently develops new signs and symptoms of the disease, either during the

surveillance period (2 years for PB and 5 years for MB leprosy) or thereafter” as

relapse [37]. However some of the leprosy researchers are of the opinion that a

period of 2 and 5 years is very short when we are defining follow-up for detecting

relapse rate and should be extended to 3 and 9 years. The other definitions and

criteria like clinical, bacteriological, histopathological, or immunological criteria

are used for research. Relapse of leprosy is relatively rare and must be distinguished

from immunologic reaction (which is more common). The World Health Organi-

zation has reported that among 103 countries reporting relapses, 57 reported zero

relapses and 46 reported relapse after treatment, with a total of 3039 cases reported

in 2015 [4].

Most relapses occur 5–10 years after completion of treatment. Relapse is more

likely to occur in the setting of incomplete treatment or a very high bacterial load at

the onset of treatment [100]. Patients who have had recurrent or persistent reactions

and have been treated with steroids are also more likely to relapse than patients with

lesser reactions during true relapse; the tissue bacterial load generally rises steadily.

Relapse can be distinguished from immunologic reaction in that the latter should

improve after a short course of prednisone [99].

There is little evidence to guide the approach to retreatment after relapse. In

general, treatment consists of reinitiating the same regimen used for initial therapy

[99]. Patients who presented initially with tuberculoid (paucibacillary, PB) disease

but relapse with lepromatous (multibacillary, MB) leprosy should be retreated with

an MB regimen. Drug resistance is extremely unlikely to have developed as long as

the original M. leprae strain was fully sensitive to the drugs used, although there is

no role for baseline testing of drug resistance. When indicated, testing for mutations

can be done from paraffin-embedded tissues taken at the time of diagnosis (i.e.,

before treatment) and at the time of suspected relapse or resistance.

Leprosy and HIV There has been no increase in leprosy in regions where HIV is

prevalent. In patients coinfected withM. leprae and HIV, initiation of antiretroviral
therapy may trigger a type 1 reaction; this is a manifestation of the immune

reconstitution inflammatory syndrome [101]. Although worsening of disease and

increased incidence of reactions in patients with HIV coinfection have been

observed by some, this has not been confirmed in all the studies.

The response to leprosy treatment in HIV-infected individuals appears to be

comparable with the response in HIV-uninfected individuals.

Leprosy and Pregnancy Management of leprosy and immunologic reactions in

pregnancy is the same as described above for other patients. Leprosy can be

exacerbated during pregnancy, and without treatment it can permanently damage

Leprosy 207



the skin, nerves, limbs, and eyes; therefore WHO-MDT should be taken regularly in

all the stages of pregnancy and during lactation as it also protects the child from

getting infected. Immunologic reactions appear to occur more frequently in preg-

nancy and postpartum period. In two small series, such reactions were observed in

up to 38 percent of patients [102]. Type 2 reactions were observed more frequently

during pregnancy; type 1 reactions were observed more frequently in the postpar-

tum period.

22.2 Prevention

Control measures for leprosy include clinical management of active cases as well as

contact management. Household contacts should be evaluated annually for evi-

dence of disease for at least 5 years and should be educated to seek immediate

attention if skin or neurologic changes suggestive of leprosy develop.

There are no universally accepted recommendations for prophylaxis in contacts;

however, a randomized controlled trial with chemoprophylaxis for contacts of

leprosy patients using a single dose of rifampicin (SDR) has shown an overall

protective effect of approximately 60%, effective in the first 2 years after the

intervention. This protective effect increased to 80% in contacts who had previ-

ously received BCG vaccination. It was observed that SDR for contacts of patients

with newly diagnosed leprosy was effective for preventing development of clinical

disease within 2 years, and the authors observed no difference between the placebo

and rifampicin groups after 2 years.

BCG alone or in combination with Mycobacterium leprae or related mycobac-

terial vaccines has been used in vaccine trials for immunoprophylaxis in contacts of

leprosy patients, with BCG giving the best results. Meta-analysis shows that the

protective effect of BCG is better in observational studies (60%) than in clinical

trials, 41%, and it is higher among contacts of leprosy patients than among the

general population, 68% versus 53% [103].

BCG is administered at birth in most countries with high rates of leprosy, and

vaccination with BCG is partially protective for leprosy; a single dose appears to be

50% protective, and two doses further increase this protection. However vaccina-

tion for prevention of leprosy is economically feasible only in areas with an

extremely high incidence of the disease and may not be feasible in other areas

with low endemicity. There has been a renewed interest in development of an

improved BCG vaccine, BCG booster, or alternate vaccine strain that could benefit

control of both tuberculosis and leprosy. Skin test antigen studies and the identifi-

cation of the appropriate protective M. leprae genomic DNA sequence could also

help in the development of an improved vaccine for leprosy. The future leprosy

control strategy should include contact management, consisting of a contact survey,

and chemoprophylaxis or immunoprophylaxis. Modeling studies have shown that

both interventions will lower the incidence of leprosy in the population by
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interrupting the transmission ofM. leprae. Implementation studies of such contact-

based strategy are the need of the hour.

In an attempt to check the transmission of leprosy and further reduce the leprosy

burden, the Indian government has started a pilot project in five districts of Bihar

and Gujarat where the MIP vaccine will be administered as a preventive measure to

people living in close contact with those infected.

22.3 Rehabilitation in Leprosy: Prevention of Impairment
and Disabilities and Deformities

Although leprosy is responsive to MDT, disabilities of the eyes, hands, and feet due

to neuropathy are often not reversible and may require lifelong care and rehabili-

tation. Therefore, early diagnosis and complete treatment are necessary to minimize

the likelihood of these disabilities. The central goal of rehabilitation is to restore the

health and dignity of someone affected by an illness that may have caused physical,

mental, or emotional hurt and that may have led to social problems, such as the loss

of a job or the disruption of close relationships [82].

Transient or permanent nerve damage is responsible for most of the impairments

and disabilities in leprosy. A baseline nerve function assessment should be done at

the time of diagnosis, and it should be repeated at regular intervals; after diagnosis

the frequency of assessment can be more if patients have neuritis at the time of

diagnosis or are undergoing treatment for neuropathy [104]. Motor function can be

assessed and monitored by the manual muscle strength tests, and sensory function

can be assessed by tests for touch or temperature perception.

Footwear with a hard under sole and soft, cushioned insoles are required for

people with sensory impairment of feet to prevent further injuries and deformities.

In cases with severe structural deformity of feet due to previous ulcers, fitted shoes

may be necessary. Regular physiotherapy or specific exercises should be taught to

prevent (or overcome) contractures of paralyzed hands. The leprosy-affected per-

son with paralyzed eyelid muscles needs to develop the habit of attempting regular

eye closure (think and blink). They should take safety precautions when cooking,

insulating all the cooking utensils and keeping a distance from open fires. They also

need to rehydrate dry skin due to loss of autonomic nerve function via soaking and

oiling [104].

22.4 Role of Surgery

The residual disability or deformity due to leprosy is a serious long-term condition,

which requires ongoing care and attention and eventually surgery. Surgical man-

agement is required for deformities and disabilities, like claw hand and
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lagophthalmos, by reconstructive and tendon transfer surgeries. Decompression of

nerves (neurolysis) was undertaken as a management of acute neuritis, and,

although it does provide pain relief in chronic painful nerves and can be used to

evacuate nerve abscesses, the evidence to recommend it for all cases of neuritis is

lacking [104].

22.5 Stigma and Socioeconomic Rehabilitation
with Empowerment of Leprosy Patients

Leprosy stigma is still a global phenomenon in both endemic and non-endemic

countries. In the past, the stigma was due to the fact that leprosy was considered

incurable, but now when we have a robust MDT which can cure leprosy, the stigma

continues in the mind of community due to deformities associated with leprosy. The

social and emotional consequences of leprosy are often far more deep-seated and

disruptive and last a lifetime. Rehabilitation in the field of leprosy is an immense

and wide-ranging challenge due to all these factors. Community education and

changes in legislation are still needed in leprosy-endemic countries to eradicate the

stigma associated with leprosy and ensure equal rights and opportunities for people

affected by leprosy.

The rehabilitation interventions and the organizations associated with it have

changed dramatically over years. In the past, the focus was on the professional,

biomedical remedies organized by hospitals and similar institutions; however, this

approach was costly and underutilized resources were available in the community.

Initiatives by individuals and groups in the community gradually led to community-

based rehabilitation (CBR) [3]. CBR has grown in scope over the years and now has

strong links with community development and poverty alleviation as poverty and

disability generally go hand in hand [105].

In order to be truly restored to their lives of dignity, those affected need to feel

that they have more control over key areas of their lives. A certain level of

empowerment is needed to provide the motivation for change, leading to normal-

ization. This has led to self-care and self-help movements in the leprosy-endemic

areas The leprosy patients need to be actively involved in leprosy control and

rehabilitation programs [105].

22.6 Multimorbidity in Leprosy

Leprosy patients are also at risk of incurring numerous other comorbidities or

chronic conditions (like hypertension tuberculosis, diabetes, etc.) which can further

adversely affect their quality of life. Integration of leprosy into basic healthcare

services (with leprosy-related treatment being offered by the same staff at the same
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place and time as treatment for other medical conditions) is one solution to tackle

this problem and is being done in most endemic countries, although such full

integration is not yet achieved everywhere [106].

Another potential approach is the concept of “reverse integration,” which means

bringing other healthcare services into existing leprosy services, which is difficult

but is being done in some endemic countries. Advantages include accessibility to

specialized services under one place, affordability, and better integration of patients

into rehabilitation programs [107].

22.7 Leprosy Control

The overall declining trend in the prevalence or new case detection rates should not

lead to complacency and stopping further active surveillance or contact tracing.

There are millions of cases that are not detected by the current practice of self-

reporting as about half of the undiagnosed cases are symptomatic, which clearly

indicates the failure of practice to identify all cases. According to a mathematical

model to predict the number of cases at a given time, a study estimated that more

than 4 million cases will be missed worldwide between 2000 and 2020 [108]. This

clearly indicates the necessity of additional strategies such as chemoprophylaxis to

household contacts and preferably a wider range of contacts, as well as active case

finding in high-risk populations [109].

22.8 Prognosis

Long-term prognosis in leprosy patients treated with the recommended dose and

duration of therapy is good, as evidenced by the low relapse rates. Mortality in

leprosy is very low; however, it causes significant physical and psychological

comorbidity due to its sequelae-like deformities and disfigurement. Despite high

cure rates after introduction of MDT, nerve involvement, neuritis, and nerve

function impairment frequently lead to deformities which are common in all

types of leprosy especially where diagnosis is delayed and in those with manual

occupations. This leads to social stigmatization which remains one of the most

unfortunate aspects of the disease.

22.9 Research Priorities in Post-elimination Era

Leprosy has been eliminated (as a public health problem) but it has not been

eradicated. Leprosy transmission continues unabated in the endemic countries as

the new case detection rate has not reduced significantly. MDT alone may not be
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sufficient to eradicate leprosy. There is the need for continued efforts that promote

educational programs for health professionals, sustain control activities in the

developing world, and promote investment in primary care systems. We will have

to alleviate poverty, illiteracy, and ignorance if we want to eradicate leprosy.

Leprosy research should continue on all fronts and the priorities in the next few

years will be:

– To develop better and sensitive laboratory tools for early diagnosis of leprosy

– To work on identification of predictors for reactions and their treatment

– To develop tools for predicting neuritis and its prevention and development of

neuroprotective agents for treatment of neuritis

– To develop vaccine for prophylaxis

– To improve the understanding of transmission dynamics

– To monitor and evaluate treatment failures and delayed and altered clinical

responses

– To train and reorient workers with latest technologies and developments

– To monitor drug resistance

– To eradicate the stigma by creating awareness about leprosy in the community

and empower people affected by leprosy
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1 Introduction

Trachoma is the outcome of ocular infection by Chlamydia trachomatis. The
clinical spectrum of the disease ranges from minor conjunctivitis, congestion and

follicular inflammation to advanced long-term conjunctival scarring leading to

trichiasis and corneal opacity. These long-term corneal opacities often lie in the

visual axis and interfere with the pathway leading to visual impairments and

corneal blindness. Once the leading cause of blindness worldwide, trachoma has

since largely disappeared from the developed countries. It still remains the leading

infectious cause of blindness. It is recognized among the priority neglected tropical

diseases (NTDs), disproportionately affecting poor communities and contributing
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to the vicious cycle of poverty and ill health among them. Trachoma is estimated to

cause a loss of US$5.3 billion annually (in 2003) when measuring trachoma blind-

ness associated with productivity losses. The burden is believed to be much higher

if trachoma-associated visual impairments were also considered [1]. There are still

nearly 200 million people globally at risk of trachoma, and focused efforts are

needed to achieve elimination of this disease.

2 Historical Aspects

Trachoma disease is an ancient scourge causing blindness over the millennia.

Among skeletons in Australia dating as far back as 8000 BC, lesions consistent

with trachoma have been identified. Egyptians knew of the disease 3500 years back.

It is believed that Central Asia is one of the areas from where the disease originated

and spread. First usage of the term trachoma has been attributed to Dioscorides

(40–90 AD). Syrians knew the disease to be a contagious condition as early as

thirteenth century. Over history, the disease is believed to have been limited to

specific segments of communities, with spread occurring across communities

during times of war, due to the associated large-scale population displacements.

Trachoma is recognized as one of the causes of military ophthalmia that blinded a

large number of soldiers during the Egyptian wars of the eighteenth century. After

the wars, the return of various armies (Napoleon, British and others) to Europe is

believed to have contributed to the spread of trachoma in Europe. In 1891, trachoma

was the first ever disease that was classified as a ‘loathsome and contagious’
condition by the US congress, and immigrants suffering from the disease were

excluded from entering the country. In the USA, trachoma was common in eastern

states, and the area came to be known as the ‘trachoma belt’. By the end of the

nineteenth century, with increasing travel, the disease was widespread all over the

world across all continents [2]. The causative organism of trachoma was still

unknown. Intracellular cytoplasmic inclusion bodies were detected among samples

from apes and humans suffering from trachoma in 1907 by Halberstaedter and

Prowazek who considered the organism to be a protozoan. Inclusion bodies were

accepted as the cause of the disease, and their detection became the pathognomonic

sign of trachoma. Debates continued however as to the exact nature of the organ-

ism. Based on their successful culture, ability of cultured organisms to infect and

cause disease and filtration experiments, T’ang et al. believed it to be a virus, a view
which gained much traction. In 1966, Moulder conclusively proved these to be

bacteria since the organism possesses both DNA and RNA and was susceptible to

antibiotics.
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3 The Causative Agent

Trachoma is caused by an obligate intracellular Gram-negative organism Chla-
mydia trachomatis. The genus Chlamydia had three species, Chlamydia tracho-
matis (a human pathogen), Chlamydia suis (affects only swine) and Chlamydia
muridarum (affects only mice and hamsters). C. trachomatis has three human bio-

vars or biotype groups of strains distinguishable from others of the same species on

the basis of physiological characteristics:

1. Serotypes A, B, Ba or C—cause trachoma

2. Serotypes D–K—cause genital infections, neonatal pneumonia and neonatal

conjunctivitis

3. Serotypes L1, L2 and L3—lymphogranuloma venereum

Chlamydia cannot synthesize their own ATP molecules and are obligate intra-

cellular organisms, requiring energy-rich metabolic intermediates from host cells to

complete their replication cycle. C. trachomatis has a biphasic development cycle

distinguished by two forms, elementary body (EB) and reticulate body (RB)

(Fig. 1). Elementary bodies are the small, spherical or, rarely, pear shaped and

0.2–0.3 μm in diameter, metabolically inert infectious particles which attach to and

enter the susceptible host cells. They appear to bind to susceptible host cells via

heparin bridges. Successful attachment of the EB is followed by its entry into the

host cell. Once inside a host cell, over the next 2 hours, the elementary body

transforms into the larger (0.5–1.0 μm diameter) metabolically active RB within a

membrane-bound vacuole known as an inclusion body. The RB is non-infectious

and metabolically active. It grows and replicates by binary fission, remaining within

the inclusion membrane for the entire duration of the organism’s intracellular

phase. The inclusion body can occupy as much as 90% of the cytoplasmic space

of the host cell. After an 18–30 h of exponential growth, progeny RBs differentiate

back into EBs. These infective EBs as well as active RBs subsequently get released

into the extracellular space from the host through cell lysis, nearly 40–48 h after the

initial infection. This leads to the spread of infection to more cells. Sometimes, the

RBs may experience a prolonged life cycle resulting in persistent infection of the

host cell.

3.1 Immunity

The major outer membrane protein (MOMP, also called omp1) is the immuno-

dominant surface antigen that differentiates all C. trachomatis isolates into sero-

groups and serotypes. The mucosal response to C. trachomatis infection involves

several components of the immune system. The acquisition of repeated infections

with C. trachomatis in trachoma-endemic areas suggests the absence of any long-

lasting protective immunity. Neutralizing antibodies against the major outer
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membrane protein (MOMP) have been shown to protect against infection in the

laboratory, but the extent of natural immune response in producing some protection

is still unclear. The infection triggers an innate immune response, possibly driven

from the epithelium through pattern recognition receptors. Infection of human epi-

thelial cells in vitro provokes a pronounced pro-inflammatory response, with the

production of chemokines and cytokines. In fact, the immune response may well be

responsible for the serious clinical manifestations of trachoma. Severe inflamma-

tion may be the result of a delayed hypersensitivity response in ocular tissues eli-

cited by the 57-kDa chlamydial heat shock protein.

The resolution of chlamydial infection is thought to be dependent on interferon

γ, mediated through nitric oxide free radicals and the depletion of intracellular

tryptophan and iron. Infected children have increased expression of the genes IFNγ
and IL12p40, which suggests a type-1 CD4-expressing T-helper lymphocyte (Th1)

cell-mediated immune response. Other sources of interferon γ could include

natural killer cells and CD8-expressing T cells.

The understanding of host defence mechanisms that promote the persistence or

eliminate the growth of C. trachomatis is essential for the design of an effective

Fig. 1 Developmental cycle of the Chlamydia trachomatis
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vaccine. Specifically, research should focus on clarifying the role of Thl-like

responses in clearance of infection as well as the role of Th-2 responses in

producing more severe disease. In animal models, immunity was shown to be

short lived and serotype specific. Reinfection with a different serovar tends to

raise antibody responses to the previous serovar. There is no evidence that tear

antibodies confer protection against chlamydial infection. Byrne and Krueger have

shown that gamma interferon inhibits chlamydial growth and viability in cell cul-

tures and probably serves as one host defence mechanism.

3.2 Pathophysiology

The first sign of infection is a nonspecific vasodilatation of conjunctival blood

vessels, characterized by a diffuse inflammatory cell infiltrate of the conjunctiva

punctuated by lymphoid follicles. Specific changes may be noted after infection of

several weeks duration, with the development of follicles subjacent to the conjunc-

tivae of the fornices, the tarsal plates and the limbus. When inflammation is severe,

an intense papillary reaction on the tarsal conjunctiva is associated with a diffuse

thickening of the conjunctiva, obscuration of the deep tarsal vessels and, some-

times, eyelid oedema. The presence of follicles and papillae is a feature of active

trachoma. Most children with active trachoma do not develop scarring and

trichiasis.

Resolution of active trachoma may be accompanied by scarring of the

sub-epithelial conjunctiva. This scarring is the result of a complex interaction

between chlamydial infection and the T-cell-mediated immune response occurring

over many years. Trachomatous conjunctival scarring shows disruption of loose,

regular type 1 stromal collagen and dense sheets and bundles of compact type V

collagen. The epithelial cells are thinned and goblet cells reduced. Scar deposition

is most prominent in the upper tarsal plate, although the conjunctival fornices, the

bulbar conjunctiva and the upper part of the cornea may also be involved. In areas

where trachoma is endemic, upper tarsal plate scars derived from repeated episodes

of infection can eventually accumulate to such an extent that they become visible

macroscopically after eversion of the upper lid, appearing as white bands against

the erythematous background of the conjunctiva. Conjunctival scarring precedes

the development of trichiasis. If sufficient tarso-conjunctival scarring accumulates,

contraction of scars over the years will cause the upper eyelid to turn inward so that

the eyelashes rub against the globe. This is known as trichiasis. When the whole lid

margin is turned in, the condition is known as entropion. Scars around the bases of

hair follicles can pull individual eyelashes into contact with the cornea, even

without entropion. Trichiasis is intensely irritating and painful. Sufferers may use

homemade forceps to remove their own lashes or attempt to keep their lids elevated

with strips of cloth tied around their heads. Besides being painful, trichiasis injures
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the cornea. In addition to the direct abrasive effect of the in-turned lashes on the

cornea, secondary bacterial and fungal infections of the cornea and corneal drying

due to scarring of forniceal mucous, lacrimal and Meibomian glands accelerate

epithelial damage of cornea. As a part of healing process, the collagenous scar is

laid down on the cornea. Because scars are opaque, vision can be affected by

scarring that involves the central part of the cornea.

3.3 Transmission

The main source of trachoma infection is infected eye secretions in persons with

trachoma. The active infective stages of trachoma are usually found in children.

There is no animal reservoir for trachoma. The following are the routes of trans-

mission for trachoma:

• Direct spread due to close physical contact (e.g. while playing or sharing a bed,

mothers of affected children)

• Indirect spread through sharing towels, fomites, pillows, etc.

• Flies particularly the eye-seeking fly Musca sorbens
• Coughing and sneezing

A combination of these and other transmission mechanisms probably operates in

most environments, although their relative importance may vary.

4 Diagnosis

The diagnosis of trachoma is made on clinical grounds. The available assays

include microscopy of conjunctival scrapings, isolation in cell culture, direct

fluorescent antibody, enzyme immunoassay, serology, nucleic acid hybridization

probes and nucleic acid amplification tests.

Microscopy This is the oldest and most widely used method for detection of active

chlamydial infection. This method is based on detection of mature inclusion bodies,

also known as Halberstaedter-Prowazek body. With Giemsa stain, mature inclu-

sions appear as dark purple masses in the cytoplasm of epithelial cells. This method

is time-consuming and has probably the lowest sensitivity [3]. Acridine orange and

iodine can also be used for detection of these chlamydial inclusion bodies.

Cell Culture This test is highly specific, hence is considered the gold standard for

chlamydial detection. Chlamydiae are highly fastidious organisms, and hence,

efficient isolation, transport and plating are necessary. Successful culture relies on
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the use of enriched sucrose phosphate transport medium and strict maintenance of

the cold chain during transport. In the laboratory, clinical specimens are inoculated

onto McCoy cells, HeLa 229 cells or L434 mouse fibroblasts. Culture takes

approximately 3–6 days.

Immunofluorescence A direct fluorescent antibody test, the ‘Syva MicroTrak’ was
the first diagnostic reagent that used a monoclonal antibody against C. trachomatis
and began the move away from culture to techniques that do not rely on chlamydial

viability. The MicroTrak uses labelled antibody to detect a species-specific epitope

in MOMP (major outer membrane protein), which is then visualized under a fluo-

rescent microscope. Usually five to ten elementary bodies are taken as threshold for

positive sample.

Enzyme-Linked Immunosorbent Assays (ELISA) It refers to an antigen detection

test, with antibody used to detect chlamydial antigen contained in the specimen.

Conjunctival scrapings with chlamydial liposaccharide as antigen are bound with

antibodies, to give a coloured substance after addition of an enzyme.

Serology A complement fixation test that detects serum antibodies against the

polysaccharide antigens of lipopolysaccharide. Because these epitopes are common

to all chlamydial species, the specificity of the test is low. Additionally, it has low

sensitivity for ocular infections. Moreover, a large percentage of the population in

endemic areas may demonstrate high titres, so the test is not very specific.

Polymerase Chain Reaction PCR is a technique for amplifying DNA, and assays

based on it are part of the group of nucleic acid amplification tests. A number of

different nucleic acid sequences have been used as targets in PCRs for the detection

of C. trachomatis. These include the chlamydial cryptic plasmid (pCT), omp1,

coding for MOMP, the gene coding for 16S rRNA, and omp2, coding for omcB.

With the exception of pCT, all of these targets are sequences found on the

C. trachomatis chromosome, which includes two complete rRNA operons and

single copies of omp1 and omp2.

The specimen for PCR is collected with the help of Dacron swabs that can be

stored at 2–25 degrees for up to 7 days. The presence of a luminescent DNA-RNA

hybrid is measured in luminometer, and the whole process takes about 2–3 h. The

sensitivity and specificity of these procedures are close to nearly 90% [4].

Tests results may often contradict with clinical findings. Tests detect infection

and therefore positive tests may be observed before the development of

clinical symptoms. Further, sometimes tests may be positive after the resolution

of clinical symptoms. Currently, no tests exist which can be used easily in a

field setting. Therefore, identifying cases in the community is based primarily on

clinical features.
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5 Clinical Features

Clinically, trachoma can be divided into its acute (active) and chronic (cicatricial)

late-stage manifestations. Acute and chronic signs can occur at the same time in the

same individual. Many infections due to Chlamydia trachomatis are asymptomatic.

In some children, following an incubation period of 5–10 days, conjunctival

infection produces an irritated, red eye and scanty mucopurulent discharge. The

common symptoms of active infection are irritation of the eyes, mucoid or muco-

purulent discharge and often a swelling of upper eyelids, though children may

present without any symptoms. Specific changes may be observed on clinical exam-

ination after infection of several weeks duration, with the development of follicles

subjacent to the conjunctivae of the fornices, the tarsal plates and the limbus. Folli-

cles are lymphoid germinal centres and are found immediately below the epithelial

cell layer. They are grey or creamy masses measuring approximately 0.2–3.0 mm in

diameter. As the superficial layer of the conjunctival stroma lacks lymphoid tissue

until about 3 months after birth, newborns are unable to mount a follicular response

to ocular chlamydial infection. Papillae may also be noted at this stage; in mild

cases, a few isolated, small red dots can be seen with the naked eye. With the aid of

a slit lamp, papillae appear as small swellings of the conjunctiva, each with a central

vascular core. When inflammation is severe, an intense papillary reaction on the

tarsal conjunctiva is associated with a diffuse thickening of the conjunctiva, obscur-

ation of the deep tarsal vessels and, sometimes, eyelid oedema. Vascular corneal

pannus or superficial infiltrates occur in some cases, usually at the superior corneal

limbus.

The chronic stage of trachoma results in cicatrizing sequelae. Resolution of

follicles may be accompanied by scarring of the sub-epithelial conjunctiva. Scar

deposition is most prominent in the upper tarsal plate, although the conjunctival

fornices, the bulbar conjunctiva and the upper part of the cornea may also be

involved. At the limbus, replacement of the active follicles by scar tissue results

in Herbert’s pits. Scarring at the upper tarsal conjunctiva is initially seen as stellate

scars, which later forms a thick band of scar tissue near the lid margin known as the

Arlt’s line. Scarring may lead to obscuring of the underlying vasculature. If suffi-

cient tarso-conjunctival scarring occurs, tylosis or thickening of the upper eyelid

margin, Meibomian gland atrophy and dry eyes are evident. Contraction of the scar

tissue eventually causes the upper eyelid to turn inwards so that the lashes rub

against the globe, known as trichiasis. Sometimes the whole lid margin turns

inwards known as entropion. Constant rubbing of the eyelashes on the corneal sur-

face leads to formation of corneal ulcers, corneal scarring and eventually corneal

opacities that cause visual impairment and irreversible corneal blindness. Presence

of trichiasis is associated with intense irritation in the eyes.
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5.1 Disease Classification

Dioscorides (40–90 AD) described roughness of everted eyelids as trachoma, while
Galen (129–200 AD) introduced the term ‘trichiasis’. Galen also introduced four

stages of trachoma, namely, psorophthalmia (itch), choma (trachoma, roughness),

sycosis (scar) and tylosis (trichiasis), a system which was used till the seminal

works of MacCallan in the twentieth century [3]. Multiple grading methods for

assessing severity of disease in a standardized manner have been developed over

the years with over ten systems documented [4]. The better known of these include

the systems devised by MacCallan in 1931 and the FPC grading system by Dawson,

Jones and Tarrizo in 1981 (also called modified World Health Organization [WHO]

system).

The 1981 classification comprised of assessment of follicles and papillae in

grades F0–F3 and P0–P3, respectively, based on upper tarsal conjunctival exami-

nation and combinations. Conjunctival scarring, trichiasis/entropion and corneal

scarring were classified as C0–C3, T/E0–T/E3 and CC0–CC3, respectively. Fur-

ther, trachomatous inflammation was classified as trivial, mild, moderate or severe

based on combinations of follicular and papillary scoring [5]. However, such a

detailed classification system was deemed too complex for use by non-specialist

health personnel. Therefore, the FPC evolved into the WHO simplified trachoma

grading system in 1987, specifically designed for use in epidemiologic field surveys

for assessment of trachoma by non-specialist personnel [6]. The WHO simplified

trachoma grading system includes only five stages: trachomatous inflammation

follicular (TF), trachomatous inflammation intense (TI), trachomatous conjunctival

scarring (TS), trachomatous trichiasis (TT) and trachomatous corneal opacity (CO),

also often abbreviated as the FISTO classification (Table 1). Since its introduction,

the WHO simplified trachoma grading scheme has been used widely in various

research studies and surveys and for developing indicators for epidemiologic

monitoring endemicity and elimination status of trachoma.

Table 1 The WHO simplified trachoma grading system

Grade Description

TF ¼ trachomatous inflam-

mation (follicles)

Five or more follicles, at least 0.5 mm in size, on the ‘flat’
surface of the upper tarsal conjunctiva

TI ¼ trachomatous inflam-

mation (intense)

Inflammatory thickening of the upper tarsal conjunctiva with

more than half of the normal deep tarsal vessels obscured

TS ¼ trachomatous scarring Scarring of the tarsal conjunctiva (fibrosis)

TT ¼ trachomatous trichiasis At least one eyelash rubbing on the eyeball or evidence of

eyelash removal. This should be in conjunction with evidence of

trachomatous scarring

CO ¼ corneal opacity At least part of the pupil is blurred or obscured
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6 Epidemiology

6.1 Prevalence and Burden

6.1.1 Global Burden

Trachoma was once the most important cause of blindness. The US Public Health

Services (USPHS) in its surveys conducted during 1912–1915 identified

0.03–12.6% prevalence of disease in school children and 12.7–68.7% prevalence

among Native American Indians. Trachoma ceased to be a problem in the affected

regions of the USA by the early 1950s with less than 800 cases being reported in

1954 [7]. It has been reported in 1949 that trachoma was a worldwide distributed

disease with population prevalence of Egypt 98%; India 75%; Siam 65%; Malay

and Poland 50%; Italy, Greece, Argentina, Brazil and Central America 30%; and

Mexico 25% [8]. However, these numbers were commented to be too high, and

prevalence quoted were Poland 1.5%, Italy 3–6%, Greece 4.5% and Argentina

2.3% [9]. In any case, the burden of trachoma was considered high enough to

warrant its recognition as a dangerous disease upon the inception of the WHO. The

lack of adequate information but at the same time the perceived severity of the

problem of trachoma at a global level can be assessed if one reads the following

section from a report by the WHO:

Owing to its world-wide distribution for no continent is exempt from its ravages trachoma

is one of the most important of all the communicable diseases. In the questionnaire replies it

is mentioned by 33 countries, although only 5 gave it any measure of priority. Yet the total

of the cases which are notified is formidable. In 1960 over 230,000 cases of trachoma were

notified to the WHO by India and more than 180,000 in Morocco. Iran and Japan recorded

totals of 57,000 and 45,000 respectively. Even in Europe it is regularly reported, notably in

the countries of the Balkans. It remains a great social problem because of the blindness it

causes. Nevertheless, its control by antibiotics is now feasible. Above all it is one of the

diseases in which health education from the school onwards and insistence on elementary

hygiene can yield most gratifying results [10].

Over time, the importance of trachoma has decreased. In the year 2000, it was

estimated that the disease was endemic in 66 countries worldwide. Among these

66 countries, 7 are currently claiming elimination of trachoma, while one has been

validated as having eliminated trachoma. As can be observed in Table 2, and Fig. 2,

North America and Europe are nonendemic for trachoma, while Africa, Southern

America, Southeast Asia and West Pacific Region countries continue to have a high

burden. China and India, the two most populous countries of the world comprising

nearly 25% of global population, are considered endemic. It is estimated that nearly

192 million people lived in endemic areas in 2016 and are at risk of trachoma.

Considering that in 2007, nearly 1260 million were at risk for trachoma, it is clear

that much progress has been made over the last decade in controlling this disease.

Three countries (Mexico, Morocco and Oman) have been validated as having

eliminated trachoma in recent years, and another seven countries (Cambodia,

China, Gambia, Ghana, Islamic Republic of Iran, Lao Peoples Democratic Republic

and Myanmar) are pending validation. The Southeast Asia region too reported low

levels of active trachoma in 2016 [11].
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6.1.2 Burden in SEAR

The South East Asia Region as defined by WHO includes three currently endemic

countries: Nepal, Myanmar and India. In addition, Pakistan and Afghanistan too are

high-burden South Asian countries. In 1949, the limited information on burden of

trachoma in SEAR which was available suggested a sizeable problem in Afghan-

istan, less problem in Burma (Myanmar) and uncommon in Ceylon (Sri Lanka),

high prevalence in northern India, as well as, a serious problem in Indonesia and

Thailand. No information was available for Nepal. Lack of knowledge of local

epidemiology of trachoma prompted pilot projects in the region with the support of

the WHO to assess the prevalence, factors of disease transmission and effectiveness

of antibiotics and other methods of control. Severe problem was identified in two

provinces of Afghanistan, three in Thailand and in selected areas in Malaysia. In

Indonesia, the prevalence was estimated as 52% [12]. Trachoma was the most

frequently notified communicable disease from India in 1960 with 231,867 cases

being reported. It was one of the most important health problems in school children

in Thailand with the whole country being endemic and higher prevalence in north-

eastern parts during the year 1959 [10]. Data on trachoma from Pakistan again is

limited. Recently, under the Global Trachoma Mapping Project, mapping for

baseline prevalence has been completed in many districts in Pakistan (excluding

insecure districts). Over years, the burden in the regions has decreased substantially

(Table 3).

Table 3 Burden of trachoma in South Asian countries

Status of

elimination of

trachoma as a

public health

problem (2016)

Population in areas that

warrant treatment with

antibiotics, facial

cleanliness and

environmental

improvement for

elimination of

trachoma as a public

health problem (2015)

Number of

people

operated for

trachomatous

trichiasis

(2015)

Number of

people who

received

treatment with

antibiotics for

trachoma (2015)

India Status uncertain No data No data No data

Myanmar Claims to have

eliminated

No data No data No data

Nepal Known to

require

interventions

249,157 1325 0

Timor-

Leste

Status uncertain No data No data No data

Afghanistan Status uncertain No data 0 0

Pakistan Known to

require

interventions

3,074,598 987 0

Note: Bangladesh, Bhutan, Democratic People’s Republic of Korea, Indonesia, Maldives, Sri

Lanka and Thailand are nonendemic for trachoma
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India

In India, studies done in 1958–1964 showed trachoma prevalence ranged from

0.5% to 79.1% across various states (Table 4). In the high endemic regions, even

90% prevalence was observed in some villages, while the moderate endemic states

too had pockets of high prevalence. The studies also showed that the prevalence of

active trachoma was high among children under 10 years of age in areas of high

overall trachoma prevalence and among children under 15 years of age in moderate

prevalence areas. The high endemic areas had dry and dusty climates;

overcrowding, poor personal and environmental hygiene; and exposure to smoke.

Sex of the child was not a predisposing factor till 6 years of age, but beyond that,

females had a higher risk of severe disease [13]. These hyperendemic states had dry

and dusty climates and were the focus on initial control efforts. During the

WHO-NPCB Survey on Blindness in India (1986–1989), it was observed that the

prevalence of active trachoma infection (TI/TF) in all the previously known

hyperendemic states had reduced to under 10% among children under ten years

of age, and no state was hyperendemic. Active trachoma was observed among 8.5%

school-aged children (5–15 years) in two districts of the present Uttarakhand state

in 1995. Trachoma rapid assessments conducted among the ten districts of previ-

ously hyperendemic states in 2007–2009 in purposively identified high-risk areas

reported TI/TF prevalence of 0.6–15.2% among children and TT prevalence of

0.03–0.52%, while a very high prevalence was reported from Andaman Islands

[14, 15]. National-level surveys in the country also estimated the contribution of

trachoma to blindness. The 1971–1974 survey of blindness conducted across seven

centres in India showed that the corneal involvement was the cause of blindness in

7.31% of blind eyes, and the burden was much lower than lens pathologies

(74.65%). Trachoma being a major cause of corneal blindness, these results indi-

cated a downward trend in the burden of trachoma. The subsequent nationwide

WHO-NPCB blindness survey of 1986–1989 showed that trachoma was responsi-

ble for blindness only among 0.39% of all blind individuals in the survey across all

ages [16]. The survey observed that the prevalence of active infection had signif-

icantly reduced in all the previously known hyperendemic states in the country. The

prevalence of active infection among 0–14-year age group had decreased to 21.79%

in Punjab, 17.11% in Rajasthan, 11.73% in Uttar Pradesh, 10.24% in Gujarat and

15.0% in Haryana, while the corresponding prevalence among 0–10 year age group

were 6.94%, 4.19%, 9.49%, 4.76% and 3.83%, respectively. No state remained in

the hyperendemic zone in 1986 with a prevalence of under 10% among population

Table 4 Prevalence of trachoma in India, Trachoma Control Pilot Project, India, 1956–1963 [13]

High Endemic Gujarat (56.0%), Rajasthan (74.2%), Punjab (79.9%), Uttar Pradesh (72.7%)

Moderate

Endemic

Madhya Pradesh (43.3%), Bihar (35.1%), Assam (25.2%), Mysore (22.6%)

Low Endemic West Bengal (0.5%), Orissa (2.72%), Maharashtra (11.3%), Madras (4.6%),

Andhra Pradesh (5.3%), Kerala (8.7%), Jammu and Kashmir (16.8%)
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aged <10 years. Trachoma cause was attributed to 0.89% blindness (presenting

visual acuity<6/60) in the 1999–2001 blindness survey conducted among 50+ year

aged populations [17]. In the last national blindness survey done in 2007, 0.3% of

blindness (presenting visual acuity <6/60) was attributed to trachoma [18]. Since

2006, numerous trachoma rapid assessments and trachoma prevalence surveys have

also been conducted in the country. The 2006–2007 rapid assessment surveys were

conducted in ten selected districts in six previously hyperendemic states (including

new states of Uttaranchal which was split from Uttar Pradesh). A rapid assessment

was conducted in Car Nicobar Island in 2010 followed by a prevalence survey in all

districts of Andaman and Nicobar Islands in 2013 (Table 5). Currently, a national

survey is underway in the country which would yield the most updated results of the

burden once its results are declared.

Table 5 Prevalence of trachoma in India, Trachoma Rapid Assessments, India, 2006–2013

Districts and states

surveyed

Type of

survey Year

Children (1–10 years)

with active trachoma

TI/TF %

TT among people

aged � 10 years

(%)

Kutch (Gujarat) Rapid

assessment

2006–2007 0.03 0.57

Banaskantha

(Gujarat)

Rapid

assessment

2006–2007 0.04 1.14

Dholpur (Rajasthan) Rapid

assessment

2006–2007 0.31 6.35

Tonk (Rajasthan) Rapid

assessment

2006–2007 0.03 5.05

Bikaner (Rajasthan) Rapid

assessment

2006–2007 0.06 11.38

Bulandshahr (Uttar

Pradesh)

Rapid

assessment

2006–2007 0.27 5.88

Pauri Garhwal

(Uttaranchal)

Rapid

assessment

2006–2007 0.05 15.15

Mahendragarh

(Haryana)

Rapid

assessment

2006–2007 0.06 2.20

Mewat (Haryana) Rapid

assessment

2006–2007 0.52 5.81

Hoshiarpur (Punjab) Rapid

assessment

2006–2007 0.22 5.66

Car Nicobar Island Rapid

assessment

2010 1.00 50.78

Car Nicobar

(Andaman and

Nicobar Islands)

Prevalence

survey

2013 6.80 3.91
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Myanmar

Myanmar (erstwhile Burma) was also a high-burden country for Trachoma. Tra-

choma was hyperendemic in the central region of Myanmar, a region which has low

rainfall and is usually dry. A survey conducted in the Meiktila, Magwe, Myingyan

and Yemethin districts of the region revealed the prevalence of disease to be

directly associated with poverty, dry environmental conditions, overcrowding and

the general and health education. Among 82 townships surveyed during 1965–1975

in Myanmar, 37 had active trachoma rate above 30%, 27 had 15–30% and rest had

rates of less than 15%. An average active trachoma rate of 43.05% was reported

with gross visual loss 1.8% and severe conjunctival scarring and/or entropion 7.5%.

Trachoma was the most important cause of blindness in Myanmar responsible for

57% of blindness in the country. The prevalence of active trachoma had decreased

to 18.7% in 1975, 11.3% in 1985, 6.2% in 1995 and 4.8% by 1998. Further, the

prevalence of TT was 0.75% among males and 1.9% among females, and CO was

0.2% and 0.4%, respectively, in the 1997 survey. The contribution of trachoma to

blindness had also decreased to 0.53% in dry zones of the country, 0.41% in hilly

zones, 0.03% in delta zones and 0.08% in coastal zones [19]. The 2005 blindness

survey among adults 40+ years of age revealed population prevalence of TT as

1.4% and CO as 1.3% and overall CO + TT prevalence of 2.7% in the Meiktila

province. Proportion of blindness due to trachoma was 3.5% and the disease

accounted for 0.91% of low vision [20]. Currently, Myanmar claims to have

eliminated trachoma and is pending validation.

Nepal

Extremely limited information was available from Nepal till 1985 when the Nepal

Blindness Survey results (done in 1980–1981) revealed trachoma to be the most

important potentially blinding disorder of all ocular morbidities in the country with

6.5% of the population affected by the disease and 36.3% of all ocular morbidities

were identified as trachoma. Trachoma was responsible for 2.4% of all blindness

(best visual acuity <3/60 in better eye) [21]. The disease was more common in the

Terai region (lowlands) as compared to the hilly regions. In 1989–1990, the

prevalence of TI/TF trachoma was 23.6% among children 2–6 years of age with

much higher prevalence in certain sampled areas in Sarlahi district of Nepal

[22]. Similarly, high TI/TF prevalences (16%, range 4–39%) were also observed

among children in Geta and Sripur areas in Kailali district in 1998 which subse-

quently decreased to 4% 12 months after two rounds of antibiotic treatment

programmes [23, 24]. In the Lumbini zone of the country, 3.4% of blindness

among adults (9/241) was due to trachoma in 1998 [25]. The 2006 Lumbini survey

showed that 3.8% of blindness was due to corneal causes while not explicitly

mentioning trachoma and a similar result (3.1%) was observed in Gandaki zone

[26, 27]. Currently, the disease has been eliminated in many parts of the country

including the Kailali, Kanchanpur, Chitawan, Nawalparasi, Surkhet, Banke,

234 V. Gupta et al.



Bardiya, Dang, Kapilvastu, Bara, Parsa, Doti, Rolpa, Dailekh, Sarlahi, Rukum,

Rautahat, Rasuwa, Achham and Baitadi districts [28–30].

6.2 Risk Factors

Trachoma is an infectious disease, and as such it passes through the stages of trans-

mission, latent infection, symptomatic phase and, finally, the recovery. In certain

cases, the disease progresses and patient develops complications leading to long-

term sequelae. Accordingly, the risk factors can be discussed as those for the active

disease and those for chronic disease. The information about risk factors has accu-

mulated through observations about the disease occurrence over the years. The

understanding of its epidemiology has significantly increased over the last century

through scientifically designed systematic studies. Longitudinal studies conducted

in Africa have generated information about natural history of disease and the factors

responsible for the development of chronic scarring disease. Presence of active

trachoma disease can be studied either on the basis of clinical signs (TI/TF as grade)

and through microbiological and, more recently, serological methods. Chronic

trachoma has mostly been studied on the basis of the presence of clinical signs.

Understanding and addressing the epidemiologic risk factors for trachoma was a

key to the disappearance of the disease from many countries even before the

isolation of the bacteria.

6.2.1 Risk Factors for Active Disease

Trachoma exhibits geographical clustering. The cases are clustered in households

with villages as well as across specific villages in a district. The initial infection

often occurs early in infancy, and most of the initial infections happen in children

under 5 years of age, and almost all the affected children are infected by the time

they are 10 years of age. Repeated reinfections are also common. The signs of

active infection are common in children and decrease with increasing age. Risk for

active infection is similar across males and females, but in some communities,

higher rates have been observed among females. Presence of unclean faces has been

identified as an important risk factor for active disease, most likely through a con-

comitant increased risk of acquiring infection. Cleanliness of faces is directly

linked to availability of water, and poor access to a water source is also a risk

factor for active infection. Risk of infection is higher in households where

overcrowding is present since it is associated with closer physical contact as well

as sharing of linen, beds and other fomites enabling transmission of infection.

Houseflies especially the eye-seeking ‘bazaar fly’ Musca sorbens in Asia and

Africa, the ‘bush fly’ M. vetustissima in Australia and eye gnats Hippelates spp.
and Liohippelates spp. in Latin America have been proposed as the vectors for

transmission. C. trachomatis have been isolated from houseflies, but these have not
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been confirmed as vectors. Presence of a functional latrine has also been found to be

associated with decreased risk of infection. The mechanism of action is unclear

though it could be through decreased fly breeding or it could be due to a simulta-

neous improved hygienic status of the family [31]. In a recent meta-analysis,

environmental factors associated with lower risk of trachoma measured by the

presence of trachomatous inflammation TF/TI included access to sanitation (Odds

Ratio [OR] 0.85), having a clean face (OR 0.42), lack of ocular discharge (OR 0.42)

and lack of nasal discharge (OR 0.62), face washing at least once daily (OR 0.76),

face washing at least twice daily (OR 0.85), soap use (0.76), towel use (OR 0.65)

and daily bathing (OR 0.76). Factors associated with lower risk of trachoma

measured by the presence of C. trachomatis infection include access to sanitation

(OR 0.67), lack of ocular discharge (OR 0.40) and lack of nasal discharge

(OR 0.56) [32].

6.2.2 Risk Factors for Blinding Disease

Not all infections lead to development of scarring and blinding disease. The

incidence of trachomatous scarring has been observed to be varying between

0.5% and 5% per year across various longitudinal studies. Ramadhani and col-

leagues in their recent systematic review concluded that the various studies were

too diverse to enable a meta-analysis. Severe conjunctival inflammation is the

most consistent finding leading to the development and progression of scarring

[33]. There are two major hypotheses for development of scarring disease. The first

is classically held view of the occurrence of repeated trachoma infections leading to

conjunctival inflammation and scarring. Thus, all the risk factors for active disease

also become relevant to development of chronic blinding disease. Females are more

likely to develop blinding trachoma presumably due to prolonged duration of

contact with children. Over the last 20 years, genetic studies have supported a

role of persistence of infection to later years scarring. About 8–10% of the infected

children in hyperendemic areas may not clear the initial infection and have persis-

tent inflammation leading to scarring. The incidence of conjunctival scarring is

almost five times higher in these children than in children with active trachoma but

without severe inflammation. This seems to be the course of disease only in a

minority of those affected by scarring disease [34]. Risk of scarring has also been

proposed to be associated with the presence of other ocular pathogens which may

lead to non-chlamydial conjunctival inflammation. It has also been theorized that

the presence of chronic inflammation due to any reason is associated with dryness

of the eye and changes in ocular surface which may favour reinfections. Recent

studies have also suggested a role of environmental factors such as lower precipi-

tation, higher land surface temperature, higher mean annual temperature and

rural classification with a greater risk of TT/CO [35].
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7 Prevention and Elimination of Trachoma

Given the natural history of the disease, the prevention programmes need to address

the issues related to disease transmission and acute infections seen among children

and, at the other end, the complications of TT and CO that lead to visual impair-

ments and blindness. Breaking the cycle of transmission will control acute infec-

tions and future blinding trachoma, but at the same time, there will be adults in the

community who suffered infections in their childhood and are now having

TT/CO. The cycle of transmission can be broken by improving hygiene and treating

acute infections. Treatment of TT requires lid surgery while that of CO requires

keratoplasty procedures. It is obvious that TT/CO treatments require more skilled

eye care professionals, while the prevention and management of acute infections

requires a wider coverage by health personnel probably with not that high skill

levels. Challenges are more while implementing surgical interventions in resource-

constrained settings that are typical of the locations where trachoma is endemic.

7.1 Historical Aspects in Control of Trachoma

Given the ancient history of the disease, a wide variety of treatments were

recommended in various cultures over the centuries. These include pulling eye-

lashes, application of products to the eyes (such as mixture of myrrh, animal blood,

dung, red ochre, malachite, etc.), removing infected tissue by scraping or cutting

and physically fixing eyelashes away from the eyeball. The rapid spread of tra-

choma in the nineteenth century led to an intensification of efforts to identify

methods to prevent transmission of trachoma. Practices such as isolation of afflicted

patients, ensuring sanitation by frequent washing of affected persons and their

linen, avoiding sharing of linen and towels and avoiding overcrowding in schools

and military camps were initiated in England after an expert team of professionals

in 1810 studied trachoma cases and gave its recommendations for control. The

effectiveness of sanitary practices was recognized as a key to control trachoma.

Efforts to control trachoma also resulted in setting up of ophthalmic schools and

ophthalmic hospitals. In the USA, the US Public Health Service (USPHS) studied

the communities where trachoma was endemic and identified overcrowding, shar-

ing of dirty bedsheets and towels and unsanitary conditions around the house as

associated factors. Trachoma was often referred to as ‘family disease’ due to the

strong clustering of cases observed within families. Topical treatments for tra-

choma in vogues in the early nineteenth century included the use of copper sulphate

and silver nitrate to debride the conjunctival surface and antiseptic eye washes.

Surgical treatments included grattage (scraping of follicles followed by mercury

bichloride and argyrol application) and tarsectomy. Given the disastrous results,

tarsectomy was stopped in 1927 in the USA, while the practice continued to be
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practiced in Africa [7, 36]. In 1937, oral sulphanilamide was found to be effective in

control of trachoma, and this revolutionized the treatment of disease [37].

7.2 Current Efforts for Control of Trachoma

Control of trachoma was achieved in developed countries before the World War

II. After the World War II, trachoma control was taken up on a priority by the

WHO, and several countries launched pilot projects and standalone programmes for

control of the disease. The vertical programmes tended to be successful but very

resource intensive. With the move towards primary health care, the standalone

vertical programmes gave way to horizontally integrated control efforts, mostly

with other blindness control programmes. These integrated programmes tend to be

more sustainable in the long term. Based on accumulated epidemiological evi-

dence, the control efforts for trachoma elimination have been crystallized into the

SAFE strategy: Surgery, Antibiotics, Facial cleanliness and Environmental

hygiene. The SAFE strategy was adopted by the WHO in 1993 and has become

the cornerstone of trachoma elimination in all affected countries. In 1998, the Fifty-

First World Health Assembly adopted resolution WHA51.11 on the global elimi-

nation of trachoma at a public health problem. In 1997, Alliance for the Global

Elimination of Trachoma by the year 2020 (GET2020) was launched. Total cost of

eliminating trachoma, excluding drug and latrine construction costs, has been

estimated at about $430 million for confirmed burden. This includes $14 million

for surveillance and surveys, $182 million for surgery, $94 million for drug

distribution, $28 million for face washing and $112 million for environmental

hygiene efforts. This estimate is expected to increase to $748 million if half of

suspected districts are confirmed to be endemic. It has been estimated that each $20

spent in trachoma control results in one additional person spending one additional

year without severe vision loss or blindness [38].

7.2.1 Surgery

Corrective lid surgery to correct TT is an essential component of the SAFE strategy.

The purpose of surgery is to evert the in-turned lid margin which stops the eyelashes

from rubbing against the eyeball. The WHO recommends two procedures: (1) the

bilamellar tarsal rotation (BLTR) and (2) the posterior lamellar tarsal rotation or

Trabut procedure for upper eyelid TT [39]. There is still a chance of recurrence of

trichiasis after surgery; incidence may be as high at 20–40% after 1 year and 60%

after 3 years. Quality of training of surgeons is critical to achieve good outcomes.

Lower rates of recurrence have recently been observed in a clinical trial where

patients received oral azithromycin or topical tetracycline. Newer evidence is also

emerging as to the superiority of the Trabut over the BLTR procedure. Patients who

refuse surgery should be offered high-quality epilation forceps as well as counselled
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about the proper use of forceps and the need for regular follow-up. Refusals can also

be minimized by ensuring strong community-level support and mobilization to

overcome the issues of fear, lack of awareness, costs of surgery and other social

barriers [40]. It was estimated that 8.2 million required TT surgery in 2007 and 7.3

million required TT surgery in 2012, and the best estimate of 2015 global trichiasis

backlog is 3.6 million people. To maximize the uptake of surgical services, it is

recommended to hold regular surgical sessions held at fixed sites, such as district

hospitals, and periodic outreach sessions held in trachoma-endemic communities.

The cost of surgery has been estimated to be $27–$50 (average $40) depending on

the setting. A TT prevalence of 10/1000 in the population aged �15 years consti-

tutes a public health problem which is equivalent to 5 cases/1000 in all ages, and

programmes should achieve an 80% relative reduction below the minimum level at

which TT constitutes a public health problem. Elimination of trachoma as a public

health problem includes a target of prevalence of TT ‘unknown to the health

system’ of<1 case per 1000 total population. TT ‘unknown to the system’ excludes
TT in individuals with postsurgical recurrence, TT in individuals who have refused

surgery and TT in individuals who are listed for surgery but have not yet received

an operation but for whom a surgical date has been set [41].

7.2.2 Antibiotics

Antibiotics treatment is the cornerstone of management of acute infection. Azithro-

mycin 20 mg/kg (maximum 1 g) given as a single dose is the drug of choice for

trachoma prevention programmes. Where azithromycin is not available and for

children under 6 months of age, topical 1% tetracycline administered to both eyes

twice daily for 6 weeks is the recommended choice. Clinical signs can persist even

after infection has been cleared by antibiotics. Annual mass antibiotic treatment of

all residents for 3 years is recommended if the baseline district prevalence of TF in

1–9 year-old children is 10% or greater. Targeted distribution in high-burden

communities is recommended in case TF prevalence is 5–9%. WHO recommends

complete coverage in MDA (mass drug administration), with a minimum coverage

of 90% of population. At least 6 months after the last planned round of antibiotic

mass drug administration, an impact survey should be undertaken in endemic

districts. If the TF prevalence <5%, surveillance is recommended for 2 years

without any antibiotic mass drug administration, which should be followed by a

pre-validation survey. Elimination criteria for trachoma include TF prevalence

<5% in children aged 1–9 years in previously endemic districts. At prevalences

>30%, seven or more annual MDAs may be required to achieve the elimination

target [42]. In Car Nicobar Islands, in India, after three rounds of MDA, the pre-

valence of TF was reduced to 6.8% from 50.9% at baseline [14]. Concerns have

been raised about the development of resistance in Streptococcus pneumoniae after
MDA with azithromycin for trachoma. A recent review observed that in commu-

nities where baseline resistance to azithromycin in pneumococcus is low, MDA
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increased resistance only transiently, with the proportion of resistant cases gradu-

ally reducing over time (due to fitness cost associated with maintaining resistance);

while in communities with high initial resistance and antibiotic usage, the MDAs

were associated with an increased subsequent resistance [43]. Resistance to

azithromycin in Chlamydia trachomatis has not been reported. The ‘A’ component

of the GET2020 campaign has internationally received support from Pfizer in the

form of large donations of azithromycin. It is recommended that wherever appro-

priate, azithromycin MDA programmes should be linked up with programmes for

other NTDs such as yaws. MDA for trachoma has also been reported to have

beneficial effects in decreasing child mortality and reducing acute respiratory

infections.

7.2.3 Facial Cleanliness and Environmental Factors (F and E)

Addressing personal hygiene is fundamental to ensuring long-term success in

trachoma control and preventing resurgence once burden of trachoma has been

reduced by azithromycin MDA programmes. Environmental risk factors that need

to be addressed include supply of water, provision of toilets, disposal of wastes,

animal pens within households and fly density. There is strong evidence from

historical observational studies about association between face washing with tra-

choma infection. A community trial has concluded that face washing promotion

combined with topical tetracycline may be effective in reducing severe active

trachoma and in increasing the prevalence of clean faces at 1-year follow-up.

Evidence base for environmental measures and trachoma control is weak, but

given the biological plausibility, these have been made an integral component of

SAFE strategy [44, 45]. The F and E components should be targeted specifically if

TF prevalence>5% among 1–9 year population. For optimal penetration, the F and

E interventions need to be integrated with the water, sanitation and hygiene

(WASH) interventions in the communities. Therefore, quite often these interven-

tions do not fall directly under the preview of health ministries which makes

coordination an operational challenge. In districts where trachoma is endemic, it

is vital that these challenges be surmounted which can be done by establishing close

interdepartmental ties as well as by engaging local self-governance organizations in

trachoma control. The Sustainable Development Goals (SDGs) also have a goal of

providing access to safe drinking water and sanitation which ties in with the goal for

control of eliminating trachoma (among the bouquet of NTDs).

7.2.4 Planning for Trachoma Control

Trachoma elimination efforts need to be planned and implemented in a systematic

manner that is based on local context where the interventions need to be imple-

mented. It is estimated that a district takes 4–6 years from start to elimination and

the time can often be more. A major first step towards elimination is an
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epidemiological assessment of true burden on trachoma in all the previously hyper-

endemic districts of the region. Endemicity of trachoma is determined based on the

prevalence of TF among children in the age group of 1–9 years, usually through a

survey. If the TF prevalence is 10% or above, implementation of AFE interventions

is required, while if TF prevalence is between 5 and 9.9%, 1 year of MDAwith F&E

is recommended followed by impact assessments. If TF prevalence is under 5% and

the area was previously not known to be endemic, no action is required. Similarly if

the district was previously endemic, and a TF prevalence of <5% is observed for

2½ years after the last round of MDA, no interventions are required. The second

major consideration is the prevalence of TT. A district may have TF prevalence of

under 5% but a TT prevalence of >1 per 1000 population in which case surgical

interventions (S component of SAFE strategy) for trichiasis are needed, but the

AFE components do not need to be addressed specifically. Specific guidelines are

available for calculation of district level ultimate intervention goals for TT surger-

ies and distribution of azithromycin during the MDA.

While the prevalence of TF is measured only in 1–9 year population, the AFE

interventions must be planned for the entire population. The planning of SAFE

interventions in a district requires additional data about the population size, pro-

portion of population aged 15+ years, number of people receiving TT management

since the last survey, previous MDA coverage and data on face washing and

environmental improvement (if available), in addition to the TT and TF prevalence

data.

The planning exercise also must involve all concerned district health officials,

water and sanitation officials, supervisors, community representatives, medical

stores representatives, NGOs and all the other relevant stakeholders. Implementa-

tion of A and S interventions is usually the domain of the health sector, and that of

F&E interventions requires close coordination with the WASH sector. Once a plan

has been prepared, the SAFE interventions are implemented in the district. The

timeline of interventions is often dependent on the duration of scaling up, on the

number of rounds of MDA that are required and on the surgical capacity and

productivity. Achieving community support in trachoma programmes can help

overcome barriers of ignorance, providing access to safe water and sanitation,

and generate demand for interventions among the affected. It also keeps the

programme on its toes.

7.3 Elimination of Trachoma

Elimination of trachoma as a public health problem is defined as (1) a prevalence of

trachomatous trichiasis (TT) ‘unknown to the health system’ of <1 case per 1000

total population and (2) a prevalence of trachomatous inflammation follicular

(TF) in children aged 1–9 years of<5%, in each formerly endemic district. Districts

are defined as the normal administrative unit for health care management, which for

the purposes of clarification consist of a population unit between 100,000 and
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250,000 persons. In addition, there must be evidence that the health system can

continue to identify and manage incident cases of TT. Once a country is ready for

validation, they submit a dossier documenting the achievement of elimination

targets to the World Health Organization. India was among the first countries to

launch a blindness control programme under which trachoma control activities are

being conducted. The Nepal Netra Jyoti Sangh, an NGO, is actively pursuing the

agenda in that country. Myanmar has already reported elimination of trachoma

through concerted efforts of the country’s government and is undergoing validation.

In India, the recent launch of Swachh Bharat (Clean India) programme has the

potential to giving a big boost to F and E interventions in previous hyperendemic

districts and further contribute to NTD and trachoma elimination. With only 3 years

to 2020, it is vital that properly managed SAFE interventions be implemented in all

affected districts in the region, while the districts where the disease is believed to be

eliminated should plan for certification of the same through post-elimination

surveillance.
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Núcleo de Biotecnologia, Centro de Desenvolvimento Tecnológico, Universidade Federal de

Pelotas, Cap~ao de Le~ao, Brasil
e-mail: alan.mcbride@ufpel.edu.br

© Springer International Publishing AG 2017

S.K. Singh (ed.), Neglected Tropical Diseases – South Asia, Neglected Tropical

Diseases, https://doi.org/10.1007/978-3-319-68493-2_8

245

http://crossmark.crossref.org/dialog/?doi=10.1007/978-3-319-68493-2_8&domain=pdf
mailto:alan.mcbride@ufpel.edu.br


1 Introduction

Leptospirosis has re-emerged as a serious public health problem that is no longer

limited to those who work and live in a rural setting [1]. The migration of poverty-

stricken individuals to urban settings, together with climate change, has resulted in

dramatic increases in the incidence of leptospirosis worldwide [2], particularly in

tropical and subtropical developing countries [3, 4]. Leptospirosis is caused by

pathogenic Leptospira spp. that have been characterized into >300 serovars

[5]. Urban leptospirosis is mainly spread by rats that have proved difficult if not

impossible to control. Rural leptospirosis is equally difficult to control due to the

plethora of animal reservoirs and transmission between wild and domestic animal

hosts. To further complicate matters, clinical diagnosis of leptospirosis is difficult

as the symptoms are similar to febrile illnesses caused by dengue, Zika,

chikungunya, hantavirus, as well as viral hepatitis and malaria. Laboratory diagno-

sis is carried out using the WHO-recommended microagglutination test (MAT), yet

this is not widely available and is usually limited to reference laboratories [6]. The

MAT requires two serum samples taken during the acute and convalescent phase of

the disease so it has limited application to patient management. Alternative, com-

mercially available, diagnostic tests are typically based on whole-cell antigens

(inactivated leptospires), and sensitivity and specificity during the acute phase are

highly variable (28–71%) [7, 8]. Therefore, there is an urgent need for new

diagnostic tests that are faster, able to detect the disease at an early stage and that

may be performed in areas having limited laboratory capacity, allowing for the

rapid initiation of treatment. Inactivated vaccines, known as bacterins, are highly

effective against the target serovar, but they are poorly cross-protective against

other serovars and can cause severe side effects, and few countries around the world

have approved their use as human vaccines [9]. Severe leptospirosis is life-

threatening and can manifest as acute kidney injury (AKI), the classic manifestation

of Weil’s disease, and more recently as leptospirosis pulmonary haemorrhage

syndrome (LPHS) [10]. The aim of this chapter is to provide an overview of

human leptospirosis and its causative agent, the pathogenic Leptospira spp.

2 Epidemiology of Leptospirosis in South Asia

The latest report by the WHO on the annual worldwide incidence of leptospirosis

was >1 million cases, ca. 59,000 fatalities, and 73% of cases are in countries

located within the Tropics of Cancer and Capricorn [3]. Leptospirosis is severely

underreported in the region, and this has hindered attempts to determine the actual

incidence and burden of the disease. As a region, South Asia was estimated to have

an annual incidence of 18/100,000 population and a mortality of 1/100,000

[3]. Towards combating global epidemics and zoonoses in the region, the One
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Health Network South Asia (http://www.onehealthnetwork.asia) was established in

2010 and includes all countries in the region. The principal objective of the network

is to train public health specialists and veterinarians in combating priority zoonoses

through formal training programmes in epidemiology and biosecurity.

The Islamic Republic of Afghanistan Due to ongoing wars in the region, there is

very little published literature available. There are reports of ca. 200 cases in 2008,

equivalent to an annual incidence of 0.6/100,000 population and 0.3/100,000 in

2009; however, no data is available after 2009 [11]. The WHO estimated the annual

incidence and mortality of leptospirosis as 3 and 0.4/100,000, respectively [3]. The

burden of the disease was estimated as 6686 disability-adjusted life years (DALYs)

or 23/100,000 [4].

The People’s Republic of Bangladesh From 2008 to 2009, two cases were

diagnosed, equivalent to 0.3% of febrile cases studied [12], compared to 18%

during an outbreak of dengue fever in 2001 [13]. Lack of a confirmatory diagnosis

resulted in most febrile cases being classified as malaria; however, a community

survey from 2007 to 2010 found that 25–40% of febrile cases were seropositive for

leptospirosis [14]. The WHO estimated the annual incidence and mortality as

19 and 1/100,000, respectively [3]. The burden of the disease was estimated as

84,270 DALYs or 51/100,000 [4].

The Kingdom of Bhutan There was one reported case in 2011, equivalent to an

incidence of 0.14/100,000 [11, 15]. The WHO estimated the annual incidence and

mortality as 11 and 0.6/100,000, respectively [3]. The burden of the disease was

estimated as 231 DALYs or 33/100,000 [4].

The Republic of India A multicentric study in India showed that leptospirosis

accounts for ca. 13% of cases of acute febrile illness in hospitals. Regular lepto-

spirosis epidemics occur, and most are located in the coastal regions and the islands,

reviewed in [16]. India does not have a national database for leptospirosis even

though it is responsible for 12% of acute febrile illness [17]. Outbreaks are

associated with the monsoon season (July–October), and seropositivity ranges

from 13 to 35%, depending on the laboratory diagnostic test employed; the MAT

is not generally available [18–24]. Leptospirosis is highly endemic in the Andaman

Islands, and there are reports of outbreaks among the convict population in 1892

[25]. Leptospirosis re-emerged in the 1980s and is now recognized as a serious

public health problem, and outbreaks regularly occur in the post-monsoon period.

A report from the Andaman Islands found that 10% of water samples collected from

urban areas were positive for pathogenic Leptospira spp., compared to 7% of rural

water samples [26]. Recent studies reported a seroprevalence of >55% in the

general population [27]. Agricultural workers were most at risk, 63% of those

tested were seropositive, followed by 39% of sewage workers and 38% of animal

handlers. L. interrogans serogroup Grippotyphosa was most common among sero-

positive samples; other serogroups included Australis and Canicola. Risk factors for

leptospirosis include planting and harvesting of crops, handling animals, heavy

rain, exposure to contaminated water, poor living conditions and lack of protective
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footwear [21]. The WHO estimated incidence and mortality of leptospirosis as

20 and 1/100,000, respectively [3]. The burden of the disease was estimated as

684,369 DALYs or 56/100,000 [4].

The Republic of Maldives The first reported case was in 2000, although in 2003

the incidence had increased to ca. 4/100,000 [11, 15]. The WHO estimated the

incidence and mortality of leptospirosis as 274 and 11/100,000, respectively

[3]. The burden of the disease was estimated as 1791 DALYs or 570/100,000 [4].

The Federal Democratic Republic of Nepal In a study of suspected leptospirosis

in 2011, 28% of the cases were ELISA positive [28]. Nepal introduced a One Health

Network study in 2013, and 295 febrile patients were recruited; however, there are

no MAT results available yet [29]. In a study during 2007–2008, seropositivity was

37–43% [30]. There are reports of an unidentified febrile illness from 2009 to 2010;

50% of the cases were seropositive for leptospirosis. The WHO estimated the

incidence and mortality of leptospirosis as 16 and 0.9/100,000, respectively

[3]. The burden of the disease was estimated as 1086 DALYs or 6/100,000 [4].

The Islamic Republic of Pakistan There are few published reports of leptospi-

rosis in Pakistan [31], and the earliest available reported a prevalence of 25%

among patients in Karachi hospital [32]. They also found 100% seropositivity in

rats captured in urban or rural settings, and the most common serovars were

Grippotyphosa and Icterohaemorrhagiae. In a study of patient’s resident in Lahore,
seropositivity as high as 44% was reported during 2010–2011 [33]. Leptospirosis

prevalence peaked (50–67%) during March–September, overlapping with the rainy

season. As part of the One Health Network South Asia, Pakistan recognized the

need for increased surveillance of zoonotic diseases. TheWHO estimated incidence

and mortality of leptospirosis as 8 and 0.5/100,000, respectively [3]. The burden of

the disease was estimated as 47,432 DALYs or 26/100,000 [4].

The Democratic Socialist Republic of Sri Lanka Prior to 1991, there were<200

reported cases and incidence was ca. 1/100,000. However, when leptospirosis

became a notifiable disease in 1991, this rose to 1000–2000 annual cases and an

incidence of ca. 11/100,000 up to 2007. Then in 2008, more than >7000 suspected

cases were reported, equivalent to an incidence 36/100,000 and a case fatality rate

of ca. 3% [34]. In 2013, there were >4000 reported cases, and the incidence was

21/100,000 [35]. Leptospirosis outbreaks were concentrated in nine districts, the

so-called wet zones, where leptospirosis is endemic and the annual incidence varies

from 31 to 164/100,000 [36]. While L. interrogans was responsible for most cases

in these districts, an outbreak in 2010 in a nonendemic, dry zone reported that

L. kirschneri was responsible [36]. It remains unclear what caused the dramatic

increase in cases; however, as there is a lack of laboratory diagnosis in Sri Lanka,

most cases were based on clinical suspicion which is often inaccurate due to its

similarity with other febrile illnesses. In a study to confirm the clinical diagnosis of

248 A.A. Grassmann et al.



leptospirosis, only 38% of the cases were confirmed by laboratory diagnosis [37]. In

addition, there is a lack of public awareness of leptospirosis and the risk factors

associated with its transmission [34, 38]. Sri Lanka has a large agricultural econ-

omy and heavy rainfall, which makes the transmission of leptospirosis an occupa-

tional hazard [35]. As part of the One Health Network, Sri Lanka introduced a

project that includes a hospital-based case-control study to identify risk factors and

the reservoir species involved in the transmission of leptospirosis [39]. The WHO

estimated incidence and mortality of leptospirosis as 301 and 18/100,000, respec-

tively [3]. The burden of the disease was estimated as 164,368 DALYs or

805/100,000 [4].

3 Pathogenic Leptospira spp.: The Causative Agent

of Leptospirosis

Currently, 22 species of Leptospira have been identified (Table 1); 7 species are

saprophytic and cannot establish an infection; the remaining 15 species are divided

in 2 taxonomic clades, the pathogenic and intermediate Leptospira spp. The

pathogenic species are the causative agents of leptospirosis, while the five

Table 1 Leptospira spp. and

their distribution among

pathogenic, intermediate and

saprophytic species groups

Taxonomic clade Species Reference

Pathogenic species L. alexanderi [40]

L. alstonii [41]

L. borgpetersenii [42]

L. interrogans [43]

L. kirschneri [44]

L. kmetyi [45]

L. mayottensis [46]

L. noguchii [42]

L. santarosai [42]

L. weilii [42]

Intermediate species L. broomii [47]

L. fainei [48]

L. inadai [42]

L. licerasiae [49]

L. wolffii [50]

Saprophyte species L. biflexa [43]

L. idonii [51]

L. meyeri [42]

L. terpstrae [41]

L. vanthielii [41]

L. wolbachii [42]

L. yanagawae [41]
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intermediate species cause only a mild disease in humans and animals [52]. The

taxonomic classification of Leptospira spp. is defined by genome to genome

distance, currently performed mainly by in silico approaches after whole genome

sequencing. Leptospires are also serologically classified into>300 serovars that are

grouped in to 24 serogroups [53]. The structural heterogeneity of the O antigen of

leptospiral lipopolysaccharide (LPS) is responsible for the vast serological vari-

ability observed for Leptospira.
All members of the Leptospira genus share common morphological features,

such as the distinctive cork-shaped, right-handed helical cell, usually with hooked

ends. Leptospires are highly motile bacteria due to the presence of two periplasmic

flagella, one attached at each extremity. The leptospiral cell is thin, 0.1–0.2 μm in

diameter with 10–20 μm length, making it difficult to visualize by light microscopy

[53]. The routine observation of live leptospires is performed by dark-field micros-

copy (Fig. 1). Therefore, classical staining techniques such as gram staining are not

applicable to Leptospira spp. Like gram-negative bacteria, leptospires are diderms,

with an inner and outer membrane (OM) and a periplasmic space in between. The

inner membrane is thinner than the OM and is closely associated with a peptido-

glycan layer [1]. The outer leaflet of the OM is composed of LPS on the bacterial

surface. Several proteins are also associated with leptospiral membranes; trans-

membrane α-helix proteins span the inner membrane, while β-barrel transmem-

brane proteins are located in the OM [54, 55]. Many lipoproteins are associated

with both membranes, including surface-exposed lipoproteins [55]. Leptospires

have complete type I secretion systems and a partial type II secretion system

[56]. Although leptospiral secreted proteins have been described, the experimental

functionality of these secretion systems remains to be explored [57, 58]. Other OM

proteins (OMPs) include transporters such as TonB-dependent transporters, porins

and OM assembly machinery [54, 55]. Indeed, many of these surface-exposed

proteins have been evaluated as vaccine candidates [9].

Fig. 1 Leptospira
interrogans under dark-field
microscopy
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Leptospires are fastidious aerophilic bacteria that grow in vitro in enriched

media supplemented with rabbit serum and bovine serum albumin. Ellinghausen-

McCullough-Johnson-Harris (EMJH) medium is the most commonly used culture

media for Leptospira spp. [53]. Long-chain fatty acids are used by leptospires as the
carbon source; they cannot use glucose as an energy source due to the lack of an

uptake system. Additional nutritional supplements include calcium, iron, phos-

phate, thiamine, copper, manganese and sulphate [59]. Vitamin B12 is also rou-

tinely added to culture medium, even though some pathogenic species can

synthesize cobalamin [60]. Leptospira spp. are usually cultured in vitro at

28–30 �C, although the saprophytic leptospires can grow at 5–10 �C, compared to

a minimum of 13–15 �C for the pathogens [61]. The pathogenic leptospires grow at

physiologic temperatures, i.e. 37 �C. The doubling time in vitro varies from 8 to

31 h depending on the species, growth medium, temperature and starting inoculum,

among other factors. Pathogenic Leptospira spp. lose virulence after a high number

of in vitro passages, although this can be restored by recovery from infected animal

models [62]. The mechanism and the number of passages required for loss of

virulence have not been not properly determined.

The genomes of Leptospira spp. are ca. 4.2 Mbp and includes two chromosomes;

the larger one is >3.6 Mbp, and the smaller one ranges from 278 to 300 kbp

[60]. Each genome includes approximately 4100 CDS, many of them encoding

proteins with unknown function. The core and pan genomes of 20 Leptospira spp.

(L. mayottensis and L. idonii were not included) have been studied and are com-

posed of 1764 and 17,477 genes (1592 and 13,822 when the paralogs are collapsed),

respectively [60]. Leptospiral genomes include multiple insertion sequences, sev-

eral phages and CRISPR/Cas systems [60, 63]. Only a small number of plasmids

have been identified, and this has severely hampered the development of tools for

genetic manipulation [1, 64]. Some 750 genes are arranged in operons within the

L. interrogans genome, and the majority are composed of one or two genes [65].

There is evidence that Leptospira spp. regulate gene expression in response to

environmental cues [66–69]. Leptospires are readily adaptable; they can infect a

range of animal hosts and, unlike other spirochaetes, can survive outside the host in

harsh conditions such as wet soil and water [52]. Gene expression is regulated by

housekeeping and alternative sigma factors, two component systems and other

bacterial regulation factors. Among the host signals are physiologic temperature,

serum, osmotic pressure, phagocytes and innate immune response. Gene promoters

are not easily identified, and a surprisingly large number of mRNAs (~440) are

leaderless [65]. Several putative regulatory small RNAs (sRNA) are expressed by

Leptospira spp., as demonstrated by total RNA sequencing (RNA-Seq) and North-

ern blotting experiments [65, 66]. As expected, there is little similarity between

mRNA and protein levels in L. interrogans grown under the same conditions [70],

probably due to post translational regulation of gene expression, most likely by

sRNAs [65].

Leptospires differentially express proteins under different environmental condi-

tions [71–73]. Some proteins are not expressed under standard in vitro culture

conditions, e.g. the leptospiral immunoglobulin-like (Lig) proteins. The expression
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of the Lig proteins was demonstrated to be induced by osmolarity [74], and an RNA

thermometer was suggested to additionally regulate expression [75]. The lipopro-

teins LipL32, LipL41, LipL21, LipL36 and Loa22 are among the most highly

expressed proteins in L. interrogans [71]. Post-translational modifications in lepto-

spiral proteins have been reported and most likely play a role in protein function

and interactions with the environment and their hosts. Methylation [76], acetylation

[77] and addition of sialic acid have been described for leptospiral proteins [78].

4 Transmission and Pathogenesis of Leptospirosis

Leptospires are maintained in nature by asymptomatic animals, such as dogs, cattle,

several wild animals and especially rodents (Fig. 2). Leptospires are excreted in

their hosts’ urine and can survive outside the animal reservoir for months

[79, 80]. Transmission of leptospires to humans or other animals occurs mainly

through direct contact with infected animals or indirect contact with soil or water

contaminated with leptospires [81, 82]. Entry into the host is usually via the mucous

membranes or abraded skin [1]. Once through the skin barrier, leptospires can

attach to host molecules, invade blood vessels and rapidly spread throughout the

Environment

Asymptomatic
rodents

Livestock and wild animals

Humans

Fig. 2 The transmission cycle of pathogenic Leptospira spp. Rodents are the main asymptomatic

carriers of leptospires in either urban or rural settings. Domestic and wild animals can be

asymptomatic or susceptible depending on the infecting serogroup and the health status of the

host. Leptospires are excreted in urine resulting in contamination of the environment where they

can survive for months in damp conditions until they infect another host
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host [1]. In the first days of infection, leptospires can be found in the bloodstream at

high density (>104 leptospires/ml of blood is associated with poor prognosis)

[83, 84]. The activation of the immune response (see below) usually clears lepto-

spires from the bloodstream of the maintenance hosts. In asymptomatic carriers,

leptospires colonize the proximal renal tubules from where they are excreted back

into the environment. In susceptible animals that develop leptospirosis, the spiro-

chaetes can be found in other organs, such as the liver and the lungs [82].

The understanding of the molecular basis for host-pathogen interaction and

virulence has advanced in recent years. Several leptospiral proteins have been

described as adhesins by in vitro experiments with recombinant proteins, reviewed

in [85]. These proteins can bind a diverse range of extracellular matrix components,

complement proteins, cadherin, fibronectin, thrombin and plasminogen. There is

some evidence that leptospires can secrete proteins that could potentially interact

with host cells, contributing to pathogenesis [57, 58]. Leptospira spp. genomes

encode several sphingomyelinases, phospholipases and proteases whose functions

and roles in pathogenesis are still under evaluation [1].

The pathogenic Leptospira spp. are not readily amenable to genetic manipula-

tion, although several mutants have been generated, mostly by random transposon

mutagenesis [86, 87], or targeted mutagenesis [88–91]. The evaluation of mutant

virulence in animal models, especially for acute disease, has enabled the identifi-

cation of several virulence factors essential for colonization and disease. The first

leptospiral virulence gene to fulfil molecular Koch’s postulates was Loa22, which
contains an OmpA-like domain [92]. The L. interrogans loa22 knockout mutant

was attenuated for virulence in both hamster and guinea pig models of lethal

leptospirosis. The genetic complementation of Loa22 restored the virulent pheno-

type. However, the function and subcellular localization of Loa22 remain unclear.

Other virulence factors identified by mutagenesis and subsequent loss of virulence

in animal models include LPS [93], motility [91, 94–96], haem oxygenase (HemO)

[97], the chaperons ClpB [98] and HtpG [99], the lipoprotein LruA [100] and the

catalase KatE [101], a protein related to oxidative stress. Mutants to the abundant

OM lipoproteins LipL32 [87], LipL41 [102] and LigB [88] were not attenuated in

virulence, although this is likely due to redundancy in the leptospiral genome [103].

5 Host Response and Immunity

Macrophages are important cell types in the immune response against leptospirosis.

Leptospira spp. stimulate macrophages to produce pro-inflammatory chemokines

including IL-1β, IL-6, IL-8 and TNF-ɑ [104]. However, pathogenic leptospires can

survive within macrophages; several proteins have demonstrated a role in lepto-

spiral adhesion and uptake by these cells [89, 105]. Catalase activity by pathogenic

Leptospira spp. confers resistance to the reactive oxygen species induced by the

host innate immune cells [101]. However, Leptospira spp. are susceptible to
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neutrophil extracellular traps (NETs), and while neutrophil-depleted mice have a

significantly higher bacterial burden in their kidneys during infection, this did not

alter the course of the disease [106].

Due to an atypical lipid A composition, which has a unique methylated phos-

phate residue not found in other Gram-negative bacteria, leptospiral LPS only

activates the Toll-like receptor (TLR) 2 in human innate immune cells, compared

to the activation of both TLR2 and TLR4 in murine and other resistant hosts. The

activation of TLR4 is required for early production of immunoglobulins and the

subsequent clearance of leptospires from the blood [107]. A study showed that

TLR4 knockout mice were susceptible to acute leptospirosis, with an increased

burden of leptospires in the liver, lungs and kidneys [108].

Activation of the complement system is another important immune mechanism

for the early elimination of leptospires from the host. The saprophyte L. biflexa is

killed in the presence of normal human serum, while pathogenic Leptospira spp. are
able to evade complement by binding several of the complement regulatory com-

ponents, including Factor H (fH) and C4b-binding protein (C4BP), or by secreting

proteases that directly cleave the complement molecules [109, 110].

Host immune responses to infection are directly related to severe outcomes, with

some hospitalized patients showing symptoms of a cytokine storm; however, a

correlation between cytokine levels and clinical features remains unclear [82]. As

well as a role in the inflammatory response, high levels of circulating TNF-ɑmay be

a predictor of poor prognosis; this cytokine has been associated with pulmonary

haemorrhaging and death [111]. Furthermore, high levels of IL-10 have been

associated with a fatal outcome, possibly due to the inhibition of a protective Th1

immune response [111, 112]. However, IL-10 anti-inflammatory activity is impor-

tant for controlling disease progression. Since there is a correlation between a low

IL-10/TNF-ɑ ratio and severe cases, this ratio should be evaluated frequently [113].
The humoral response to a leptospiral infection plays a leading role in immune

protection, with patients producing substantial amounts of antibody. B-cell-

depleted mice were susceptible to lethal leptospirosis induced by pathogenic

Leptospira spp. in contrast to wild-type mice [114]. Anti-LPS antibodies

corresponded to the majority of the antibodies produced in a T-cell-independent

manner [115]. Mice lacking T cells produced a protective immune response and

survived in different studies [107, 116]. Passive immunization with monoclonal

antibodies against leptospiral LPS successfully protected guinea pigs and hamsters

against challenge [117, 118]. Despite the importance of LPS antibodies for host

survival, the humoral response pattern against leptospires is responsible for the

serovar-specific protection conferred by commercial vaccines [119]. This observa-

tion is endorsed with the cross-protective immunity elicited by an attenuated LPS

mutant [120].
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6 Clinical Features of Leptospirosis

The clinical symptoms in leptospirosis patients are highly variable, and the majority

(90%) present with an asymptomatic infection or flu-like symptoms. However, the

disease can progress to severe forms leading to multiple organ failure and death.

Leptospirosis has a biphasic disease course. The early acute phase is characterized

by non-specific symptoms including fever, headache, and myalgia, which allow a

misdiagnosis with other diseases, such as dengue and malaria. This phase lasts ca. a

week, is called the leptospiremic phase, and the bacteria are found in the bloodstream

or in the cerebrospinal fluid. With the appearance of IgM antibodies and the concom-

itant clearance of leptospires from the blood, the immune phase is initiated. The disease

may resolve in this phase, with only a small fraction (5–15%) of the cases evolving to

more severe forms of the disease [3]. In these cases, leptospires are present in several

tissues and organs including the kidneys, liver, lungs and brain and are excreted in the

urine. Organ colonization by leptospires causes extensive clinical manifestations, the

classic Weil’s disease, which is characterized by jaundice, haemorrhage and acute

kidney injury and more recently, LPHS. Acute renal and lung injuries are reported in

36 and 17% of leptospirosis hospitalized patients, respectively [121].

6.1 Renal Manifestations of Leptospirosis

The kidneys are a major target organ for leptospires following elevation of immu-

noglobulin levels in the blood, although Leptospira spp. do not demonstrate tropism

[82]. Renal involvement varies from mild proteinuria and urinary sediment

presenting leukocytes and erythrocytes to severe renal failure. Tubulointerstitial

nephritis is the major renal change in leptospirosis, in part due to the recognition of

leptospiral OMPs by TLR2 expressed in renal tubule cells, mediating an early

inflammation response [122]. Interstitial oedema; cellular infiltration, mainly by

mononuclear cells; and epithelium necrosis are the most frequent pathological

processes involved in acute kidney injury (AKI) [123]. AKI can occur in 60% of

the cases of patients with severe disease. Leptospirosis-induced AKI is typically

non-oliguric, although the limited number of oliguric cases have a higher mortality

rate [124]. The duration of renal failure can vary from days to several weeks, and

patients usually recover within 6 months [125].

6.2 Pulmonary Manifestations of Leptospirosis

Pulmonary manifestation is an important cause of mortality in leptospirosis. Symp-

toms range from chest pain, cough, dyspnoea and haemoptysis to acute respiratory

syndrome, and intra-alveolar haemorrhaging has been detected in the majority of

these cases [126]. Pulmonary involvement occurs in 20–70% of severe leptospirosis
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cases with high mortality rates [127, 128]. Leptospirosis enhanced lung epithelial

and endothelial permeability due to a noninflammatory injury, which in association

with an impaired alveolar fluid clearance can promote respiratory failure and death

[129]. Patients may also present haemoptysis, tachypnoea and cyanosis, although

jaundice can be absent in LPHS [127].

6.3 Other Manifestations of Severe Leptospirosis

Leptospirosis can involve the nervous system, and aseptic meningitis is the

commonest manifestation. Patients with leptospiral meningitis usually show severe

headache and cerebrospinal fluid pleocytosis [130]. Encephalitis, cerebellitis, mye-

litis and ataxia are other presentations of neuroleptospirosis already reported

[130, 131]. Several studies demonstrated the occurrence of myocarditis in lepto-

spirosis, contributing to arrhythmias, heart failure and potentially lethal outcomes

[132]. Uveitis is another well-known late complication presented as a unilateral or

bilateral acute non-granulomatous panuveitis [133].

Leptospirosis patients show several changes in haematological parameters.

Decrease in haemoglobin levels, probably due to iron sequestration by leptospires,

and thrombocytopenia are frequently observed complications during the course of

infection [134]. This has been associated with poor prognoses, especially in associ-

ation with haemorrhagic events. Elevated serum bilirubin levels due to disruption of

intercellular junctions between hepatocytes resulting in destruction of bile canaliculi

are typical of icteric forms of leptospirosis [135]. Dysregulation of sodium trans-

porters promotes kaliuresis, and consequently hypokalemia presented in leptospirosis

AKI can impair lung oedema clearance, resulting in increased lung injury [136].

7 Laboratory Diagnosis of Leptospirosis

Culture and the MAT are the gold standard diagnostic tests for leptospirosis even

though the numerous shortcomings of the MAT have been discussed in the literature;

see, e.g., [7, 8]. Isolation of pathogenic Leptospira spp. remains a challenge as they

are fastidious and slow-growing (4–6 months), and cultures are susceptible to

contamination. There are many commercially available serological tests; however,

sensitivity and specificity and predictive values are highly variable in the acute phase

of the disease. The majority use the saprophyte L. biflexa as the antigen to detect anti-
Leptospira antibodies in serum samples. As these antibodies are known to persist for

years after the original infection, this can impact on their specificity in endemic

regions. There are few multicentre evaluations of the readily available diagnostic

tests and even fewer that follow the STARD guidelines (http://www.stard-statement.

org), making comparisons difficult. The only way to determine the performance

parameters of a diagnostic test is to evaluate it using samples collected from the
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target population. While much emphasis has been put on rapid diagnostic tests

(RDTs), these are serological tests and rely on the detection of antibodies in serum

samples; therefore they will not detect leptospirosis during the first 7–10 days of

symptoms [137]. During this leptospiremic phase, the most sensitive test is based on

detecting leptospires in blood samples. PCR using whole blood samples and EDTA

as the anticoagulant (heparin inhibits the PCR) is recommended for the amplification

of leptospiral DNA [138]. Alternatively, the transport of blood samples is easily

carried out using Whatman filter paper and represents a simple, inexpensive solution

when resources are limited [139]. The use of commercial kits for the extraction of

DNA for PCR-based diagnostic tests is recommended [140].

7.1 Direct Examination of the Blood

The cut-off or limit of detection (LOD) is around 104 leptospires/ml of blood and

requires a dark-field microscope, extensive training and is not recommended by the

WHO as false positives can be caused by serum proteins and debris in the blood

samples [6]. The LOD usually excludes the use of urine samples as they are too

dilute for dark-field microscopy.

7.2 Polymerase Chain Reaction

Several conventional and real-time PCR methods are readily available and have

been extensively described in the literature; see, e.g., [138, 141–144]. The LOD is

around 100 leptospires/ml of blood or urine, and it is simple to differentiate

pathogenic Leptospira spp. using primer pairs designed to gene targets that are

absent in the saprophytes, e.g. lipL32, ligA, ligB, etc. The identification of patho-

genic versus saprophytic and the genotyping of Leptospira spp. has been proposed

by several groups and could further extend the utility of PCR diagnosis [145–147].

7.3 Isothermal Amplification

Several techniques are available, although loop-mediated isothermal amplification

(LAMP) is the most commonly used. The amplification results in production of 109

copies of the target and requires a water bath or heating block at 60–65 �C and 1h

incubation [148, 149]. The amplified DNA can be detected visually or by gel

electrophoresis, making the technique ideal for application in a wide range of

settings. The LAMP assays usually target the lipL32 or lipL41 genes for pathogenic
Leptospira spp., although an assay based on the 16S rrs genes has been developed
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that can discriminate between the pathogenic and intermediate clades [150]. Further

studies are needed to determine the performance of LAMP in real-world settings.

7.4 ELISA

There are many commercial and in-house ELISA being used for the diagnosis of

leptospirosis [151–154], and while the overall sensitivity of an IgM ELISA in the

first week of symptoms is low, it tends to be better than the MAT [7, 8]. However,

the ELISA is an invaluable diagnostic tool during the second week of symptoms

when IgM levels rise considerably.

7.5 Lateral Flow RDTs

RDTs are ideally suited to clinical health centres that do not have ready access to

central laboratory facilities. Early administration of antibiotic therapy is known to aid

recovery and can be a major factor in patient prognosis [7, 155]. The use of RDTs to

perform a differential diagnosis of leptospirosis in point-of-care settings is highly

desirable, although the sensitivity and specificity of these tests are variable [7, 8, 156].

8 Treatment of Leptospirosis

Leptospirosis is treated with antibiotics, most frequently penicillin, ampicillin,

ceftriaxone or cefotaxime. Doxycycline and azithromycin can also be used,

although they are usually used in chemoprophylaxis rather than as a treatment

(see below). However, antibiotic treatment can cause a Jarisch-Herxheimer reaction

(JHR) that is characterized by the release of endotoxins from dying microorganisms

and production of TNF-α, IL-6 and IL-8 [157]. Cases of JHR following adminis-

tration of antibiotics against leptospirosis have been previously reported [158]; and

although rare, the prevalence of JHR in cases of leptospirosis is unknown. As a JHR

can be fatal [159], anti-inflammatory, including anti-TNF-α, inhibitors should be

co-administered with the antibiotics, and patients should be monitored for adverse

reactions following treatment [160]. Furthermore, a severe immune response is

suspected to play a damaging role in cases of advanced leptospirosis, in which the

administration of anti-inflammatory drugs is also advised [161]. In severe cases of

leptospirosis, where hospitalization is required, symptomatic treatment may also be

necessary. Dialysis and/or administration of IV fluids may help combat renal

injuries [162–164]; mechanical ventilation with low tidal volume could be benefi-

cial for patients with lung damage and difficulties breathing [165].
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9 Prevention and Control of Leptospirosis

9.1 Infrastructure and Sanitation Intervention

The control of leptospirosis relies on understanding its epidemiology and how the

disease is transmitted. Routine surveillance to identify and interrupt sources of

infection is key in preventing leptospirosis; identifying the circulating serovars is

essential towards identifying and controlling the maintenance hosts [2, 52]. In

addition, the efficacy of inactivated vaccines or bacterins depends on knowledge

of the serovars that are endemic to the target region.

Rats are the main source of human leptospirosis infections in urban settings

[166], although domestic animals (e.g. pigs, cattle, dogs, etc.) also play a significant

role in the transmission of leptospirosis, especially in rural areas. Occupational

exposure where there is water accumulation (rice paddies, mud or water puddles

where livestock lives, etc.) is also a potential source of transmission for both

humans and non-maintenance animals [167]. The ever-increasing population of

slum-dwellers caused by the ongoing migration from rural to urban areas has

provided the rat population with ecological conditions for explosive expansion,

resulting in increased transmission of leptospirosis in these conditions [3, 166, 168–

170]. Eradicating the rat population, or any other type of wildlife reservoir, is

virtually impossible, and rodenticides can pose health and environmental problems

[171]. Likewise, the use of chemicals to kill bacteria in the environment is ineffec-

tive as daily application is required and recontamination will occur unless the

source is eliminated [172]. Therefore, local government bodies should invest in

sanitation and associated infrastructure interventions to control rodent spread, and

floodwater should be properly drained during periods of heavy rainfall. Further-

more, new housing projects should include measures to prevent rodents and flood-

water from entering. Livestock housing should be constructed such that effluent can

be properly decontaminated before being discarded [172].

High-risk groups including veterinarians, abattoir workers, farmers, agricultural

workers, sewage workers, etc. should pay close attention to personal protective

measures such as appropriate footwear, gloves and goggles to avoid contact with

contaminated soil or water, or the tissue and urine of infected animals

[52, 172]. These measures are not always possible to implement from either

personal or economic perspectives, but they are essential towards reducing the

transmission of leptospirosis. Avoiding wet conditions or places contaminated with

the urine of potential reservoirs should also be considered; however, this is often

unavoidable [172]. Alternatively, vaccinating livestock and pets is probably the

most cost-effective intervention towards preventing transmission of leptospirosis,

and this is a legal requirement in several countries in Europe. Finally, people

engaging in water-related activities or sports or events that take place in tropical

regions should also pay close attention to personal protective measures and should

also consider vaccination (if available) or chemoprophylaxis (see next section).
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9.2 Chemoprophylaxis

Chemoprophylaxis is the use of antibiotics to prevent an infection or attenuate its

symptoms. It is not feasible in animals and not recommended for long-term use in

humans [172]. However, prompt treatment is encouraged once leptospirosis or

potential infection has been detected (e.g. laboratory accident). Furthermore, chemo-

prophylaxis often only mitigates clinical signs, but does not prevent infection

[173]. Chemoprophylaxis is rarely used for humans, unless temporary exposure is

foreseen or known to have happened, e.g. military personnel in the jungle [174], after

floods [175]. Doxycycline (200 mg per week) is the drug of choice for human

chemoprophylaxis, followed by azithromycin or amoxicillin for photosensitive or

infant subjects. Streptomycin may also be used for chemoprophylaxis in livestock.

The use of antibiotics is not indicated as a long-term preventive measure [172, 176].

10 Vaccines Against Leptospirosis

10.1 Conventional Vaccines

The first report of a vaccine against leptospirosis dates back to 1916 [177]. Although

leptospirosis vaccines have been around for over a century, few countries have

approved their use as human vaccines (e.g. China [178], Cuba [179], Japan [180],

France [181, 182] and Russia [183]). Such vaccines have also been described in

other Asian countries [15]. These vaccines are whole-cell killed Leptospira spp.,

known as bacterins, or OM envelope vaccines with efficacy rates of ca. 75–78%

[179, 184]. A French study on sewer workers in Paris showed there were several

side effects following vaccination, despite protecting against leptospirosis

[185]. Bacterin vaccines have been used in China to protect those at risk of

exposure during heavy rainfall and flooding [178] and with mine workers Japan

[186]. Bacterin vaccines confer serovar-specific, short-term protection and are

associated with several undesirable side effects; annual boosters are necessary to

maintain immunity [172]. Bacterin immunity is generated primarily against lepto-

spiral LPS, which is a thymus-independent antigen, this may explain the short-term

immunity and lack of cross-protection [9]. Constant epidemiological and serolog-

ical surveys are necessary to identify the circulating serovars that should be

included in the bacterin preparations [9] and to identify the emergence of new

serovars in a given region post-vaccination [187]. Human vaccination is only

indicated for high-risk groups when other preventive measures (see previous

section) are not feasible or have been unsuccessful.

The side effects of bacterins are believed to be caused by contaminating proteins

being carried over from the leptospiral culture medium. Protein-free media have
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been used in attempts to reduce the side effects; however, they have not been widely

adopted [188]. Of note, an LPS-mutant strain was developed towards conferring

cross-protective immunity against unrelated serovars by focusing the immune

response on surface-exposed proteins rather than on LPS [120]. This LPS-mutant

strain protected 100% of vaccinated animals against both homologous and heter-

ologous challenges in the hamster model of acute leptospirosis.

10.2 Recombinant Vaccines Against Leptospirosis

Recombinant vaccines are an alternative to bacterins, and research in this area

began almost two decades ago; the first report of a recombinant leptospirosis

vaccine was published in 1999, even though only one out of three experiments

showed protection [189]. In this study, leptospiral proteins OmpL1 and LipL41

expressed in the OM of Escherichia coli conferred significant protection against a

homologous L. kirschneri serovar Grippotyphosa challenge in hamsters (71%

survival). Since then, a myriad of recombinant OMPs and lipoproteins have been

evaluated as vaccine candidates with varying degrees of success, reviewed in

[176, 190, 191].

The highly conserved protein, LipL32, is expressed during infection and is the

immunodominant protein of pathogenic Leptospira spp.; comprising up to 75% of

the OM [66, 71, 192, 193]. LipL32 has been evaluated in DNA [194], subunit [195–

197] and recombinant BCG and viral vector vaccine preparations [198, 199]. Yet, it

seldom confers immunity when appropriate controls and rigorous statistical anal-

ysis are used, reviewed in [176, 190]. Also, it is not clear whether it is a surface-

exposed lipoprotein or is located on the inner leaflet of the OM; the evidence

remains contradictory [200, 201]. Furthermore, an L. interrogans LipL32 knockout
remained virulent [87]. It is surprising that such an abundant protein is neither

essential for virulence nor the structural integrity of the OM; in addition, the

function of LipL32 remains unclear. However, there is a strong degree of functional

redundancy in the surfaceome of pathogenic Leptospira spp., which might account

for these extraordinary observations [202].

The preeminent recombinant vaccine candidates to date are the LigA and LigB

proteins; they are specific to, and are highly conserved in pathogenic Leptospira
spp. [203–205]. The expression of these virulence factors is upregulated in vivo,

and they play a role in adhesion, invasion and evasion of the host immune system

[74, 109, 206–209]. However, similar to LipL32, an L. interrogans LigB knockout

remained virulent [88]. These proteins have been reported to confer up to 100%

protection on vaccinated hamsters [210–215]. Despite conferring significant pro-

tection, LigA is present in only three pathogenic Leptospira spp., while LigB is

present in all pathogenic Leptospira spp. to date [60]. Although LigA is highly

immunogenic, LigB is less so and induced low antibody titres, even though it was

protective. Furthermore, we recently demonstrated that a fragment of LigB could

induce sterilizing immunity in the hamster model of lethal leptospirosis [213]. LigC

has not been evaluated as a vaccine candidate as it is a pseudogene in many strains
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and unlikely to be virulence-related [205]. The virulence determinant Loa22 was

evaluated as a vaccine candidate, and while immunogenic, it did not induce a

significantly protective immune response [216, 217].

Although recombinant vaccines diminish the side effects associated with bac-

terins, their immunogenicity is drastically reduced; therefore the use of adjuvants is

essential. The most used adjuvants for vaccines are aluminium salts [218]. These

adjuvants induce a Th2 response, in contrast to bacterin vaccination, which induces

a Th1 response [213]. Both Th1 and Th2 responses are capable of affording

protection against lethal challenge in hamsters. Notably, vaccination with LigBrep

(LigB131-645) using aluminium hydroxide as adjuvant induced sterilizing immu-

nity in hamsters, while a bacterin did not. Oil-based adjuvants, such as emulsions

and liposomes, should be considered when working with hydrophobic OMPs as

they should help the recombinant protein adopt its correct conformation. Lipo-

somes [219–221], carbon nanostructures [222], CpGs and xanthan gum [223] and

flagellin [224] have also been evaluated as alternative adjuvants.

10.3 Reverse and Structural Vaccinology

The term reverse vaccinology was first used in the early 1990s to describe the

process of identifying all of the potential vaccine candidates in the genome of a

pathogen, rather than trying to discover proteins by screening of in vitro grown

microorganisms [225]. This approach became viable as the costs associated with

high-throughput sequencing fell, together with the development of bioinformatics

tools for the in silico identification of, e.g., signal peptides, subcellular location and

lipoprotein motifs. This has led to the availability of hundreds of genome sequences

from strains of the same species [60, 187, 226]. Structural vaccinology focuses on

predicting the structure of likely exposed antigens (e.g. transmembrane β-barrels,
lipoproteins) and identifying their function, as well as any potential role in patho-

genesis, to better select proteins or their fragments as vaccine candidates [227]. Fur-

thermore, B- and T-cell epitopes within these vaccine candidates can be predicted

in silico [228]. Reverse vaccinology has been applied to Leptospira spp. with mixed

success to date, reviewed in [9]. The structural vaccinology process was recently

applied to pathogenic Leptospira spp., and several hundred potential vaccine

candidates were identified [54, 229]. Our group is currently evaluating these

vaccine candidates in the hamster model of lethal leptospirosis.

10.4 Universal Vaccine Against Leptospirosis

There are many challenges remaining for the successful development of a universal

leptospirosis vaccine [191]. There is a lack of basic knowledge on how pathogenic

leptospires and their hosts interact, on leptospiral metabolism and on host immunity,
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making it difficult to develop a universal vaccine. To date, we know that a protective

immune response against leptospirosis requires a humoral immune response; how-

ever, there is no correlation between antibody titres and protection [213], and

correlates of immunity remain to be discovered [191]. Furthermore, protection in

vaccinated cattle is dependent on a cellular immune response rather than on anti-

bodies [230–232]. The development of new tools for genetic manipulation will also

be fundamental. Reverse and structural vaccinology will likely play a fundamental

role in helping understand these issues as well as in discovering potential targets for a

universal vaccine [191].

11 Concluding Remarks

Increasing poverty leading to expanding slum communities and climate change

resulting in flooding and population displacement will likely result in leptospirosis

having an ever-greater impact on global public health. Basic knowledge of lepto-

spiral microbiology has improved over the last decade, but further studies are

needed, and this will require significant investment. Laboratory diagnosis remains

a challenge; multicentre studies should be encouraged towards identifying

improved techniques for the early diagnosis of leptospirosis and replacement of

the MAT. Recombinant vaccines are showing promising results, but there is a lack

of investment to bring the current vaccine candidates to clinical trials. Perhaps it is

time to reconsider the use of bacterins; modern technology could reduce the side

effects, towards improving the bacterin preparations for human use.
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1 Japanese Encephalitis: An Introduction

Arboviruses (arthropod-borne viruses) are common causes of debilitating fever

syndromes in susceptible human population. Out of more than 500 known arbovi-

ruses, about 100 are relevant to human infections and mostly belong to the

Flaviviridae, Bunyaviridae, and Togaviridae families [1]. For more than a century,

countries in South and Southeast Asia have been under the shadow of one such

disease—Japanese encephalitis. As the name suggests, this disease was first

reported from the islands of Japan in the year 1871 [2]. Following large-scale

epidemic in 1924, the causative agent was isolated in 1933 [3]. The virus, initially

named as Japanese encephalitis B virus, was later on characterized to belong to the

family Flaviviridae (Latin flavus—yellow) named after the yellow fever virus

which was the first member of this family. Apart from yellow fever virus and

Japanese encephalitis virus (JEV), this family currently includes over 85 species of

viruses including dengue virus, West Nile virus, and the Zika virus [4].

The JEV is a single-stranded positive-sense RNA virus with 10,976 nucleotides,

inside a nucleocapsid and is surrounded by a glycoprotein-containing envelope. The

RNA comprises a short 50 untranslated region (UTR), a longer 30 UTR lacking a

polyadenylation sequence, and a single open reading frame of 10,296 nucleotides

between them. It codes for a single polyprotein, of 3432 amino acid residues which

is translationally and posttranslationally cleaved by viral and host proteases into

3 structural proteins (core (C), pre-membrane (PrM) or membrane (M), and enve-

lope (E)) and 7 nonstructural (NS) proteins (NS1, NS2A, NS2B, NS3, NS4A,

NS4B, and NS5) [5]. The C protein (~120 amino acids; ~14 kDa) is hydrophobic

and has abundances of basic amino acid residues and very little amino acid

homology to other flaviviruses. The C protein also contains a nuclear localization

signal which helps viral transmission into nucleus of infected cells [6]. The C

protein is also reported to inhibit stress granule formation in infected cells so as

to aid viral replication [7]. The prM (~165 amino acids; ~26 kDa) is a precursor of

the membrane-anchored M protein [8]. IN immature virions, prM serves as a

chaperon for folding and assembly of the E protein. It is cleaved to form a soluble

Pr peptide and virion-associated M protein (~8 kDa) by trans-Golgi resident furin or

related enzyme [9]. The viral E protein (~500 amino acids; ~54 kDa) consists of two

helical transmembrane domains. It is responsible for cellular attachment and

possesses a hydrophobic loop that mediates fusion of viral and host membranes

[10]. Among the nonstructural proteins, NS1 is a glycosylated protein; NS3 and

NS5 are hydrophilic, whereas, NS2A, NS2B, NS4A, and NS4B are hydrophobic.
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NS1 (~350 amino acids; ~40 kDa) is a multifunctional protein that is conserved

across many other flaviviruses. They are involved in viral replication and assembly

as well as modulation of host’s innate immune response. However, in contrast with

other flavivirus NS1 proteins that show a single hexameric presentation, JEV NS1

exists in two oligomeric forms in roughly equal proportion. A ribosomal frameshift

event leads to the production of another larger NS1-related protein denoted as NS10

(~53 kDa) which may play a role in viral neuroinvasiveness [11]. NS2A (~230

amino acids; ~24 kDa) is a hydrophobic, multifunctional, membrane-associated

protein that binds with the 30 UTR of viral RNA and to other components of the

replication complex to regulate viral replication. Additionally, it is also involved in

the regulation of antiviral interferon response of the host cells [12]. NS2B (~131

amino acids; ~14 kDa) on the other hand serves as a cofactor to promote or

modulate NS3 (serine protease) activity [13]. NS3 (~610 amino acids; ~46 kDa)

and NS5 (~905 amino acids; ~48 kDa) are believed to be enzymatic components of

the viral RNA replicase. The NS3 and NS5 are reported to interact with heat shock

protein 70, eukaryotic elongation factor 1-alpha, and ras-related nuclear protein to

form the replicase complex [14]. NS5 also interacts with mitochondrial

hydroxyacyl-CoA dehydrogenase α and β subunits thereby impairing β-oxidation
and promoting pro-inflammatory cytokine production in host cells [15]. NS4A

(~125 amino acids; ~14 kDa) and NS4B (~255 amino acids; ~27 kDa) are mem-

brane proteins that supposedly serve as the scaffold for the formation of replication

complexes. These two proteins interact with each other at the genetic level to

facilitate viral replication [16]. NS4A is also reported to inhibit interferon-mediated

host antiviral defense [17].

The clinical features of this disease are similar to many other encephalitides and

can be conveniently divided into three stages [18]:

(a) A prodromal stage characterized by general malaise, headache, fever, and other

symptoms which are common to various other diseases that may be unrelated to

flaviviral infections

(b) An acute encephalitic stage marked by continuing fever, convulsions, nuchal

rigidity, and altered sensorium, progressing in many cases to coma

(c) A late stage marked by recovery or the persistence of cognitive dysfunction as a

result of irreversible CNS damage

There are several other viruses, bacteria, fungus, parasites, spirochetes,

chemicals, and toxins which may also result in similar clinical features in affected

individuals. In 2006, the World Health Organization (WHO) coined the term “acute

encephalitis syndrome” (AES) for surveillance purposes of all such cases which

manifests the abovementioned clinical features. Apart from JEV, other viruses

which may result in AES are West Nile virus, Eastern equine encephalitis virus,

Venezuelan equine encephalitis virus, Hendra virus, enteroviruses, Chandipura

virus, Nipah virus, Kyasanur forest disease virus, St. Louis encephalitis virus,

herpes simplex virus, poliovirus, and measles virus [19]. To identify JE cases

among AES cases, laboratory diagnosis is necessary which is accomplished by

testing of serum or cerebrospinal fluid (CSF) to detect virus-specific IgM
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antibodies. These antibodies are usually detectable 3–8 days after onset of illness

and may persist for 30–90 days, but longer persistence has been documented [20]. If

serum collected within 10 days of onset does not have IgM at detectable levels, the

test should be repeated on a convalescent sample [21]. JEV IgM-positive cases

could be further confirmed by neutralizing antibody testing.

2 The Life Cycle of Japanese Encephalitis Virus

By 1938, it was clear that mosquitoes are involved in the spread of the disease;

however it was not until the 1950s when the life cycle of the virus was described in

detail [22–28]. The virus has been known to replicate within the salivary glands of

mosquitoes belonging to the Culicine species such as Culex tritaeniorhynchus,
Culex fuscocephala, Culex vishnui, Culex sitiens, Culex annulirostris, Culex
gelidus, Culex bitaeniorhynchus, Culex epidesmus, Culex pseudovishnui, and

Culex whitmorei. Apart from these, JEV has also been isolated from four species

of anophelines, Anopheles annularis, Anopheles barbirostris, Anopheles hyrcanus,
and Anopheles subpictus, and five species of other mosquito genera Armigeres
subalbatus, Mansonia annulifera, Mansonia bonneael dives, Mansonia uniformis,
and Aedes vigilax [29–33]. Cx. tritaeniorhynchus is considered as the major vector

owing to its vast distribution over the JEV-endemic regions. Apart from mosquitoes

JEV has only been successfully isolated from two other arthropods—Lasiohelea
taiwana (bloodsucking midge) [34] and Haemaphysalis japonica (ixodid tick)

[35]. However, these two reports are now considered to be exceptions as there

have been no other reports of isolation from non-mosquito arthropods since then.

The virus is transmitted by the mosquito to vertebrate hosts through its saliva

while engaged in blood-feeding activity. Within the mosquito salivary gland, JEV

remains entrapped in intracellular vacuoles and is later released into the apical

cavity through the fusion of these vacuoles with the apical plasma membrane. Post

blood-feeding, this helps in the resynthesis of saliva in the mosquito. Another type

of shedding involves virus particles, either singly or in mass, being released directly

through the apical plasma membrane [36]. Sialokinin I and II, which are

vasodilatory tachykinins present in mosquito saliva, have also been reported to be

involved in modulating cytokine milieu at the site of feeding [37].

Stagnant pools of water are necessary for increase in the population of vector and

in South or Southeast Asian countries; rice paddy fields provide the perfect envi-

ronment [38–40]. As rice cultivation is a critical component in the agro-economic

setup of most of the countries in this region, vector and disease control efforts have

been difficult to achieve. These paddy fields as well as other water bodies such as

perennial lakes and swamps also make for ideal wintering and staging ground for

several migratory waterfowl and wading ardeid water birds, particularly the black-

crowned night heron (Nycticorax nycticorax) and the Asiatic cattle egret (Bubulcus
ibis coromandus). Owing to this close proximity with the disease vector, it is not

surprising that these birds play a critical role in the viral life cycle. These birds have
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been reported to serve as reservoirs or maintenance hosts of the virus but are never

symptomatic for the disease. Interestingly, the evolution and spread of the more

recent JEV genotypes can be correlated with the expansion of the Asiatic cattle

egret’s range across Asia in the nineteenth century following changes in agricul-

tural practices [41]. Apart from these, other birds can also be infected with the virus,

though it is unclear whether the virus persists in them long enough to be clinically

relevant in human epidemics [42]. Other than birds, bats have frequently been

reported to also serve as maintenance host of JEV [43–46]. Like birds, bats are

asymptomatic for the disease but do manifest viremia. Till date, five species of bats/

flying foxes, viz., Rousettus leschenaultii, Murina aurata, Myotis ricketti,
Miniopterus schreibersii, and Rhinolophus affinis, have been reported to carry

JEV, whereas Pteropus alecto has been reported to be able to transmit the virus

to mosquitoes in experimental infection models [47].

Another critical link in the life cycle of JEV involves pigs. Like rice cultivation,

pig farming is also an important source of income in many South or Southeast Asian

countries. Pig has got highest feed conversion efficiency, i.e., they produce more

live weight gain from a given weight of feed than any other class of meat-producing

animals except broilers. Owing to the growing domestic and export demands, there

has been substantial growth of the swine industry in many JE-endemic Asian

countries (Table 1) which unfortunately has also led to the increase in human

health risks [48–52]. Unlike the maintenance hosts, JEV amplifies rapidly in pigs

Table 1 Change in rice cultivation and pork production in JE-endemic South-Southeast Asian

countries over a 15-year period (adapted from Tobias et al. [56])

Endemic

countries

% change in paddy area

(1990–2005)

% change in pork production

(1990–2005)

Bangladesh 1 NA

Cambodia 30 46

China �13 87

India �2 �8

Indonesia 12 �13

Japan �18 �23

North Korea �2 �35

South Korea �21 69

Laos NA 21

Malaysia �1 �47

Myanmar 47 381

Nepal 6 12

Pakistan 24 NA

Philippines 27 18

Singapore 0 NA

Sri Lanka 10 21

Thailand 14 80

Vietnam 21 147

NA not available
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and results in high viremia lasting for up to 4 days with peak at day 1 postinfection

[53]. In pigs, JEV can be found in the bone marrow, thymus, kidney, liver, and

skeletal muscles for the duration of viremia but disappear soon afterward. It

however persists in the brain as well as in secondary lymphoid tissue including

the spleen and lymph nodes long after the viremia phase [54]. Infected- pig-to-non-

infected-pig transmission is usually carried out by the mosquitoes. However, a

recent investigation reports that viral transfer between pigs could be independent of

the vector. Oronasal secretions of infected pigs contain JEV at sufficiently high

titer, so as to infect another naive animal staying in close proximity [55]. This could

explain the viral persistence in pigs over winter when there is a decrease in vector

population.

Due to the close proximity of pigs with human dwellings, these animals are

considered main component in the transmission cycle with respect to human

infection [57]. JEV is spread to humans by infected mosquitoes as a result of

their blood-feeding activity. However, as humans have a transient viremia, they

are actually dead-end hosts which means further propagation from them is not

possible. Other domestic animals such as horses, cows, dogs, and goats [58–62] and

wild animals such as raccoons (Procyon lotor), wild boars (Sus scrofa), and raccoon
dogs (Nyctereutes procyonoides) [63] have been reported to be infected with the

virus and are dead-end hosts too but could serve as sentinels to assesses for risk of

human infections. This enzootic life cycle of the virus is summarized in Fig. 1.

3 The Realm of Japanese Encephalitis

According to the WHO, there are approximately 67,900 estimated global cases of

JE annually, of which 20–30% are fatal and 30–50% of survivors have significant

neurologic sequelae [64]. There are two distinct patterns of transmission of JE—

epidemic and endemic. The epidemic pattern typically corresponds with seasonal

outbreaks linked to increased rainfall, whereas the endemic pattern results in

sporadic cases occurring throughout the year [65]. Currently, almost all the coun-

tries in South and Southeast Asia fall under the JE-endemic zone, and it is believed

that population in rural Asia has been infected with the virus by early adulthood

[66]. This region is also the most densely populated region in the world with

estimated 57% of total human population leave here [67]. As stated earlier, JE

was first reported from the islands of Japan. However, within a century, it has

spread its realm over the current endemic zone. JEV can be introduced to virgin

territories either by transferring vectors or other vertebrate reservoirs. During the

mid-1990s, JE cases were reported from Torres Strait islands in Australia. This was

believed to have been imported by migratory birds and/or windblown mosquitoes

from a place with well-documented viral activity such as Papua New Guinea

[68]. Transport of carrier mosquitoes that gets trapped inside airplanes is also a

method to virus dispersal such as in Nepal [69]. Amplifying hosts, i.e., pigs carrying

the virus if introduced to newer territories, may also be a cause of initiation of the
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disease. An example of this is the sudden spate of JE in children in the National

Capital Region in India where infected pigs were brought from the city of

Indore [70].

In the following sections, we provide brief descriptions of status of JE in the

South or Southeast Asian countries that falls under the endemic zone. The countries

are arranged in alphabetical order of their official names. We begin with Table 2,

showing number of reported cases to the WHO from respective countries in this

region.

Fig. 1 The life cycle of JEV. JEV is carried by mosquito vectors (1) can persist in pigs which

serve as amplification hosts (2). Infection in pigs results in viremia with high titre. The virus can be

transmitted from an infected pig to another naive pig via oronasal secretions (3), which explains

the viral persistence in pigs even when there is a lack of mosquitoes. Blood feeding activity from

the amplification hosts by mosquitoes (previously infected or un-infected) results is reloading the

virus into vectors from which it can be transmitted to reservoir birds or bats (4) or dead-end hosts

like human (5) and other domestic mammals (6)
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3.1 Democratic Socialist Republic of Sri Lanka

Sri Lanka is an island country situated in the Indian Ocean at the South of India.

There was an outbreak of encephalitis in 1948 which was suspected to be JE, but in

1968 the first confirmed case of JE was reported and the outbreak was reported in

1971 [71]. This was followed by major outbreaks between 1984 (November) and

1985 (February) in the North Central Province with 385 individuals affected out of

which 64 succumbed to the disease (case fatality rate of 17%). In the following

Table 2 List of recorded cases of JE in South or Southeast Asian countries for a 10-year period

Country name 2015 2014 2013 2012 2011 2010 2009 2008 2007 2006

Afghanistan 0 – 0 – – 0 – – – –

Bangladesh 76 183 23 52 103 15 15 702 204 –

Bhutan 5 2 0 27 3 0 0 – – –

Brunei

Darussalam

1 0 – 0 0 – 0 0 – –

Cambodia 48 60 41 55 45 41 193 372 295 –

Democratic Peo-

ple’s Republic of
Korea (North

Korea)

0 0 0 0 0 – 10 124 0 0

India 1620 1657 1078 – 1214 555 653 427 4017 –

Indonesia 39 72 – – – – – – – –

Lao People’s
Democratic

Republic

13 4 9 23 24 82 26 – 44 12

Malaysia 36 47 12 22 12 0 9 17 – –

Maldives 0 0 0 0 0 0 0 – – –

Myanmar 113 50 3 14 20 18 8 5 28 0

Nepal 937 1304 118 75 126 183 146 329 435 290

Pakistan – – – – – – – – – –

Philippines 115 69 24 – – 181 5 34 – –

People’s Republic
of Chinaa

624 858 2178 1763 1625 2541 3913 2975 4330 7647

Republic of Korea

(South)

40 26 14 20 3 26 3 6 7 0

Singapore – – – 0 0 1 0 1 1 1

Sri Lanka 17 21 70 60 30 27 72 118 45 29

Thailand 23 31 59 54 52 40 36 64 43 49

Timor-Leste 0 0 5 0 0 0 3 0 0 –

Vietnam 368 421 224 183 126 140 68 17 38 –

Table shows recorded data as per the WHO for a period between 2006 and 2015. No reported cases

are denoted by “0.” No available data is represented as “–.” The data is updated as of 1 December

2016 (data received as of 18 November 2016). Accessed from http://apps.who.int/immunization_

monitoring/globalsummary/timeseries/tsincidencejapenc.html
aIncludes data from Republic of China (Taiwan) also
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year, outbreaks were reported from other places in the North Central Province

which also spread to the North Western Province. Incidentally, this was the largest

outbreak reported so far with 812 cases, 192 deaths with a CFR of 24% [72]. Since

then, JE cases have been identified from various parts of the country, and the virus

is routinely found in vectors as well as vertebrate hosts [73–75]. There are over

11 species of Culex mosquitoes found in Sri Lanka [76] out of which Cx.
tritaeniorhynchus, Cx. gelidus, Cx. fuscocephala, and Cx. Whitmorei have been

shown to serve as vectors of JEV [75]. A cause of concern regarding vector control

efforts was raised when it was reported that Sri Lankan Cx. tritaeniorhynchus
mosquitoes were resistant to organophosphorus insecticides due to a gene amplifi-

cation resulting in increased esterase activity [77].

An annual immunization campaign launched in 1988 with the mouse brain-

derived inactivated vaccine (raised against the Beijing-1 strain) resulted in decline

of JE cases from 812 (incidence rate of 4.7/100,000) in 1987 to 26 sporadic cases

(incidence rate of 0.1/100,000) in 2006. However, along with the increased cover-

age of the immunization program each year, the number of cases reporting adverse

events following immunization also increased. This prompted a decline in the

number of children receiving either the first dose of the vaccine or subsequent

booster doses [71]. Finally the government was forced to replace island-wide,

routine immunization with the live attenuated JE vaccine (raised against the SA

14-14-2 strain) in 2009. The live attenuated vaccine has proven to be a safe

alternative even when administered as a booster to those who had been previously

immunized with the mouse brain-derived inactivated vaccine [78–80].

3.2 Federal Democratic Republic of Nepal

The first cases of JE in the landlocked Himalayan country of Nepal were believed to

have migrated from neighboring India [81]. The first clinical diagnosis was done in

1978 from the Terai district of Rupandehi. Since then the entire Terai region has

been reported to be endemic for JE [82]. The Terai region experiences tropical

climate with high temperature, high humidity, vast rice fields, and flourishing pig

rearing—all of which increases the risk of JE in that particular region. Surveillance

studies have shown that 4 western Terai districts are more affected than 20 -

non-western districts [83]. Outside the Terai, an outbreak of JE in Kathmandu

valley in the hill region was confirmed in 1997 [84, 85], and JE endemicity was also

reported in 2006 [69]. Since then there has been reports of JE from many other

districts, and currently JE has been confirmed in 54 of the 75 districts in Nepal [86].

Nepal has the second highest prevalence of JE in Southeast Asia. Between 1978

and 2003, 26,667 cases and 5381 deaths have been reported with case fatality rates

ranging from 9.8 to 46.3% during that time [82], and between 2005 and 2010, 2040

cases and 205 deaths have been reported [87]. Since the introduction of immuni-

zation with the live attenuated vaccine in 2006, mass campaigns had been

implemented in 23 districts within next 3 years. As a result, the observed incidence
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rate of JE in those districts fell by 72–84% than the expected incidence rates thereby

marking the success of the program [88].

Apart from mass immunization, various steps have been proposed to control the

threat of JE in Nepal. Other than vector control, an important step would be to

educate pig farmers regarding the risks of JE. Pig rearing is encouraged by the

government as a mean of poverty alleviation and as a source of income which

requires little investment. However, surveys have showed that majority of the pig

farmers are either unaware of this disease or nonchalant about its seriousness

[89]. The economic burden of JE could also be significant. In Nepal, the associated

costs to families, including medical bills, medication, and lost earnings, have been

calculated to be US$1151 (10 times median monthly income) for children with

severe/moderate sequelae and $524 (4.6 times median monthly income) for those

with mild/no impairment [90].

3.3 Islamic Republic of Pakistan

Pakistan is another South Asian country that falls under the endemic zone. The

earliest report of JE comes from 114 analyzed cases of encephalitis in Karachi city

between 1971 and 1983. Out of 114, only 2 cases could be confirmed as JE by

serological investigation [91]. In the early 1980s, it was also reported that anti-

bodies against JEV could be detected in serum samples from humans, domesticated

animals, as well as rodents [92]. In 1992 following an outbreak of encephalitis in

Karachi, the JEV genome was detected from the cerebrospinal fluid of one patient

where most of the other cases were attributed to West Nile virus, JEV’s closest

genetic cousin [93]. Recently, serologic investigation performed on 467 patients

suffering from undifferentiated fever revealed that JEV IgM antibodies were

present in 32 patients [94]. Studies to identify vector species for diseases have

reveled presence of the major vector of JEV, Culex tritaeniorhynchus among other

Culicine species in Pakistan [95, 96]. Recent geopolitical and socioeconomic

changes have led to migration of people and livestock in large numbers across

the Afghanistan-Pakistan border regions such as the Khyber Pakhtunkhwa Province

and the Federally Administered Tribal Areas where vector-borne diseases in people

and livestock are common [97]. Though there are yet no reports of JE in such

places, other flaviviruses are common. A combination of increasing population,

poverty, and poor healthcare facilities with close proximity to vectors has thus

increased the risk an outbreak in the near future.

3.4 Japan

A brief history of the advent of JE in Japan has already been mentioned in the

introduction section of this chapter. JE used to be a major public health concern in
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Japan with recurrent epidemics of summer encephalitis recorded from 1871 with

major epidemics in 1924 (6000 cases, with a 60% case fatality rate), 1929, 1935,

1937, and 1948 [98, 99]. Following the isolation of the Nakayama strain of JEV, an

inactivated mouse brain-derived vaccine was developed in 1954 which was used for

mass immunization purposes. However, since May 2005, the inactivated mouse

brain-derived vaccine has been replaced by inactivated Vero cell-derived vaccine

[100]. As a result of immunization efforts, there was a gradual decrease in the

number of JE cases from the islands of Japan. From more than 100 reported cases

annually in the 1960s, less than 100 cases were reported from 1982 to 1991, and

fewer than 10 cases have been reported annually since the 1990s. This is apparently

also due to changes in agricultural and animal husbandry practices, apart from the

successful program of JEV vaccination [63]. Among the reported cases since the

1990s, some cases were from nonimmunized US servicemen stationed in

Japan [101].

A detailed analysis of all recorded cases (324) between 1982 and 1996 in Japan

showed that 13% of the cases were reported from children below the age of

10 years, 9% in the age group of 10–39 years, 50% in the 40–69 years age group,

and 29% in the age group of over 70 years. Most of the patients (95%) were living in

the western parts of Japan with no reports from the southernmost or northern parts

of Japan. JE was prevalent from the end of July to the end of October, with the

highest incidence observed in the end of August. Of the 324 cases, complete

recovery was reported from 31% patients, while 48% displayed moderate and

17% high degree of neurological sequelae. However, it is to be noted that among

these cases, nearly 56% were non-vaccinated. The study thus points that

non-vaccinated adults are at highest risk of the disease and underscores the neces-

sity to increasing the vaccine coverage [102].

Even though annual number of reported human cases further decreased in the

recent years (two in 2012, nine in 2013; www.mhlw.go.jp/english/database/db-hh/

xls/2-12.xls), JEV remains in circulation in reservoirs and vectors all across Japan

[103]. The virus has been routinely isolated from swine [104], and a high percent-

age of all tested animals remain seropositive for JE [105]. Apart from pigs, anti-

JEV antibodies have also been detected from wild boars [106], dogs [61], horses

[107], raccoons, and raccoon dogs [63] in Japan. Among vectors Cx.
tritaeniorhynchus remains widely distributed throughout Japan [108].

3.5 Kingdom of Cambodia

The earliest report of isolation of JEV from mosquitoes in Cambodia is from 1965

[65]. Existing JE data from Cambodia are based on reports from several sentinel

hospitals. Between 1996 and 1998, among 50 pediatric encephalitis cases diag-

nosed in one hospital, 18% patients were found to be JE positive [109]. In another

study conducted in a different hospital between 1999 and 2000 out of 52 pediatric

cases, 31% were JEV positive [110]. A third study conducted on patients aged
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15 years or less suffering from encephalitis, at six different hospitals over a 2-year

period, concluded that on an average, 19% of all the cases was JE (range of 13–35%

across the six hospitals). The estimated incidence of JE was 11.1 per 100,000 in

children under 15 years of age, and the mean age of JE-affected children was

6.2 years, with 95% of cases in children aged 12 years or less, and there was no

particular seasonal variation for contracting the disease [111]. Another study

conducted to estimate the disability from JEV infection in Cambodia showed that

11% of survivors had severe, 39% had moderate, and 45% had mild sequelae

[112]. However, hospital-based sentinel surveillance studies may not be true rep-

resentation of country-wide disease incidences. Thus a later study, employing the

latest modeling technique, has estimated that Cambodia has 563 cases of JE every

year with an estimated 1 in 250–500 infections resulting in clinical disease

[113]. To assess the role of pigs in the JEV infection cycle in Cambodia, serum

samples were collected from eight provinces. Tests revealed that more than 95% of

the pigs sampled were positive for anti-JEV antibodies suggesting that human JE

disease also had the potential for high prevalence [114, 115]. Following the success

of a cost-effectiveness analysis of immunization program with the SA 14-14-2

vaccine [116], the Cambodian government has initiated routine immunization

against JE from October 2009 onward covering children aged 10–25 months, and

within a year, almost 50,000 children had been covered under this program.

3.6 Kingdom of Thailand

Thailand is a country in Southeast Asia bordering Myanmar, Laos, Cambodia, and

Malaysia—all of which are endemic for JE. Like many other Asian countries,

agriculture, especially rice cultivation, forms a major economic pillar for

Thailand. As per data available from the Asian Development Bank, Thailand was

the largest exporter of rice in the world till 2012 (https://www.adb.org/sites/default/

files/project-document/73082/43430-012-reg-tacr-03.pdf) and the sixth largest pro-

ducer. The large swaths of rice cultivation fields correlate with the high concentra-

tion of various mosquito species, including several known vectors of JEV

[117]. Indeed, among all other species of mosquitoes identified in Thailand,

Culex sp. is the most common taxon [118].

JE was first reported from Thailand in the early 1960s. The virus was isolated

from mosquitoes [119], and epidemics were reported from 1969 to 1970

[120]. Since then there has been sporadic reports of JE every year with

1500–2500 cases reported annually throughout the 1970s and 1980s

[121, 122]. JEV transmission cycle is believed to last year-round in Thailand with

the peak between the months of May and October. Many cases of JE have been

reported from the Chiang Mai valley in the northern part of the country with a high

incidence rate (14.7/100,000); however a more recent study predicted cases to be

concentrated in central or southern part of the country [123–127].
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Immunization against JE was first introduced in the early 1970s [128], and in

1990s onward locally produced inactivated mouse brain-derived vaccine was

introduced into the routine immunization schedule [129]. A vaccination coverage

survey conducted in 2003 concluded that more than 80% of children between the

age group 1 and 3 were vaccinated against the disease. As a result of this program

along with vector control efforts, data available from the number of encephalitis

cases reported nationally between 2002 and 2008 was significantly reduced and

ranged from 297 to 418 per year [130]. However, despite all efforts, JE remains an

important cause of encephalitis in Thailand, responsible for an estimated 15%–39%

of hospitalized encephalitis cases [130, 131].

3.7 Lao People’s Democratic Republic (Laos)

Laos is a landlocked country bordered by Myanmar, China, Vietnam, and Thailand.

Earliest records of JE from this country are available from the World Health

Statistics in 1974 that reports about 34 cases [125]. In a study conducted in 1994,

an endemic pattern of JE was proposed in Laos in which prevalence rates of JE

antibodies increased gradually with age in residents and changed seasonally in

slaughtered swine [132]. However, till then JEV activity was considered to be low

as many of the human patients screened was negative for anti-JEV antibody. Later

studies on 729 swine blood/serum samples collected between 2008 and 2009

revealed anti-JEV antibodies in 74.7% cases [133]. Other studies performed later

on have indicated higher prevalence of the disease in urbanized regions of Laos

[134]. Following the construction of the Nam Theun 2 Hydroelectric Project,

located in the south-central part of Laos on the Nakai Plateau, a serosurveillance

study conducted on the resettlement zones near the dam/reservoir area showed that

about 10% of the sample population were positive for anti-JEV antibodies. This

also correlated with the increased numbers of mosquitoes in that areas belonging to

the Culex species, specifically those that are known vectors for the disease

[135]. Another recent seroprevalence study from human population in northern

Laos reported that of 1136 samples analyzed, antibodies to JEV were detected in

39.4% of the population [136]. In 2015, Laos became the first country to start mass

immunization against JE with the cooperation of the Global Alliance for Vaccines

and Immunization. An estimated 1.5 million children under the age of 14 were

proposed to be covered under the program which was to be incorporated into the

national immunization schedule by 2016 (http://www.who.int/immunization/news

room/press/lao_japanese_encephalitis_apr2015/en/).
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3.8 Malaysia

Malaysia is a Southeast Asian country with year-round transmission peaking

between October and December. The earliest JE cases were reported in the early

1950s. Sporadic cases of JE are reported now and then from the country with the

Ministry of Health surmising that between 9 and 82 cases have been reported each

year since 1985, mainly in the states of Perak, Penang, and Sarawak. Between

1989 and 1998, another 531 cases were reported with 33 deaths [137]. There was

an epidemic between October 1998 and March 1999 with 157 cases (42 confirmed

and 115 suspected) in Peninsular Malaysia, out of which there were 58 fatalities.

As pig farming is a thriving industry in the country (more than 544 pig farms

exist in Malaysia (http://www.agnet.org/library.php?func¼view&style¼type&

id¼20160224103337)), most of JE-affected persons have been adults living in the

vicinity of pig farms in the states of Perak (Kinta District) and Negeri Sembilan in

the west of Peninsular Malaysia [138]. Mass vaccination against JEV is conducted

in the country and a survey of JE cases between 1997 and 2006 showed a 45% drop

in JE risk post vaccination [139]. However, few cases are still reported every year.

A long-term follow-up study involving 118 serologically confirmed cases of JE

conducted over a period of more than 8 years based in the state of Sarawak reported

that 44% patients made a full recovery, and 3% had mild, 26% had moderate, and

31% had severe neurological sequelae. About 86 patients were monitored for a

median time duration of approximately 53 months (range, 0.9–114.9 months) which

showed varying degrees of permanent neuropsychological sequelae and behavioral

disorders [140].

3.9 Myanmar (Formerly Burma)

The earliest records of presence of JE in Myanmar are from two serological

investigations carried out in 1968 and 1970. Results from both investigations

indicated the presence of JEV-neutralizing antibodies in some cases (accurate

figures unavailable). In contrast, these antibodies were present in 91% of sera

collected from pigs across the country [141]. A JE outbreak was reported in 1974

in Shan State in which 5 cases (4 deaths) were reported followed by 42 cases

(32 deaths) in the following year. The disease was at a peak between July and

October, and 83.3% of the patients were under 20 years old. Subsequent investiga-

tion showed that Cx. tritaeniorhynchuswas likely to have been the main vector, and

the JE antibody positive rates were 81.5% and 42% in domestic animal and human

populations, respectively [142]. However, a later serological survey conducted in

the Rangoon region from children aged 8 years or less and piglets aged 8 months

failed to detect significant number of JEV-positive human samples even though

more than 52% of swine samples tested positive. This study also went on to report

the presence of important JEV vectors such as Culex tritaeniorhynchus, Culex
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gelidus, Culex vishnui, and Culex fuscocephalus in Myanmar [143]. More recent

studies have reported on the continued presence of JEV-carrying vectors at places

bordering China and Laos [144, 145]. Immunization against JEV is not part of the

regular mandatory vaccination schedule in Myanmar (as per the Demographic and

Health Survey 2015–2016, Key Indicators Report, Government of Myanmar

accessed from: http://www.moh.gov.mm/file/MDHS%202015-16%20KIR.pdf).

However, as per reports available in news media, 40,000 children are supposed to

be vaccinated in 2016 as a response to 19 JE-related deaths in Myanmar (accessed

from http://outbreaknewstoday.com/myanmar-japanese-encephalitis-kills-19-this-

year-40000-to-be-vaccinated-41275/).

3.10 People’s Republic of Bangladesh

In spite of bordering India and Myanmar, two countries with very high prevalence

of JE, Bangladesh till date has had very few reported cases of JE. The earliest report

of JE was from an outbreak in 1977 near Mymensingh in central Bangladesh. A

surveillance program based on serological investigations showed that 1.9% of 1046

healthy persons tested were positive for antibody against the virus [146]. Mosqui-

toes collected from different pools also tested negative for JEV. Since then there

were no other reported cases of the disease from anywhere in the country. However,

a prospective hospital-based surveillance study carried out by the Centre for Health

and Population Research and the Centers for Disease Control and Prevention

(CDC), Atlanta and Ft. Collins, USA, between June 2003 and 2005 at Dhaka,

Mymensingh, and Rajshahi Medical College Hospitals, evaluated 2609 patients

with 492 meeting criteria for screening for JEV. The study results showed that

approximately 4% of the encephalitis cases could be attributed specifically to JEV

[147]. The estimated incidence of JE found rates as high as 2.7 per 100,000

populations in the division of Rajshahi, 1.4 in Khulna, and 0.6 in Chittagong.

However, a drawback to the study was their non-inclusion of negative data from

early symptomatic patients. Recommended diagnosis based on IgM responses to

JEV is best done after 10 days of appearance of symptoms. Any negative result

obtained from samples collected prior to that period should ideally be classified as

JE unknown. Thus the data presented by Hossain et al. could underestimate the

actual incidence rate of the disease [148]. Currently, immunization against JE is not

part of the regular vaccination program in Bangladesh, but in 2014 a clinical trial

was conducted to evaluate the efficacy of SA 14-14-2 JE vaccine and their lot-to-lot

variability so that it could be recommended to be routine component of immuni-

zation programs [149].
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3.11 People’s Republic of China

With a population of over 1.381 billion, China is the world’s most populous

country. JE cases have been reported from all over the country except the three

neighboring provinces—Qinghai, Xinjiang Uyghur Autonomous Region, and

Tibet. However, seropositivity for JEV antibodies has now been reported from

human and swine samples in Tibet, along with an increase in pig farming, and

presence of primary vector, Cx. tritaeniorhynchus, from which genotype V of JEV

was isolated [150, 151]. The provinces of Shaanxi, Sichuan, Guizhou, and Yunnan

are reported to be highly endemic regions. The first cases of JE from this country

occurred in the 1940s [152] though their reports are sketchy. Since mandatory JE

case reporting system was initiated in 1951, there have been two major JE epi-

demics in China. The first one was in 1966 that had an annual incidence of >15/

100,000 nationwide, whereas the second, in 1971, was associated with 174,932

cases of morbidity and an incidence of 20.92/100,000 [153]. The inactivated mouse

brain-derived vaccine raised against the P-3 strain was introduced for mass immu-

nization purposes in the 1970s that was replaced by the live attenuated vaccine

based on the SA 14-14-2 strain 1989. By 2006 an estimated 300,000,000 people

living in 16 provinces were supposed to have been covered by the anti-JE immu-

nization program, and since then the scope of vaccination has been further extended

to cover various rural regions [154]. Due to these rigorous vaccination efforts, there

has been a gradual decrease in JE incidence across China. Prior to the 1990s, the

annual morbidities numbered between 20,000 and 40,000 and between 1996 and

1999 varied from 8556 to 12,490. However, between 2000 and 2005, JE morbidities

decreased from 11,779 to 5097. The annual incidence rate declined from 0.9489/

100,000 to 0.3898/100,000, whereas the mortality rate also decreased from 0.0302/

100,000 to 0.0164/100,000. Over this 6-year period, the annual mortality rate

ranged from 2.51 to 4.66% [155]. However, small-scale epidemics are still reported

from some regions in the country sporadically. A study conducted in the Dehong

Prefecture in western Yunnan Province in 2010 found the incidence rate to be 10.4/

100,000 children <15 years of age which was manyfold higher than the national

average. This high incidence of JE was attributed to irregular immunization pro-

grams conducted in that region [156]. Interestingly, the Wuhan province remained

JE-free for three consecutive years between 2005 and 2008; however, the disease

reemerged in 2009 and 2010 [157].

As the largest developing country, China has experienced considerable changes

in climate over during the last decade with more rapid changes in the past 50 years

[158] that are hypothesized to be detrimental on frequency and distribution of

mosquito-borne diseases which are a major cause of hazard to public health in

China [159]. A positive relationship between climatic variables (monthly maximum

temperature, minimum temperature, and total rainfall) and JE transmission in both

rural and urban regions in China has been reported [160, 161]. As mosquito vectors

for JE are known to be night feeders, a correlation between duration of sunshine and

incidences of JE has also been reported from multiple studies in China [162–
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164]. As in many other highly endemic countries, JE in China is a seasonal

epidemic disease with approximately 90% of cases recorded in July, August, and

September each year. The peak of JE onset is 1 month earlier in South China than in

the north of the country [152]. This corresponds with the rainy season whence

mosquito population thrive. Cx. tritaeniorhynchus is the major JE vector circulating

in China which is predominantly rice field breeder. As China is currently the largest

producer of rice in the world, large swaths of paddy areas are available for breeding

of the mosquito. Surveys conducted over years have indicated that over 40 different

species of mosquitoes are found in Chinese rice fields and life cycle of Cx.
tritaeniorhynchus is reported to be intricately associated with rice cultivation as

adult mosquito population peaks with every number of crops per year [165]. A

recent study reported mutational changes in Cx. tritaeniorhynchus rendered it

immune to pesticides like deltamethrin, beta-cypermethrin, and permethrin [166].

As is wont with endemic countries, swine population across China are affected

with JE, and seropositivity for JEV antibodies has been reported from almost all

provinces. An investigation into a JE epidemic at a pig farm in the Sichuan province

in 2012 resulted in the isolation of a new strain named as SCYA201201 that was

classified as belonging to genotype I of JEV [167]. Another study conducted in the

Henan province around the same time also yielded the same strain along with other

older genotype III strains. Further analysis of data from other sites has led to the

belief that swine JEV genotype III is predominant in swine population in China but

the genotype I is emerging and spreading rapidly in recent years [168].

3.12 Republic of China (Taiwan)

The Republic of China is mainly composed of the island of Taiwan and some

smaller islands off the coast of People’s Republic of China. Encephalitis during the
summer months had been a common feature in Taiwan since the early 1930s which

were suspected to be JE based on clinical features of the disease. However, definite

proof of the involvement of JEV was not obtained until 1958 when researchers from

the US Naval Medical Research Unit Number 2 based in Taiwan succeeded in

isolating the virus [169]. Since then JE is considered to be endemic in Taiwan and

has been designated as a notifiable infectious disease since 1955. The highest

incidence rate of confirmed JE cases (2.05 per 100,000) was recorded in 1967

[170]. After mass vaccination program was implemented in 1968, the incidence rate

of confirmed JE cases declined significantly to 0.052 (in age group <30 years) to

0.167 (in age group >30 years) per 100,000 population between 2001 and 2012

[171]. From 1998 to 2012, the annual number of confirmed JE cases ranged from

13 to 37 [172], and in 2016, till November, there has been 23 recorded cases of JE in

Taiwan where, with the exception of 1, all other cases are from persons above the

age of 35 years (http://www.cdc.gov.tw/english/surveillancesmore.aspx?

treeid¼00ed75d6c887bb27&nowtreeid¼f0131176aa46d5db&tid¼7B98079D47

D2133B: 3rd category report of every month).
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Although the incidence of JE in children less than 10 years of age had decreased

significantly over the years, a disturbing trend currently observed is the sporadic

cases of JE in adults from all over the island. In 2004 a seroepidemiological study of

JE in Taiwan was commissioned by the CDC Taiwan whose aim was to evaluate the

vaccination program in Taiwan by assessing the neutralizing antibody among

people of various age groups from different living environments. A total of 2800

residual serum samples, collected from hospitals around the island, were stratified

by 7 age groups and 4 living areas. Each age group included 400 samples equally

distributed among areas. The seroprevalence of anti-JEV antibody was compared

among cohorts as well as among areas. In northern Taiwan, the cohorts born during

1953–1962 and 1963–1972 were found to have the lowest seroprevalence of 44%.

In central Taiwan, the cohort born during 1953–1962 had the lowest seroprevalence

of 35%, followed by the 1973–1982 cohort (40%). In southern Taiwan, the popu-

lation with the lowest seroprevalence (33%) was surprisingly found in the

1983–1992 cohort, followed by the 1963–1972 cohort (39%). In eastern Taiwan,

the population with the lowest seroprevalence was also the 1963–1972 cohort

(32%), followed by the 1973–1982 cohort (42%). Overall, the 1963–1972 cohort

had the lowest seroprevalence of 40.8%, followed by the 1953–1962 cohort of

44.5%. The 1983–1992 and 1973–1982 cohorts also had relatively low seropreva-

lence of 45%. The study inferred that anti-JEV antibody seroprevalence was lower

among the 10–50-year-old age groups, suggesting the opportunity of natural infec-

tion has largely decreased, the persistence of vaccine has reduced, and the size of

susceptible population might increase as well (http://www.cdc.gov.tw/english/

programresultinfo.aspx?treeid¼9d909a43ebf2819d&nowtreeid¼7b5b3c66a1ff6

e25&tid¼7F829A8E0F776FA1).

In Taiwan, a total of 11 species of mosquitoes are reported to carry JEV

including Cx. tritaeniorhynchus, Cx. annulus, Anopheles sinensis, Armigeres
subalbatus, and Cx. fuscocephala. Among them, Cx. tritaeniorhynchus is the

most frequently identified JEV-positive species followed by Cx. annulus and An.
Sinensis. Cx. tritaeniorhynchus and An. sinensis are the most frequently identified

mosquito species on the pig farms, whereas Cx. tritaeniorhynchus and Cx. sitiens
are most frequent in the wetlands [172].

3.13 Republic of India

India is the second most populous country in the world with over 1.2 billion people

and is the world’s seventh largest economy. India’s recent growth and development

has resulted in improved health conditions but still faces considerable challenges in

the form of “triple burden of disease”—unfinished agenda of communicable dis-

eases, emerging noncommunicable diseases related to lifestyle, and emerging

infectious diseases. India is endemic for JE, and frequent epidemics have been

reported from parts of the country. Approximately 597,542,000 people in India

have been estimated live in JE-endemic regions, and 500 to 4000 cases are reported
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every year [173] (see Table 3). Though JE is categorized as an emerging infectious

disease, in India the presence of the virus was first indicated in a serological

investigation that took place in 1952. Serum samples collected from different

places in Southern, Western, and Central India showed positive results for the

presence of anti-JEV antibodies (19 out of 588 samples) [174]. The first human

case was reported from Vellore district of Tamil Nadu in 1955 [175], and in

between 1955 and 1966, a total of approximately 65 sporadic cases were reported

[176]. The incidence rate was later estimated to be 15/100,000 population of

children belonging to the age group of 5–9 years in Tamil Nadu [177]. The virus

was first isolated in 1958 from a JE case [178]. In 1973, a major outbreak resulting

in a 42.6% fatality rate was reported in the Bankura and Burdwan districts of West

Bengal [179, 180] followed by another in 1976 in Burdwan only [181]. Since then,

JE cases have been reported from many other states and union territories (21 till

date) and are currently reported from the states of Andhra Pradesh, Assam, Bihar,

Goa, Haryana, Karnataka, Kerala, Maharashtra, Manipur, Odisha, Tamil Nadu,

Uttar Pradesh, West Bengal, and Nagaland and the National Capital Region

[70, 182]. In 1978, a major JE epidemic occurred in Gorakhpur, Uttar Pradesh,

with 1002 cases and 297 deaths reported [183]. Multiple subsequent outbreaks

reported from this region since then with varying intensity and magnitude thereby

led this region to be designated as the “JE epicenter” of India. Data of the recorded

JE cases over three decades show that between 1978–1987 and 1988–1997,

20–25% of total cases in India originated from this region; between 1998 and

2007, this was dramatically increased when more than 50% of total Indian cases

were from Uttar Pradesh.

The overall incidence rates varied from 0.01 to 9.87/100,000 between 1978 and

1987 but were increased in several districts in the next decade. The Kushinagar

district reported the highest incidence rate of 29.90/100,000 population, followed

Table 3 Number of recorded

JE cases and deaths in the last

7 years in India (data as per

[184] and Directorate of

National Vector Borne

Disease Control Program of

India)

Recorded JE cases Deaths

2004 1714 367

2005 6727 1682

2006 2842 658

2007 4024 963

2008 3839 684

2009 4521a (653 JE) 774a

2010 555 112

2011 1214 181

2012 745 140

2013 1086b 202

2014 1661b 293

2015 1730b 291

2016 (provisional) 1627 278
aAES
bData similar to that reported by the World Health Organization

but not exactly the same (see Table 2)
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by Maharajganj (21.80/100,000) and Gorakhpur (10.01/100,000) [185]. As per

recorded case history between 1978 and 2004, more than 10,000 lives have been

lost to JE in Uttar Pradesh state of India. In 2005 there was another severe JE

epidemic in the same region with 6061 cases and 1500 deaths, followed by another

in 2006, with 2320 cases and 528 deaths, and in 2007, with 3024 cases and

645 deaths [184, 186]. However, the case fatality ratio has been decreasing in

Uttar Pradesh with every epidemic. In the 2005 JE outbreak, the overall CFR was

24.9% as compared with earlier outbreaks in 1978 (31.5%), 1985 (34.5%), and

1988 (31.5%) [185].

Assam is another state with high number of JE cases. Initial cases of JE were

reported in the early 1980s [187] followed by a major outbreak in 1989 with a

recorded case fatality ratio of 50% [188]. Since then, cases of JE have been reported

regularly from Assam which were mostly in the age group of <12 years

[189]. Since the mid-2000s, a shift in the primary age group of JE-affected cases

has been observed. A cross-sectional study on patients with AES in Assam between

2007 and 2009 showed majority of the confirmed cases of JE were being reported

from persons above the age group of 15 years [190, 191]. Though adult cases of JE

are not unheard of in India, the situation in Assam is unique where adult cases

outnumber pediatric cases.

Apart from the states that frequently report JE cases, the state of Odisha

(formerly Orissa) has seen a spike in JE cases in 2016. The only previously

known outbreak in Odisha was in 1989 when 41 cases with a case fatality rate of

36.6% were reported from the city of Rourkela [192]. No significant reports of JE

outbreaks were available till 2016 when tentatively 242 cases of JE were reported

along with 42 deaths in the Malkangiri district (http://www.nvbdcp.gov.in/Doc/je-

aes-cd-31Dec16.pdf).

There is an abundance of vectors as well as amplification host and reservoirs of

JEV available in India. The most common mosquito species responsible for the

spread of JE in India is Cx. tritaeniorhynchus though the virus has been isolated

from other species of mosquito also. Table 4 lists all such species and the regions of

the country from where they were isolated. India also has a very high population of

pigs which, as per the 19th livestock census conducted by the Department of

Animal Husbandry, Dairy & Fisheries of the Ministry of Agriculture & Farmers

Welfare, Government of India, constitutes around 1.30% of the total world’s
population (http://dahd.nic.in/sites/default/files/Livestock%20%205.pdf). The

close proximity of mosquito vectors, pigs, and ardeid birds does contribute to the

epidemiology of JE in India [193].

An indigenous version of the inactivated mouse brain-derived vaccine was

produced by the Central Research Institute, Kasauli. Prior to 2006, JE vaccines

were available at a subnational level in places which reported disease outbreaks.

The anti-JE vaccination campaign was launched during 2006 wherein 11 most

sensitive districts in Assam, Karnataka, and Uttar Pradesh were covered. In 2007

and 2008, the program was expanded to include Andhra Pradesh, Bihar, Haryana,

Maharashtra, and Tamil Nadu that has resulted in reduced incidence of JE in these

states [182]. Till date altogether 86 JE-endemic districts in the states of Assam,
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Andhra Pradesh, Bihar, Haryana, Goa, Karnataka, Kerala, Maharashtra, Tamil

Nadu, Uttar Pradesh, and West Bengal have been covered.

3.14 Republic of Indonesia

Indonesia is the world’s largest archipelagic state consisting of more than 1000

islands lying between the Indian and the Pacific oceans. Currently Indonesia is the

world’s third most populous democracy and the largest economy in Southeast Asia

(http://www.worldbank.org/en/country/indonesia/overview). The first data

suggesting JE virus transmission in Indonesia were from animal and human

serosurveys conducted in the mid- to late 1960s. However, almost all the investi-

gations utilized hemagglutination inhibition (HI) assays which show significant

cross-reactivity, and thus the results are considered inconclusive [194–196]. The

presence of JE virus was confirmed when it was isolated in 1972 from Cx.
tritaeniorhynchus mosquitoes near Jakarta [197] and later from Anopheles
annularis and Anopheles vagus from Lombok island [198]. Subsequently JEV

was also isolated from vectors obtained from West and Central Java [199] and

from pigs and mosquitoes near Jakarta and Bali [200–202]. Since the early 1970s,

there have been reports of intermittent serologic surveys that have suggested JEV

Table 4 Japanese encephalitis vectors in India (data as per National Vector Borne Disease

Control Programme of India)

Species

No. of

isolations State

Cx. tritaeniorhynchus 79 Tamil Nadu, Karnataka, Kerala

Cx. vishnui 30 Tamil Nadu, Karnataka, West Bengal

Cx. pseudovishnui 8 Karnataka, Goa

Cx. bitaeniorhynchus 3 Karnataka, West Bengal

Cx. epidesmus 1 West Bengal

Cx. fuscocephala 7 Tamil Nadu, Karnataka

Cx. gelidus 8 Tamil Nadu, Karnataka

Cx. quinquefasciatus 1 Karnataka

Cx. whitmorei 4 Tamil Nadu, Karnataka, Andhra Pradesh, West

Bengal

An. barbirostris 1 West Bengal

An. paeditaeniatus 1 Karnataka

An. subpictus 9 Tamil Nadu, Karnataka, Kerala

Ma. annulifera 2 Kerala, Assam

Ma. indiana 3 Kerala

Ma. uniformis 4 Karnataka, Kerala

Cx. Culex; An. Anopheles, Ma. Mansonia

Overview on Japanese Encephalitis in South and Southeast Asia 297

http://www.worldbank.org/en/country/indonesia/overview
http://www.nvbdcp.gov.in/je4.html
http://www.nvbdcp.gov.in/je4.html


transmission in several areas of Indonesia [203–206]. However, reports of con-

firmed human cases were infrequent and from limited areas. In 1981–1982 in

Jakarta, about one in four children with clinically suspected viral encephalitis in

two hospitals showed a fourfold rise in JEV titer with HI and immune adherence

hemagglutination test. In 1985, seven JE cases with IgM in CSF were identified

among hospitalized patients with encephalitis in Yogyakarta, Central Java. Other

sporadic reports have come from Timika, Irian Jaya, and Sumatera which could not

be serologically confirmed to be JE [207]. The first laboratory-confirmed cases of

JE were reported in 1996 from patients suffering from viral encephalitis using IgM

capture ELISA both on serum and CSF samples in Bali [208]. Subsequently,

hospital-based surveillance in Bali from 2001 to 2003 showed a total of 86 JE

cases among 239 pediatric patients with 10% mortality rate, and 37% of survivors

suffered from severe sequelae. The estimated incidence rate was calculated to be

8.2 per 100,000 in children under 10 years of age [209]. Another sentinel surveil-

lance involving 15 hospitals in 6 provinces from 2005 to 2006 further confirmed the

presence of JE cases in all provinces throughout the year, with 95% of cases

occurring in children under 10 years of age, and thus confirmed that JE was

endemic in Indonesia [207]. However, currently there are no active anti-JE immu-

nization programs in Indonesia even though modeling studies have predicted them

to be cost-effective [210].

The importance of Indonesia with respect to JE could also be appreciated from

the fact that according to current understanding, this is the place of origin of the

virus. The tropical climate of the Indonesia/Malaysia region, together with its

plethora of distinct fauna and flora, may have driven the emergence and evolution

of JEV as evidenced by the genetic diversity of JEV found here. This is also the

only region where all five genotypes of JEV can be found [211].

3.15 Republic of Korea (South Korea)

Though recorded evidences are lacking, a long association with Japan—politically,

culturally, as well as socioeconomically—is possibly the reason for the introduction

and rapid propagation of JE into the Korean Peninsula. Amidst the geopolitical

upheavals of the 1940s and 1950s, a large number of foreign military personnel,

most belonging to the United States, were stationed in the Republic of Korea. It is

from these nonimmunized personnel that the first recorded cases of JE are reported

from this region [212, 213]. However, the population of the country as a whole also

did not escape the ravages of this disease. The epidemic of 1949 reported 5616

cases and 2729 deaths [214]; the epidemic of 1958 recorded 2177 mortalities

among 6897 incidences. Between 1960 and 1968, the annual incidence of JE was

1000–3000 cases per year, with an annual mortality of 300–900 [215].

Measures to control the menace of JE were adopted from the early 1970s. Apart

from vector control efforts [216], vaccination against JEV was first introduced in

1971. Even though it was not widely available across the country, the number of JE

298 K. Dutta and A. Basu



cases steadily declined throughout the 1970s and 1980s with the only aberration of

1983 when 1197 cases and 40 consequential deaths were reported [217]. Since then

immunization against JE was incorporated into the national vaccination program

which includes annual booster vaccine for all children less than or equal to 15 years

of age [218]. The success of the vaccination program can be ascertained from the

fact that from the mid-1980s till 2009, there has been very limited reports of JE

from the country with incidence rates as low as<0.02 cases per 100,000 population

[218]. However, since 2010 JE has reemerged in South Korea, and available records

show the reported number of cases has been steadily increasing till 2015 (except for

2011, when only 3 cases were reported) when incidence was highest (40 cases). A

total of 19 patients died during 2010–2014 (overall case fatality rate 21.3%),

whereas during the previous 25 years (1985–2009), only five deaths were attribut-

able to JE [219]. Interestingly, the median age of the persons affected from JE

during this reemergence was found to be 53 years. Though the possibility of

non-vaccinated adults getting affected by JEV is not remote, in case of South

Korea, 98.1% of adults at risk had neutralizing antibodies against the virus,

probably resulting from low-grade natural infections at younger age [220]. This

raises questions about the lifelong efficacy of childhood immunization, and further

booster doses may be required to effectively curb the menace of JE.

3.16 Republic of the Philippines

The Philippines is a western Pacific archipelago (approximately 7107 islands)

situated in Southeast Asia. A serosurveillance study conducted in the early 1940s

to detect arbovirus infections first reported the presence of JEV-neutralizing anti-

bodies in Philippine horses [221], and the first isolation of the virus from Culicine
vectors was made in the late 1970s [32, 222]. Recent studies also document the

abundant presence of JEV vectors in the Philippines [223]. This in part is supported

by the fact that as typical in Asia, rice cultivation is a major contributor to the local

economy. Although not sufficient to sustain the domestic need, the Philippines is

still the 8th largest producer of rice in the world, and interestingly pork also forms a

major constituent of local diet. In fact according to recent data available from the

Philippine Statistics Authority, there has been a constant increase in pork produc-

tion in the country over the last decade (~4% increase in 2016 from 2015) (https://

psa.gov.ph/content/swine-industry-performance-report-2). It is likely that a combi-

nation of these two factors (rice cultivation and swine rearing) contributes to the

persistence of JEV in the Philippines.

There have been several reports of JE from different regions/islands of the

archipelago which have been reported in various scientific communications with

the first clinically recorded cases in 1972. A thorough compilation of all such

reports can be found in a recently published review article [224]. From 29 published

reports and presentations on JE in the Philippines, Lopez et al. concluded that

between 1972 and 2013 there were 257 laboratory-confirmed cases of JE. The JEV
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was found to be the causative agent in 16–40% of clinical encephalitis cases and

also in 7–18% of cases representing a combination of meningitis and encephalitis.

Like many other places, children in the Philippines less than 15 years of age were

predominantly affected by JE, and 6–7% of cases resulted in death. Recent surveil-

lance data between January 2011 and March 2014 identified 73 (15%) laboratory-

confirmed JE cases out of 497 cases tested. The peak season for disease transmis-

sion was found to cover the months of June–July. Currently a proposal to include

vaccination against JE in the Expanded Program on Immunization by the Depart-

ment of Health of the Philippine government is under consideration (http://www.

pchrd.dost.gov.ph/index.php/news/library-health-news/4878-doh-to-include-je-vac

cine-in-immunization-program).

3.17 Republic of Singapore

Singapore is a small island city-state in Southeast Asia with Malaysia and Indonesia

as its neighbors. Singapore is used to be under the endemic zone of JE with multiple

reported cases [225–229]. Since phasing out of pig farming between the early 1980s

and 1992, incidence of reported cases became very low. Between 1991 and 2005,

there are reports of only six cases, out of which three were imported but in the case

of three other patients, the disease seemed to be contracted within the country

[230]. Seroepidemiological studies on the prevalence of neutralizing antibodies to

JEV conducted on a variety of domestic or peridomestic animals showed a preva-

lence of 46.5% in dogs and 60% in chickens [231, 232]. Thus, even after abolition

of pig farming, the virus seems to persist in other vertebrate hosts. However, as the

reported number of cases is low and infrequent, currently vaccination against JEV

is not part of the immunization schedule in the country.

3.18 Socialist Republic of Vietnam

Vietnam is a Southeast Asian country bordering China, Laos, and Cambodia.

Postcolonial rule and Civil War era Vietnam was marked with economic back-

wardness and political isolation that took a toll on its healthcare sector. The virus

was first isolated from vectors in 1951 [233], and epidemics of JE have been

frequently reported since the 1960s, with reported incidence rates as high as

22 per 100,000 population [125]. In Vietnam acute encephalitis syndrome (AES)

cases are counted and reported as a surrogate for JE surveillance. From 1985

through 1993, annual AES incidence rates in Vietnam, reported as JE incidence,

ranged from 1 to 8 cases per 100,000 population [234, 235]. The highest incidence

rates were reported from provinces in the Red River Delta region in the northern

part of the country. In South Vietnam, the highest morbidity of 936 patients was

recorded in 1980, while the highest mortality of 339 deaths was recorded in 1977.
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The lowest figures of morbidity were 197 cases in 1990 and lowest mortality was

34 deaths in 1985. Sporadic cases were reported throughout the year, but small

annual outbreaks with low peaks were usually reported in February and July

[236]. Between 1998 and 2007, the incidence rates in this region have been reported

to be 1.9 cases annually per 100,000 inhabitants, with a mean case fatality of 6.4%

[235]. Rates were also high in some provinces in the Mekong River Delta region in

the southern part of the country. Both Red River and Mekong Delta regions are

major rice-producing areas which make Vietnam the fifth largest rice producer in

the world. Among mosquito species, Cx. tritaeniorhynchus, Cx. vishnui complex,
Cx. fuscocephala, and Cx. gelidus are abundantly found in rice agroecosystems

(rice fields, ditches, ponds, and wetlands) in Northern Vietnam, and their numbers

increased during the rainy season [237]. Also these regions have flourishing pig

industries, which make them ideal enclave of vectors and vertebrate hosts of JEV

[238]. Apart from rural areas, JEV has been reported to circulate in urban areas of

Southern Vietnam. A study in 2013 detected both genotypes I and III of JEV from

mosquitoes caught from Ninh Kieu District of Can Tho City. Serological analyses

from pigs also revealed that 100% of the samples were positive for anti-JEV

antibodies [239].

Since 1997, a locally produced mouse brain-derived inactivated vaccine has

been administered to children exclusively under the age of 5 years and was also

included in routine childhood immunization program in selected high-risk districts.

As a result of vaccination, a decrease in incidence rates was observed in the high-

risk regions. Data available from the Hatay Province (a high-risk region) showed

that the JE incidence rate dropped from >20 per 100,000 in 1996 to around 5 per

100,000 in 1999, with the majority of cases still occurring among children aged

<15 years. However, no further decline was noted during 1999–2004 [240].

3.19 Timor-Leste

Timor-Leste is the first new sovereign state of the twenty-first century after it

gained its independence from Indonesia in 2002. As part of the island chains that

form the Indonesian archipelago, this country is also considered to be under the

JE-endemic zone. An Australian Quarantine and Inspection Service (AQIS) and

Australian Defense Force (ADF) collaboration study in 2000 in conjunction with

the WHO reported the presence of anti-JEV antibodies in serum samples from pigs

in Timor-Leste. Later on human patients manifesting encephalitis-like symptoms

were reported to the WHO by doctors associated with Médecins Sans Frontières

which were later confirmed to be positive for JEV by laboratory tests (www.who.

int/disasters/repo/5362.doc). Since then as per WHO records, there have been few

identified cases of JE over the years in Timor-Leste (Table 2).
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3.20 Other Countries

There are some other South or Southeast Asian countries from where there is a lack

of reliable data regarding confirmed cases of JE or seroprevalence of anti-JEV

antibodies in human or other vertebrate hosts or in the vectors. Hence, brief

mentions of such countries are given below:

(a) Afghanistan falls under the endemic zone of JE [241], even though there are no

reported cases available. Serological studies from patients suffering from acute

febrile illness have reported the presence of other vector-borne flaviviruses such

as West Nile virus, dengue virus, and tick-borne encephalitis virus [242]. The

presence of JEV-specific vectors, i.e., mosquitoes belonging to Culex
sp. including Culex tritaeniorhynchus, has been reported from Afghanistan

[243, 244], and thus the risk of future emergence of the disease remains.

(b) TheDemocratic People’s Republic of Korea (DPRK, North Korea) is isolated

from almost the rest of the world, and thus practically no information regarding

status of JE are available in the public domains. Data available from the WHO

shows that there were 134 reported cases between 2006 and 2015 (see Table 2).

A joint effort by the WHO, the United Nations Children’s Fund, the Global

Alliance for Vaccines and Immunization, and the International Vaccine Insti-

tute with the Government of DPRK has resulted in the supply of vaccines for

multiple diseases including one for JE to this reclusive country [245].

(c) Owing to the proximity with India, specifically with the states of West Bengal

and Assam (two states with frequently reported cases of JE), the risk of

spillover to theKingdom of Bhutan is always present. There is only one report

of a 20-year-old man succumbing to JE in the year 2014 available (https://

flutrackers.com/forum/forum/emerging-diseases-other-health-threats-alphabeti

cal-a-thru-h/encephalitis/168569-bhutan-japanese-encephalitis-claims-a-life-

in-punakha) which could not be verified from any other source.

(d) The Negara Brunei Darussalam is a nation on the island of Borneo,

surrounded by Malaysia and the South China Sea. The first report of three

laboratory-confirmed cases of JE from this country was available in the year

2013 (http://www.promedmail.org/post/2026099). Interestingly, this does not

make it to the list of the WHO (Table 2)where one confirmed case is reported in

2015. However, owing to its close proximity with the neighboring Sarawak

district of Malaysia from where multiple cases of JE have been reported, future

occurrences are possible.

(e) The Republic of Maldives is comprised of a group of islands in the Indian

Ocean with frequent reports of arboviral diseases (Chikungunya and Dengue)

[246]. Even though it also falls under the endemic zone of JE, there has been no

report from this island nation till date though it should not be a cause for

complacency as tropical islands could emerge as hubs for arboviruses [247].

Beyond the realm of endemic/epidemic zone, JE is scarcely reported. From 1973

through 2013, only 68 cases of JE cases were reported to the US Centers for Disease
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Control and Prevention. These cases of JE from North American or European

countries are from travelers or expatriates who visit endemic zone long enough to

be exposed to the virus [248–254]. Among US military personnel who were serving

in South Korea during the 1950s, there were reports of many people suffering from

JE [212, 255, 256]. Currently the numbers of reported cases have reduced dramat-

ically but are yet to be non-zero [257]. As humans are dead-end hosts of the virus,

the possibility of its spread in Europe or North America by native mosquito species

is remote. However, studies have reported the detection of JEV RNA from mos-

quitoes in Italy [258] and also from birds in Italy and Spain [259, 260]. Hypotheti-

cally speaking, there is a potential risk of JEV introduction to the West Coast of the

United States where competent vectors and amplifying vertebrate hosts are avail-

able [261–263].

4 Shift in Japanese Encephalitis Virus Genotypes

The genotypes of JEV are determined by the nucleotide sequences of the structural

core (C)/pre-membrane (prM) and envelope (E) protein genes. Based on variations

in the prM gene, JEV is classified into four genotypes (I, II, III, IV); when variations

in the E gene and full-length genome were phylogenetically analyzed, the occur-

rence of genotype V was established [264]. Genotypes IV and V are believed to be

the oldest, whereas I, II, and III are newer [265]. All five genotypes have been

detected in vectors and/or reservoirs, while the number of genotypes detected in

humans is limited. While multiple strains of JEV GI and III have been reported

from humans, only two of JEV GII strains—one in Australia [266] and the other in

Korea [267]—and one of JEV GV strain fromMalaysia [268] have been detected so

far. JEV GIII was once dominant across the entire South and Southeast Asia and

was most frequently isolated in JE-endemic areas until the 1990s. However, a

gradual shift from GIII to GI occurred in many such regions over the last three or

four decades. Phylogenetic analysis of JEV isolated from vectors and pigs in

Thailand indicates that the GIII-GI shift could have begun by the 1980s [269]

followed by Japan [270, 271] and South Korea [272] in the early 1990s. Since then

GIII-GI shift has been reported from Northern Vietnam [273, 274], India [275],

China [276], and Taiwan [172]. The migration pattern of JEV GI can be visualized

in Fig. 2. JEV GI co-circulated with JEV GIII as a minor strain in some of the

countries even before the GIII-GI shift. Comprehensive phylogenetic analysis of

the JEV GI strains has demonstrated that the old and the new GI strains form

distinct lineages [277, 278]. This suggests that genetic differences in the new GI

genome might be responsible for the spread of GI viruses. Recent findings indicate

that JEV GI exhibits a higher replicative ability in mosquitoes than JEV GIII [278]

and also differ in antigenicity [279].

The factors influencing emergence and geographical spread of JEV genotypes

are not clearly understood. Some emerge in areas where they were absent before

(e.g., genotype V in Tibet, a cold and high-altitude region that was considered free
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Fig. 2 The spatiotemporal migration of Genotype 1 JEV since the 1970s. The different panels

represent temporal projections of reconstructed migration events in last 40 years (1970, 1978,

1981, 1990, 2000, 2003, 2006 and 2010, respectively). The different colors, yellow, green, light
blue, blue, dark blue, purple, orange, red, dark red demonstrates for 1970, 1978, 1981, 1990,

2000, 2003, 2006 and 2010, respectively. The panels only show the tendency of migration events

or partial migration events that have occurred up to a particular date, assuming that the virus
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of JEV [150, 151], and genotype I in the Australasian region [280]), whereas some

replace the dominant genotype (e.g., GIII-GI shift). The role of environmental

factors has been suggested to be associated with the complex pattern of emergence

and spread of the virus. Some reports indicated that GI and GIII viruses were

collected mostly in temperate zones, while GII and GIV isolates were collected

mostly in tropical zones [281, 282]. Paucity of comprehensive dataset of isolates

from these regions prevented rigorous analysis to confirm this hypothesis until

recently when a large-scale study reported that GIII and the recently emerged GI are

temperate genotypes likely maintained year-round in northern latitudes, while older

GI and GII are tropical genotypes likely maintained primarily through mosquito-

avian and mosquito-swine transmission cycles [283]. Wind dispersal of mosquitoes

across the Torres Strait into Australia is another example of involvement of

environmental factors. Other factors such as animal ecology (e.g., migration of

animals), human activity (e.g., pig trade introducing genotype I in Australia or

increased pig farming in Tibet), and climatic changes are variables independent to

JEV genetics that may modify the distribution area of JEV and its genotypes

[284]. Another factor could be the fitness of the virus to a new competent vector;

JEV GV, besides being isolated from Cx. tritaeniorhynchus, seems to be associated

with a new vector in the Republic of Korea, Cx. bitaeniorhynchus.
An important cause of concern regarding the shift in genotype of JEV involves

immunization efforts to control or prevent the spread of the disease. Since the

isolation of the Nakayama strain of JEV in Japan, all vaccines are based on JEV

GIII strain (see the following section). Though till date there have been no reports of
vaccine ineffectiveness due to the GIII-GI shift, this paradigm could be altered in

case of future epidemics involving JEV GV. A recent study has reported that

current GIII-based JE vaccine derived does not provide adequate levels of protec-

tion against the emerging JEV GV infections [285]. This is a cause of concern as

although GV is estimated to be the most ancestral JEV lineage, it showed a highly

active dispersal capacity (Tibet and Malaysia, Cx. tritaeniorhynchus and Cx.
bitaeniorhynchus) following its reemergence almost after 60 years since its first

isolation. Also the GV Maur strain has been reported to be more neurovirulent than

JEV GI strains [286]. If JEV GV follows a dispersal pattern similar to that of GI, it

⁄�

Fig. 2 (continued) migrates at a constant rate over the inferred time span of the branch. Blue
circles mark the hot point of migration events. AF Afghanistan, PK Pakistan, IN India, NP Nepal,

BT Bhutan, BG Bangladesh, BM Burma, TH Thailand, LA Laos, VN Vietnam, KH Cambodia, MY
Malaysia, ID Indonesia, PP Papua New Guinea, AU Australia, KP North Korea, KR South Korea,

JP Japan. Chinese provinces: HLJ Heilongjiang Province, JL Jilin Province, LN Liaoning Prov-

ince, NM Neimenggu, XJ Xinjiang, BJ Beijing, TJ Tianjin, HeB Hebei Province, SX Shanxi

Province, SaX Shaanxi Province, GS Gansu Province, QH Qinghai Province, NX Ningxia, SD
Shandong Province, SH Shanghai, JS Jiangsu Province, AHAnhui Province,HeNHenan Province,

XZ Xizang, ZJ Zhejiang Province, JX Jiangxi Province, HuB Hubei Province, CQ Chongqing, SC
Sichuan Province, HuN Hunan Province, GZ Guizhou Province, YN Yunnan Province, FJ Fujian
Province, GD Guangdong Province, GX Guangxi, HN Hainan, TW Taiwan, MG Mongolia (figure

is from [277])
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could have the potential to spread all over the endemic regions rapidly. Thus it is

clear that GV needs to be monitored closely throughout JEV-endemic regions.

5 Prophylaxis and Therapeutics

5.1 Vaccination Against JE

JE is a vaccine-preventable disease. Human immunization programs conducted in

various countries such as Japan and South Korea have successfully controlled the

spread of the disease, and many countries in the endemic zone report decreasing

number of cases every year. Currently available JE vaccines fall into four classes:

(a) Inactivated mouse brain-derived vaccines: The Nakayama strain of JEV, iso-

lated from the CSF of a patient in 1935 and maintained by continuous mouse

brain passage, has been the principal strain used in mouse brain-derived vac-

cines produced throughout Asia. This class of vaccine was initially prepared in

Japan and licensed for human treatment in 1954. A later purified version was

reintroduced by the Biken foundation in 1965 which was later also produced in

Taiwan and South Korea since 1968 [287]. Later on, the Beijing-1 strain of

virus has also been used for this type of vaccine production. However, uncer-

tainty over duration of protection, requirement of multiple booster doses and

rare reports of acute disseminated encephalomyelitis temporally associated

with this type of vaccine resulted in the search for newer generation of vaccines

with greater safety profile.

(b) Inactivated Vero cell-derived vaccines: Inactivated, Vero cell-derived, alum-

adjuvanted vaccine (SA 14-14-2 strain, attenuated, IXIARO and JESPECT)

was licensed in 2009 based on non-inferior immunogenicity to a field effective,

mouse brain-derived JE vaccine [288] and is licensed in several countries.

Production of this vaccine was transferred by technology agreement to another

manufacturer and was licensed in 2012 in India (JEEV) and since then in other

countries in Asia (http://www.who.int/immunization_standards/vaccine_qual

ity/pq266_je_1dose_biologicale/en/). Other inactivated Vero cell-derived vac-

cines are produced in China, India, and Japan using different viral strains; these

have limited or no international distribution.

(c) Live attenuated vaccines: A primary hamster kidney (PHK) cell-derived, live

attenuated vaccine based on the SA 14-14-2 strain of the JEV is licensed and

has been used widely in China since 1988 (CD.JEVAX) [289]. This vaccine has

similar immunogenicity and efficacy as compared to the inactivated mouse

brain-derived vaccine but has no or minimal side effects in comparison

[290]. The vaccine is now licensed and used in an increasing number of

countries in Asia. Two other live attenuated vaccines based on the same

attenuated strain are manufactured in China but not exported.
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(d) Live recombinant vaccine: A live attenuated, recombinant (chimeric) JE vac-

cine was developed by Sanofi Pasteur by replacing the prM and E coding

sequences of the yellow fever live attenuated 17D vaccine virus with the

analogous sequences coding for the antigenic determinants from the SA

14-14-2 live attenuated JEV strain [291, 292]. The vaccine virus is produced

in Vero cells. This vaccine was first licensed in Australia and Thailand in 2010

and since then licensed and used in a growing number of Asian countries under

the brand names IMOJEV, JE-CV, and ChimeriVax-JE. Multiple phase II and

phase III studies conducted in adults and children have demonstrated the safety

and immunogenicity of this type of vaccine, and a recent phase IV trial failed to

identify any new safety concerns and confirmed its good safety profile [293].

The mouse brain-derived inactivated vaccine has been slowly phased out from

most countries in Asia and now replaced with live attenuated, inactivated, or the

recombinant chimeric vaccine. The vaccine availability in various countries that are

under the purview of discussion of this chapter is depicted in Table 5. As countries

transition from the use of one product to another or use multiple products requiring

more than one dose, the potential exists for vaccines to receive more than one

product to finish out a series or for the purposes of a booster. Limited data exist on

vaccine interchangeability, and the few studies that have been done do not report

any adverse effects [294–297]. Interestingly, approximately all of the licensed JE

vaccines currently in use are based on genotype III virus strains. While these

vaccines reportedly retain the protective efficacy against genotypes I, II, and IV

[298], a recent report suggests that they may not do so for genotype V [285]. As

discussed earlier in this chapter, JEV genotype V could be an important pathogen in

the recent future as it is considered as an emerging genotype. Thus without an

effective vaccine, it could lead to a major problem in South-Southeast Asia.

5.2 Therapy Options

At present, there are no specific therapies targeted against the virus available.

Therapeutic options have been and even currently are being explored in many

places; however, till date there are limited options available. Most of the drugs/

compounds reported in academic researches either work in vitro or to a limited

extent in animal models. A list of all such drugs/compounds and their mechanisms

of action can be found in a recent review article by us [300]. However, only a few of

them has been deemed suitable enough to take for human clinical trials. Even then

most of them have failed to elicit sufficient curative efficacy. The anti-inflammatory

steroid dexamethasone was one such compound that was used for a clinical trial in

Thailand. A relatively high dose of dexamethasone (600 mg/kg body weight) failed

to elicit any beneficial response in the treated group as compared to placebo-treated

group. There were no differences in mortality rate as well as neurologic symptoms,

3 months post discharge among survivors of either group [301]. Interferon alpha is a
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member of the cytokine family that many reports have shown to the protective in

case of viral infections. In the mid-1980s, there was a report from Thailand about

the positive effect of human recombinant interferon alpha administration on two

patients suffering from JE [302]. The study reported that one patient recovered from

comatose state posttreatment with interferon alpha. This was thus touted to be the

effective cure for JE. However, a much larger (112 patients), controlled trial

conducted many years later in Vietnam failed to see any significant alteration either

in survival rates or severe sequelae post discharge from hospital [303]. The broad-

spectrum antiviral drug ribavirin (1-b-d-ribofuranosyl-1,2,4-triazole-3-

carboxamide) was also used in human patients in a clinical trial conducted in

Table 5 Current JE vaccine used in South and Southeast Asian countries (adapted from [299])

Country Vaccine (public market)

National/

subnational Vaccine (private market)

Bangladesh None NA None

Bhutan None NA None

Brunei Darussalam Chimeric Subnational Chimeric

Cambodia Live attenuated Subnational Mouse brain (inactivated)

China Live attenuated Nationala Vero cell (inactivated); live

attenuated

Democratic People’s
Republic of Korea

None NA Unknown

India Live attenuated;

inactivated Vero cell

(adults)

Subnational Mouse brain (inactivated);

Vero cell (inactivated)

Indonesia None NA None

Japan Vero cell (inactivated) National Vero cell (inactivated)

Lao People’s Demo-

cratic Republic

Live attenuated Subnational None

Malaysia Chimeric Subnational None

Myanmar None NA Chimeric (expected 2015)

Nepal Live attenuated Subnational Live attenuated

Pakistan None NA Unknown

Philippines None NA Chimeric

Republic of Korea Mouse brain

(inactivated); live

attenuated

National Vero cell (inactivated); live

attenuated

Singapore None NA Vero cell (inactivated)

Sri Lanka Live attenuated National Mouse brain (inactivated)

Thailand Mouse brain

(inactivated); live

attenuatedb

National Live attenuated; chimeric

Timor-Leste None NA None

Vietnam Mouse brain (inactivated) Subnational None
aExcluding non-endemic provinces
bDistribution limited geographically
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India. Ribavirin was administered at a dosage of 10 mg/kg body weight to serolog-

ically confirmed cases of JE in patients ranging from 6 months to 15 years of age.

However, a 7-day treatment with the drug failed to show significant difference in

early mortality rate or secondary outcome measures [304].

Despite the abovementioned failures, there have been some new developments

in the field of JE therapy that are quite promising. Our group in the National Brain

Research Centre, India, has been investigating the role of minocycline, a second-

generation tetracycline antibiotic, in various models of JE, for nearly a decade. A

concise description of the probable anti-JE mechanisms of action of minocycline

can be found in a review article authored by us a few years back [305]. Based on the

compelling laboratory-based evidence, two randomized, placebo-controlled clini-

cal trials of minocycline administration to patients suffering from encephalitis have

been conducted recently. The first of these was conducted in the pediatrics depart-

ment of King George’s Medical University, in the Indian state of Uttar Pradesh with

support from the National Brain Research Centre, India. Owing to logistic con-

straints, the subject recruitment criteria encompassed all cases falling under the

acute encephalitis syndrome. Minocycline (or placebo) was administered as a

suspension through nasogastric tube for 7 days at a dosage of 5 mg/kg/day followed

by 2.5 mg/kg every 12 hours in children (<12 years of age). In adults the starting

dosage was 200 mg followed by 100 mg every 12 hours. A total of 140 patients

received minocycline and 141 received placebo. Even though there was not a

statistically significant difference in survival between the drug and placebo groups,

when the Glasgow Outcome Score at 3 months post discharge was compared

between survivors of the two groups, there was a clear significant improvement

with minocycline. Moreover, if the data from patients who succumbed within 24 h

of hospitalization/enrollment were excluded, then significantly better overall out-

come was observed at 3 months in those receiving minocycline along with a trend

toward lower cumulative mortality [306]. The second trial was conducted in the

Baba Raghav Das Medical College, also in the Indian state of Uttar Pradesh, and on

a smaller population with 44 patients enrolled. However, this study specifically

included serologically confirmed cases of JE. The dosage of minocycline used for

this study was 5–6 mg/kg in two divided doses administered for 10 days through

feeding tube, which was started from the day of hospitalization/enrollment.

Minocycline was found to be effective in reducing duration of symptoms like

fever and unconsciousness and mean duration of hospitalization. However, owing

to the small sample size and availability of advanced life support and early referral

facility of patients from remote areas, decreased mortality and increased full

clinical recovery observed in drug-treated group could not be statistically correlated

with treatment alone [307]. When data from the trials are taken together,

minocycline does seem to impart significant beneficial effect in clinical cases of

JE. At this point, studies with larger population and probably with other dosages are

needed to optimize the application of this drug as a standard anti-JE therapeutic

option.

Another promising therapeutic approach involves the administration of intrave-

nous immunoglobulin (IVIg) to patients suffering from JE [308, 309]. It is believed
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that a large part of the population living in the endemic zone is exposed to the virus

at some point in life and has suffered mild subclinical-grade infection. Thus IVIg

purified from pooled plasma of healthy donors from JE-endemic zones would

theoretically have high titers of specific JEV-neutralizing antibodies

[177, 310]. In fact, IVIg, which is not hyperimmune to JEV, has already been

reported to impart therapeutic benefits in the recovery from JE [311]. Conceptually,

this practice of IVIg administration is not novel as this has already been adopted for

West Nile virus infection with some success [312, 313]. A small group of children

in Nepal (11 per group, aged between 1 and14 years) manifesting symptoms of AES

was recruited for the study and randomly divided into IVIg and placebo groups. The

AES-affected patients received either IVIg, intravenously, at a dose of 400 mg/kg/

day for 5 days or an equivalent volume of 0.9% normal saline. Initial infusion rate

was kept at 0.01–0.02 ml/kg body weight/minute and if well tolerated was gradually

increased over 30–60 min to a maximum rate of 0.08 ml/kg body weight/minute. At

hospital discharge, most of the patients belonging to either group demonstrated

major sequelae; at 3–6 months follow-up, 45% in IVIg group and 18% in placebo

group exhibited complete recovery (no neurological sequelae). However, no sig-

nificant difference was observed between the two groups when analyzed by

intention-to-treat to determine the proportion of patients exhibiting complete recov-

ery either at hospital discharge or at follow-up. JEV-neutralizing antibody titers

were expectedly higher in patients who received IVIg compared to placebo. The

other interesting aspect with IGIV is their ability to induce anti-inflammatory

responses in the subjects non-specifically, usually by suppression of various

pro-inflammatory mediators, including cytochemokines/chemokines, and

metalloproteinases [314]. In this trial, the investigators report that the level of

IL-4 was found to be significantly elevated in IVIg-treated patients. IL-4 is a

complex cytokine that affects various regulatory pathways [315], and its higher

levels have been detected in survivors of JE as compared to non-survivors [316].

6 Conclusion

Despite more than a centuries’ effort in immunization of populace and vector

control, JE still manages to rear its ugly head in the endemic zones that sometimes

leads to epidemics. One explanation for this persistence of the disease despite the

wide use of vaccines against JE is that childhood vaccination confers no herd

immunity to adults or other susceptible populations because humans are not the

primary hosts. This calls for further investigation into the lifelong or long-term

efficacy of the current vaccines available for immunization against JEV. The role of

mass immunization can be directly correlated with the significant decrease in the

number of reported cases of JE in every country over the last century. However,

there are many countries where vaccination against JE is not part of the national

mandatory immunization regime. This probably benefits the virus by aiding it to

remain in circulation. Compounding the problem is the lack of viable therapeutic
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options to treat JE. The current supportive therapeutic regime is targeted to stabilize

the patient rather to counter the virus itself which in many cases is devastating for

the survivors. Long-lasting or permanent neurological deficits add to the human

cost of the disease. As JE belongs to the group of diseases that are commonly

clubbed as neglected tropical diseases, encouraging pharmaceutical and biotech-

nology companies to invest in developing much-needed treatments remains a

challenge due to a lack of commercial incentive [317]. Thus to fill the void

academic, researches need to step up that in turn needs to be encouraged and

supported by both public and private sectors.

Moreover, being a zoonotic virus, JEV can persist in nonhuman vertebrate hosts,

and thus a surveillance mechanism of such animals needs to be instituted in every

country under the endemic zone. This also calls for better cooperation between

medical and health facilities in every affected country and international health

organization to combat this disease. Even in countries where JE does not pose a

significant health risk yet or from where there are no new reports available, the

threat of emergence or reemergence remains. The recent reemergence and spread of

Zika virus [4] and the associated human costs should serve as a reminder regarding

other neglected tropical diseases such as JE.
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1 Introduction

Dengue is one of the most important mosquito-borne viral infections caused by

single-stranded RNA virus that are transmitted by the Aedes aegypti and Aedes
albopictus mosquito species. Dengue is endemic in over 140 countries in Asia, the

USA, the Eastern Mediterranean, and Africa. The World Health Organization

(WHO) estimated that there are more than 2.5 billion people—mainly occurs in

children living in tropical and subtropical countries—at risk of dengue infection

with one or more dengue viruses. There are estimated nearly 100 million symp-

tomatic dengue infections occurring worldwide annually, nearly 75% in Asia and

the Western Pacific region [1]. During the past decades, the outbreaks of dengue
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infection have been reported throughout the world with increased severity. Eco-

logic and demographic changes are considered to be the contributing factors to the

emergence of dengue infection in the past decades. Dengue has expanded into new

countries and into urban settings associated with increased distribution of

A. aegypti, population growth, urbanization, development of slums, migration of

population, movement of dengue virus by infected travelers, trade development,

and improved diagnostic capabilities in medical practice [2, 3]. Increased transmis-

sion of dengue virus in tropical urban areas has been created by substandard

housing and crowding as well as deterioration in water, sewer, and waste manage-

ment systems, all of which are intimately associated with unplanned urbanization

[4–7]. So it is likely that dengue will expand its geographic reach and become an

increasing burden on health resources in affected areas during the next decade. An

effective vector-control management is the only means to reduce dengue infection

in endemic areas. Because vector control has achieved only limited success so far in

reducing the transmission of dengue, the usage of effective dengue vaccine in target

population along with the preventive measures already used such as raising public

awareness may be the means to effectively control of this disease in endemic

area [8].

Hyperendemic dengue with a general increase in the number of dengue cases over

time is a major public health problem in many countries in South and Southeast Asia

where A. aegypti and A. albopictus are widespread in both urban and rural areas,

where multiple virus serotypes are circulating, and where dengue is a leading cause of

hospitalization and death in children. The extent of hyperendemicity and time

between serotype introductions are key determinants in a population’s serotype-

specific immunity and, consequently, in the age distribution of clinically apparent

dengue infection. In the past, the age distribution of indigenous dengue cases in South

and Southeast Asia is different from that of the Americas, where these syndromes

occur in all age groups included elderly. Recently several countries in Asia have

reported an epidemic shift of dengue from mainly affecting children to affecting

adolescents and young adults with increased severity [9–12]. In Thailand, the affected

adults aged over 15 years old are reported to comprise 30–40% of dengue virus

infected cases [13]. There are some differences in clinical presentations, laboratory

findings, and severe complications between children and adult with dengue [14–

16]. Increasing incidence of dengue among travelers (1.0–6.7%) has been recognized

as a potential hazard to tourists as various reports in international travelers returning

from endemic areas [17–20]. Recent reports revealed that adult dengue appears to

occur more frequently than malaria among travelers returning from Asia, so the

healthcare providers in Western countries are more likely to be confronted with

travel-acquired dengue infections [21–24]. In returning travelers with fever, clinical

manifestations of dengue infection are comparable with observations in endemic area

where dengue may go unnoticed. We emphasize the need for continued dengue

surveillance in non-endemic countries with careful evaluation and follow-up of

febrile travelers after visiting countries where are dengue-endemic areas

[25, 26]. Travelers should be encouraged to protect themselves from mosquito
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bites, in order to avoid infections and onward transmission of dengue in new areas

where A. aegypti is established.

2 Pathogen and Pathogenesis

Dengue virus, single-stranded RNA virus member of genus Flavivirus in the family

Flaviviridae, is the etiologic agent of dengue infection. There are four serotypes of
dengue virus (DEN-1, DEN-2, DEN-3, and DEN-4) that are transmitted by the

Aedes aegypti and A. albopictus mosquito species. Peak transmission occurs in

rainfall season and high temperature in hyperendemic and endemic areas. Although

dengue virus is transmitted by mosquitoes, unusual dengue transmissions through

needlestick, receipt of infected blood component, tissue or organ transplantation,

and transplacental infection have been reported [27–34]. After an incubation period

of 4–8 days, infection by any dengue virus can produce a wide spectrum of illnesses

ranging from asymptomatic or subclinical infection to undifferentiated fever,

dengue fever (DF), and severe forms of the disease associated with plasma leakage

(dengue hemorrhage fever: DHF), dengue shock syndrome (DSS), severe bleeding,

encephalopathy, and multi-organ failure [35]. DHF is characterized by rapid onset

of capillary leakage accompanied by thrombocytopenia, hemoconcentration, vas-

cular collapse, abdominal pain, and hemorrhagic manifestations [36]. Despite the

clinical classification of DF and DHF as distinct entities, they are likely to be a

continuum of the same disease process with divergent outcomes with regard to the

perturbation of vascular integrity. In case of dengue infection, asymptomatic cases

are more frequent than the symptomatic cases with the variable ratio of asymptom-

atic to symptomatic dengue infections of 0.9:1 to 18:1, dependent on the geograph-

ical areas, the epidemiological contexts, and individual immunological attributes

[37, 38]. However, patients with asymptomatic infection may act as reservoir for

dengue virus to transmit to mosquitoes and subsequently to humans and should be

considered in estimation of disease burden. Recovery from dengue infection with

one serotype confers lifelong homologous immunity to that particular serotype but

short-term protection against other serotypes, so secondary infection can occur with

other dengue serotypes. Previous epidemiologic data reveals that secondary het-

erotypic dengue virus infection is a risk factor to develop severe DHF/DSS,

mediated most likely by antibody-dependent enhancement (ADE) of infection.

Pre-existing homotypic antibodies bind to heterotypic dengue virions (virus-

antibody complexes) and enable Fcγ receptor-mediated uptake by target Fcγ
receptor-bearing cells (e.g., monocyte/macrophage) resulting in increased viral

replication and viremia [38]. Changing of inflammatory cytokine production

(such as TNF1, interleukin-1, interleukin-2, interleukin-6, interleukin-12, macro-

phage migration inhibitory factor, HMGB1, MCP-1) produced by T-lymphocytes,

monocytes/macrophages, and endothelial cell is observed in dengue patients who

have increased vascular permeability, thrombocytopenia, and activation of coagu-

lation and fibrinolysis [39, 40]. In addition, secreted NS1 protein, anti-NS1
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antibodies, and increased complement activation (C3a, C5a) might be involved in

increased production of inflammatory cytokines, triggering local and systemic

effects implicated in intravascular coagulopathy and virus-induced vascular leak-

age. Thrombocytopenia caused by bone marrow suppression, shortened platelet

survival, and increased platelet consumption due to platelet adhesion occurs during

the dengue infection and reaches nadir during the day of defervescence (toxic stage)

[40, 41]. Although secondary dengue infection remains the strongest known risk

factor for DHF/DSS, viral genetics, serotype sequence, host factors, and time

interval between primary and secondary infections can modulate severity of illness

[40, 42–45].

3 Clinical Manifestation

Dengue infection should be suspected if patients in dengue-epidemic or dengue-

endemic area have a fever of 10 days or less with myalgia, headache, flushing,

anorexia, nausea or vomiting, arthralgia, bone pain, periorbital pain with no obvi-

ous respiratory tract symptoms or signs, and no organ-specific symptoms of other

infectious diseases. The clinical spectrum of dengue infection ranges from mild

illness (undifferentiated fever, non-severe DF) to the life-threatening severe forms

of the disease with plasma leakage (DHF/DSS), severe bleeding, or multi-organ

failure, which may be fatal. Dengue fever in its classical form is nonfatal febrile

illness with about 5–7 days associated with sudden onset, anorexia, myalgia,

headache, and occasional rash. DHF is characterized by high continuous fever of

2–7 days and rapid onset of capillary leakage accompanied by thrombocytopenia,

hemoconcentration, vascular collapse, abdominal pain, and hemorrhagic manifes-

tations. Shock (DSS) occurs as a consequence of severe plasma volume loss into

serous spaces (e.g., pleural space or peritoneum cavity) or severe internal hemor-

rhage. During the acute febrile phase, usually lasting 3–8 days, the clinical symp-

toms resemble those of DF and severe dengue (DHF), including fever, nausea or

vomiting, headache, rash, and myalgia; nonetheless, abdominal pain and severe or

widespread bleeding are less frequent in DF. Minor hemorrhagic manifestations

such as petechiae, epistaxis, gingival bleeding, and menorrhagia do sometimes

occur in patient with dengue, although DF is rarely associated with severe hemor-

rhage leading to shock. Age-related differences in dengue severity are poorly

understood; however, there are some differences in clinical courses between chil-

dren and adults. Plasma leakage (DHF) and DSS appear to be more frequent in

children than adults, possibly reflecting age-dependent differences in intrinsic

vascular permeability, but some reports suggest that bleeding manifestations,

especially severe internal hemorrhage and hepatic dysfunction, are both more

common in adults and older age groups [14, 16, 41, 43, 44, 46–50]. The symptoms

generally last for 3–7 days before the fever subsides and symptoms remit. During

convalescent stage, the patients with dengue infection, even in DSS, may have

rapidly increasing appetite, convalescent rash on lower extremities (a confluent rash
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with characteristic, scattered, round areas on pale skin), and sinus bradycardia.

Most patients with dengue infection recover spontaneously, and abnormal hemo-

stasis normalizes during the convalescent stage or within 1–2 weeks after defer-

vescence. The emergence of severe bleeding, fulminant hepatic failure, and

encephalopathy in DF and DHF have been the causes of an apparent increase in

the complications of dengue in the adolescent, adult, and elderly [47–49, 51–

54]. High mortality rate has previously been reported in elderly patients with

dengue infection because of medical comorbidity and waning of host immunity

[55–59].

The prognosis of dengue infection depends on early diagnosis, recognition of

plasma leakage, and treatment with immediate replacement of fluid and intensive

supportive care. The classification of severity has a high potential for being of

physician’s practice as to where and how intensively the patient should be observed

and treated with intravenous fluids, blood, or plasma transfusion and medicines.

WHO released a new classification in 2009, which is dengue with or without

warning signs and severe dengue because WHO 1997 classification (DF, DHF,

DSS) was poorly related to disease severity, difficult to use in clinical setting, and

unhelpful in triage in outbreaks [35, 36, 60, 61]. These warning signs (persistent or

severe vomiting, abdominal pain or tenderness, liver enlargement, drowsy or

alteration of consciousness, fluid accumulation with respiratory distress, epitaxis,

gum bleeding, gastrointestinal bleeding, retinal hemorrhage, oliguria, and

hemoconcentration with severe thrombocytopenia) are used to alert the clinicians

to monitor dengue infection progress. Physicians should be aware of these warning

signs in patients with dengue infections before they develop severe dengue [62–

64]. Severe dengue is defined by one or more of the following: plasma leakage

(DHF) that may lead to shock (DSS), severe bleeding, and severe organ impairment

such as hepatic failure, acute renal failure, and encephalopathy) as Fig. 1 [14, 35,

39–47]. If untreated, mortality can be as high as 20%, whereas appropriate case

management and intravenous rehydration can reduce mortality to less than 1%.

Virus factors (serotypes, structural and nonstructural proteins of dengue virus, and

viral load) and host factors (age, gender differences, genetic, nutritional status,

immune reaction, and coexisting medical conditions) might be involved in the

severity of dengue infection.

3.1 Dengue Hemorrhagic Fever and Dengue Shock
Syndrome

Typically DHF resembles DF in many clinical respects, but it is characterized by

high continuous fever of 2–7 days, hemorrhagic diathesis, hepatomegaly, and

circulatory disturbance (DSS). The critical stage associated with plasma leakage

(20% increase in hematocrit over baseline) and marked thrombocytopenia (<100�
109/L) associated with bleeding frequently occur at the end of febrile phase of
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illness [36]. Right side pleural fluid detected by chest roentgenogram or free fluid in

the peritoneal cavity and thickening of gall bladder wall detected by ultrasonogra-

phy has been interpreted as evidence of plasma leakage, which is usually only

clinically detectable after intravenous fluid therapy unless plasma leakage is sig-

nificant [65–67]. The right side or bilateral pleural effusion is generally not prom-

inent but becomes increasingly more after excessive intravenous fluid

administration. In mild DHF cases, the changes in blood pressure and pulse may

be minimal and transient. Patients recover shortly after treatment. In more severe

Dengue with or without warning signs  

Severe dengue

Patient without warning sign:
-Severe plasma leakage
-Severe hemorrhage

-Severe organ impairment

Criteria for severe dengue:
Severe plasma leakage leading to  

Dengue shock syndrome (DSS) 
Fluid accumulation with

respiratory destress

Severe bleeding: as evaluation

Severe organ impairment

- Liver enzymes: 

AST/ALT > 1,000 Unit/ml

- CNS: Impaired conciousness 
- Organ failure:

Acute renal failure

Respiratory failure

Severe myocarditis , etc.

Patient with warning signs:
(Requiring stick observation and medical intervention) 

Persistent / severe vomiting 
Abdominal pain or tenderness
Liver enlargement  
Lethargy, restlessness

Clinical fluid accumulation  
Mucosal bleeding (epitaxis, gum bleeding) 
Increased Hct concurrent with 

rapid decreased platelet count

-

C

on))

Probable Dengue

Patient with acute febrile illness and  
two of the following criteria:

Nausea, vomiting

Rash

Aches, pains

Positive Tourniquet test

Leukopenia

Any warning signs

+/- Laboratory  confirmation of dengue infection  

Fig. 1 Dengue case classification: dengue with or without warning signs and severe dengue

(modified from WHO guideline 2009) [35]
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DHF cases, a rapid, weak pulse, narrowing of the pulse pressure to less than 20 mm

Hg, or an unobtainable blood pressure establishes DSS [36]. Clinical indicators of

impending DSS include severe abdominal pain, change from fever to hypothermia,

restlessness, sweating, prostration, and tender hepatomegaly. If plasma loss con-

tinues and becomes excessive, the patient’s situation can progress rapidly into

profound shock. Prolonged shock often complicates metabolic acidosis, severe

gastrointestinal bleeding, and disseminated intravascular coagulopathy (DIC).

DSS was an independent risk factor (odds ratio 220) for development of acute

renal failure in adult patients with DHF [68]. Cardiac involvement was observed in

few patients ranging from abnormality of electrocardiogram, mild elevation of

cardiac biomarkers to myocarditis and/or pericarditis and death [69]. Acute respi-

ratory failure is a rare complication but has a high mortality rate [70]. Although

children are more likely to develop hypovolemic shock than adults in DHF char-

acterized by increased microvascular permeability, a high mortality rate is seen in

the adults and elderly with dengue infection [42, 49, 51, 55, 57, 62]. High fatality

rate of dengue in adults was significantly associated with pre-existing comorbid

medical illnesses such as cardiac diseases and renal diseases [49, 56–59,

62]. Because the altered vascular permeability is short-lived and spontaneously

converts to normal level, the period of clinically significant plasma leakage usually

lasts 24–48 h after defervescence. Diuresis ensues as plasma leakage terminates.

Convalescent rash, transient hypertension, and sinus bradycardia were described

during convalescence in patients with DHF/DSS.

3.2 Hemorrhage Associated with Dengue Infection

Hemorrhage contributes to morbidity and mortality, especially during the severe

thrombocytopenia, usually occurring in 5 to 8 days after onset of illness [41]. The

pathogenesis of abnormal bleeding in dengue is multifactorial and encompasses

severe thrombocytopenia, platelet dysfunction, blood coagulation defects, and

vasculopathy. There are typical coagulopathies of increased APTT and low fibrino-

gen levels in most patients, but severe thrombocytopenia and platelet dysfunction are

probably the major cause of clinical bleeding. Variable degree of hemorrhage may

occur at any sites, most commonly petechiae, epistaxis, gingival bleeding, or men-

orrhagia, and usually occurs on days 5–8 of the illness. Bleeding from the nose, gums,

and upper gastrointestinal tract are not uncommon in patients with dengue infection.

Vaginal bleeding (menorrhagia) is a common site of bleeding (24.6% in adults with

dengue infection), and hormonal therapy such as Premarin and Primolut N is

suggested for patients exhibiting excessive vaginal bleeding [48]. Of the dengue

patients with plasma leakage (DHF), severity of bleeding varied markedly with

spontaneous petechiae, hematemesis, melena, menorrhagia, and epistaxis. Risk fac-

tors of severe bleeding are platelets �20,000/mm3 (�20 � 109/L), high aspartate

aminotransferase (AST) or alanine aminotransferase (ALT) level, prolonged pro-

thrombin time (PT), severe plasma leakage (DSS), DIC, or fulminant hepatic failure
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[71]. Massive hematemesis may occur in adults with DF or DHF caused by

pre-existing peptic ulcer or hemorrhagic gastritis, and it may be not associated with

profound shock in adults as previously reported in children. In the few reports of

endoscopic findings for dengue adults with upper gastrointestinal bleeding, hemor-

rhagic gastritis was the most common finding (40.9–58.5%), followed by gastric

ulcer, and duodenal ulcer [53]. However, the role of endoscopic therapy in upper

gastrointestinal bleeding of dengue patients is still unknown [72]. Life-threatening

internal hemorrhage such as subcapsular splenic bleeding and ruptures is rare but can

happen spontaneously or as a result of trauma, which may be unnoticed. Splenectomy

is still the treatment of choice for splenic rupture, but numerous recent reports have

documented favorable outcomes with conservative treatment [54, 73]. Early diagno-

sis, intensive supportive care, and replacement therapy are needed to avoid a fatal

outcome in dengue patients who have severe hemorrhage.

There are pregnant women with DF or severe dengue reported in Asia, highlight-

ing the concept that young women in hyperendemic and endemic area remain

susceptible to dengue infection [74–76]. The obstetricians must be aware that

dengue infection of pregnant women may occur and some history or laboratory

results consistent with dengue infection must be identified. Dengue during preg-

nancy is also particularly important in pregnant travelers from non-endemic coun-

tries to countries where dengue is endemic [77]. Uterine hemorrhage resulting in

spontaneous abortion and severe postpartum bleeding has also been reported in

pregnant women [76]. Surgical procedures such as cesarean section performed on

patients with dengue infection may unmask dengue-induced hemostatic defects,

resulting in unexpected hemorrhage in postoperative period that is difficult to

control [78]. It also has been reported that dengue infection was vertically trans-

mitted to the fetus and led to a full-blown illness in the neonate similar to that seen

in children and adults [74]. Although the effects of dengue infection on pregnant

women and their fetuses or newborns are unclear, recent studies have demonstrated

that this infection did not cause any infant abnormalities but may have been

responsible for fetus deaths and morbidity in pregnant women [79–81].

3.3 Severe Organ Impairment and Unusual Manifestations

Hepatomegaly and increased levels of aspartate aminotransferase (AST) and ala-

nine aminotransferase (ALT) were more commonly found in patients with dengue

infection especially DHF [82–87]. So dengue infection should be included in the

differential diagnosis of acute viral hepatitis in Asia. Unlike conventional viral

hepatitis, patients with dengue have a level of AST that are greater than that of ALT

which may be due to excessive release of AST from damaged myocytes during

dengue infections, and these levels of liver enzymes increase to a maximal 7–9 days

after onset of illness, then decrease to normal levels within 2 weeks [48, 49, 82–

84]. Potential mechanisms of liver injury involve a variety of potential insults

including direct effects of infected virus serotypes or an adverse consequence of
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dysregulated host immune responses on liver cells; compromised circulation and/or

hypoxia caused by hypotension or localized vascular leakage inside the liver

capsule; hepatotoxic effects of drugs such as acetaminophen or traditional herbal

remedies, coinfection with other viruses such as virus hepatitis A, B, and C; and

pre-existing underlying diseases (e.g., hemoglobinopathies, alcoholic liver dis-

eases) [88]. Attention must therefore be given to the use of hepatotoxic drugs

such as acetaminophen, antibiotics, and antiemetic drugs, all of which have the

potential to aggravate liver damage in patient with dengue. Previous reports have

found evidence that acetaminophen overdose may play an important role in causing

acute liver failure in dengue patients [89, 90]. It is likely that relatively more adult

dengue patients have more liver impairment than children. Pre-existing liver

diseases such as chronic infection with virus hepatitis B or C, alcoholic liver

disease, and cirrhosis may aggravate the liver impairment of dengue. Abnormal

liver enzyme levels have been associated with severity and a poor outcome in

patients with vascular leakage and abnormal bleeding [86, 87]. Increased levels of

bilirubin and alkaline phosphatase were observed in a few patients. Severe liver

impairment occurred in late stage of disease may complicate the outcome of dengue

infection by causing acute hepatic failure and contributing directly to severe

bleeding, as well as potentiating the severity of DIC [89, 90]. Severe jaundice

and high mortality are observed in dengue patients with fulminant hepatic failure.

The management of fulminant hepatic failure in dengue is primarily intensive

supportive care; however, therapy with N-acetylcysteine (NAC) or providing arti-

ficial liver support was previously described [87].

The unusual manifestations of dengue infection have been recognized including

severe internal hemorrhage, fulminant hepatic failure, encephalopathy, cardiomy-

opathy, cardiac arrhythmia, adult respiratory distress syndrome (ARDS), rhabdo-

myolysis, pancreatitis, appendicitis, coinfection with other viruses or tropical

infectious diseases, and neurological complications (e.g., altered consciousness,

seizures, paresis, and coma resulting from encephalitis and encephalopathy) [91–

98]. The neurological manifestations secondary to dengue infection including

encephalopathy, encephalitis, myelitis, neuro-ophthalmic complications,

polyradiculopathy, neuropathy, and neuromuscular complications were ascribed

in 0.5–21% of hospitalized patients [92, 94, 95, 99]. Possible causes of encepha-

lopathy in patient with dengue include hypotension, cerebral edema, focal hemor-

rhage, hyponatremia, fulminant hepatic failure, and the direct invasion of dengue

virus in the central nervous system [100, 101]. Acute renal failure is an accompa-

nying presentation in DSS or dengue-associated fulminant hepatic failure. Previous

studies revealed that 5.5% of the patients with DHF/DSS also had dual infection

(e.g., urinary tract infection, diarrhea, or bacteremia) [48, 102]. Dual infection

should be suspected in patients who have atypical manifestations, for example,

fever for more than 10 days, mucus diarrhea, jaundice, persistent abdominal pain,

recurrent fever, WBC > 10,000/mm3 (>10 � 109/L) with neutrophilia, or the

presence of the band form of neutrophil and acute renal failure [103]. The patient

with severe dengue infection may have secondary bacterial sepsis, e.g., bacteremia,
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and UTI after hospitalization. Failure in making a diagnosis of concurrent infection

in patients with dengue may lead to otherwise preventable mortality [104].

4 Diagnosis

Attempts to differentiate dengue infection clinically from other acute febrile ill-

nesses are unlikely to be successful; although, the diagnosis is aided if laboratory

examination indicates leukopenia, thrombocytopenia, or mildly elevated AST

levels. Early definite diagnosis of dengue infection can help clinicians in initiation

of early supportive care, adequate fluid administration, and identification of patients

with severe dengue who should be closely monitored for signs of plasma leakage,

bleeding, and organ damage. This information might promote early supportive

therapies, prevent the use of potentially harmful drugs, encourage assessment of

complications, ensure the adequate use of treatment guidelines, and lead to the

effective control of dengue outbreaks. The tourniquet test considered by the WHO

has been used as a clue for probable dengue infection for a long time [35]. Unfor-

tunately, the sensitivity and specificity of tourniquet test were not excellent, ranging

between 34 and 56% and 68 and 94%, respectively, and a negative test does not

exclude the disease [105–107].

Laboratory diagnosis of dengue infection is established either directly by isola-

tion or detection of viral components in serum or tissue or indirectly by detection of

virus-specific antibodies in serum [108]. The sensitivity of each approach is

influenced by the duration and severity of the patient’s illness. Within the first

2–3 days of illness, only reverse transcription polymerase chain reaction (RT-PCR)

or dengue virus NS1 Ag assay can reliably confirm the diagnosis of dengue.

Determination of dengue virus by RT-PCR in serum, tissues, saliva, or urine is

definitely the most satisfactory test that might detect dengue viruses up to the 7th

day after the onset of the symptoms, especially in severe cases [109–111]. A high

circulating level of dengue virus NS1 was demonstrated in the early stage of dengue

infection by different ELISAs in the plasma and/or sera of dengue patients

[112]. Until now, ELISA used to detect acute phase (IgM), and convalescent

phase (IgG) antibodies have been considered the most useful test for dengue

diagnosis due to its high sensitivity and ease of use. Because dengue antibodies

are better detected around the 5th day after the onset of the illness, antibody

detections are unfeasible for rapid diagnosis. There are several commercial kits of

rapid tests of IgM and IgG detection, but the sensitivity, specificity, and accuracy

vary among these tests [113, 114]. Various combination tests for elevated levels of

NS1 and dengue IgM/IgG in serum have yielded sensitivities between 75.5 and

92.9% with specificities ranging from 75.0 to 100% and are a pragmatic diagnostic

approach in a patient in whom dengue infection is suspected. It should be stressed

that in dengue-endemic areas, while early accurate laboratory tests are not widely

available, dengue infection should be considered in every children and adults

presenting with an acute undifferentiated febrile illness.
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5 Management

No specific therapeutic agent to treat dengue infection is available, so treatment

remains supportive care with particular emphasis on careful fluid administration.

The early recognition of warning signs, plasma leakage, abnormal bleeding, signs

of circulatory collapse, and other serious complications would reduce morbidity/

mortality rates in patients with dengue infection. Dengue patient without warning

signs may be treated at home with oral hydration and antipyretics with instructions

to follow up at out-patient care and return to the hospital immediately if bleeding or

warning signs suggestive of severe dengue develop. Oral rehydration is indicated to

replace losses from vomiting and high fever. Acetaminophen, salicylates, nonste-

roidal anti-inflammatory drugs (NSAIDs), and traditional medicines are commonly

prescribed to febrile patients that these medications may cause severe bleeding or

hepatic injury in dengue patients. Development of any warning signs indicates the

need for close observation and hospitalization with appropriate use of intravenous

fluids in patients with inadequate oral intake or a rapidly increasing hematocrit

[35]. Monitoring all these patients for the development of warning signs of severity

as recommended by WHO may impose a great burden on healthcare services in

limited-resource countries. However, the patients with dengue infection should be

hospitalized immediately if any of the followings are observed: severe nausea/

vomiting, restlessness or lethargy, severe hemorrhage (e.g., hematemesis or

hematochezia), narrowing of pulse pressure (�20 mmHg) or hypotension, sudden

rise in hematocrit or continuous elevated hematocrit despite the administration of

fluid, a platelet count of �20,000/mm3 (�20 � 109/L), AST or ALT >500 U/mL,

oliguria or acute renal failure, liver failure, heart failure, severe hypoxemia, preg-

nancy, and no opportunity to be followed up in an out-patient setting [115, 136].

Attentive clinical monitoring of patients with severe dengue or suspected

DHF/DSS and intensively supportive treatment are lifesaving and have reduced

fatality rates. The critical activities for hospitalized dengue patients are monitoring

of abnormal bleeding, circulation, and vascular leakage by serial clinical assessments

of hypovolemia/shock and rising of hematocrit to trigger intravenous fluid or blood

component transfusion. Close monitoring measurements (e.g., vital signs, urine

output, and serial hematocrit levels) to assess the severity of plasma leakage and

promptly effective intravenous fluid resuscitation with crystalloid to counteract

massive plasma leakage are required in critical stage of DHF to reduce morbidity

and mortality. Patients with DHF need to be monitored closely for signs of shock

until at least 24–48 h after defervescence. For patients suffering from plasma leakage

with shock (DSS), the mainstay of therapy is early and effective replacement of

plasma loss. The WHO recommends immediate volume replacement with Ringer’s
lactate, or physiologically normal saline solution, followed by plasma expander such

as fresh frozen plasma or colloid solutions (albumin and dextran) in the event that

shock persists [116]. Therapeutic responses to colloid and crystalloid solutions from

two randomized controlled studies revealed that Ringer’s lactate performed the least

well and that the more severely ill patients identified by a narrow pulse pressure

would benefit more from initial resuscitation with colloid solution than with
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crystalloid solution [117–119]. In order to assess adequate volume replacement, the

rate of intravenous fluid should be adjusted throughout the period of plasma leakage

by frequent assessments of vital signs, hematocrit, and urine output and be kept to the

minimum required to maintain cardiovascular stability until permeability reverts to a

normal level. In cases with persistent shock despite a declining hematocrit after fluid

resuscitation with crystalloid or colloid solutions, internal or concealed bleeding

should be suspected. Transfusion therapy with packed red cell, concentrated platelets,

and fresh frozen plasma to correct the bleeding tendency, anemia, coagulopathy, and

hypovolemia is still the mainstay of treatment of severe bleeding in dengue patients.

The prophylactic blood or platelet transfusions for severe thrombocytopenia may be

harmful and should be avoided in uncomplicated cases [120]. The invasive pro-

cedures should be minimized to avoid hemorrhagic complications. Metabolic acido-

sis and hyponatremia occur more commonly in DSS, so sodium bicarbonate infusion

should be considered along with early adequate fluid replacement. Medical

comorbidities in adult and elderly patients, for example, coronary artery disease,

peptic ulcer, hypertension, diabetes mellitus, cirrhosis, or chronic kidney disease,

which should be considered for proper management, may contribute to the severity of

dengue infection [55, 97, 121–123]. There is no evidence to support the use of

chloroquine, corticosteroid, interferon, immune globulin, desmopressin, or

carbazochrome sodium sulfonate (AC-17) for severe dengue infection [124–

127]. With intensive support through the critical period of illness, spontaneous

resolution of vasculopathy and circulatory failure usually can be expected within

2–3 days with complete recovery afterward. In the recovery period, the patients

usually have more appetite, bradycardia, and convalescent rash and may have fatigue

or mood disturbance for several weeks.

6 Prevention

To reduce burden of dengue, theWHO has set out specific objectives in global dengue

control strategy: estimation of the true burden of dengue by 2015 and a reduction of

dengue morbidity and mortality by 2020 by at least 25 and 50%, respectively (using

2010 as the baseline) [128]. It seems clear that implementations of effectively

sustainable vector control and effective dengue vaccines are keys to success for this

disease control. The WHO has recommended integrated vector management (IVM),

an evidence-based approach which encourages optimal use of resources by examining

local in-country evidence. Challenges of vector management remain in the develop-

ment and deployment of vector-control strategies that effectively minimize dengue

replication and transmission Dengue prevention currently relies on public health and

community-based A. aegypti control programs with chemical or biological methods to

remove and destroy mosquito-breeding sites [129]. Because this IVM approach has

not succeeded in most of the Asian countries especially dengue-endemic regions, the

new tools are needed to prevent and control dengue, including the development of a

safe and efficacious dengue vaccine. The potential dengue vaccine is a vaccine

consisting of a tetravalent combination of attenuated dengue strains, which
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simultaneously induce protective and durable immune responses against all four

dengue serotypes. Recent studies in Asia and Latin America show that recombinant

live-attenuated tetravalent dengue vaccine (CYD-TDV) was safe and moderately

efficacious when given three injections at months 0, 6, and 12 to children and

adolescents [130, 131]. Overall vaccine efficacy of CYD-TDV was estimated to be

60% against virologically confirmed dengue (VCD) infection, with high levels of

protection offered against hospitalization (80%) in subjects aged 2–16 years. How-

ever, variations of vaccine efficacy against VCD were observed in endemic settings,

dengue serotype, and individual’s pre-existing dengue antibody [130, 131]. Recent

pooled analyses of the first 2–3 years of long-term follow-up provided further sup-

portive evidence of efficacy against hospitalized dengue in children 9 years of age or

older [132]. This vaccine has recently obtained licensure for use in children 9 years of

age or older (9–45 years old) in Mexico, the Philippines, Brazil, Thailand, Singapore,

and several other endemic countries. In view of the high disease burden in endemic

countries, this vaccine, despite moderate overall efficacy, could have a substantial

effect on public health [133–135]. The implementation of an efficacious dengue

vaccine will shift the burden of disease; the age-related differences in clinical mani-

festations and prognoses described here indicate the importance of comparing a wide

range of ages in future clinical studies of dengue.

7 Conclusion

Increase in the number of dengue cases is a major public health problem in many

countries in South and Southeast Asia where A. aegypti and A. albopictus are wide-

spread in both urban and rural areas. Several countries in Asia have reported an

epidemic shift of dengue from mainly affecting children to affecting adolescents and

young adults with increased severity. The clinical spectrum of dengue ranges frommild

illness (undifferentiated fever and DF) to the life-threatening infection (DHF/DSS,

severe bleeding, and multi-organ failure), which may be fatal. The early recognition

of warning signs, plasma leakage, abnormal bleeding, circulatory collapse, and other

serious complications would reduce mortality rates in patients with dengue infection.

The implementations of effectively integrated vector management and efficacious

dengue vaccines are keys to success for disease control in hyperendemic/endemic areas.
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1 Introduction

Rabies is an acute progressive encephalomyelitis caused by any of the viruses from

the genus Lyssavirus, family Rhabdoviridae. One of the most feared diseases

known to have plagued mankind since antiquity, rabies is the most lethal infection
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known to science. Despite the availability of prophylactic biologics since 1885,

about 61,000 humans worldwide continue to die of this zoonotic disease every year,

mostly in Asia and Africa [1]. It continues to be a neglected disease in most of the

rabies-endemic countries of South Asia, which is the geographic epicenter of this

serious public health problem.

2 Epidemiology

Currently, the International Committee on the Taxonomy of Viruses (ICTV) recog-

nizes 14 species in the genus Lyssavirus, subdivided into two phylogroups based on
genetic distances and serologic cross-reactivity [2]. Phylogroup I includes the

species rabies virus (RABV); European bat lyssaviruses, type 1 (EBLV-1) and

type 2 (EBLV-2); Duvenhage virus (DUVV), Australian bat lyssavirus (ABLV);

Aravan virus (ARAV); Khujand virus (KHUV); Bokeloh bat lyssavirus (BBLV);

and Irkut virus (IRKV). Phylogroup II includes Lagos bat virus (LBV),Mokola virus

(MOKV), and Shimoni bat virus (SHIBV). The other viruses, West Caucasian bat

virus (WCBV), Ikoma lyssavirus (IKOV), and an additional representative Lleida

bat virus (LLEBV) which does not yet have a taxonomic status, are not included in

either of these phylogroups. Dogs, carnivores, and bats are implicated in the

maintenance of RABV; bats are also known reservoirs and vectors for the rest of

the recognized lyssavirus species, except MOKV and IKOV where the reservoirs

remain undetermined. In addition to RABV which is responsible for a majority of

human rabies cases globally, six other lyssaviruses have been associated with human

disease: MOKV, DUVV, ABLV, EBLV-1 and -2, and IRKV. Almost all human

rabies in South Asia is caused byRABV, since there are no documented human cases

caused by other lyssaviruses. Several phylogenetic clades of RABV notably of the

arctic/arctic-like and the Indian subcontinent lineages circulate in South Asia [3].

Although evolutionary analyses indicate that lyssaviruses most likely originated

in bats, there is limited information about RABV and other lyssaviruses in bats in

South Asia due to lack of systematic surveillance. Isolation of RABV from fruit

bats in Thailand and lyssaviruses in an Indian flying fox and from frugivorous bats

in Sri Lanka was reported [4–6]. Serological evidence of lyssavirus infection in

bats has been reported from Bangladesh and India [7, 8]. Human infection with

uncharacterized lyssaviruses acquired through bat exposures has been reported

from India [9].

2.1 Human Rabies in South Asia

The South Asian Association for Regional Cooperation (SAARC) is an economic and

geopolitical organization of Afghanistan, Bangladesh, Bhutan, India, Maldives,

Nepal, Pakistan, and Sri Lanka. All countries are rabies endemic except Maldives

and the islands of Andaman, Nicobar, and Lakshadweep in India. The SAARC region
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is one of the most densely populated regions of the world, comprising about 3% of the

world’s area and 21% of the world’s total population. SAARC countries contribute

45% of the global burden of human rabies, and more than 1.5 billion people in these

countries are at potential risk of the disease. An estimated 4 million people receive

rabies vaccination following exposure to suspected rabid animals every year, a

considerable economic drain on SAARC economies [10].

India accounts for over 70% of the area and population of the SAARC region and

has the highest burden of human rabies in the world. Based on the estimated number

of human cases, Afghanistan is reported to have the highest incidence at 5.7 per

100,000 population, followed by India, Bangladesh, and Pakistan (Table 1). Rabies

is not a notifiable disease in most countries. Moreover systematic surveillance for

human and animal rabies is not done in most countries, masking the true magnitude

of the problem. The World Health Organization reinitiated annual reporting of

human rabies in 2015 [11]. South Asia is also a frequent tourist destination and a

major source of guest workers globally and as such contributes human cases to

other global regions [12].

3 Pathogenesis

Rabies is a rapidly progressive encephalomyelitis, usually transmitted by virus-

laden saliva of animals through a bite or break in the skin or mucous membranes.

The incubation period of rabies is prolonged, usually 2 weeks to 3 months, but with

incubation periods that may extend to 8 years [14]. The incubation period for rabies

is longer than the 14-day period required to vaccinate against rabies. This obser-

vation by Louis Pasteur in the 1880s rendered rabies the world’s second vaccine-

preventable disease (after smallpox).

In describing rabies pathogenesis, it is important to note that wild-type rabies virus

(so-called street rabies virus) varies considerably in biology from laboratory-adapted

strains (so-called fixed rabies virus). Street rabies viruses are highly neuronotropic and

replicate at low levels with prolonged and highly variable incubation periods that

Table 1. Rabies: annual disease burden in South Asian countries [13, 102]

Country

Estimated human

rabies deaths

Estimated human rabies cases

per 100,000 population

% of dog bites in total

animal bite cases

India 18,000–20,000 3 >95%

Pakistan 2000–5000 1.3 >90%

Afghanistan 2000–3000 5.7 Not available

Bangladesh 1500–2000 1.5 95%

Nepal 100–150 0.21 98.5%

Sri Lanka <50 0.26 95%

Bhutan <5 0.07 99%

Maldives 0 0 0
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evolutionarily benefit a highly virulent infection. Wild-type rabies does not cause

prominent cytopathic effects or generate a significant immune response before death

[15, 16]. In contrast, fixed rabies viruses replicate promiscuously within neurons, glia,

and immune cells, have a relatively constant (fixed) incubation period, and cause

neuronal and lymphocyte death through apoptosis [17–19]. Fixed rabies viruses are

highly inflammatory and therefore well suited as killed vaccines administered intra-

dermally or intramuscularly to generate systemic immunity [1].

Rabies viruses vary phylogenetically, with clearly appreciable differences in

species tropism and virulence [20]. RABV is exquisitely neuronotropic, with

limited replication in the muscle (canine rabies), skin (bat rabies), and salivary

and lacrimal glands (for transmission). Cellular tropism is dependent on the surface

glycoprotein (G) of the enveloped virus [21]. Neutralization epitopes on the G

protein are well defined; some are conformational [22]. Most protective immunity

is humoral and directed at the G glycoprotein [23]. Several host cell receptors have

been identified using fixed RABV. The nicotinic acetylcholine receptor (nAchR) on

muscle end plates is best characterized, for canine rabies. The surface receptors

and/or permissive cells in the skin, and the central nervous system (CNS) receptors,

are defined by fixed virus strains [24]. The p75NTF receptor may couple rabies

virions for retrograde axonal transport [25]. Infection proceeds by endocytosis, in a

retrograde fashion from axon to cell body to dendrites to next axon. Wild-type

RABV is propagated almost exclusively trans-synaptically [26]. For that reason,

RABV is used by neuroanatomists to precisely map synaptic connections

[27]. Pseudoviruses incorporating the RABV glycoprotein are sufficient to deliver

recombinant nucleic acids and proteins to neurons [28]. Pseudoviruses may replace

conventional neutralization assays of RABV because of their improved safety,

enhancing prospects for more national rabies reference laboratories [23].

RABV is internalized in motor neurons primarily by clathrin-mediated endocy-

tosis in acidic vesicles [29]. The virus envelope is transported by retrograde axonal

transport at high velocities (8.0 cm/day) in p75NTR-containing endosomal vesicles

to the neuronal cell body [25]. RABV-encoded G glycoprotein has been associated

with retrograde axonal transport of rabies virions [30]. The P phosphoprotein

includes a LC8 dynein binding motif but is not involved in transport, rather

replication [31]. Most rabies replication occurs in the neuronal body [32]. The

ribonucleoprotein (RNP) consists of a phosphoprotein (P), a reverse polymerase

(L), and a nucleoprotein (N) matrix. The RNP aggregates in virus factories that are

microscopically apparent as Negri bodies [33].

The genetic components of the RABV that contribute to pathogenesis, other than

the G protein, are incompletely known. The meta-genomic contribution of the host

is undefined but clearly important, because the virus genome does not determine

furious and paralytic forms of rabies [34]. Surface expression of the G glycoprotein

is limited, thereby evading detection by the immune system and correlating with

neurovirulence; overexpression of the G glycoprotein also induces apoptosis

[35]. There are no virus genomic studies of the cardiac tropism common in dog

but not bat rabies, but the RABV P phosphoprotein determines RABV replication in

muscle [36]. The viral genetic basis of immunological differences in responses to
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dog and bat rabies is unknown. The P protein has been well studied in fixed rabies

models and inhibits type I interferon synthesis and signaling; wild-type strains

remain interferon sensitive, and interferon pathways are induced in human brain

homotypic cultures by wild-type RABV (unpublished data, RW) [37].

While mathematically improbable based on the salivary load of RABV and the

abundance of nAChR, half of rabies bites do not result in rabies. This may be due to

interferon induction or abortive rabies. Trauma to wounds induces interferons that

render the traumatized tissues less permissive to RABV replication [38]. Type I

interferons control RABV replication in muscle [36]. The inflammatory effects of

bacterial superinfection of bitewounds onRABV replication is not known [39]. Sutur-

ing of the wound increases the rate of rabies infection, presumably by further inocu-

lating infected saliva distally into non-inflamed tissue. This local non-neuronal phase

of RABV replication, associated with a prolonged incubation period, highlights the

extreme importance of wound care in preventing rabies. Abortive rabies is controlled

by cellular immunity systemically or at the level of the spinal cord [40]. RABV causes

an acute flaccid paralysis syndrome (AFP) that often mimics acute inflammatory

demyelinating paralysis (AIDP, Guillain-Barre-Landry syndrome) in humans. In

animals, the immune response to rabies is more prominent in paralytic rabies, and

survivors (abortive rabies) show permanent motor neuron damage [41]. Lack of

disease despite humoral evidence of RABV infection occurs rarely, both naturally

and in animal models, and is also considered abortive rabies [40]. Based on

serosurveys, this may also occur in humans [42, 43]. In most instances, however,

with inefficient RABV replication in non-neural tissues and viral downregulation of

the cell surface expression ofG glycoprotein, no immune response develops following

replication in the wound and the encephalitis proceeds unchecked [16].

At the level of the first synaptic transmission of RABV in the spinal cord, several

propagation pathways ensue [26]. Virus is transported retrograde along first-order

motor neurons to the motor cortex. In contradistinction, rabies is transported

anterograde along interconnecting neurons to autonomic and sensory nerves within

the spinal cord [26]. Infection of the dorsal root ganglion does not propagate

proximally, but produces marked inflammation and the characteristic radicular

pain and paresthesias referring to the bitten limb.

Within the CNS, rabies spreads rapidly and trans-synaptically to involve most of

the brain. It is striking how widespread infection does not lead to clinical symptoms

for several days. This speaks in part to the lack of cytopathic effect, apoptosis, and

inflammation in wild-type RABV infection. The temporal disconnect between

RABV infection and rabies symptoms must be explained. One author (RW),

based on metabolic studies of human CSF during rabies [44, 45], posits that the

delay is similar to that seen in genetic metabolic disorders, characterized by gradual

loss of key metabolites or accumulation of toxic metabolites.

In order to propagate as a productive infection, the RABV must then emigrate to

salivary and lacrimal glands. RABV in the CNS is transported anterograde through

all nerves, including motor, sensory, and autonomic, resulting in global peripheral

neuropathy [46]. Myoclonus corresponding to the bitten limb is followed by

generalized paresis. Airway tone, pupillary responses, and diaphragm function
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are less commonly affected. The patient becomes insensate except for visual

afferents. Visceral organs including the heart, adrenals, kidneys, the GI tract, and

bladder are also infected by RABV at their points of innervation [46]. Infection of

the vagus nerve is postulated to cause asystoles through episodic overactivity

during incipient failure; by day 7 of hospitalization, the vagus is rarely active and

atropine produces paradoxical vasodilation without changes in heart rate. Failure of

epinephrine production by the adrenal medulla may lead to initial surges in sym-

pathetic tone followed by hypotension as production ceases [47]. Fecal and bladder

retention are seen in rabies (distinguishing rabies from Guillain-Barre-Landry

syndrome). Ileus often occurs in the second week of encephalitis.

Eventually, immune surveillance detects massive infection of the CNS by

RABV, and influenza-like symptoms of the clinical prodrome appear. Clinical

signs of fever and inflammation must be mediated by the innate immune system

because most rabies patients with rapidly progressive neurological symptoms and

signs die without evidence for adaptive immunity [16].

Without critical care, patients die within 2–3 days of admission. Dehydration and

ketosis may contribute to clinical demise. Tachyarrhythmias followed by cardiac

arrests (asystole) are common in first 7 days after admission. Cardiac stunning is

also described [48, 49]. Approximately 5–7 days after first hospitalization (i.e., after

objective, severe neurological signs are noted), hyponatremia and dehydration from

salt wasting develop. Increased intracranial pressure may correlate with the

hyponatremia, but also with elevated concentrations ofN-acetylaspartate, a molecular

water pump, in cerebrospinal fluid (CSF) [44]. The mechanism of salt wasting has not

been characterized, but mineralocorticoids palliate the process, and thyroid hormones

are consistent with sick euthyroid syndrome, excluding panhypopituitarism as the

cause [50]. Increased sympathetic tone to the kidney may contribute to salt wasting;

the role of natriuretic peptides is unknown. Hyponatremia is often followed a day later

by generalized intracranial vasospasm of the conduit arteries [50, 51]. Vasospasm is

transient and without anatomic correlate at autopsy, but corresponds to clinical

dysautonomia, coma, and EEG and CSF metabolic changes [52]. At this point, care

of many patients is discontinued by physicians unfamiliar with rabies, but electrical

activity and brain perfusion persist [53]. There is then a clinically quiet interval

characterized by metabolic perturbations, but no vascular events [44].

The humoral immune response usually develops within 5–16 days of hospital-

ization. Vaccine failure (usually from lack of RIG administration) and administra-

tion of rabies vaccine during rabies produce very high concentrations of serum and

CSF-neutralizing antibodies that can be associated with cognitive impairment

and/or spasticity in survivors [54]. White matter is affected radiologically in

vaccinated rabies, suggesting extension of the immune response to glial elements.

In contrast, rabies survivors without rabies vaccination are often intellectually

normal and with normal brain imaging [55]. Antibodies can clear some CNS viruses

non-cytolytically [56].

Clearance of RABV from saliva by PCR regularly follows development of serum-

neutralizing antibody, progressing linearly over 2 weeks [57] (unpublished data).

Serum-neutralizing antibody also correlates with loss of cultivable RABV in skin
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biopsy, with an irregular appearance of rabies antigen and loss of detectable genome

by PCR. With rabies-neutralizing antibody in CSF, cultivable virus disappears over

days and heterogeneous patterns of rabies antigen and genome appear [58].

Immune responses vary between dog and bat RABV phylogenies (unpublished

data, RW). In dog rabies, the systemic response is rapid and intense (asymptotic

over a few days), while the concurrent development of neutralizing antibodies in

CSF is limited in titer. In bat rabies, the systemic response is gradual (reaching

asymptote over a week), with concurrent development of CSF antibodies in CSF

that often exceed serum titers. There are two side effects temporally correlated with

the humoral immune response to rabies. Third-degree heart block develops in 40%

of patients with dog rabies. Patients with bat rabies often develop cerebral edema

associated with CSF-neutralizing antibody titers greater than 10 IU/ml.

At 12–15 days after admission, an episode of systemic dysautonomia and high

cerebral arteriolar resistance occurs, associated with a fall of cerebral blood veloc-

ities and intracranial pressure [52]. The crisis is accompanied by fixed dilated pupils

and development of diabetes insipidus. The EEG amplitude becomes near isoelec-

tric. CSF protein increases. Cerebral artery blood flow becomes chaotic, cerebral

edema ensues, and the patient dies. No histological changes to the arteries are noted

at autopsy. This catastrophe is usually predicted by prominent dysautonomia and

vasospasm on days 6–8.

4 Clinical Manifestations

4.1 Variability in Presentation

Rabies is misdiagnosed because of the prolonged incubation that challenges asso-

ciation of the present encephalomyelitis with an animal exposure weeks to months

ago. There is also no way of detecting RABV infection while it is incubating. The

clinical presentation is also highly variable. Many authors classify canine rabies

into furious and paralytic forms of rabies [59]. In one author’s (RW) experience

with over 70 cases, the distinction of furious and paralytic forms may actually be

more of a continuum. The continuum may also include milder disease (see above).

The prodromal period lasts up to a week and is flu-like, along with insomnia,

restlessness, and sore throat or dysphagia. Fever is always present but episodic. Pain

and severe itching or paresthesias often refer to the bitten extremity before objec-

tive neurological signs occur. Abdominal pain may raise concerns about an acute

abdomen. Hallucinations may occur, prompting referral to psychiatric care or

poison control. Episodes of agitation, aggression, hallucinations, or emotional or

sexual arousal appear episodically and increase in frequency over time. It is

characteristic to have intervals of complete normalcy in behavior and cognition in

between. Focal myoclonic jerks or paralysis may develop and usually map to the

bitten limb; some authors note percussion myoclonus as characteristic of rabies

[59]. Orofacial dyskinesias and myokymia are common and are often misdiagnosed
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as seizures. Sympathetic dysautonomia is often prominent, including sweating,

tachycardia, hypertension, hypersalivation, and priapism. Saliva is often viscid

and can obstruct bronchi. Hydrophobia (pharyngeal and diaphragmatic spasms

when drinking water), aerophobia (precipitated by drafts or oxygen cannulae),

and pneumothoraces are unique to human rabies, helpful when present, but not

specific. Pain, loss of deep tendon reflexes, and weakness may ascend, suggestive of

Guillain-Barre-Landry syndrome, but with urinary or fecal retention.

4.2 Differential Diagnosis

There are many other diseases thatmimic rabies. It is particularly important to inquire

about a prior animal bite in preceding years. In one author’s experience (RW), anti-N-
methyl-D-aspartate receptor antibody encephalitis is the most common alternative

diagnosis and was often associated with documented animal bite exposures

[60]. Symptoms of NMDAR encephalitis include agitation, aggression,

hypersalivation, hydrophobia, and orofacial dyskinesias. Seizures are common in

NMDAR encephalitis but unusual in rabies. Many arthropod-borne encephalitides

(e.g., Japanese encephalitis) may also mimic rabies. While movement disorders may

occur in both, prominent hypertonia is unusual in rabies and suggests an alternative

diagnosis such as West Nile encephalitis. CSF and MRI imaging in rabies are near

normal, unlike most arbovirus encephalitides at time of presentation. In malaria-

endemic areas, up to 11% of cerebral malaria cases may be rabies [61]. The semiology

of tetanus and rabies may be confused. One author (RW) has encountered herpes

simplex 1 encephalitis with hypersalivation and hydrophobia in two instances. Scor-

pion or elapid intoxications mimic rabies, which is perhaps not surprisingwhen alpha-

bungarotoxin and rabies G glycoprotein share sequence homology [62]. Ascending

paresis can represent human rabies as well as AIDP, campylobacter-associated acute

motor axonal neuropathy (AMAN), or other forms of acute flaccid paralysis

[63]. These can be quite difficult to distinguish, even by nerve conduction velocity

studies; an axonal neuropathy favors rabies, West Nile virus, or other cause of AFP

and is a contraindication to the use of IVIG or corticosteroids.

4.3 Stages of Rabies

Classically, five stages are described, including incubation, prodrome, acute enceph-

alitis, coma, and death. Further stages are evident with critical care, broken into week-

long periods. Cardiac arrests are common in the first week of hospitalization, and

hyponatremia and coma supervene 6–8 days after first hospitalization. The rabies

patient is usually fully paralyzed and insensate by 10 days of hospitalization. The

neurological examination is essentially worthless during the encephalitis and coma

phases because of the prominent peripheral neuropathies of rabies. The examination is
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often confused with brainstem death unless EEG or cerebral perfusion studies are

performed [64]. Dysautonomia, loss of EEG activity, pupillary dilation, and diabetes

insipidus occur 12–15 days after admission and, when present, suggest futility of

further medical care. Rabies patients may survive for weeks with an isoelectric EEG

andwith good cerebral blood flow before succumbing. Alternative criteria formedical

futility have been proposed (www.mcw.edu/rabies).

Survival has been associated with an early appearance of CSF-neutralizing

antibody titers in the range of 1.0–10 IU/ml (unpublished, RW). Recovery is not

clinically evident in the second week after admission, but can be detected by

clearance of virus RNA in saliva, alterations in DFA appearance in skin biopsies,

metabolic changes in CSF, and the advent of immunological sequelae (heart block

in dog rabies) [44] (www.mcw.edu/rabies). With recovery, the patient again

develops orofacial dyskinesias, cough, hypersalivation, and gastric or

endobronchial hypersecretion. Oddly, distal deep tendon reflexes recover before

corneal or vestibular reflexes, perhaps reflecting systemic before CNS clearance.

Neurological recovery requires 1–2 weeks from first detection of neutralizing

antibodies in CSF but then proceeds rapidly. Movement disorders are common

during rehabilitation without sapropterin (tetrahydrobiopterin) or dopamine sup-

plementation [45]. Profound weight loss may be a challenge during recovery

despite vigorous caloric supplementation [65].

5 Laboratory Diagnosis

Antemortem diagnosis of rabies has always been encouraged [1]. Prompt laboratory

confirmation can help avoid unnecessary costs and aid in prognostication, decisions

regarding treatment or palliation, infection control, postexposure prophylaxis to

close contacts of the patient, and closure and grief counseling of family members.

In countries which are working toward rabies elimination (e.g., Sri Lanka,

Thailand), continual surveillance and laboratory confirmation of clinically

suspected cases of rabies is essential. Additionally, laboratory testing can aid in

molecular epidemiological studies.

Given increasing reports of rabies survivors, antemortem diagnosis may increas-

ingly alter treatment and provide the indication for broad-spectrum antivirals active

against the RABV. Speed of laboratory transport and testing become key. Rabies

reference labs are few in number and often logistically distant [66]. Bedside

immunological and virological tests are needed for therapeutic monitoring. In the

near future, pseudoviruses may permit serological testing outside high containment

reference laboratories [67]. Genome-, proteome-, or metabolome-based testing

promises syndrome-based diagnosis of myriad infections off one limited sample

[68, 69]. “Omics” instrumentation is far more ubiquitous than rabies reference

laboratories, and data may be transmitted by the internet for expert analysis.

The currently used common conventional and advanced laboratory techniques

for diagnosis of human rabies and their advantages and limitations are summarized

in Table 2. Postmortem diagnosis of rabies is often limited by cultural or physician
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aversion to autopsies. Percutaneous needle autopsies can substitute, albeit with

increased sampling error [70]. The dRIT test is a well-performing substitute to

immunofluorescent testing of the brain [71].

6 Treatment

6.1 Isolation

There has never been a laboratory-confirmed case of rabies transmission during

medical care or at autopsy of a rabies patient (other than by transplantation of

organs) [90]. Some countries including the Centers for Disease Control (USA)

recommend standard precautions as for any patient [91]. Standard precautions is

understood to include barrier precautions when there is a risk of splash of rabies-

infected secretions (saliva, respiratory specimens, tears; not blood, urine, stool,

semen) onto mucosa or broken skin. With the advent of rabies survivors, criteria for

discontinuation of isolation are needed.

6.2 Palliation

In situations where critical care is impossible logistically or financially, then

palliative care is imperative. Rabies causes profound suffering by a patient who is

intermittently fully conscious and communicative. There are only two studies

addressing palliative care of rabies. Haloperidol was shown superior to other

treatments of rabies delirium and is consistent with known deficiencies in

tetrahydrobiopterin, a cofactor for dopamine synthesis [92]. Orally or rectally

bioavailable medications permit palliation at home [93]. An interesting anecdotal

observation is that patients with hydrophobia may tolerate ingesting preparations of

clarified butter. If confirmed, this might permit an oral vehicle for many sedatives.

6.3 Vaccine Failures Now Survive

Survivors of human rabies are well documented with conventional ICU care,

although functional outcomes are often poor [94]. These patients often received

rabies vaccine without RIG and then progressed to rabies due to lack of bridging

rabies antibody. Rabies-neutralizing titers among these survivors are remarkably

high. Among them, a series of survivors have been reported in India, all neurolog-

ically damaged and several diagnosed after encephalitis resolved [94]. The author

(RM) has speculated that recent rabies survivors have appeared in South Asia as the
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direct result of an expanding middle and upper class with access to world-class

medical care. The number of current survivors is small and, probabilistically, better

outcomes will follow. Hospitals capable of treating tetanus or head trauma can treat

rabies. The contraindications are societal, related to cost of prolonged care and

rehabilitation in modern medical centers.

6.4 Milwaukee Protocol

There is currently no antiviral of proven efficacy in human rabies. The Milwaukee

Protocol (MP) is a supportive critical care. It has been used over 80 times, produc-

ing 13 additional survivors by intention to treat (www.mcw.edu/rabies). The key

concept of the protocol is to avoid fatal dysautonomia during the first week of

hospitalization, while permitting immunologically unskewed development of neu-

tralizing antibodies in the patient during the second week to clear the infection.

Over time (now in version 5), the MP has characterized and prevented regular

complications of rabies during critical care (www.mcw.edu/rabies). Salt wasting is

prevented by the use of exclusively normal saline solutions and mineralocorticoids.

Interestingly, this approach minimized vasospasm [95]. Ketogenesis detected in

CSF has been associated with imminent death from rabies [44]. Insulin with glucose

resulted in reduced dysautonomia and longer average survival. The PR interval on

electrocardiogram is monitored; heart block can be overcome by pacing or the use

of xanthines [96]. Sapropterin (tetrahydrobiopterin) accelerates rehabilitation con-

siderably by minimizing transient movement disorders [45].

6.5 Future Therapies

Several broad-spectrum antivirals targeting other pathogens are active against

RABV and are being evaluated in clinical trials [97, 98]. Modern molecular genetic

approaches (DNA vaccines, siRNA, recombinant virus vaccines) have shown

promise in vitro but are challenged by delivery to the CNS. Among the monoclonal

RIG products under development, the authors do not know of any that are capable

of clearing RABV infection intracellularly [56]. Most antibodies penetrate the CNS

with 0.5% efficiency. Camel and shark antibodies are much smaller, monomeric,

and penetrate with greater efficiency [99, 100].
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7 Control Measures

7.1 Regional Programs and One Health Approach

TheWorld Health Organization (WHO) has identified rabies as one of the neglected

tropical diseases, and the WHO Regional Office for Southeast Asia has been

advocating for a regionally coordinated rabies elimination program in the

SAARC region. There is a clear precedent for successful regional action

[101]. Regional societies such as Rabies in the Americas (RITA) were likely crucial

to the success of this endeavor (www.rabiesintheamericas.org).

To work toward human rabies elimination in South Asia, member countries

should have a national strategy for rabies elimination following a stepwise

approach. Currently a comprehensive rabies control program exists in only three

countries. The “One Health” concept is technically supported by the WHO, Food

and Agriculture Organization of the United Nations (FAO), World Organization for

Animal Health (OIE), Global Alliance for Rabies Control (GARC), and World

Animal Protection (WAP), among others. Rabies surveillance can be improved by

making human and animal rabies a notifiable disease, strengthening laboratory

capacity for diagnosis, and enhancing real-time reporting through coordination

between the medical and veterinary sectors. Studies in Asia, Africa, and Latin

America have revealed that investment in mass dog vaccination programs is a

feasible and cost-effective approach to human rabies elimination and member

countries can benefit from the OIE dog rabies vaccine bank for this purpose. The

dog population in India alone, consisting of mainly free roaming dogs, is estimated

to be as high as 25 million (2.8% of the global dog population) [102]. An estimated

17 million animal bites, mostly by dogs, are reported every year in India. However,

canine population estimation has not been done using a standard methodology in

most countries, and pet registration and vaccination are not mandatory

[103, 104]. Dog population management should be undertaken using scientific,

humane, and socioculturally acceptable methods in individual countries [13].

In recent years, a few countries have made a considerable progress toward

realizing the goal of rabies elimination. Sri Lanka has registered a sharp decline

in the number of human rabies deaths through mass dog vaccination campaigns,

improved accessibility to human postexposure prophylaxis (PEP), and an effective

vaccine delivery system [105]. Bhutan and Bangladesh have recorded significant

reductions in human rabies incidence [13]. In India, considerable success in terms

of decrease in human rabies deaths has been observed in areas where rabies control

programs have been implemented, though confined to small urban areas in the

states of Rajasthan, Tamil Nadu, Jharkhand, and Sikkim [106–110]. Along with

public health agencies, the contribution of nongovernmental organizations and

regional professional associations (Rabies in Asia foundation, http://www.

rabiesinasia.org/; Association for Prevention and Control of Rabies in India,

http://www.apcri.org/) has also been crucial in achieving these goals.
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7.2 Prophylaxis

There are three critical components to postexposure prophylaxis [1]. Rabies is a

lipid-enveloped virus, so soap and water or topical disinfectants are highly effective

at preventing rabies. Cosmetic wounds should be only approximated, never closed,

and then definitively repaired once bacterial infection is excluded and PEP under-

way. There are a variety of WHO-approved rabies vaccine schedules that make use

of the vaccine-sparing intradermal route to minimize cost [1]. Vaccines require

5–10 days to generate neutralizing antibodies and so require passive immunization

(rabies immune globulin) to bridge the gap. The lack of administration of RIG is the

most frequent cause of failure of PEP. RIG is of little benefit once 7 days have

lapsed from the first vaccine. Vaccine coverage in animal bite victims is limited,

and use of rabies immunoglobulin is abysmally low due to unavailability and/or

high costs leading to a large number of preventable rabies deaths in most countries.

Many bite victims resort to traditional remedies, such as chili paste or turmeric. To

address the shortage of vaccines and to increase the cost-effectiveness, intradermal

rabies vaccination (IDRV) is being practiced in India, Sri Lanka, and Bangladesh;

the World Health Organization (WHO) has also facilitated IDRV training in

Afghanistan, Bhutan, Nepal, and Pakistan [13].

As of 2016, all countries use vaccines of tissue culture or embryonated egg

origin, which are safe and efficacious. Sri Lanka was the first country in this region

to stop production and use of nerve tissue vaccine (NTV) in 1995, followed by

Bhutan (1996), India (2005), Nepal (2006), Bangladesh (2011), and Pakistan (2016)

[13]. India is the only country in the South and Southeast Asian region producing

cell-culture based human rabies vaccines which are also supplied to neighboring

countries. The Global Alliance for Vaccines and Immunization (GAVI) currently

does not support funding for rabies vaccines; however, feasibility studies of GAVI

support for rabies vaccines are currently underway.

Because of the safety and almost perfect efficacy of modern postexposure

prophylaxis, there is increasing interest in pre-exposure prophylaxis as a component

of childhood vaccine schedules in rabies-endemic countries [111]. The Indian

Academy of Pediatrics recommends rabies vaccine for most children [112]. Vacci-

nation provides at least 21 years of longevity in the serum antibody titers and

anamnestic response and precludes the need for expensive rabies immune globulin

products during post-exposure prophylaxis [113]. The immunization schedules for

current, killed rabies vaccines were developed with less potent and efficacious

vaccines and likely can be further reduced. Next-generation vaccines, particularly

live attenuated vaccines, might obviate the need for repeat dosing [114].
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1 Introduction

Kyasanur forest disease virus (KFDV) belongs to the Flaviviridae family and genus

Flavivirus that causes Kyasanur forest disease (KFD). It is a tick-borne viral

infection which leads to either encephalitis or hemorrhage among infected individ-

uals. The disease was first reported in 1957, from Shimoga district, state of

Karnataka, with high mortality rate among nonhuman primates (NHPs) and

human population living in the vicinity of Kyasanur forest, hence the name

Kyasanur forest disease. In local language, KFD is known as “monkey fever” or

“monkey disease” [1].

The infectious bite from tick nymph disseminates KFDV during the months of

January to May. The clinical symptoms among infected individuals include acute

febrile illness followed by hemorrhage and/or necrosis in organs and neurological

manifestations but without any long-term neurological sequelae.
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Annually, more than 400 cases of KFDV are reported in India with the case

fatality rate of 3.4%. The districts of Karnataka such as Shimoga, Uttara Kannada,

Dakshina Kannada, Chikmaglur, and Udupi account for maximum numbers of

KFDV cases and are therefore designated as endemic for KFDV. However, mor-

tality rate is higher in NHPs (85%) than in human (10%) populations. It is

recommended to use proper protective gears for serological examination of KFD

cases, virus isolation, etc. [2–4].

The KFD vaccine has been developed in the 1970s through formalin-inactivated

chick embryo fibroblast-tissue culture [5]. Other preventive measures include the

protection from ticks by application of tick repellents dimethyl phthalate (DMP)

oil, N,N-diethyl-meta-toluamide (DEET), and dibutyl phthalate (DBP) on exposed

body parts. The carcasses of infected dead monkeys should be burned, and the

forest floor must be sprinkled with insecticides like lindane or malathion in and

around 50 m of radius [6].

2 Ecology and Epidemiology of KFDV

KFDV came into picture with a high mortality rate in two types of monkeys,

Semnopithecus entellus (black-faced langur) andMacaca radiata (red-faced bonnet
monkey), along with high prevalence of acute febrile illness in villagers living

nearby the forest of Shimoga district of the state of Karnataka, India, in the year

1957. Earlier, KFDV was placed to Russian spring-summer encephalitis (RSSE)

serocomplex, now known as tick-borne encephalitis (TBE) serocomplex of the

Flaviviridae family. TBE manifests with neurological symptoms. However, the

clinical features of KFDV reveal an atypical hemorrhagic symptom that correlate to

KFDV genetic variant Omsk hemorrhagic fever virus (OHFV) and Alkhurma

hemorrhagic fever virus (AHFV) [7, 8].

Many species of ticks belonging to different genera such as Haemaphysalis,
Hyalomma, Ornithodoros, Ixodes, Argas, Dermacentor, and Rhipicephalus have

been identified as major vectors for transmitting KFDV [9–14]. Haemaphysalis
species are found in tropical evergreen and deciduous forests of southern and

central India and in Sri Lanka [14, 15].

The emergence-reemergence of KFDV infections in Shimoga district is due to

human intrusion into Sagar Taluk forest within the Shimoga district. This area is

rich in flora and fauna and used for extensive land farming, timber practices,

deforestation, irrigation, etc. Therefore, this leads to alternation in ecosystem

along with close proximity among humans, animals, and ticks. In addition, an

increase in temperature and change in seasonal pattern may further contribute to

increase in tick populations transmitting KFDV among humans and NHPs. The

hosts and vectors along with conducive environment might be the major factors for

the localization and circulation of KFDV in Karnataka and nearby regions [16].

KFDV have also been reported in other areas of the Western Ghats like Uttara

Kannada, Dakshina Kannada, Chikmaglur, Udupi, and Chamarajanagar,
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Karnataka, in 2012; Nilgiri district, Tamil Nadu, in 2013; Wayanad and

Malappuram district, Kerala, in 2014; and Pali village, Goa, in 2015 [2, 17]. In

year 2006, KFD was reported in Gulbarga at the border of Karnataka and Maha-

rashtra [3]. A recent outbreak of KFD in January 2016 has been reported from

Sindhudurg, Maharashtra [18] (Fig. 1). Apart from India, KFDV infections were

reported from Yunnan Province, China, in 1989 and named as Nanjianyin virus

[19]. Genetic variants of KFDV like AHFV and OHFV were identified from Saudi

Arabia, Makkah, Jeddah, and Jizan in 1994 and Egypt-Sudan border in 2010 and

Western Siberia in 1943 and 1945, respectively [20–22].

Fig. 1 Areas affected with Kyasanur Forest Disease. The five districts of State of Karnataka are

endemic for KFD while, neutralizing antibodies are reported from Gujarat and Goa. The recent

KFDV activity is reported in humans and monkeys from Kerala and Tamil Nadu
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There are about 400–500 cases of KFD reported in India every year [7, 23]. In

the years 2003–2012, out of 3263 suspected KFD cases, 823 were confirmed with

28 deaths, a case fatality rate of 3.4% [24]. Report by Kasabi et al. (2013) has

confirmed 61 KFD cases out of 215 suspected patients in Shimoga district [25].

In November 2012, 12 monkeys and 6 human deaths were reported in Bandipur

National Park, Chamarajanagar district, Karnataka. Further, the samples collected

from the suspected human, monkey, and tick population in Chamarajanagar, Tamil

Nadu, and Kerala were found positive for KFDV, outside the endemic area.

Therefore, the public health department of Karnataka initiates the vaccination

program in the endemic areas and promotes awareness regarding KFD [26].

3 KFDV Genome

KFDV is about 10,774 nts in genome size, 45 nm in diameter, and an enveloped

spherical virus [27]. A single positive RNA virus translates and is cleaved by the

host as well as viral proteases as structural proteins (envelope (E), precursor

membrane (prM), and capsid (C)) and non-structural proteins (NS1, NS2AB,

NS3, NS4AB, NS5) [28, 29] along with non-coding regions (NCRs) flanking at

50 and 30 ends that aids in cyclization, replication, and translation of the viral

genome [28, 30, 31].

The translation and cleavage of the viral polyprotein start with C protein (12–14

kDa) which is a basic protein forming homodimers on the ER membrane. It is

involved in viral genome packaging and nucleocapsid formation. The next cleavage

is mediated by signal peptidases that forms prM (18–19 kDa) and E (53–54 kDa)

glycoproteins, possessing two transmembrane helices. The nascent prM protein

helps in proper folding and assembling of E protein. The furin-like proteases cleave

the prM and form M protein (~75aa) which help in virion maturation and budding

from the infected cells. The E protein plays a major role in virion assembly,

receptor binding, and membrane fusion and therefore, has been targeted for the

production of neutralizing antibodies [32, 33].

NS1 (46–52 kDa), a highly conserved glycoprotein, exists in various forms, a

monomer (site of replication complex), dimer (membrane bound), and hexamer

(secreted) [34, 35]. NS1 has been implicated in viral replication, translation, and

eliciting immune responses by activating TLRs and complement system [36–

38]. NS10 (53 kDa), an extended version of NS1, has been reported in mosquito-

borne encephalitis group (WNV, JEV, and DENV) [39, 40]. NS2A (20–24 kDa) is a

small, conserved hydrophobic protein that has been implicated in viral replication,

assembly, and secretion. NS2A suppresses the antiviral response through the IFN

signaling pathway [41]. NS3 (68–70 kDa) protein forms a heterodimer with NS2B

and remains associated with ER membrane. This protein has been implicated in

protease activity (NS3 proteases) which cleaves at NS2A/NS2B, NS2B/NS3,

NS3/NS4A, and NS4B/NS5 junctions along with helicase and nucleotide

triphosphatase activities that helps in viral replication and assembly
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[42, 43]. NS4A/NS4B are small transmembrane proteins involved in viral replica-

tion and antagonizing the antiviral response via IFN signaling [44, 45]. NS5

(103–104 kDa), a multimeric viral protein, is the largest among all non-structural

proteins. At N0 terminal, it has methyl-transferase activity, and at C0 terminus, it has

RNA-dependent RNA polymerase activity. The protein has been implicated with

antagonizing the IFN response via JAK/STAT pathway by suppressing Tyk2

tyrosine phosphorylation and activation of STAT genes [46, 47].

4 KFDV: Transmission and Life Cycle

KFDV belongs to tick-borne encephalitis group, a zoonotic arbovirus infection

transmitted by the bite of infected ticks or encountering with sick or dead monkeys

during forest visit. The virus maintains in small animal population, probably

becoming a reservoir for infection and ticks as the major vectors for disseminating

the virus [2]. The virus circulates efficiently in tick population via trans-stadial

and/or transovarial route, where they take up the infection during their blood meals

from viremic hosts and pass it in their further stages. Both the trans-stadial and

trans-ovarial transmission are observed in I. petauristae ticks [48, 49].
The adult female tick has at least two to three hosts in their life cycle. The female

adult tick is active during the month of June, where it lays eggs on the forest litter.

Their numbers increase from July to August. The tick’s larvae take their blood

meals from small animals like birds and rodents in the months of October to

December. However, the nymphs feed on cattles, monkeys, and humans in the

months of January to May. The nymphal activity coincides with the sporadic

outbreaks of KFDV infections in human and NHPs (Fig. 2). The ticks fall off

after taking their blood meals and create a hot spot of infection. Humans acquire

infection through the bite of infected nymphs during their forest visit for collecting

woods or for recreational purposes. There are no reports of human-to-human

transmission of KFDV infection because humans do not produce adequate viremia

to infect ticks [50].

5 KFDV Replication

KFDV enters in the human body through the bite of an infectious nymph. KFDV

enters into host cells either by receptor-mediated endocytosis or by binding to

heparin sulfate proteoglycans [51]. Several putative receptors have also been

reported for KFDV entry into host cells such as GRP78 (glucose-regulated protein

78), HSPs (heat shock proteins) 70 and 90, CD14, CD4, and cholesterol. Upon

internalization, the acidic environment of endosome opens the nucleocapsid of the

virus and releases the positive single-stranded RNA in the cytoplasm. The viral

replication occurs in two phases. In the first phase, the RNA strand translates and
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gets cleaved into viral components in the ER lumen both by hosts and viral

proteases. In the second phase, the viral components interact with the host proteins

and synthesizes a complementary negative RNA strand, which serves as an inter-

mediate for synthesizing several copies of positive-strand RNA. Later on, the

positive viral RNA genome gets enclosed into a specialized membrane-bound

structure termed as vesicle packets. The vesicle packets are trafficked to Golgi for

virion maturation and budding from the infected cells [52–55].

6 Host-KFDV Interaction and Molecular Pathogenesis

The molecular pathogenesis of KFDV has not been studied very well. The prelim-

inary studies indicate the virulence of KFDV both in NHPs and humans. The KFDV

and its genetic variants AHFV and OHFV belong to TBEV serocomplex, and both

Fig. 2 Transmission and life cycle of Kyasanur Forest Disease Virus. KFDV belongs to tick-

borne encephalitis group, where ticks are the major vector for disseminating virus among small

animals, monkeys and humans. Each tick has at least two-three hosts in its life cycle. The adult tick

lays eggs in the month of June. The unfed larvae take their blood meals from small animals or

monkeys from October to December. The fed larvae then grew up to unfed nymphs, which feed on

humans, small animals or monkeys in the month of January to May. The fed nymphs then grew up

to unfed adult ticks, which feed on large animals like cattle. Again, the fed adult tick lays eggs in

the next season

378 M. Rastogi and S.K. Singh



leads to the hemorrhagic and neurological manifestations. The neurological man-

ifestations start appearing in the later phases of infection [56].

Kenyon et al. (1992) reported the low levels of viremia with no febrile illness or

biphasic symptoms in experimentally infected mouse with KFDV (P9605), which

were reported in the Bonnet macaques [57]. Sawatsky et al. (2014) reported no

viremia in mouse infected by KFDV (P6905). They further reported the infiltration

of mononuclear cells and neutrophils and the formation of perivascular cuffs in the

brain of KFDV (P9605)-infected mouse. KFDV (P9605) infection in mouse has

been reported to show neurotropism with moderate meningitis and without tissue

tropism, while AHFV (Zaki-1)-infected mouse demonstrated tissue tropism rather

than neurotropic behavior. The neurotropic behavior of KFDV might be due to the

neuro-adaptation of virus over several serial passages in culture. Pro-inflammatory

cytokine profile of KFDV-infected mouse brain reveals an upregulation of IL-10,

IFN-γ, and MCP-1 [58]. Tigabu et al. (2009) reported the severe neurological

symptoms in mouse infected with OHFV (Guriev) [59]. Dodd et al. (2014) dem-

onstrated the virulent behavior of KFDV (P9605) in three different mouse models

C3H, C57BL, and A/J. The histopathological studies of infected mouse brain,

lungs, and gut tissues reveal the high virus titer, while no lesions or antigens were

found in the liver, spleen, and kidney. The increased expression of antiviral genes

like Mx1 (myxovirus resistance 1), OAS (2,5 oligoisoadenylate synthetase 1),

ISG15 (interferon-stimulated gene 15), IRF7 (interferon regulatory transcription

factor), and STAT1 along with cellular helicases RIG-1 and MDA-5 has been

reported in the mouse brain infected with KFDV [60]. Likewise, the activation of

TLR3 was also reported after dsRNA replication [61]. In all these experiments, the

neurological manifestations were observed late during infection. Recently, Basu

et al. (2016) have reported a contradictory report in CD-1-infected mice, where

neurological manifestations were first observed like gliosis, inflammation, loss of

neurons, and syncytia formation due to infection in mid- and hindbrain, followed by

hemorrhage and necrosis in organs like the liver and intestine [62].

Isaacs and Lindenmann (1957) demonstrated the antagonizing effects of type I

interferon during viral replication, where interferon-stimulated genes (ISGs) were

activated through the JAK/STAT pathway [63]. The type I interferon helps the

infected cell in establishing an “antiviral state” and protecting the nearby

uninfected cells from infection [64]. Cook et al. (2012) reported that KFDV

replication was not suppressed by type I IFN (IFN-α2a) response in in vitro

experiments. They also reported the role of NS5, a viral non-structural protein in

inhibiting the IFN signaling [65]. However, the treatment of subtypes of type I

interferon (IFN-αWA and IFN-αK) in A549 (human lung carcinoma) and VeroE6

(African green monkey kidney) cells infected with KFDV resulted into suppression

in KFDV replication, but it still needs validation in vivo [66].
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7 Symptoms of KFDV Infection

The incubation period of KFDV has been reported to range from 3 to 8 days. The

most common and initial symptoms begin with sudden high fever, chills, myalgia,

sore throat, decreased blood pressure and heart rate, pain in muscles, and frontal

headache. Serological data demonstrated low count of WBC, RBC, and platelets.

Secondary symptoms start appearing after 3–4 days, marked with neurological and

hemorrhagic manifestations like photophobia, tremors, rigidity, mental distur-

bance, pneumonitis, and petechial hemorrhage, followed by bleeding from the

nose, mouth, and intestinal tract in KFDV-infected patients. Other symptoms

include vomiting, diarrhea, localized or generalized lymphadenopathy, bradycar-

dia, conjunctival suffusion, bleeding from the retina and vitreous humor, opacity in

lens, etc. [67, 68]. Lymphopenia and eosinopenia have been reported in the first and

second week of disease, but few cases of lymphocytosis have also been reported

between the third and fifth week of KFDV infection [8, 23]. After recovery, patients

feel general lethargy for several weeks with a very rare case of neurological

sequelae [69, 70].

Chaterjee et al. (1963) reported the cases of thrombocytopenia and neutropenia

among patients infected with KFDV [71]. Pavri et al. (1989) reported increased IgE

titer during KFDV infection [23]. The fatal human cases of KFDV have been

reported with manifestations such as parenchymal degeneration of the kidney and

expression of mononuclear phagocyte tissues in the liver, spleen, lungs, heart, and

skeletal muscles followed by erythrophagocytosis [68]. Elevated levels of blood

urea nitrogen (BUN) and liver transaminase and hypoalbuminemia have been

reported in KFDV- and AHFV-infected patients [60].

8 Diagnosis and Treatment Regime

With the increase in the number of KFDV cases, the Directorate of Health and

Family Welfare Department, Karnataka, declared KFD as a public health problem.

Following the KFDV infection, the viremia reaches up to 3.0 � 106 CFU/ml within

3–8 days and remains elevated up to 14 days. High viremia coincides with the onset

of disease symptoms. The initial symptom of KFD mimics with that of viral fever

and/or GIT infections. The conventional methods such as HI (hemagglutinin

inhibition) assay, CF (complement fixation), NT (neutralization tests) assays, and

virus isolation have been used for the detection of KFDV [72, 73]. Therefore,

robust, reliable, and rapid molecular diagnostic tools need to be developed for the

diagnosis of KFD. Few diagnostic tools for the KFDV identification have been also

developed by the National Institute of Virology, Pune [11]. The RT-PCR, real-time

PCR, IgG, and IgM capture ELISA and immunofluorescence assays have been

developed for the diagnosis of KFDV in acute-phase samples [74]. The symptom-

atic treatment regime has been adopted for patients suffering with KFDV infection.
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The use of antipyretics, analgesics, and antibiotics, along with complete bedrest

under the supervision of a qualified medical professional, has been suggested for

KFD patients. The supportive therapy includes the administration of intravenous

fluids like glucose-saline for counterbalancing the dehydration in patients. In cases

of cerebral edema, dextrose (10%) I.V. or mannitol I.V. has been administered;

however, anticonvulsants and corticosteroids have been recommended for neuro-

logical disorders [88].

9 Vaccines Against Kyasanur Forest Disease Virus

Since there are no antiviral drugs available for KFD, vaccines were designed to

provide protection against KFDV infection. The Walter Reed Army Institute

of Research Laboratory developed the first vaccine in the 1950s, which was

formalin-inactivated mouse brain preparation of RSSEV serocomplex, adminis-

tered subcutaneously. A weak hemagglutinin inhibition antibody response without

any complement fixing antibodies in patients was observed after immunization

[75–77, 89]. Following the first failure, KFDV-infected formalin-inactivated Swiss-

albino mice brain preparation was tested in mice, which raised neutralizing anti-

bodies with the life expectancy of 6 months in the refrigerator [78]. Thereafter,

several other vaccines against KFDV infection were experimentally tested like live

attenuated KFDV vaccine using the viral strain P9605 in langurs. It provided a

transient protection by raising neutralizing antibodies for a few days [79]. Two

doses of formalin-killed KFDV vaccine were tested in langurs subcutaneously,

which nevertheless offered moderate protection by preventing the death of langurs

but not from infection. This vaccine raised neutralizing antibodies even after

15 months of immunization [80]. Attenuated Langat E5 virus vaccine was tested

against KFDV due to their cross-reactivity with KFDV [81]. The 17D yellow fever

virus and inactivated TBEV vaccine were tested but without any success rate [82].

In the 1970s, formalin-inactivated chick embryo fibroblast-tissue culture vaccine

against KFDV was prepared. The vaccine was immunogenic, stable, and safe,

raised neutralizing antibodies against virus, and therefore was currently licensed

and used in endemic areas [5, 78, 83]. Individuals are immunized with two doses of

this vaccine, subcutaneously, at an interval of 1 month, followed by the booster

dose after 6–9 months. Side effects of this vaccine are slight irritation for 2–8 min,

followed by pain at the site of injection. Pregnant women, people suffering from

jaundice or cardiac complaints, and those allergic to gentamicin, penicillin, and egg

protein must not be administered [6, 84]. Efficacy and coverage of this vaccine are

good; nonetheless, KFD cases are still reported annually. The change in the KFDV

genome due to antigenic drift might be the reason that vaccines are proving to be

inefficient with time. In addition, inappropriate storage conditions for the vaccine

could be another reason for its ineffectiveness [2]. Shah et al. (2012) have designed

the attenuated KFDV vaccine designated as MKTC (monkey kidney tissue culture-

adapted KFDV P9605 strain), which was effective against KFD afflictions in
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monkeys and can be prepared into a live attenuated vaccine, which noticeably

decreased the KFD adversities in NHPs [85].

Few neutralizing antibodies have been reported in humans from areas which are

non-endemic to KFD, including Kutch and Saurashtra of the state of Gujarat,

Ramtek from Nagpur, and Kingaon and Parbatpur from West Bengal (Fig. 1).

From serological data, hemagglutinin-inhibiting antibodies [33] and neutralizing

antibodies were reported from Andaman and Nicobar Islands with the highest

prevalence of antibodies in males than in females [86, 87].

10 Prevention and Control

In addition to vaccination program, the state health department should adopt

rigorous surveillance programs in order to monitor the morbidity and mortality in

NHPs and the human population. People should be strictly prohibited from going to

the forest, if monkey deaths are reported. The carcass of monkeys should be burned,

and insecticides like lindane or malathion should be sprinkled in and around 50 m of

radius on the forest floor. Some professionals like hunters, herders, forest workers,

farmers, and tourists, who visit the forest to collect wood or trek, are at higher risk

of acquiring KFDV infection. People must cover themselves with thick clothes and

wear boots before going into the forest. Application of tick repellents like dimethyl

phthalate (DMP) oil, N,N-diethyl-meta-toluamide (DEET), and dibutyl phthalate

(DBP) is also recommended on exposed body parts to repel insects [6, 84].

11 Conclusion

KFDV is designated as a BSL-4 handled pathogen, and after its identification in

NHPs and human population, the Directorate of Health and Family Welfare Ser-

vices, Karnataka, declared it as a public health concern.

The virus disseminates by ticks during the nymphal activity, in the month of

November. The incubation period is about 3–8 days marked with acute febrile

illness followed by hemorrhagic or neurological manifestations. Monkeys are the

major amplifying hosts, small vertebrates are the reservoir, and humans are acci-

dental dead-end hosts.

Formalin-inactivated chick embryo fibroblast-tissue culture vaccine against

KFDV was prepared in the 1970s and currently is in use. Nevertheless, the cases

are still reported from the endemic regions. Live attenuated virus vaccines or

recombinant vaccines like subunit or chimeric vaccines are to be prepared against

KFDV. More sensitive, rapid, and robust tools should be devised for KFDV

surveillance, diagnosis, and prognosis.
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1 Introduction

Arthropod-borne viruses (arboviruses) are viruses that are transmitted amongst

vertebrate hosts by infected, bloodsucking arthropods such as mosquitoes,

sandflies, ticks and fleas. Diseases in humans commonly caused by arboviruses

include those characterized by encephalitis, febrile illness (sometimes with an
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associated rash) and haemorrhagic fever (Table 1). Mosquitoes are the main vectors

for arboviruses with Aedes and Culex species being the most important in trans-

mission to humans. The major reasons for the global emergence and re-emergence

of these diseases in recent decades have been attributed to environmental change,

urbanization, movement of people, animals and pathogens via modern transporta-

tion, the emergence of these viruses from their sylvatic reservoirs, commercial

transportation, insecticide resistance and land remediation [1].

Arthropod-borne viruses continue to present substantial public health challenges for

many countries in the developing world, including those in South Asia. Driven by

globalization, increased urbanization, deforestation and other environmental changes

and fragile health systems, these diseases pose important challenges for governments in

the region. Recent, and ongoing, outbreaks of dengue in India, Maldives, Pakistan and

Sri Lanka, for example, illustrate the seriousness of the problems posed by these

ubiquitous viruses. In addition to endemic viruses circulating in the region, there are

also concerns about the potential spread to the region of yellow fever virus with

potentially serious, and unknown, implications for South Asia. These infections are

also likely to pose significant economic costs to countries in the South Asia region. For

example, the annual cost of dealing with dengue in India is estimated at $173million [2].

At a higher policy level, and as a recognition of the continued importance of

preparedness for epidemics in South Asia, the World Health Organization (WHO),

governments, financial institutions, development partners and health agencies from

across the world have committed to accelerate strengthening and implementation of

capacities required to cope with disease outbreaks and other health emergencies at a

meeting inBali, Indonesia, in June 2016 [3]. The commitment emphasized ‘the critical
importance of flexible preparedness planning, community strengthening and engage-

ment, information sharing, strengthening of inter-sectoral collaboration of national and

international partnerships, and the critical role that governments and technical partners

play in financing and implementing them’. With regard to dengue, the global response

complements the Asia-Pacific Strategic Plan for Dengue Prevention and Control

(2008–2015) agreed upon by the Southeast Asia andWestern Pacific regions ofWHO.

This chapter will analyse and describe the challenges associated with the present

situation of arboviral infections and disease in South Asia by addressing the ‘what’
(i.e. the nature and magnitude of the problem), the ‘why’ (i.e. the ‘drivers’ or factors
behind the problem) and the ‘how’ (i.e. the strategies needed for prevention and

control and mitigation of these infections).

Table 1 Selected arboviruses which cause human disease

Virus family Examples

Flaviviridae Dengue, yellow fever, Zika (ZKV), West Nile virus (WNV), tick-borne

encephalitis (TBE), Japanese encephalitis (JE), Murray Valley encephalitis

(MVE), Kyasanur Forest disease (KFD)

Togaviridae Chikungunya, Ross River virus (RRV), Venezuelan equine encephalitis

(VEE), Sindbis, Semliki Forest virus (SFV), Mayaro virus (MAYV)

Bunyaviridae Rift Valley fever, Crimean-Congo haemorrhagic fever (CCHF), severe fever

with thrombocytopenia syndrome virus (SFTSV), sandfly fever

Rhabdoviridae Chandipura encephalitis virus
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2 The What: Epidemiology of Arboviral Infections

in South Asia

Arboviral diseases such as dengue, Japanese encephalitis (JE), West Nile virus

(WNV), Zika, chikungunya, Crimean-Congo haemorrhagic fever (CCHF),

Kyasanur Forest disease (KFD), etc. are on the rise in Asia resulting in significant

burden of disease [4]. While comprehensive, accurate and up-to-date data for South

Asia for the various diseases are difficult to obtain, some important examples can be

cited. India, in 2010, for example, reported a total of 28,292 cases and 110 deaths

due to dengue, the highest number of cases and number deaths in a single year in the

country in the previous two decades [5]. The year 2015 saw another major dengue

outbreak with more than 11,000 confirmed cases and at least 41 deaths in the

capital, New Delhi. Pakistan experienced a large dengue epidemic in Lahore in

2011 with cases of dengue haemorrhagic fever (DHF) and a mortality rate of 6%

amongst DHF/DSS cases [6]. Between 2005 and 2015, WHO estimates indicate

that India and Sri Lanka are amongst the top five countries in the world with

recorded deaths due to dengue. At the global level, recent analysis and new data

indicate that, in contrast to a fall in mortality rate from most infectious diseases,

dengue deaths increased by 49% resulting in 18,400 deaths in 2015 as compared to

2005, yielding a pronounced upward trend [7]. The increasing geographic range of

dengue and, in some areas (e.g. Latin America), increasing transmission intensity

contribute to growing concerns about other viruses that are transmitted by Aedes
mosquitoes, including chikungunya, yellow fever and Zika viruses. The dengue

situation in some selected countries in South Asia is given in the Table 2.

Several countries in South Asia are also known to be high- or medium-incidence

countries for disease caused by Japanese encephalitis (JE) virus (Fig. 1) which is

transmitted by Culex spp. TheWHO estimates that there are 67,900 cases each year,

with only a small fraction (10%) reported, with most cases occurring in children

[8]. JE remains a public health concern in over 20 Asian countries, given its

epidemic potential and high fatality rate of 30%, with neuropsychiatric sequelae

in up to half of the survivors [9]. For example, JE is a major public health problem

in Northeast India with high rates of mortality of between 21 and 27% [10]. More

recent data, derived from a systematic review of the literature, rather than national

surveillance data, estimated JE incidences in several South Asian countries and

showed that most cases occurred in the 0–14 years age group [8] (Table 3).

In 2011, India reported its first cases of CCHF with three deaths [11], and

Chandipura virus was reported as a major cause of encephalitis in children in

Andhra Pradesh in 2005–2006 with a case fatality rate of 54% [12]. Zika virus

was first isolated in Asia in 1966 (Malaysia), and cases of febrile illness in Central

Java were shown to be caused by Zika in 1977. Serologic evidence suggests ZIKV

is widespread in the region [13]. Recent mathematical modelling studies, based on

seasonal geographical suitability for Zika virus transmission and seasonal volume

of airline travellers, indicate the strong possibility that Zika virus could be

reintroduced from the Americas (Fig. 2) [14].
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Fig. 1 JE encephalitis in Asia. Source: Tsai TR, Chang GW, Yu YX. Japanese encephalitis

vaccines. In Plotkin SA and Orenstein WA, eds., Vaccines—3rd edition, WB Saunders, Inc.,

Philadelphia, PA, 1999;672–710

Table 3 Prevalence of JE

disease in selected South

Asian countries Country

Incidence per 100,000

in 0–14 years age

group

Incidence per 100,000

in �15 years age

group

Nepal 5.1 1.8

Bangladesh

Bhutan

2.5 0.3

India 4.7 0.3

Data from [8]
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3 The Why: Factors Responsible for the Increase

in Arboviral Infections

The principal ‘drivers’ of the increasing frequency and magnitude of epidemic

arboviral diseases globally and in South Asia are the forces associated with

population growth and globalization in their various dimensions [15], as well as

other factors specific to the disease agents and their vectors. These will be described

in more detail.

3.1 Increased Urbanization

High population density, overcrowding, clearing of forests, poor environmental

cleanliness and haphazard urbanization in some South Asian cities favour increased

transmission of arboviral infections which are largely associated with urban set-

tings. Dhaka, the capital of Bangladesh, for example, has a population density nine

times higher than Paris [16]. It has been estimated that in South Asia, 55% of people

will be living in large cities by the year 2050, thus potentially aggravating the

spread and prevalence of arboviral infections. At the same time, there is also

evidence in South Asia of the rural spread of dengue, for example [17]. Linked to

urbanization and increased prevalence of arboviral infections is the reality that

many countries in South Asia lack access to a regular and clean water supply. In

many cases, this leads to households needing to store water in various tanks/

containers which, if not covered, cleaned regularly and/or treated with larvicides,

can encourage the breeding of mosquito vectors.

3.2 Movement of People

The dramatic and unprecedented increase in air travel, facilitated by the prolifer-

ation of budget airlines in the region and beyond, has greatly increased the possi-

bility of rapid spread of arboviral infections. Clearly, tourists are one of the main

groups of people involved, but, importantly, migrant workers and refugees are also

potentially important players in the spread of infections. The South Asia region—

exemplified by countries like India, Nepal, Bangladesh and Sri Lanka—is the

source of large numbers of migrant workers to various other regions, especially

Southeast Asia. For example, over two million registered foreign workers are in

Malaysia at the end of 2014 of which 24% are from Nepal and 14% from

Bangladesh with a sharp increase of up to 1.5 million workers expected from the

latter in the near future [18]. In more general terms, human movement has been

shown to be an important factor in the transmission of vector-borne pathogens [19].
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3.3 Trade Liberalization

In addition to movement of people, the spread of arboviral diseases has also been

facilitated by trade liberalization and the movement of goods across borders,

including those occurring between countries in South Asia. It has been shown, for

example, that used tyres being transported on ships across borders can contain

mosquito eggs and may be a contributor to the spread of Aedes spp. globally

[20]. Trade and cross-border movements of agricultural products could also be

another factor in the spread of arboviral infections.

3.4 Climate Change

Global warming and higher temperatures have important implications for arboviral

infections, especially in temperate climates. Warmer temperatures, exemplified by

what occurred during the El Nino phenomenon in 2015, for example, may favour

both the virus and the vector and may increase mosquito populations by reducing

breeding times and potentially drive the occurrence of outbreaks [21, 22]. However,

the epidemiologic evidence suggests a more complicated, even conflicting, sce-

nario. For dengue, for example, in every endemic country, the peak seasonal

transmission period, as well as epidemics, has been observed to occur during the

rainy season when temperatures are cooler by a few degrees. In those countries, the

period of lowest dengue activity is during the hot dry period before the rains arrive.

In addition, extreme weather events, such as flooding, cyclones and droughts, can

have adverse effects on mosquito populations, thus potentially reducing

transmission.

3.5 Fragile Health Systems

The ability of countries to prevent and control diseases caused by arboviruses is

clearly dependent on the strength and preparedness of their healthcare delivery

systems, especially in the face of outbreaks and a surge in demand for a robust

response. Despite globalization’s positive effect in improving economic develop-

ment of the South Asian region, health systems remain fragile and largely

unprepared for dealing with the large spectrum of health challenges of the future,

including epidemics of infectious diseases. Weaknesses in the basic building block

of health systems (e.g. in human resources, financing, information and surveillance

systems, diagnostic capabilities, healthcare facilities, availability of medicines and

vaccines, etc.), as a result of underinvestment in health systems by many govern-

ments in the region, have resulted in many countries in South Asia being

ill-prepared to deal with arboviral infections. Though many countries in the region
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have national infection prevention and control policies and operational plans,

governments continue to struggle with their implementation and the need, and

obligation, to implement the various articles of the International Health Regulations

(IHR). In the future, there is also an additional challenge to integrate these preven-

tion and control strategies with the achievement of universal health coverage, the

foundation for achieving goal 3 of the Sustainable Development Goals (SDGs).

3.6 Underestimation of Disease Burden: Tip of the Iceberg

Beyond the forces of globalization, the magnitude of the problems faced by

developing countries is also exacerbated by the likelihood that the true number of

infections is probably grossly underestimated due to weak surveillance and diag-

nostic capabilities as well as the large number of asymptomatic infections. For

dengue, of the 390 million infections estimated annually, only 96 million have

clinical symptoms [23], representing a 30–40-fold underestimate, with as much as

nearly a 300-fold underestimate suggested for India [2]. Other studies [23] also

indicate that the under-reporting for dengue is probably also true for other countries

in South Asia with wide variations in the estimated numbers of inapparent and

apparent infections and the number of cases reported to the WHO (Table 4). For JE,

as mentioned previously, it is estimated that only 10% of cases are reported [8].

Table 4 Model-based estimated numbers of apparent and inapparent dengue infections per year

and estimated global burden rank for SEARO countries, 2010

Country

Annual apparent

infections, mean

Annual inapparent

infections, mean

WHO

estimate

Absolute

global ranka

India 32,541,392 99,692,319 12,484 1

Indonesia 7,590,213 23,009,108 130,575 2

Bangladesh 4,097,833 12,581,091 568 7

Pakistan

Thailand

3,414,749

1,903,694

10,481,756

5,823,012

11,787

57,589

8

11

Myanmar 992,954 3,056,420 16,824 14

Sri Lanka 673,544 2,042,226 22,902 18

Nepal 571,773 1,769,014 13 26

Afghanistan 81,687 255,681 – 63

Timor-

Leste

14,586 45,345 278

Maldives 6372 19,735 933 103

Bhutan 4793 15,042 147 111

Adapted from Bhatt et al. [23] Supplementary Table T4, Apparent and inapparent mean and

confidence (95%) burden estimates per country

SEARO South-East Asia Regional Office, WHO
aThe global rank was determined by the rank index of the difference (upper limit minus the lower

limit) in the 95% confidence interval of the mean annual apparent infections
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3.7 Lack of Treatment Modalities

Despite numerous efforts over many decades, effective and practical treatment

modalities for most arboviral infections are not available, and treatment is largely

limited to treating and managing the symptoms of disease.

3.8 Insecticide Resistance

Insecticide resistance is a major threat to existing vector control methods. The

heavy reliance on a single class of insecticides, the pyrethroids, and the previous

widespread use of DDT have been largely responsible for the emergence of

resistance [24]. To cite the example of dengue control, the insecticide temephos

is widely used due to its low cost and community acceptance. Due to its widespread

use, resistance to temephos in A. aegypti has, unfortunately, been reported in many

parts of the world, including Latin American countries like Colombia [25]. It is also

likely that the extent of temephos resistance is underestimated due to under-

reporting and lack of surveillance. Resistance of vectors (Aedes and Culex spp.)

to routinely used insecticides should also be closely monitored in endemic countries

in the South Asia region.

4 The How: Control Strategies Needed to Mitigate

the Problem

Underpinned by the need to have strong and resilient healthcare delivery systems,

including strong surveillance and case management capabilities, the mainstay of

effective prevention and control of arboviral infections is the development and

implementation of comprehensive, integrated and coordinated strategies based on

vector control, social mobilization and preventive vaccination.

4.1 Vector Control

Controlling mosquito vectors remains as the main strategy for dealing with most

arboviral infections in endemic areas. While some impressive successes have been

achieved through coordinated and intensive regional initiatives in eradicating

A. aegypti infestations in past decades (e.g. during the 1950–1960s), for example,

such efforts have been difficult to sustain. Even in countries with highly successful

vector control efforts as a result of investments in technology and resources,

coupled with strong and enforced legislation (e.g. Singapore), outbreaks of dengue

and chikungunya, for example, continue to occur regularly (Fig. 3).
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In many developing countries, including those in South Asia, however, vector

control methods are often compromised by lack of resources and trained manpower,

limited public awareness and by weak enforcement of regulations to reduce mos-

quito breeding in premises. While community involvement for vector control is

being practiced in many endemic countries in the region, it is ineffective when used

alone and needs to be combined with robust government partnership programmes.

In light of less-than-optimal vector control strategies in many endemic countries,

intensive efforts are under way to discover and evaluate novel methods of vector

control. Foremost amongst these are the use ofWolbachia bacteria and sterile males

created through genetic manipulation of Aedes aegypti. The Wolbachia bacterium

decreases the ability of dengue, chikungunya and Zika virus infection and replica-

tion in the mosquito vectors, thus decreasing the ability of the mosquito to transmit

the viruses to other persons. This method shows great promise, but it has not yet

been fully validated, although it is in trials in several dengue-endemic countries,

including Vietnam, Indonesia, Singapore, Brazil and Colombia. The success of the

approach is also likely to be influenced by extensive differences in climate, field-

release protocols, urbanization level and human density amongst the sites where

this bacterium has been deployed [26].

The sterile male method of controlling insect pests has been successfully used in

the USA and Mexico, for example, to control the screwworm fly using males

sterilized by irradiation. The genetic manipulation approach sterilizes the male

mosquito by driving a gene into the population that prevents the offspring of female

mosquitoes that have mated with the sterile males from surviving to maturity

[27]. This method also shows great promise and has been partially validated for
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mosquitoes; it is currently in trials in several endemic countries, including Brazil

and Panama though it has faced some public resistance due to concerns related to

the potential and unknown hazards of releasing genetically modified organisms

(GMOs) into the environment. Other new tools/approaches to mosquito control

include spatial repellants, lethal ovitraps and new residual insecticides. Past and

current tools have been recently reviewed [28].

4.2 Social Mobilization

The success of any prevention and control strategy strongly depends on social

mobilization and the involvement of affected communities. Beyond standard

approaches of education and raising awareness about these diseases through various

media, communities should also be actively engaged and involved and actually

have ownership of the various activities at the community level. To be effective,

such activities should have the inclusive participation of all stakeholders, including

teachers, community and religious leaders, and must be adapted to local contexts,

culture and values. It should also be done in partnership with local governments. In

Singapore, for example, the appointment of ‘dengue fighters’ amongst members of

the community has been an effective tool of public engagement. WHO has been

promoting a strategy called Communication for Behavioural Impact (COMBI), and

countries like Maldives, Bhutan and Sri Lanka have organized training workshops.

4.3 Preventive Vaccination

Arguably, preventive vaccination against arboviral infections remains as one of the

most important strategies for prevention and control. More broadly, vaccination not

only provides protection for individuals, but it also provides indirect protection for

the whole population due to reduced disease transmission. From a public health

perspective, vaccination will ultimately help to decrease the overall incidence of

disease and result in a reduction in frequency and magnitude of outbreaks. In this

way it will alleviate the stress on already fragile health systems and reduce the

economic and social impacts of arboviral infections and disease.

While ideally, vaccines should be developed against all of these infections, in

practical terms, effective vaccines are currently available only for yellow fever, JE,

TBE, KFD and, more recently, dengue. The yellow fever vaccine remains as one of

the most successful vaccines ever developed with the ability to produce long-

lasting, even lifelong, immunity against this serious disease.

Approximately 15 vaccines against JE are available and used in endemic coun-

tries (Fig. 4) [29]. There are four main types of JE vaccines in current use: the

inactivated mouse brain-derived, live attenuated, live recombinant-chimeric and

inactivated Vero cell-derived vaccines. WHO recommends that JE vaccination be
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used as a mainstay for control and should be considered in national immunization

schedules in areas where JE is recognized as a public health issue. The mouse brain-

derived vaccines have been associated with hypersensitive reactions and, rarely,

with acute encephalitis. WHO has thus encouraged gradual replacement of mouse

brain-derived vaccines with the new generation of JE vaccines with improved

safety profiles [30]. Live attenuated and recombinant vaccines tested in various

countries have produced high seroprotection rates ranging from 80 to 99% [29] with

long-lasting immunity of 3 years or more and an excellent safety profile.

Interestingly, the historical success of the yellow fever 17D vaccine provided a key

platform for the development of a dengue vaccine by providing an effective backbone

vector for protective dengue antigens. Followingmore than 20 years of development, a

safe and effective live attenuated recombinant vaccine against all four dengue virus

serotypes was recently developed by Sanofi Pasteur [31, 32]. The vaccine had an

overall, average efficacy of 65%, reduced severe dengue disease by 93% and hospital-

izations by 80%. The vaccine’s safety has been demonstrated in many clinical trials

[33]; it has so far been licenced and approved for use in 13 countries in Latin America

and SoutheastAsia (Brazil,Mexico,CostaRica, El Salvador, Guatemala, Peru, Bolivia,

Paraguay, the Philippines, Indonesia, Thailand, Singapore, Cambodia)with dossiers for

approval submitted in at least 20 other endemic countries, including those in South

Asia. The use of the vaccine has been endorsed and recommended by theWHO through

recommendations from the Strategic Advisory Group of Experts (SAGE) on immuni-

zation and a position paper issued in July 2016 [34]. The use of the vaccine in large

public health immunization programmes has been implemented in the Philippines and

Brazil, in school children and in 9–45-year-old cohorts, respectively.

While concern has been expressed in some quarters about the vaccine’s safety
[35], further knowledge and information on the safety and efficacy of the Sanofi

Pasteur vaccine is expected through robust post-licensure studies and monitoring in

the implementing countries. Mathematical modelling has also been deployed to try

and gain insights into the benefits and risks of the said vaccine in order to better

inform its optimal deployment [36]. Such new approaches would be equally

applicable to other vaccines in the future. Importantly, successful implementation

also depends on public acceptance of the vaccine, sustainable financing of immu-

nization programmes and strong political will and commitment from governments.

Reflecting the urgent need for a vaccine to prevent dengue, many other candidate

vaccines, using a variety of approaches, are in preclinical testing, and two other

promising candidate vaccines are in clinical development, one developed by the US

CDC and licenced by Takeda and another by a consortium involving the US NIAID

(National Institute of Allergy and Infectious Diseases) and Butantan Institute,

Brazil [37, 38]. While some promising early results have been reported, these two

vaccine candidates are at least 2–3 years away from licensure and approval in

endemic countries (Fig. 5).

With the recent concern around the spread of Zika virus in Latin America and

Asia, and potentially serious consequences to unborn children, there is also con-

siderable interest in developing a vaccine against this virus, and several candidates

are already in advanced stages of development [39].
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Though an integrated and coordinated prevention and control strategy remains the

ideal, the realization of effective integration is a complex challenge which is often

hampered by lack of knowledge on how to best achieve such integration. More

implementation research, including the application of mathematical modelling

approaches, is needed in this important area. In the wider context of strategy imple-

mentation needs, two of these elements (i.e. vector control and preventive vaccination)

are central technical elements of theWHOGlobal Strategy for Dengue Prevention and

Control [40], while social mobilization is a key enabling factor supporting the

technical elements. Wider needs for successful implementation are shown in Fig. 6.

While Fig. 6 was developed in relation to dengue prevention and control, its

main dimensions are arguably applicable to other arboviral diseases. Some
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attenuated DENV-2 backbone, but structural genes of each of the four
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Fig. 5 Dengue vaccine candidates in clinical development as of March 2016. Source: Dengue

Vaccine Initiative, 3 March 2016. http://www.denguevaccines.org/vaccine-development
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components, however, will need to take into account local context with regard to

cultures, traditions, language and local capabilities and resources.

5 Conclusions

The present chapter has attempted to describe the current situation of arboviral

infections and disease in South Asia, the factors which are responsible for the rise in

the incidence and prevalence of these infections and strategies needed for more

effective prevention and control. Driven by the forces of globalization, high

population densities and fragile health systems, the South Asia region will continue

to face significant public health challenges posed by arboviral infections. Govern-

ments in the region must demonstrate political will and commit sufficient resources

to strengthen health systems and enhance national preparedness for outbreaks

through integrated prevention and control strategies which are feasible and sustain-

able. Importantly, governments must also support collective and collaborative

regional and international action and cooperation in order to mitigate the health,

social and economic consequences of arboviral infection and disease in the future.

Fig. 6 Strategy implementation needs for dengue prevention and control. The central circle refers
to the five technical elements of the WHO Global Strategy for Dengue Prevention and Control

[40], i.e. diagnosis and case management, integrated surveillance and outbreak preparedness,

sustainable vector control, future vaccine implementation and basic operational and implementa-

tion research. The outer, inter-connected circles represent important enabling and supporting

factors for the integrated strategy to successfully implement the five technical elements. Source:

Dr. Raman Velayudhan, WHO/SEARO
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