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Chapter 3
Characterization of Bacterial Adhesion 
and Biofilm Formation

Nil Tandogan, Pegah N. Abadian, Bowen Huo, and Edgar D. Goluch

3.1  �Introduction

For well over 100 years, researchers have been growing bacteria in test tubes as 
liquid cultures and on petri dishes as colonies. These two approaches have provided 
us with a wealth of information; however, they are of limited value for studying 
bacterial adhesion and biofilm formation. We are now aware of the significant cel-
lular and molecular-level differences between planktonic and adherent cells that 
necessitate new strategies for generating and characterizing biofilms [1]. Biofilms 
are a crucial survival mechanism for bacteria. As it is now well known, bacterial 
cells become more virulent and more resistant to antibiotics when they are inside of 
a biofilm. Hence, patients with chronic infections are often suspected of having a 
biofilm that prolongs their recovery.

Further complicating the situation is the fact that the properties of biofilms and 
the cells inside of them change with time and environmental conditions. For exam-
ple, cells exposed to certain flow geometries will generate biofilms, known as 
streamers that extend far away from the attachment point and cause severe problems 
in pipelines [2, 3]. In other flow profiles, such as ship exteriors, the same species of 
bacteria can form biofilms that are extremely adherent, increasing the drag force 
and corroding the surface. Biofilms are not always virulent and destructive. Some 
bacteria involved in nutrient cycling and biodegradation form biofilms at the air/
water interface [4–7]. As you can imagine, many different techniques are required 
to study all of the various types of biofilms.

We will first discuss each stage of biofilm formation in some detail, and then we 
will focus on characterization methods and how they are used to analyze various 
stages of the biofilm life cycle.
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3.2  �Biofilm Life Cycle

Biofilms were first analyzed in the 1930s. One of the first biofilm studies was 
reported by Henrici et al. who described the process of biofilm formation as “The 
deposit of bacteria becomes apparent in a few days and increases progressively, 
eventually becoming so thick that individual cells may be distinguished with diffi-
culty. That the cells are actually growing upon the glass is indicated by their occur-
rence in microcolonies of steadily increasing size. They are fairly firmly adherent to 
the glass, not removed by washing under a tap.” This description highlights the three 
main components required to identify a biofilm: bacterial cells, an extracellular 
matrix, and a surface or interface [8]. Other factors, such as environmental condi-
tions and cell-to-cell signaling, affect the properties of the biofilm.

Biofilm formation begins with initial weak interactions between individual bac-
terial cells and the surface, followed by a strong adhesion step. The cells then begin 
to excrete various biomolecules, which are collectively referred to as extracellular 
polymeric substance (EPS), as they grow and divide. The EPS matrix significantly 
increases the robustness of the biofilm. The biofilm reaches a maximum size and 
enters a stasis stage during which it is referred to as “mature.” In the final stage, cells 
detach from the biofilm and move to new locations [9, 10]. A schematic of the pro-
cess is shown in Fig. 3.1.

Fig. 3.1  The stages of a biofilm: (1) reversible attachment of bacterial cells, (2) irreversible attach-
ment of the cells, (3) production of extracellular polymeric substance, (4) maturation of the bio-
film, and (5) dispersal of bacterial cells from the biofilm
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3.2.1  �Adhesion

Biofilm formation starts with the adhesion of cells to a surface. As bacterial cells 
swim, or move in their environment by Brownian motion, they continuously sense 
and assess chemical cues through receptors embedded in their membranes. Adhesion 
to surfaces is advantageous for bacteria, as it provides access to nutrients precipi-
tated on surfaces and protection from predators and environmental hazards [11, 12]. 
Since they have such a significant impact on survival, the mechanisms bacteria use 
to initiate adhesion to surfaces have been an important subject of many studies.

Bacterial adhesion to surfaces starts with initial weak attractions, which are 
reversible and can be broken fairly easily, using, for example, an increase in fluid 
shear. There are three theories that incorporate chemical interactions and thermody-
namic principles to predict the possibility of reversible adhesion to surfaces. Once 
the weak adhesion is achieved, stronger chemical bonds form and bacteria secrete 
polymeric substances to strengthen the adhesion. We will now cover the steps in 
detail.

3.2.1.1  �Reversible, Weak Adhesion

The theories that explain the reversible bonding mechanism, which initiates the 
adhesion process, are the DLVO (Derjaguin, Landau, Verwey, Overbeek) theory of 
colloid stability, the thermodynamic approach, and the extended DLVO [13]. In this 
section, we provide an introduction to each of the theories, which are frequently 
used for analyzing cell adhesion and biofilm formation. More in-depth explanations 
are provided in the referenced papers [13–16].

3.2.1.2  DLVO Theory

The DLVO theory of colloid stability employs the change in Gibbs free energy 
between colloid particles and surfaces as a function of distance and has been used 
to explain the reversible interactions between bacterial cells and surfaces, as bacte-
ria can be approximated as large colloidal particles. The theory quantitatively 
describes the initial reversible interactions between bacteria and surfaces by sum-
ming the attractive hydrophobic Van der Waals bonds and repellent Coulomb dou-
ble layer interactions, which occur due to charges on bacterial membrane and the 
surface [17]. DLVO does not take into account steric hindrance or hydrogen bond 
formation; however, these phenomena occur when the separation distance is less 
than 1 nm [18]. Adhesive forces between bacteria and surfaces have been measured 
when the two are as far as 20 nm apart, demonstrating the value of DLVO theory 
[19]. When the separation distance between bacteria and surface becomes less than 
1 nm, steric hindrance and hydrogen bonds start to form, and DLVO theory is no 
longer applicable [20].

3  Characterization of Bacterial Adhesion and Biofilm Formation
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As planktonic bacterial cells swim or randomly move around via Brownian 
motion, they sense and approach within a few nanometers of the surface. Depending 
on their distance from the surface, their interaction with it varies. Van der Waals 
bonds are very weak hydrophobic interactions formed between the cell and the sur-
face. The weakness of the bonds gives flexibility to bacterial cells as they can still 
exhibit Brownian motion and be detached from the surface when exposed to mild 
shear stress [18]. Coulomb interactions depend on the amount of charge on the bac-
terial cell membrane and the surface. Both Gram-positive and Gram-negative bacte-
ria carry negative charges on their membrane [21, 22]. Teichoic acids embedded on 
the peptidoglycan wall of Gram-positive bacteria give the cells a net negative 
charge; while the lipopolysaccharides (LPS) on the outer membrane of Gram-
negative bacteria are responsible for their net negative surface charge. In nature, 
surfaces also have negative charges. Hence, the Coulomb interactions are repellent, 
but the intensity varies with the ionic strength of the electrolyte solution. As a cell 
approaches a charged surface, an electrical double layer forms between the cell and 
the surface, which consists of two parallel layers. The counter ions in the aqueous 
solution are attracted to the charges on the surface, creating the first layer. The sec-
ond layer is comprised of the free ions in the solution that are attracted to the bacte-
rial membrane. Repulsion occurs when the electrical double layers overlap [23]. As 
the concentration of counter ions increases and interacts with the negatively charged 
surface, the electrostatic double layer thickness (the inverse Debye length) on the 
surface decreases, changing the net attraction to positive and thus promotes bacte-
rial adhesion [20].

Beyond this ionic energy barrier, there is a second energy minimum, and its dis-
tance from the surface varies with the ionic strength of the sample solution, as 
shown in Fig. 3.2 [24]. Bacteria can reach this second energy minimum by using 
their appendages or by secreting extracellular polymeric substance (EPS) to adhere 
to the surface reversibly. As the contact radius decreases, the secondary energy min-
imum is lowered and adhesion can be induced [23]. At low ionic strength, however, 
the thickness of the electrical double layer increases; thus bacterial EPS or 
appendages cannot pass through the secondary energy minimum and reach the sur-

Fig. 3.2  Effect of ionic strength on total interaction energy between a bacterial cell and a surface 
(Adapted with permission from Ref. [24])
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face. The secondary energy minimum is therefore an important part of the early 
reversible interactions exhibited by bacteria. Redman et al. experimentally demon-
strated this phenomenon by flowing E. coli through a packed bed column with 
quartz grains as porous media [25].

Concerning the properties of bacterial cell membranes, DLVO theory does not 
account for several factors that play a role in the adhesion process. Hydrophobicity 
is one such factor. Rijnaarts et al. demonstrated that bacteria adhered more to hydro-
phobic Teflon surfaces than to glass [26]. This parameter is particularly important in 
wastewater treatment plants. Zita et  al. showed that surface hydrophobicity pro-
motes adhesion to sludge flocs in wastewater treatment processes [27]. In another 
work, the authors used fluorescent microspheres that could attach to the membrane 
surface of bacteria to measure the hydrophobicity of the bacterial cell surface, and 
their results indicated that the majority of bacteria showed hydrophilic membrane 
surface properties [28]. Van Loosdrecht et al. employed a more common approach, 
contact angle measurement, which we will discuss later in this chapter, to determine 
cell surface hydrophobicity and reported that the cellular growth phase affects the 
hydrophobicity of bacterial cells and biofilms [29]. It is important to note that 
depending on the species, bacterial cells can vary significantly between being 
hydrophobic or hydrophilic. DLVO theory also does not consider steric interactions 
between bacterial cells and the surface.

3.2.1.3  Thermodynamic Theory

Thermodynamic theory is another approach to explain the possibility of reversible 
interactions between bacteria and surfaces. This theory assumes that the interactions 
are always reversible, so it cannot be used to explain irreversible interactions [24]. 
The theory uses the Dupré equation, which evaluates the changes in free energy of 
adhesion using the interfacial free energy in the substrate microorganisms, aqueous 
phase microorganism, and substrate aqueous phases [23]. The basic thermodynamic 
principle utilized is that the system will always favor the minimum free energy con-
ditions. This is also the case when determining the initial adhesion behavior of bac-
teria. The theory employs a very simple premise: bacterial adhesion should only be 
observed when the change in free energy is negative [13, 30].

Experimentally, surface energy or surface tension can be estimated via contact 
angle measurement, which is a common technique to predict the wettability of a 
surface. In one such example, Qu et al. analyzed the adhesion of bacterial species 
Pseudomonas aeruginosa (P. aeruginosa), Staphylococci, and Serratia to different 
contact lenses using thermodynamic approach. They calculated interfacial free 
energies from the contact angles [31]. As thermodynamically expected, they noted 
that bacterial adhesion is greater as the change in interfacial free energies is more 
negative. However, there are several studies where the thermodynamic approach led 
to contradictory results, when compared to the experimental results [23, 32]. One 
limitation of the theory is that bacterial cells may contact the surface only through 
surface appendages with a very small contact region, which are not accounted for in 
thermodynamic theory.
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3.2.1.4  Extended DLVO

Both classic DLVO theory and the thermodynamic approach fail to explain interac-
tions that could play a bigger role in bacterial adhesion, thus potentially resulting in 
misleading estimations of bacterial adhesion [33]. The classic DLVO theory only 
considers Van der Waals and electrostatic forces, and the thermodynamic approach 
only takes into account electrostatic interactions and interfacial free energies. 
Interactions, including Lewis acid-base, electron accepting/donating, and osmotic 
interactions, in some cases, can be the most important factors for determining bacte-
rial adhesion characteristics [25, 34, 35]. Though these interactions require closer 
proximity to the surface than Van der Waals bonds or electrostatic interactions, they 
are stronger. For instance, Lewis acid-base interactions are one to two orders of 
magnitude stronger than electrostatic forces [36]. Van Oss proposed an extended 
version of DLVO, which estimates the changes in Gibbs energy of adhesion by 
including these interactions [36].

Sharma et al. evaluated all three approaches and compared them by experimen-
tally testing the adhesion of Paenibacillus polymyxa bacteria onto minerals [33]. 
The results of this study revealed that the adhesion was governed primarily by Lewis 
acid-base interactions, which are accounted for in extended DLVO theory. Classic 
DLVO theory partially explained the observed behavior. The thermodynamic 
approach, however, predicted that no bacterial adhesion would occur.

Although extended DLVO approximations are relatively accurate, each case 
should be evaluated carefully, as there are cases, such as complex nanoscale struc-
tures on bacterial cell surfaces, that can make it difficult to explain the results even 
with extended DLVO [14]. Ong et  al. illustrated the difficulties associated with 
modeling the bacterial adhesion process using extended DLVO theory when the cell 
surface contains complex structures [37]. A theory that takes into account all of the 
variables involved in bacteria adhesion would be quite complicated to derive and 
use, particularly as many of the factors are difficult to measure, but such a compre-
hensive theory would be incredibly beneficial to researchers working with bacteria 
in nearly every basic and applied field.

3.2.2  �Surface Characteristics Affect Bacterial Adhesion

Surface characteristics such as roughness, free energy, and hydrophobicity manipu-
late bacterial adhesion on surfaces. This has led many researchers to focus on alter-
ing the surface chemistry of substrates to deter bacterial attachment [38]. The 
addition of nanoparticles to surfaces and changes in the surface chemistry have been 
shown to deter bacterial attachment to surfaces [39–41]. Self-assembled monolay-
ers (SAMs) also effectively alter bacterial adhesion properties, either enhancing or 
preventing them as needed. Liu et al. examined the interaction of Staphylococcus 
epidermidis (S. epidermidis) with different surface protein layers: fibronectin and 
fetal bovine serum (FBS) [15]. Calculation of Gibbs free energy values revealed that 
while the thermodynamic approach estimated bacterial adhesion to surfaces with 
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non-protein layers and FBS layers well, its estimation of adhesion strength of bac-
teria to fibronectin-covered surfaces was not as accurate, which could be due to 
strong interaction between S. epidermidis and fibronectin. Ista et  al. tried SAMs 
terminated with different chemical groups, including hexa(ethylene glycol), methyl, 
carboxylic acid, and fluorocarbon on solid substrates and tested the attachment 
behavior of S. epidermidis and a marine species Deleya marina. While the two spe-
cies showed different preferences for the hydrophilicity of the surface, the SAM 
with oligo(ethylene glycol) end group on the surface significantly prevented the 
attachment of both species [42]. In addition to ethylene glycol functional groups, 
Ostuni et al. focused on determining different SAMs that hinder the attachment of 
proteins, bacterial cells, and mammalian cells [43]. Among the SAMs they tested, 
they concluded that SAMs terminating with –tri(sarcosine), N-acetylpiperazine, 
and an intramolecular zwitterion prevented the adhesion of S. aureus and S. epider-
midis as comparable as to SAMs ending with ethylene glycol.

3.2.3  �Irreversible Adhesion and EPS Production

Once bacterial cells have their initial contact with the surface, they continue to 
strengthen their attachment with irreversible bonds. In order to do so, they create a 
matrix of extracellular polymeric substances (EPS), which contains several com-
plex polysaccharides, proteins, nucleic acids, and phospholipids [10]. EPS is the 
major component of a biofilm and provides numerous advantageous to cells. The 
structure immobilizes cells onto the surface, provides a robust shield against anti-
bacterial agents, and creates a close network between the cells so that the cells can 
communicate with each other and exchange nutrients and other important mole-
cules [44]. The structure of the matrix is very dynamic and complex, and its compo-
sition and morphology varies significantly between species. The structure can range 
from flat and smooth to rough and filamentous. Among the most common biofilm 
shapes are the mushroom-like structure of P. aeruginosa and the fruiting shape of 
Myxococcus xanthus [45].

In order to initiate the synthesis of numerous polymer blocks, significant modifi-
cations in gene expression occur. Several genes are turned on once the bacterial 
cells achieve their initial contact with the surface. The density of cells near the sur-
face also affects gene regulation. As we mentioned earlier, bacterial cells continu-
ously communicate with their environment and neighboring cells through 
self-signaling molecules. When the self-signaling molecules reach a certain thresh-
old concentration, they activate genes that will express quorum sensing molecules 
(QSMs). QSMs regulate genetic expressions, modulate the synthesis of the EPS 
matrix, or induce virulence. The mechanism of quorum sensing has been widely 
studied. It was initially believed that quorum sensing starts only when a critical 
number of cells are present. However, advances in technology provided the oppor-
tunity to examine this phenomenon more closely at the single cell level [46]. Connell 
et al. created picoliter-sized microcavities and observed the quorum sensing behav-
ior starting from a single cell [47]. Their results suggested that bacterial cells could 
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start processes for developing antibiotic resistance, which are also a quorum sensing 
response, with only 150 cells. Cell density therefore becomes the critical factor 
when the cell number is low.

QSMs are believed to begin playing a role in the regulation of cell function only 
after cell adhesion takes place [48], thus marking a distinct stage in the biofilm life 
cycle. To test this theory, wild-type P. aeruginosa cells were compared to the ones 
that had a mutation in a gene that controls cell-to-cell signaling. The results showed 
that while both cell types attached to the surface, the wild-type cells formed thick 
biofilms, whereas the mutated ones formed only a thin sheet of growth. Davies et al. 
investigated changes in the genetic regulation of alginate biosynthesis pathway 
between planktonic and biofilm P. aeruginosa cells. Alginate is one of the well-
studied constituents of the EPS matrix, and their results indicated that the genes 
associated with alginate synthesis were upregulated after planktonic cells attached 
to a surface [49, 50]. Hence, there is a distinction between cell adhesion and EPS 
production.

Other factors, including the adhesive appendages of bacterial species and gene 
expression, also contribute to the adhesion process [51]. The appendages, fimbriae, 
found in many species in Enterobacteriaceae family are specific to mannose groups 
which are present on human epithelial cells [52]. One example is that E. coli has pili 
with FimH adhesin at the tips that adheres to the mannose groups of oligosaccha-
rides located on the surface of epithelial cells [53–55].

3.2.4  �Biofilm Maturation, Disassembly, and Dispersal

Bacterial cells producing EPS eventually create a biofilm that has a set size and 
shape for a given set of environmental conditions. A biofilm at this stage is referred 
to as being “mature.” A mature biofilm is thought to be at steady state, where a bal-
ance is achieved between nutrient transport and cellular activity in the biofilm. The 
amount of time needed for a mature biofilm to form ranges from several hours to 
several weeks. Bacterial cells in a biofilm are known to differentiate their functions, 
with a fraction going dormant [56, 57]. The regulatory mechanism involved in the 
process of differentiation is not yet well understood, neither are the mechanisms by 
which the dormant cells are reactivated. When the protein expression of planktonic 
P. aeruginosa cells and the ones at the maturation stage in a biofilm was compared, 
expression of 50% of the entire proteome was increased sixfold, highlighting the 
complexity of cell activity at this stage and the potential for heterogeneity in cellular 
function [58].

The final stage of the biofilm life cycle is called disassembly or dispersal. In this 
stage, cells in the biofilm produce enzymes that dissolve the EPS, releasing them 
from the biofilm. Relatively little is known about the mechanisms that regulate 
biofilm disassembly and dispersal [59]. This knowledge gap for the final two stages 
of the biofilm life cycle is the result of two limitations. First, the experimental setup 
for growing large quantities of biofilms that have the reproducible physical and 
chemical properties is complicated relative to liquid and plate cultures. Second, it 
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is challenging to analyze what is happening to the biofilms and the cells inside of 
them as the processes of interest are dynamic, varying in both time and location 
within the biofilm. The new techniques that are being developed to address these 
analytical challenges are described in the next section of this chapter.

3.3  �Techniques for Making Biofilms

Before we can analyze a biofilm, we must first create it. The specialized techniques, 
which are required for creating biofilms, are described in the following sub-sections.

3.3.1  �Biofilm Reactors

While biofilms grow in a variety of environmental conditions, one technique has 
become the standard for creating biofilms. The general approach is to seed bacteria 
on the surface of interest and then flow fluid past it. The cells grow on the surface 
and form a biofilm. Alternatively, the fluid can contain bacteria and the bacterial 
attachment and subsequent biofilm formation occur simultaneously while the fluid 
is flowing.

The Center for Biofilm Engineering (CBE) at Montana State University has cre-
ated many of the instruments and protocols associated with bulk biofilm production 
and analysis during the last 25 years. One of the most used instruments is the CDC 
Biofilm Reactor, which allows various species of biofilms to grow on sample sur-
faces [60, 61]. The reactor is a vessel with rods that hold the biofilms extended 
outward into the fluid in the container (Fig. 3.3). The fluid is rotated, resulting in the 
application of shear to the biofilm, using a stir bar. The reactor is able to grow mul-
tiple biofilm samples under high shear stress simultaneously, and the biofilms can 
be harvested individually for testing. The CDC Biofilm Reactor is most frequently 
used to analyze biofilm removal. The biofilm is grown on a surface of interest. Then, 
the surface coated with biofilm is removed from the reactor and exposed to a clean-
ing solution. The biofilm is then removed from the surface using sonication and the 
eluent is tested for microbial growth using culture plates. The American Society for 
Testing and Materials has approved protocol E2562, which is a method for the 
quantification of P. aeruginosa biofilm growth using the CDC Biofilm Reactor [62]. 
The reactor has also been used to grow biofilms for in vivo implantation in animal 
studies [63]. The limitation of the reactor design is that it does not allow for in-line 
analysis of the biofilm.

Like the CDC Biofilm Reactor, the Drip Flow Reactor (DFR) was also developed 
by the CBE. The DFR grows biofilms under low shear stress conditions by dripping 
bacteria onto a slide, while the device is held at an angle to cause gravimetric flow 
[64]. The methods used for the DFR were accepted by the ATSM with the designa-
tion E2647. A schematic of the DFR is shown in Fig. 3.4. The DFR can be combined 
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with some microscopy setups to perform in-line analysis if the surface material 
(coupon) is transparent.

Liu et al. (2001) used their own annular reactor made of PVC to grow biofilms 
and observed that the biofilms were able to respond metabolically and physically 
change under shear stress [65]. In the reactor, the changes in shear stress affected the 
anabolism and catabolism rate as well as the density and size of the biofilm. However, 
this setup only showed a macroscopic effect on biofilms because the reactor volume 
was 4 L, which was much larger than the scale of bacteria. They were able to show 
that biofilm characteristics changed depending on the shear stress applied. As shear 
stress increased, the biofilms became smoother and denser [65]. The denser biofilm 
correlates to the finding of the DFR biofilm reactor, where biofilms grown under 

Fig. 3.3  Photograph of a 
1 liter glass CDC Biofilm 
Reactor (Adapted with 
permission from Ref. [63])

Fig. 3.4  Schematic of a Drip Flow Reactor. The coupon is the material of interest on which the 
biofilm forms
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lower shear stress were less tolerant to treatment methods [64]. These results high-
light how shear stress not only affects the rate of formation but also the properties of 
the formed biofilm.

3.3.2  �Modified Microwell Plates

Microwell, or microtiter, plates are a staple of microbiology research. Microwell 
plates allow from 6 to 1536 experiments to be performed simultaneously. One of the 
main benefits of using microwell plates for biofilm experiments is that the plates 
allow for in situ sample analysis. Foncesa et  al. used a microwell plate assay to 
evaluate biofilm adhesion during antibiotic treatment [66]. Orbital shaking applied 
a shear force to create dynamic conditions for the assessment of biofilm adhesion. 
Their experiments began with planktonic bacteria and observed the adhesion and 
formation of the biofilm. They showed that under dynamic conditions, the antibiotic 
was more effective at preventing biofilm formation. This study successfully demon-
strated that the combination of shear stress and a chemical treatment affected bio-
film formation more than each one does individually.

The Calgary Biofilm Device (CBD), shown in Fig. 3.5, is the most important 
advancement to microwell plates that has been made for biofilm analysis. This 
device grows biofilms in a 96-well plate format, which can then be tested using 
standardized molecular and quantitative analysis techniques. The CBD has been 
used to demonstrate the differences between the removal of bacteria in biofilms and 

Fig. 3.5  (a) A tilt table that creates shear during biofilm formation by rotating the microwell plate, 
which causes the fluid inside each microwell to move. (b) Cutaway view of a Calgary Biofilm 
Device (CBD) showing the pins sitting inside of the wells of the microwell plate

3  Characterization of Bacterial Adhesion and Biofilm Formation



78

planktonic bacteria. Ceri et al. (1999) used the Calgary Biofilm Device (CBD) to 
test the susceptibility of biofilms to antibiotics [67]. They observed that antibiotic 
concentrations necessary to remove biofilms were 100 to 1000 times higher than 
concentrations to remove their planktonic counterparts. The CBD can further be 
combined with a phenotypic microarray to assess metabolic activity through the use 
of a dye [68]. However, the CBD only grows biofilms in a monolayer and cannot 
evaluate biofilms grown in multiple layers. Furthermore, the CBD does not combine 
chemical treatment with application of a shear.

Annular reactors are another method of evaluating biofilm removal, which can be 
monitored by using laser-based focused beam reflectance measurements. Choi et al. 
(2003) attempted to establish which detachment process dominates the removal of 
a biofilm subjected to fluid flow [69]. The use of annular reactors successfully 
determined that most of the biofilm removal due to shear stress was done through 
erosion, which is the transfer of small particles from the biofilm into the bulk fluid 
[69]. This result indicates that at steady state, gradual removal of the biofilm should 
be expected. While the annular reactors evaluated biofilm removal under shear 
stress, they were not used to evaluate the efficacy of chemical treatment.

The biofilms grown with both CBDs and DRF devices have been used to evaluate 
biofilm removal [62, 64]. Once the biofilms were grown in both devices, the sample 
surfaces were removed from the device and tested. The biofilms that were formed 
under higher shear stress were more resilient to treatment methods [64]. These 
results support the work done by Liu et al. (2001), where biofilms formed under 
higher shear stress were denser than biofilms formed under low shear stress [65]. 
The studies conducted by Ceri et al. and Choi et al. addressed chemical treatment 
and shear stress, respectively. By first growing a biofilm and then testing the proper-
ties of the biofilm, they ensured that they were testing the biofilm and not planktonic 
bacteria.

3.4  �Techniques for Analyzing Adhesion and Biofilm 
Properties

We will now describe the techniques used for  studying cell adhesion and bio-
films. We group them unofficially  into two categories: traditional and  emerging. 
Traditional techniques primarily analyze the bulk properties of biofilms and assess 
the effectiveness of chemicals to kill cells in biofilms. These techniques generally 
focus on biofilms found in the outdoor environment and industrial settings. As the 
medical community became aware of biofilms and their role in human disease, a 
need has emerged for high-throughput analysis and techniques that measure the 
mechanisms involved in the biofilm life cycle. New high-tech approaches, such as 
microfluidics, label-free, and real-time sensors, are required to meet these require-
ments. Methods for high-throughput and mechanistic analysis are still primarily in 
the development stages and have not yet been adopted by industry or regulatory 
agencies, hence the “emerging” nomenclature.
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3.4.1  �Contact Angle Measurements

One of the first and simplest techniques for evaluating biofilm and surface proper-
ties is contact angle measurement. The contact angle is the angle between liquid-
vapor and liquid-solid interfaces of the liquid-solid-vapor system, which can then be 
inserted into Young’s equation to thermodynamically determine interfacial energies 
[70]. The wettability of the surface reveals information about its hydrophobicity 
[71]. Contact angles are measured by placing a drop of water on the surface of inter-
est, which can be either the surface on which the bacterial cells will attach or on top 
of the biofilm after it has formed on the surface. The angle that the drop makes with 
the surface on the inside of the drop is measured optically as shown in Fig. 3.6. The 
angles above 90° indicate a non-wetting or a hydrophobic surface, whereas angles 
below 90° show wetting or hydrophilic surfaces [72]. In one such example, Wang 
et al. evaluated the hydrophobicity of P. aeruginosa PAO1, Pseudomonas putida, 
and E. coli by measuring the contact angles of DI water, ethylene glycol, and methy-
lene iodide on bacterial lawn with a Rame-Hart Goniometer, and results elucidated 
that PAO1 is more hydrophobic than the other two strains [14]. It is worth noting 
that there are concerns over the accuracy of contact angle measurements for bacte-
rial hydrophobicity, due to the experimental challenges, including the dehydration 
of the bacterial lawn and the number of bacterial layers needed for the measure-
ments [73].

Two types of contact angles can be measured: static contact angle and dynamic 
contact angle. Static contact angle is the angle obtained when the liquid droplet is 
still on the surface, and the boundary of liquid–solid–vapor phases is stagnant, 
whereas the dynamic contact angle is measured when the three-phase boundary is 
changing. This could be either due to the change in volume of the droplet or the tilt-
ing of the liquid droplet. As a result of this change, the formed contact angles are 
called the receding and the advancing angles, and the contact angle lies between 
these two angles.

Fig. 3.6  Contact angle 
measurements provide 
information about the 
hydrophobicity of clean 
surfaces and biofilms
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3.4.2  �Microscopy Techniques

Different microscopy techniques have been implemented to visualize and detect 
biofilms and bacterial cells. Selection of the right microscopy technique varies with 
the experimental setting and the level of information needed from the sample, since 
each technique provides different details depending on the magnification and reso-
lution limitations of the microscopes. The following sections highlight the most 
widely applied microscopy techniques on biofilm studies.

3.4.3  �Confocal Scanning Laser Microscopy (CLSM)

Several studies incorporate confocal scanning laser microscopy (CLSM) to visual-
ize biofilms and to understand more about the EPS structure as it offers high-
resolution images by optically sectioning the specimen into planes and scanning 
one plane at a time with laser illumination [74]. The specimen can be imaged with-
out chemical fixation or dehydration, which makes this technique stand out from 
other methods with more destructive sample preparation steps. The sections are 
combined to construct a 3D model to obtain additional information from the sam-
ple, which is not possible with conventional fluorescence microscopy [75]. An 
example of a biofilm formed inside of a microfluidic channel that is imaged with 
CLSM is shown in Fig. 3.7.

Several groups have used confocal microscopy to construct three-dimensional 
images of a biofilm [76, 77]. Using CLSM, Lawrence et al. identified and compared the 
bacterial and EPS regions of biofilms among different species [78]. The biofilms they 
measured were hydrated and cells only account for 2–23% of the biofilm volume.

Fig. 3.7  Confocal images 
of a biofilm inside of a 
microfluidic channel: (a) 
3D projection, (b) yz cross 
section and (c) xy cross 
section. The cross sections 
were taken at the 
respective yellow lines. 
The white arrows indicate 
areas where bacterial cells 
are on top of each other
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Caldwell et al. pioneered the use of CLSM for imaging bacterial cells and bio-
films in the 1990s [79, 80]. The use of CLSM was followed by several other 
researchers, including Wood et al. illustrating of the structure of intact biofilm from 
human dental plaque [81], Kim et al. studying the effectiveness of antimicrobials on 
biofilm [82], and many more [83, 84]. One of the drawbacks of this technique, how-
ever, is the ability to damage cells with the high intensity of the laser beam. The 
complexity and cost of confocal systems have also limited their use thus far.

3.4.4  �Molecular Methods

There are numerous molecular techniques that can be coupled with microscopy to 
learn about how individual cells function in biofilms. Commonly used techniques 
include gene chips, fluorescent tagging, and fusion proteins. We will not go into the 
details of these techniques here, as they are applicable to all cellular analysis and 
generally do not require modification for bacterial research.

3.4.5  �Atomic Force Microscopy (AFM)

AFM is a scanning probe technique that provides information about the surface 
properties of a sample, including topography, roughness, and height at sub-
nanometer scale resolution. For bacterial cells and biofilms, it is a great method for 
determining membrane structure, stiffness, adhesion characteristics, and even 
observing cellular growth and division in 3D (Fig. 3.8) [85–88]. A major advantage 
of AFM is that it requires minimal sample preparation such as no chemical treat-
ments to fix or dehydrate cells as it runs at atmospheric conditions. Thus it eluci-
dates a more realistic profile regarding biofilms and allows real-time imaging of live 
cells at very high resolution. Nevertheless, it is often necessary to use linkers such 
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Fig. 3.8  (a) AFM image of a developing biofilm of sulfate-reducing bacteria, (b) force–distance 
curves at locations A and B (Adapted from Ref. [86])
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as poly L-lysine to immobilize cells, particularly the motile cells, to surfaces, or 
porous membranes to trap cells. Information is gathered by detecting the oscilla-
tions of a cantilever as the surface topography changes. On the tip of a cantilever, 
there is a sharp probe and as it scans the surface of a sample, the forces between the 
probe and the sample lead to oscillations on the cantilever. These oscillations are 
measured with photodiodes by detecting the movement of a laser beam that is 
reflected off of the cantilever [89].

Information about the sample can be collected using different AFM modes: con-
tact mode and tapping mode. Contact mode is the most extensively used mode to 
analyze bacterial cells and biofilms. As the name implies, the probe contacts the 
specimen while it scans the surface. The interaction between the specimen and the 
probe, however, causes drag forces, which can alter or damage the specimen [90]. 
Tapping mode is an alternative mode that scans the surface by briefly contacting the 
specimen at a very high frequency. The brief contact avoids the drag forces between 
the probe and the specimen and minimizes damage to the sample [87].

One example application of AFM is a series of studies of composite materials 
used in dental procedures to investigate their interaction with bacteria [91–94]. The 
effect of surface roughness on the adhesion of Streptococci onto dental composite 
resins was investigated in a study by changing the roughness of the composite resins 
[95]. Not only is the roughness of the surface determined using AFM, but the 
strength of the adhesion of bacterial cells onto the surface can also be measuring 
with AFM. Analysis of the adhesion forces showed that the roughness of the surface 
increases the adhesion, and the adhesion forces vary with bacterial species.

Another study focused on the adhesion of P. aeruginosa on fungi Candida albi-
cans (C. albicans) [96]. Authors analyzed the surface thermodynamics, tested sur-
face interactions with AFM, and concluded that the mannoprotein layer expressed 
on C. albicans allows initial acid–base and Van der Waals interactions with P. aeru-
ginosa, but that quorum sensing molecules also play a crucial role in the attachment 
of P. aeruginosa. Differences in surface properties of bacteria vary the strength of 
adhesion on surfaces. Simoni et al. stated that the heterogeneity of LPS distribution 
in bacterial populations changes the adhesion characteristics [19].

When the information obtained from CLSM and AFM images is compared, CLSM 
gives lower resolution due to the limitations of light diffraction in optical microscopes 
whereas AFM can detect sub-nanometer size differences by the oscillations on the 
probe. It is important to note that AFM can produce artifacts on images. Depending 
on the shape of the tip and the height of the cells, it has been observed that the side of 
the probe can contact the cell and lead to misleading images. Thus the selection of the 
right tip shape to image bacteria is very crucial for accurate results [97].

3.4.6  �Scanning Electron Microscopy (SEM)

Scanning electron microscopy is another effective imaging tool that is used to elu-
cidate biofilm structure and morphology [98]. Figure 3.9 shows a scanning elec-
tron micrograph of a P. aeruginosa biofilm formed on a polymer surface. An 
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interesting study was conducted by Wang and Libera (2013), which showed that 
biofilm formation can be inhibited by patterning the surface of a device. They took 
scanning electron micrographs (SEM) of patterned surfaces, which showed that 
when the size of the patches was smaller than 1 μm, the bacteria had trouble adher-
ing to the surface [99]. They argued that when the Staphylococcus aureus tried to 
adhere to the surface, they were bent and curved by the pattern, which created a 
morphology that was energetically unfavorable for adhesion. The SEM images 
from the study showed that the patterned surfaces prevented adhesion and prolif-
eration by showing groups of bacteria in biofilms on unpatterned surfaces, while 
there was a noticeable decrease in bacteria on the patterned surfaces. Their result 
suggests that biofilm formation can be reduced simply by changing the geometry 
of a surface. One major disadvantage of SEM imaging is the destructive sample 
preparation steps, which include the use of chemicals to fix and dehydrate the bio-
film. The surface must also be conductive, which requires the deposition of a metal 
or other conductive coating. The preparation of the sample for SEM imaging can 
potentially alter the biofilm structure and bacterial morphology, so care must be 
taken during the process.

An alternative scanning electron microscopy has been introduced to improve the 
analysis of environmental species. Unlike SEM, environmental scanning electron 
microscopy (ESEM) runs at lower vacuum conditions, and the humidity can be 
controlled inside the chamber, which enables the maintenance of the sample prop-
erties in their original state [100, 101]. Though the resolution of ESEM is lower 
than SEM and the samples still must be coated with a conductive material, this 
technique is a very promising advancement for observing biofilm and the EPS 
structure [102].

Fig. 3.9  SEM image of a robust P. aeruginosa biofilm formed on a polydimethylsiloxane surface
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3.4.7  �Optical Tweezers

Optical tweezers are a scientific instrument that is used extensively to trap and 
manipulate single cells by focusing optical forces generated by photons in a laser 
beam to a certain location in a fluidic solution [103]. The cells can be inside of a 
channel as long as it is transparent. The refractive index mismatch between the cell 
and surrounding solution allows users to hold and move the cells. The light beam is 
focused by directing it through a microscope objective. The narrowest point of the 
focused beam contains a very strong electric field gradient. Dielectric particles, 
such as cells and proteins, are attracted along the gradient to the region of strongest 
electric field, which is located at the center of the beam.

Ashkin and Dziedzic demonstrated the ability to trap and move E. coli cells 
using optical tweezers for the first time in 1987 [104]. Other studies have utilized 
this method to analyze the adhesion forces between bacterial cells and surfaces 
[105]. Liang et al. implemented optical tweezers to orient E. coli cells and experi-
mentally measure the forces required to detach the cells’ pili from mannose groups 
on surfaces [54].

3.4.8  �Microfluidics for Fluid Shear Stress Studies

Microfluidic technology has become a powerful tool for studying biofilms and bac-
terial cells. These miniaturized systems allow the observation of cells at single cell 
level by confining them to micrometer to sub-micrometer dimensions. There is an 
extensive body of literature describing the use of microfluidic devices to study bio-
film formation along with excellent summaries of the topic [106]. Of particular rel-
evance to biofilms is the use of microfluidics for shear stress analysis. Shear stress is 
known to remove biofilms, but recent research indicated that the relationship is 
likely much more complex. Lecuyer et al. showed that at early stages of adhesion, 
shear stress can increase the residence time of bacteria on the surface, inducing their 
attachment [107]. Thomas et al. elucidated that the attachment strength of E. coli 
cells to guinea pig erythrocytes increased tenfold upon exposure to shear stress 
[108]. Depending on cellular motility and the shear rate, shear stress has a trapping 
effect on cells, which can promote cell adhesion. Rusconi et  al. highlighted that 
lower shear stress promotes cell accumulation around surface regions and induces 
biofilm formation [109]. Their experiments with P. aeruginosa PA14 demonstrated 
that the increase in shear stress led more surface attachment. This phenomenon 
becomes very critical in chronic infections seen with patients using medical devices 
such as catheters that incorporate fluid flow, which can induce this type of bacterial 
behavior. Another example of the shear stress effect on biofilm formation is seen 
with streamer bacteria. It is now known that bacteria form filamentous biofilms 
under certain flow conditions. To study this, a group of researchers designed a 
microfluidic device that contains zigzag-shaped channels to create vortices. At these 

N. Tandogan et al.



85

hydrodynamic regions, they observed the initial accumulation of polymeric sub-
stances and then the formation streamer biofilms around these regions [2, 3].

Park et  al. (2011) used a polydimethylsiloxane (PDMS)-based microfluidic 
device to grow biofilms and assess the biofilm formation under a fluid shear. In the 
device, biofilms were formed by flowing bacteria into the device at varying shear 
stresses. Biofilm growth in the microfluidic devices was affected by the shear stress 
applied by the fluid containing the bacteria being deposited on the surface [110]. 
The study concluded that the time required to form a biofilm decreased as the veloc-
ity increased up to a threshold value, above which there was a sufficient shear force 
exerted such that the dissociation of the bacteria from the surface outweighed the 
increase in number of bacteria that reach the surface. They found that any shear 
stress applied in the device above 0.17 dyn/cm2 (0.00017 mbar) would remove more 
bacteria than the flow added. This study demonstrated the mechanics of biofilm 
adhesion in fluid flow.

3.4.9  �Raman Microscopy

Raman microscopy is increasingly being utilized to map the spatial distribution of 
chemicals in biofilms. Raman microscopy provides chemical information about the 
material, via fingerprint spectra, in combination with the high spatial resolution by 
combining a Raman spectrometer with an optical microscope. Raman spectroscopy 
is a spectroscopic technique based on inelastic scattering of monochromatic light, 
usually from a laser source. Inelastic scattering means that the frequency of photons 
in monochromatic light changes upon interaction with a sample. The light beam 
from the spectrometer is focused onto the biofilm using the optics in the micro-
scope. The photons are absorbed by the sample and then reemitted. The frequency 
of the reemitted photons is shifted up or down relative to the original monochro-
matic frequency, which is known as the Raman effect. This shift provides informa-
tion about vibrational, rotational, and other low-frequency transitions in molecules. 
The light emitted back from the sample is collected and measured a charge-coupled 
device (CCD) or photomultiplier tube (PMT). Near-infrared (NIR) lasers are typi-
cally used for analyzing biological specimens as they emit lower energy light that is 
not as destructive to the sample. The main feature of this technique is that it requires 
little or no sample preparation as water has a very weak Raman signal [111].

Each molecule generates a unique Raman spectrum. Since biofilms contain thou-
sands of different molecules, the complexity of sample does not allow for detailed 
chemical analysis, but concentration gradients can be mapped by looking at changes 
in the fingerprints obtained from different locations on the sample surface. This is 
done quantitatively with principal component analysis. One way to improve selec-
tivity or sensitivity for this technique is to incorporate functionalized nanoparticles 
into the biofilm matrix that bind to targets of interest [112]. The best results are 
achieved by adding the nanoparticles during the biofilm formation process so that 
they can be incorporated uniformly.
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3.4.10  �Fourier Transform Infrared (FTIR) Spectroscopy

This technique is occasionally utilized to study biofilms. Infrared spectroscopy is 
performed by shining infrared light on the sample and measuring the absorbance of 
light in a range of wavelengths from 0.8 to 1000 micrometers. In FTIR, the absor-
bance information from all of the wavelengths is collected simultaneously to allow 
the information to be processed faster. Similar to Raman spectroscopy, FTIR instru-
ments can be coupled with a microscope to image a sample surface. However, 
because of the intense absorption of infrared light by water, the biofilms are gener-
ally dried prior to imaging. To improve sensitivity, a special type of FTIR, known as 
attenuated total reflection (ATR), is generally utilized in these situations. As the 
name implies, ATR uses total reflection to guide the incident light along the sample 
surface, so that it can have more interaction with the sample than with the traditional 
setup, where the light travels through the sample. Using ATR, chemical information 
can be obtained from the sample even if it remains hydrated. One example of using 
FTIR spectroscopy was to measure diffusion of drug molecules through a fungal 
biofilm [113]. The chemical complexity of biofilm samples requires that fingerprint-
ing or principle component analysis techniques be utilized to process the data simi-
larly to Raman spectroscopy [114].

3.4.11  �Surface Plasmon Resonance (SPR)

SPR sensors use a relatively simple instrument for measuring changes in biomass 
on a surface, but the phenomena employed in the measurement are quite complex. 
The most common instrument configuration has incident light shining on a prism 
made of high refractive index glass coated with 50 nm of gold [115, 116]. A micro-
fluidic channel is attached over the gold surface to deliver solution to the sensor 
surface. At a certain angle, referred to as the resonance angle, the photons from the 
incident light entering the prism are transferred to the free electrons in the metal 
creating surface plasmon polaritons (SPPs) that extend approximately 200  nm 
above the surface. In this state, no light is reflected back out from the prism. When 
biomass, such as bacterial cells or extracellular matrix, attaches to the gold, the 
water on the surface is displaced, the refractive index is changed, the SPPs cannot 
form, and the incident light is reflected back out of the prism. The amount of 
reflected light is measured with a CCD. The intensity of the light is proportional to 
the amount of biomass on the sensor surface.

SPR has been used to study the adhesion of P. aeruginosa on bare and modified 
gold surfaces [117]. The results of these experiments showed that differences in 
binding kinetics could be distinguished for different surfaces and strains of cells. 
SPR is being used to determine the binding mechanisms of bacterial species by test-
ing their adhesion kinetics to various natural and synthetic materials [118, 119]. SPR 
is being tested in pilot plants to detect biofilm formation on reactor surfaces [120].
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3.4.12  �Surface Plasmon Resonance Imaging (SPRi)

In a traditional SPR system, the average intensity of the reflected light from the 
entire surface is measured, and the results show the average refractive index varia-
tion of the sample on the entire surface. In SPR imaging, the intensity of the reflected 
light is analyzed at each position on the sensing surface. The output of this sensor is 
a grayscale image, which is called difference image and represents the refractive 
index changes of the dielectric media above the metal film pixel by pixel (Fig. 3.10). 
The pixel size determines the resolution of the device.

SPRi offers the unique advantages of measuring attachment of molecules onto a 
surface accompanied by large area imaging (~1 cm2) [122, 123]. No other technique 
can provide these two attributes simultaneously, which are vitally important for 
investigating biofilm formation and removal [124]. The large area is necessary 
because the simultaneous movement of hundreds or thousands of cells, as well as 
the insoluble polysaccharides and proteins excreted by the cells, in a biofilm must 
be tracked during each stage of the biofilm life cycle [125]. Its simplicity, rapid 
analysis, low cost compared to confocal microscopy, and potential miniaturization 
[126, 127] make it an ideal technique for studying biofilm formation and decompo-
sition in clinical and industrial environments.

The use of both SPR and SPRi for bacterial analysis is becoming increasingly 
prevalent [128]. The rapid imaging capabilities of a SPRi system are particularly 
important for multicellular and bacterial movement investigations. By using cham-
bers and channels that confine cells near the sensor surface, it is possible to observe 
physical activity inside the chambers, such as cell movement and growth [123]. 
Even though the cells are much larger than the approximately 200 nm electromag-
netic field that extends from the sensor surface, a significant portion of the cell is 
located within the field and is detected. Abadian et al. [129, 121] exploited this fact 

Fig. 3.10  (a) A microscope image of 50 μm beads on the prism surface. (b) The SPRi difference 
image from the same surface. The bright spots are where beads attached the surface and changed 
the refractive index at those locations (Adapted from Ref. [121])
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to image the movement, adhesion, and removal of cells in biofilms in real time at the 
sensor surface. At the end of each experiment, the PDMS made chamber was 
removed and sensor surfaces were analyzed using fluorescence microscopy and 
scanning electron microscopy.

3.4.13  �Quartz Crystal Microbalance (QCM)

Another approach for analysis of biofilm formation and removal is to use a quartz 
crystal microbalance. Very simply, quartz crystal microbalance (QCM) sensors 
measure the mass attached to a surface using changes in vibrational frequency. 
Applying an alternating current to quartz crystal sandwiched between two elec-
trodes induces oscillations through the crystal in the direction parallel to the elec-
trodes (known as a shear wave). The alternating current can be selected such that it 
matches the natural frequency of the crystal, thus generating a resonant frequency 
in the megahertz range. The frequency at which the sensor oscillates changes as 
mass is added or removed.

Frequency measurements are easily made with high precision; hence, it is easy 
to measure mass densities on the sensor surface that are as low as 1 μg/cm2. When 
working with liquids, it is important to also measure the dissipation factor to help in 
the analysis and the viscoelastic properties of the liquid affect the sensor perfor-
mance and the mass density it measures. Figure  3.11 shows a schematic of the 
sensor.

There is a substantial amount of work demonstrating the ability to use QCM as a 
biosensor to detect the presence of bacteria [130]; however, we are focused on char-
acterization of biofilms. Nivens et al. measured the rate of biofilm formation for 
Pseudomonas cepacia using a QSM [131]. Castro et al. investigated the growth of 
S. epidermidis biofilms using a QCM sensor [132]. They observed that the dissipa-
tion factor, which is equivalent to the resonance bandwidth, increased dramatically 
for a mutant strain that did not produce extracellular matrix, while wild-type strains 
forming robust biofilms caused smaller changes. The mutant strain also caused the 
greatest frequency shift. Reipa et al. coupled QCM with optical detection to simul-
taneously measure changes in the viscoelastic properties and thickness of the bio-
film in real time over the course of several days [133].

More recently, Ollson et al. used a QCM with dissipation (QCM-D) to determine 
the effect that bacterial appendages have on these types of measurements [134]. 

Fig. 3.11  Schematic 
demonstrating the sensing 
principle of a QCM
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They found that bacteria devoid of surface appendages registered a frequency 
decrease. Adhesion of bacteria possessing surface appendages yielded either a 
smaller decrease or even an increase in frequency, despite the fact that more cells 
adhered. Vanoyan et al. measured changes in bacterial deposition and attachment 
when the cells were exposed to molecules inhibiting quorum sensing [135].

3.5  �Final Remarks

There are many analytical methods available for characterizing bacterial cell adhe-
sion and biofilms, but care has to be taken to select the appropriate approach for the 
particular property that is being investigated. The dynamic and highly variable prop-
erties of biofilms also require that experimental conditions mimic, as precisely as 
possible, the natural environment where the biofilm is found. Existing techniques are 
also frequently combined to provide a more accurate representation of the biofilm 
properties. It is expected that additional techniques will be developed in the future as 
the importance of biofilms is realized throughout the scientific community.
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