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Foreword

Lung is a vital organ that works in concert with the heart and vasculature to provide 
gas exchange, by delivering oxygen to all cells in the body and removing carbon 
dioxide released by the cells. The respiratory system has 24 generations of branches, 
from large airways all the way to the alveolar sacs, generating an astonishing num-
ber of 2^24 airway units. This hierarchical network is interfaced with the equally 
hierarchical vasculature, to form 140 m2 of gas exchange surface (just about 70% of 
the size of a tennis court). Additional complexities arise because over 50 types of 
cells comprise various compartments of the lung (epithelial, vascular, mesenchy-
mal, immune) which collectively support its function.

A healthy lung can effectively maintain itself, but has limited ability to regener-
ate following injury or disease. Lung injury, whether acute or chronic, can lead to 
end-stage lung disease, the third leading cause of death worldwide, accounting for 
400,000 deaths per year in the United States alone. The burden of lung disease has 
further increased during the COVID-19 pandemic, and therapies for rebuilding 
damaged lung tissue are urgently needed.

The last decade brought major advances in our understanding of lung develop-
ment, modeling, and treating lung injury and disease. While the key morphogenic 
steps such as cell lineage specification, branching morphogenesis, and formation of 
alveoli were already identified, we are now learning that these steps are less discrete 
than previously thought and are overlapping in space and time during the lung 
development. Just recently, through the use of single cell-RNA sequencing, Krasnow 
and colleagues have provided us with the most complete cellular and genetic map of 
the lung.

In parallel, the field has become increasingly aware of the limitations of cell 
culture and animal models in recapitulating human lung development and disease 
pathology. The murine lung differs substantially from its human counterpart, includ-
ing the 6000-fold smaller tidal volume, 8000 times smaller surface area, and about 
a half of the airway generations. Similarly, cell cultures are unable to emulate the 
compositional, architectural, and functional features of the lung. The critical need 
for human tissue models of lung function resulted in major strides in lung bioengi-
neering over the last 10 years, which are enabling lung research and its translation. 
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The emergence of organs-on-a-chip, micro-sized human tissues designed to reca-
pitulate organ-level functions, was propelled by the development of lung-on-a-chip 
models of the epithelial-endothelial interface that also incorporated key mechanical 
forces. This micro-scale model has been used to recapitulate a number of lung dis-
eases and to evaluate therapeutic regimens. On the macro-scale, we have witnessed 
the emergence of whole-lung models allowing multi-day ex vivo studies of lung 
injury and regeneration (to provide more lungs for transplant), and disease (to model 
lung diseases and evaluate therapeutic modalities).

This interesting and timely book covers the engineering models of human lung, 
in the context of both homeostasis and disease. To this end, the book discusses mod-
eling of lung development, large airway, and the mesenchymal, parenchymal, and 
vascular compartments. The approach is highly interdisciplinary, reflecting the need 
for biologically inspired engineering models that combine biological relevance with 
the control of environmental and regulatory factors. The chapters discuss the experi-
mental and computational methodologies across multiple scales – from lung-on-a- 
chip to the whole human lung. The book will be helpful to a lung biologist, 
bioengineer, and clinician, in line with the highly interdisciplinary nature of the 
current research in lung bioengineering. We live in an era of collaboration and can 
overcome the challenges involved in translating scientific insights into benefits to 
patients by working together and training the next generation of investigators and 
practitioners.

Columbia University Gordana Vunjak-Novakovic 
New York, NY, USA
December 2022

Foreword
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Preface

In the fall of 2016, as the Director of Product Development at Sharklet Technologies, 
Inc, I never imagined that I would soon move to the adjacent building to become the 
Principal Investigator of the Bio-inspired Pulmonary Engineering Laboratory at the 
University of Colorado, Denver | Anschutz Medical Campus. Less than a year later, 
however, I started my first faculty position and met a small but incredible group of 
scientists, physicians, and engineers working together to understand lung disease 
and repair at the Stem Cells, Cell Therapies, and Bioengineering in Lung Biology 
and Disease Conference in Vermont. Coming from a background where we used 
sophisticated biomaterial to address challenges ranging from algae accumulation on 
ocean-going ships to improving healing times for full-thickness skin wounds, I was 
surprised that so few engineers were working in the pulmonary healthcare space. I 
was also shocked to learn that chronic respiratory diseases are the third leading 
cause of death globally even before the COVID-19 pandemic started.

The idea for this book originated over tapas with Dr. Darcy Wagner during the 
Society for Biomaterials Annual Meeting. Our goal was to write a book that would 
introduce engineers to lung biology and biologists to engineering models for study-
ing lung disease. I would like to extend my immense gratitude to Darcy and all the 
contributing authors in this text for creating a book that not only describes transla-
tional models of lung homeostasis and disease but also overviews the relevant biol-
ogy required to understand each topic: (1) Developing Lung, (2) Large Airways, (3) 
Mesenchyme and Parenchyma, (4) Vasculature, and (5) Interfaces Between Medical 
Devices and the Lung. I must also thank my friends and family for their support 
during the process of putting this text together, especially my husband, David 
Wilson, for proof-reading everything I write and my son, Brennan Wilson, for mak-
ing me smile every day. I envision that collaborations among engineers, scientists, 
and physicians will enable us to treat and cure the most devastating lung diseases, 
and I hope this text inspires you to seek out these connections and take on a new 
challenge!

Aurora, CO, USA Chelsea M. Magin  
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Chapter 1
An Introduction to Engineering 
and Modeling the Lung

Alicia E. Tanneberger, Daniel J. Weiss, and Chelsea M. Magin

1.1  Introduction

Over the last decade, the field of lung biology has evolved considerably due to many 
advancements, including the advent of single-cell RNA (scRNA) sequencing, 
induced pluripotent stem cell (iPSC) reprogramming, and 3D cell and tissue culture. 
Despite rigorous research and tireless efforts, chronic pulmonary diseases remain 
the third leading cause of death globally, with transplantation being the only option 
for treating end-stage disease. This chapter will introduce the broader impacts of 
understanding lung biology in health and disease, provide an overview of lung 
physiology and pathophysiology, and summarize the key takeaways from each 
chapter describing engineering translational models of lung homeostasis and dis-
ease. This book is divided into broad topic areas containing chapters covering basic 
biology, engineering approaches, and clinical perspectives related to (1) the 
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developing lung, (2) the large airways, (3) the mesenchyme and parenchyma, (4) the 
pulmonary vasculature, and (5) the interface between lungs and medical devices. 
Each section highlights the underlying premise that engineering strategies, when 
applied in collaboration with cell biologists and pulmonary physicians, will address 
critical challenges in pulmonary health care.

1.2  Broader Impacts of Understanding Lung Biology 
in Health and Disease

Chronic pulmonary diseases were ranked as the third leading cause of death glob-
ally in 2019 [1, 2]. Chronic obstructive pulmonary disease (COPD) and asthma, two 
of the leading chronic respiratory diseases, together affect nearly 400 million people 
worldwide [1–3]. The emergence of the infectious coronavirus disease (COVID-19) 
caused by the SARS-CoV-2 virus quickly and negatively impacted global respira-
tory health. There have been over 550 million documented cases worldwide, an 
astonishing statistic expected to continue rising [4]. Emerging studies suggest that 
chronic pulmonary fibrosis may follow acute respiratory distress syndrome (ARDS) 
caused by severe SARS-CoV-2 infection [5, 6]. Pulmonary fibrosis, an interstitial 
lung disease which causes scarring of gas exchanges surfaces, makes up a worri-
some and growing proportion of patients experiencing respiratory distress. More 
specifically, idiopathic pulmonary fibrosis (IPF) is an uncurable and progressive 
disease that has a current median survival rate of only 2–3 years after diagnosis [7]. 
As the long-term effects of COVID-19 are still largely unknown, the burden of acute 
and chronic pulmonary diseases is expected to overwhelm clinical settings for years 
to come [4].

Overall, the number of diseases that still have limited or no therapeutic options 
is surprising and troublesome [8, 9]. Approval for new drugs is expensive, time 
intensive, and must undergo many rigorous drug development stages. As such, the 
only cure for many end-stage chronic pulmonary diseases remains lung transplanta-
tion. In the United States, the number of individuals requiring an organ transplant 
far outweighs the number of organs available [10]. Currently, there are over 100,000 
patients listed on the national transplant list, yet only about 40% of individuals on 
the list will receive a transplant [11]. As such, there remains a critical need for both 
better in vitro models of lung tissue that advance the drug development timeline and 
technologies that improve quality of life until transplant.

Mechanistic in vitro modeling makes up a large percentage of current pulmonary 
research efforts [12]. While each approach has its own strengths and weaknesses, 
adopting multidimensional and systematic engineering methods will enhance stud-
ies of complex pulmonary diseases. The emergence of engineering approaches to 
model lung homeostasis and disease has created opportunities for cutting-edge 
research and interdisciplinary collaboration. Therefore, we envision that engineer-
ing strategies will revolutionize current approaches to modeling both healthy and 
diseased lung tissues, accelerate the development and validation of personalized 
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therapeutics that are so desperately needed, and provide a bridge-to-transplant for 
patients able to receive this treatment. The next section will briefly introduce differ-
ences between healthy and diseased lung anatomy and physiology to provide back-
ground information on how deviations due to injuries or disease affect the lung cells 
and tissues.

1.3  Lung Physiology in Homeostasis and Disease

The chapters of this book contain information on five broad topic areas: (1) the 
developing lung, (2) the large airways, (3) the mesenchyme and parenchyma, (4) the 
pulmonary vasculature, and (5) the interface between lungs and medical devices. As 
such, this introductory section will briefly introduce these topics. First, the phenom-
enon of human lung organogenesis defines how hollow tube-like structures divide 
and branch repetitively during early fetal lung development and then evolve into 
mature lung structures with age. Mechanical forces are extremely important during 
this phase as they provide physical cues that give the tissue its structure [13, 14]. 
Furthermore, both the coordinated crosstalk between mesenchymal and epithelial 
cells, and the understanding of how progenitor cells differentiate and give rise to 
specialized lung cells, are vital for lung organogenesis [13, 15]. Upon completion of 
this initial developmental phase, the structures of the lower internal respiratory tract 
become much more apparent and tree-like. The lower respiratory tract contains the 
main structures of the trachea, bronchi, bronchioles, and alveoli.

The trachea has the largest cross-sectional area and both bronchi, left and right, 
are classically viewed as large airway structures (Fig. 1.1, top). Within the trachea, 
a significant amount of cartilaginous tissue makes the airway extremely rigid when 
compared to the rest of the airway [16, 17]. Additionally, along the trachea, there is 
a high proportion of ciliated epithelial cells, goblet cells, and basal cells (Fig. 1.1, 
top) [18, 19].

Basal cells are capable of being differentiated into all types of luminal cells [20]. 
Basal cells secrete mucus, while more distal alveolar epithelial type II cells secrete 
surfactants which both line the airways and can be overproduced when dysfunction 
occurs. In the case of SARS-CoV-2 infection, the upper airway is considered a prin-
cipal entry and target of SARS-CoV-2 and commonly results in inflammation, neu-
trophilia, and cytokine release, and epithelial barrier damage ensues (Fig. 1.1, top 
right) [21–23]. Then, moving toward the end of the trachea and along the bronchi, 
the amount of cartilage decreases. While there are still ciliated epithelial cells, the 
predominant other cell types found here are the club cells. The main function of 
club cells is to protect the epithelium by secreting protein and a component of sur-
factant that can detoxify harmful substances that were inhaled before they pass onto 
more sensitive areas [24].

Next, moving distally along the respiratory tract ultimately leads to the paren-
chyma and mesenchyme (Fig. 1.1, middle). The parenchyma refers to the region of 
the lungs involved in gas exchange. It includes the alveoli that facilitate gas exchange 
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Fig. 1.1 Schematic highlighting basic lung biology within the large airways (top), parenchyma 
and mesenchyme (middle), and vasculature (bottom), both at homeostasis (left side) and during 
disease (right side), including acute SARS-CoV-2 infection, fibrosis, and hypertension. (Created 
with BioRender.com)

across membranes one cell layer thick, and the extracellular matrix (ECM) [25]. 
Within the alveoli, the main function of the lungs takes place: gas exchange. Here, 
diffusion of carbon dioxide and oxygen occurs across a thin membrane to oxygenate 
the body. Meanwhile, the ECM provides both biochemical and biophysical cues to 
the cells and is composed of over 150 different types of proteins, enzymes, growth 
factors, and proteoglycans [26]. Additionally, the ECM provides structure to the 
lungs and experiences continual remodeling, often being referred to as the cells’ 
microenvironment. Normally, when an injury or insult occurs, fibroblast cells acti-
vate and differentiate into myofibroblast cells that start the normal wound healing 
cascade to repair that site. When this healing process does not resolve, the process 
of fibrosis begins. Myofibroblast cells deposit excess ECM proteins, particularly 
collagen, that thicken the alveolar walls and leads to ineffective gas exchange and 
decreased ease of lung expansion (Fig. 1.1, middle right) [27]. Then, surrounding 
fibroblasts sense the increased tissue stiffness and a positive and viscous feedback 
loop begins, activating more fibroblasts and furthering the aberrant wound healing 
process of fibrosis [27].

Furthermore, the mesenchyme refers to a wide array of cells including lymphatic 
cells, pericytes, fibroblast and myofibroblasts, endothelial cells, mesenchymal stro-
mal cells, and smooth muscle cells [28]. While all these cells contribute to the func-
tions of the mesenchyme, much of the mesenchymal regulatory mechanisms 
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involved in directing airway and alveoli development, as well as the composition of 
the mesenchyme and the relationship and interactions with the pulmonary epithe-
lium, are still not well understood [29]. Thus, understanding better the relationship 
and interaction between the mesenchyme and the pulmonary epithelium is notably 
important during each step of lung development, as it serves as a central factor in the 
creation of functional lung tissue [29].

Lastly, the lung vasculature (Fig. 1.1, bottom) is made up of arteries, veins, and 
capillaries that run along lung structures and are most critical near the alveolar 
region. Deoxygenated blood is transported from the right side of the heart to the 
lungs by the pulmonary arteries. Three anatomical layers make up the pulmonary 
arteries: the intima (inner-most layer), the media (middle layer), and the adventitia 
(outer layer). Then, the capillary beds facilitate the diffusion of carbon dioxide and 
oxygen within the alveolar region while the pulmonary veins carry oxygenated 
blood back to the heart from the lungs. Pulmonary endothelial cells line the vascu-
lature and are found at the air-liquid interface. Pulmonary hypertension (PH) is one 
a disease that affects the pulmonary circulatory system and often develops second-
arily in IPF patients [30]. This disease is characterized by blood vessel thickening 
that narrows and blocks blood flow, making it harder for the heart to pump the same 
amount of volume of blood to the body (Fig. 1.1, bottom right) [30]. Hence, lung- 
tissue stiffness increase in patients suffering from pulmonary hypertension and pul-
monary fibrosis. The opposite trend in tissue stiffness occurs in COPD. Evaluation 
of COPD patients lungs has revealed increased compliance and decreased tissue 
stiffness [31].

In summary, disease often begins by an initial or acute injury (e.g., inhaled irri-
tant, lung puncture, or viral infection). When the injury does not resolve following 
a normal healing process, it often leads to irreversible damage. Both mechanical and 
compositional changes contribute to disease progression, yet for many diseases, it is 
still unknown which factor has a greater impact. Regardless, there are similarities 
among many conditions such as inflammation, changes in cellular phenotype, the 
extracellular matrix, and the cell-cell and cell-matrix interactions, which all have 
repercussions for gas exchange. Thus, it is important to consider disease-specific 
factors and tailor experimental designs to include these design parameters to achieve 
the most accurate ex vivo system.

1.4  Engineering Translational Models of Lung Homeostasis 
and Disease

Part I (Chaps. 2, 3 and 4) focuses on Engineering and Modeling the Developing 
Lung. In Chap. 2, Charlotte Dean and Sek-Shir Cheong start off by introducing 
simple non-engineered models of lung development that showcase multiple techni-
cal modalities (e.g., in vitro, ex vivo, and in silico). This chapter facilitates discus-
sion about advantages and disadvantages for each approach, which is beneficial to 
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readers considering their own experimental designs. Within the chapter, the authors 
systematically review the work that currently exists for recapitulating the five stages 
of lung development: embryonic, pseudoglandular, canalicular, saccular, and alveo-
lar. The use of explanted cultures, organoids, and precision-cut lung slice models 
are a common thread between the different models.

In Chap. 3, Brea Chernokal, Cailin Gonyear, and Jason Gleghorn focus on 
employing primarily in vitro techniques to study lung development. They highlight 
the significant amount of work that has come from differentiating iPSCs into a vari-
ety of mature lung cells, including bronchospheres (proximal) and alveolospheres 
(distal). Time, three-dimensional organization, and mechanical forces all play a cru-
cial role in model design for developing lungs and, therefore, are a major emphasis 
of this chapter. Additionally, this chapter demonstrates how simple models of lung 
development can be transitioned into more complex physiologic models by imple-
menting microfluidic devices.

Laertis Ikonomou, Maria Yampolskaya, and Pankaj Mehta continue the discus-
sion in Chap. 4. The authors highlight the benefit of multipotent embryonic lung 
progenitor cells, both human- and animal-derived, to create distinct lung models of 
organogenesis. Numerous cell markers and signaling pathways for a variety of dif-
ferent cell types and stages are presented, which provides a great starting place for 
researchers to explore and use as validation within their own models. Lastly, the 
authors mention the imperative need for computing techniques, such as RNA 
sequencing, and leave readers with concluding remarks about how lung progenitor- 
based organoids are likely to become well-established norms in both the medical 
and developmental biology fields.

Next, Chap. 5 by Lalit Gautam, Noa Harriott, Adrian Caceres, and Amy Ryan 
marks the beginning of Part II (Chaps. 5, 6 and 7): Engineering and Modeling Large 
Airways. Within this chapter, the authors discuss the crucial role of the airway epi-
thelium as one of the first defense mechanisms that protects the lungs from irritants 
and infiltrates. Additionally, since the upper airways provide both physical and bio-
chemical barriers, the chapter also introduces the wide variety of basic cellular and 
biological components present. Readers can refer to this chapter to gain a broad 
understanding about the structure-function relationships of goblet, club, basal, and 
other less prominent secretory and ciliated cells found within this region.

In Chap. 6, Rebecca Heise continues to discuss the fundamental biology and 
components that play pivotal roles in the large airway. The structure-function rela-
tionships between cells and their surrounding environment are introduced and pro-
vide context for why investigating the mechanical properties of the large airways 
has been proven very insightful. Then, multiple pathologies known to impact the 
large airways are briefly discussed, to highlight a need for computational and physi-
ological models to better understand the disease mechanisms at play.

Finally, Chap. 7 written by Tehreem Khalid and Cian O’Leary wraps up the 
discussion of engineering large airways. This chapter begins by providing a 
detailed explanation of the clinical need for trachea replacements and discusses 
the mechanical forces involved in respiration. Then, the complex design 
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requirements are individually considered, such as withstanding different pressure 
gradients, developing a non-uniform material that captures the anisotropic fea-
tures of the native tissue, and ability to rapidly deform and expand. The mechani-
cal properties of tracheal cartilage, muscles, and whole tissue are tabulated in a 
concise manner. Additionally, the methods employed to measure the mechanical 
properties are thoroughly presented and serve as a great introduction into how to 
implement these techniques. 

Part III (Chaps. 8, 9, 10 and 11) – Engineering and Modeling the Mesenchyme 
and Parenchyma – starts with Jarod Zepp and colleagues presenting an overview of 
engineering and modeling the mesenchyme in Chap. 8. This content describes the 
structure and components that make up the mesenchyme, focusing on the extracel-
lular matrix and mesenchymal cell types. The topics of fibroblast discovery, hetero-
geneity, and organization are progressively discussed. Then, the authors transition 
into  describing  complex fibroblast behaviors, in  disease progression and how to 
model mesenchymal-epithelial interactions. Lastly, this chapter ends with a promis-
ing approach for how to target fibroblasts with nanoparticles as a strategy for inter-
vening in disease progression.

Next, Chelsea Magin et al. build on this discussion in Chap. 9 by highlighting 
some of their exciting work developing dynamic 3D lung models. Within this chap-
ter, they present their unique perspectives on the advantages, limitations, and poten-
tial future directions of the use of both synthetic and naturally derived hydrogel 
materials within precision-cut lung slice, organoid, and lung-on-a-chip models. 
Pulmonary fibrosis is introduced and interwoven into the discussion to showcase 
differences between healthy and diseased lung models. Furthermore, a detailed 
explanation of click chemistry is showcased for thiol-ene and thiol-yne reactions. 
Multiple techniques of using magnetically labeling microspheres, incorporating 
photodegradable microspheres, and functionalizing microspheres to ultimately 
engineer and mimic distal lung geometry are all interesting concepts to explore 
when reading this chapter [31].

Similarly, lung-on-a-chip models for the lung parenchyma are discussed in-depth 
within Chap. 10, written by Olivier Guenat and colleagues. Significant improve-
ments have been made in the functionality and complexity of this technique since its 
inception in 2010. The authors highlight the importance of including aspects such 
as flow, an air-liquid interface, and multiple cell types, particularly to develop the 
most physiologically relevant alveolar-focused lung-on-a-chip model. Readers not 
as familiar with lung-on-a-chip systems should utilize this thorough overview.

Chapter 11 by Claudia Staab-Weijnitz, Ceylan Onursal, Deepika Nambiar, and 
Roberto Vanacore rounds out the discussion for this section. This chapter details the 
significance of assessing collagen formation, remodeling, and types within transla-
tional lung models. If readers are interested in learning immune-or mass- 
spectrometry- based  collagen  quantification and visualization techniques, this 
chapter serves as a great starting point that discusses state-of-the-art research. 
Advantages and disadvantages are compared for multiple techniques, and implica-
tions of collagen changes are reviewed within a disease context. This chapter also 
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includes tabulated information on collagen types and which protease is associated 
with those collagen forms. 

Chapter 12 by Wai Hoe Ng, Barbie Varghese, and Xi (Charlie) Ren begins Part 
IV: Engineering and Modeling the Pulmonary Vasculature. Some basic biology and 
important features of blood circulation are discussed to lay the foundation for how 
complex it truly is to recreate blood vessels ex vivo. Research studies using a variety 
of engineering approaches toward vascularization of models  are thoroughly 
reviewed, including co-differentiated organoids, 3D printing, microfluidic devices, 
and recellularization techniques. This chapter will help readers better appreciate the 
role of endothelial cells, cellular cross talk, and complex vascularization, while 
highlighting significant new ways to engineer vasculature.

Likewise, within Chap. 13, Trieu Nguyen and Fakhrul Ahsan elaborate on lung- 
on- a-chip models, employing microfluidic devices that lend themselves to recapitu-
late the pulmonary vasculature. This method serves as an alternative to animal 
models and has tremendous power for drug screening. As such, new drugs can be 
potentially identified before clinical trials begin to treat pulmonary vasculature dis-
eases, such as pulmonary arterial hypertension. The materials commonly chosen for 
microfluidic devices and the addition of patterning to create microvascular networks 
particularly stand out within this chapter.

Similarly, many of the same approaches continue to be discussed in Chap. 14 by 
Yifan Yuan. However, within this chapter, more specific clinical details are included 
that enable readers to incorporate them as design parameters, such as typical arterial 
pressure values, volumes, and symptoms. Sections on extracellular substrates, cell- 
cell cross talk, and mechanical shear and stretch highlight a variety of work across 
many different research groups. Yuan ends the chapter by suggesting that imple-
menting multi-omics will drastically improve our understanding of transcriptomics 
and proteomics, and by transitioning away from using animal-derived materials and 
instead using human derived material, researchers will gain further insight into criti-
cal human mechanisms.

Finally, Chaps. 15 and 16 make up the remaining section of this book, Part V: 
Engineering and Modeling the Interface Between Devices and the Lung. These two 
chapters contain the most clinically dense and relevant information in terms of 
extracorporeal membrane oxygenation (ECMO) as a therapy. Chapter 15 is written 
by Anna Niroomand, Franziska Olm, and Sandra Lindstedt, while Chap. 16 is writ-
ten by Deniz Bölükbas and Sinem Tas. Both chapters introduce the technique of 
ECMO and how the system interfaces with the body when in use, but Chap. 14 
provides a more macroscopic view about the concerns of thrombosis and bleeding. 
Meanwhile, Chap. 15 delves into each component that makes up the machine, pro-
vides justification for each part, and addresses how the body responds to the materi-
als it is exposed to. This therapy is very invasive and significant efforts are scaling 
the machines down to improve the portability and success in bridging patients until 
they receive transplants.

A. E. Tanneberger et al.
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1.5  Conclusion

In the past, researchers often focused on one aspect of the lungs (e.g., a specific cell 
type, a cell signaling pathway, or a specific biomarker) and worked to develop a 
successful model that provided insight with regard to that feature. However, with 
the improvements in current technology and techniques available, standards are 
much higher today. Multidisciplinary approaches are becoming more widely recog-
nized as crucial to the production of impactful work, so it is common to find biolo-
gists collaborating with biomaterial scientists and engineers and/or clinicians. 
Additionally, authors are asked to verify their results using several different modali-
ties to comprehensively support their claims with rigorous and reproducible evi-
dence. As such, individuals must rise and adapt to the quickening pace of these 
advancements, incorporating new technologies as well as multidisciplinary 
approaches into their own work, or they risk falling behind in the quest for transla-
tional models that can ultimately identify new ways to combat lung diseases.

 Reducing our reliance on materials derived from animals, such as Matrigel and 
transitioning to engineered biomaterials will create well-defined cell-culture plat-
forms that can investigate factors systematically. Also, there has historically been a 
lack of focus on sex-specific [33–35] and patient-specific [36, 37] considerations. It 
would be very practical to develop iPSC cell lines from both male and female 
patients to study the role sex has within the context of disease. Individuals should 
work to incorporate these two considerations into 3D lung models coupled with the 
use of 3D approaches, including lung-on-a-chip, to study flow and the air-liquid 
interface, bioprinted scaffolds capable of recreating lung geometry, and stretchable 
membranes that can deform and simulate ventilation patterns. Furthermore, support 
should continue for exploring alternative methods, such as refurbishing lungs previ-
ously deemed as unsuitable for organ transplants, to increase the number of patients 
that benefit from this treatment. Gordana Vunjak-Novakovic and colleagues per-
formed interventional cross-circulation using prolonged extracorporeal support to 
improve lung function of damaged but living pig lungs to a level that met transplan-
tation criteria [38]. Efforts like these have tremendous potential to improve the out-
comes of patients with end-stage lung diseases who would have otherwise not have 
received lungs.

Leveraging partnerships between academia and industry will also be key to suc-
cessfully translating the results obtained in engineered models of lung homeostasis 
and disease into clinical use. Recently, Volumetric, a 3D printing company started 
by Jordan Miller and colleagues from Rice University, was acquired by 3D Systems 
and began a partnership with United Therapeutics toward building new lungs [39–
41]. This example highlights a true paradigm shift in the translation of engineered 
lung models and a new approach to solving the shortage of transplantable organs. 
Figure 1.2 showcases how truly novel advances in personalized medicine, 3D tech-
nologies, and biomaterial and co-culture systems will revolutionize pulmonary 
research and treatment of respiratory diseases in coming years. Great work 
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Fig. 1.2 Schematic showcasing promising techniques and areas of focus for improved lung mod-
els. Personalized models, biomaterial and co-culture systems, and 3D technologies are specific 
areas to explore for future advances. (Created with BioRender.com)

progresses in engineering translational models of lung homeostasis and disease. 
Readers are encouraged to read every chapter of this book to further their knowl-
edge of the basic science and exciting new technologies emerging in this area so that 
they may start a new collaboration to improve patient health and treatment options 
for the millions of people worldwide impacted by respiratory diseases.
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Chapter 2
Simple Models of Lung Development

Charlotte H. Dean and Sek-Shir Cheong

2.1  Introduction

2.1.1  Basics of Lung Development

Our understanding of lung organogenesis has progressed in parallel with the gen-
eration of models designed to investigate the different stages of development [44]. 
The lungs are generated from the foregut endoderm; two initial buds give rise to the 
primordial buds of each future lung lobe. This is followed by secondary branching, 
a series of reiterative rounds of branching that generate the network of airways 
known as the respiratory tree. Subsequently, the gas-exchanging region of the lungs 
is formed from the terminal airway branches by thinning of interstitial tissue and 
widening of the airspaces to form clusters of epithelial sacs followed by the final 
stage of development, alveologenesis [44].

In all there are five stages of lung development, each of which relates to the mor-
phological changes that are occurring as organogenesis proceeds. These five stages, 
embryonic, pseudoglandular, canalicular, saccular and alveolar, have been well 
documented [17, 28, 43]. The focus of these stages of organogenesis is on the epi-
thelial component of the lungs, but the vasculature develops alongside the epithe-
lium and has an equally important role to play in both organ development and 
function, since gas exchange takes place between the capillary endothelium and 
epithelium in the alveoli [21] (Fig. 2.1).

In addition to the endothelium and epithelium, the lungs are comprised of a myr-
iad of other cell types, including sub-populations of fibroblasts, neuroendocrine 
cells and both resident and recruited immune cells, all of which contribute to the 
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Fig. 2.1 Stages of lung development. Schematic shows the five stages of lung development along 
with the period of human or mouse development when they occur. N.B. Alveologenesis takes place 
after birth in mouse

organ function. These other cell types are less well-represented in most of the com-
monly used models [6].

Many of the simple models of lung development were generated from mouse 
tissue or cells, but a growing number of human lung models have also been estab-
lished. The existence of human models is important because despite the similarities 
between mouse and human development, there are also differences. This includes 
differences in the cellular composition of the airways and in the timing of alveolo-
genesis, which begins prenatally in humans but takes place postnatally in the mouse 
[26, 35]. Molecular differences have also been found between mouse and human 
lung generation [31]. Knowledge of the morphological and molecular differences 
between mouse and human lung is of key importance as we move towards smarter 
models and effective translation of data obtained from animal studies.

2.2  Models to Study Lung Development

Models are a necessity to study the lungs since their deep position within the body 
and requirement for life makes this organ very difficult to study in situ. The genera-
tion of models to study lung organogenesis has broadly followed the stages of lung 
development with early models mainly focused on the pseudoglandular phase fol-
lowed by more recent models of saccular and alveolar development.

This chapter looks at ‘simple’ (non-engineered) cell- and tissue-derived models 
used to represent lung development. The breadth of these lung development models 
has greatly increased over the past 15 years so that we are now in the position of 
having several models available for each stage of development. Moreover, the com-
bination of bioengineering approaches with cell- and tissue-based models allows 
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researchers to choose models that can be ‘tuned’ to represent the native biomechan-
ics of the lungs. These more complex, engineered models of lung development are 
covered in Chaps. 3 and 4. Ultimately, the optimal choice of model(s) depends on 
the specific questions being addressed.

The primary functions of the airways and the alveoli are very different. Airways 
conduct the air down to the gas-exchanging region of the lungs, and they have a key 
role in keeping [33] noxious/injurious substances away from the delicate alveoli in 
the distal lungs, where gas exchange takes place. These alveoli are comprised of a 
thin epithelial layer adjacent to capillary vasculature so that gaseous diffusion can 
easily occur. Because they are particularly delicate, the alveoli often become dam-
aged due to acute or chronic lung disease, and this in turn compromises breathing. 
Both the airways and the distal lung contain resident macrophages that play a key 
role in preventing noxious substances, such as pollutants or smoke, from damaging 
the structural components of the lungs. In addition, immune cells, such as mono-
cytes and neutrophils, are recruited from the circulation when required, e.g. to fight 
infection.

The discovery that both rodent and human lungs contain multiple tissue resident 
stem cell populations and have substantial innate capacity for repair [3, 10] offers 
the possibility that regenerative biology could hold the key for new treatments for 
many lung diseases [34]. See Chap. 3 for further details of lung stem and progeni-
tor cells.

Many models of lung development have focused on the epithelium, but the capil-
lary network is equally important for lung development and function. Investigation 
of the fibroblast, neuroendocrine and immune cell populations of the lungs has also 
revealed critical roles for these cell populations in homeostasis, disease and repair, 
providing an increasingly complex picture of lung biology. Rapid advances in our 
understanding of different lung cell populations and their functions have come from 
using advanced transcriptomic approaches, including RNA-seq as well as a variety 
of different models.

2.3  Models of Early Lung Development (Airways)

Many early models of lung development focused on the airways partly because 
airway generation occurs throughout the majority of in utero development. In addi-
tion, techniques to isolate and image the lungs are easier in the early stages when 
only the airways are present in comparison to later saccular and alveolar stages 
when the organ is much more solid and no longer translucent. Airway generation 
occurs by branching morphogenesis, a series of re-iterative rounds of branching of 
the airway epithelium that generates the respiratory tree between E12.5 and E17.5 in 
mouse and 5 and 26 weeks in humans [16]. This phase of development has been 
studied extensively using a combination of explant cultures, mathematical models, 
spatial mapping and imaging modalities.

2 Simple Models of Lung Development
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2.3.1  Explant Cultures

A simple and effective way to model early lung development is to extract the intact 
organ for explant culture. The lungs isolated between E11.5 and E13.5 are placed on 
a filter at the air-liquid interface (ALI) and cultured for up to 96 hours [12, 46]. 
Keeping the explants at the ALI facilitates continued development. A limitation of 
this model is the size of the tissue as nutrients need to diffuse through the entire 
explant; consequently, this technique is not suitable for later stages of lung develop-
ment. The advantage of explants is that the native physiological interactions between 
different cell types in the organ are retained and they are particularly useful for 
studying morphological events during organ development. Because of these attri-
butes, explant cultures have been used extensively to identify the molecular signals 
that contribute to branching morphogenesis [42]. Manipulation of oxygen concen-
tration in explant cultures has shown that low oxygen concentration, which mimics 
the in utero environment (3%), facilitates increased terminal branching and cell 
proliferation [15].

In addition to whole lung explants, cultures of separated epithelium and mesen-
chyme have provided important information about lung development. Experiments 
where these compartments have been separated and then cultured either alone or 
with both added together have proved the importance of reciprocal signalling inter-
actions to drive lung development [18]. Interestingly, explanted epithelium can 
undergo branching in the absence of mesenchyme, if cultured in the right condi-
tions, such as embedded within a basement membrane matrix [32].

Although the majority of explant models use rodent tissue, other strategies have 
been used to provide models of human airway branching. Co-culture of the human 
basal-like airway epithelial cell line (VA-10) with human umbilical vein endothelial 
cells (HUVEC) in a 3D environment results in the formation of complex branching 
structures that resemble developing bronchoalveolar units [14]. Interestingly, this 
model also highlights the key role of the vascular endothelium in lung develop-
ment [21].

2.3.2  2D and 3D Imaging of Branching Morphogenesis

Branching morphogenesis has typically been studied using 2D microscopy to cap-
ture the process of branching over the desired time period, and explant cultures have 
been particularly useful in this regard [12]. However, 2D methods cannot fully reca-
pitulate a 3D process and are susceptible to the introduction of artefacts. This has 
led to the development of increasingly sophisticated 3D models of lung development.

Despite these advances, for some research questions, simpler models can prove 
more informative. For example, Yates at al. combined organotypic culture of E11.5 
mouse lung with antisense morpholino knockdown to show that the polarity protein, 
Scribble, has a key role in lumen formation [45]. The dissociated lung cells formed 
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epithelial cysts surrounded by mesenchymal cells, whereas cysts cultured with 
Scribble morpholino failed to form lumen. The simple cyst-like structures that form 
in these cultures can be immunostained and imaged to obtain both mechanistic and 
morphological information about the polarity of airway epithelial cells and lumen 
formation that are not easily discerned from more complex models.

To decipher the normal pattern of branching morphogenesis in whole mouse 
lungs, Mezger et al. undertook a comprehensive analysis of the architecture of lung 
branching morphogenesis using fixed, immunostained lungs to develop a formal 
model of the branching programme. This study mapped the pattern of branching 
from the lungs collected between E11 and E15, from which the authors identified 
three different modes of branching: domain branching, planar bifurcation and 
orthogonal bifurcation [25].

Imaging techniques, such as optical projection tomography (OPT), enable visu-
alisation of whole intact organs in 3D [8, 37]. OPT imaging of the lungs and kidneys 
was used to generate data sets for accurate spatial mapping of branching morpho-
genesis using the Tree Surveyor software programme, which accurately quantifies 
branching morphogenesis and reveals any disruptions caused by genetic mutations 
or environmental changes [37]. Other mathematical models have proved highly 
valuable for predicting mechanistic information about lung branching morphogen-
esis [11, 24]. The re-iterative nature of branching morphogenesis is an attractive 
process to model in silico. 3D data sets can be generated from the embryonic lungs 
obtained at precise time points, and these can then be compared to predictions 
obtained from an in silico model of branching to determine whether the model does 
or doesn’t reproduce the in vivo pattern of development. Fractal models of lung 
branching are one of the simplest types of in silico model applied to lung branching. 
Fractals are complex structures formed by repetitive application of a set of simple 
rules, which, in theory, describes branching morphogenesis very well. However, 
in vivo, the lungs are shaped by multiple factors, including mechanical forces, and 
the diffusion of spatially restricted molecular signals, such as fibroblast growth fac-
tor 10 (FGF10). Therefore, more complex models have been built to take account of 
different aspects of lung development [20, 24].

2.3.3  Time-Lapse Imaging

Repeated imaging of live lung explants over extended time periods (time-lapse) 
provides another level of information beyond that gained from imaging at a single 
time point. 2D time-lapse imaging of isolated epithelial explants was utilised to 
study how clefting and budding contribute to branching morphogenesis [27]. 3D 
time-lapse confocal imaging of E11.5 whole lung explants was employed to study 
cellular and molecular mechanisms of planar bifurcation and domain branching 
identified by Mezger et al. [36]. Explants were imaged repeatedly in the same posi-
tions approximately every 10 minutes for up to 48 hours and compared to freshly 
isolated lungs from the equivalent stage. This study showed that orientated cell 
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divisions and myosin-dependent forces are important for the epithelium to form 3D 
branches. In a separate manuscript, the same 3D imaging technique was used to 
show that genetic manipulation of the polarity protein, Scribble, leads to a reduced 
number of airways that are misshaped [45].

2.3.4  Organoids

The paucity of human models available to study lung development led to the estab-
lishment of new organoid models, spheroids, usually formed from a stem or pro-
genitor cell population present in the lungs [4]. Organoids are a powerful tool for 
research, and they are amenable to imaging and can be produced in large numbers 
making them useful for screening purposes. Stem cell-derived organoids have 
greatly contributed to our knowledge about airway regeneration. This discovery 
research is crucial for development of successful regenerative medicine treatments. 
One important consideration when using organoids is that the read-outs should be 
tailored to the specific investigation rather than relying solely on generic read-outs, 
such as size and number.

Nikolic and colleagues established human organoids from distal tip cells of 
human embryonic airways. These organoids are amenable to long-term culture and 
provide a valuable tool to study aspects of human lung development [29]. Human 
airway basal epithelial cells are multipotent tissue stem cells found in adult airways 
that can give rise to multiple differentiated cell types present in the mature pseu-
dostratified airway epithelium and are therefore useful material to provide airway- 
based organoids. Human basal epithelial cells obtained from endobronchial biopsies 
can be expanded by culture on a 3T3 fibroblast feeder layer in the presence of the 
ROCK inhibitor to produce a large number of cells. When these cells are detached 
from their feeder layer and cultured on Matrigel, they form tracheospheres that 
contain differentiated airway cell types [19]. The protocol used in Hynds et al. to 
expand the primary basal cells has also been used for human airway tissue engineer-
ing approaches aimed at tracheal replacement [9]. Murine-derived tracheospheres 
have also shed light on the dynamics and molecular drivers of airway regeneration 
[38–40]. The methods and uses of lung cell-derived organoids are reviewed in 
Barkauskas et al. [5]. Other types of organoids established from more than one cell 
type or derived from induced pluripotent stem cells (iPSCs) are covered elsewhere 
(Chaps. 3 and 4) (Fig. 2.2).

2.4  Models of Late Lung Development

As mentioned earlier in this chapter, models of later stages of lung development 
have been established much more recently than airway models.
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Fig. 2.2 Lung explant culture. Lungs are explanted and placed on a filter at the air-liquid interface. 
Phase contrast images show an E11.5 mouse left lung lobe at 0 hour (top left) and 48 hours in 
culture (top right). The bottom image shows E11.5 murine explanted lungs after 48 hours in culture 
immunostained for pan- cytokeratin to highlight the epithelial branches

2.4.1  Saccular Phase Models

During the saccular phase of development, the primitive air sacs form, and the epi-
thelial cells differentiate to become squamous type I and cuboidal type II cells. The 
interstitium narrows due to differentiation of mesenchymal cells, and the capillaries 
rapidly expand to form a double parallel capillary network that surrounds the sac-
cules. In humans this phase occurs between 26 weeks and the late foetal period, 
approximately 36 weeks, when alveologenesis begins, but in mouse the saccular 
phase begins in utero, around E17.5, and extends into the first few days after birth 
[43]. To investigate the mechanisms underlying the maturation of epithelial cells 
during the saccular phase, Li et al. established two models, both of which utilised 
live imaging to capture the lungs in real time. Firstly, an in vivo model was adapted 
from intravital microscopy of adult mice [23]. E16.5 mouse embryos were removed 
from the mother’s abdomen but remained connected to the maternal circulatory 
system. The embryonic lungs were exposed and attached to a glass coverslip held in 
place by a gentle vacuum to enable confocal imaging for up to 3 hours in living 
embryos. Secondly, to monitor lung development for up to 10 hours, an ex vivo 
system was established where mouse embryos were removed from the uterus into a 
dish and the lungs were exposed to facilitate imaging but retained inside the body 
cavity. Media and oxygen were pumped into the pulmonary circulatory system via 
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the right ventricle of the heart, throughout the imaging period [22]. Using these 
models, the mechanical forces exerted by amniotic fluid were shown to play a key 
role in differentiation of lung alveolar epithelial progenitor cells into mature type I 
and type II cells, highlighting that, in addition to the genetic control of lung devel-
opment, mechanobiology is also important. These sophisticated models will be of 
great benefit to shed light on this little studied phase of development.

2.4.2  Alveologenesis

There has been a significant expansion in research into the morphological and 
molecular control of alveologenesis because this stage of development is the most 
frequently affected in lung diseases. Alveologenesis is very much a 3D process that 
requires the spatial and temporal co-ordination of many cell types with morphogen-
esis of the epithelium and capillary networks. Lineage tracing studies in mouse have 
provided a great deal of insight into the molecular drivers of alveologenesis in 
homeostasis and repair, but here we discuss ex vivo models used to investigate alve-
olar generation.

Alveolospheres are organoid models derived from alveolar type II (ATII) cells, 
which are the stem/progenitor cells of the distal lung [1, 13]. Alveolospheres are 
usually derived from ATII cells isolated from adult lungs or from iPSCs [4]. Whilst 
these organoid models are extremely useful for research and screening purposes, 
they do have limitations [30]. Organoids generated from ATII cells do not always 
produce differentiated ATI cells, and because they are usually comprised of one cell 
type, they don’t reflect the complex environment of the distal lung [4].

2.4.3  Other 3D Models of Alveologenesis

Techniques developed to capture alveologenesis in 3D have contributed a great deal 
to our current understanding of alveologenesis and revealed artefacts from studying 
2D sections [7]. Vibratome sections obtained from P0 to P15 lungs were used to 
generate 3D reconstructions of the lungs from confocal microscope images. Analysis 
of the reconstructed lungs showed that septal crests previously identified from 2D 
images were actually ridge-like structures that rise from the base of the existing 
alveolar pockets to subdivide them further and provide an increased surface area [7].

Another study used real-time imaging of precision-cut lung slices (PCLS) to 
reveal novel information about alveologenesis [2]. PCLS contain intact alveoli as 
well as all the lung-resident cell populations. Critically, they also retain the native 
architecture of the lungs. Live imaging of PCLS obtained from mouse lungs during 
alveologenesis revealed details about the cell behaviours, which contribute to alveo-
logenesis, including cell clustering, hollowing and cell extension. These dynamic 
cell behaviours can only be captured using 3D live imaging techniques. These 
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Fig. 2.3 Precision-cut lung slice model. Precision-cut lung slices are 250–400-μm-thick slices of 
intact lung tissue. Images show immunostaining of lung parenchyma in PCLS for cell-type-spe-
cific markers. Podoplanin (pink) and Lamp3 (yellow) label type I and type II alveolar epithelial 
cells, respectively (top). EpCAM (green) and PECAM (red) label all epithelial cells and the capil-
lary network, respectively (bottom)

findings from imaging of vibratome sections/slices are also consistent with the sug-
gestion that the alveoli may form by expanding out from the lumen of an alveolar 
duct facilitated by a purse string-type structure at the mouth of the new alveolus like 
a gum bubble that pops out from a thin layer of gum [41] (Fig. 2.3).

2.5  Conclusion

The mature lungs are comprised of many different cell types as well as different 
tissue compartments. Our understanding of lung development has been greatly 
facilitated by the many different models that scientists have developed to study 
them. Model development that combines engineering approaches with either tissue- 
based models or those derived from multiple cell types will likely produce even 
better, more faithful models of the lungs, which will be of great benefit for respira-
tory research and to identify potential new treatments for a broad range of lung 
diseases.
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Chapter 3
Lung Development in a Dish: Models 
to Interrogate the Cellular Niche 
and the Role of Mechanical Forces 
in Development

Brea Chernokal, Cailin R. Gonyea, and Jason P. Gleghorn

3.1  Introduction

Over the past decade, emphasis has been placed on recapitulating in vitro the archi-
tecture and multicellular interactions found in organs in vivo [1, 2]. Whereas tradi-
tional reductionist approaches to in vitro models enable teasing apart the precise 
signaling pathways, cellular interactions, and response to biochemical and biophys-
ical cues, model systems that incorporate higher complexity are needed to ask ques-
tions about physiology and morphogenesis at the tissue scale. Significant 
advancements have been made in establishing in vitro models of lung development 
to understand cell-fate specification, gene regulatory networks, sexual dimorphism, 
three-dimensional organization, and how mechanical forces interact to drive lung 
organogenesis [3–5]. In this chapter, we highlight recent advances in the rapid 
development of various lung organoids, organ-on-a-chip models, and whole lung 
ex vivo explant models currently used to dissect the roles of these cellular signals 
and mechanical cues in lung development and potential avenues for future investi-
gation (Fig. 3.1).
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Fig. 3.1 Stages of human lung development starting at 4 weeks postconception and continuing 
through 18 years post birth. This process builds the entire complexity of the mammalian lung

3.2  Self-Assembled Organoid and Spheroid Models

Self-assembled differentiated organoids have become increasingly important and 
powerful models for studying the development and disease of many organs and tis-
sues. In particular, numerous organoid models have been generated for the lung. 
Current models encompass varying levels of cellular complexity and regional speci-
ficity, from early developmental stages with multipotent progenitor cells to differen-
tiated organoids that reflect the regional cellular heterogeneity of the large airways 
and the alveoli. Whereas traditionally organoids are derived from primary cells, 
lung organoids have also been generated from stem cell populations, such as induced 
pluripotent stem cells (iPSCs) or embryonic stem cells (ESCs) [2, 6–8] (Fig. 3.2a). 
This section will provide a high-level summary of the current state of the art in 
organoid modeling of the lung airway and a description of the recent advancements 
and opportunities these models may offer to study lung development.

3.2.1  Creating Lung Organoid Models That Represent 
Regional Composition and Heterogeneity

Since the initial 3D lung epithelial cultures were created [9–11], significant advance-
ments have been made to determine cell source, culture medium formulation, and 
culture methods to generate region-specific organoid-like models, including tra-
cheo- and tracheobronchospheres, bronchiolar organoids, and alveolospheres. As 
such, these models have enabled the dissection of cell-fate decision pathways, 
molecular mediators of morphogenesis, and intercellular and cell-extracellular 
matrix (ECM) interactions in the various lung niches. These models continue to 
advance our understanding of the importance and role of cellular ecology in devel-
opment, homeostasis, and disease.

To model the tracheal niche, tracheospheres were initially generated from iso-
lated mouse and, subsequently, human basal cells [12]. Adapting previous protocols 
for three-dimensional (3D) spheroid culture of other organ stem cells [13], isolated 
primary NGFR+ basal cells were FACS sorted and encapsulated as single cells in 
Matrigel and cultured over 2 weeks (Fig. 3.2a) [12]. These initial tracheospheres 
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Fig. 3.2 Organoid models for studying lung development. (a) Stem and primary cells are used to 
develop lung spheroids and organoids. Methodologies vary by cell source and depend on the lung 
region or cell type of interest. (b) Current techniques for increasing spheroid/organoid complexity
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showed the ability of basal cells to differentiate into multiple cell types, including 
KRT8+ luminal and acetylated tubulin+ ciliated cells, with spheroids maintaining 
internally oriented apical polarization and beating cilia. Following these methods, 
murine primary basal cell-derived tracheospheres were used to interrogate cell-fate 
decisions and lineage commitment [14–17]. Significant work has been done using 
murine cell sources, which has established the essential protocols for these models 
and elucidated the roles of signaling molecules, such as BMP4 [15] and Notch [16], 
in stem progenitor population maintenance and cell differentiation. Although human 
cell sources have been used less frequently to develop tracheo- or tracheobroncho-
spheres, these models have made strides in increasing organoid cellular complexity 
and understanding the mediators of differentiation. Spheroids generated from 
p63;NGFR;ITGA6+ human tracheal/bronchial primary epithelial cells contained 
MUC5AC+ goblet cells with material consistent with secreted mucus inside the 
lumen, showing a step towards greater functional relevance [18]. Notch2 was 
required for goblet cell differentiation in these human tracheospheres, while pro-
teins from the epidermal growth factor (EGF) family were found to inhibit basal cell 
differentiation [18]. A primary limitation of the reliance on basal cells to generate 
tracheospheres is the generation of only the surface epithelial layer in the trachea 
[19, 20]. The submucosal glands, which exist between the surface epithelium and 
cartilage rings, have a distinct cellular niche and give rise to most of the mucus and 
serous secretions [19]. Further efforts to isolate and culture submucosal gland duct 
cells have produced gland-like spheroids and revealed that high ALDH activity pro-
motes sphere formation, suggesting an important role for ALDH in progenitor/
stem-cell self-renewal [20]. Studies using tracheospheres have elucidated numerous 
critical regulatory factors for the proliferation and subsequent differentiation of 
basal and duct cells in the trachea. These spheroids are therefore valuable tools for 
decoding the regulators of cell-fate decisions in the upper respiratory tract and serve 
as models of late-stage airway development.

Whereas all tracheospheres to date have been made from isolated primary cells, 
bronchospheres have been generated from both primary cells and pluripotent stem 
cells. This combination of cell sources has enabled the investigation of early- and 
late-stage development, specifically uncovering cell-fate decisions related to func-
tional and morphological changes. In combination with murine tracheospheres, 
Rock et al. created the first human bronchosphere from primary human bronchial 
epithelial (HBE) cells. This work confirmed that human bronchiolar basal cells 
function as a progenitor population that gives rise to secretory and ciliated cells. 
Mutating Grhl2 or deleting the likely gene targets of GRHL2 in isolated HBEs with 
CRISPR/Cas9 genome editing technology showed critical roles for GRHL2 and 
ZNF750 were identified for basal cell proliferation, barrier function, and ciliogen-
esis [14]. This highlights the potential of organoid models to be used for rapid 
screening of genes related to the regulation of morphogenesis and differentiation. 
As these primary cell bronchosphere cultures were generated from adult cells, they 
do not capture the full multipotency of progenitors in development nor provide 
information on when these cell types arise in the developing lung. However, embry-
onic day (E)12.5–14.5 murine lung epithelial progenitors expressing Nkx2.1 have 
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been used to generate spheroids that were positive for markers of basal and secre-
tory cells and, to a lesser extent, ciliated and submucosal gland cell markers [21]. 
Spheroids showed expression of SCGB1A1, microvilli presence, and secretory 
granule production, indicative of club cell precursors. Additionally, there was diver-
sity among these cells, with region-specific markers Reg3g, Gabrp, and Upk3a het-
erogeneously distributed within the spheroids. Interestingly, these club cells further 
indicated the presence of a distinct, multipotent cell type from mature secretory 
cells as they gave rise to basal and submucosal gland cells (KRT5;SMA+) in addi-
tion to club and ciliated cells [21].

The first airway spheroids generated from stem cells were mouse ESC-derived 
NKX2.1+ progenitors suspended in Matrigel and transplanted in vivo [22]. These 
spheroids differentiated to contain proximal airway epithelial cells, basal cells, 
Clara cells, ciliated cells, and secretory cells, thereby producing a greater range of 
mature cell types than in previous work. Building on this, human iPSCs were dif-
ferentiated into NKX2.1+ progenitors with subpopulations of SOX2+ and SOX9+ 
cells, suggesting the presence of committed airway (NKX2.1;SOX2+) and multipo-
tent progenitors (NKX2.1;SOX9+) [22]. This work provided a basis for generating 
stem cell-derived bronchospheres; therefore, subsequent work focused on uncover-
ing the regulatory factors involved in cell differentiation, recapitulating cellular 
functions, and investigating the effects of environmental mechanics. iPSC-derived 
NKX2.1;SOX2+ proximal airway progenitor spheroids were able to grow and fuse 
into large amorphous structures but could not undergo further lineage commitment 
under normal culture conditions [23]. However, when subjected to primary bron-
chial epithelial media, spheroids differentiated into CHGA+ and SYP+ pulmonary 
neuroendocrine cells, SCGB1A1+ club cells, KRT5+ basal cells, and acetylated 
tubulin;FOXJ1+ ciliated cells, with acetylated tubulin+ cells closely aligned with 
mucus-secreting MUC5AC+ cells [23]. The localization of these various cell types 
resembled that of the human fetal lung, and beating cilia were visualized. Further 
interrogation of signaling pathways in proximalized airway organoids via Notch 
inhibition [23], Wnt up- or downregulation [24–26], or fibroblast growth factor 
(FGF) supplementation [24] has indicated the importance of these factors in epithe-
lial differentiation and lineage commitment. Airway organoids were occasionally 
generated from hepatic- and gastric-like cells [26], underscoring the need for con-
tinued investigation of pathways responsible for cell-fate decisions.

To model the distal lung, alveolospheres were generated from primary human 
alveolar type 2 (AT2) cells cultured in Matrigel (Fig. 3.2a) [27, 28]. These methods 
created spheroids through migration and attachment rather than proliferation and 
apoptosis, as in previous organoid models. Additionally, they could differentiate 
into alveolar type 1 (AT1) cells, with human serum treatment inducing AGER+ cells 
and forskolin-induced swelling resulting in a shift toward a flattened morphology 
[27, 28]. This phenotypic shift was thought to be due to increased secretion and 
pressure within the spheroid, aligning with previous reports of increased mechani-
cal tension in epithelial acini driving morphogenesis and homeostasis [29]. Using 
similar AT2 spheroids, it was found that depleting EGF led to differentiation of 
AT2s into the newly discovered alveolar type 0 (AT0) cell, an intermediate 
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progenitor cell [30]. AT0s could then be differentiated into AT1s with the addition 
of serum or into terminal and respiratory bronchial secretory cells by continued 
depletion of EGF [30]. To further confirm the differentiation capability of AT2 to 
AT1 cells, alveolar epithelial progenitor cells were directly differentiated from 
human pluripotent stem cells (hPSCs) into spheroids positive for AT1 and AT2 cell 
markers and distal lung lineage markers [31]. Adapting a 2D lung cell differentia-
tion protocol, human iPSC alveolar organoids were generated containing functional 
lamellar bodies and clustered transcriptomically with primary fetal lung cells with-
out the need for a feeder cell population [32–34]. These organoids were used to 
investigate the differentiation program of AT2 and AT1 cells, showing the impor-
tance of Wnt downregulation and the existence of an intermediate IGFBP2− cell, 
confirming in vivo lineage tracing results [34, 35]. Looking upstream of AT2s, a 
newly identified SCGB3A2+ respiratory airway secretory (RAS) cell was found to 
localize between alveoli [36]. Human ESC-derived RAS cell organoids supported 
Wnt and Notch regulation of AT2 differentiation [33, 36]. Further culture of RAS-
derived AT2-committed organoids in airway media did not rescue Scgb3a2 expres-
sion, demonstrating this is a unidirectional differentiation process [36]. While most 
alveolosphere culture methods use Matrigel, initial steps have been taken to use 
other hydrogel formulations with known compositions and tunable biophysical or 
biochemical properties [37]. For example, the culture of iPSC-derived AT2 alveolo-
spheres in various 3D hyaluronic acid hydrogels showed that chemical and mechan-
ical properties influence spheroid formation [38]. The incorporation of hyaluronic 
acid microwells further enabled spatial control of alveolospheres and maintained a 
larger proportion of cells with AT2 markers than Matrigel culture [38].

3.2.2  Advancing the Complexity of Organoids to Investigate 
Tissue Crosstalk

Cell-cell interactions across tissue types are known to be essential to lung develop-
ment [39–42]. More complex organoids, incorporating different tissue compart-
ments, including immune, endothelial, and other stromal cell populations, have 
been created for investigating and elucidating reciprocal tissue signaling mecha-
nisms necessary for lung development. Adding mesenchymal cells, either as a 
feeder layer or as part of the organoid, was one of the first steps toward organoid 
models for intertissue interactions (Fig. 3.2b). Recent studies have begun investigat-
ing the effects of stromal cell populations and other hydrogel compositions on tra-
cheal and basal cell spheroids. Tracheospheres cultured with a mitotically inactivated 
3T3 fibroblast feeder layer and Rho-associated protein kinase (ROCK) inhibitor 
Y-27632 increased proliferation and maintained mucosecretory and ciliated cell fate 
[43]. Conditionally reprogrammed isolated human primary basal cells cultured with 
3T3 fibroblast feeder cells and ROCK inhibition developed tracheobronchospheres 
with externally oriented apical polarization, providing the ability to test therapeutic 
delivery [44]. Additionally, investigation into matrix composition and signaling 
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pathways found that a mixture of collagen I, collagen III, and Matrigel produced 
significantly more organoids than Matrigel alone, while supplementation of 
R-spondin 2 (Wnt agonist) and Noggin (BMP antagonist) further stimulated growth 
and differentiation [44]. Coculture of human lung-derived primary EPCAM+ epi-
thelial cells and EPCAM-;SCA-1+ mesenchymal cells in Matrigel generated epi-
thelial organoids that were wrapped in aSMA+ mesenchymal cells, mimicking 
in vivo interactions in the large airways [45]. Investigation of mesenchymal factors 
responsible for epithelial organoid formation revealed FGF10 and HGF supplemen-
tation could facilitate organoid formation without coculture of mesenchymal cells, 
suggesting the EPCAM-;SCA-1+ mesenchymal cells secrete these factors to direct 
epithelial proliferation and differentiation [45].

Coculture of VA10 human bronchial cells with endothelial cells led to branching 
organoids with alveolar-like buds that included tertiary level branches (Fig. 3.2b) 
[46]. Branching was endothelial mediated and relied on FGF signaling [46]. In other 
studies, upregulation of FGFR1 and VEGFR2 led to murine pulmonary capillary 
endothelial cell-mediated generation of alveolar saclike organoids [47]. Treatment 
with various inhibitors and agonists revealed that VEGFR2 and FGFR1 signaling 
triggered pulmonary capillary endothelial cells to produce MMP14, which was nec-
essary for lung progenitor activation and alveolar-sac organoid formation [47]. 
Further investigation with epithelial-endothelial coculture organoids revealed a 
BMP4-controlled NFATC1-TSP1 axis in endothelial cells, which directs bronchoal-
veolar stem cell differentiation toward an alveolar fate [48]. Whereas the incorpora-
tion of multiple cell types within a single 3D culture model has been achieved with 
some cell types, a persistent challenge to the widespread incorporation of multiple 
cell types, particularly epithelial and endothelial cells, is the lack of an optimized 
culture medium to support both populations, even though relevant morphological 
structures can be generated in vitro with each cell type individually [49, 50].

Perhaps the most complex organoids have combined epithelial, mesenchymal, 
and endothelial interactions (Fig. 3.2b). Embryonic day 17.5 murine fetal pulmo-
nary cells were cultured in collagen to generate lung organoids containing epithe-
lial, endothelial, and mesenchymal cells [51]. Distinct roles of FGFs were found, 
with FGF2 supplementation leading to increased mesenchymal proliferation and 
endothelial network formation, whereas FGF7 and 10 increased epithelial and mes-
enchymal proliferation, with FGF10 specifically increasing bud formation [51]. 
Comparing various supplementation schemes suggested that epithelial proliferation 
and budding positively affect vascular development, likely through increased proan-
giogenic paracrine signaling [51]. Utilizing the same model, crosstalk between the 
FGF, SHH, and VEGF-A signaling pathways was observed [52]. Specifically, it was 
suggested that exogenous FGFs begin a cascade of many endogenous mediators, 
including SHH and VEGF-A, which affect epithelial and endothelial development 
in the lung [52]. Further, these signaling pathways regulated extracellular matrix 
ligand tenascin-C deposition, and tenascin-C patterns were important for endothe-
lial network morphology and epithelial saccularization in the organoids [52]. In 
other studies, human bronchial epithelial cells were cultured with human lung 
microvascular endothelial and mesenchymal cells in soluble ECM-supplemented 
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media atop a Matrigel layer to form branched and budding airway organoids [53]. 
The multiple cell types self-organized to create tubular structures within the organ-
oid that recapitulated the basic structure observed in lung development, although 
mature airway and alveolar cells were not observed [53]. Generation of these tubu-
lar structures was dependent on myosin 2 contraction in fibroblasts and YAP signal-
ing, respectively shown by attenuation of tubules with blebbistatin treatment or 
fibroblast-free culture and YAP localization in tubule tips with knockdown. 
Resulting in reduced tubular formation and disorganization of the epithelium, mes-
enchyme, and fibronectin deposition [53]. Multicell coculture organoids, therefore, 
provide a robust model for lung development and enable the investigation of various 
signaling pathways involved in cell differentiation and organ morphogenesis.

3.2.3  Induction of Lung Organoids to Create Multiple 
Tissue Compartments

hPSCs have been used to develop multi-tissue compartment organoids with differ-
ent differentiation schemes and medium supplements directing organoid composi-
tion (Fig.  3.2a). hPSCs treated with activin A and a combination of Noggin, 
SB431542, FGF4, smoothened agonist (SAG), and CHIR99201 generated medium- 
suspended organoids that were subsequently embedded in Matrigel and treated with 
FGF10 to form human lung organoids (HLOs), which mimicked early fetal murine 
lung development [54]. These HLOs included epithelial cell populations with proxi-
mal and distal airway-like structures surrounded by mesenchymal cells. Seeding of 
HLOs onto a decellularized lung matrix (Fig. 3.2b) resulted in the differentiation of 
multiciliated cells, reinforcing that extracellular matrix cues can regulate lung cell 
fate [54]. Other studies had demonstrated that when HLOs were seeded onto rigid 
microporous poly(lactide-co-glycolide) scaffolds and implanted for 4 weeks into 
the epididymal fat pad of mice, differentiated airway structures with beating multi-
ciliated cells, a vasculature, the scattered presence of goblet and club cells, and 
surrounding smooth muscle, myofibroblasts, and cartilage were formed [55]. Using 
a slightly modified differentiation scheme of CHIR99021 followed by Noggin, 
FGF4, SB431542, and CHIR99021, before implantation of these HLOs into the 
kidney capsule of immunodeficient NSG mice, resulted in differentiation of bipo-
tent alveolar progenitors, AT2, AT1, ciliated, basal, goblet, and club cells after 
120 days [56]. These organoids had developed ACTA2+ vasculature and PGP9.5+ 
neuroendocrine cells, with transmission electron microscopy imaging revealing 
blood vessel and myelin sheath structures [56]. Although these HLOs achieved 
more mature cell fates, they never developed tubular structures. As such, HLOs have 
enabled the investigation of proximal and distal airway maturation and the mesen-
chyme’s role in development. Using the same differentiation protocols, HLOs have 
been generated from iPSCs derived from human fetuses and neonates with normal 
lungs or congenital diaphragmatic hernia (CDH) [57]. This work highlights the 
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potential of lung organoids to be used in the investigation of mechanisms underly-
ing developmental diseases, such as CDH, and to study the saccularization and 
alveolarization stages of lung development [58].

Like HLOs, hPSC-derived lung bud organoids (LBOs) with mesoderm and 
endoderm develop structures upon transplantation and Matrigel culture [59]. 
Development of LBOs slightly differed from HLOs, with BMP4, FGF10, FGF7, 
retinoic acid, and CHIR99201 supplementation of the media. The resulting LBOs 
had no markers of maturity present other than p63, indicating their progenitor state 
[59]. Implantation of these organoids under the kidney capsule of immunodeficient 
NSG mice led to the development of proximal airway epithelium, branched struc-
tures with surrounding mesenchymal cells, cells positive for markers of later stage 
proximal (FOXJ1, CC10, and mucins) and distal (SFTPC and SFTPB) cell types, 
the presence of submucosal gland structures, neuroepithelial body-like structures, 
and networks of thin cell layers with AT1 and AT2 markers [59]. Interestingly, 
LBOs did not require an implantation scaffold for maturation and could develop 
into patterned lung-like structures, while HLOs only developed into airway-like 
structures. LBOs could also be cultured in Matrigel in vitro to generate branched 
structures with dilated tips, and RNAseq analysis of these organoids was found to 
match late second-trimester fetal lungs. However, they were distally biased and did 
not achieve mature AT1 cells [59]. Further development and improvement of organ-
oid models that combine multiple tissue compartments is therefore an exciting 
opportunity space for understanding signaling mechanisms that underlie lung 
development.

3.3  Microfluidic and Organ-on-a-Chip Models to Study 
Lung Development

Microfluidic organ-on-a-chip systems are advantageous in their ability to incorpo-
rate well-defined mechanical stimuli, such as fluid flow, pressure, stretch, substra-
tum stiffness, and shear stress, into in vitro human cell culture systems. Traditionally, 
microfluidic devices consist of micron-sized cellular channels perfused with cell 
culture medium or other fluids (Fig. 3.3). The perfusion provides nutrient replenish-
ment from medium circulation and, if desired, the application of fluid forces for 
long-term studies. Microfluidic platforms have advanced dramatically from the 
investigation of single cells on a glass substratum within a channel to entire tissue 
networks within 3D hydrogel scaffolds [60–62]. With the advancements in device 
design and fabrication, the field has increasingly incorporated the ability to build 
and test tissue and organ physiology. Much of the work developing microfluidic 
platforms to investigate lung biology, signaling, and physiology has been used for 
understanding adult homeostasis and disease. However, there is tremendous oppor-
tunity to use these platforms for investigating lung development. In particular, the 
embryonic and fetal lungs are fluid filled [63], which can easily be captured by the 
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Fig. 3.3 Diagram of organ-on-a-chip device designs illustrated based on cell complexity and the 
complexity of mechanical stimuli that can be achieved

small size and fluid control of these devices to answer questions of early lung devel-
opment at a relevant length scale [64]. Similarly, scaling geometry and mechanical 
stimuli relevant to neonates provides significant opportunities for these models to 
advance our knowledge of late-stage lung development, which is directly translat-
able to the clinical management of preterm infants.

3.3.1  Moving Toward More Complex Physiology 
with Multiple Channels

Beyond numerous studies using single fluidic channels, the introduction of multi-
channel devices for lung modeling improved the physiological relevance of the 
design by enabling controlled interrogation of one or more mechanical stimuli 
(Fig. 3.3). Takayama’s group was among the first to use microfluidic platforms for 
modeling the lung and developed a compartmentalized microfluidic model of the 
airway epithelium [65, 66]. The structure and dimensions were designed to reca-
pitulate in vivo airways and respiratory bronchioles. A two-chamber design created 
apical and basal compartments of the airway epithelium, separated by a thin “base-
ment” membrane. Human primary small airway epithelial cells seeded in the top 
channel were subject to tunable airflows, with the bottom channel serving as a 
media reservoir. These mechanical forces led to cellular differentiation into 
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secretory phenotypes [66]. Additional iterations of this device have been used to 
elucidate the protective role of surfactants from the damaging mechanical stresses 
caused by liquid-plug airway obstructions formed in premature infants or lungs 
with insufficient production of surfactants [67–70]. Since the initial development of 
these epithelial models, numerous designs have been used to study mechanical 
stimuli on airway epithelial function in various regions along the airway tree. In one 
such design, a two-channel microfluidic device was developed to understand how 
breathing- induced stretch affects AT2 cell phenotype and surfactant production 
[71]. A deformable membrane separated a medium-perfused channel from an air- 
filled pneumatic channel, and the epithelial cell monolayer on the membrane was 
deformed by pressurizing the pneumatic channel inducing stretch within the tissue 
in vitro. Loading via cyclic stretch to mimic breathing and ventilator-induced lung 
injury could be achieved, and by tuning the frequency and magnitude of cyclic 
stretch, healthy and pathological forces can be incorporated into the microfluidic 
model [71]. Importantly, although these models have been used to investigate adult 
airway mechanics, they have broad applicability. They specifically could be used to 
investigate airway development in utero and postnatally to model developmental 
effects and ventilator-induced lung injury in neonates.

Intercellular and intertissue signaling is essential to physiological function in 
homeostasis and disease. Likewise, complex signaling networks driven by soluble 
and mechanical cues exist in the developing lung that drive proliferation, differen-
tiation, and ultimately morphogenesis. As such, multichannel microfluidic systems 
have sought to construct complex tissue environments to dissect the mechanisms of 
cellular crosstalk and understand the functional impacts on tissue physiology. Using 
similar approaches to the previously described multichannel devices, multi-tissue 
lung models have been developed (Fig. 3.3). Using a simple two-channel device, 
interactions can be studied between airway epithelium and smooth muscle cells 
separated by a thin hydrogel to mimic chronic lung disease [72]. Similar devices 
have also been used to investigate epithelial-endothelial crosstalk in the lung [73–
75]. In one such device, the application of dynamic mechanical forces in a com-
bined epithelial-endothelial device was introduced in a similar two-channel design 
with two lateral channels [73]. Air was applied in the epithelial channel and culture 
medium in the endothelial channel. With a dynamic vacuum force applied to the 
lateral channels, in-plane stretch is achieved on a porous elastic membrane that 
separates the epithelial and endothelial compartments. Further iterations of the 
device have enabled the application of breathing-like forces without the need for 
parallel chambers [75]. Seeding the epithelial channel with distal or proximal epi-
thelial cells created an alveolar or airway model, respectively, which could be 
exposed to air to mimic adult and neonatal in vivo conditions. This model enables 
the investigation of epithelial-endothelial interactions in response to breathing-like 
forces. Additional variations on these device designs have enabled the study of sig-
naling between tissue compartments [76–78] to decipher mechanisms of pathogen-
esis in adult lung models. However, these would be powerful models to investigate 
the relative contributions of tissue crosstalk and mechanical forces, including 

3 Lung Development in a Dish: Models to Interrogate the Cellular Niche and the Role…



40

changes in ECM stiffness [79], during lung development. In addition to mechanistic 
insight, another important use of these in vitro models is for drug screening and 
understanding physiological transport across these barrier tissues [75, 78, 80–83], 
which would be directly translatable to developing new treatments for diseases 
associated with the neonatal lung and patient-specific therapeutic testing [84].

3.3.2  Integration of Dimensionality and Biomaterials into 
Organ-on-a-Chip Platforms

It is well established that three-dimensionality, composition, and stiffness regulate 
gene expression, phenotype, proliferation, differentiation, and function of cells. As 
but one example, varying tissue structures were formed by human bronchiolar epi-
thelial cells when cultured in 3D depending on whether they were cultured at the 
air-liquid interface on collagen, on Matrigel, or encapsulated within Matrigel [85]. 
Whereas air liquid interface (ALI) on collagen generated a monolayer, culture on 
top of Matrigel resulted in branched and budding tubule structures reminiscent of 
patterned lung organoids, and encapsulation in Matrigel resulted in spheroid forma-
tion. As such, in vitro lung models have sought to incorporate relevant geometric 
scales and material properties into microfluidic organ-on-a-chip devices. Strategies 
have ranged from biomimetic geometries to advanced materials, including hydro-
gels [86], microbeads [87], 3D printed plastics [88], and membranes [89]. Generally, 
the scaffolds are designed in the shape of the desired tissues to guide and direct cell 
growth, alignment, and differentiation. Circular or spherical geometries are often 
used to mimic alveolar structures, which are subsequently seeded with human pri-
mary alveolar epithelial cells to develop 3D alveolar-like constructs (Fig. 3.3). For 
example, a gold membrane with large hexagonal pores supported an elastin- collagen 
gel seeded with a mixture of AT1 and AT2 cells on the top and endothelial cells on 
the underside [89]. The membrane was stretched via negative pressure on the under-
side to mimic the distal airways during breathing. Similar strategies to model the 
distal airway include dome-shaped polycarbonate membranes [88] and porous gela-
tin methacryloyl hydrogel scaffolds [87]. Apart from these material approaches to 
generate relevant geometries and biophysical niches, methods have been developed 
to directly incorporate organoids within microfluidic systems [90] (Fig. 3.3). This 
latter approach may yield a powerful system wherein an organoid generates a com-
plex cellular community that can be dissociated to serve as a cell source for these 
organ-on-a-chip systems. Subsequently, controlled biophysical cues, biochemical 
gradients, and defined geometric length scales not achievable in organoids can be 
used to investigate complex human cell populations within these microfluidic plat-
forms. Combining these technologies is an exciting possibility as it will further 
develop the understanding of many mechanistic questions about the develop-
ing lung.
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3.4  Whole Organ Models to Understand the Mechanics 
of Lung Development

Whereas much work has been done across a range of small and large animal models 
of lung development and diseases, including bronchopulmonary dysplasia (BPD) 
and CDH [91–95], the mouse has provided critical insights into the gene regulatory 
networks and cellular differentiation events that underpin mammalian lung morpho-
genesis. For decades the workhorse models used in lung developmental biology 
have been mesenchyme-free murine epithelial lung tips embedded in Matrigel [96] 
and ex vivo whole rodent lung culture on floating membranes at the air-liquid inter-
face [97]. These approaches offer the opportunity to have the inherent complexity of 
the organ to recapitulate morphogenic processes in vitro. However, applying con-
trolled mechanical forces to whole organs ex vivo remains a persistent challenge. In 
recent years, methods have been developed for lung culture models to determine 
how mechanical forces, including transmural fluid pressure, breathing movements, 
and airway smooth muscle contractions, are coupled to developmental programs to 
guide cell proliferation, differentiation, and airway morphogenesis [93, 98–100].

Indeed, work using whole mouse lung explants has revealed the critical roles of 
transmural fluid pressure in early embryonic airway branching in a microfluidic 
chest cavity model [101, 102]. Similarly, the trachea was intubated and pulmonary 
vasculature was perfused in E16.5–18.5 mouse embryos to investigate the role of 
fetal breathing movements and FGF10 signaling on distal airway development dur-
ing saccularization [103]. These whole organ perfusion approaches are analogous to 
whole organ culture models in adult rodents, large animals, and human lung 
explants, which are often used for disease modeling and drug inhalation studies 
[104–108]. The adaptation of these techniques to mouse embryonic, fetal, and neo-
natal lung explants offers a powerful tool to interrogate how mechanical forces 
guide lung development in a genetically tractable lung model. Continued adaptation 
of these systems to murine models of late-stage development, encompassing the end 
of saccularization through alveolarization, is an important avenue for continued 
mechanistic investigation of normal development and disease.

3.5  Conclusion

The model systems reviewed herein represent significant and exciting advance-
ments in our ability to add and interrogate complex cellular niches and physiolog-
ical functions in the developing lung. These approaches have unique advantages, 
but the collective synergy of these models offers the ability to decouple tissue and 
organ-scale biochemical and biophysical signaling networks that drive and regu-
late lung organogenesis (Fig. 3.4). Organoids can generate cellular heterogeneity 

3 Lung Development in a Dish: Models to Interrogate the Cellular Niche and the Role…



42

Fig. 3.4 Capabilities and benefits of the three central model systems for building complexity into 
lung development studies.

and structural complexity that mimic native lung niches more closely. Moreover, 
given the ability to genetically modify the cells being used, organoids provide a 
powerful platform for screening signaling pathways and their impacts on mor-
phology and function that are often intractable in humans. Organ-on-a-chip sys-
tems allow for the direct spatial control of cellular positioning and biochemical 
and biophysical cues. These systems provide geometric control with the ability to 
successfully integrate multiple tissue compartments to provide quantitative physi-
ological and functional outputs from human cell sources. Whole organ culture 
captures the full complexity of the mammalian lung and gestational-stage control. 
Current efforts to advance these models and integrate them, leveraging the unique 
advantages of each, will enable the mechanistic understanding of lung develop-
ment and provide insight into congenital disease mechanisms and translational 
therapies for newborns.
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Chapter 4
Multipotent Embryonic Lung Progenitors: 
Foundational Units of In Vitro and In Vivo 
Lung Organogenesis

Laertis Ikonomou, Maria Yampolskaya, and Pankaj Mehta

4.1  Introduction

Tissue-specific embryonic progenitors are important gateway cell populations at 
various stages of organ development [49]. Within the endoderm germ layer, a sub-
stantial body of work has deciphered the emergence of domain-specific primordial 
progenitors, including signaling requirements for tissue specification, and has 
uncovered key transcription factors (TFs), such as Nkx2-1 for the lung and thyroid 
domains, Pdx1 for the pancreatic domain, and Cdx2 for the intestinal domain, for 
tissue specification or development or both [30, 52, 55]. Most importantly, 
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Fig. 4.1 Major types of progenitor cells in the developing lung and their in vitro engineered coun-
terparts. SOX2 is expressed only in human distal lung tips

self- renewing, transplantable, multipotent lung progenitors are of value in lung 
regenerative medicine; mechanistic understanding of their cell fate decisions will be 
key for their successful clinical application.

In this chapter, we review the biology of multipotent embryonic progenitors of the 
respiratory system and recent efforts to employ such progenitors for the modeling and 
study of cell fate decisions in ex vivo organotypic models of human lung development 
(Fig. 4.1). We also assess efforts to derive de novo lung progenitors of different devel-
opmental stages from pluripotent stem cells (PSCs). As the areas of mammalian devel-
opmental and PSC biology continuously inform each other [96], there is an increasing 
need for computational models to evaluate and quantify the similarity between embry-
onic and PSC-derived progenitors. We critically appraise the nascent literature on cell 
similarity models, including their limitations and underlying assumptions.

4.2  Overview of Embryonic Lung Progenitors

4.2.1  Stage-Specific Epithelial Progenitors (Primordial, Distal 
Tip, Basal)

The respiratory system is specified within the anterior ventral foregut endoderm (the 
anterior part of the gut tube) at around embryonic day (E)9.0 (18–22 somites) in 
mice and 4 weeks of gestation in humans [48, 102]. During subsequent stages 
(embryonic, pseudoglandular, canalicular, saccular, and alveolar), developmental 
processes, such as tracheoesophageal septation, formation and elongation of the 
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primary lung buds, branching morphogenesis, and alveologenesis, lead to the ana-
tomically and functionally distinct compartments of the adult lung that perform the 
basic functions of air conduction, mucociliary clearance, and gas exchange. These 
processes are concurrent with and inseparable from diversification of cell fates 
driven by stage-specific embryonic progenitors. Genetic alteration or ablation of 
such progenitors can lead to profound developmental defects, such as lung agenesis 
and mispatterning of the lung proximal-distal axis.

 Lung Primordial Progenitors

The lung epithelial primordial progenitors are the first epithelial cells within the 
developing gut tube to adopt a lung fate at around E9.0 in the mouse. The appear-
ance of this rare, transient progenitor population is marked by expression of the 
homeodomain TF Nkx2-1 [48, 54]. Nkx2-1+ lung primordial progenitors are multi-
potent progenitors and give rise to the vast majority of lung epithelial lineages (both 
airway and alveolar), as shown by a lineage tracing study performed in our labora-
tory [48]. Although Nkx2-1 is not necessary for lung specification [55], it is the 
earliest marker of lung epithelial fate, and its expression has been used extensively 
to benchmark PSC-derived lung multipotent progenitors, as discussed below. 
Remarkably, ventx2, a Xenopus homeodomain TF, was recently shown to be 
expressed in the prospective respiratory domain at Nieuwkoop and Faber (NF)31/32 
stage, earlier than Nkx2-1 (NF33/34), raising the tantalizing possibility that it is the 
earliest marker of respiratory (tracheal and lung) fate in Xenopus and potentially in 
humans [90].

Given the inaccessibility of the lung primordial population in humans, most 
information on the molecular pathways regulating its emergence and potential gene 
regulatory networks derives from mouse and Xenopus studies, both in  vivo and 
ex vivo [15, 48, 89, 102]. Xenopus (Xenopus laevis, African clawed frog) has pro-
vided an excellent, complementary to mouse, model of foregut development, due to 
highly conserved endoderm formation, rapid development, and facile acquisition of 
large numbers of embryos, offering the possibility of medium-to-high-throughput 
loss-of-function studies [62, 89]. Mesoderm-derived Wnt signaling is indispensable 
for lung specification [32, 38], and Bmp signaling is necessary for correct spatial 
restriction of respiratory fated progenitors and tracheoesophageal separation [26]. 
Retinoic acid (RA) signaling confers lung competence to endodermal cells, which 
can then respond to Wnt and Bmp signals [87, 88]. The minimal signaling require-
ments for lung endodermal fate have also been demonstrated by pathway analysis 
between the transcriptomes of flow sorted lung primordial progenitors and prespeci-
fied endoderm, which demonstrated upregulation of Wnt and Tgf-β superfamily 
pathways in the former population [48].

In stark contrast to other Nkx2-1+ embryonic tissues, such as thyroid and fore-
brain [24, 97], little else is known regarding the gene regulatory program underlying 
the singular lung primordial identity. Apart from Nkx2-1, pan-endodermal TFs, 
such as Foxa2 [99], and TFs with known roles in later lung development, such as 
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Irx2 and Foxp2 [36, 48], are also expressed in the lung primordium. Future work 
will certainly decipher TF interactions that uniquely define the lung primordial 
identity and are involved in early epithelial cell fate decisions in lung development.

 Distal Tip Progenitors

Following respiratory system specification, its anterior-posterior axis is rapidly 
formed as witnessed by both morphological changes, such as trachea formation and 
elongation and emergence of primary lung buds, and mutually exclusive expression 
of the TFs Sox2 and Sox9 in the murine tracheal and lung domains [4]. During the 
ensuing pseudoglandular and canalicular stages, highly proliferating progenitors at 
the distal tips of the developing lung are essential for branching morphogenesis and 
formation of airway and alveolar epithelia [4, 81, 91]. Extensive work in mouse 
genetic models and, most recently, in human fetal organoids has shed light on the 
molecular profile of distal tip progenitors, their competence, and gene regulatory 
networks.

In mice, distal tip progenitors possess a distinct transcriptional profile with high 
expression of a constellation of TFs, such as Sox9, Id2, Nmyc, and Etv5 [4, 44, 61, 
67, 77, 80, 91]; matrisomal genes such as Thbs1, Lama3, and Fbn2 [67, 81, 95]; and 
cell surface markers such as Clu [12, 81]. Interestingly, human distal tip progenitors 
also express SOX2, which is considered a proximal airway marker in murine devel-
opment, during the pseudoglandular stage, but its distal expression is extinguished 
at the canalicular stage [22, 72, 78]. Lineage tracing studies have demonstrated that 
tip progenitors have a broad differentiation repertoire during the pseudoglandular 
stage (as early as E11.5), giving rise to major lung epithelial lineages (club, ciliated, 
neuroendocrine, and alveolar type I (AT1) and type II (AT2) cells) [91], while at 
later time points (E16.5) their differentiation potential is restricted to alveolar epi-
thelial types. Nevertheless, late tip progenitors appear to possess some degree of 
plasticity since they can give rise to airway progeny when grafted in cultured E12.5 
lung explants [61]. Further insights in the developmental potential of distal tip pro-
genitors have been derived by combining RNA-sequencing (RNA-seq) with assay 
for transposase-accessible chromatin using sequencing (ATAC-seq) at two develop-
mental time points, E11.5 and E16.5 [53]. Remarkably, almost 25% of open chro-
matin regions were specific to each time point, probably reflecting the time-dependent 
competence of tip progenitors. This integrated analysis identified increased expres-
sion and chromatin accessibility of PI3K signaling pathway components at the later 
point, and inhibition of this pathway at an early time point increased the percentage 
of SOX9+/NKX2-1+ lung epithelial progenitors.

Integration of several pathways, such as β-catenin, Fgf, and Bmp signaling, 
ensure the proliferation and maintenance of the distal tip progenitor identity, as has 
been demonstrated in numerous genetic mouse studies. β-catenin-dependent Wnt 
signaling, which is indispensable for lung specification, is also required to maintain 
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distal tip progenitors, by controlling Sox9 and Nkx2-1 expression and acting down-
stream of Fgf/Kras signaling [81]. Precise modulation of β-catenin levels is critical 
for respiratory identity of tip progenitors, as either deletion of hyperactivation of 
β-catenin leads to the ectopic expression of gastrointestinal or liver genes within the 
developing respiratory epithelium [79, 81]. Glucocorticoid signaling, which is nec-
essary for differentiation of AT2 cells [31, 105], also dictates, at late stages of respi-
ratory development, the formation of proximal-distal boundary, namely, the 
bronchoalveolar duct junction (BADJ). Premature activation or deletion of gluco-
corticoid signaling leads to proximal or distal shift of the BADJ, respectively [4]. 
Glucocorticoid signaling and STAT3 signaling, activated by LIF and other IL6 fam-
ily ligands, can act in concert to promote alveolar differentiation of distal tip pro-
genitors from the canalicular stage [61].

Murine distal tip progenitors have a critical role in lung epithelial differentiation 
and morphogenesis. Information gleaned from developmental studies have pro-
pelled the development of lung-directed differentiation protocols from human and 
mouse PSCs, and ex  vivo organoid culture of such human fetal progenitors has 
provided valuable insights in similarities and differences in respiratory development 
between the two species, as detailed below.

 Airway Basal Cells

An important stem cell population in the adult respiratory system are P63+/KRT5+ 
airway basal cells that can self-renew and differentiate to a wide variety of proximal 
cell types, such as secretory, ciliated, tuft, ionocyte, and neuroendocrine [6, 93]. 
There is a clear species difference in basal cell distribution as basal cell-containing 
pseudostratified epithelium is limited in the trachea and mainstem bronchi in mice 
but extends more distally spanning several airway generations in humans [94]. 
Recent work has shed light to the developmental origins of this population [73, 
112]. Intriguingly, dispersed P63+ cells are already present in the Nkx2-1GFP+ lung 
primordium (around E9.0–9.5) and can give rise to cells in both the airway and 
alveolar compartments [112]. Epithelial P63+ cells are rapidly restricted to the tra-
cheal domain by E10.5 with concomitant lineage restriction to tracheal and proxi-
mal airways. Lineage tracing studies at later time points indicate that the pool of 
embryonic progenitors to E18.5 p63+Krt8- prebasal cells is established as early as 
E13.5–E14.5, as cells labeled at this time point comprise more than 80% of perina-
tal prebasal cells [112]. ITGB4hi multipotent progenitors have been described in 
early developing trachea (E14.5), but it is not clear to which extent these progenitors 
overlap with the P63+ progenitor pool [11]. In human fetal lungs, P63+/KRT5+ 
cells, considered bona fide basal cells, are present in trachea and mainstem bronchi 
by 12 weeks [73]. Interestingly, P63+/KRT5- in non-cartilaginous and small- 
cartilaginous airways have nuclear pSMAD staining, and they may be the human 
equivalent of basal cell progenitors described in the study of Yang et al. [112].
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4.2.2  Stage-Specific Mesenchymal Progenitors

Mesenchymal-epithelial interactions are indispensable at every stage of lung devel-
opment, from lung epithelial specification to branching morphogenesis. For exam-
ple, different degrees of disruption of endodermally derived Shh signaling to 
splanchnic mesoderm lead to severe developmental effects, such as lung hypoplasia 
and tracheoesophageal fistula or even lung, tracheal, and esophageal agenesis [66, 
74]. On the other hand, FGF10 expressed in the lung epithelium-adjacent mesoderm 
is important for bud induction [15], whereas, at later stages, mesenchymal FGF10 
expression in the vicinity of distal tips is part of a complex signaling circuit that 
regulates tip outgrowth and proliferation [10, 63].

As the lung develops, the mesenchyme is also subject to a diversification of fates, 
leading to the various mesoderm-derived cell populations in the adult lung, such as 
vascular and airway smooth muscle cells, endothelial cells, pericytes, and pleura. 
Lineage tracing studies alone or in combination with new high-resolution genomic 
methods, such as single-cell RNA-seq (scRNA-seq), have allowed for the character-
ization of various mesenchymal progenitor populations and their developmental 
potential, as they have been comprehensively reviewed in Riccetti et al. [92]. For 
example, lineage tracing using different gene drivers has shown that several lung 
mesenchymal lineages, such as vascular and airway smooth muscle cells, proximal 
endothelial cells, and Pdgfrβ+ pericyte-like cells, originate from Wnt2+/Gli1+/
Isl1+ cardiopulmonary progenitors [82]. Systems that employ Tbx4 lung-specific 
enhancers have also been described and used for lineage tracing (as Cre or rtTA 
drivers) of mesenchymal progenitor progeny at various windows during lung devel-
opment [59, 115].

Zorn et al. has recently used scRNA-seq to describe signaling networks govern-
ing interactions between mesenchymal and epithelial domains in early foregut 
development (E8.5–E9.5) [36]. This study revealed several mesenchymal cell clus-
ters corresponding to domain-specific mesenchymal populations that engage in sig-
naling crosstalk with the corresponding epithelial populations. In the developing 
lung mesenchyme, there was expression of previously described lung mesenchymal 
markers, such as Wnt2 [32], Osr1 [86], Foxf1 [19, 84], and Tbx5 [13]. Nkx6-1, a 
known pancreatic epithelial TF, was also expressed in the respiratory mesenchymal 
domain (both by transcript and protein), and it was one of the key TFs on the cell- 
state trajectory from foregut lateral mesoderm to lung mesenchyme [36].

Similar transcriptomic characterization of the developing human lung mesen-
chyme was performed using fetal human tissue from various endodermal organs, 
including the lung, from 7 to 21 weeks postconception [113]. As predicted, human 
lung mesenchyme was quite different than intestinal and stomach mesenchyme, 
with WNT2 being one of the most differentially expressed genes. The TF PRRX1 
marked chondrocyte-like cells and pericytes in the lung. Furthermore, distal tip 
mesenchymal progenitors were also identified using human lung fetal tissue from 
pseudoglandular to canalicular stages [43]. These progenitors were RSPO2+ and 
could be purified based on LIFR expression. The RSPO2+ progenitors were found 
to maintain the distal tip undifferentiated state by epithelial LGR5-mediated Wnt 
signaling [43].
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4.3  Ex Vivo Culture of Multipotent Embryonic 
Lung Progenitors

As discussed in the previous section, use of mouse models has been instrumental in 
our understanding of lung embryonic progenitors, including their differentiation 
repertoire and signaling pathways that control their specification and self-renewal. 
Embryonic explant culture has provided another powerful tool to study early lung 
development, due to ease of manipulation of the soluble environment (including 
activators and inhibitors of developmental pathways) and molecular characteriza-
tion of the explants [15, 16, 25, 61]. Recently, lung developmental studies have 
received considerable impetus by the ex vivo expansion and differentiation of fetal 
respiratory progenitors that are phenotypically and functionally similar to their 
in vivo counterparts. Ex vivo progenitor organoids combined with state-of-the-art 
technologies, such as multimodal single-cell profiling and clustered regularly inter-
spaced short palindromic repeats (CRISPR)-mediated gene editing [50], are already 
enabling high-resolution studies of lung embryonic progenitor biology.

4.3.1  Ex Vivo Culture of Mouse Embryonic Progenitors

As embryonic progenitors are transient populations that exist within defined devel-
opmental windows, their capture and ex vivo expansion and multilineage differen-
tiation offer a powerful, tractable system to study developmental questions and 
develop organoid platforms. While ex vivo culture of endodermal progenitors, such 
as pancreatic and hepatic progenitors, has been reported for some time now [35, 
109], only recently has culture of respiratory progenitors been established. Nichane 
and coworkers were able to purify mouse Sox9+ distal tip progenitors using a Sox9 
fluorescent reporter strain and develop defined culture conditions (lung progenitor 
medium, LPM) for their ex vivo expansion [77]. 3D culture in Matrigel, activation 
of Wnt signaling by GSK-3β inhibition (CHIR99021), inhibition of Tgf-β and p38 
signaling, and addition of Fgf (FGF9, FGF10) ligands and EGF were necessary to 
maintain E12.5 tip progenitors in an undifferentiated, multipotent state, with high 
expression of known tip markers, such as Id2, Nmyc, Etv5, and Sox9. Importantly, 
ex vivo expanded progenitors were able to differentiate to airway and alveolar lin-
eages both in vitro and after transplantation to the mouse lungs following naphtha-
lene or bleomycin injury [77]. Interestingly, the independent and contemporaneous 
work of Spence et al. identified FGF7, CHIR99021, and RA (3F medium) as the 
minimal signaling requirements for ex  vivo maintenance of distal tip progenitor 
cells from E12.5 mouse lungs [72]. A similar system established earlier in lung 
development (E11.5) was employed for a genetic screen of Sox9+ tip progenitor 
regulators [2]. This screen identified Aurkb, among others, as a regulator of tip pro-
genitor cell cycle, and its relevance was confirmed by in vivo deletion in distal tip 
progenitors, leading to profound defects in branching morphogenesis.
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In our work, we were able to isolate rare E9.0 lung primordial epithelial progeni-
tors using the previously published Nkx2-1GFP reporter mouse [48, 68]. scRNA-seq 
of in vivo and ex vivo expanded lung primordial progenitors guided modifications 
of the distal tip expansion medium, thus allowing us to successfully culture primor-
dial progenitors that proliferated and maintained Nkx2-1GFP expression for several 
passages [64]. This ex vivo system can be used to study cell fate decisions during 
the embryonic stage of lung development.

4.3.2  Ex Vivo Culture of Human Embryonic Progenitors

The need for ex vivo systems is even more salient with human fetal progenitors due 
to the relative inaccessibility of human fetal tissue and severe restrictions on related 
research in certain regions [3]. The possibility of culturing ex vivo human distal tip 
progenitors was first shown by Rawlins et al. [78]. Use of a cocktail of growth fac-
tors (EGF, FGF7, FGF10), Tgf-β (SB431542) and BMP (Noggin) inhibitors, and 
Wnt activators (CHIR99021) and potentiators (R-spondin 1) resulted in long-term 
culture of mesenchyme-depleted tip progenitors from 5- to 9-week fetal lungs. 
There was absolute requirement for activation of FGF and Wnt and inhibition of 
Tgf-β signaling for the self-renewal of the progenitors. The multilineage differentia-
tion potential of the ex vivo expanded progenitors was convincingly demonstrated 
in a series of both in  vitro (PneumaCult for bronchiolar differentiation, alveolar 
differentiation medium with expanded human lung fetal fibroblasts) and in  vivo 
(kidney capsule co-transplantation with E13.5 mouse fetal cells) assays. Miller 
et al. showed that the 3F medium (FGF7, CHIR99021, RA) described for the expan-
sion of the mouse distal tip progenitors, as well as the 4-factor medium (FG7, 
FGF10, CHR99021, RA), were sufficient for the ex vivo stable culture of 12-week 
dissected human lung distal tip progenitors [72]. The expanded progenitors had low 
expression of airway markers, such as P63, FOXJ1, and SCGB1A1, and high co- 
expression of tip markers, such as SOX9 and SOX2. Notably, expanded progenitors 
had significant transcriptional similarity with freshly isolated fetal lung tips. 
Although BMP4 removal resulted in higher SOX9 expression in Miller et al. [72] 
similarly to BMP inhibition in Nikolic et al. [78], the absence of Tgf-β inhibition 
requirement in the former protocol is intriguing, and it may be explained by subtle 
differences in the two systems due to different developmental times of the tissue of 
origin, including endogenous TGF-β levels.

Establishing tractable systems of human fetal lung progenitors opens up the 
exciting possibility of ex vivo human development studies, as shown by recent work 
of Rawlins et al. and Spence et al. [18, 65, 100, 101]. Engineering a CRISPRi sys-
tem in human distal tip progenitors, Sun and coworkers were able to perform loss- 
of- function studies and systematically screen the role of several TFs in self-renewal 
of SOX9+ progenitors [100]. For example, MYBL2 (proliferation-related gene) and 
CTNNB1 (Wnt signaling effector) guide RNAs were highly depleted in a 2-week 
culture of organoids, indicating a role of these genes in progenitor self-renewal. 
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Knockdown of SOX9 resulted in downregulation of 455 common genes in two 
organoid lines, and further gain-of-function and genomic occupancy studies identi-
fied ETV4, ETV5, and NMYC and Wnt-related genes, such as LGR5 and CD44, as 
direct transcriptional SOX9 targets. Removal of Wnt activators from the tip medium 
resulted in SOX9 expression loss. Interestingly, genes suppressed by SOX9 included 
secretory cell-related genes, as well as non-lung (stomach, liver) endodermal genes, 
similarly to mouse respiratory development [81].

Human distal tip progenitors from a later (canalicular) stage were used to study 
alveolar differentiation due to their restricted differentiation potential [65]. CD36 
was specifically expressed in these progenitors and along with CD44 marks distal 
tip progenitors from 16- to 21-week human fetal lungs. CD36/CD44 co-expression 
has also functional significance as CD36+CD44+ (LinPos) organoids had greater 
propensity to differentiate to alveolar cells. In this system, NKX2-1 and TFAP2C 
were found to regulate opposing fates, with the former TF promoting alveolar and 
the latter promoting airway (basal) fate, as shown by gain-of-function studies.

Distal tip organoids have been also used to interrogate lineage relationships, 
focusing on newly identified progenitors [18]. In scRNA-seq of the developing 
human lung, SCGB3A2/SFTPB/CFTR co-expression identified a progenitor cell, 
named fetal airway secretory (FAS) cell. FAS cells emerged during airway differen-
tiation [72] of distal tip progenitors and were shown, following barcoding-mediated 
lineage tracing, to give rise to pulmonary neuroendocrine cells and a subset (C6+) 
of multiciliated cells.

Overall, culture of lung fetal progenitors has offered important insights in lung 
epithelial development and provided sophisticated systems that are being used to 
study the intricate relationships between progenitor competence, gene regulatory 
networks, and signaling pathways.

4.4  In Vitro Derivation of Multipotent Embryonic 
Lung Progenitors

A large body of work reviewed recently [29, 104] has led to the development of 
directed differentiation protocols for the derivation of a variety of lung lineages 
from both mouse and human PSCs. It is now well established that derivation of 
lung-competent anterior foregut endoderm via dual Smad inhibition followed by 
Wnt and Bmp signaling can generate lung multipotent primordial-like progenitors 
in vitro [27, 33, 34, 39, 47, 48, 68, 75]. These progenitors can be highly purified by 
the use of either knock-in fluorescent reporters, such as eGFP and mCherry, or cell 
surface marker sorting algorithms, such as CPMhi and CD47hi/CD26lo [33, 39, 48, 
68, 98, 110]. Interestingly, Cd26 (Dpp4) is one of the most downregulated genes 
upon in vivo lung specification in mice [48]. Wnt signaling is also important post- 
specification in vitro with timing of Wnt addition or withdrawal leading to different 
differentiation trajectories (airway or alveolar) [23, 51, 58, 71].
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As PSC-based systems have been further refined, one major goal is to derive and 
stably expand in culture other important lung epithelial and mesenchymal progeni-
tors. Earlier efforts had led to the long-term culture of complex PSC-derived organ-
oids that initially contained tip progenitors and appeared to recapitulate the 
transcriptional profile of second-trimester human lung [17]. At the same time, there 
is an imperative need to develop computational methods to reliably benchmark such 
populations against their presumed in vivo counterparts or ex vivo expanded embry-
onic progenitors, as discussed in the following section. Creation of human or mouse 
developmental atlases at single-cell resolution [41, 73, 76, 113] can satisfy this need 
while also driving the study of developmental trajectories and cell fate decisions.

Hawkins and coworkers reported the derivation and isolation of airway basal- 
like cells (iBCs) from human PSCs using a bi-fluorescent (NKX2-1GFP; TP63tdTomato) 
reporter cell line [40]. These cells were expandable in airway media (PneumaCult-Ex) 
containing dual Smad inhibitors and rapidly acquired and maintained expression of 
the airway basal cell marker, NGFR [93]. Furthermore, their airway multilineage 
potential (ciliated, secretory, goblet) was demonstrated in both in vitro air-liquid 
interface (ALI) culture and in tracheal xenografts.

The derivation of stable distal tip-like progenitors from PSCs has also been 
reported [42, 45]. Refinement of a previously published protocol for the derivation 
of mouse lung primordial progenitors [48] and subsequent use of the LPM medium 
[77] led to the stable expansion of a progenitor population that maintained 
Nkx2-1mCherry expression and also expressed distal tip markers (Sox9, Id2) [45]. 
Remarkably, these PSC-derived progenitors were able to engraft (up to 15 weeks) 
in the distal lung, following transplantation into bleomycin-injured, syngeneic, 
immunocompetent recipients. The transplanted progenitors differentiated into AT1- 
and AT2-like cells that were highly similar to their endogenous counterparts as evi-
denced by protein expression of mature markers, such as PDPN and proSFTPC, and 
high similarity scores using a novel scRNA-seq-based computational method 
(single- cell type order parameters, scTOP) [45, 111]. Similarly, human PSC-derived 
lung progenitors adopted a bud tip fate in a previously described medium [72] and 
were expanded over several weeks as bud tip organoids (iBTOs) [42]. These pro-
genitors express several markers of human pseudoglandular stage distal tip cells 
(SOX9, ETV5, ID2, HMGA2), had high similarity computational scores to culture- 
expanded primary human distal tip lung progenitors, and were able to differentiate 
to either alveolar or airway cells in respective media.

The value of PSC-based systems as a discovery/validation tool for hitherto 
unknown progenitor populations was evident in two publications [8, 70]. McCauley 
et al. used a human PSC reporter line to derive and isolate SCGB3A2+ early secre-
tory progenitors. By using scRNA-seq, a Wnt-dependent subpopulation of these 
progenitors was found to co-express an AT2-like program, including genes such as 
SFTPC, NAPSA, and PGC, and even possess functional lamellar bodies. This 
in vitro engineered population was further validated in Basil et al. [8] and appears 
to have high similarity with the newly discovered SCGB3A2+ respiratory airway 
secretory (RAS) cells in human terminal bronchioles, which are progenitors to AT2 
cells and whose alveolar differentiation is regulated by Notch and Wnt signals.
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While lung epithelial progenitors are routinely derived from PSCs, derivation of 
multipotent lung mesenchymal progenitors has lagged behind due to the early 
developmental broad expression of several mesenchymal TFs and dearth of infor-
mation on the signals specifying lung mesenchyme. Recently, several papers have 
reported efforts to derive functional multipotent lung mesenchyme from either 
human or mouse PSCs [5, 36, 56]. In a proof-of-principle study, Han and coworkers 
gleaned information from their study of coordinated epithelial-mesenchymal devel-
opment within the early foregut endoderm to derive distinct subtypes of tissue- 
specific mesenchyme, including lung mesenchyme, from human PSCs [36]. 
Following derivation of lateral plate mesoderm, they used BMP4, FGF2, and RA 
with simultaneous inhibition of Wnt and Tgf-β signaling and activation of Shh sig-
naling by purmorphamine (PMA), a Shh signaling agonist, to induce an anterior 
foregut splanchnic mesoderm fate. Further activation of BMP, Shh, and RA signal-
ing with activation of Wnt at later stages led to the derivation of lunglike mesen-
chyme, based on co-expression of NKX6-1, TBX5, FOXF1, and WNT2 [57].

Similar work of Morimoto et al. identified β-catenin-dependent Wnt signaling as 
an important signal for early lung mesodermal Tbx4 expression in the tracheal 
domain [56]. Lateral plate mesoderm (Foxf1+) was treated with BMP4 and 
CHIR99021 to produce tracheal mesoderm from mouse PSCs, and the downstream 
differentiation to chondrocytes and smooth muscle cells of the latter was demon-
strated with immunostaining and qPCR. Induction of tracheal mesoderm with chon-
drocyte and smooth muscle competence from human PSCs required further 
addition of PMA.

Alber and coworkers made heavy use of a Tbx4 enhancer Cre mouse PSC line 
(Tbx4-rtTA; TetO-Cre; mTmG; Tbx4-LER) to indelibly mark and purify PSC- 
derived lung-specific mesenchyme (iLM) [5, 115]. KDR+ lateral plate mesoderm 
(also Foxf1+) was treated with various combinations of Wnt, Bmp4, PMA, and RA, 
and it was determined that RA and PMA were the minimal signaling requirements 
for derivation of lung-specific mesenchyme, based on the percentage of Tbx4- 
LERGFP+ cells [5]. The functionality of the engineered iLM was demonstrated by the 
following: (a) enhanced lung epithelial differentiation in organoid culture with 
PSC-derived lung progenitors, (b) induction of lung fate (Nkx2-1+ cells) in non- 
lung epithelial progenitors, and (c) maintenance of primary AT2 cells in organoid 
coculture. Tbx4-LERGFP+ iLM was also shown to be multipotential and was able to 
differentiate to smooth muscle cells, adipocytes, and mesenchymal alveolar niche 
cells (MANCs) [114].

4.5  Progenitor Cell Similarity Models

A major challenge facing the field is to develop tractable computational methods for 
assessing cell similarity between engineered and natural cells. An ideal method 
would assess similarity along multiple phenotypic axes: transcriptomic, epigenetic, 
metabolomic, etc. [28, 37]. However, such multimodal comparisons remain 
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uncommon due to the difficulty and expense of generating the required datasets. For 
this reason, the vast majority of cell similarity methods restrict themselves to ana-
lyzing transcriptomic measurements made using RNA-seq methods. RNA- seq can 
occur in bulk, where a multitude of cells in a tissue are sequenced simultaneously, 
or in single-cell form (scRNA-seq), where individual cells are sequenced. The latter, 
although more expensive and resource intensive, provides granular resolution of the 
gene expression of individual cells and has become standard for identifying cell 
types. For this reason, here, we focus on scRNA-seq-based computational methods 
for understanding cell similarity (compared and reviewed in Abdelaal et al. [1] and 
Xie et al. [108]).

Any scRNA-seq-based method for quantifying cell similarity must account for 
several technical challenges [46]. Single-cell data tends to be extremely sparse, with 
many low-expressing genes being measured as zero expression (a phenomenon 
often called “dropout” in the computational literature). The noisy nature of scRNA- 
seq data is exacerbated by the large amount of cell-to-cell technical variation. These 
problems become especially acute when comparing data across experiments and 
biological conditions, where batch effects can dominate variation in scRNA-seq 
data, making it difficult to assess cell similarity, especially in the context of closely 
related cell types [83]. This presents a major technical hurdle for utilizing the com-
prehensive cell atlases now being generated by the community [69, 103].

To address the noisy nature of scRNA-seq, numerous computational methods 
have been proposed (many of which are collected in the now indispensable 
Bioconductor package) [7]. To deal with the missing zeroes and data sparsity in 
scRNA-seq datasets, analysis pipelines often include methods for data imputation 
(see Dai et al. [20] for a recent comparison of imputation methods). Although data 
imputation methods vary in their technical details (model-dependent or model-free 
deep learning methods), they all make use of the expression profiles of similar cells 
to impute missing values. This process tends to homogenize expression profiles 
across similar cells, making it difficult to assess small differences in gene expres-
sion profiles between cells. Most importantly, for our purposes, this homogeniza-
tion can lead to inflated cell similarity scores, giving rise to an overly optimistic 
assessments of similarity between engineered and natural cell types. This general 
phenomenon is also true of commonly used batch correction methods, which 
decrease variation across conditions or experiments and thus can conflate technical 
variability with biological variability [69]. For this reason, great care must be taken 
when using imputation and batch correction methods in analysis pipelines whose 
goal is comparing cell similarity.

Perhaps the biggest challenge for assessing cell similarity is the high- dimensional 
nature of scRNA-seq data, with RNA from thousands of genes being measured 
simultaneously in individual cells. High dimensionality requires the use of special-
ized methods for visualization and interpretation. A typical data analysis pipeline 
[7] for discovering and classifying cell types involves applying a dimensional reduc-
tion algorithm to summarize the information provided by thousands of genes down 
to just two dimensions (e.g., using a dimensional reduction method such as SPRING 
[106] or uniform manifold approximation and projection (UMAP) [9], followed by 
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clustering, and the utilization of marker genes to assign clusters to cell types. Many 
analysis pipelines also restrict the features being analyzed to a smaller subset, such 
as highly variable genes. Finally, to assess cell similarity of the new cell, the expres-
sion profile of the new cell is compared to expression profiles of the clusters that are 
used as a proxy for cell type.

A powerful feature of this pipeline is that it allows for easy visualization and 
outputs biologically interpretable clusters. This allows experimentalists to quickly 
assess experiments, identify biologically interesting features, and develop novel 
biological hypothesis that can be tested in new experiments. Given the widespread 
adoption, it is worth highlighting a number of limitations of this analysis pipeline 
for assessing cell similarity. First, both the feature selection and the dimensional 
reduction depend on the datasets that are included in the analysis. The inclusion or 
exclusion of different datasets generally yields different results even for the same 
experiment. This dependence on choice of data is especially important when trying 
to assess cell similarity between closely related cell types or comparing natural and 
engineered cells. Second, dimensional reduction techniques are primarily useful for 
visualization and almost always fundamentally distort biological patterns that occur 
in the full high-dimensional space [14]. In general, axes and distances in a UMAP 
or SPRING plot have no natural biological interpretation, making it challenging to 
rigorously interpret biological experiments.

To address these limitations, the authors have developed a novel computational 
method for computing cell similarity at the single-cell level (single-cell type order 
parameters, scTOP) [45, 111]. scTOP utilizes insights developed from statistical 
physics-inspired epigenetic landscape models to assess cell similarity in a holistic 
manner [21, 48, 60, 85]. The inputs to scTOP are a “cell basis,” consisting of the 
transcriptomic profiles of cell types of interest (e.g., the expression profiles of lung 
cells in a cell atlas, such as the single-cell lung cell atlas) and the scRNA-seq mea-
surements of the cell being analyzed (e.g., an engineered cell whose cell similarity 
we wish to compute). The output of scTOP is a set of cell similarity scores that 
characterize the cell similarity with each cell type in the “cell basis” (e.g., a score to 
be a club cell, AT1 cell, AT2 cell, etc.). An appealing feature of the scTOP algorithm 
is that it allows for biologically meaningful visualizations and sensitive and accu-
rate classification of cell similarity using scRNA-seq data [45]. Importantly, the 
method does not require any dimensional reduction techniques, feature selection, 
produces visualizations with meaningful axes, and does not depend on what other 
data is being analyzed. One limitation of scTOP is that it requires experimentalists 
to specify cell types of interest ahead of time through the choice of cellular basis. 
For this reason, scTOP cannot be used to assess or discover novel cell types. 
Nonetheless, we have found scTOP to be an excellent tool for comparing engi-
neered and natural cells, where the cells of interest are often known [111].

Assessing cell similarity of progenitor populations is an especially computation-
ally challenging task [108]. Transcriptome profiles of developmental progenitor cell 
types are generally more similar to each other than their adult counterparts, high-
lighting the need to collect scRNA-seq data on multiple progenitor populations. 
Furthermore, during the course of development, progenitor cell populations often 
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rapidly change their transcriptome profiles as they differentiate, making it difficult 
to accurately measure transcriptomes in vivo.

This has important implications for thinking about lung progenitors at various 
developmental stages. Even when in vivo progenitors can be stabilized and expanded 
ex vivo, their transcriptomes can be altered due to radical differences in in vivo and 
ex  vivo environments [42]. Hence, it is important to decide how to benchmark 
in vitro engineered cells, and characterization of progenitor-based organoids should 
extend beyond similarity scores to encompass functional differentiation, global 
chromatin accessibility, and proteomics.

4.6  Conclusion

As our understanding of lung multipotent progenitor biology deepens, the range of 
potential applications increases (Fig. 4.2). Ex vivo or engineered PSC-derived lung 
organoids have already been deployed for modeling of cell fate decisions and pro-
duction of cells of clinical relevance. Tissue interactions and morphogenetic pro-
cesses have been long-standing areas of interest in developmental biology [107], 
and one could expect modern-day organoids to be increasingly used to similar ends. 
Other future applications include respiratory disease modeling and the study of 
lung-microbiome interactions, thus reducing the need for animal experimentation. 
Ultimately, lung progenitor-based organoids will become widely and routinely used 
tools in medicine and developmental biology.

Fig. 4.2 Lung progenitor-derived tractable organoids, current and future uses
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Chapter 5
Basic Science Perspective on Engineering 
and Modeling the Large Airways

Lalit K. Gautam, Noa C. Harriott, Adrian M. Caceres, and Amy L. Ryan

5.1  Introduction

The airways are critical physical and biochemical barriers protecting the lungs from 
a plethora of exogenous environmental insults during air inspiration, which can lead 
to inflammation and infection. Their structure is finely tuned to provide optimal tis-
sue homeostasis and regulation of innate immunity. The effectiveness of the epithe-
lium as a barrier is reliant upon its capacity for mucociliary clearance, immune 
surveillance, and regeneration subsequent to injury: a product of the functional cells 
that comprise the airway epithelium and the niche in which they reside. Cellular 
diversity during both homeostatic and diseased states in the adult lung is tightly 
regulated by interactions within their specific anatomical niche during the orches-
tration of epithelial regeneration. Niche components include the neighboring epi-
thelial cells, infiltrating inflammatory cells, surrounding extracellular matrix, and 
supporting mesenchymal cells. Changes in the extracellular matrix (ECM) during 
disease can significantly change the functional dynamics of the airways including 
the airways’ ability to stretch. Functional dynamics including stretch and direc-
tional airflows should also be carefully considered when engineering models of 
human airway tissues. Effective recapitulation of physiological and pathological 
states of the proximal airways requires the generation of complex structures com-
prising the surface airway epithelium (SAE), submucosal gland epithelium (SMG), 
extracellular matrix, and niche cells, including airway smooth muscle cells 
(ASMCs), fibroblasts (FBs), and immune cells in addition to dynamic regulation of 
stretch and airflow. The field is moving toward more complex models as the tools 
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and technology evolve to facilitate bioengineering and analytical approaches. This 
chapter will introduce the basic cellular biology that underlies a functional proximal 
airway epithelium, focusing on the relationships between structure and function in 
the airways and the challenges of developing complex models that accurately reca-
pitulate the healthy and diseased human airway.

5.2  Proximal Airways: Composition and Function

The proximal airways of the respiratory system begin with the trachea, which bifur-
cates into the mainstem bronchi and then subsequently smaller branches of carti-
laginous bronchi, which enter the pulmonary lobule becoming bronchioles. 
Bronchioles have a diameter less than 5 mm and branch into an additional 5–7 ter-
minal bronchioles before transitioning to alveolar ducts. For this review, we refer to 
the proximal airways as branching generations with a diameter greater than 5 mm. 
In contrast to the distal airways, the proximal branches comprise a mucosal epithe-
lium with cartilaginous rings, SMGs, and ciliated pseudostratified columnar epithe-
lium. As the airways decrease in diameter, they simplify into a columnar epithelium, 
and cellular composition changes along the proximal-distal axis in accordance with 
the requirements for regional lung function [116, 177].

The principal role of the proximal airways is to facilitate airflow to and from the 
alveoli, the site of gas exchange and blood oxygenation [191]. As with other epithe-
lia, the airway epithelium forms a protective barrier against environmental hazards. 
This barrier comprises two core components: mucociliary clearance and tight junc-
tions. When either of these fail airway inflammation, mucus accumulation and infec-
tion all ensue. These are hallmarks of many obstructive lung diseases, including 
asthma, cystic fibrosis (CF), chronic obstructive pulmonary disease (COPD), and 
primary ciliary dyskinesia (PCD), among others [242]. Mucociliary clearance relies 
on the synchronous beating of 100–300 cilia on specialized multiciliated cells, occu-
pying most of the surface area, and creates a mucociliary escalator to carry debris to 
the pharynx. Here, fluid and mucus can be swallowed [261]. Successful mucociliary 
clearance relies upon maintenance of airway surface liquid (ASL) homeostasis [31]. 
ASL comprises a mucous layer to trap inhaled particles overlying a lower viscosity 
periciliary layer (PCL) that serves to lubricate the airway surface and facilitate ciliary 
beating [125]. The functional coordination of multiciliated cells can be restricted in 
situations of excess mucus accumulation in the airways [212, 242]. Mucus is a vis-
cous mixture of large glycoproteins, known as mucins, combined with fluids, elec-
trolytes, and other antimicrobial proteins, and is a critical component of airway 
homeostasis responsible for capture of particulates and pathogens entering the air-
ways. Polymeric mucins, MUC5B and MUC5AC, are most common in the airway 
and are primarily secreted from specialized goblet cells [232]. Goblet cells comprise 
approximately 25% of the epithelial cells in the proximal airways [203]. In addition, 
the SMGs contribute to mucus secretion through the release of MUC5B strands 
coated with MUC5AC [142], slowing the transport of fluid up the airway [69, 242]. 
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Increased occurrence of goblet cells, or goblet cell hyperplasia, results in the hyper-
secretion of mucus, associated with many lung diseases, including asthma, CF, 
COPD, and bronchitis [68, 86, 120, 122, 123, 133, 144, 146, 216].

As the epithelium transitions from the larger diameter bronchi to the smaller 
bronchioles, goblet cells become less frequent and club cells predominate [264]. 
This distribution can be significantly changed in inflammatory airway diseases [23, 
173, 184, 206]. Club cells are another secretory cell type, largely responsible for 
secretion of surfactant proteins, including surfactant proteins A, B, and D (SPA/
SPB/SPD) and club cell secretory protein (CCSP), into the airways [247]. The pri-
mary function of SPA and SPD are to regulate immune responses, while SPB pri-
marily decreases surface tension at the air-liquid interface [16, 83, 135, 143, 209]. 
SPA is critical in the response to infection and allergens and for maintaining lung 
homeostasis, as it is responsible for pathogen opsonization [57]. Additionally, SPA 
appears to be linked to the modulation of eosinophils, and its expression protects 
against inflammation in asthmatics [40, 57, 73]. SPD also regulates inflammation 
and innate immunity in the airways and, thus, can be used as a marker for inflam-
matory lung damage [118, 262]. SPB has been shown to have anti-inflammatory 
and antioxidant effects, indicating that it may modulate oxidative stress response 
[57, 112, 151]. SPB, along with SPA and SPD, are important biomarkers for COPD 
[139, 250] and can be used to predict the early development of non-small cell lung 
cancer tumors and the development of lung cancer, in general [67, 219]. Altered 
ratios of goblet and club cells are characteristic of changes in the airway associated 
with chronic lung diseases, such as asthma and COPD.  Goblet cell metaplasia, 
occurring at the expense of club cells, increases mucus production and is connected 
to increased airway inflammation [181, 214]. A reduction in club cells lowers the 
secretion of CCSP (aka CC10), which has important anti-inflammatory properties 
and protects against oxidative stress [107, 237, 247].

While secretory and ciliated cells are the main functional cells at the apical sur-
face of the epithelium, basal cells (BCs) are stem cells that line the basement mem-
brane [234]. In the larger bronchi, BCs form a continuous monolayer with decreasing 
numbers forming smaller clusters and eventually single cells in the terminal bron-
chioles. BCs are perhaps the best characterized stem cell in the airway epithelium 
capable of both self-renewal and differentiation into all the functional airway cells 
(Fig. 5.1). They are typically quiescent during homeostasis and primed to rapidly 
respond to injury restoring barrier function. Their stemness makes them ideal tar-
gets for gene therapy/gene editing and of particular interest in lung regeneration and 
cellular therapeutics. In addition, they play an important functional role in the 
anchorage of the epithelium to the basement membrane [164].

There are also several, less common, cell types present in the airway epithelium: 
pulmonary neuroendocrine cells (PNECs), brush cells, and ionocytes [46, 177]. 
PNECs are rare, multifunctional epithelial cells, whose main function are as intra-
pulmonary chemosensors, capable of detecting changes in the composition of 
inhaled air and adapt to signal accordingly. Recently, three different types of PNECs 
were identified having differential expression of neuropeptide markers and changes 
in functional responses to injury and disease [161]. PNECs primarily perform 
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Fig. 5.1 Stem cells of the proximal airway epithelium. The proximal airway has several cells 
capable of regeneration. Basal cells can self-renew and give rise to club, goblet, and ciliated cells. 
Club cells can also give rise to the same progeny and can dedifferentiate to basal cells. Pulmonary 
neuroendocrine cells have been shown to self-renew and differentiate under specific injury condi-
tions. (This figure was created at Biorender.com)

chemosensory functions in the airway regulating responses to injury and disease 
[179, 224]. While their specific origins have been debated, a recent study showed 
that BCs are able to give rise to specific subpopulations of PNECs [161] (Fig. 5.1). 
Ionocytes became a specific cell of functional interest after the discovery that they 
highly express the cystic fibrosis transmembrane regulator (CFTR), the defective 
protein causative for CF disease [51, 156, 211]. The precise functional role of iono-
cytes in the airways is still an active area of research [95, 211].
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5.3  Regeneration of the Airways

Engineering a functional airway, either as a model or for transplantation, will rely 
upon the presence of stem cells to both generate and regenerate the airway epithe-
lium. While generally quiescent, the respiratory epithelium has an immense capac-
ity for rapid regeneration to restore barrier function and physiological homeostasis 
in response to injury. As mentioned above, the predominant stem cells in the proxi-
mal airways are BCs [200, 201, 231]; alveolar type 2 (AT2) cells are stem cells of 
the alveoli and are reviewed in detail in the chapter focused on the developing lung 
[4, 5, 38, 43, 136]. These cells are precisely regulated by signals they receive from 
their immediate niche comprising the surrounding mesenchyme, neighboring epi-
thelium, infiltrating immune cells, and interactions with the ECM. A valuable tis-
sue-level model of the airways should consider all these factors. In this next section 
we will briefly describe airway BCs and the airway niche.

5.3.1  Endogenous Stem Cells

In the proximal airways, BCs are the main stem cell population that are capable of 
self-renewal and differentiation to mature airway progeny, including core functional 
secretory, ciliated, and goblet cells [13, 98, 200]. They are crucial for maintenance 
and regeneration of cells in the airway after injury and are known to be regulated by 
changes in Notch signaling [157, 200, 222]. In previous research BCs were consid-
ered a homogeneous population, but recent studies suggest there is more complexity 
[35, 252]. To study early origins in development process, lineage tracing of cyto-
keratin 5 (KRT5)-expressing BCs indicated that two BC populations existed in the 
upper airway, one acting as self-renewing stem cell and another population commit-
ted to differentiation [240]. More recently, our understanding of the identity of stem 
cells has been significantly facilitated through the application of single-cell RNA 
sequencing (scRNAseq) to evaluate cells of the human airways [37, 55, 81, 85, 101, 
108, 114, 159, 194, 244, 246, 259, 263]. These studies have provided critical infor-
mation on stem cell subtypes, transitional cellular states, and the complex pathways 
implicated in stem cell differentiation [156, 177, 182]. Despite being collectively 
well studied in their capacity to generate all the differentiated cells of the airway, we 
are only beginning to understand the functional relevance of the subtypes identified 
through transcriptomic analysis. Basal stem cells are primarily identified through 
their expression of core markers, KRT5 and tumor protein 63 (TP63). Small subsets 
(approx. 20%) also express KRT14, and under homeostatic environments KRT5/
TP63/KRT14 populations are considered self-renewing and responsible for main-
taining the basal cell stemness. Extensive lineage tracing experiments have been 
performed in mice, establishing the capacity of KRT14-expressing BCs to generate 
both secretory and ciliated cells of the airway epithelium [76].

Other putative progenitor cells in the proximal airways include the club cells and 
PNECs. Club cells, expressing secretoglobin family 1A, member A1 (SCGB1A1), 
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act as facultative progenitor cells and have been shown to harbor the capacity to 
self-renew and dedifferentiate in cases of severe injury where all basal cells are 
ablated [12, 119, 128, 149, 195, 196, 231, 257]. While PNECs are less well charac-
terized, they have been shown to act as a more classical unipotent stem cell, self- 
renewing in response to injury [176] (Fig. 5.1).

5.3.2  The Stem Cell Niche

Airway function and stem cell behavior are inherently influenced by changes in the 
cellular microenvironment. Despite this, models of the epithelium are often studied 
in the absence of niche factors. During lung development the temporal regulation of 
growth factors and cytokines secreted by the surrounding mesenchyme intricately 
directs lineage specification, generating contiguous branches of specialized epithe-
lium. This has been extensively reviewed in Riccetti et al. [199], Yuan et al. [256], 
Volckaert and De Langhe [235], and Morrisey et al. [158]. In the adult lung, signals 
from the niche remain critical regulators of stem cell function and homeostasis [13]. 
During homeostasis the airway BCs are relatively quiescent but are rapidly mobi-
lized in response to tissue injury [12, 13]. This epithelial injury is sensed by the 
adjoining epithelial cells, leading to the production of alarmins, and damage- 
induced phenotypic alterations of the BCs, together initiating the tissue repair. As a 
result of such events, immune cells are prompted to generate a suitable response 
mechanism for tissue homeostasis [204]. The ECM is also active in wound healing 
through the provision of signals to activate the mesenchymal cells to promote 
inflammation, cellular migration, and tissue remodeling [213]. The pulmonary mes-
enchyme consists of FBs, endothelial cells (ECs), ASMCs, and macrophages 
[39, 148].

Following injury, dynamic changes also occur in the cellular niche to coordinate 
epithelial recovery. ASMCs secrete fibroblast growth factor 10 (FGF10), stimulat-
ing airway regeneration through activation of BCs throughout the airways [256]. 
Further exploration of the ASMC niche in the airways recently identified a particu-
lar subset of ASMC, coined “repair-supportive mesenchymal cells” (RSMCs), 
which are distinct from conventional ASMCs and highly express platelet-derived 
growth factor alpha (PDGFRα). While RSMCs expressed typical ASMC markers at 
much lower levels, they were enriched FGF10 [155]. As a niche regulated signal 
FGF10 has been well studied in the context of regulating both airway development 
and repair. After a major lung injury, the surviving epithelial cells rapidly spread to 
sustain barrier function. Through recruitment of integrin-linked kinase signaling, 
the Hippo pathway is downregulated, increasing the nuclear translocation of YAP 
and ultimately the secretion of WNT7b from the epithelium. This Wnt signal stimu-
lates cellular cross talk to the niche and induces Fgf10 expression in ASMC [236]. 
The functional importance of Wnt signaling in the lung was initially demonstrated 
during lung development, as early as at the stage of lung endoderm specification 
[109, 145]. In the adult lung, Wnt signaling influences the differentiation of 
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regionally distinct populations of epithelial cells during homeostasis, regeneration, 
and disease [25, 78, 193, 201]. Wnt is crucial for lineage commitment of glandular 
stem cells within tracheal niches [140] and can inhibit differentiation of club cells 
into goblet cells through the RYK receptor [87, 130, 195, 231].

Similarly, interleukin-6 (IL-6) signals from the mesenchymal stromal cells in the 
niche, alongside neighboring epithelial cells, can regulate cell fate decisions, influ-
encing ciliogenesis through STAT3-dependent pathways [41, 229]. Severe tracheal 
damage leading to complete loss of luminal epithelial cells differentially regulates 
p-STAT3, suggestive of influence over two different differentiation states. Firstly, in 
BCs and early undifferentiated progenitors, STAT3 inhibits differentiation into 
secretory cells and promotes ciliated cell differentiation through inhibition of Notch 
signaling. Secondly, in ciliated progenitors, STAT3 promotes differentiation by 
upregulation of FOXJ1, MCIDAS, and CDC20b/miR-449 [41, 229].

An important cellular niche unique to the proximal airways, and of specific rel-
evance in humans, are the SMGs. The microenvironmental niches provided by the 
SMG contain progenitor cells capable of restoration of the surface airway epithe-
lium [138, 140, 141, 230]. It still is unclear exactly how the surface airway signals 
to the niche to recruit the progenitors. Anomalous proliferation and differentiation 
SMGs have been associated with pathophysiology observed in hypersecretory lung 
diseases, including asthma, chronic bronchitis, and CF, highlighting their impor-
tance in formulating disease models [101, 248].

While resident lung cells provide a significant contribution to the epithelial niche 
in the proximal airways, inflammation is also a major player in disease pathogenesis 
and a critical component of lung health in chronic airway disease [63]. Inflammation 
involves the recruitment and activation of immune cells, including macrophages 
and neutrophils, to respond to infection and tissue injury. Recently, Puttur and col-
leagues reviewed how pulmonary macrophages (PMs) act as guardians of tissue 
repair in the lung environments, discussing how PMs respond to tissue inflamma-
tion and contribute to lung remodeling in response to infection and how this inflam-
matory response is sustained in chronic lung diseases, such as asthma, COPD, and 
CF [190]. In the mouse trachea three populations of macrophages have been identi-
fied: submucosal macrophages, interstitial macrophages, and intraepithelial macro-
phages. Injury stimulates the recruitment of neutrophils and submucosal 
macrophages, and successful airway regeneration is facilitated by c-c chemokine 
receptor type 2 (CCR2)-dependent recruitment of monocytes, which can interact 
with BCs and impact their regenerative behavior [63]. Macrophages have been more 
extensively studied for their roles in the alveolar niche, and further understanding of 
their impact on the proximal airways may shed new light on critical pathways to 
restore homeostasis.

The influence of the niche on epithelial cell behavior cannot be underestimated 
and is a critical component to consider in the engineering of new cellular models 
and the construction of lung tissues. Understanding the intimate regulation of air-
way homeostasis, disease, and regeneration through the coordination of ECM, mes-
enchymal cells and BCs will be critical as we strive to model and restore functional 
airways in disease and aging.
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5.3.3  Stem Cell Attrition with Disease and Aging

Aging and disease both take their toll on the lungs. Stem cell phenotype and func-
tion has been shown to decline with age; however, we do not yet have a comprehen-
sive understanding of how BCs are dynamically regulated by their niches, especially 
in the context of injury and aging. Some recent studies have highlighted the impor-
tance of spatiotemporal regulation of Wnt-secreting niches in both airway regenera-
tion and aging [6]. PDGFRα-expressing cells, in the intercartilaginous zone (ICZ) 
of the tracheal and bronchial niche, transiently secrete Wnt ligand in response to 
injury to stimulate BC proliferation during regeneration [6]. Aging can also stimu-
late Wnt-ligand-dependent formation of glandular-like epithelial invaginations 
(GLEIs) generated from BCs in this ICZ. With aging comes accumulation of airway 
injury exposures, which can accelerate the “biological aging” of airway BCs, aug-
menting abnormal repair and disease initiation. Such stem cell aging and/or exhaus-
tion is a pathological feature of many chronic lung diseases, which are typically 
associated with repeated airway injuries [6, 137, 172, 228]. Stem cell attrition is 
associated with repeated proliferation, leading to terminal differentiation of BCs 
[77]. Concomitant with stem cell attrition are changes in the ECM, which has per-
haps been most widely studied in the context of aging, fibrosis, and COPD [1, 33, 
66, 163, 165, 187, 218, 243]. Since many lung diseases develop over time and have 
a predominance in the aged population, it is important to consider such changes 
when constructing phenotypic models of disease. This may require models where 
matrix stiffness can be tuned over time or where airway models can be subject to 
long-term repeated insult/injury to understand stem cell attrition in the context of 
their cellular microenvironment.

5.4  Developing Cellular Therapies for Regeneration 
of Airway Tissues

While cellular therapeutics for airway disease are being actively pursued, how close 
these treatments are to availability in the clinic remains indeterminate for now. To 
develop cellular therapies or to engineer for engraftment or for disease modeling, an 
abundance of autologous cells is likely necessary. Current research efforts are focus-
ing on the identity of the most suitable cells to be delivered to replace the damaged 
stem cells and the methods to generate sufficient cells, ex vivo, to be able to success-
fully regenerate the desired lung tissue. Unfortunately, ex vivo expansion of these 
cells is still plagued by rapid phenotypic changes induced by culture [132, 198]. The 
advances in induced pluripotent stem cell (iPSC) research have steered an exciting 
new age of regenerative medicine. Pluripotent stem cells are widely used in vitro by 
applying combinations of growth factors and cytokines, mimicking the mechanisms 
of respiratory development. Over the past decade, there had been significant progress 
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in the generation of airway epithelium from iPSC [59, 72, 96, 97, 127, 150, 162]. 
Figure 5.2 summarizes the timeline for early specification of iPSC-derived lung pro-
genitors, mimicking stages of lung development. While challenges in efficiency and 
purity of the differentiated progeny persist, RNAseq indicates that there is significant 
similarity between the derived cells and their endogenous counterparts [96]. The puri-
fication of iPSC-derived basal cells (iBCs) that recapitulate the biological and func-
tional properties of basal cells, including mucociliary differentiation in tracheal 
xenografts, has facilitated a new wave of studies focused on gene editing and func-
tional restoration of the airways [96]. These iBCs can be maintained in 3D spheroid 
cultures over several passages. Although challenges remain in the functional charac-
terization of iBCs, these recent advances should facilitate the study of inherited or 
acquired diseases of the human airway and open the door for potential use of iBCs in 
regenerative medicine [96, 227]. Challenges in regenerating an iBC truly akin to its 
endogenous counterpart likely lie with the impact of the environment of the epigenetic 
manipulation of cellular state [249]. Epigenetic comparisons between differentiated 
iBCs and endogenous BCs may be important in generating an iBC that truly recapitu-
lates the functional phenotype of primary cells. Patient- and/or mutation-specific 
models can be readily developed to model genetic airway diseases, including chloride 
channel dysfunction in CF and ciliary defects in PCD [34, 96, 177].

The identity and selection of long-term repopulating BCs and the differentiation 
of iPSCs to bona fide basal cells are being actively pursued [10, 49, 71, 75, 80, 96, 
117, 147, 160, 223, 227]. Once this is achieved, as technologies evolve and progress 
toward tissue regeneration and cellular therapeutics, it will be critical to first deter-
mine the prospect of primary or induced BCs engrafting and integrating in the air-
way epithelium. While delivery itself perhaps poses the biggest challenge in the 
success of cellular therapeutics, once this is achieved, consideration of the diseased 
niche is likely to be equally important in regulating the fate of those delivered cells 
or therapeutics. Unfortunately, there is a paucity of studies considering the niche in 
terms of successful stem cell regulation, cellular engraftment, and tissue regeneration.

5.5  In Vitro Models of the Human Airways

Over the past decade, there have been several advances in the development of more 
complex and physiologically/pathophysiologically relevant ex  vivo lung models, 
enhancing our ability to model lung disease. Air-liquid interface culture of primary 
airway cells, established in Transwell, has long provided a gold standard for evalu-
ation of airway injury and repair. More recently, three-dimensional (3D) lung spher-
oid and organoid structures have been used to create more spatially relevant 
structures, and lung-on-a-chip technology adds the complexities of airflow and 
stretch. Each of these models will be discussed below. Table 5.1 summarizes the 
core pros and cons of using each of these lung models in scientific research, and 
Fig. 5.3 summarizes each model system.
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Fig. 5.2 Early lung 
development from 
iPSC. Pluripotent stem 
cells are isolated and 
expanded in vitro from the 
inner cell mass of the 
blastocyst (embryonic stem 
cells or ESC) or 
reprogrammed from 
somatic cells, such as 
fibroblasts, from 
individuals (induced 
pluripotent stem cells or 
iPSC). To generate lung 
endoderm cells are 
differentiated using a 
combination of growth 
factors and small 
molecules to mimic lung 
development through the 
anterior primitive streak 
and definitive endoderm, 
where anteriorizing of the 
definitive endoderm will 
give rise to the anterior 
foregut endoderm. This 
will subsequently have the 
capacity to generate 
NKx2–1-expressing 
primordial lung progenitor 
cells. (This figure was 
created at Biorender.com)
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Table 5.1 In vitro models of the airway system

Model Application Advantages Drawbacks References

Air-liquid 
interface

Disease models, 
drug delivery, 
toxicity, 
mucociliary 
clearance, cilia 
function, barrier 
function, CFTR 
activity

Differentiation of a 
pseudostratified airway 
epithelium
Mucociliary flow 
measurements
Cilia beat frequency 
measurements
Mucus production
Dose controlling for 
inhaled agents
Useful for drug 
transport/delivery
Wound-repair 
investigation
TEER measurements 
and CFTR activity
Inflammatory cell 
interactions
Can be long-lived 
(>3 months)

Not all primary 
donor cells 
differentiate well at 
the ALI
No directional flow 
(confined by 
Transwell size and 
shape)
No mechanical 
stretch
Lot-to-lot variability 
in Transwell
28-day 
differentiation

[25, 53, 77, 
129, 171, 
184, 185, 
197, 200, 
202, 210, 
225, 229]

Organoid Disease models, 
drug delivery, 
toxicity, lung 
development

Mimics lung 
development and 
branching 
morphogenesis
Provides the structural 
architecture and 
maintains cellular 
interactions of the lung 
microenvironment
It can be used for 
personalized medicine 
studies

Lack of breathing 
mechanics
Lacks structures 
that can be useful 
for studying the 
effect of inhaled 
therapy on 
involving mouth-to- 
airway transit
Long culture period 
and difficulty to 
reproduce at 
industrial level
Lacks an air-liquid 
interface (more 
applicable to 
development than 
adult lung)
Complexity limits 
analysis

[39, 54, 58, 
93, 99, 115, 
130, 152, 
208]

Spheroids Disease models, 
drug delivery, 
toxicity, CFTR 
activity

3D structure allows for 
more physiological 
ECM interactions and 
structure
Swelling model for 
CFTR activity

Apical surface is 
limited (typically 
inside the spheroid) 
with no airflow
Variation in 
spheroid size
No niche cells 
present

[21, 32, 45, 
52, 62, 91, 
103, 110, 
208, 221]

(continued)
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Table 5.1 (continued)

Model Application Advantages Drawbacks References

Lung-on-a- 
chip

Disease models, 
drug delivery, 
toxicity, CFTR 
activity, 
inflammation, 
mechanical 
breathing, airflow

Regulated mechanical 
stretch
Regulated airflow
Vascular channel for 
endothelial/
inflammatory cell 
interactions
Time-dependent drug 
treatment and 
monitoring

Challenging to 
assemble
Donor-specific 
success in 
differentiation 
without migration
Expensive chips and 
equipment

[106, 126, 
258]
[8, 15, 100, 
183, 217, 
166, 167]

Xenografts Regeneration, gene 
editing/therapy, 
drug delivery, 
toxicity

Regeneration can be 
evaluated in context of 
the native niche

Implantation can be 
technically 
complicated
Damage response 
generated during 
tracheal denudation

[9, 44, 48, 56, 
82, 88, 89, 
94, 121, 124, 
239]

5.5.1  Transwell Air-Liquid Interface (ALI) Cultures

For decades, most pulmonary in vitro studies were performed using cell lines in 
submerged cell culture conditions, resulting in compromised physiological condi-
tions [74, 192]. The transition to cell growth on Transwell, where epithelial BCs are 
grown to confluence on ECM-coated synthetic membranes and then polarized by 
exposing the apical surface to air, created a more physiologically applicable air- 
liquid interface model (ALI) [74, 102]. Over approximately 28 days, cells polarize 
and mature into a differentiated mucociliary airway epithelium, comprising BCs, 
club and goblet secretory cells, and multiciliated cells with scattered ionocytes pres-
ent [207]. This model rapidly became a gold standard for recapitulating functional 
properties of the epithelium, including ciliary flow and mucus production. Such ALI 
cultures are widely used as an effective tool for cell-cell interaction studies, disease 
models, and drug efficacy/toxicity testing in the lung [3, 14, 19, 22, 26, 42, 192, 
233]. They have been instrumental in the validation of small molecules that are now 
widely used for the treatment of CF [11, 92, 226, 251]. While extremely effective, 
they do have their limitations. Despite featuring all the major cell types of the proxi-
mal airways, these ALI cultures are static; they have no epithelial supporting niche; 
they are not designed to drive epithelial differentiation toward different branching 
generations; and choice of media, donor cells, and protocol can significantly impact 
phenotypic, transcriptomic, and physiological features of the differentiated epithe-
lia [207, 245]. These limitations constrain the capacity of the models to completely 

recapitulate disease pathophysiology.
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Fig. 5.3 Cellular models of the proximal lung. This schematic summarizes the currently available 
in vitro model systems to study the proximal lung epithelium, including air-liquid interface in 
Transwell, microfluidic lung-on-a-chip, multicellular organoids, spheroids (tracheo/broncho-
spheres), and xenografts. (This figure was created at Biorender.com)

5.5.2  Airway Spheroids: Tracheo/Bronchospheres

Moving from a 2D to a 3D culture system allows for a closer replication of cell 
behaviors during tissue assembly. In vivo cells are exposed to circulating molecules, 
neighboring cells, and ECM, which are factors more effectively recapitulated in 3D 
models. The first airway spheroids, known as tracheo- or bronchospheres, were gen-
erated from murine basal cells [201], and, akin to ALI, matured bronchospheres 
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comprise the major functional cells in the proximal airways. Spheroid models have 
been applied to model disease phenotypes, such as IL-13-induced goblet cell meta-
plasia in asthma [178], and to investigate pathogen-associated molecular patterns 
(PAMPs) in airway differentiation, replicating mucus hypersecretion observed in 
COPD [221]. Spheroids have been particularly useful in the higher-throughput eval-
uation of effective CFTR modulators through investigation of forskolin-induced 
spheroid swelling [36, 50, 84, 205]. Bronchospheres can also be grown in suspen-
sion in the absence of ECM, a model which can be expanded to 384-well format for 
studying the function of the human airway epithelium in higher-throughput assays 
[103]. While having more high-throughput application and a greater capacity for 
tissue organization and swelling as an experimental readout, these epithelial-only 
spheroids are limited by the accessibility of the apical surface, commonly inside the 
spheroids and niche influence other than ECM.

5.5.3  Organoids

Organoids are more complex 3D tissues that mimic the structural organization of an 
organ, capable of simultaneously representing multiple different cell lines and germ 
layers. Lung organoids can be applied to study spatial cellular organization, cellular 
interactions, and, using pluripotent cells, pathways regulating human lung develop-
ment [168]. Organoids, generated from lung bud progenitor cells of human fetal 
lungs, have been used to study early airway and alveolar specification [169]. 
However, there are limitations to tissue availability, in addition to ethical and regu-
latory hurdles associated with research on human fetal tissue. iPSC-derived lung 
bud tip progenitors have emerged as a promising alternative developmental model 
[99, 152–154]. While transcriptomic differences exist between the primary bud tip 
and iPSC-derived cells, even if the cells are taken from the same source, the longer 
the iPSC-derived organoids were cultured, the closer the cells became transcrip-
tomically similar, indicating that a spatial and temporal maturation of the iPSC- 
derived cells occurs [99, 152–154]. Developmental models have unique application 
to the evaluation of respiratory virus infections in the developing lung and allow for 
study of infection in both proximal and distal lung tissues [186]. There is an enor-
mous success in culturing relevant organoids under desired physiological condi-
tions; however, there are several challenges associated with its real-life application. 
With the organoid system, variability of self-organizing growth has been observed, 
and there is limited experimental and analytical feasibility [105]. iPSC-derived lung 
bud tip organoids have not been documented to mature past an equivalent of the 
second trimester and thus not reach terminal maturation [186]. Additionally, branch-
ing morphogenesis is seemingly random, and how closely the branching morpho-
genesis and transitional zones mimic those of adult human lungs remains uncertain; 
similarly, the nature and pattern of the mesenchyme is unclear [39, 59]. Beyond 
genetic diseases, iPSC-derived airway organoids have been applied to predict drug 
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responses, to study patient-specific host response to respiratory pathogens [238] and 
viral infection, including SARS-CoV-2 [134, 180, 220].

5.5.4  Lung-on-a-Chip

While ALI, spheroid and organoid models all have advantages for studying func-
tional human lung epithelium, they also have their limitations. Lung-on-a-chip sys-
tems have evolved over the past decade that overcome some of the shortcomings of 
other model systems [8, 15, 17, 166]. These engineered cell-based systems facilitate 
the evaluation of cells in an environment that mimics an in vivo tissue environment 
[2, 20, 106]. Most models of the human lung do not account for dynamic cues, such 
as blood flow and breathing cycles, that can impact airway biology. Recently, 
second- generation chips have been optimized for studying the effects of physiologi-
cal airflow and stretch on differentiation, cellular composition, and mucociliary 
clearance in the proximal and distal airways [167]. Chip perfusion with air in the 
apical compartment accelerates maturation and polarization of mucociliary clear-
ance, when compared to traditional ALI Transwell cultures, and the additional 
application of airflow and stretch influences cellular composition and the inflamma-
tory status of the epithelium [167]. Commercially available microfluidic chips 
(Chip-S1®, Emulate Inc.) feature adjacent perfusable microchannels, where BCs 
can be cultured in the apical channel, which is separated from a vascular channel by 
a flexible and highly porous poly(dimethylsiloxane) (PDMS) membrane [167]. This 
specific membrane can be dynamically stretched in the presence of airflow, com-
pared to previously developed protocols for airway chips using cell-culture opti-

mized, but rigid, membranes [15, 113, 166].

5.5.5  Xenografts

Tracheal xenograft models were first developed over two decades ago for the analy-
sis of airway regeneration and the identification of progenitor cell subpopulations 
mediating the process [61, 215, 260]. In these models, human epithelial cells were 
seeded into an epithelium-denuded rat trachea, which was subsequently grafted into 
a xenon-tolerant/athymic mouse. These models have the benefit of having the entire 
cellular niche present, including tracheal cartilaginous rings [32, 64, 70, 131, 189]. 
Some of the earliest studies in xenografts enabled the dynamics of cell turnover, 
lineage, and differentiation to be evaluated. Patterns of clonal expansion of trans-
gene-expressing cells allowed for the identification of airway progenitor popula-
tions, giving rise to clones of different sizes, and were instrumental in the initial 
identification of stem cells in the human airway epithelium capable of self-renewal. 
Such studies led to a conclusion that several stem cell subpopulations of cells are 
involved in the regeneration process of airway epithelium [60, 189, 260]. In an 
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approach to establish intrapulmonary genetic reconstruction, CF xenografts were 
infected with CFTR recombinant adenovirus, reconstituting cAMP-driven Cl trans-
port [82]. Though this correction was partial and variable, it established the applica-
bility of this approach for disease correction. The presence of an intact epithelial 
niche in xenografts has been capitalized upon to evaluate epithelial-mesenchymal 
trophic units generated through the seeding of control and asthmatic epithelial cells 
[89]. Interestingly, this system demonstrated the importance of cellular cross talk 
between the niche and epithelium; in these studies the presence of an asthmatic 
epithelium alone was sufficient to drive mesenchymal remodeling [89].Advances in 
bioengineering have enabled the evolution of airway models beyond the static, 2D 
ALI airway models, adding physiological and mechanical cues to mimic tissue 
dynamics. Each model system has its own qualities and limitations and should be 
carefully considered for their applicability to specific research questions. For the 
successful preclinical evaluation of a novel inhaled therapy, for example, a human 
model capable of mimicking the physiological parameters that facilitate the in vivo 
transport of drug molecules is critical. Engineered complete lung tissue models with 
3D lung architecture, cellular composition, and mechanical and physiological cues 
would be ideal, enabling evaluation of drug efficacy, transport kinetics, toxicity, and 
therapeutic potential [42]. Continued collaboration between bioengineers and basic 
cell biologists will be instrumental to bring new innovations to this space.

5.6  Cell-Matrix Interactions

An important component of developing more advanced models relies on the precise 
understanding of the role of the ECM in regulating airway stem cell function during 
both homeostasis and disease. The ECM forms a major component of the multicel-
lular 3D architecture of the human lungs, providing structural, mechanical, and bio-
chemical support. The importance of the lung ECM in regulating BC stemness and 
function was recently reviewed in Busch, Lorenzana, and Ryan [30]. Lung ECM is 
composed of fibrous proteins (elastin and collagen), glycoproteins (fibronectin, 
laminin), glycosaminoglycans, and proteoglycans, which are all important for nor-
mal lung development. All the major components of the lung (conducting airways, 
respiratory airways, lymphatics, and the pulmonary vasculature) require their 
unique ECM environments for specialized cell survival, proliferation, and differen-
tiation [27]. Apart from providing structural integrity, ECM regulates cell behavior 
due to changes in its molecular composition and stiffness [79, 253] and acts as a 
reservoir for growth factors and cytokines. Several growth factors (FGF-10, TGF-
β1, etc.) and cytokines are reported to regulate the breakdown of the ECM, in addi-
tion to regulating lung development and basal cell phenotype [188, 204]. However, 
precise implications of compartment-specific ECM composition, substrate stiffness, 
and other mechanical properties, as well as biochemical signaling, remain an active 
area of research [7, 29, 79, 254].
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ECM remodeling is a core feature of many chronic lung diseases. In idiopathic 
pulmonary fibrosis (IPF), changes in the interstitial matrix within airways (conduct-
ing and respiratory) are indicative of disease progression [90]. Activated fibroblasts 
and myofibroblasts within fibroblast foci are considered as the key producers of 
ECM. In IPF tissues, type I procollagen, versican, hyaluronan, and tenascin C are 
highly expressed within the fibroblastic foci, while decorin and biglycan are present 
at relatively low level of expression, indicative of enhanced synthesis of ECM and 
remodeling [18, 65]. In COPD, ECM remodeling changes the composition of the 
basement membranes and the interstitial matrix at different anatomical niches of the 
lung and is also considered to be associated with progression of disease [90].

Modeling the lung ECM can provide insight into the interactions between the 
ECM and functional elements of lung airway. While 2D models of cells grown on 
tissue culture plastic are relatively simple by design, they are typically significantly 
stiffer than normal lung tissue [24, 104, 241]. In vitro 3D tissue-engineered model 
systems (lung-on-a-chip models, organoids, lung slices, ECM gels, and coculture 
systems) have been used in recent years for modeling the unique spatial geometry 
of the lung and understanding the complexity of cell-cell-ECM interactions [174, 
175]. Generation of complex ECM scaffolds, which can facilitate cell growth and 
differentiation, is required to continue development of these complex models. 
Recently, a protocol was devised for generation of decellularized human lung bio-
ink for downstream process of 2D and 3D lung cell culture [47]. While the impor-
tance of the ECM in organizing niche architecture and regulating cellular function 
has been extensively studied, there still is a significant knowledge gap in terms of 
the ECM-mediated regulation of cell behavior and phenotype. The complexity, 
including cross-linking, and insoluble nature of the ECM has posed a persistent 
obstacle to determining the generation and function of the ECM [28, 111]. Now, 
engineered biomaterials are being applied to mimic the in vivo characteristics of 
stem cell niches, which facilitate a desired in vitro tool for investigating the different 
roles exercised by the ECM on the stem cell phenotype. Recently, Yu et al. devel-
oped a natural ECM biomaterial enriched with miR-29-loaded exosomes for the 
treatment of pulmonary fibrosis, which promises gene therapy options for treatment 
of different diseases using ECM [255]. In the lung physiology, there is a strong 
relationship between ECM proteins and leukocyte migration to the locations of 
injury [170]. A detailed understanding on the complex ECM-cell interactions will 
advance the design and development of functional models and engineering tissues 
for lung regeneration.

5.7 Conclusion

The ECM is not simply a scaffold. It is an integral component of lung physiology 
and pathophysiology that changes with disease progression. Abnormal ECM, niche 
cells, and BC phenotype are closely related in the context of chronic lung disease. 
Increasing our understanding of the functional interactions between the ECM, niche 
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cells, and stem cells in the epithelium will have a substantial impact of the recapitu-
lation of lung homeostasis and disease in model systems. Perhaps the most chal-
lenging application of ECM-BC research is the potential to repopulate a 
decellularized ECM scaffold to create functional lung tissues. Techniques for tissue 
regeneration are reliant upon the creation of a receptive cellular microenvironment 
that can be applied to both ex  vivo expansion and in  vivo engraftment. Tunable 
models that can reflect disease progression and be integrated with niche cells would 
allow for evaluation of mechanical and biochemical factors in disease pathogenesis. 
The subsequent chapters will focus on bioengineering approaches for the generation 
of models for lung homeostasis and disease.
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Chapter 6
Computational, Ex Vivo, and Tissue 
Engineering Techniques for Modeling 
Large Airways

Rebecca L. Heise

6.1  Large Airways: Structure-Function Relationship

The large airways may be characterized as the upper airways, consisting of the nasal 
cavity to the cervical trachea, and the lower airways, consisting of the conducting 
airspace below the thoracic inlet down through the trachea and bronchi. For the 
purposes of this chapter, we will focus on the lower airways, beginning with the 
trachea in our classification and description. The lower large airways are formed by 
a series of cartilage rings joined together by ligaments. In the human lung, the right 
bronchus divides into three secondary lobar bronchi, leading to each right lung lobe 
(upper, middle, lower). The left bronchus divides into two lobar bronchi, leading to 
each left lung lobe (upper, lower) [1].

The airways have anisotropic mechanical properties due to their structure. In a 
study by Eskandari et al., the anisotropic properties of the pseudoelastic linear mod-
ulus are compiled for sheep and pig airways. Figure 6.1 shows that the axial proper-
ties across the trachea, large bronchi, and small bronchi are similar; however, the 
circumferential moduli increase with decreasing airway diameter (Fig. 6.1). These 
changing moduli are due to the alterations observed in the layer structure.

Within the airways, there are layers of tissues that perform ventilation of air from 
the outside to the respiratory surfaces of gas exchange. The four main layers consist 
of the respiratory mucosa, submucosa, cartilage and/or muscular layer, and adven-
titia [3].

The composition of the airway layers may be observed in Fig. 6.2. The mucosa 
layer in particular contains differing amounts of the structural extracellular matrix 
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Fig. 6.1 Reproduced under the CC BY 4.0 from [2]. The pseudoelastic linear modulus for the 
trachea, large bronchi, and small bronchi samples from axial and circumferential orientations. 
Anisotropy was evident as greater pseudoelastic linear moduli for axial samples than for corre-
sponding circumferential samples. Heterogeneity was found within circumferential samples, as the 
modulus of circumferential samples from the small bronchi were significantly larger than that of 
trachea or large bronchi counterparts. No significant differences in pseudoelastic linear modulus 
were found among axially oriented samples. *, **, and *** denote P values <0.05, 0.01, and 0.001, 
respectively

Fig. 6.2 Reproduced with permission from [6]. Representative histological samples from porcine 
lungs stained with Masson’s trichrome, where collagen fibers are blue and elastin fibers appear red. 
Fibers in the trachea were crimped, while fibers in the small bronchi were taut and straightened

proteins, collagen and elastin. The Masson’s trichrome staining in Fig. 6.2 shows 
the regional differences between collagen and elastin architecture with crimping of 
the fibers observed in the tracheal section. The thickness and amount of smooth 
muscle found in the submucosa and the presence or absence of cartilage rings will 
also alter the mechanical properties of the airways. Additional extracellular matrix 
components such as the number of glycosaminoglycans also vary, with increasing 
amounts found in the smaller bronchi compared with the trachea and large bronchi. 
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Fig. 6.3 Structure of the airway. (Created with Biorender.com)

This highly specific arrangement of the fibers and the surrounding extracellular 
matrix make the airways able to withstand compression, bending, and elongation. 
These mechanical motions are necessary for the proper function of the large air-
ways [4, 5].

The airways perform important barrier functions that protect from the external 
environment. The barriers provided are the mucous lining the airway, which pre-
vents loss of moisture and trapping of unwanted particulate, and temperature con-
trol, which is performed mostly by warming the air in the upper airways [7].

Within the respiratory mucosa, the epithelium and supporting lamina propria 
provide the lining that contacts the air. The epithelium are pseudostratified and 
columnar containing goblet cells and ciliated cells (Fig. 6.3). These cells are critical 
to the barrier and mucociliary clearance.

Mucociliary clearance begins in the nose and is functional down through the 
conducting airways. Mucociliary clearance occurs throughout the respiratory tree 
until reaching the gas exchange regions, where there are no ciliated cells. Mucociliary 
clearance is an innate mechanism that rids the airways of biological, chemical, or 
physical particulates. The mucociliary clearance is driven by the ciliated epithelium, 
rhythmically beating to move the mucus and trapped particles out of the airways to 
the pharynx [8]. This movement is sometimes known as the mucociliary escalator 
due to its coordinated movement by the ciliated cells. The physical and chemical 
properties of the mucus play an important role in this mechanism that are further 
described in the disease states in Sect. 6.2.

In examining the structure/function relationship in the large airways, the scale is 
an important factor to consider. While the majority of studies cited above examine 
bulk tissue properties, the cellular-level scale is also important for functional large 
airways. The use of cellular-level models [9] and ex vivo tissue slices [10], described 
in more detail later in this chapter, is useful for determining specific structure/func-
tion relationships at the microscale.

6 Computational, Ex Vivo, and Tissue Engineering Techniques for Modeling Large…
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6.2  Pathologies and the Need for Modeling 
the Large Airways

In addition to a need for a basic understanding of the physiology within the large 
airways during healthy development and maturation, several pathologies affect the 
large airways. These pathologies will be briefly described in this section followed 
by a description of common models of the disease or injury.

6.2.1  Conditions That Cause Large Airway Dysfunction

Congenital defects, though rare, can affect the trachea and bronchi and cause lung 
underdevelopment [11]. Some congenital defects are repaired with reconstructive 
approaches, yet there are no routine gold standards for reconstruction in tissue engi-
neering or non-tissue engineering replacement. Additionally, injuries to the chest or 
directly to the trachea or pharynx can result in the need for replacement. Beyond the 
structural need for replacement as in the case of congenital defect or injury, many 
airway diseases cause dysfunction of the large airways.

Cystic fibrosis is a genetic disease caused by dysfunction of the cystic fibrosis 
transmembrane receptor (CFTR) [12]. The CFTR dysfunction disrupts the muco-
ciliary clearance making cystic fibrosis patients unable to clear mucus properly 
causing chronic inflammation and infection. Mucociliary transport is disrupted in 
other lung diseases as well. Chronic obstructive pulmonary disease (COPD) causes 
tissue remodeling, or the reorganization of tissue components, and chronic produc-
tion of mucus and infection. Though commonly associated with smaller airway 
obstruction, the large airways are also remodeled and inflamed in patients with 
COPD [13]. As COPD has no known cure, further understanding of the large airway 
remodeling and obstruction is needed. Airway remodeling is also observed in 
asthma and can be considered a mechanical feedback process through integrin sig-
naling [14]. Airway constriction and obstruction that occurs in asthma are typically 
able to be reversed; however, in aging patients, significant airway remodeling and 
inflammation lead to an obstruction that can be fatal [15]. Additionally, bronchiec-
tasis, or prevention of mucus clearing, can be caused by any of the aforementioned 
conditions or by repeated infection or injury.

6.2.2  Need for Computational and Physiological Models 
of the Large Airways

Due to the complicated nature of the airway remodeling and mucociliary clearance 
disruption in the conditions described in Sect. 6.2.1, there is a significant need for 
models of the large airway. There are limited animal models for each condition, and 
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none of these animal models fully recapitulate all aspects of the disease, injury, and 
remodeling observed in the pathologies. For cystic fibrosis, there are several animal 
models [16] with the most common being genetically modified mouse strains. More 
recent animal models for cystic fibrosis include genetically modified ferrets [17] 
and pigs [18], which come closer to the infections and airway structure observed in 
humans. For COPD, there are animal models that can recapitulate the distal airspace 
destruction or airway obstruction based on cigarette smoke exposure in rodents 
[19]. However, the COPD models are costly, take a lot of time to induce, and do not 
mimic the progressive disease. There are many models of asthma that focus on ani-
mal exposure to allergens that cause airway hyperresponsiveness, yet these models 
do not have the irreversible long-term airway remodeling observed in the human 
pathology.

With the shortcomings of these animal models, cell culture models provide an 
opportunity to utilize human cells and potentially allow for precision therapy 
approaches and personalized medicine. In order to be useful, the cell culture models 
must recapitulate the aspects of the large airway as much as possible. This includes 
growing the airway epithelium at an air/liquid interface in coculture with mesenchy-
mal cell types, such as fibroblasts and smooth muscle cells. For conditions that 
impact the cartilage-ringed airways, chondrocytes may also be added to these 
in vitro cell culture modes. Inflammatory cells may also be cultured to properly 
investigate the cell-cell signaling events observed in airway disease. To mimic the 
complexity of multiple cell types and extracellular matrix structure, tissue engineer-
ing techniques are one option that may be employed for models of the large airways. 
Additional useful models include computational modeling and ex vivo testing. We 
will now discuss the state of the art for each of these modeling approaches for the 
large airways. These approaches seek to understand the diseases of the large airway 
as well as address the growing need for large airway replacement [20].

6.3  Computational Modeling

Computational modeling of the large airway has several advantages. Computational 
models can examine a wide range of conditions, may be personalized based on 
quantitative imaging of human airways, and can take into account the complicated 
fluid/structure nature of the large airways. A significant amount of research has been 
performed to create and utilize computational models of the airway. We will briefly 
give an overview of some of the current state of the art.

Successful computational models employ multiple approaches, including data 
from imaging, statistical modeling, constitutive biomechanical models, and compu-
tational fluid dynamics models. One example of this multifaceted approach is 
observed in Eskandari et al. wherein the team linked computational models, histol-
ogy, and mechanical testing to thoroughly understand airway tissue structure and 
function [6]. Purely computational or in silico approaches toward normal breathing 
have also been successful [21]. The most recent computational models utilize deep 
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learning and patient data from spirometry [22] or imaging in asthma [23], COPD 
[24], or cystic fibrosis [25]. These models may be used for detection of airway ste-
nosis, predicting the severity of disease, and in future studies assess treatment 
options.

Beyond using models to understand physiology and pathophysiology, a large 
portion of the computational modeling field has been devoted to models for inhaled 
drug delivery. Many of these approaches in computational fluid dynamics are 
reviewed here [26, 27]. Additional approaches include statistical shape modeling 
and computational respiratory dynamics [28] and fluid/structure airway models 
[29]. This field of computational modeling employs simulations of the aerosol dis-
tribution and deposition of inhaled therapeutics based on parameters, such as the 
type of inhaler or nebulizer, drug particle size, drug particle charge, and patient 
airway geometry. The models take into account gravity, lung movement due to 
breathing, and the nature of the mucus and surfactant linings of the lung. The best 
computational models are those that can be validated with data so that they can be 
useful in the diagnosis and design of experimental approaches. These computational 
models can be combined with physiological models for the large airway to design 
and simulate new therapies.

6.4  Ex Vivo Testing

As observed as a component of the successful computational model validation in 
the prior section, ex vivo testing of airway tissues can be a useful tool in modeling 
the large airways. Typically, as employed in computational models, mechanical test-
ing of strips or sections of airways is a common ex vivo testing setup. Mechanical 
testing may be performed in an ex vivo lung with whole lung mechanical ventilation 
techniques taking airway pressure/volume relationships [30]. Single airways may 
also be dissected and tested with tensile testing in either the axial or circumferential 
directions [2]. While these techniques are useful for bulk mechanical properties, 
they do not capture complex mechanics at the cellular level.

In developmental studies, ex  vivo large airway embryonic branching may be 
studied by taking animal (usually mouse) explants at early embryonic stages and 
allowing them to grow and branch in Matrigel cultures [31, 32]. A large amount of 
information can be gained from these ex vivo branching morphogenesis studies, 
including the complex epithelial-mesenchymal cell interactions, mechanical stress 
and strain fields, and spatio-genetic profiles of development.

In order to study cell-cell interaction and response to therapies in adult tissues, 
precision-cut lung slices are another robust approach. Precision-cut lung slices are 
prepared from human or animal lung tissue that is filled with agarose and thinly 
sliced for laboratory study. These lung slices are a valuable tool for studying airway 
contraction, but they are most useful for the smaller airways [33]. Precision-cut lung 
slices have offered useful knowledge in the role of extracellular matrix in contractil-
ity [34] and provide an excellent drug or toxicity screening platforms [35, 36]. As 
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with all tissue testing, there are significant challenges in procuring and utilizing 
human tissues and maintaining tissue integrity and cell viability ex  vivo [37]. 
However, utilizing biomaterial approaches can extend the culture of precision-cut 
lung slices out to 3 weeks [38].

6.5  Tissue Engineering Techniques for Modeling 
the Large Airways

To overcome tissue testing challenges, tissue engineering techniques may be used to 
model the large airways. Significant advances have been made in tissue engineering 
the trachea. Tracheal or mainstem bronchi reconstruction or replacement in patients 
is at times necessary due to resection from cancer or injury. The many techniques 
available for engineering large airway replacements are comprehensively reviewed 
here [39]. These techniques include synthetic prosthesis, allograft, or tissue engi-
neering strategies, including decellularization and recellularization and graft engi-
neering in a bioreactor (Fig.  6.4). Many of these same techniques can be used 
in vitro to model the large airways for future replacement or as stand-alone models 
to study airway pathophysiology and repair.

One interesting feature of the large airways that is not present in the small airway 
or lung parenchyma is the presence of cartilage rings. A multidisciplinary tissue 
engineering approach must be taken to engineer all of the tissue components in a 
large airway. Most often, naturally derived scaffolds made from either decellular-
ized animal cartilage or purified collagen hydrogels are used as the scaffolding 
material for the airway’s cartilage rings grown in a bioreactor [40] or orthotopically 
[41]. A modular approach of growing individual tracheal rings and then combining 
them showed some success [42]. While cartilage is one of the longest studied engi-
neered tissues, there are still challenges remaining with cell viability [43] and repro-
ducing the mechanical strength of cartilage tissues. The rest of this section will 
focus on the varied approaches for engineering models of the large airway, focusing 
on repair of the epithelium and smooth muscle cell components.

6.5.1  Biomaterial Scaffolds

 Decellularized Scaffolds

Decellularized tissues are made from the removal of cellular components from an 
explanted tissue. Decellularized tissues provide the appropriate structure and scaf-
folding components for the large airway. Many approaches toward the construction 
of decellularized tissue replacements are utilized in the literature. In a minipig 
model, a decellularized allograft tracheal replacement without recellularization 
showed success, growing with the animal subjects out to 1  year following 
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Fig. 6.4 Overview of tracheal or mainstem bronchi replacement strategies reproduced with per-
mission from the Creative Commons license CCY 4.0 from [20]. (a) Synthetic prostheses: metallic 
meshes and silicone tube. (b) Aortic allotransplantation with a supporting stent. (c) Tracheal allo-
transplantation: two-step procedure with pre-vascularization in heterotopic position (forearm) fol-
lowed by orthotopic transplantation. (d) Autologous tissue replacement: stripes of rib cartilage are 
inserted in a skin forearm free flap (graft assembling phase). Then, the graft is tubularized to 
reproduce the tracheal lumen. (e) An allogeneic trachea is decellularized and then recellularized in 
a rotating bioreactor with autologous cells. (f) Synthetic tailored tracheal grafts seeded with autol-
ogous cells in a rotating bioreactor. (g) A graft composed of a nitinol stent inserted between 
two layers of porcine acellularized dermis matrix is seeded with autologous skin keratinocytes 
(graft assembling phase). Once transplanted, the graft is alternately perfused, through pumps and 
cannulas, with antibiotics, autologous cells, and growth factors (GFs)

replacement [44]. Similar techniques can use decellularized grafts without reseed-
ing as long as a prelamination technique is used with the implant [45]. Prelamination 
is a method of layering materials and compressing them to form one graft. For 
in vitro construction of the large airways, recellularization may be used.

Recellularization, meaning seeding the decellularized scaffold with cells, allows 
the inclusion of human cells in engineered models of the large airways. Hybrid 
materials that mix both naturally derived materials with synthetic polymers and 
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multiple cells may be used in these models. One challenge in recellularizing scaf-
folds is getting a large number of cells to properly adhere and proliferate in the 
correct spatial arrangement. Recellularization can be enhanced with using rotating 
bioreactors where mechanical stimulation is used to disperse the cells across the 
scaffold [46, 47]. Alternatively, vacuum or centrifugation methods may be used to 
coax cell penetration into decellularized scaffolds [48].

In addition to the bioreactors mentioned above for total recellularization of large 
airway scaffolds, there are several innovations in bioreactor approaches to partially 
decellularizing and growing small airways. One novel approach used imaging to 
guide the removal and new culture of epithelium in the trachea [49]. Other 
approaches use the shape of the airway smooth muscle tube as guidance [50] or cell 
sheet technology [51] in developing the engineered large airway.

In all of these methodologies, cell choice is important to ensure that the models 
have the proper phenotype. Primary human bronchial epithelial and smooth muscle 
cells are commercially available, though costly. Induced pluripotent stem cells 
(iPSC) provide a more scalable solution for recellularizing airway scaffolds. iPSC 
may be cultured and differentiated into relevant cell types for the large airway model.

There is also a design choice as to which type of organ the decellularized tissue 
should be made. Decellularized tissue scaffolds were first made from the small 
intestinal submucosa or bladder from the pig, with many successes. The large air-
way could be amenable to being modeled with extracellular matrix derived from 
these or other organs instead of the airway. Badylak et al. examined the growth of 
human bronchial epithelial cells grown on decellularized scaffolds from porcine 
bladders vs. tracheas [52]. They also tested hydrogels derived from each extracel-
lular matrix and concluded that the hydrogels from either tissue supported epithelial 
cell growth better than the intact decellularized scaffolds. Hydrogels have been 
made from bulk lung extracellular matrix from porcine [53, 54] or human [55]. 
Hydrogels provide a platform to include the extracellular matrix components in an 
environment amenable to 3D cell culture.

 Cellular, Synthetic, or Hybrid Biomaterial Approaches

Cellular-level models for the epithelium include cultures on Transwell plates with 
epithelium grown at an air-liquid interface for stratification and development of 
motile cilia. These culture models may be made more complex by introducing mul-
tiple cell types such as mesenchymal cells, including smooth muscle and fibro-
blasts, and immune cells, including macrophages, neutrophils, eosinophils, or T-cell 
subsets. These differentiated cell cultures may be grown on implantable materials 
such as collagen sponges [56] or de-epithelized matrix [57] for cellular transplant. 
Organoid approaches to recreating the lung utilize neonatal primary cells or iPSC to 
differentiate into multiple airway cell types in three dimensions. Multi-organoid 
fusion can be induced to form larger multicellular structures [58].

To achieve spatial location within the 3D cultures, additional biomaterial 
approaches may be utilized. Many of these materials use synthetic polymeric 
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scaffolds alone or with naturally derived materials to retain bioactivity. Common 
synthetic scaffolds include poly(caprolactone) [59], poly-L-lactic acid, expanded 
poly(tetrafluoroethylene) commonly known as Gore-Tex, or poly(ethylene tere-
phthalate) also called Dacron. Synthetic grafts vs. decellularized grafts have varied 
immune responses [60], making hybrid approaches that combine both synthetic and 
naturally derived polymers attractive [61].

6.5.2  Manufacturing Techniques for Large Airway Models

The relatively simple, tube structure of the large airways makes advanced manufac-
turing techniques attractive for forming these physiological models. 
Microphysiological and airway-on-a-chip models are useful for examining small- 
scale cell-cell interactions of the airways [62], while three-dimensional (3D) print-
ing techniques can be used for proper organization and larger-scale airway models. 
3D printing can employ both synthetic and naturally derived polymers as described 
in the above section. Extracellular matrix reinforced bioinks provide excellent 
options for printing large airways [63]. Other models use 3D-printed polycaprolac-
tone and collagen [64] or image-based 3D printing for proper anatomy [65]. 3D 
printing advances provide the spatial resolution to produce models of the large air-
way that can be anatomically personalized to the patient for laboratory study of 
engineered approaches or therapeutics.

6.6  Tools for Functional Assessment of Large Airway Models

In any of the above large airway models, physiological measurements must be made 
to show the functionality of the model. These functional assessments at the airway 
epithelium may include electrical impedance allografts to assess barrier function 
[66] or mucus clearance assays to assess ciliary function [67]. Smooth muscle func-
tion may be measured with fluorescence calcium imaging, load cells, or methacho-
line challenge in vivo. The overall tissue structure may be imaged with microCT for 
tracheal tissue engineering [49]. Additionally, these models may be tested mechani-
cally with biomechanical testing methods, such as tensile testing, compression, tor-
sion, burst pressure, microscale indentation, and/or atomic force microscopy. 
Mechanical strength is a key issue in engineered large airways. For example, the 
human trachea must withstand a maximal extension length of up to 134% and have 
elastic moduli between 12 and 25 MPa [68]. Bending and compression are also 
important mechanical properties of the trachea and large airways and vary with 
length of the airway segment [69]. Successful models of the large airways will 
include functional assessments such as the above.
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6.7  Limitations and Future Considerations

There are a large number of exciting innovations in the arena of large airway models 
for lung pathophysiology and repair. The different approaches mentioned in this 
chapter each capture several characteristics of the large airway. However, there are 
limitations in that none of these models perfectly captures the complex nature of the 
disease states, such as cystic fibrosis, chronic obstructive pulmonary disease, or 
asthma. Furthermore, in the in vitro models, the main limitation is the lack of inter-
action with the immune system. While some models incorporate immune cells in 
culture, none of the models have the dynamic nature of the immune system found 
in vivo. Combinatorial modeling approaches that include computational, in vitro, 
and in vivo models of the large airway are the best way to overcome limitations of 
any single model for the large airway.
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Chapter 7
Engineering Large Airways

Tehreem Khalid and Cian O’Leary

7.1  Introduction

Currently, there remains an unmet clinical need in respiratory medicine due to low 
availability of viable replacement options for non-operable large tracheal defects. 
This is largely due to the issues that arise with complications from implanted con-
structs, such as inflammatory response, that can lead to stenosis of implanted con-
structs or the mismatch of mechanical properties. The native trachea has anisotropic 
mechanical properties, meaning the mechanical properties will differ when mea-
sured in different directions. However, the majority of engineering attempts focus 
on fabricating uniform solid tubular scaffolds, with the aim of mimicking the carti-
laginous rings of the native tissue. These scaffolds often lack comprehensive 
mechanical analysis, which limits their outcome in vivo, as well as hindering com-
parisons of different scaffolds across literature. The aim of this chapter is to thus 
provide insight into the mechanical properties of native tracheal tissue, as well as to 
recommend key tests for consideration to influence design criteria for mechanically 
adequate trachea replacements.
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7.2  Forces During Respiration and How They Can Influence 
Construct Design

The forces acting on the airways are critical in determining the appropriate param-
eters for the evaluation and comparison of different engineered trachea analogues, 
as well as native tissue. The mechanical forces on the trachea are numerous and 
complex, making precise airway modelling difficult. Understanding the different 
pressures that are exhibited during respiration within the whole respiratory system 
may provide insight on optimal tracheal construct design to better recapitulate the 
trachea by mitigating tracheal collapses and airway resistance. During normal res-
piration, a pressure gradient is formed, which results in air being pushed in and out 
of the lungs. During inspiration, the diaphragm contracts and the lungs expand; as 
the volume within the lungs increases, there is a concomitant decrease in pressure. 
Conversely, the diaphragm relaxes during expiration to reduce the volume of the 
lungs and increase pressure, resultantly driving air out of the lungs.

An equal pressure point is developed when maximal expiratory flow is reached 
and the pressure inside the airway is equal to the pressure outside (intrapleural pres-
sure). For a long time, the equal pressure point was thought to directly correlate with 
the most probable location of airway collapse. However, it is now thought that air-
way collapse has a greater tendency to occur above the equal pressure point, if the 
cartilaginous support is weak [1, 2]. On the other hand, some argue that it is difficult 
to identify an exact position that is more prone to airway collapse as the transmural 
pressure (pressure difference across (inside to outside) a hollow structure) exhibited 
at any given site on the trachea varies greatly along its length [3, 4] (Fig.  7.1). 
Similar to the pleural pressure, the extratracheal pressure in the tracheal cavity is 
generally negative but can become positive during forced expiration [5]. To under-
stand the extratracheal pressure, pleural pressure must also be understood. The pleu-
ral cavity is the space between the lungs and the pleural membrane, which is filled 
with fluid. Transpleural pressure during normal respiration ranges between 5 cm 
and 8 cm H2O [5]. The maximum pleural pressure that can be achieved is deter-
mined by an individual’s muscle strength. The average maximum inspiratory and 
expiratory pressures are approximately 170  cm H2O and 114  cm H2O in males, 
respectively, and 76 cm H2O and 86 cm H2O in females, respectively [6]. The extra-
tracheal pressure in the neck is approximately atmospheric; however, during respi-
ration, the trachea slides between compartments during changes in intratracheal 
pressure, further complicating the system. Therefore, these anatomical shifts may 
cause the changes in transmural pressure at different regions along the trachea [4].

Under normal quiet breathing, fluctuations in the trachea’s diameter are hardly 
measurable. However, during atypical conditions, collapse can occur during respira-
tion, most commonly during expiration [4]. In the cases of abnormal airway resis-
tance, collapse is driven by an increase in transmural pressure due to increasing 
respiratory efforts [4]. It has been reported that there are large increases in airway 
resistance in the trachea during expiration as opposed to inspiration, which explains 
the prevalence of expiratory collapse in children with tracheal defects [2, 4]. 
Bronchoscopic observations have also measured a decrease in the cross-sectional 
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Fig. 7.1 Schematic 
outlining respiratory 
exemplary pressure values 
exerted on the trachea 
during normal respiration. 
Intratracheal pressure is 
the pressure measured 
within the trachea during 
respiration. Transmural 
pressure is the pressure 
difference across the 
tracheal wall. Extratracheal 
pressure is within the neck 
and is approximately 
atmospheric. (Adapted 
from Wittenborg et al. [4])

area of the trachea during expiration and a partial trachea collapse during coughing, 
further indicating the difference in airway resistance between inspiration and expi-
ration [7]. Collapse during inspiration can occur and is usually caused by the devel-
opment of a negative intratracheal pressure than normal, whereas collapse during 
expiration is caused by the increase in respiratory effort and plural pressure. 
Therefore, to mitigate the possibility of collapse, ensuring your construct is able to 
withstand changes in pressures, similar to native tissue, is vital.

In addition to understanding these pressure gradients and forces within the respi-
ratory system, knowledge of airway resistance in the trachea can provide insight 
into appropriate construct development. As such, increased airway resistance at any 
given position in the trachea can result in the development of uncharacteristically 
high transmural pressure; thus, constructs must be designed to alleviate increases in 
flow resistance. The formation of stenosis due to an inflammatory and fibrotic 
response in an otherwise mechanically adequate construct increases airway resis-
tance and leads to airway collapse and construct failure [8]. An inflammatory 
response can occur following construct implantation if non-biocompatible materials 
are used or further injury to the tracheal tissue has occurred. This will trigger an 
inflammatory response leading to the production of numerous inflammatory factors 
and profibrotic cytokines, which are involved in fibroblast cell activation and cell 
proliferation, and deposition of extracellular matrix, ultimately leading to an 
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imbalance of collagen synthesis and degradation [9]. This in turn results in the for-
mation of granulation tissue, leading to tracheal stenosis. The presence of granula-
tion tissue in an otherwise hollow and smooth tubular structure will disturb airway 
flow, leading to increased resistance. Therefore, the flow dynamics of a construct 
prior to implantation must be assessed to prevent airway collapse. Assessing a con-
struct’s response to transmural pressure is challenging in vitro; however, the rela-
tionship between flow rate (Q), airway resistance (R) and transmural pressure (P) is 
such that P = QR, which means that the respiratory rate affects both the transmural 
pressures developed and the time over which loads are normally applied [10]. On 
average, an adult takes 12–15 breathes per minute, while a newborn takes 38 breaths 
per minute during normal breathing [11–13]. The assessment of native tracheal tis-
sue or prosthetic constructs to determine their ability to recoil from applied loads 
over an appropriate timescale can indicate their performance to resisting changes in 
the cross-sectional area under transmural pressure changes and thus reducing air-
way resistance. Engineered constructs can be loaded at physiological loading rates 
under cyclical testing regimes ranging from normal to stressed breathing conditions 
to determine their performance and their ability to recoil adequately [14]. For exam-
ple, tissue-engineered constructs made from a series of patterned 2-hydroxyethyl 
methacrylate (HEMA) hydrogels were mechanically characterised by cyclical load-
ing using a mechanical testing system with a 10 N load cell. Cyclical compression 
was conducted at 0.833 Hz to a maximum strain of 15% of the original diameter for 
250 cycles. This loading/unloading rate was calculated in this instance to mimic the 
average neonatal respiratory breathing rate of 1.2 s/breath [14].

7.3  The Structure of the Trachea and Its 
Mechanical Properties

Albeit a seemingly simple tube-like structure, the trachea is in actuality a complex 
organ consisting of numerous components (Fig. 7.2) that not only fulfil multiple 
unique physiological functions but also possess distinct mechanical properties, 
which collectively provide the whole trachea with its complex anisotropic mechani-
cal properties [10]. However, it is this complex feature of the trachea that provides 
a huge challenge in defining the mechanical requirements for a substitute graft. It 
has been difficult to establish the appropriate mechanical tests and define the appli-
cable range of mechanical properties; as reported figures and testing techniques 
over the years have largely varied (Table 7.1), resulting in inconsistency [10, 15]. If 
the engineered construct’s mechanical properties do not match the native tissue, 
granulation can occur at the anastomosis site, which can induce bleeding and also 
stenosis, leading to fatal obstruction [16]. Mechanical forces have been reported to 
be involved in fibrosis, through prolonged inflammation mediated by T-cells [8]. 
Therefore, understanding the mechanical features of each component of the trachea 
and how it can be assessed individually and as a whole is vital when developing a 
tracheal replacement construct.
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Fig. 7.2 Cross-section of the trachea highlighting the structural relationship between each compo-
nent. Reprinted with permission from Boazak et al., ACS Biomater Sci Eng. 2018;4(4):1272–84. 
Copyright 2018 American Chemical Society 

Table 7.1 Mechanical properties of tracheal cartilage, trachealis muscle and whole trachea

Tissue type Specimen type Test type Modulus References

Tracheal cartilage Human Tensile 16.92 MPa [18]
Human Tensile 1–15 MPa [19]
Porcine Tensile 5.62 MPa [20]

Compression 1.36 MPa
Ovine Tensile 10.6 MPa [21]

Trachealis muscle Human Tensile 5.7–364 KPa [22]
Human Tensile 0.84–34.15 KPa [23]

Whole trachea Human Tensile 12–20 MPa [24]
Human Compression 0.16–2 MPa [25]
Porcine Compression 1.10 MPa [20]
Ovine Tensile 1.5 MPa [14]
Rabbit Compression 1.72 MPa [26]
Rabbit Three-point bending 0.214 MPa [27]
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7.3.1  Tracheal Cartilage

The cartilage rings of the trachea comprise up to two-thirds of the trachea’s circum-
ference and are composed of hyaline cartilage, which when compared to articular 
hyaline cartilage has been found to contain high cellularity in human samples [28]. 
Although there are variations between the collagen types present in the cartilage 
ring centre and margins, collagen types II, III, V, VI and X make up tracheal carti-
lage, with type II being the most predominate in hyaline cartilage [29]. Additionally, 
tracheal cartilage contains a high proteoglycan content [28], with the most common 
type being aggrecan. It is this unique amalgamation and organisation of a range of 
proteoglycans that produces the compressive properties of cartilage [30]. Members 
of all classes of small leucine-rich proteoglycans are found in cartilage, including 
decorin, fibromodulin, epiphycan and perlecan [31–36].

Cartilage is usually modelled as a biphasic material to account for the behaviour 
and interaction of the solid matrix and interstitial fluid phase [37]. It contains nega-
tively charged proteoglycans that allow the retention of fluid and regulate the per-
meability of the tissue. It also comprises 60–85% water [37, 38]. The mechanical 
function of cartilage is directed by the matrix. Under compression, the flow of water 
out the cartilage ring is opposed by the drag generated by the interaction between 
water and the proteoglycans [37]. When the flow of fluid out of the cartilage tissue 
reaches an equilibrium, this modulus is referred to as the aggregate elastic modulus. 
As a result, the aggregate or equilibrium modulus primarily tests the tensile or com-
pressive properties of the collagen network rather than the complex tissue response 
to mechanical loading. Mechanical evaluation of cartilage samples at a slow loading 
rate can attempt to capture the cartilage’s elastic properties [21]. In vivo, the rings 
endure both sustained and transient loads, through contractions from the trachealis 
muscle and coughing, respectively; however, reported mechanical assessment of the 
cartilage rings has primarily looked to observe measurements applied from simple 
large uniaxial compressive or tensile loading [19]. The effects of transient loads on 
cartilage deformation are determined by the viscoelastic properties of the cartilage. 
The cartilage rings of the trachea are responsible for ensuring the trachea remains 
open during changes in inter-thoracic pressures that occur during respiration and 
thus should be mechanically robust; conversely, they must also be able to deform 
radially to tolerate fluctuations in the cross-sectional area during coughing and 
deglutition [11, 39].

Rings of adult human trachea have been reported to exhibit a tensile modulus 
between 1 and 20  MPa [19, 40, 41], while porcine trachea cartilage has been 
reported to have a compressive modulus of 1.3–17 MPa. This large range is due to 
the variations in measurement methods and interindividual variation in tracheas [20, 
39]. The moduli of cartilage have also been reported to increase with age, as colla-
gen within the cartilage will decrease with age, but the proteoglycan will remain 
unchanging [19, 42]. Overall, both the tensile and compressive properties of the 
trachea’s cartilage rings are pertinent to its function, as bending of the rings gener-
ates tensile loads on the outer regions of the rings and compressive loads of the inner 
region, thus making it difficult to accurately define the biomechanics of the rings via 
either tensile or compressive testing.
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7.3.2   Trachealis Muscle

The trachealis muscle is a smooth muscle that is responsible for changing the tra-
chea diameter in response to stimuli, such as asthma or cough reflex. It is considered 
an active component of the trachea, as it responds to aforementioned external stim-
uli [22]. The muscle contains stretch receptors that respond to transverse strain, but 
not longitudinal [43]. During deep and forceful breathing, contraction of the muscle 
prevents tracheal compression and increases the maximum airflow through the tra-
chea [3]. As the trachealis muscle is a highly cellularised tissue, the smooth muscle 
cells contribute to both its active and passive mechanical properties. The trachealis 
muscle has been found to generate a higher active tension than other smooth mus-
cles and has highly non-linear mechanical properties. It has been widely reported 
that the trachealis muscle is stiffer longitudinally than circumferentially [10, 44]. 
Studies have measured a tensile modulus of between 0.8 and 34 kPa longitudinally 
and 0.34 and 35 kPa transversally in adult humans [24, 39]. The capacity of the 
trachealis muscle to deform contributes significantly to tracheal compliance and 
also permits extension of the trachea.

7.3.3  Annular Ligament

The annular ligament connects the cartilage rings of the trachea and allows for 
extensibility longitudinally and are predominately comprised of type I collagen 
[45]. It is challenging to measure the longitudinal mechanical properties of the 
annular ligaments due to their short inter-ring length. Thus, studies rely on model-
ling of the properties of the trachealis muscle as an approximation [46]. In a recent 
study, large samples of whole tracheal tissue were mechanically evaluated, and seg-
ments of cartilage were accounted for mathematically to calculate the values of the 
annular ligament. Notably, samples from older donors were approximated to be 
mechanically stiffer, although this was not statistically significant [18].

7.4   Mechanical Properties of the Whole Trachea 
and the Implications of Mechanical Property Mismatch

A critical factor for maintaining construct patency in tracheal replacement grafts is 
the fabrication of a tracheal construct with anisotropic properties approximate to 
native tissue. Given that normal tracheal function involves significant load and 
deformation in both longitudinal and radial planes, mechanical mismatch in either 
direction could result in excessive scarring. The compliance of the native trachea 
and its ability to extend longitudinally are important factors in native tissue, as they 
heavily influence respiration. The subsections that follow investigate the conse-
quences of failing to account for the native radial and longitudinal properties.
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7.4.1  Compliance

Although the components of the trachea all function to mitigate collapse, it does 
retain this capability under certain circumstances. For example, at particulate trans-
mural pressures, it can deform to accelerate air during respiration and also clear 
mucus of the respiratory tract [47, 48]. As the most physically reactive component 
of the trachea, the trachealis muscle is most responsible for altering the cross- 
section of the trachea. Fluid-solid interface modelling has found that tracheal stents, 
which are mechanically rigid and not compliant, can avert the trachealis muscle 
from contracting, which in turn can alter the flow of air at the top of the stent, result-
ing in an accumulation of mucus [49]. Build-up of mucus can lead to obstruction of 
the airways and increased risk of infection [49, 50]. The transplantation of a tracheal 
construct that is incapable of change in its cross-sectional profile alongside native 
tissue would almost certainly result in unwanted airflow patterns. Additionally, not 
only would a non-compliant implant result in mucus build-up, but it may also result 
in mechanical mismatch particularly at the anastomosis sites, resulting in stenosis 
[8, 16].

Reduction in whole trachea diameters in adults can range from 11% to 61% dur-
ing forced inhalation and expiration, and from 20% to 50% diameter change in 
children crying [4, 51]. In an aim to validate a construct’s ability to radially deform, 
radial compressive testing is applicable. The force required to achieve relevant 
reductions in the trachea diameter as reported in native tracheal tissue, as well as the 
construct’s capacity to recoil back to its original diameter successfully, should be 
considered.

Compliance testing is seen as a more physiologically relevant loading scenario 
and is defined as the change in airway volume over the change in transmural pres-
sure [52]. To account for comparisons against different-sized tracheal samples, vol-
ume pressure curves commonly normalise the change in airway pressure against the 
original volume. Measurement of compliance requires airtight experimental sys-
tems, which have reported 1.8 cm H201− (ΔP =0 ± 10 cm H201−) in human infants 
aged 1–7 months to 24 cm H201− (ΔP =0 ± 10 cm H201−) in 69-year-old adults [53]. 
However, no data has been available for engineered constructs. Under testing, trans-
mural pressure has been shown not to stabilise until up to 45 min after the trachea 
has been inflated or deflated [35]. Notably, the trachea has been found to be more 
compliant under early, minor changes in transmural pressure, wherein compliancy 
begins to plateau as transmural pressure increases. It is this response that allows for 
coughing to occur without complete collapse of the trachea. Interestingly, compli-
ancy testing of thick-walled tubular scaffolds highlights a different response com-
pared to native tissue. Initially, compliance is low, and then it dramatically increases 
after collapse [54]. This has provided interesting insights into design requirements 
of tubular constructs for trachea replacement as it has been reported that the pres-
sure gradient required for the necessary compliance, such as partial collapsing dur-
ing coughing, of a thick-walled tubular construct is affected by the bending stiffness 
of the construct wall [55]. The bending stiffness of a construct itself is defined by 
the wall thickness, indicating that the dimensions of a construct, such as wall 
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thickness, are a very important factor in construct design that need to be considered 
in assessing the ability to resist collapsing. This also factors into selecting relevant 
animal tissues to mechanically evaluate, compare against and select for in vivo test-
ing when optimising scaffold design. Ultimately, it is beneficial to select animal 
models that have similar-sized trachea to that of humans for successful translation 
of experimental results. For example, rabbits, commonly selected as animal models 
for trachea transplants, have lower tracheal compliance at low transmural pressure; 
thus, success in a rabbit model may not translate well into clinical settings [55].

Additional assessment of the radial geometry of constructs can be measured via 
cyclical radial compression. This allows for assessment of the construct’s ability to 
recoil to its original shape and dimensions under constant loading and unloading 
over a range of time. An implanted construct, which cannot retain the ability to 
return to its original shape, would not only result in eventual collapse, but this would 
also have important implications for the mechanical properties of the neighbouring 
healthy cartilage rings. Cartilage is mechanosensitive and deteriorates under the 
absence of regular mechanical loading [19]. Thus, matching mechanical properties 
is vital; however, it is improbable to expect a scaffold to not degrade over time. The 
long-term success of a tracheal construct will rely on matching the degradation rate 
of the construct to the ability of cells to generate sufficient extracellular matrix to 
maintain the scaffold’s initial mechanical properties [56].

7.4.2   Extension and Bending

Longitudinal extension and bending of the trachea are permitted by the annular liga-
ments, which connect the cartilage rings of the trachea together; this allows for 
movement of the neck, contracting of the diaphragm and inflation of the lungs. 
While mechanical evaluation of the individual components of the trachea can pro-
vide insight into construct design requirements, due to the anisotropic properties of 
the trachea because of the unique properties of each component, evaluation of the 
whole trachea can produce different values. For example, the tensile modulus of 
porcine tracheal cartilage bands and annular ligaments has been calculated to 
1.10 MPa, which was significantly different than the tensile modulus of the cartilage 
rings alone [20]. Thus, it is beneficial to examine the individual and whole tissue 
properties of the trachea.

Although the assessment of scaffold bending properties and maximum longitu-
dinal extensibility is required and oftentimes emphasised in the literature as the 
most important measurement, one overlooked feature of native tissue is the degree 
of normal tracheal extension. If possible, dog-bone-shaped sections of the construct 
would need to be cut out and secured on a mechanical tester with pneumatic grips. 
Grip can be increased by using high-grit sandpaper to prevent slippage. Testing in 
this manner would indicate the construct’s extensibility properties and maximum 
load required for failure. A trachea can extend up to 20% in adults and 46% in neo-
nates during normal respiration [57, 58]. Thus, fabricating a rigid tube will most 
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likely not allow for normal breathing when implanted, as illustrated in a case study 
of vertically fused cartilage in four newborns with a rare congenital disease [58]. 
These patients have experienced recurring lower respiratory tract infections and 
ongoing respiratory problems as a likely consequence of the modified airflow 
dynamics. Accordingly, such cases with abnormal trachea development can provide 
insight into the implications of these defects on normal breathing, and this knowl-
edge can be applied to the development of tracheal replacement designs. 
Consequently, the use of a rigid tubular construct would not be suitable and would 
cause substantial mechanical mismatch [57]. Additional factors to consider would 
be developing a prosthetic that can alter its dimension to increase its length to miti-
gate tension at the attachment sites and accommodate the movements of respiration 
[59]. Tension at the attachment sites can result in an inflammatory response and 
fibrotic stenosis, leading to increased airway resistance, which in turn would result 
in atypical mechanical loading conditions, causing graft collapse in an otherwise 
mechanically suitable implant [8, 16].

Furthermore, the use of a rigid tubular construct would not only generate inflam-
mation and fibrosis due to mechanical mismatch but may also prevent stretching of 
the respiratory epithelium of the trachea. Extension of the trachea facilitates the 
regulation of the airway epithelium, and its secretory and immune functions as tra-
cheal epithelium have been found to be mechanosensitive, responding to tensile and 
compressive forces [60–63]. Signalling molecules, eicosanoids, help regulate 
smooth muscle tone, permeability of vasculature, secretion of mucus and immune 
response and have been shown to be downregulated by the cyclical strain in a 
frequency- dependant manner [60, 64, 65]. Additionally, it has been reported that 
epithelial cells produce factors, which regulate the inflammatory environment of the 
trachea wall, and fibroblast recruitment and proliferation. Therefore, the lack or 
excess of mechanical loading on the respiratory epithelium may induce inflammation- 
mediated fibrosis and should be considered when designing tracheal constructs [66].

Mechanical assessment of the whole native trachea has generally been limited to 
quantitation of the compressive modulus under longitudinal compressive loads 
alone, with no radial assessment. Human tracheas have been found to exhibit a 
compressive modulus in the range of 0.16–2 MPa during compression testing [24, 
25]. Examination of porcine trachea under compression testing has reported a mod-
ulus of 1.26 MPa [20]. Not only should the trachea be able to withstand longitudinal 
compressive forces, but it should also be capable of deforming radially, which can 
be assessed via cyclical lateral compression to observe its compliance. However, 
cyclical/fatigue testing has not been widely reported on, but studies on the flexibility 
of the native trachea show that it has a very low flexural modulus, in the range of 
0.2–1 MPa [20, 67]. The flexural moduli can be assessed using a three-point bend 
testing rig on a mechanical testing system with the construct resting on two roller 
supports and being subjected to concentrated load at its centre. As the construct 
bends, it is subjected to numerous forces, such as tension, compression and shear, 
thus providing the reaction of the construct to realistic loading situations. Three- 
point bend testing can be done until construct failure or until 50% displacement is 
achieved. The flexural modulus of the trachea is very low, with no notable 

T. Khalid and C. O’Leary



131

difference found between the force required to bend the trachea forwards verses left 
to right [67]. Due to the anisotropic mechanical properties of the whole trachea, a 
variety of mechanical tests would be suitable to truly understand the mechanical 
nature of the trachea. Studies in this field are highly variable in terms of testing 
methods and specimen type used, which provides significant challenges in under-
standing the mechanical properties of the native trachea in order to design potential 
replacement devices. However, the results from these studies can begin to form the 
foundation for the development of tracheal replacement constructs.

7.5  Key Considerations and Summary of Recommended 
Mechanical Tests

To better understand the mechanical response of tissue-engineered tracheas and 
reduce variability in in vitro testing, we recommend, if possible, robust mechanical 
assessment, including tensile testing, three-point bending, radial compression, com-
pliance testing or cyclical loading (Fig. 7.3).

Tensile testing provides information about the extensibility of the trachea, which 
should be normalised to specimen cross-sectional area or, in the case of testing 
whole tracheas, the circumference multiplied by the wall thickness. In cases where 
tensile testing is not possible, the bending properties of the construct could be evalu-
ated via three-point bend testing, which would examine the construct’s bending 
stiffness. Compliance testing would be the most appropriate test type as it would 
allow for the direct evaluation of the ability of a construct to withstand varying 
physiological transmural pressures. During compliance testing, the sample length 
should be considered to avoid edge effects, and it should be noted that shorter con-
structs may exhibit artificially low compliance [49]. However, compliance testing 
may not be accessible to all; instead, radial compression is a straightforward alter-
native. While it may not be typical loading regime in vivo, it does offer quantitative 

Fig. 7.3 Schematic of some recommended mechanical testing regimes for tubular constructs. (a) 
Longitudinal and radial compression. (b) Radial cyclical loading. (c) Three-point bending

7 Engineering Large Airways



132

Fig. 7.4 The offset method of yield point calculation. A typical load/deformation curve of radially 
compressed specimen (black) and the 0.2% offset curve (orange) used to measure the yield load 
(arrow), identified by the intersection point between the two curves

information of the tubular construct’s resistance to collapse. The yield point of the 
construct can be calculated, which is the point at which the construct begins to 
deform plastically and would inform of the construct’s resilience against native tis-
sue; beyond this point, deformation to the construct will be permanent. This point 
can be calculated using the 0.2% offset method. The load-deformation curve from a 
sample is offset by 0.2% (Fig. 7.4; orange line), and the point of intersection between 
the original curve and offset curve is used as the yield point.

Again, displacement values from radial compressive testing should be nor-
malised against the tube diameter. Additionally, cyclical testing is also a useful 
evaluation for assessing construct recoil and compliance. The testing regime should 
examine the construct’s ability to return to its original dimensions without collapse 
or buckling at normal and elevated respiratory rates for more physiological relevant 
examination.

7.6  Conclusion

The unique mechanical anisotropic properties of the trachea are fundamental to its 
function, wherein being able to extend longitudinally allows for normal respiration 
and being able to deform radially allows for coughing, whereas its rigidity and abil-
ity to recoil both maintain airway patency. This chapter has highlighted the impor-
tance of the trachea’s mechanics to its function and for the need of clear design 
criteria and metrics across all studies both of native tissue and engineered constructs.
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Chapter 8
Engineering and Modeling the Lung 
Mesenchyme

Melinda E. Snitow, Fatima N. Chaudhry, and Jarod A. Zepp

8.1  Introduction

The structure of the mammalian lung controls the flow of air through the airways 
and into the distal alveolar region where gas exchange occurs. Specialized cells in 
the lung mesenchyme produce the extracellular matrix (ECM) and growth factors 
required for lung structure. Historically, characterizing the mesenchymal cell sub-
types was challenging due to their ambiguous morphology, overlapping expression 
of protein markers, and limited cell-surface molecules needed for isolation. The 
recent development of single-cell RNA sequencing (scRNA-seq) complemented 
with genetic mouse models demonstrated that the lung mesenchyme comprises 
transcriptionally and functionally heterogeneous cell-types. Bioengineering 
approaches that model tissue structure clarify the function and regulation of mesen-
chymal cell types. These experimental approaches demonstrate the unique abilities 
of fibroblasts in mechanosignaling, mechanical force generation, ECM production, 
and tissue regeneration. This chapter will review the cell biology of the lung mesen-
chyme and experimental approaches to study their function.
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8.2  Advancing the Discovery of Fibroblast Heterogeneity

The lung mesenchyme includes fibroblasts and smooth muscle that are derived from 
the mesoderm during lung development. During lung development, the mesoderm 
provides cues, such as fibroblast growth factor 10 (FGF10) and ECM components 
(fibronectin and tenascin C), that direct cell differentiation, tissue patterning, and 
lung branching morphogenesis [1–9]. In the mature lung, varied responses in the 
mesenchyme are required for proper repair after injury. Fibroblasts and smooth 
muscle were recently identified as sources of growth factors required for epithelial 
regeneration. During injury repair, fibroblasts regulate the ECM by producing col-
lagen, elastin, and matrix metalloproteinases (MMPs), promoting structural viabil-
ity and inflammatory cell infiltration. While these attributes of fibroblasts are 
normally associated with tissue repair processes or wound healing, they may also 
contribute to a variety of diseases. Pulmonary fibrosis (PF) is a progressive disease 
characterized by pathogenic scar formation in the alveoli that impairs gas exchange 
[10–12]. There is no cure for PF, and current therapy slows disease progression and 
improves lung function but does not reverse the pathologic scarring of the lung [13]. 
Fibroblasts’ contribution to fibrosis is the focus of many bioengineering assays [14].

Single-cell RNA sequencing (scRNA-seq) in complex tissues has demonstrated 
the vast heterogeneity of transcriptionally distinct cell types or cell states. These 
studies uncovered distinct fibroblast subsets that differentially express transcription 
factors, growth factors, and ECM components [15–21]. While gene expression pro-
files indicate that many distinct fibroblast subsets reside in lung tissue, further 
experiments are crucial to validate these subsets as functionally distinct popula-
tions. In the following sections, we will introduce a current catalog of lung fibro-
blast lineages and highlight bioengineering approaches to study and target distinct 
fibroblast subsets.

8.3  The Organization and Heterogeneity of Lung Fibroblasts

The lung is structurally complex, consisting of proximal airways and blood vessels 
(arteries and veins) that continuously branch and decrease in diameter until they 
terminate at the distal alveoli. Along this proximal-distal path, the lung’s cellular 
composition also changes. A large body of research has thoroughly described the 
spatial heterogeneity of the lung epithelium and the functional roles of epithelial 
cell types and resident stem/progenitor cells (thoroughly reviewed elsewhere [8, 22, 
23]). Based on recent observations, the lung mesenchyme is similarly arranged in a 
proximal-distal axis that parallels the airway and alveolar epithelium [15, 16, 24]. 
The conducting airways and large vessels are wrapped in airway smooth muscle 
(ASM) and vascular smooth muscle (VSM), respectively, and are readily distin-
guishable using common histological techniques. A heterogeneous milieu of fibro-
blasts reside between the smooth muscle, in the adventitial area surrounding 
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proximal vessels, and extend out to the distal alveolar compartment (Fig. 8.1). The 
following section will cover the types of fibroblasts and their respective functions.

8.3.1  Platelet-Derived Growth Factor Receptor Alpha 
(PDGFRα)-Expressing Alveolar Fibroblasts 1 and 2

In 1970, O’Hare and Sheridan used electron microscopy to characterize interstitial 
fibroblasts in the alveoli of rat lungs [25]. Follow-up studies by Brody and Kaplan 
found that alveolar interstitial fibroblasts consist of two types of cells, fibroblasts 
with or without large lipid deposits [26, 27]. A lipid-laden and proteinaceous surfac-
tant coats the surface of alveoli and is produced by lung alveolar resident epithelial 
type 2 (AT2) cells. Based on these studies and their association with the pulmonary 
surfactant-producing AT2 cells, these fibroblasts have been called lipofibroblasts 
(LF). More recently, subsequent studies using genetic knock-in mice have revealed 
that most alveolar fibroblasts are Pdgfra positive.

Transgenic and knock-in mouse strains have enabled researchers to identify, 
purify, and functionally characterize fibroblast subsets. In 2013, a seminal study 
showed Pdgfra+ alveolar fibroblasts reside near AT2 cells [28]. In addition to pro-
ducing pulmonary surfactant, AT2 cells are progenitor cells that proliferate and 
repair damaged alveolar epithelium [28]. Flow cytometry-based 
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Fig. 8.1 Lung mesenchymal cell composition is patterned in a proximal-to-distal manner. Large 
proximal airways and blood vessels are wrapped in distinct populations of airway or vascular 
smooth muscle. Fibroblast lineages, such as pericytes and alveolar fibroblast 2, reside in adventi-
tial space around airways and vessels and also populate the distal alveoli along with alveolar 
fibroblast 1. Secondary crest myofibroblasts are restricted to transient stages of lung development, 
and myofibroblasts appear in disease and injury states. aw, airway; bv, blood vessel; AT2, alveolar 
epithelium type 2
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fluorescence-activated cell sorting (FACS) was used to purify the AT2 cells and 
Pdgfra+ fibroblasts expressing a GFP reporter inserted into the endogenous Pdgfra 
gene. When cocultured in an ECM-rich gel (commercially known as Matrigel), the 
AT2 cells will form organoids (discussed in more detail in later section) but grow 
best in the presence of Pdgfra-positive fibroblasts [28]. These data show the utility 
of genetic mouse models to isolate and study lung fibroblasts. Furthermore, this 
study demonstrated that lung alveolar fibroblasts can serve as a niche cell by 
employing the ex vivo organoid model system.

Subsequent studies using scRNA-seq revealed that Pdgfra-positive fibroblasts 
consist of Wnt-responsive and Wnt2-expressing cell types. These fibroblasts were 
isolated for functional tests using either a Wnt-responsive reporter (Axin2 promoter 
driven) or Wnt2 reporter [15]. In the alveolar organoid model, Wnt-responsive 
(Axin2+) Pdgfra+ fibroblasts supported the growth of the AT2 organoids and, there-
fore, were named mesenchymal alveolar niche cell (MANC). This MANC was 
uniquely enriched in growth factors and cytokines, such as Fgf7, IL-6, Fstl1, and 
Grem2, that were sufficient to enhance organoid growth [15]. Importantly, condi-
tional knockouts of Bmpr1a in AT2 cells or of Wnt ligand secretion in Pdgfra- 
positive cells lead to impaired alveolar epithelial repair in  vivo [29, 30]. Taken 
together, these studies indicate that alveolar Pdgfra-expressing fibroblasts consist of 
two distinct subsets with unique abilities and proximity to alveolar epithelial 
progenitors.

Though there are several names used to denote these fibroblasts and their unique 
abilities (alveolar niche cell, AT2 associated cells, adventitial/alveolar fibroblasts), 
a recent consensus published from the National Heart, Lung, and Blood Institute 
(NHLBI)-funded LungMAP consortium outlined all the known cell types in the 
lung, marker genes used for their identification across datasets, and experimentally 
validated functions [31]. The Pdgfra-positive fibroblasts, according to the LungMAP 
consensus, are referred to as alveolar fibroblast 1 (AF1) and AF2. The AT2- 
supporting MANC is enriched in marker genes corresponding to the AF2 fibroblast, 
and the Wnt2+ cells have overlapping gene signatures with the AF1 fibroblast 
(Fig. 8.1).

8.3.2  Platelet-Derived Growth Factor Beta 
(PDGFRβ)-Expressing Pericytes

The Pdgfrb-expressing fibroblast subtype, referred to as a pericyte, has transcrip-
tional and spatial similarities to VSM. The general definition of the pericyte is a cell 
that is embedded within the vascular basement membrane [32, 33]. Much of what is 
understood about pericyte biology and function has been derived from developmen-
tal studies and injury models in different organs [34]. A canonical marker for peri-
cytes is Pdgfrb, and its ligand, Pdgfb, is primarily expressed in endothelial cells 
[35]. Embryonic developments in Pdgfrb or Pdgfb knockout mice exhibit reduced 
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mesenchymal proliferation and impaired VSM differentiation, resulting in large 
vessel dilation [36]. These studies suggest that VSM and pericytes function to con-
trol the tone and constriction of vessels and capillaries. However, the function of 
lung pericytes remains poorly characterized.

A major focus of the research conducted on lung pericytes has been on their 
capacity to differentiate into myofibroblasts in mouse models of lung fibrosis. It was 
shown that fibroblasts expressing Foxd1 (a marker for pericytes as well as other 
fibroblasts) can differentiate into damage-induced myofibroblasts in  vivo [37]. 
Recently, it was shown that Pdgfrb-expressing pericytes generate a significant 
amount of myofibroblasts [38]. Similar findings were generated previously using 
lineage tracing of Axin2-positive Wnt-responsive cells [15]. However, conflicting 
results were obtained using a restrictive pericyte marker, Cspg4 (NG2) [39]. This 
study showed that very few of these cells differentiate into myofibroblasts. Although 
these data suggest a possible role for pericytes in generating myofibroblasts in 
injury models, future studies and more specific lineage-tracing tools will be needed 
to clarify contradictory results.

8.3.3  Airway and Vascular Smooth Muscle (ASM and VSM)

The large airways and vessels of the lung are wrapped in contractile smooth muscle. 
Consistent with their contractile properties, the ASM and VSM can constrain the 
luminal size of the airways and vessels and thereby regulate air and blood flow in 
and out of the lungs. Recent work demonstrated that ASM is also an important 
source of signals for the proper repair of the airway epithelium [16, 40, 41]. The 
airway epithelium harbors progenitors, basal cells and club cells, that proliferate in 
response to injury and regenerate lost basal, club, and ciliated cell types. Mouse 
reporter lines demonstrated that Wnt signaling is critical for epithelial repair. After 
injury, Wnt signaling in ASM promotes the production of growth factors such as 
Fgf10, which signals to the adjacent epithelial progenitors [40]. This was further 
demonstrated by targeted ablation of Lgr6+ ASM, which impaired epithelial repair 
after chemical injury [16].

8.4  Other Fibroblast Subtypes

8.4.1  Developmental Secondary Crest Myofibroblasts (SCMF)

The late embryonic stages of lung development prior to birth and proceeding into 
early postnatal life are critical for the transition to breathing air. During these stages, 
the alveoli form and mature, specifying and differentiating alveolar cell types, 
including fibroblasts. Alveolar development includes formation of alveolar septal 
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ridges and juxtaposition of capillary endothelium with thin AT1 epithelium. The 
formation of septal ridges is driven by poorly understood processes in the endothe-
lium and mesenchyme. In the mesenchyme, alveolar secondary crest myofibroblasts 
(SCMF) arise in response to epithelial-produced Shh and Pdgf ligands [17, 42–44]. 
The SCMFs have the unique capacity among other alveolar fibroblasts to exert 
force, demonstrating their active role in the sculpting of alveolar septa. Traction 
force microscopy of purified SCMFs measured greater traction force exertion than 
by non-SCMF Pdgfra+ fibroblasts [17]. Moreover, deletion of the myosin light 
chain kinase in Pdgfra-expressing fibroblasts, including SCMFs, reduced alveolar 
septa formation, thus demonstrating their contractile function in vivo [45]. Unlike 
other fibroblast subsets, the SCMF is a transient lineage with peak abundance in the 
first 7–10 days of postnatal life, followed by significant decline via apoptosis 
[17, 46].

8.4.2  Fibrotic Disease-Associated Myofibroblasts (MyoF)

Fibroblasts have well-documented activities in the wound-healing response. Upon 
tissue damage, resident fibroblasts proliferate and produce matrix-degrading 
enzymes, including MMP and ADAMTS family members. ECM degradation facili-
tates the influx of inflammatory cells. Fibroblasts are also an important source of 
ECM, including collagens. Excessive ECM production and apoptosis of the acti-
vated fibroblasts results in the formation of a scar. In the lung, excessive ECM pro-
duction and stiffening of the alveolar region results in deleterious fibrosis, which 
impairs lung function. The fibroblasts associated with fibrotic lung disease are 
termed myofibroblasts. Historically, the myofibroblasts are identified by their 
expression of alpha-smooth muscle actin (aSMA) using standard histological tech-
niques. The myofibroblasts are thought to also be the main producers of excessive 
collagen. However, new mouse models and single-cell RNA sequencing have indi-
cated that multiple fibroblast populations may contribute to fibrosis and the scar-like 
lesions that can persist in the distal portion of the lung.

8.5  Bioengineering Approaches to Characterize Complex 
Fibroblast Behaviors

Modeling fibroblast behaviors ex  vivo can isolate variables that are difficult to 
manipulate in  vivo. Ex vivo modeling allows real-time access to developmental 
processes and disease progression and experimentation on human tissue that cannot 
be performed in vivo. Multiple ex vivo models of lung development and disease 
enable characterization of complex fibroblast behaviors (Fig. 8.2).
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Fig. 8.2 Ex vivo modeling of the lung mesenchyme. Organoids self-assemble from AT2 cells or 
other progenitors into AT2 and AT1 epithelial cells with mesenchymal support. Support of alveolar 
epithelial growth and differentiation in organoids can be tested across mesenchymal lineages or 
disease states, ECM components, and pharmacological intervention. Lung-on-a-chip seeds epithe-
lial and endothelial cells on either side of a stretchable porous membrane with an air-liquid inter-
face to model physiological environmental forces. Fibroblasts from different lineages or disease 
states can be added, as can immune cells, for experiments on barrier function, cell metabolism, 
immune responses, and drug screening. Acellular lung scaffolds are the biophysical architecture 
remaining after removing cells from lung tissue. The scaffolds can come from healthy or fibrotic 
lungs and can be reseeded with cells from specific lineages or disease states to test cell-ECM 
interactions

8.5.1  Organoids to Model 
Mesenchymal-Epithelial Interactions

Lung organoids are self-assembling 3D structures of the lung epithelium, usually 
with support from mesenchymal cells and embedded in a matrix, such as Matrigel. 
Organoids model aspects of lung biology, such as intercellular interactions, effects 
of biochemical and biophysical cues, and etiology of lung diseases. Therapeutic 
targets can be identified and tested in organoids, which allow ex vivo modeling of 
human alveoli unachievable in 2D culture.

Organoids model two key steps of lung epithelial repair, progenitor proliferation 
and differentiation. Alveolar organoids are characterized by AT2 proliferation and 
differentiation into AT1 cells. AT2 cells can be isolated from adult lungs or can be 
induced from bronchioalveolar stem cells (BASCs) and HopX+ AT1 cells [47]. AT2 
cells can also be differentiated from fetal tissue progenitors [48] or pluripotent stem 
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cells (PSC) [49]. Organoid mesenchyme provides molecular signals to the epithe-
lium [15, 28, 29, 50].

Comparing distinct mesenchymal populations in organoid culture can identify 
their specific contributions to epithelial growth. Pdgfra+ mesenchyme was identi-
fied as a stromal support for AT2 organoid growth and differentiation [28]. AF2s (or 
MANCs), the Wnt-responsive Pdgfra+ alveolar niche cells that are closely associ-
ated with AT2 in vivo, promote alveolar organoid formation, growth, and AT1 dif-
ferentiation through expression of IL-6, Fgf7, and Bmp antagonists [15]. Alveolar 
mesenchymal cells expressing Lgr5 support self-renewal of AT2 cells in organoids 
through Wnt signaling and promote alveolar differentiation of club cells [16]. Lgr6+ 
airway mesenchyme supports club cell differentiation into both bronchiolar and 
alveolar lineages through expression of Fgf10 and reduced Wnt signaling [16]. 
Gli1+ mesenchyme expresses Bmp antagonists that oppose AT2 specification from 
epithelial progenitors [51]. Human IPF lung mesenchyme expressing BMP antago-
nists or TGFB1 promotes transdifferentiation of AT2 cells into Krt5+ cells charac-
teristic of metaplasia in fibrotic regions [52].

Organoids can model the relative contributions of mesenchyme and epithelium 
to human disease. PSC-derived lung bud organoids cultured for 170 days resemble 
the sacculation stage of lung development, with distal tips expressing AT2 markers 
and associating with mesenchyme. Modeling Hermansky-Pudlak syndrome (HPS) 
by deleting the HPS1 gene demonstrated that profibrotic changes can begin during 
lung development. Organoid modeling revealed that mutant epithelium can trans-
form wild-type mesenchyme through expression of IL-11, a novel putative target 
[53, 54].

Lung fibroblasts sense and exert mechanical forces that influence lung develop-
ment, repair, and fibrosis. Cross talk between fibroblast contractility and lung epi-
thelium can be modeled with organoids. Fibroblast contractility and the 
mechanoresponsive transcription factor YAP are required for distal epithelial tubes 
to grow out of bronchiolar organoids [55]. The lung epithelium also influences 
fibroblast behavior, decreasing contractility and attenuating profibrotic proliferation 
and collagen deposition [56]. Forces can also be exerted on lung organoids through 
the 3D matrix. Respiratory forces that influence alveolar development are modeled 
by cyclic stretch, increasing expression of the myofibroblast marker aSMA in lung 
fibroblasts isolated during alveologenesis [57].

Engineered 3D matrices can isolate biochemical and biophysical cues, pattern 
tissue shape, and allow growth. Synthetic hydrogels modified with ECM compo-
nents decouple physical properties, such as stiffness and viscoelasticity, from bio-
chemical cues, such as growth factors and adhesion molecule binding sites. 
Microfabrication into specific geometries or patterns can guide tissue organization. 
Organoid growth over time can be accommodated with biodegradable elements, 
such as reversible cross-links or MMP recognition sites, or with a pore size that 
allows tissue invasion and morphogenesis [58, 59].
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8.5.2  Lung-on-a-Chip to Model Human Lung Architecture 
and Environmental Forces

Lung-on-a-chip technology aims to model human lung biology ex vivo using an 
engineered microfluidic device with human lung epithelium and endothelium on 
either side of porous membrane. The epithelium is exposed to air, and liquid culture 
medium continuously flows through the endothelial “vessel,” aiming to mimic 
physiological tissue architecture and environmental conditions. Microfluidics allow 
addition of pharmacological agents for drug screening, pathogens and immune cells 
for disease modeling, and metabolic assessment of spent media. Chips are optically 
clear for live imaging and made of a flexible polymer to allow physiological stretch 
provided by lateral vacuum channels [60]. Lung-on-a-chip can mimic the mechani-
cal forces of breathing, leading to findings that chip models of edema, immune 
responses to infection, and nebulized nanoparticle infiltration into the vasculature 
are sensitive to cyclic strain [60–62]. A limitation of these studies is the use of cell 
lines that may not recapitulate in vivo physiology, but subsequent studies have used 
primary cells [62–64]. Recent efforts to improve alveolar chips incorporate 3D 
architecture resembling the geometry of the alveolus to better model 3D physiologi-
cal stretch and nonlinear airflow [63, 65].

Most lung-on-a-chip models do not incorporate mesenchyme, and alveolar chip 
models still lack incorporation of alveolar fibroblasts and their influence in alveolar 
biology. Fibroblasts and smooth muscle have been added in airway-on-a-chip mod-
els as an intermediate layer between epithelial and endothelial layers [64, 66]. 
Another model incorporated fibroblasts in the endothelial channel, with IPF or nor-
mal lung fibroblasts seeded in additional channels to compare their effects on the 
airway epithelium [67]. Mesenchymal populations can be compared for their effects 
on the epithelium, endothelium, and immune response [68].

8.5.3  Acellular Tissue Scaffolds to Model Fibroblast 
and ECM Interactions

Acellular lung tissue scaffolds are created by removing cells from a whole organ, 
resected tissue, or precision-cut sections up to 500um thick. Tissue scaffolds pre-
serve the ECM and tissue architecture that provide biochemical and biophysical 
cues to cells. They provide a 3D culture system for modeling interactions between 
ECM and fibroblast behaviors that avoid artifacts of 2D culture, such as altered cell 
morphology, mechanotransduction, adhesion, and migration. The microenviron-
ment of acellular lung scaffolds determines the shape, migration, and proliferation 
of immortalized mouse lung fibroblasts, differing across lung regions and distinct 
from 2D culture [69].

The pathogenic contributions of tissue matrix and cell-intrinsic behaviors can be 
modeled by combining cells and scaffolds from patient and control lungs [70–72]. 
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Fibrotic acellular lungs maintain disease-specific characteristics and promote myo-
fibroblast differentiation when reseeded with healthy lung fibroblasts [71]. 
Alternatively, healthy fibroblasts and scaffolds can be treated with fibrosis- 
associated factors to determine their contribution to fibrosis and identify targets for 
therapeutic intervention [73].

ECM can be extracted from acellular scaffolds to avoid cellular contamination. 
ECM from healthy and fibrotic lungs can be extracted and analyzed by mass spec-
trometry to identify disease-associated components [71]. Extracted ECM can coat 
culture dishes for in vitro study of its biochemical cues or be mixed with hydrogels 
of varying stiffness to determine the relative contributions of biochemical and bio-
physical cues on cell behavior, such as myofibroblast transformation characteristic 
of fibrosis [74].

Each approach to modeling complex fibroblast behavior ex vivo has unique fea-
tures. Organoids model epithelial proliferation and differentiation, epithelial- 
mesenchymal interactions, comparisons of fibroblast lineages or disease state, 
contributions of additional cell types, mechanotransduction, and matrix-fibroblast 
interactions. Lung-on-a-chip matures the epithelium in an air-liquid interface, 
allowing investigation of barrier function and gas exchange. Lung-on-a-chip also 
models respiratory forces, vascular interactions with airways, and can model infec-
tions and edema. However, chip models lag in incorporation of the mesenchyme. 
Acellular lung scaffolds model fibroblast interactions with matrix composition and 
architecture. The relative contributions of cells and scaffolds to disease phenotypes 
can be modeled using healthy fibroblasts in disease-specific scaffolds and vice 
versa. These model systems continue to develop, borrowing features from each 
other to increase complexity and control.

8.6  Targeting Fibroblasts with Nanoparticles as Strategy 
for Intervention

Nanoparticles are engineered particles with a diameter of less than 100nm, whose 
size, shape, and surface features allow physical interactions with biomolecules. 
Their high surface area-to-mass ratio exponentially increases as particle diameter 
decreases, increasing tissue exposure to therapeutic agents. Nanoparticles can be 
loaded with hydrophobic and hydrophilic compounds, peptides, and nucleic acids 
and can be directed to specific cell types by incorporating ligands or antibodies. 
Inhaled nanoparticles are prepared as liquid solutions, suspensions, or dry powder, 
which can be aerosolized and delivered to the lungs by nebulizers or inhalers. 
Inhaled nanoparticle delivery to the lung concentrates the therapy locally, allowing 
lower overall dosage than systemic delivery [75–77].

Alveolar fibroblasts are not directly exposed to inhaled or intravascular delivery: 
they must be reached through an epithelial or endothelial barrier (Fig. 8.3). Potential 
mechanisms for reaching alveolar fibroblasts with inhaled nanoparticles include 
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Fig. 8.3 Nanoparticle delivery to lung fibroblasts. Nanoparticles must reach alveolar fibroblasts or 
myofibroblasts by migration across the epithelial or endothelial barrier. Fibroblasts may be more 
directly accessible to nanoparticle delivery in an injury or disease state that compromises these 
barriers. NP, nanoparticle; AT1, alveolar epithelium type 1; AT2, alveolar epithelium type 2

transepithelial migration or deposition onto injured tissue denuded of the epithelium 
[78]. Intravascular delivery of nanoparticles is possible to lung tumors with perme-
able vasculature [79], and leaky vasculature in injured tissue may enable delivery to 
fibroblasts [78, 80].

Pulmonary fibroblasts can internalize nanoparticles in  vitro, but evidence for 
in vivo targeting is indirect. Isolated IPF lung fibroblasts internalized glycol chito-
san nanoparticles by macropinocytosis, a form of endocytosis. Uptake was increased 
by culturing the fibroblasts on collagen, suggesting relative specificity for fibrotic 
lesions high in collagen content [81]. Fibroblasts expressing the surface receptor 
CD44 internalized liposome nanoparticles  incorporating a CD44 ligand, while 
CD44-negative fibroblasts did not [82]. Several studies used nanoparticles carrying 
antifibrotic agents to attenuate fibrosis in vivo in animal models. These studies dem-
onstrated efficacy against myofibroblast transformation in isolated lung fibroblasts 
in  vitro and reduced fibrosis in  vivo. However, they did not identify target cells 
in vivo and lack direct evidence for uptake by fibroblasts [83–85]. Identifying where 
nanoparticles localize in  vivo is also important for toxicology, because inhaled 
nanoparticles can cause profibrotic inflammation and fibrosis in the lung and can 
also translocate and accumulate in other organs [76, 86, 87].

8 Engineering and Modeling the Lung Mesenchyme



150

8.7  Conclusion

Recent technological advances revealed fibroblast population heterogeneity with 
distinct functions in vivo. Single-cell RNA-seq allows identification of populations 
by gene expression, such as Pdgfra+ and Pdgfrb+ mesenchyme, smooth muscle and 
myofibroblast subpopulations, and SCMFs. In vivo studies of computationally- 
identified mesenchymal populations validated their unique biological functions in 
normal, fibrotic, or developing lungs.

Fibroblast population function is further characterized using bioengineered 
ex vivo models to isolate variables and also analyze human tissue. Ex vivo modeling 
probes interactions with other fibroblast lineages, epithelium, or ECM and allows 
comparisons of fibroblast lineages or disease states. These studies identify and test 
targets for therapeutic intervention.

Therapeutic nanoparticles can target lung fibroblasts and alleviate rodent models 
of fibrosis, but in vivo specificity and safety need to be addressed. Nanoparticle 
features determine deposition, clearance, and cell targeting, and they can be loaded 
with antifibrotic agents or mRNA.  Fibroblasts in healthy lungs are not surface 
accessible to inhalation or IV delivery, but migration across the epithelial barrier 
and impaired barrier function due to injury or disease are potential access points.
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Chapter 9
Engineering Dynamic 3D Models of Lung

Rachel Blomberg, Rukshika S. Hewawasam, Predrag Šerbedžija, 
Kamiel Saleh, Thomas Caracena, and Chelsea M. Magin

9.1  Introduction

The lung parenchyma comprises the anatomical structures necessary for gas 
exchange, most notably alveoli, which are bundled together into acinar structures, 
and surrounded by pulmonary capillaries. The cells that comprise these functional 
tissue units reside upon or within an interwoven extracellular matrix (ECM) [95]. 
Alveoli are created by two cell types, alveolar epithelial type 1 (AT1) cells, which 
comprise most of the surface area for gas exchange, and alveolar epithelial type 2 
(AT2) cells, which secrete protective surfactant and are capable of transdifferentiat-
ing into AT1 cells in case of injury. Resident immune and inflammatory cells, par-
ticularly macrophages, patrol the air-exposed apical surface of alveoli to eliminate 
any inhaled pathogens or particulates. The major cell types of the lung and their 
relative orientations were originally determined by cellular morphology and stain-
ing in cross-sections, and modern research continues to add to our understanding 
and defining of cell subsets through sophisticated methods such as single-cell 
sequencing, which has begun to unveil even more specialized cell subtypes within 
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each of the broader historical categories, such as AT2 cells more likely dedicated to 
surfactant production relative to those with more regenerative and stem-cell like 
signaling [144]. At the minimal gas-exchange surfaces, alveolar epithelial cells 
share a basement membrane with pulmonary endothelial cells, creating a thin bar-
rier layer for gas diffusion [152]. Yet across much of the parenchyma, this barrier 
also includes a thicker interstitial layer containing ECM—largely comprised of 
fibrous collagens, elastin, and glycosaminoglycans—along with the mesenchymal 
cells that synthesize and maintain this network [139, 152]. The interstitial ECM is 
as critical as the cellular components, as it provides not only biochemical cues for 
cell growth and behaviors, but also physical support and biomechanical cues 
(Fig. 9.1).

The parenchymal ECM is central to maintaining lung homeostasis and changes 
significantly during pathogenesis of several common lung diseases. One possible 
initiating event for idiopathic pulmonary fibrosis (IPF) is injury to the alveolar epi-
thelium, which results in the release of factors such as transforming growth factor 
beta (TGFβ) that activate mesenchymal fibroblasts in a wound-healing response. If 
this response does not resolve naturally, activated fibroblasts will continue to syn-
thesize dense ECM, which in turn promotes fibroblast activation in a positive feed-
back loop ultimately resulting in a prolonged fibroinflammatory response and lung 
stiffening [156]. Conversely, pulmonary emphysema—often a symptom of chronic 
obstructive pulmonary disease (COPD)—results from destruction of elastin fibers 

Fig. 9.1 Cellular and extracellular components of the lung parenchyma. As the primary site for 
gas exchange in the lung, the parenchyma contains a variety of cell types to form and maintain 
alveolar and capillary structures. In addition, the parenchymal ECM provides both structural 
support and chemical cues to inform cellular behavior
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in the parenchymal ECM, most classically by overexpression of proteases by alveolar 
macrophages. The destruction of supportive ECM leads to breakdown of alveolar 
walls, widening of airspaces, and impaired gas exchange [62]. These contrasting 
disease states highlight the critical role of carefully maintained parenchymal ECM 
to overall lung health. Since ECM plays such a key role in maintenance of lung 
health or development of disease, it is critical to incorporate ECM elements into 
engineered models of lung, since cells growing without the natural cues provided by 
ECM will behave very differently than they do in vivo [110].

Lung architecture is also critical to cell behavior. Much of what we know about 
the specific geometries and structures of the parenchyma comes from stereology, 
which is a technique for calculating three dimensional (3D) values from two dimen-
sional (2D) cross-sections [106]. For example, Ochs et  al. used a stereological 
approach to estimate the number and size of alveoli in human lung. By counting 
both alveolar openings and connection points between alveolar walls in adjacent 
tissue sections, they were able to build a 3D model of parenchymal tissue and thus 
determine that the average size of a single alveolus is 4.2 × 106 μm3, and that the 
average lung contains approximately 480 × 106 alveoli. They also noted that larger 
lungs—typically male—contained more, rather than larger, alveoli [107]. Tissue 
geometry plays a critical role in lung development as well as cellular differentiation 
and behavior. During development, the local geometry of lung buds can affect the 
intracellular tension and access of growth factors to individual cells, which may act 
together to determine local proliferation and ultimately branch patterns within the 
lung [39, 101]. Geometry can also help determine cell fate; lung progenitor cells 
cultured in narrow tubes tend to develop more mature distal epithelial cell marker 
than those cultured in large tubes or on flat surfaces [135]. Similarly, AT2 cells 
encapsulated in a hydrogel patterned to mimic alveolar clusters will transdifferenti-
ate into AT1-like cells with unique spatial patterning of differentiation based on the 
number of alveoli in the cluster [70]. The curvature of a surface cells grown upon 
can strongly affect intracellular tension and polarity, resulting in differences in pro-
liferation and migration, patterns which can be different depending on cell type 
[8, 18]. For example, epithelial cells grown inside tubes tend to form monolayer 
sheets perpendicular to the surface curvature, reflective of their physiological role in 
barrier formation, while fibroblasts align parallel to the curvature and exhibit motil-
ity along straight tracks [18]. These examples also highlight the relationship between 
tissue geometry and biomechanics.

Various biomechanical parameters are essential to lung parenchyma function, 
and it is thus becoming increasingly recognized that any research models of lung 
tissue must account for these biomechanics. Respiration creates recurring cyclic 
stretch that influences the entire organ. In alveoli, normal tidal breathing causes 
linear distention up to 5%, while forced inflation can increase linear distention up to 
40% [122]. On a cellular level, these constant cyclic deformations can alter the 
conformation of integrins, ion channels, or cytoskeletal components, and thus 
change intracellular signaling [118]. The alveolar barrier experiences shear forces 
created by airflow along one side and fluid flow along the other at an air-liquid inter-
face at the cellular level, which helps externally regulate nutrient availability or 
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exposure to pollutants, and internally regulate cell polarization [160]. The ECM 
provides a highly regulated stiffness to support three-dimensional structures in a 
parenchyma, and elasticity to manage the constant stretch associated with breathing 
[139, 140]. As mentioned above, increased ECM deposition during IPF results in a 
positive feedback loop of fibroblast activation; a critical part of this activation loop 
is enhanced mechanosignaling in fibroblasts induced by increased tissue stiffness 
[156]. There are various methods for measuring biomechanical parameters in the 
lung. Whole-lung analysis can be performed via spirometry and ventilation, yield-
ing measurements such as total lung volume or elasticity [111]. Yet these whole- 
lung measurements are not always reflective of the local conditions any given cell 
within the lung senses [111, 140]. More regional measurements can be made on 
isolated tissue strips or slices, such as atomic force microscopy or rheology to study 
elastic modulus, or calculation of a stress-strain curve by application of tensile 
force [140].

While we have learned much about lung health and disease from classical model 
systems, there are also weaknesses in these methodologies, making it critical to 
engineer more sophisticated models of lung tissue to study interactions and path-
ways that classical models are not well suited to explore. Animal models have the 
benefit of containing all the various cellular, extracellular, and biomechanical com-
ponents that might be relevant to any given phenotype, and yet because of that it can 
be extremely difficult to disentangle key mechanisms from the overall environment. 
Reductionist in vitro models can provide this clarity, yet traditional cell culture—in 
monolayers on hard plastic and immersed in static media—fails to recapitulate criti-
cal environmental parameters. While some modifications, such as culture in tran-
swell inserts to create an air-liquid interface, can begin to mimic the parenchymal 
environment, generally much more sophisticated modeling is required to address 
complex, multicellular, and/or biomechanically driven phenotypes [5]. This chapter 
highlights a diverse array of engineered model systems used in parenchymal 
research to mimic the ECM, build lung geometry, and incorporate dynamic mechan-
ical forces, along with opportunities to improve our ability to recapitulate complex 
in vivo aspects of pulmonary tissues in vitro (Fig. 9.2).

9.2  Building the Extracellular Microenvironment

Ensuring that cells grown in vitro faithfully recapitulate the behavior of cells in vivo 
requires a microenvironment that replicates the ECM. ECM is comprised of a com-
plex network of proteins, proteoglycans, and glycosaminoglycans that provides 
both structural support to the tissue as well as being a source of extracellular signal-
ing moieties and mechanosignaling cues [139]. Key structural components of the 
lung ECM include the fibrillar collagens 1 and 3, elastin, fibronectin, and basement 
membrane components such as laminin and non-fibrillar collagens. Many of these 
molecules contain binding sites for cell-surface receptors, especially integrins, 
which also allows them to directly influence cell signaling. For example, AT2 cells 
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Fig. 9.2 Bioengineering strategies for modeling the lung parenchyma. Multiple complementary 
methods exist for modeling varying aspects of distal lung tissue, including biomaterials which 
recapitulate the ECM, various 3D cell culture systems that mimic alveolar geometry, whole tissue 
explants, and multi-layer lung-on-a-chip devices which recreate the gas exchange barrier

cultured on a predominantly collagen/fibronectin matrix tend to transdifferentiate 
into AT1 cells, while culture with laminin-5 preserves AT2 cell phenotype [60]. 
Associated with these structural ECM components are a variety of growth factors 
and signaling molecules, such as TGFβ and thrombospondin 1, which can bind both 
to structural ECM and to cells, thus regulating their activity [96]. In terms of biome-
chanics, increases in the accumulation of ECM components, or changes to overall 
composition can increase tissue stiffness. Healthy human lung has an elastic modu-
lus in the range of 1–5 kPa, while diseases such as fibrosis can increase the modulus 
to 10 kPa and above [31]. Such changes can alter the conformation of signaling 
molecules and thus increase cellular mechanosignaling, resulting in increased pro-
liferation and/or cellular activation [139]. In this way, the ECM is a critical provider 
of both structure and signaling in tissues, and therefore modeling the pulmonary 
ECM in cell culture systems is a critical first step to modeling lung parenchyma, and 
can be accomplished by incorporating a diverse array of biomaterials into in vitro 
systems.
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9.2.1  Biomaterials

Every modern cell culture system from a Petri dish to a functional tissue mimic can 
be classified as a biomaterial, i.e., any material intended to interface with biological 
systems to evaluate, treat, augment, or replace any tissue, organ, or function of the 
body [155]. Given the complex and wide range of biomaterials, these substrates are 
often categorized based on their origin: natural or synthetic.

Naturally derived biomaterials include decellularized organs, precision-cut tis-
sue slices, decellularized ECM (dECM) as well as specific proteins and polysac-
charides. Natural biomaterials are advantageous for modeling lung parenchyma 
because these materials can maintain the complex pulmonary microarchitecture and 
exhibit high bioactivity due to the presence of specific protein binding sites, which 
influence cellular adhesion and function. Natural biomaterials can be derived from 
living organisms, and thus tend to be readily abundant and available. Proteins such 
as elastin and collagens that are found in the lung can participate in quaternary pro-
tein associations, which enable self-assembly into 3D structures capable of support-
ing cell culture [55]. Polysaccharides, such as hyaluronic acid and alginates, can be 
modified to form hydrogels, crosslinked polymer networks which absorb water in 
amounts similar to human tissue. These materials have somewhat adjustable 
mechanical properties [108, 128] and support cell growth. Despite these advan-
tages, natural polymeric biomaterials that form through self-assembly present engi-
neering challenges. These materials do not offer researchers precise control over the 
mechanical properties or the degradation rate of the microenvironment. The major 
drawback of natural biomaterials, therefore, is that these materials are not condu-
cive to controlled modification, systematic testing, and iterative improvement [97].

Synthetic biomaterials, which are prepared through organic chemical reactions, 
can be engineered to have specific mechanical properties, chemical composition, 
and rate of degradation. These material properties can be independently tuned, sys-
tematically tested, and adjusted to optimize the cell culture microenvironment. The 
major weakness of synthetic biomaterials is the lack of endogenous cellular adhe-
sion properties and thus relatively low bioactivity. Short peptide sequences that 
mimic cell-binding regions of ECM proteins are often added to these materials to 
overcome this limitation. Synthetic biomaterials can be engineered to degrade 
through hydrolysis, i.e., exposure to an aqueous environment such as cell culture 
medium, by selecting specific polymer backbone sequences and side groups. These 
materials can also be made degradable by enzymes that encapsulated cells secrete 
via crosslinking with peptide sequences that are degradable by specific matrix 
metalloproteinases (MMPs) [57, 119]. Synthetic polymers commonly used in pul-
monary research include polyacrylamide, poly(dimethylsiloxane) (PDMS), and 
polyethylene glycol (PEG).

Combining natural materials with synthetic polymers to fabricate hybrid- 
hydrogels is a promising way to facilitate control over biomaterial mechanical prop-
erties and maintain bioactivity. Engineering approaches for modeling the pulmonary 
ECM in  vitro encompass a variety of biomaterial-based approaches from 
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decellularizing whole organs for use in culture to synthesizing polymers that are 
biologically inert, but which can be decorated with cell-adhesive ligands.

9.2.2  Lung Decellularization and Recellularization

As a fully natural biomaterial, tissue-derived ECM can be used for studying cell- 
ECM interactions in parenchymal research through the process of decellularization. 
Physical, chemical, enzymatic, and apoptosis-driven approaches can be used to 
effectively decellularize tissues. Where lung tissue is concerned, most decellulariza-
tion protocols employ a combination of sequential transcardial and intratracheal 
perfusions with detergents (e.g., triton, sodium dodecyl sulfate, sodium deoxycho-
late), osmotic shock agents (e.g., sodium chloride), and enzymatic digestion of 
residual DNA [146, 147]. The outcome is a comprehensive cell lysis and clearance 
of cellular material, leaving behind an intact dECM scaffold consisting largely of 
collagen, elastin, and laminin, which closely recapitulates the molecular composi-
tion, mechanical properties, and architecture of in vivo lung tissue. This scaffold 
can then be either digested further for incorporation into hydrogel-based cell culture 
substrates or repopulated with cells via recellularization to powerfully model both 
cell-ECM and cell-cell interactions, while maintaining the complex 3D lung archi-
tecture. One disadvantage of the decellularization process is the potential for physi-
cal disruption of ECM architecture and compromised basement membrane integrity. 
The degree of disruption depends on detergents used as well as the route and man-
ner of perfusion. Application of a milder detergent such as potassium laureate [105] 
coupled with controlled constant-rate rather than variable perfusion pressure [41] 
can more fully preserve the dECM scaffold architecture. Over the past decade, 
detailed protocols have been published for decellularizing lung tissue from multiple 
species, including mice, pigs, and humans, as well as disease states such as fibrosis 
[17, 146, 153]. Various quality control measures have been described to assess the 
effectiveness and completeness of lung decellularization while keeping the ECM 
architecture intact, including histology, fluorescence microscopy, and quantification 
of residual detergents and DNA using sensitive colorimetric assays [24, 99, 161]. In 
2011, Crapo et al. described a successfully decellularized scaffold as one that exhib-
its <50 ng DNA per mg dry weight by colorimetric DNA assay, no evidence of DNA 
fragments >200 bp by gel electrophoresis, and lack of nuclear staining by histology 
[24]. Importantly, dECM is both physically stable and biologically responsive, 
capable of promoting growth and proliferation of cells used to repopulate the scaf-
fold [26]. Scaffolds can be amenable to cryopreservation [40] or immediate use, 
either for incorporation into in  vitro hydrogel matrix models, or for 
recellularization.

Once decellularized, a dECM scaffold can be recellularized with new resident 
cells of choice. This can be performed to study the interaction between engrafted 
cells and the native ECM that has retained its biophysical properties, but also has 
therapeutic potential, either in repurposing tissue deemed unsuitable for transplant, 
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or possibly in creating xenografts with human cells. Considerable progress has been 
made to date where recellularized lung scaffolds support survival and proliferation 
of mesenchymal stem cells, and even subsequent differentiation into mature lung 
epithelial cells. Lung scaffolds from rats make up the bulk of recellularization 
efforts published to date and examples include intratracheal delivery of mouse alve-
olar epithelial cells [41], human or rat endothelial and adipose-derived stem cells 
[47, 126], amniotic fluid mesenchymal stem cells [148], and human lung cancer 
cells [92]. In these studies, dECM scaffolds were reported to support survival, 
growth, and/or differentiation of repopulating cell populations. For example, a 
decellularized murine lung scaffold was capable of supporting growth of fetal AT2 
cells for 7 days [117]. Similarly, porcine dECM scaffolds supported growth and 
proliferation of several human cell types including fibroblasts, epithelial, and mes-
enchymal stem cells over an entire 1-month period [114]. Recellularization has also 
been performed in human decellularized lung scaffolds, with similar outcomes 
using primary human fibroblasts [15] or mesenchymal stem cells [43]. Stem cells 
are at the forefront of recellularization efforts because of their ability to differentiate 
into mature lung populations and repair tissue. Pioneering studies have demon-
strated successful engrafting, proliferation, and differentiation of stem cells, whether 
the scaffold originated from healthy or diseased lung [11, 73]. Importantly, fibro-
blasts and pericytes used to repopulate scaffolds that originated from IPF lungs 
expressed high levels of fibrotic markers such as alpha-smooth muscle actin [125]. 
Likewise, human fibroblasts used to repopulate a scaffold that originated from 
fibrotic human lung tissue resulted in TGFβ-independent myofibroblast differentia-
tion that was not observed in a healthy matrix, underscoring the importance of the 
interplay between ECM and resident cells in etiology of pulmonary fibrosis [13]. To 
provide more control over the biomechanical properties of dECM, synthetic cross-
linkers can be used to tune the elastic modulus of the scaffold [130]. While regain- 
of- function efforts following recellularization have so far failed to live up to clinical 
significance, initial experiments, albeit far-reaching, have laid the foundations for 
future work.

Decellularized tissues used as grafts to improve wound healing after injury are 
already in use in clinics today [89]. Decellularized lung scaffolds harbor enormous 
potential in regenerative medicine by virtue of recellularization and transplantation 
[150]. With the aim to generate a scaffold suitable for recellularization and future 
clinical lung transplantation, a pioneering study decellularized porcine lung using a 
combination of dextrose, sodium lauryl ether sulfate, and triton X-100. The scaffold 
was reported to have largely intact ECM composition, capable of supporting exog-
enous cells [80]. Taking this a step further, Kitano et al. seeded cadaveric porcine 
decellularized lung scaffolds with human airway epithelial and umbilical vein endo-
thelial cells, then orthotopically transplanted the recellularized scaffold into 3 por-
cine recipients. Engraftment of cells was observed, and amazingly transplant 
perfusion and ventilation were successful, with recorded gas exchange immediately 
following conclusion of transplantation [68]. Although short-lived, this pioneering 
experiment demonstrated the crucial functionality of the recellularized scaffold and 
its potential in organ replacement. While various cell types can adhere to scaffolds, 
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differentiate, and proliferate, full repopulation and especially tissue functionality 
remains very limited [150]. Lung tissue consists of more cell types (e.g., alveolar 
macrophages, basal cells, smooth muscle cells, etc.) than those which have been 
reintroduced in recellularization efforts to date, and optimal arrangements and com-
binations for lung function are poorly understood, while the basement membrane 
integrity remains compromised. Various approaches towards generating chimeric 
lung constructs may overcome some of the current barriers in creating re- cellularized 
lung transplants. Porcine dECM scaffolds are anatomically, mechanically, and bio-
chemically similar enough to human lung to support human cell engraftment and 
thus have potential for hybrid xenotranplantation [104]. More localized decellular-
ization techniques might also be able to create hybrid organs for transplantation. 
Dorello et al. developed a method of airway delivery of decellularization reagents 
that resulted in de-epithelialization of rat lungs, while leaving both basement mem-
brane and vasculature intact. These scaffolds could then be recellularized with 
human lung epithelial cells [34]. In a follow up study, Guenthart et al. performed the 
same local decellularization on human lungs and recellularized with patient-derived 
epithelial and mesenchymal cells to create chimeric organs [43]. Such localized 
decellularization approaches can thus preserve structures, such as vasculature, 
which are difficult to regrow during recellularization, while allowing for the incor-
poration of healthy human epithelium. Overall, great progress has been made in 
recent years and lung replacement via de- and recellularization may be within grasp. 
In addition to these exciting translational results in using dECM as a scaffold for 
recellularization, dECM can also be incorporated into 3D hydrogel-based cell cul-
ture platforms.

9.2.3  dECM Hydrogels

Hydrogels can be engineered to present a specific 3D cell-instructive microenviron-
ment that mimics the physical properties of native tissues and facilitates the diffu-
sion of nutrients and cell-secreted factors [14]. These biomaterials can consist of a 
broad range of natural and/or synthetic polymers, including dECM.  Biomimetic 
hydrogels that incorporate dECM to recapitulate lung tissue matrix are uniquely 
advantageous compared to intact organs because they offer a more controlled envi-
ronment for studying cell-cell and cell-ECM interactions in 3D. In preparation for 
integration into a hydrogel, decellularized scaffolds are commonly lyophilized, 
milled, and acid- or pepsin-digested to increase solubility [116, 123]. This solution 
can then self-assemble into 3D hydrogels with elastic moduli that are dECM con-
centration- and composition-dependent, which support cell adhesion and viability 
[115]. Hydrogels produced with porcine, rat, mouse, and human dECM can support 
growth and proliferation of a variety of resident lung and lung-related cells, includ-
ing fibroblasts [26, 112], mesenchymal stem cells [115], epithelial cell line A549, 
microvascular endothelial cells, umbilical vein epithelial cells [81], and small-cell 
lung cancer cells [64]. Pouliot et al. reported a protocol for fabricating hydrogels 
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derived from porcine lung dECM that supported mesenchymal stem cell culture 
in vitro, but these biomaterials were limited by mechanical properties that did not 
recapitulate values found in healthy or diseased lung tissue (E ~ 30 to 120 Pa) [115]. 
More recently, hydrogels have been successfully produced for the first time with 
dECM from healthy, COPD, and IPF human lung, which were found to reflect the 
stiffness values of native tissue [31]. This ability to mimic disease-modeling poten-
tial of dECM hydrogels represents another venue in pursuit of therapeutic agents for 
treatment of yet incurable lung diseases. Yet a still higher level of control over the 
biophysical microenvironment can be achieved using synthetic or hybrid materials.

9.2.4  Synthetic Hydrogels

Like natural biomaterials, synthetic biomaterials can be used to create cell-culture 
compatible hydrogels. Some of the earliest cell biology studies using hydrogels 
involved culturing cells on top of 2D polyacrylamide hydrogels, functionalized for 
cell attachment by coating with various ECM molecules [65]. For example, Liu 
et al. fabricated polyacrylamide hydrogels, functionalized with collagen 1 to encour-
age cell attachment, with stiffness gradients formed by photopolymerization to 
illustrate the effects of variable stiffness on lung fibroblasts. This study demon-
strated that the low median stiffness of normal murine lung tissue (E = 0.5 kPa) 
strongly reduced fibrotic fibroblast characteristics such as proliferation and migra-
tion and elucidated a novel mechanism whereby matrix stiffening enhances fibro-
blast activation through inhibition of endogenous inflammatory pathways [82]. 
Similarly, Marinković et  al. illustrated that polyacrylamide hydrogels of human 
physiological lung tissue stiffness (E = 1 kPa) reduced the proliferative and contrac-
tile response of IPF fibroblasts [86]. To decouple dECM composition from mechan-
ical properties, Sava et  al. coated polyacrylamide-based hydrogels of modulus 
values ranging from 1.8 kPa to 23.7 kPa with healthy and IPF human-lung dECM 
[125]. The results of these studies demonstrated that changes in alpha-smooth mus-
cle actin (αSMA) expression and organization were mechanosensitive regardless of 
composition [125]. While these experiments were certainly a breakthrough in mod-
eling fibrotic disease in vitro, the same strategy cannot be employed to encapsulate 
cells within 3D matrices to mimic pulmonary tissue architecture and epithelial- 
fibroblast interactions, critical mediators of fibroblast activation [23, 50].

Advances in synthetic hydrogel design have fueled a growing interest in using 
PEG-based hydrogels to create 3D cell-instructive microenvironments that model 
pulmonary tissues. A pivotal study conducted by the Anseth research group demon-
strated that interstitial fibroblasts isolated from heart valve leaflets undergo signifi-
cant changes in gene expression when cultured on 2D PEG-based hydrogels as 
compared to culture within 3D PEG hydrogels. Some of the gene networks affected 
included those involved in cytoskeletal organization and contractility, focal adhe-
sions, TGFβ signaling, and matrix remodeling [83], all of which are critical in pul-
monary fibrosis [121] and must be recapitulated in high-fidelity in vitro models of 
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IPF. PEG hydrogels are biologically inert but can be engineered to exhibit many of 
the same biophysical qualities as the pulmonary ECM, such as high-water content, 
tissue-relevant modulus values, and diffusion of oxygen and other nutrients. PEG- 
based polymers are readily modified using several cytocompatible reactions to 
introduce biochemical moieties to allow for cellular adhesion, signaling, and con-
trolled biodegradation. One attribute of particular interest to control within in vitro 
models of lung homeostasis and disease is biomaterial modulus. Dual-stage polym-
erization systems are an innovative way to recreate heterogeneous dynamic matrix 
stiffening in vitro [44]. Light-induced processes such as photopolymerization and 
photodegradation, temperature, electromagnetic fields, and ultrasound are user- 
controlled stimuli that elicit these dynamic responses [67]. Functional groups can 
be incorporated into the polymer backbone or crosslinker to trigger changes in the 
hydrogel microenvironment. Thiol and acrylate groups are commonly used in 
photo-initiated reactions. For example, Guvendiren et al. implemented one of the 
first protocols for in situ hydrogel stiffening in the presence of cells. A methacry-
lated hyaluronic acid polymer backbone was first reacted off-stoichiometry via 
Michael addition with a short dithiothreitol (DTT) crosslinker to create a soft hydro-
gel (E ~ 3 kPa) for cellular encapsulation. Next, excess methacrylate moieties were 
sequentially crosslinked via light-initiated radical polymerization, increasing the 
stiffness modulus (E ~ 30 kPa) [44].

Thiol-ene and thiol-yne click reactions, such as the one described above, are one 
common way to provide dynamic substrate stiffening with cellular encapsulation 
for 3D culture. Click reactions are generally rapid and require mild reaction condi-
tions, which is ideal for hydrogel formation in the presence of biological materials 
[14]. Thiol-ene reactions proceed following a step-growth mechanism where hydro-
gen abstraction from the thiol by an initiator can form a thiyl radical. Thiyl radicals 
then undergo addition to the alkene species in a stepwise manner. Moreover, the rate 
of the polymerization and polymerization mechanism depends on the choice of the 
alkene molecule. Thiol-ene reactions are generally executed with electron-rich and/
or strained alkenes such as vinyl ethers, acrylates, and norbornenes. By taking 
advantage of the orthogonality of this chemical reactivity to alkene homopolymer-
ization, hydrogels can be engineered to present dynamic scaffolds for recapitulating 
key features of lung anatomy and studying changes in microenvironmental mechan-
ical properties that occur during lung disease progression. Although dynamic syn-
thetic hydrogels are a relatively new tool in pulmonary medicine, these biomaterials 
have been demonstrated to be effective for studying the initiation of fibrosis in other 
tissues. PDMS, PEG, and polyacrylamide hydrogels are commonly used to probe 
fibrosis to understand the mechanobiology of the disease [29]. Sundarakrishnan 
et al., showed mechanical tunability of in vitro culture systems is an important cri-
terion for modeling fibrotic lung disease using mechanically tunable silicone sub-
strates, polyacrylamide, and collagen type I hydrogels to study the effect of matrix 
stiffness on myofibroblast−ECM signaling [141].

To also study dynamic substrate softening, hydrogels can be made from photore-
sponsive polymers containing O-nitrobenzyl ethers or coumarins, which will photo-
degrade at specific wavelengths [67]. This attribute enables researchers to grow 
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cells in initially supraphysiologically stiff microenvironments and investigate cel-
lular and molecular responses that occur when returning the microenvironment to 
physiological levels. A series of studies conducted by the Anseth research group 
demonstrated that interstitial fibroblasts isolated from heart valve leaflets undergo 
significant changes in gene expression when cultured on 2D surfaces that were soft-
ened [69, 151]. Wang et al, utilized the dynamic behavior of photodegradable PEG 
to understand which signals regulate de-activation of myofibroblasts during normal 
tissue repair [151]. Furthermore, a photodegradable monomer/crosslinker was used 
for synthesizing PEG-based dynamic substates to probe the effects of real-time 
microenvironment elasticity modulation on dynamic cellular processes [69]. The 
dynamic mechanical control of these kinds of polymers can be combined with the 
biochemistry of natural biomaterials to create sophisticated hybrid materials.

9.2.5  Hybrid-Hydrogels

Combining natural materials with synthetic polymers to fabricate a hybrid-hydrogel 
capable of 3D cell encapsulation is a promising way to leverage the strengths of 
both natural and synthetic biomaterials (Fig. 9.3). High biological activity, tunable 
mechanical properties, and biostability for tissue engineering applications can be 
achieved with these biomaterials. Of particular importance to lung research are 
hybrid-hydrogels containing dECM and featuring mechanical properties that can be 
adjusted by photoinitiation following hybridization to hyaluronic acid [64], con-
trolled incorporation of naturally occurring crosslinker genipin [81], or crosslinking 
to a synthetic polymer such as PEG α-methacrylate (PEGαMA) [112]. For instance, 
Kosmala et al. demonstrated decreased hydrophobicity and increased cell compati-
bility of poly(ε-caprolactone) (PCL) by aminolysis followed by immobilization of 
gelatin [72]. More recently, a biphasic copolymeric membrane has been developed 
with gelatin and PCL which mimics the microenvironment of alveolar epithelial 
cells with respect to mechanical, biophysical, and bioactive properties [35]. 
Decellularized human IPF ECM was combined with a polyacrylamide hydrogel to 
study the mechanoselective process in IPF by decoupling cellular responses and 
matrix composition. These hydrogels could be mechanically tuned to low 
(E = 1.8 ± 0.5 kPa), medium (E = 4.4 ± 0.5 kPa), or high (E = 23.7 ± 2.3 kPa) stiff-
ness, which recapitulated healthy, transitioning, and fibrotic human lung, respec-
tively [125]. In another study, a clickable porcine dECM crosslinker was incorporated 
into a dynamically responsive PEGαMA hybrid-hydrogel to recreate ECM remod-
eling in  vitro. When exposed to UV light, the initially soft hybrid-hydrogel 
(E = 3.6 kPa) was stiffened to resemble fibrotic lung tissue (E = 13.4 kPa) while 
allowing the matrix to retain the repertoire of cell adhesion proteins and proteogly-
cans found in vivo. This study demonstrated precise spatiotemporal control over 
fibroblast activation in response to changes in microenvironmental mechanical 
properties, as measured by expression patterns of collagen 1 and αSMA [112]. 
Using the same chemistry, dECM from either healthy or bleomycin-injured mouse 

R. Blomberg et al.



167

Fig. 9.3 Crosslinking chemistries for hydrogel fabrication. Natural, synthetic, and hybrid- 
hydrogels can be developed to rely on diverse chemical reactions that give different levels of con-
trol over hydrogel mechanics
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lung was incorporated into both soft (E = 5 kPa) and stiffened (E = 11 kPa) hybrid- 
hydrogels. Fibroblasts cultured on these hybrid-hydrogels showed stronger activa-
tion responses as a result of substratum stiffness than they did due to incorporation 
of dECM from fibrotic tissue, suggesting that ECM mechanics might player a larger 
role than ECM composition in cellular fibrotic activation [124]. PEGαMA hybrid- 
hydrogels display unique material properties, including enhanced mesh size and 
swelling ratios, which could make them highly compatible  with 3D cell culture 
systems [49]. Another hybrid-hydrogel material containing dECM and alginate, a 
natural polymer derived from seaweed, was also used in a 3D bioprinted model of 
human lung airway [32], an advance which could also be used to develop parenchy-
mal models. Overall, hybrid-hydrogels promise to be a powerful tool for replicating 
key biochemical and biophysical cues in the extracellular environment of in vitro 
lung models.

9.3  Constructing Relevant Tissue Geometries

The ECM architecture and spatial relationship between various cell types can 
strongly impact cell signaling and behavior in vivo. For example, fibroblasts cul-
tured within a 3D fibrous network exhibited more responsivity to pro-inflammatory 
factors [54] as well as to anti-fibrotic treatments [88] than those cultured on a 2D 
surface. Proximity between fibroblasts and AT2 cells may affect the generation of 
concentration gradients of soluble factors that are secreted by healthy AT2 cells and 
serve to restrict pathogenic fibroblast activation [37, 143]. Sophisticated models of 
the parenchyma will thus include multiple cell types cultured in a 3D space that 
mimics the geometry of lung tissue, potentially including layered epithelial and 
endothelial cells to mimic the minimal gas-exchange barrier, spherical structures to 
mimic alveolar curvature, and/or encapsulation with mesenchymal cells in an ECM- 
mimetic environment. The goal of replicating native tissue geometry in vitro can be 
accomplished by preserving and culturing whole sections of lung tissue, providing 
an environment conducive to the self-assembly of cellular structures, or micropat-
terning cellular substrates prior to cell seeding.

9.3.1  Precision-Cut Lung Slices

The generation of lung slices for in vitro culture and research is a well-established 
technique [113] but the use of precision-cut lung slices (PCLS) has greatly increased 
in more recent years. PCLS are generated by inflating lung tissue with low-melting 
point agarose, cooling the sample to promote agarose solidification, and then sec-
tioning the tissue on a vibratome [109]. The resultant slices can be cultured in 
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standard tissue culture conditions, under which the agarose washes away and leaves 
behind a 3D section of lung tissue with all the representative cellular and extracel-
lular components of lung tissue present in their native architecture. Since multiple 
PCLS can be generated from one animal or human tissue sample, use of PCLS can 
maximize the utility of tissue samples and reduce biological variability while still 
allowing for the study of complex multicellular interactions that more reductionist 
cell culture approaches do not [4].

The major limitation of PCLS is viability in long-term culture. PCLS retain 
physiological similarities for only 3–7 days [20, 120]. After this time, overall cell 
viability begins to decrease and more readily cultured cell types—such as mesen-
chymal cells—begin to outgrow less resilient types—such as AT2 cells [6]. Any use 
of PCLS, therefore, requires researchers to demonstrate that the slices retain overall 
viability and maintain baseline levels of any relevant cellular phenotypes over the 
course of the experiment. Multiple methods exist for determining overall viability, 
including assaying culture supernatant for metabolites [20, 120], live-dead staining 
[28], or staining for tissue architecture [6]. Methods do exist for prolonging the 
ex  vivo viability of PCLS.  For example, simply increasing slice thickness from 
250  μm to 500  μm can increase the viability of PCLS for several days [120]. 
Embedding PCLS in supportive, biocompatible hydrogels can preserve overall via-
bility and mesenchymal to AT2 cell ratios for a least three weeks in culture [6].

The major advantage of PCLS is the ability to study biological processes that 
depend on multiple cell types, maintenance of lung architecture, and/or involve 
multiple regions of the lung. In studies relevant to lung parenchyma, PCLS from 
fibrotic lungs have been used to screen potential anti-fibrotic drugs or probe relevant 
cell-signaling pathways. PCLS can also be used as a fully ex vivo model of lung 
fibrosis, as treatment of PCLS in culture with various fibrotic instigators, such as 
TGFβ, causes the development of fibrotic phenotypes [56, 66, 76]. Using a fibrotic 
PCLS model, Lehmann et al. demonstrated that the anti-fibrotic drug nintedanib, in 
addition to having direct effects on fibrotic fibroblasts, also reduced pro-fibrotic 
signaling in lung epithelium [76]. In addition to biochemical treatments, exposure 
to nanostructures can also induce fibrotic changes in PCLS, a model which was 
used to compare gene expression changes induced by nanostructures to those caused 
by bleomycin treatment, uncovering potential targets such as Arg1 which may be 
relevant across a broad range of fibrotic etiologies [120]. Similarly, PCLS have been 
used as a model for COPD by treatment with elastase, which acts directly on paren-
chyma through degradation of elastin but resulted in narrowing of airways, demon-
strating the interconnectivity between parenchyma and upper airway in the 
progression of COPD [33]. Recently, tissue-engineered models of lung cancer pre- 
malignancy were created using hydrogel-embedded human PCLS [12].These data 
highlight the potential utility of PCLS, yet even more focused pathway studies can 
be performed using slightly more reductionist cell culture models.
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9.3.2  Organoids

The term organoid has been applied to a broad range of 3D cell culture models, from 
spheroid monocultures that promote the survival and maintenance of sensitive cell 
types [129] to isolated and cultured primary organ fragments [127]. Organoids of 
intermediate complexity can involve co-culture of multiple mature cell types, or 
differentiation of stem cells into a multicellular structure. All these models share an 
emphasis on growing cells in a physiologically relevant geometry and in a manner 
that promotes cell-cell contact. There are also multiple methods available to form 
organoids. Spheroids of robust cell types can be formed by placing cells in a non- 
adhesive environment, such as hanging drop culture, upon which they will self- 
aggregate [98]. More complex geometries, such as luminal or branching structures, 
require embedding cells in more biologically active hydrogel, classically Matrigel 
[129, 142]. The major advantages of using organoids are that they provide a much 
more physiologically relevant environment for cell behavior than classical mono-
layer culture and allow for the study of phenotypes mediated by cell-cell contact. 
Organoid-based differentiation of stem cells into mature lung cell types also allows 
for the study of cells that are otherwise difficult to isolate or maintain, such as AT2 
cells [61].

Organoids have been used to demonstrate some interesting parenchymal pheno-
types. Organoids formed from a combination of epithelial cells, endothelial cells, 
and fibroblasts and subsequently treated with TGFβ showed reduced budding struc-
tures and increased αSMA expression, consistent with observations of lung fibrosis. 
Interestingly, some αSMA expression was observed in epithelial cells, while classic 
epithelial markers showed reduced expression, supporting the idea that epithelial 
cells undergo unique phenotypic changes during fibrosis that might be missed in 
more fibroblast-focused studies [142]. Similarly, genetic deletion of the HSP1 gene 
in human embryonic stem cells resulted in the formation of organoids with increased 
mesenchymal cell markers and endogenous ECM production, providing a potential 
multi-cell type model for lung fibrosis [21]. Organoid co-culture of primary epithe-
lial cells and lung fibroblasts revealed that pre-treating fibroblasts with TGFβ 
impaired the ability of cells to form organoids; in this study the authors used organ-
oid formation as a surrogate for healthy epithelial repair [102]. Similarly, in epithe-
lial cell/fibroblast co-culture, WNT-5A and 5B, factors increased in the lungs of 
COPD patients, inhibited organoid formation, which was again interpreted as 
impairing healthy epithelial repair [157]. Since in other contexts organoid formation 
is used as a surrogate for tumorigenesis, these results do highlight the importance of 
carefully interpreting any results from what is still a very reductionist in vitro system.

Despite these diverse uses and advantages, organoids do have some drawbacks, 
particularly in terms of parenchymal research. Organoid formation largely depends 
on cells’ ability to self-assemble, and this process can be stochastic. Several studies 
report that not all the organoids seeded develop the mature structures most relevant 
to their research questions [75, 102, 129]. Timing is also a factor, since the develop-
ment of more mature structures, e.g., branching, can take months. Lung organoids 
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derived from pluripotent stem cells require an initial differentiation step into endo-
derm, a process which can take days to weeks depending on the complexity of the 
model, followed by maturation and further differentiation into mature lung cell 
types [21, 36, 61], which often takes several months. Use of lung-resident stem cells 
can remove the need for this first differentiation, but then may limit the mature cell 
types present in the organoid; for example, EpCAMhighCD24lowSca-1+ epithelial pro-
genitor cells can give rise to a diverse array of lung epithelial cell types, but not 
mesenchymal or endothelial cells [149]. In addition to development of structures of 
interest, it can take a very long time for differentiated stem cells to begin to display 
mature cell type markers, and even after some markers develop it can be question-
able whether the organoid truly replicates mature lung, or is more reflective of 
developing lung [21]. While this makes stem-cell derived organoids an even more 
powerful tool for developmental studies, it may limit their utility for investigating 
mature parenchyma. Another major limitation across the field is the reliance on 
Matrigel in organoid formation protocols. Matrigel is a basement membrane extract 
from murine cancer cells that, while readily commercially available, may not be 
fully reflective of healthy lung ECM, has extremely high batch-to-batch variability, 
and raises concerns about cross-species interactions when used with human cells [2].

To create robust organoid models of the parenchyma, researchers need to con-
sider what cell types they are starting with, and what cell types those might give rise 
to along the course of the experiment. Different culture substrates and supplements 
might be necessary to induce or maintain particular phenotypes, and there is not 
always consistency across the field in knowing what the best of these supplements 
are. Still, with careful experimental design and interpretation, organoids can pro-
vide a relatively simple but physiologically relevant in vitro lung model, particu-
larly as the field develops more robustly reproducible protocols.

9.3.3  Engineered 3D Hydrogel Constructs

One aspect of lung biology that has been challenging to reproduce in vitro is the 
complex geometry of the alveolar region, an important feature given the close rela-
tionship between form and function in the lung. Recently, cellular organoid systems 
have been combined with hydrogel biomaterials to accurately replicate physiologi-
cal lung microarchitecture in vitro. Hydrogels offer a robust solution to this chal-
lenge because hydrogel solutions can be polymerized into predetermined shapes 
through a variety of processes including molding, emulsification, and 3D printing 
[1, 7, 53]. Recent developments have exemplified the immense potential these tech-
niques possess for accurately modeling physiologic systems [42]. The unique prop-
erties of different polymer backbones make some hydrogel solutions more optimal 
for certain applications than others. For example, thermosensitive polymers are well 
suited to molding and extrusion techniques, while photosensitive polymers are more 
applicable to emulsion or photolithography [7].
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Fig. 9.4 Models for mimicking alveolar geometry. Three strategies for using hydrogel micro-
spheres as a template for 3D cell culture. Lewis et al. used single photodegradable spheres to create 
alveolar cyst structures in an encapsulating hydrogel. Caracena et al. used magnetic aggregation to 
generate acinar structures in an encapsulating hydrogel. Sucre et al. used a bioreactor to promote 
self-assembly of free-floating acinar structures

These techniques have been employed with different hydrogel polymers to cre-
ate complex, multi-faceted cell culture scaffolds (Fig. 9.4). These scaffolds can be 
tailored to specifically mimic the distal lung by controlling the geometric and 
mechanical properties of the hydrogel to mimic those of native lung tissue. An 
emulsification polymerization technique has been used to create photodegradable 
PEG-based microspheres roughly 120 μm in diameter [78]. Lung epithelial cells 
were seeded in a monolayer around these microspheres in one example and then 
encased within a nondegradable hydrogel. Removal of the photodegradable micro-
spheres by exposure to UV light resulted in the formation of alveoli-like cyst struc-
tures [78]. This template was used as the basis for epithelial cell and fibroblast 
co-culture and demonstrated that cancerous epithelial cells enhanced the migration 
and ECM remodeling activity of otherwise healthy fibroblasts, similar to in vivo 
observations [77]. In another study, 160-μm-diameter alginate microbeads were 
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created by an electrostatic droplet generator, functionalized with collagen, and com-
bined with fibroblasts in a rotating bioreactor. Fibroblast binding acted as a bridge 
between microspheres and created an aggregate acinar structure [137]. This model 
was also used with both pluripotent stem cells or multiple mature cell types to gen-
erate micropatterned organoids containing epithelial, endothelial, and mesenchymal 
cells [154]. This study found the 3D geometry of this model to be highly informa-
tive in visualizing the in-vitro morphological changes facilitated by fibroblast- 
mediated ECM remodeling and contraction. To model larger-order acinar structures, 
Caracena et al. used emulsification polymerization to generate 170 μm PEG-based 
microspheres with incorporated magnetic nanoparticles. These microspheres could 
thus be aggregated with primary murine AT2 cells and the resulting acinar structure 
embedded in a fibroblast-studded encapsulated hydrogel. This model demonstrated 
the differentiation of AT2 cells to AT1, with a subpopulation arrested in a transi-
tional state. The fibroblasts in this model displayed enhanced activation phenotype 
when cultured with the primary epithelial cells in a stiff microenvironment, suggest-
ing synergistic effects of cell-cell and cell-matrix interactions in the development of 
fibrotic cellular phenotypes [19]. Models such as these demonstrate that simultane-
ously controlling the geometry, mechanics, and chemical composition of the cell 
culture environment enables the creation of more accurate in vitro tissue models 
than have previously been possible.

9.3.4  3D Bioprinting

Bioprinting is a promising tissue fabrication technology that has developed along-
side advances in traditional additive manufacturing processes [22] and has potential 
to engineer even more sophisticated geometries relevant to the lung parenchyma. It 
operates by depositing cell-laden printing material (often referred to as bioink) layer 
by layer, in an effort to recapitulate complex tissue architecture in 3D [84]. 
Bioprinting has been utilized in the engineering of cardiac tissue to create vascula-
ture models with complex bifurcations and curvature, and to develop biomimetic 
disease models [85, 91]. Additionally, bioprinting has shown promise in printing 
transplantable materials, such as bone, skin, and cartilage [84].

Bioprinting systems fall into four broad categories, each with unique strengths 
and limitations: inkjet, laser-assisted, extrusion bioprinting, and stereolithography. 
Inkjet bioprinting was the first developed bioprinting technology and makes use of 
a bioink cartridge and computer-controlled printer head [145]. The bioink cartridge 
contains a solution of cells and hydrogel pre-polymer, which is fed directly into the 
printer head. As the printer head goes into position, it squeezes out particles of a 
controlled size via the assistance of either a thermal or piezoelectric actuator. These 
systems are relatively cheap to implement and generally have good cell viability 
[25]. However, inkjet printers are not able to print viscous and cell-dense bioinks. 
Laser-assisted printing offers even greater cell viability than the traditional inkjet 
system and works well with viscous materials. In laser-assisted printing, a laser is 
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applied to a metal film, with the bioink solution suspended below. Below this setup 
is a receiving substrate. As the laser pulses against the metal film, spherical particles 
of bioink are generated and captured along the substrate, enabling cell-level printing 
resolution. Despite the advantages of this system, it can be expensive and challeng-
ing to implement. Extrusion printing is a derivative of inkjet printing that has been 
modified to print high viscosity bioinks. Rather than deforming the printer head to 
dispense bioink droplets, extrusion printers apply force (via air pump or plunger) to 
push out cylindrical lines. These printers offer the advantage of printing a larger 
range of materials, but expose cells to significantly greater mechanical stress. As a 
result, cell viability is decreased [94]. Lastly, stereolithography techniques have 
been adapted to support high-resolution bioprinting functionality. In this printing 
method, light is applied to a thin layer of photo-curable polymer liquid in a specific 
pattern defined by an array of micromirrors until it has formed a solid structure [79]. 
The build platform then moves down, and another layer is exposed to light to 
additively build a structure.

In lung research, the Miller lab demonstrated the feasibility of modeling alveolar 
topography with a surrounding vascular structure using stereolithography [42]. In 
this landmark tissue engineering accomplishment, scientists were able to not only 
print complex 3D vascularized alveolar topology but demonstrated the ability to 
inflate the printed alveolus with oxygen and perfuse oxygen into adjacent blood 
vessel mimics. Decellularized and solubilized extracellular matrix derived from 
native tissue has been used as a bioink with tissue-specific composition, which 
allows for building more complex and realistic tissue architecture. However, using 
only ECM as the bioink causes slow gelation kinetics which limits the precision of 
constructs. To obtain consistency and rapid gelation, Wagner and colleagues com-
bined human lung dECM and alginate to form a versatile bioink. Using this mate-
rial, they generated a 3D bioprinted human airway incorporating regionally specified 
primary human lung cells, which can differentiate towards mature human airway 
epithelial cell types [32]. In an effort to manufacture more complex 3D anatomical 
architectures, the Feinberg lab pioneered the freeform reversible embedding of sus-
pended hydrogels (FRESH) printing method for printing soft tissue structures [51, 
131]. The printed material is embedded within a thermoreversible hydrogel support 
bath; creating structures at a print resolution of ~200 μm with elastic materials such 
as alginate, collagen, and fibrin. In fact, the utility of this printing approach expanded 
beyond naturally derived materials, when Hinton et al. demonstrated FRESH print-
ing of the organosilicone elastomer, polydimethylsiloxane (PDMS) (Hinton 2017). 
In the field of cardiac bioprinting, the FRESH method has been used to print ana-
tomically relevant heart structure in which cardiomyocytes can undergo synchro-
nized contraction [74]. For studying lung biology, 3D printed tubes have been 
generated to mimic the pulmonary artery, and adventitial fibroblasts printed within 
these models display stiffness-dependent proliferation and activation [30]. Despite 
these exciting advances, there is still room for improvement in current bioprinting 
approaches, including the continued development of bioinks which mimic both the 
mechanical and chemical properties of tissue, improving spatial resolution for com-
plex ECM structures, achieving greater fidelity of cell deposition, and generating 
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vascularization and innervation in organ models. Nonetheless, with advances in 
bioink, mechanical reinforcement and multi-material bioprinting, it may well 
become more feasible to print higher complexity lung structures that better replicate 
native tissue geometries and cellular interactions.

9.4  Incorporating Dynamic Mechanical Forces

The lung is a tissue constantly in motion. Various cell types in the lung experience 
airflow, blood flow, interstitial fluid pressure, and of course the constant motion of 
breathing. These physical cues can strongly affect cellular behavior. For example, 
physiological cyclic stretch of lung organoids in vitro resulted in mesenchymal gene 
expression changes important for postnatal lung development [63]. In contrast, non- 
physiological cycle stretch, increases alveolar epithelial cell permeability resulting 
in ventilator-induced lung injury [28]. Therefore, models that incorporate dynamic 
mechanical forces recapitulate critical aspects of lung physiology. Such dynamic 
systems can include application of cyclic stretch to mimic breathing and microfluid-
ics to provide flow.

9.4.1  Biomechanical Modeling

Biomechanics is a field of study that uses mechanical principles to understand the 
form and function of living structures. Traditional biomechanics research has usu-
ally involved applying a mechanical perturbation to a tissue or organ and observing 
any effects. Observations of macroscopic lung tissue structures under various load-
ing regimes have led to models of linear elastic lung behavior [138] that describe 
quantitative relationships between the tissue constituent molecules and architecture 
and overall function. In linear elastic models, stress or force applied per unit area is 
assumed to be proportional to strain or the measured deformation of the tissue. In 
this regime, the tissue sample will return to the original shape when it is unloaded, 
and the stress-strain behavior is independent of loading rate. Although these tradi-
tional biomechanical models apply only under static conditions, results from these 
analyses create baselines for normal versus diseased tissue behavior. Linear elastic 
models have been used in many cases to test the uniaxial stress and strain behavior 
of lung parenchymal tissue. For example, Al Jamal et al. used a linear elastic model 
to explain the contributions of glycosaminoglycans to lung tissue viscoelasticity. 
Subpleural parenchymal strips were attached on one end to a force transducer and 
on the other to a lever arm that applied oscillating strains. Applying a linear elastic 
model to this setup resulted in quasi-static stress-strain curves that suggested that a 
reduction in tissue elasticity followed heparan sulfate degradation, i.e., the loss of 
glycosaminoglycans [3].
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Despite the utility of linear elastic models, lung tissue mechanics are nonlinear. 
Measured stress values are not directly proportional to applied strains in lung tissue. 
Lungs are subject to continuous cyclic stretch during respiration and display 
dynamic mechanical properties including, hysteresis due to alveolar recruitment 
and derecruitment. Studies have demonstrated that healthy lung tissue mechanics 
vary in time- and frequency-domains. Moreover, in the case of diseased lungs, the 
mechanical behavior becomes increasingly aberrant, and it is critical to accurately 
model the disrupted alveolar mechanical environment. To accurately model alveolar 
micromechanics, the Smith lab uses a cyclic ventilator setup [71]. In this methodol-
ogy, tissue elastance is repetitively measured and partial, quasistatic pressure- 
volume loops are recorded during oscillatory ventilation. Such studies have revealed 
that cyclic ventilation can cause ventilator-induced lung injury, which results in 
both mechanical changes to the elastance of the lung [134], as well as breakdown of 
the cellular blood-gas barrier [133]. PCLS have also been used in multiple studies 
of mechanical stretch by attaching PCLS to deformable synthetic membranes and 
then stretching the membrane [27, 28, 93]. These systems can be used to study bio-
logical processes in response to physiological stretch (i.e., breathing) or disease 
states such as ventilator-induced lung injury. Such studies have demonstrated that 
cyclic stretch comparable to breathing can induce cell signaling pathways including 
increases in intracellular calcium [27], nuclear translocation of p65  in AT1 cells 
[28], and increased secretion of IL-1β [93]. Additionally, PCLS embedded in 
tunable- stiffness hydrogels can be used to study the effects of varying modulus on 
integrated tissue responses [6].

In another approach, computational methodologies are often employed for lung 
simulation and prediction of lung behavior during disease, by utilizing respiratory 
mechanics data [45, 87, 134]. A commonly used computational method is the com-
partmental model, due to its computational efficiency and clinical applications for 
prediction of diseases such as ARDS  [100]. Compartmental models place lung 
properties and anatomies into interconnected compartments and relate these proper-
ties through simple mathematical formulas [10]. For example, Bates et al. used a 
simple compartmental model to simulate the time-dependent nature of alveolar 
recruitment and derecruitment, wherein volume and pressure are related through an 
innovative application of the Salazer-Knowles relationship [9].

Understanding lung properties through biomechanical modeling is a complex 
and evolving discipline. Linear elastic models paved the way for understanding 
basic mechanical behaviors of lung parenchymal tissue. Since then, developments 
in lung ventilation have coincided with computational modeling methodologies to 
create clinically applicable simulations. Future models will aim to combine com-
partmental modeling strategies with clinical imaging data for high-fidelity, patient 
specific outcomes. These experiments demonstrate how understanding lung 
mechanics in both health and disease can contribute to studies of integrated tissue 
responses to disease.
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9.4.2  Lung-on-a-Chip

The study of cellular responses to various biomechanical forces can also be studied 
in complex in vitro systems. Organ-on-a-chip technology involves microfabricated 
cell culture platforms with precise control over biomechanical parameters such as 
fluid flow or tensile stretch. Simple microfluidic devices may contain multiple 
chambers for cell culture connected by channels that allow for directional flow of 
cell-conditioned media between chambers. This arrangement enables experiments 
involving paracrine effects of soluble factors within a closed system where fresh 
media can be supplied without disturbing the co-culture [46]. More complex lung- 
on- a-chip platforms can create a functional alveolar barrier by building an air-liquid 
interface with epithelial cells on the apical side of a deformable membrane and 
endothelial cells on the basal side. By creating a vacuum adjacent to the culture 
chamber, the deformable membrane undergoes stretch, creating a breath-like move-
ment of the cellular bilayer [58, 136]. The major advantage of these sophisticated 
culture systems is the ability to integrate multiple cell types in physiologically rel-
evant 3D geometries, and under the controlled application of physiologically rele-
vant biomechanical forces, including fluid and air flow and cyclic stretch.

The major weaknesses of lung-on-a-chip technology are the specialized fabrica-
tion required and the resulting presence of non-physiological materials inside the 
cell culture system. To date, most lung-on-a-chip models have been custom made, 
and while it is possible and indeed common to fit multiple systems in parallel on one 
device, truly high-throughput models are rare [90]. Another issue is the use of non- 
physiological materials. Many lung-on-a-chip systems involve a PDMS membrane 
at the center, coated with ECM components into order to facilitate adhesion of dif-
fering cell types in a monolayer to either side. While coated PDMS can be used to 
control nutrient diffusion, cellular adhesion, and membrane deformation, it is a non- 
physiological material that can alter the availability of nutrients and drugs within a 
culture system [59]. As use of organ-on-a-chip technology advances, however, such 
devices are becoming both more commercially available—through companies such 
as Emulate and AlveoliX—and more physiologically relevant, particularly via the 
inclusion of ECM-based membranes [159].

For studying the parenchyma, multiple existing lung-on-a-chip devices have 
been developed to model dual epithelial/endothelial layers, and some have also 
incorporated ECM and/or mesenchymal cells. In one such system, the membrane 
between cell culture chambers was created by electrospinning poly(lactic-co- 
glycolic acid), creating a fibrous network that mimicked the geometry of native 
ECM and was used to study the invasive capacity of tumor cells [158]. In another 
study, suspended hydrogels incorporating ECM extracts were used in place of a 
membrane between cell layers. This study then replicated upper airway biology by 
placing smooth muscle cells opposite epithelial cells, but similar hydrogel technolo-
gies could be used to incorporate parenchymal cell types. In the upper airway model, 
varying the composition of the suspended hydrogel in terms of what ECM mole-
cules were incorporated revealed increased cellular adhesion into collagen gels 
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rather than matrigel [59]. Zamprogno et al. created an ECM-based membrane sys-
tem that was fully stretchable by adding a mixture of collagen and elastin to a thin 
gold mesh. The pores in the mesh were small enough to hold the solution in place 
via surface tension while it formed hydrogels, but large enough for cells seeded on 
either side to fully interact with the biological components, and these membranes 
stretched without breaking under vacuum [159]. These studies all demonstrated a 
capacity to replace flat, synthetic membranes with more physiological ECM-based 
layers into dual-chamber lung-on-a-chip devices. To incorporate mesenchymal cells 
into their lung-on-a-chip, Mejías et al. mixed lung fibroblasts with endothelial cells 
in a lower hydrogel layer, upon which epithelial cells were cultured at an air-liquid 
interface. By using microfluidics to create a fibroblast-conditioned media gradient, 
endothelial cells underwent directional and three-dimensional vascularization 
within the hydrogel. This system was then used to recapitulate fibrotic lung by 
incorporating TGFβ treatment and fibroblasts from human fibrotic lung, which 
demonstrated enhanced fibroblast activation and putative epithelial cell differentia-
tion in the fibrotic conditions [90]. For modeling other lung diseases, lung-on-a- 
chip devices have been used to demonstrate that cyclic stretch enhances therapeutic 
resistance in cancer cells [48] and impaired re-epithelialization in a wound healing 
assay [38]. Designing the most relevant lung-on-a-chip model requires precise 
knowledge of the most relevant biochemical and biomechanical parameters for any 
given question but can provide a very sophisticated model of local lung tissue.

9.5  Conclusion

Technologies for engineering models of lung parenchyma have vastly expanded in 
recent years. Biomaterials provide a way to precisely mimic the biochemical and 
biomechanical extracellular microenvironment sensed by cells in vivo and are thus 
of great value in modeling cell/ECM interactions. Various modalities for assem-
bling cellular structures allow for the growth of cells in 3D geometries specifically 
modeled on parenchymal anatomy, making them ideal for studying interactions 
between multiple cell types. Incorporation of cyclic stretch, fluid flow, and other 
biophysical forces creates models that recapitulate the dynamic motion of lung tis-
sue and enable study of mechanosensing in lung parenchyma. All these technolo-
gies exhibit individual strengths and weaknesses but can be used in complementary 
studies to improve our ability to model lung homeostasis and disease in vitro. For 
example, culturing stem cells within microstructured hydrogels, a combination of 
organoid and biomaterials technologies, yields a model with multiple cell types 
present in a physiologically relevant geometry [154]. Investigating PCLS in models 
of cyclic stretch preserves both the native architecture and mechanical stimulus of 
intact lung [27, 28, 93]. Such combinatorial approaches can even be used to look 
beyond the lung and study multi-organ interactions. In a 2017 study, Skardal et al. 
created a linked microfluidic system modeling lung, liver, and cardiac tissue. The 
liver and cardiac modules consisted of 3D bioprinted organoids within native ECM 

R. Blomberg et al.



179

hydrogels, while the lung module consisted of epithelial and endothelial layers on a 
porous membrane, as in a lung-on-a-chip device. This multi-organ system was 
employed to detect signs of cardiac toxicity when the lung module was exposed to 
bleomycin [132]. Even more ambitiously, in 2020 Novak et al. designed a linked 
microfluidic system with eight discrete organ modules in a whole-body-on-a-chip 
model [103]. This study was carried out by 57 authors across nine institutions from 
five different countries in an impressive example of collaboration and ingenuity.

The future of the field is promising and may lead in multiple directions. First, we 
envision the refinement of existing models based on the most advanced and up-to- 
date characterization of lung tissue will occur rapidly over time. The more that is 
learned about lung architecture, mechanics, composition, and function from in vivo 
studies, the better-informed in vitro modeling can become. There is also space here 
for in silico computational models of lung, to be both built off of existing knowl-
edge and to further guide engineered models for cell culture, disease modeling, and 
tissue engineering [16]. Individual labs must be guided by focused research ques-
tions and use the models that are equipped to replicate the parameters most relevant 
to the research in question, even in a reductionist system. Finally, researchers of 
different specialties should continue to seek interdisciplinary collaborations to com-
bine expertise, learn new perspectives, and together build ever more advanced trans-
lational models of lung disease and repair that will advance our understanding of 
and ability to treat human disease.
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Chapter 10
Lung-on-a-Chip Models of the Lung 
Parenchyma

Pauline Zamprogno, Jan Schulte, Dario Ferrari, Karin Rechberger, 
Arunima Sengupta, Lisette van Os, Tobias Weber, Soheila Zeinali, 
Thomas Geiser, and Olivier T. Guenat

10.1  Introduction

The lung parenchyma, located at the end of the respiratory tree, comprises millions 
of alveoli, highly fragile three-dimensional structures. Yet, the parenchyma is robust 
enough to be constantly subjected to various mechanical forces, including surface 
tension forces and cyclic respiratory motion, while exposed to pathogens and for-
eign particles. Several cell types, each with a specific phenotype, are located in the 
lung parenchyma and form the ultrathin air-blood barrier. The latter has many func-
tions, such as ensuring gas exchange, forming the first line of defence against invad-
ers, building tiny vessels that transport blood cells, healing lesions, and more.

The in-vitro modelling of the alveolar barrier has proven to be a significant chal-
lenge and has been the subject of intense research worldwide. The first 
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lung-on-a- chip (LOC) model was reported in 2010, following which the lung alveo-
lar barrier models were suddenly propelled to the top of the most commented and 
discussed in-vitro models [1]. With this ground-breaking work, the organs-on-chip 
(OOC) technology was born. OOC are microengineered systems that provide cells 
with an environment that closely resembles their native in vivo milieu [2]. The pri-
mary LOC was the first to report a flexible and ultra-thin cell culture substrate, 
mimicking the alveolar barrier, that could be stretched cyclically to mimic respira-
tory movements. This setup also allows lung alveolar epithelial cells to be exposed 
to air, while endothelial cells remain in contact with a blood-like medium. This first 
system revealed the effects of specific parameters of the cellular environment. For 
example, the toxic effect of interleukin-2 (IL-2), an anticancer drug, was shown to 
be enhanced by cyclic mechanical stress, leading to vascular damage and conse-
quent intra-alveolar fluid accumulation resembling pulmonary edema [3]. Since its 
introduction, LOC technology has made tremendous progress, and many more com-
plex biological functions can now be reproduced in vitro.

This chapter first presents the specific cellular landscape of the lung parenchyma. 
Second, the progress made over the past ten years reveals how LOC technology has 
become relevant for the drug discovery industry and the study of fundamental phys-
iological phenomena. Next, the chapter provides an overall picture of the complex 
biological processes this technology can mimic, including lung disease modelling. 
Finally, challenges and perspectives in lung alveolar barrier modelling are discussed.

10.2  Lung Alveolar Cells and the Alveolar Environment

10.2.1  Lung Alveolar Cells and Their Environment

Respiration, essentially the exchange of oxygen and carbon dioxide, takes place in 
the 300 million [4] lung alveoli. The alveoli are tiny thin-walled air sacs, which are 
connected to the terminal part of the bronchi (Fig. 10.1). A single alveolus is con-
sidered the smallest structural and functional unit of the lung. The cells populating 
the alveoli are exposed to specific, often unique, biochemical and physical condi-
tions that define their phenotype. The lung alveolar epithelium, composed of type 1 
(AEC1) and type 2 (AEC2) lung alveolar epithelial cells, provides an extensive 
surface for gas exchange. AEC1 have a very thin cell body but cover a large area. 
This particular cell type facilitates respiratory exchange between the blood vessel 
plexus and the alveolar lumen. AEC2 are small and cuboidal and are responsible for 
epithelial homeostasis, the regulation of ions and water transport and surfactant 
production. Although AEC1 cover about 95% of the alveolar surface, their number 
is relatively small compared to AEC2 [5, 6]. AEC2 have been described as alveolar 
epithelium progenitor/stem cells that can differentiate into AEC1 during develop-
ment and regeneration [7]. Further research revealed that a Wnt-responsive AEC2 
subpopulation is the primary progenitor population of AEC1 [8]. Moreover, after 
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Fig. 10.1 Illustration of the cells populating the distal airways. Alveoli, the lungs functional units, 
are composed of several cell types, all together forming and maintaining the cyclically stretched 
(arrows) air-blood-barrier. Air is conveyed via airways towards the alveoli, where the gas exchange 
takes place. At the end of the respiratory tree, the airway epithelium with its basal, multiciliated, 
goblet, secretory and pulmonary neuroendocrine (PNEC) cells, transitions into the alveolar epithe-
lium with thin and large alveolar epithelial cells type 1 (AEC1) and small cuboidal alveolar epithe-
lial cells type 2 (AEC2). The mesenchymal cell fraction in the alveoli consists of various fibroblasts, 
including mesenchymal alveolar niche cells (MANC). Closely aligned with the alveolar epithe-
lium are capillaries that allow the transport of oxygenated blood to the heart. In addition to the 
immune cells circulating in within the blood, tissue resident alveolar macrophages serve as impor-
tant responders to pathogens and injuries. (Created with BioRender.com)

injury, high Krt8+ expressing AEC2 act as alveolar differentiation intermediate 
cells, a transitional cell state between AEC2 and AEC1 [9].

In addition to the epithelium, the alveolar microenvironment consists of other 
cell types and various biochemical and physical conditions (Fig.  10.1 and 
Table 10.1). To date, 17 different cell types of epithelial, endothelial, stromal, and 
immune origin have been identified in the alveoli [10]. In the lung, cells of the endo-
thelial compartment are ubiquitous and part of the larger vessels down to the small-
est capillaries. Given the lung’s respiratory function, it is not surprising that capillary 
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Table 10.1 Typical physical cues of the alveolus

Physiological parameters Characteristics References

Air-liquid interface Atmospheric air/Deoxygenated blood [4]
Air-blood barrier 2.2 μm [13]
Basal membrane 200–500 nm [14]
Alveolar diameter 200 μm [15]
Cyclic mechanical stress 4–12% linear strain [16]
ECM stiffness 0.2–2 kPa [17]

cells are the most abundant lung endothelial cells. Among the numerous types of 
immune cells in the lung, macrophages make up the majority. Smooth muscle cells, 
fibroblasts, and pericytes make up the lung’s stromal fraction. A subpopulation of 
PDGFRα+ fibroblasts, found in proximity to AEC2 cells, was identified as mesen-
chymal alveolar niche cells (MANC). Interestingly, MANCs express the AXIN2 
gene, which is a Wnt reporter subunit, while Wnt signalling is an important pathway 
for AEC2 maintenance [11]. Altogether, paracrine signalling and direct cell-cell 
interactions greatly influence the biomolecular microenvironment but do not com-
prehensively represent all influential elements. Among such factors are physical 
properties and organ-specific mechanics of the surrounding tissue that significantly 
impact the cellular microenvironment [12].

10.2.2  Lung Alveolar Epithelial Cells In Vitro

Because of their essential functional and regenerative roles, AECs have been stud-
ied extensively. The A549 cell line has been used as the AEC standard for decades 
[18]. However, this cell line does not represent healthy cells but rather non-small 
cell lung cancer since this cell line originates from a tumour. Recently, Tièche and 
colleagues described that A549 cells consist of three subpopulations: holo-, para- 
and meroclone, which exhibit epithelial, intermediate, and mesenchymal properties, 
respectively [19].

In recent years, efforts have been made to generate healthy AEC cell lines for 
research. To this end, genetic reprogramming has been used to create AEC from 
induced pluripotent stem cells (iPSCs) [20–23]. Several protocols have already 
been reported, including using patient-specific cells [24]. However, iPSCs have 
their own limitations, often unable to differentiate into AEC1 and their similarity to 
the embryonic/early developmental state [25].

When available, primary human alveolar epithelial cells are still the preferred 
cell source. However, given the high variability between donors’ cells, the difficulty 
to culture AEC remains challenging. Many researchers chose to culture AEC2 in 
hydrogels, often co-cultured with mesenchymal cells to allow for cellular crosstalk 
[11, 26–29]. Today, due to our increased knowledge regarding their biomolecular 
processes, AEC2 can be maintained for extended periods of time in hydrogel with-
out adding other cell types [25].
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10.3  Reproducing the Alveolar Barrier 
with a Lung-on-a-Chip

Lung alveolar models hold great interest for a broad range of applications, such as 
drug toxicity and efficacy testing, lung disease modelling, chemical risk assess-
ments of aerosols, and answering fundamental research questions.

10.3.1  Reproducing the Lung Alveolar Environment on Chip

The development of lung alveolar models has evolved rapidly over the past decade, 
mainly due to the advent of OOC technology. Lung biologists have traditionally 
used Transwell cell culture inserts to reproduce the air-blood barrier. These inserts, 
made of a 10 μm-thin, rigid, porous membrane, onto which cells are cultured on 
both sides, are gradually being replaced by LOC technology. The latter can mimic 
the thin basement membrane, similarly to Transwells, but also more accurately sim-
ulate other parameters of the alveolar environment, such as the mechanical stress of 
respiration, lung extracellular matrix (ECM) softness, capillary flow, and even the 
size and three-dimensional morphology of the alveolar sacs. Recent advances in 
mimicking specific aspects of the alveolar environment with OOC technology are 
detailed in Fig. 10.2.

 Scaffolds for the Alveolar Barrier: Engineering a Thin, Flexible and Soft 
Basement Membrane

An ideal cell culture substrate for the alveolar barrier should be thin, soft (with a 
typical stiffness of 0.2–2 kPa), elastic, permeable to gas and fluids, and comprise 
lung extracellular matrix proteins. This last aspect is crucial since the lung ECM 
plays a critical role in regulating lung homeostasis in health and disease [17, 33, 34]. 
In addition, from a technical point of view, the scaffold should be resilient to enable 
reproducible results and simple to manufacture.

The first-generation LOCs used a thin and porous membrane made of a flexible 
polymer polydimethylsiloxane (PDMS) as a cell culture substrate. Due to the intrin-
sic hydrophobicity of PDMS, the PDMS membrane must be coated with ECM pro-
teins such as collagen, fibronectin, laminin for the cells to adhere. Membrane 
thickness ranges from about 3 μm [34] to 10 μm [1], with pore sizes varying from 3 
to 10 μm. Porous PDMS membranes are usually fabricated using micromolding 
techniques [35]. Although PDMS membranes have extremely interesting elastic and 
optical properties, they poorly mimic the biochemical and physical properties of the 
alveolar wall ECM scaffold. Furthermore, PDMS typically has a stiffness of 500 kPa 
or more and is known to absorb and adsorb small molecules, a significant limitation 
when the PDMS membrane is exposed to drug compounds [36].
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Fig. 10.2 Parameters of the alveolar environment reproduced in LOC. Respiratory movements 
and the cell culture alveolar scaffold are two of the aspects reproduced by LOCs. (a) Three types 
of mechanical stretch can be distinguished: 1D, 2D or 3D. (b) Development of the scaffolds used 
to mimic the alveolar basement membrane. Thin polydimethylsiloxane (PDMS) membranes with 
microscopic pores coated with ECM proteins were incorporated into LOCs to be stretched in 1D 
or 3D. Biological membranes made of hydrogels are replacing PDMS membranes. Arrays of alve-
oli have been mimicked by fabricating such a membrane in a hexagonal grid with dimensions simi-
lar to those of the alveoli. More recently, a microstructured biological hydrogel that forms alveolar 
sacs has been developed to mimic the 3D architecture of the alveoli

Hydrogel materials have attracted considerable interest as an alternative to 
PDMS because of their biodegradability and adaptable chemical and mechanical 
properties [37]. Synthetic hydrogels, such as polycaprolactone (PCL) [38–40], 
poly(lactic-co-glycolic acid) (PLGA) [41], and poly(L-lactic acid) (PLLA) [42, 43] 
have been used to mimic basement membranes, mainly for LOC applications. For 
example, 2 μm-thin PCL-nanofibre mesh membrane produced by a one-step PCL 
electrospinning could be stretched cyclically [38]. Similarly, a 20 μm-thin PCL 
membrane was used to mimic ventilated induced lung injury with a pathophysiolog-
ical stretch [44]. Furthermore, Pensabene and colleagues succeeded in fabricating 
an ultrathin 0.1  μm PLLA membrane with 2  μm pores by spin-coating [42]. 
However, these synthetic hydrogel membranes are relatively stiff with a Young’s 
modulus of 360 kPa up to several MPa [39].

In contrast, ultra-soft membranes, made of natural hydrogels, provide stiffnesses 
in the physiological (0.2–2 kPa) and fibrotic (10–50 kPa) range [45–47].
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Therefore, it is not surprising that the recently presented second-generation 
LOCs are based on hydrogel alveolar barrier scaffolds. Our group developed a thin, 
stretchable membrane made of collagen and elastin, two proteins found in the lung 
ECM [31]. In contrast to first-generation LOCs, the second-generation reproduce an 
array of alveoli with in vivo-like dimensions. The straightforward fabrication pro-
cess involves drop-casting a solution of collagen and elastin onto a hexagonal mesh, 
where the solution spreads and is held in place by surface tension forces. Vitrified 
membranes have a stiffness of about 170 kPa, while those without vitrification have 
a Young’s modulus of about 1–2 kPa [46]. One of the most important properties of 
this new membrane is its biodegradability, which was demonstrated using MMP-8, 
a known neutrophil collagenase. Recently, Huang et al. succeeded in reproducing 
the three-dimensional structure of alveolar sacs by using a porous hydrogel of gela-
tin methacryloyl with an inverse opal structure. This structure mimics an array of 
interconnected alveolar sacs populated with primary alveolar epithelial cells [32].

 Mechanical Stress Induced by the Respiratory Movements

The engineering aspect that made the first LOC so famous is undoubtedly its ability 
to reproduce the exposure of the alveolar barrier to respiratory-like movements. 
During normal breathing, the mechanical stress affecting lung alveolar cells corre-
sponds to a linear elongation of 4%, while the linear elongation is 12% for deep 
respiration. As illustrated in Fig. 10.2a, unidirectional and three-dimensional strains 
have been used to mimic the respiratory movement in LOCs [12]. Huh and col-
leagues [1] used a thin, porous PDMS membrane to centrally divide a microfluidic 
channel into two compartments, an air-filled apical chamber and a basal chamber 
filled with cell culture medium. Lung alveolar epithelial cells were cultured on the 
membrane’s apical side, thereby in contact with air, while endothelial cells were 
cultured on the basal side, contacting the physiological medium. The researchers 
cleverly designed two adjacent channels, placed parallel to the main channel, from 
which thin walls separated them. By applying cyclic negative pressure in the adja-
cent channels, the thin walls attaching the porous membrane rhythmically deformed 
and stretched the PDMS membrane laterally [1]. To improve on this design of a 
unidirectional strain, our group engineered a LOC in which the alveolar barrier was 
stretched in three directions, similarly to in-vivo conditions [30, 48]. To achieve 
this, a second membrane was integrated into the basal compartment. A cyclic vac-
uum is applied to the cavity below this second membrane, resulting in a cyclic 
deflection of the alveolar membrane, inducing three-dimensional mechanical stress. 
Most LOCs reported so far have used the unidirectional breathing principle designed 
by Huh, by either using the original design [49–51] or by adapting its geometry to a 
circular channel around a round open-top alveolar barrier [52]. Recently, a LOC 
aimed at mimicking mechanotrauma in lung epithelial cells induced by pathophysi-
ological stretch (25%) was reported [44].
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10.3.2  Effects of Biochemical and Physical Cues on the Lung 
Alveolar Barrier

 Effects of Mechanical Forces on Alveolar Epithelial Cells

When we inhale and exhale, the lung tissue is cyclically stretched and relaxed. The 
induced mechanical stress affects several signaling pathways, particularly the Hippo 
signaling pathway and YAP/TAZ in lung development and disease, as well as TGF- 
β, which significantly influences ECM remodeling and cell differentiation processes 
[53]. The interplay of parameters, such as the duration of stretch, cycle frequency, 
and stretch variability the release of cytokines. Via the MAPK ERK1/2 and SAPK/
JNK signaling pathways, stretched cells release cytokines, triggering a cellular 
inflammatory response [54]. In addition to cytokines, the release of surfactants 
in vivo is also associated with cell elongation. For example, when AEC1 caveolae 
are stretched, paracrine signals trigger the release of stored surfactant from AEC2 
into the alveolar lumen [55]. Additionally, cyclic stretch affects epithelial permea-
bility and tight junction formation. Particularly, pathophysiological stretch can lead 
to ventilation-induced microinjuries, resulting in cellular processes, such as apopto-
sis and autophagy [56].

 Effects of Mechanical Forces on Lung Endothelial Cells

Another mechanical stress on the lungs is formed by blood cells acting on the tiny 
alveolar capillary walls. Mechanical forces induce several cell signalling pathways, 
affecting vascular function and remodelling. Among these, reactive oxygen species 
(ROS) produced by vascular cells play a crucial role in signal transduction and 
physiological regulation of vascular function [57]. Most LOCs reproduce this 
alveolar- capillary interface using a monolayer of endothelial cells cultured on the 
basal side of a porous membrane [1, 50, 51]. However, in those systems, the basal 
chamber is significantly larger than the typical capillary 7–9 μm diameter [4], result-
ing in the exposure of endothelial cells to flow-induced shear stress [58]. Therefore, 
this reductionist approach does not reflect the size of the capillaries nor their three- 
dimensionality. Furthermore, the effect of the combined mechanical forces, shear 
stress, and respiratory movements on the alveolar capillaries is only starting to 
emerge. Indeed, our group recently demonstrated that small vessels made of pulmo-
nary microvascular endothelial cells respond differently to mechanical stimuli in 2D 
and 3D [59]. The most striking finding was that under 3D stress, these vessels could 
be stretched to a very high level without barrier dysfunction, which would typically 
lead to an endothelial barrier disruption when exposed to 2D stress. Similarly, other 
groups have developed gelatin-based three-dimensional vessels subjected to both 
shear stress and cyclic strain [60]. Such systems will undoubtedly allow further 
study into the effects of mechanotransduction on vascular function and remodelling.
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 Lung Alveolar Extracellular Matrix (ECM)

The lung alveolar ECM lung transforms during lung development and in health and 
disease. The ECM comprises various proteins such as collagen, elastin, tenascin-C, 
and several growth factors [34]. The combination of mechanical forces exerted on 
cells via focal adhesion and local growth factors has been shown to synergistically 
regulate alveolar epithelial differentiation. Recently, different basement membranes 
made of natural fibres were tested in a LOC environment. Epithelial and endothelial 
cells respond to changes in fibre stiffness and architecture. Epithelial cells are more 
spread out and form tight junctions on softer and less dense fibre networks [39]. 
Hydrogel membranes have only recently been reported, and the implications of 
their stiffness undoubtedly need to be evaluated. Several hydrogels composed of 
collagen and Matrigel were recently tested to investigate the migration potential of 
lung cancer cells. Matrigel was shown to facilitate migration at low concentrations, 
most likely by providing a supportive and growth factor-retaining environment, in 
contrast to high concentrations [61].

 Effects Induced by the Air-Liquid Interface

In vivo, a thin layer of surfactant in direct contact with air, called an air-liquid inter-
face (ALI), covers the lung alveolar epithelium. The surfactant is synthesised by 
AEC2 and released from intracellular lamellar bodies. To date, few studies are 
reporting the effects of ALI in a LOC setting. However, the porous membrane incor-
porated in most LOC systems makes them a great tool to study this phenomenon, as 
lung alveolar epithelial cells receive sufficient nutrients through the pores of the 
membrane [1, 30, 31]. Culturing AEC2 at ALI conditions significantly decreases 
hypophase surface tension compared to cells cultured in submerged conditions [62]. 
Furthermore, a recent study on inserts shows that hiPSC-derived AEC2 cultured at 
ALI induces alveolar properties [63], suggesting that these culture conditions could 
further improve LOC output.

10.3.3  Read-Outs: Extracting Information 
from a Lung-on-a-Chip

Extraction of cellular and tissue information from LOC systems is critical to capture 
cellular and tissue responses. Table 10.2 summarises the main read-outs and meth-
ods used to monitor these changes in the three lung alveolar barrier compartments: 
the alveolar space, barrier, and blood capillaries. It should be noted that unlike stan-
dard cell culture systems (e.g., inserts), LOC systems can provide information about 
the tissue response [2]. For example, remodelling by alveolar barrier stiffening [64] 
or degradation [31] can be detected. Other read-outs, such as edema formation [3] 
or vasoactive responses can also be recorded [65].
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Table 10.2 Main read-outs from LOC. Main read-outs and methods used for monitoring changes 
in the three lung alveolar barrier compartments: alveolar space, alveolar barrier and blood 
capillaries

Compartment Components Main functions In-vitro read-outs

Alveolar 
space

Gas Gas exchange (O2, 
CO2)

Gas concentration (gas sensor)

Surfactant lining Surface tension 
reduction

Surface tension quantification 
(contact angle measurement, 
surfactometer)

Alveolar macrophages Innate immunity 
and defense

Surfactant release

Cytokines/
chemokines 
secretion
Immune cells 
recruitment

Alveolar 
barrier

Epithelium Barrier formation Tight junction formation 
(immunostaining, TEM)

Interstitium (ECM, 
fibroblasts)

Barrier tightness (TEER)

Endothelium Barrier permeability 
(transport)

Immune cells
Barrier 
remodelling

ECM accumulation

ECM stiffness (bulge test, 
AFM)
Cellular differentiation
Cellular morphology

Blood 
capillaries

Dissolved gas Transport (blood, 
soluble factors, 
cells,…)

Flow rate measurement (flow 
sensor)

Blood cells Cytokines, chemokines 
secretion

Plasma (soluble factors, 
incl. cytokines, 
chemokines, growth 
factors,…)

Dissolved gas concentration 
(gas sensor)

Migration of immune cells
Vasoactivity
Vessel permeability

10.4  Lung Disease-on-a-Chip Models

Models of lung diseases are of great importance for preclinical (drug discovery, 
pathophysiology) and clinical investigations and may be developed as tools for pre-
cision medicine applications. These models are created using either healthy cells 
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induced to produce specific disease patterns or patient cells. A mixture of both is 
often preferred to limit the heterogeneity of patient cells. The following is a brief 
overview of the major lung parenchyma diseases: idiopathic pulmonary fibrosis 
(IPF), emphysema, acute lung infection, and lung cancer. Figure 10.3 illustrates the 
changes in the alveolar environment induced by these diseases.

10.4.1  Idiopathic Pulmonary Fibrosis (IPF)

IPF is a fatal lung disease believed to be triggered by repetitive injury of the lung 
alveolar epithelium followed by an abnormal wound-healing response, leading to 
the accumulation of excess fibrous connective tissue (Fig. 10.3a). The soft, healthy 
lung matrix, with a normal stiffness of 0.2–2 kPa, stiffens in a fibrotic lung to an 
average of 16 kPa with localised stiffer areas [66]. The strength of LOC’s systems 
lies in their ability to mimic specific aspects of this complex disease sequentially, 
allowing the identification of the effects of individual cell culture parameters. For 
example, epithelial microinjury induced either chemically [67] or mechanically 
[68] can be followed by fibroblast activation by TGF-β and by antifibrotic drug 
treatment [67, 69, 70]. Meijas and colleagues created specific fluidic compartments 
to mimic the interface between the human lung’s interstitium and airways. Using 
this model, it was possible to study the interactions between epithelial, endothelial, 
and fibroblasts (especially IPF fibroblasts) cultured in separate compartments [69]. 
Sundarakrishnan et al. developed a sophisticated perfusable model based on a cell- 
laden silk collagen hydrogel placed on a stretchable polymeric membrane [67]. 
After two weeks of culture, during which cells were exposed to TGF-β1 and bleo-
mycin sulfate, the hydrogel was significantly stiffer (34–76 kPa) than an unexposed 
one (2 kPa). Furthermore, the antifibrotic treatment significantly improved the TGF- 
β1- induced myofibroblast phenotype. Asmani et  al. showed a similar antifibrotic 
drug response obtained with free-standing membranous lung microtissue [70]. 
Additionally, Felder et al. used a breathing LOC to provide a proof-of-concept of 
the wound healing response that was partially inhibited by the cyclic mechanical 
stress [71].

10.4.2  Emphysema

Pulmonary emphysema is a severe complication of chronic obstructive pulmonary 
disease (COPD) triggered by inhalation of air pollutants, chemical fumes, and ciga-
rette smoke, causing an increased inflammatory response in the lungs, with progres-
sive and irreversible alveolar destruction [72, 73]. The emphysematous enlargement 
of the airspace results in the necrosis of the cells lining the alveoli and the destruc-
tion of the underlying ECM. The degradation of the alveolar ECM by MMP8 [74], 
a neutrophil collagenase, was recently mimicked in a LOC setting [31]. Huang and 
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Fig. 10.3 Illustrations of four lung diseases affecting the alveoli. (a) Idiopathic pulmonary fibrosis 
results most likely from recurrent epithelial microinjuries. Risk factors include gastroesophageal 
reflux, cigarette smoking and genetics. The tissue remodeling occurring in IPF is due to excessive 
secretion of ECM proteins, which significantly impairs normal gas exchange and compromises the 
elasticity of the lung parenchyma. (b) Alveolar damage in emphysema is usually due to inhalation 
of toxins (e.g., cigarette smoking) or anti-trypsin deficiency. The breakdown of the alveoli results 
in impaired lung function due to loss of elastic recoil of the lung. (c) Bacterial, viral (e.g., Sars- 
CoV2), parasitic, or mycotic pneumonia, chemical irritation from aspiration or inhalation, embo-
lism, or extrapulmonary sepsis can cause acute respiratory distress syndrome. Accumulation of 
fluid in the alveoli, due particularly to excessive alveolocapillary permeability, reduces oxygen-
ation of the blood. (d) Risk factors for developing adenocarcinoma include cigarette smoking or 
inhalation of other toxins such as radon or asbestos, and genetic mutations. The native ECM com-
position is altered, leading to modifications of the cellular microenvironment (e.g., hypoxia, inter-
actions between tumour – non-tumour cells). (Created with BioRender.com)
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colleagues observed profound alveolar epithelial cell damage along with elevated 
levels of the proinflammatory cytokines IL-8, IL-6, and IL-1β, upon exposure to 
cigarette smoke. For this experimental setup, they used a 3D LOC platform com-
prising porous hydrogel that mimics human alveolar sacs [32]. In addition to ciga-
rette smoke, inhalation of other exogenous oxidants, such as toxic airborne irritants, 
leads to severe alveolar damage and subsequent emphysema [75]. Several research-
ers have used LOC systems to mimic nanoparticle-induced pulmonary toxicity in a 
physiologically relevant strain-based in vitro environment to mimic occupational 
exposure to ZnO, TiO2, and silica particles [1, 76]. The development of these sophis-
ticated alveolar injury models is critical to understanding the pathomechanism of 
emphysema and conducting drug safety and toxicity studies.

10.4.3  Acute Respiratory Distress Syndrome (ARDS)

Acute respiratory distress syndrome (ARDS), also called acute lung injury (ALI), is 
hallmarked by severe lung injury and inflammation [77]. The injury can be induced 
by various causes, such as mechanical ventilation, sepsis, and respiratory infections, 
which can be reproduced in LOC ARDS models. Ventilation-induced lung injury 
(VILI) was modelled in a pressure-based system, where dexamethasone treatment 
had a protective effect against VILI [78]. In another VILI model, mouse alveolar 
epithelial cells were exposed to pathophysiological mechanical stress [44], resulting 
in increased epithelial injury and cell detachment. Nanoparticle-induced lung injury 
was mimicked without mechanical strain but with circulating flow [76]. Additionally, 
fine particulate matter (PM2.5) induced alveolar barrier dysfunction, specifically 
increased ROS generation and barrier permeability, cell apoptosis, and monocyte 
attachment [79]. Modelling of lung infection-on-a-chip was first performed in the 
seminal work of Huh, in which neutrophil migration was induced by the proinflam-
matory cytokines IL-8 and TNFα [1]. Using a similar LOC setting, a mouse model 
of tuberculosis-on-a-chip was used to study the dynamics of host-Mycobacterium 
tuberculosis interactions at an air-liquid interface [50]. Another immunocompetent 
model, coinfection with S. Aureus and influenza, showed that dual infection was far 
more damaging to the lung than a single infection [80]. Overall, the diversity of lung 
injury models reflects the variety of ARDS causes. The importance of the immune 
system in ARDS is represented in many LOCs by adding an immune component.

10.4.4  COVID

The emergence of the SARS-CoV-2 pandemic has led to the investigation of 
COVID19-related ARDS in LOC systems. Initial clinical studies have shown that 
SARS-CoV-2 replicates primarily in the lung and can lead to pneumonia, pulmo-
nary edema, ARDS, pulmonary fibrosis, tissue necrosis, and even multiple organ 
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failure in severe cases [81–83]. Activated innate immune cells trigger a robust 
immune response leading to a cytokine storm, resulting in ARDS. A SARS-CoV-2 
infection model, based on a LOC system lined with human lung epithelial, endothe-
lial, and immune cells was used to study the cytokine storm and cellular barrier 
disruption triggered by the virus [84], as well as host cell response [85], and vascu-
lar damage [86]. In addition, Huang and colleagues demonstrated that infection 
rates decrease with treatment with antiviral drugs such as remdesivir, hydroxychlo-
roquine, and amodiaquine [32].

10.4.5  Lung Adenocarcinoma

The most common type of lung neoplasm is adenocarcinoma, a subtype of non- 
small cell lung cancer [87]. Over the past decade, two schools of thought on the 
tumour microenvironment (TME) have been established. One focuses on the inter-
action between tumour and non-tumour cells, while the other on physicochemical 
gradients (O2, pH, etc.) of the tumour interstitium [88]. Although still in its infancy, 
lung cancer on-chip technology is best suited to engineer these TME aspects. Hassel 
et  al. developed an orthotopic lung cancer-on-a-chip model by seeding H1975 
human lung adenocarcinoma cells on healthy primary alveolar cells while exposing 
the LOC system to cyclic mechanical stress. Their results show that implementing 
respiratory motion leads to a heterogeneous growth pattern of cancer cells and the 
development of drug resistance, similar to the observed clinical responses [49]. 
Furthermore, Park and colleagues added vascularised cancer spheroids embedded 
in a perfusable vascular network to better understand tumour angiogenesis, a hall-
mark of cancer [89].

10.5  Challenges of Lung-on-a-Chip Technologies

Over the past decade, LOC technologies have evolved from proof-of-concept to 
commercial solutions. However, the situation is not as clear-cut as it seems at first 
glance. First, a distinction must be made between home-built LOC devices used in 
academic laboratories and the first-generation commercial devices mainly imple-
mented in the pharmaceutical industry due to their high costs. Unlike commercial 
products, academic devices often lack the resilience one would expect from engi-
neered systems. Particularly, fluid management remains a challenge that often 
determines whether the experiment will be successful. Although this challenge 
applies to all OOC technologies, the LOC setting is even more critical due to the 
air-filled apical compartment and stretchable membrane that is sensitive to pressure 
variations induced by flow fluctuations—induced for instance by a peristaltic 
pump—in the basal compartment.
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The lack of standards, especially in terms of technical and biological perfor-
mance, is another challenge hindering the widespread adoption of LOC technolo-
gies [90]. Appropriate reference values, such as defined TEER settings and epithelial 
barrier thresholds, and standard operating protocols, would greatly facilitate bench-
marking of new LOC systems.

Another challenge that is currently the focus of significant research efforts is the 
lack of available lung alveolar cells, particularly AEC2, with their original pheno-
type. Primary cells, obtained from several donors, are a relevant cell source, but 
donor-to-donor variability remains a problem as well as availability. Human iPSC- 
derived AEC2 are promising candidates, but their differentiation and maturation 
remains a challenge [91]. Another aspect that needs to be improved is the develop-
ment of easy-to-culture hydrogels with suitable stiffness, which are required to 
provide an in vivo-like niche for AEC2.

Finally, the fabrication of microfluidic chips in academic settings remains 
labor-intensive, limiting the time available for biological experimentation. This is 
due to the predominant use of PDMS as the primary LOC construction material, 
using soft-lithographic techniques. Soft lithography relies on the prior fabrication of 
molds with high aspect ratio structures, often micrometers in size. This accuracy 
requires cleanroom facilities as PDMS cannot yet be produced by non-lithographic, 
low-cost techniques such as stereolithography, 3D printing, cutting plotters, or 
micromilling. Replacing PDMS with rigid polymers produced by injection molding 
imposes further limitations, such as cost or lower tunability. In addition, the integra-
tion of a flexible membrane to mimic the air-blood barrier is another limitation of 
this technology.

10.6  Perspectives for Lung-on-a-Chip Technologies

Although many biological processes can already be mimicked in lung-on-chips, this 
technology holds even greater potential just waiting to unfold. Aside from the above 
challenges that need to be addressed, we anticipate that their ability to decipher 
more complex biological questions will increase in the coming years. On the one 
hand, the engineered alveolar microenvironment will increasingly resemble the 
natural environment, allowing cells to differentiate and mature into specific cellular 
subtypes [10]. On the other hand, multi-organ-on-a-chip (MOOC) systems will be 
developed to mimic crosstalk and interplay between different tissues. The inte-
gration of the pulmonary capillary network with the alveolar barrier is the first obvi-
ous combination, which will enable investigating pulmonary vascular diseases and 
lung diseases of the distal airways (emphysema, fibrosis). The introduction of 
microvasculature is not only physiologically relevant but will also allow studying 
the immune response to various bacterial or viral infections [92]. In this context, 
developing a universal medium, possibly including parts of the patients’ blood 
(plasma), will become necessary to provide the various organ-specific cells with 
nutrients and other required soluble molecules [93]. Another two organs-on-chip 

10 Lung-on-a-Chip Models of the Lung Parenchyma



206

system may explore the gut-lung axis, particularly the interplay with their specific 
microbiota [94].

Automation of LOC systems requires more resilient solutions that should be 
user-centric to ease LOC handling, ultimately improving their widespread imple-
mentation. This development should be coupled with integrating sensors to obtain 
quantifiable data to feed machine learning algorithms aimed at providing yet to be 
discovered biological information [95]. These sensors can measure the mechanical 
stress to which the cells are exposed, the dissolved oxygen or other parameters of 
the cell culture media, or the tightness of the lung alveolar barrier [96, 97]. For 
example, Khalid et  al. developed a lung cancer on-a-chip platform including an 
optical pH sensor to monitor the circulating culture medium, a trans-epithelial elec-
trical resistance sensor (TEER), and a portable digital microscope for real-time 
monitoring [98]. In another study, we reported a microimpedance tomography sys-
tem for monitoring membrane movements in a LOC, overcoming the limitations of 
the classical TEER technique with opposing electrodes, for inclusion in three- 
dimensional designs by using three coplanar electrodes.

With the advent of precision medicine, cells from patients, possibly iPSC- 
derived alveolar cells, will eventually be tested in LOC to determine the best pos-
sible treatment for each patient. For example, one can foresee that the antifibrotic 
effects of IPF drugs on patient cells can be predicted using such systems [70]. In any 
case, the correlation of in vitro data with clinical data needs to be rigorously estab-
lished, which could pave the way to clinical trials with on LOC populated with 
patient cells.
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Chapter 11
Assessment of Collagen in Translational 
Models of Lung Research

Claudia A. Staab-Weijnitz , Ceylan Onursal, Deepika Nambiar, 
and Roberto Vanacore

11.1  Introduction

The extracellular matrix (ECM) is a complex protein network which not only pro-
vides structural support for adherent and migrating cells, but also important mechan-
ical and biochemical cues for cell phenotypes and functions including stem cell fate 
[114]. The ECM is classified in two major structural compartments: (1) Basement 
membranes (BM) are a specialized form of ECM that appear as thin and dense acel-
lular sheets underneath epithelial and endothelial cell layer providing structural 
integrity and mechanical support to cell layers and conferring cell polarity [56, 
114]. They are mainly composed of the network-forming type IV collagen, lami-
nins, nidogens and the proteoglycan perlecan. In contrast, the (2) interstitial ECM 
typically surrounds cells, e.g., fibroblasts residing in the lung interstitium, com-
pletely and its main components are the fibrillar type I and type III collagens, fibro-
nectin, decorin, and hyaluronan [87] (Fig. 11.1a). Both ECM compartments undergo 
fundamental changes in lung disease which directly cause loss of lung function, 
increase susceptibility to inhaled toxicants and respiratory pathogens, and may 
strongly affect therapeutic efficacy [17, 123].
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Fig. 11.1 Types and composition of the extracellular matrix (ECM) in the lung. (a) Schematic 
overview on types of ECM in the lung in relation to the epithelial and endothelial cell layer, focus-
ing on the conducting airways. Epi, bronchial epithelium displaying all major cell types; BM base-
ment membrane; IM, interstitial matrix harboring scarce fibroblasts; Endo, endothelial cell layer; 
V, vessel lumen. Smooth muscle cells and cartilage are omitted for increased clarity. (Figure was 
created with BioRender.com). (b) ECM composition in the lung according to the matrisome cate-
gorization established by Naba et al. [77]. (Adapted from Beachley et al. [9])

Collagen is a large protein superfamily and the main ECM protein component in 
almost every tissue type including the lung [9] (Fig. 11.1b). The unifying feature of 
collagens is the triple-helical collagenous domain, which is assembled in the endo-
plasmic reticulum (ER) from three α-chains (Fig. 11.2) consisting of regular amino 
acid repeats of (Gly-X-Y)n, where Y often is 4-hydroxyproline. There are 28 differ-
ent human collagen types which form homo- or heterotrimeric triple helices during 
folding in the ER and which are categorized in seven different classes, based on 
their final extracellular supramolecular assembly: (1) Fibril-forming collagens (I, II, 
III, V, XI, XXIV, XXVII), (2) fibril-associated collagens with interrupted triple heli-
ces (FACITs, IX, XII, XIV, XVI, XIX, XX, XXI, XXII), (3) network- forming col-
lagens (IV, VIII, X), (4) transmembrane collagens (XIII, XVII, XXIII, XXV), (5) 
endostatin-producing collagens (also termed multiplexins, XV, XVIII), (6) anchor-
ing fibrils (VII), and (7) beaded-filament-forming collagen (VI). The collagen types 
XXVI and XXVIII do not fit well in any of the above-listed categories [83].

Because of the central role of the ECM and collagen in lung disease, quantifica-
tion, determination of molecular properties, and visualization of three-dimensional 
structure of collagen is important for the development and characterization of trans-
lational models of lung research. For in vitro, ex vivo, and in vivo models for lung 
fibrosis, collagen quantity and crosslinking remain the most important readouts for 
evaluation of protection from disease [1, 43, 74]. In this chapter, we aim to give a 
comprehensive overview on the various methodologies for quantification and char-
acterization of collagen currently available including their advantages and 
disadvantages.
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Fig. 11.2 Overview of the most important intracellular and extracellular collagen biosynthesis, 
maturation, and degradation pathways. Using the example of an activated myofibroblast and bio-
synthesis of fibrillar collagen, the figure depicts the following major steps of this pathway: (1) 
Collagen gene transcription to mRNA in the nucleus; (2) Translation of mRNA to protein, co- and 
post-translational modifications and triple helix formation in the rough endoplasmic reticulum 
(rER); after secretion to the extracellular space via trafficking through the Golgi network, (3) pro-
peptide cleavage by specific N- and C-terminal collagen proteinases, yielding (4) propeptides 
which may serve as peripheral markers for collagen formation. Propeptide cleavage triggers (5) 
fibril formation, followed by (6) extracellular crosslinking and stabilization and further maturation 
of the resulting fibers. (7) Extracellular degradation is performed by collagenolytic matrix metal-
loproteases (MMPs) and generated fragments, but also larger fibrils, can be internalized and (8) 
degraded within the cell in the phagolysosome. (Figure was created with BioRender.com)

11.2  Quantification of Collagen

Methods for the identification and quantification of collagen and its subtypes have 
been continuously developed for more than one century. These methods differ con-
siderably in specificity and sensitivity [12, 24, 81]. Many current methods for quan-
tification of collagen take advantage of collagen-specific properties such as 
hydroxyproline content and affinity of dyes to the triple helical domains, and there-
fore determine total collagen content. Quantification of specific collagen types is 
currently only possible by transcript analysis, immuno-based or mass spectrometry- 
based approaches. Considering the numerous post-transcriptional regulation events 
involved in collagen biosynthesis and maturation (Fig.  11.2), transcript analysis, 
although informative on the regulatory level of collagen expression changes, can 
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never suffice as readout on its own. On the other hand, immuno-based methods for 
the specific detection of collagen types, unfortunately, are often characterized by 
insufficient specificity and few reliable specific antibodies for such applications 
exist. Finally, mass spectrometry-based proteomic assessment of the ECM allows 
for a comprehensive assessment of all collagen types and chains in the same sample 
and requires only small sample amounts when state-of-the-art tandem mass spec-
trometry instruments are used. Unfortunately, this methodology is expensive and 
not available to all laboratories.

Solubility of collagen needs particular consideration for quantification of colla-
gen. While intracellular, immature, and newly generated collagen are neutral-salt 
soluble, mature collagen fibers with many intramolecular cross-links are insoluble 
in conventional protein extraction buffers, require special solubilization protocols, 
and are typically dissolved in acetic acid for molecular analysis or usage as culture 
scaffold [54, 89]. Following protein extraction, chemical or enzymatic digestion of 
the insoluble pellet will increase collagen coverage [39, 75]. Pepsin is the most 
widely used protease in that context, as it cleaves fibrillar collagens in the telopep-
tide regions, hence removing the lysyl oxidase-mediated crosslinks but leaving the 
triple-helical stretch untouched [28]. Notably, efforts should always be made to 
include this insoluble part and/or assess secreted or deposited extracellular colla-
gen, none of which is captured by conventional protein extraction protocols. It is 
important to acknowledge that an increase in intracellular collagen does not neces-
sarily reflect an increase in extracellular collagen—actually, the opposite may be the 
case if collagen secretion is impaired, and collagen accumulates in the ER.

11.2.1  The Sircol Assay

The Sircol assay is a fast and simple colorimetric method based on binding of Sirius 
Red F3B to collagen [59]. The binding specificity of Sirius Red relies on its elon-
gated structure which associates with triple helical collagen along the linear axis 
and exposes numerous acid sulfonate groups which interact with basic residues in 
the collagen sequence [60]. Following appropriate solubilization, this method can in 
principle be used to determine all pools of collagen in complex protein solution in 
the context of in vitro and in vivo experiments. We find it particularly suitable for 
determination of newly synthesized collagen content in the cell culture supernatant 
as a readout for in vitro experiments [102]. However, caution must be taken to use 
serum-starved culture settings, as serum components are known to interfere with the 
assay [21, 59]. Application of Sirius Red for collagen visualization in situ will be 
described in Sect. 11.4.2.
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11.2.2  Hydroxyproline Quantification

The amino acid 4-hydroxyproline (4-Hyp) occurs in high abundance in triple- helical 
collagenous domains where it frequently occupies Y positions of the above men-
tioned (Gly-X-Y)n repeats. 4-Hydroxylation of proline is catalyzed in a co- or post- 
translational fashion by ER-resident prolyl-4-hydroxylases which act on the 
unfolded polypeptide chain [83]. Presence of 4-Hyp is known to increase the ther-
modynamic stability of collagen [90]. Although widely considered specific for col-
lagen, it should be mentioned that 4-Hyp also occurs in other proteins. For instance, 
it has been estimated that up to 33% of the about 90 proline residues in elastin can 
be hydroxylated [96]. Furthermore, a single 4-Hyp in the hypoxia-inducible factor 
(HIF) α subunit (HIF-1α) acts as oxygen sensor and plays an important role in the 
regulation of gene expression by hypoxia [42]. More such examples may exist; 
nevertheless, considering that collagen is much more abundant than other 4-Hyp 
containing proteins and the exceptionally high abundance of 4-Hyp in collagen, 
4-Hyp quantity can still be considered a reasonable measure for total collagen con-
tent. In addition, 3-Hyp is also present in collagens but it is found in much less 
abundance than 4-Hyp [41].

Collagen quantification by the hydroxyproline assay is particularly suitable for 
insoluble and solid samples such as mature collagen in tissue or insoluble pellets 
following protein extraction from complex samples. Samples are completely hydro-
lyzed by boiling in 6 M hydrochloric acid for several hours and subsequently sub-
jected to amino acid analysis including the quantification of 4-hydroxyproline using 
high-performance liquid chromatography (HPLC) [54]. This method is still consid-
ered the gold standard for measuring hydroxyproline content, although it is not 
particularly sensitive, requires large sample sizes, and an HPLC set-up is not avail-
able in every laboratory [24]. LC-MS/MS quantitation of 4-Hyp methods are more 
sensitive and given the popularity of LC-MS instrumentation, the technique is 
becoming more accessible in research centers. Notably, colorimetric alternatives are 
increasingly being offered by suppliers and appear to yield similar results [88].

11.2.3  Immuno-Based Methods

Immune-based methods such as enzyme-linked immunosorbent assays (ELISAs) 
and Western blotting have the potential to allow for specific detection of collagen 
types and their absolute or relative quantification. Given that it is becoming increas-
ingly clear that collagens fulfill very different roles in health and disease, collagen- 
type- specific approaches must be considered much more often. For instance, a mass 
spectrometry-based analysis of TGF-β-induced changes in lung fibroblast- deposited 
ECM has shown the expected upregulation of the fibrillar type I, but at the same 
time decreases in type VI collagen, and more variably altered or unchanged levels 
of other collagen types. Hence, already in such a simple in  vitro model of lung 
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fibrosis changes in collagen go far beyond a simple increase in levels overall, but 
specifically affect collagen types differently [74]. Indeed, while in lung fibrosis 
fibrillar collagen types I and III are consistently increased, levels of other collagen 
types remain unchanged or are downregulated during fibrogenesis; others again are 
variably regulated dependent on disease stage or anatomic location [52]. These 
observations undoubtedly call for more collagen type-specific assessments to 
increase our understanding of the distinct roles of different collagen types in dis-
ease. However, immune-based approaches are limited by the availability of specific 
antibodies and, unfortunately, inadequate validation of antibodies and poor specific-
ity remain a major issue in the biomedical research community [30]. Only well- 
validated antibodies should be used, and proper controls included to ensure 
specificity. Special attention must be paid to the immunogen used for raising the 
antibody—some antibodies are specifically raised to target propeptide sequences 
and hence will only detect intracellular and immature collagen. Others are directed 
against specific chains of a collagen type or against three-dimensional epitopes of 
fully assembled extracellular mature collagen types. Hence, some antibodies will 
require sample denaturation while others will most specifically detect the native 
fold—sample selection and processing must be adjusted accordingly.

Finally, tandem mass spectrometry (MS/MS) allows for simultaneous assess-
ment of all collagen chains and types in a single run with comparatively little sam-
ple amount given that a state-of-the-art instrument is used. In addition, the data 
generated also enables determination of collagen chain stoichiometries and site- 
specific identification of post-translational modifications in distinct collagen types 
[8, 74]. Clearly, it represents an expensive technology, but at the same time it is by 
far the most powerful technique, offering information about collagen in unprece-
dented molecular detail. Therefore, Sect. (11.3) will follow to provide guidance for 
the usage of LC-MS/MS-based proteomics approaches for the assessment of colla-
gen (Table 11.1).

11.3  Mass Spectrometry Characterization of Collagen

11.3.1  Assessment of Collagens in Proteomics Analyses 
of Pulmonary ECM

The study of ECM proteins may provide important insights about the molecular 
mechanisms underlying disease including lung fibrosis. The advent of proteomics 
has propelled the study of the so-called matrisome, a term coined by Naba et al., 
which catalogued both “core” and “associated” proteins present in the ECM of 
many tissues [77]. Although in the beginning proteomics used other biochemical 
techniques such as two-dimensional electrophoresis, nowadays it relies almost 
exclusively on liquid chromatography tandem mass spectrometry (LC-MS/MS), an 
analytical technique that combines the power of liquid chromatography to separate 

C. A. Staab-Weijnitz et al.



219

Table 11.1 Methodologies for the quantification of collagen in crude samples from in  vitro, 
ex vivo, and in vivo models of lung research

Method Principle Advantages Disadvantages

Sircol assay Sirius red dye binds 
specifically to elongated 
triple helical collagenous 
domains

Rapid colorimetric 
assay
No special equipment 
necessary

May require 
additional 
solubilization steps
Serum components 
interfere with the 
assay
Does not differentiate 
between collagen 
types

Hydroxyproline 
quantification

In collagens, 
4-hydroxyproline is highly 
abundant and reasonably 
specific.

Suitable for insoluble 
samples and crude 
tissue
Colorimetric 
alternative is 
available

Requires HPLC 
set-up if not 
colorimetric assay is 
used
Requires large sample 
size
Does not differentiate 
between collagen 
types
Hydroxyproline 
content in elastin may 
falsify results

Immuno-based 
methods (ELISA, 
Western Blot)

Antibodies are raised 
against specific collagen 
types or chains.

In principle suitable 
for all kinds of 
samples
No special equipment 
necessary
Can differentiate 
between collagen 
types

Strongly dependent 
on antibody 
specificity—may 
require additional 
validation
Antibodies are 
expensive

Proteomics Mass-spectrometry-based 
identification and 
quantification of the 
matrisome including all 
detectable collagen types in 
the sample

Can differentiate 
between collagen 
types
Little sample 
necessary for 
comprehensive 
analysis of all 
collagen types in the 
same run

Requires a facility 
with state-of-the-art 
tandem mass 
spectrometry
Expensive 
methodology

complex peptide mixtures and the high sensitivity of modern high-resolution mass 
spectrometers. Most ECM proteomics studies have used a “bottom-up” approach in 
which proteins are first digested into peptides before LC-MS/MS analyses. The pep-
tide’s amino acid sequences are identified by database search engines where tandem 
mass spectra predicted from a protein database are compared to MS/MS spectra 
obtained experimentally. Identified peptide sequences are assembled into proteins 
using bioinformatics tools. Thus, unlike collagen-specific methods mentioned 
above, mass spectrometry-based proteomics is a powerful technological platform 
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that allows not only the assessment of hundreds of proteins, including the different 
collagen types, at once, but also the characterization of detailed biochemical fea-
tures such as posttranslational modifications and/or chemical changes of proteins.

Matrisome studies involved the sequential extraction of several cellular fractions 
until a fraction enriched in insoluble ECM proteins was obtained and analyzed by 
LC-MS/MS. An example of a general workflow is given in Fig. 11.3. Notably, the 
study also developed an in-silico human matrisome database composed of a “core” 
and “associated” matrisome genes that facilitated the identification and classifica-
tion of matrisome proteins present in different tissues. The “core matrisome” is 
comprised of 278 genes (274 in the mouse) encoding ECM glycoproteins, colla-
gens, and proteoglycans. In addition, 778 genes are cataloged as “matrisome- 
associated proteins” comprised of ECM regulators and modifiers and secreted 
factors [77]. In these studies, the protein composition of the lung ECM was investi-
gated using LC-MS/MS.  Following sequential extraction, insoluble ECM-rich 

Fig. 11.3 General 
workflow of sample 
preparation for 
extracellular matrix 
proteomics. 
Decellularization of the 
tissues or cultured cells 
enhances detection of 
ECM proteins. Many 
strategies have been 
developed to take 
advantage of the insoluble 
nature and enrich for ECM 
proteins using detergent 
mixtures that dissolve lipid 
membranes and allow the 
removal of soluble 
proteins. The enriched 
ECM proteins are 
denatured, reduced and 
alkylated to facilitate 
digestion into peptides by 
enzymatic or chemical 
protocols. The peptide 
mixture is fractionated by 
different means, typically 
liquid chromatography, 
before detection and 
quantification by high- 
resolution mass 
spectrometry. (Figure is 
created with 
BioRender.com)
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samples were obtained and solubilized in high urea followed by reduction, alkyla-
tion, and deglycosylation. ECM proteins were digested with trypsin and the result-
ing peptides were further separated and purified on off-gel electrophoresis. ECM 
samples were analyzed by LC-MS/MS and the resulting spectra were searched 
against the mouse database. The study revealed that the murine lung ECM com-
prises 143 total matrisome proteins: 92 core matrisome proteins, and 51 matrisome- 
associated proteins [77]. Notably, 43 collagen gene products were identified in the 
lung samples.

In addition to learning about the composition of normal tissue ECM, LC-MS/MS 
proteomics studies provide an effective platform for the characterization of ECM 
proteins from diseased lungs, which may give cues into molecular pathways under-
lying fibrotic disease. For instance, a comprehensive dynamic proteomics effort to 
characterize changes in ECM protein biosynthesis during bleomycin-induced lung 
fibrosis was undertaken [27]. Lung tissues were collected from bleomycin- and 
vehicle-treated mice labelled with deuterated water prior to injury. Labeled tissue 
samples were subjected to sequential extraction with salt, detergent, and guanidine. 
Analysis of soluble and insoluble fractions revealed that while ECM proteins were 
not significantly solubilized with salt and detergent, they were highly enriched in 
guanidine-soluble and insoluble fractions. Furthermore, unlike traditional “static” 
proteomics methods, the use of stable isotope labelling combined with the sequen-
tial extractions allowed estimation of fractional synthesis rate (FSR) of single ECM 
proteins. The study revealed the dynamic changes in synthesis of certain collagen 
types along with elevated levels of fibrillar collagen, confirming that bleomycin 
injury induced deposition of insoluble matrix that eventually leads to fibrosis [27].

In a subsequent study, quantitative detergent solubility profiling (QDSP) of lung 
tissue homogenates was used to evaluate tissue composition from the onset of 
inflammation and fibrosis to its full recovery [98]. Unlike the previous study, the 
authors separated whole tissue proteins based on their differential solubility in 
response to increased detergent stringency, which allowed monitoring interactions 
of secreted proteins with the insoluble ECM. A label-free mass spectrometry-based 
approach was used to estimate the relative levels of proteins in the different frac-
tions from all time-points from fibrosis to recovery. The results revealed that some 
core matrisome proteins, including collagens, were altered upon bleomycin injury 
with it moving from the soluble to the insoluble fraction. In contrast, many of these 
fell back to baseline during repair and remodeling of the lungs after injury. Such 
QDSP method has also been adopted to develop a proteomics workflow for human 
lung fibrosis biopsies and to study protein involved in lung aging [2, 99].

The studies described above identified peptides with few posttranslational modi-
fications from the most abundant collagen types. leaving many unidentified colla-
gen types identified in a later study concentrating on pulmonary ECM [74]. While 
the MS methods used in previous general studies included hydroxylation of proline 
in database search parameters, allowing the identification of collagen peptides, they 
are not optimized to exhaustively identify highly modified collagen peptides. Thus, 
this limitation is more relevant for basement membrane collagens such as collagen 
IV and IV which are highly hydroxylated and glycosylated. In the following Sect. 
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11.3.2 we provide more details of database search strategies that have been designed 
to overcome these limitations.

11.3.2  Analysis of Posttranslational Modifications of Collagen

During biosynthesis, a number of co- and post-translational modifications (PTMs) 
are added onto the collagen molecule, most notably hydroxylation and glycosyl-
ation, both of which are essential for maintaining the architecture and function of 
tissues [8, 90]. For instance, 4-hydroxylation of proline is important for folding and 
stabilization of triple-helical molecules and fibril assembly [117]. Similarly, hydrox-
ylation and glycosylation of lysine are important for crosslinking and stabilization 
of collagen fibrils as well as regulation of cell-matrix interactions [61, 122]. In addi-
tion, N-glycosylation of asparagine is thought to play an important role in collagen 
degradation [47]. Mutations on either collagens and/or the enzymes that modify 
them can have a detrimental effect on collagen structure, alter tissue function and 
thus result in disease. Perhaps the best characterized collagen-related disease result-
ing from genetical alterations is osteogenesis imperfecta [71]. Although the extent 
of modification may vary, quantitative mapping efforts to catalog modifications 
along the collagen molecule are very few. However, in recent years improvement of 
mass spectrometry technologies may allow a better characterization of collagen 
PTM changes [74].

Although several protocols have been developed for the generation of suitable 
samples for analysis of these highly modified molecules, the majority of them take 
advantage of the insoluble nature of collagens for their enrichment. As can be 
observed in Fig. 11.3, after collagen peptides are generated by chemical degradation 
or enzymatic digestion, they may be fractionated by different means, but typically 
liquid chromatography, followed by tandem mass spectrometry analysis.

Because collagen peptides are highly hydroxylated and glycosylated, they pose 
a challenge for characterization by conventional mass spectrometry-based pro-
teomics approaches. To generate tandem mass spectra, peptides are subjected to 
gas-phase fragmentation techniques such as collision-induced dissociation (CID) 
which breaks peptide bonds generating so-called b- and y-fragment ions from which 
the peptide sequence can be deduced. Hydroxylation of proline and lysine residues 
is identified by adding 16 mass units to such amino acids during the database search. 
For this it is key that hydroxylation is sufficiently stable and does not undergo cleav-
age under CID conditions. Although O-glycosylation was thought to be labile, 
Perdivara et  al. showed that o-glycosidic bonds between glucose, galactose and 
hydroxylysine are unusually stable to CID in collagen tryptic peptides [85]. Because 
of this characteristic of collagen peptides, CID and higher-energy C-trap dissocia-
tion (HCD), a technology available in high-resolution Orbitrap instruments, have 
successfully been used alone or in conjunction with PTM-friendly chemical ioniza-
tion technologies such as electron-transfer dissociation (ETD) for the MS analysis 
of highly hydroxylated and glycosylated collagen peptides [8].
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For instance, a label-free mass spectrometry approach was used to understand 
hydroxylation and glycosylation on collagen in response to profibrotic cytokine 
transforming growth factor β1 (TGF-β1). As a proof of concept, fibroblasts derived 
from IPF human samples were treated with TGF-β1 to induce changes to their ECM 
within an environment that mimics fibrosis [74]. After decellularization, the enriched 
ECM was digested into peptides by trypsin/LysC mix and peptides were analyzed 
by LC-MS/MS. MS-based label-free quantification revealed that upon exposure to 
TGF-β1 in-vitro, lung fibroblasts ECM experienced changes commonly associated 
with lung fibrosis such as increased expression of fibrillar collagens such as colla-
gen I, collagen II, collagen III & collagen V.  Furthermore, a new bioinformatic 
platform was developed to allow for the comprehensive mapping and site-specific 
quantitation of collagen PTMs in these crude ECM preparations. For the identifica-
tion of PTM on collagen peptides, mass spectrometry data files were searched using 
the unique motif search feature MyriMatch that allowed identification of sites of 
hydroxylation and glycosylation [8, 70, 106]. The analyses yielded a comprehen-
sive map of prolyl and lysyl hydroxylations as well as lysyl glycosylations for 15 
collagen chains. PTM analysis revealed novel sites of prolyl-3-hydroxylation and 
lysyl glycosylation in type I collagen. In addition, the same data-dependent acquisi-
tion MS data were subjected to an MS1 analysis using Skyline software to assess 
changes in collagen PTM [74]. Skyline MS1 is a label-free quantification technique 
in which the areas of each peptide chromatographic peak (a.k.a. extracted ion chro-
matogram – XIC) are recorded, averaged, and compared between the different sam-
ple groups [https://pubmed.ncbi.nlm.nih.gov/20147306/]. The Skyline MS1 
workflow was able to identify significant changes in prolyl-3-hydroxylation and 
O-glycosylation at specific sites within type I collagen molecules present in ECM 
samples taken from human lung fibroblasts stimulated with TGF-β1 concentrations 
mimicking a fibrotic environment.

11.3.3  Assessment of Enzymatic Crosslinks in Collagen

Crosslinks play an important role in maintaining and strengthening the intricate 
structure of collagens in the ECM. In fibrotic diseases and cancer, abnormal ECM 
dynamics and crosslinks disturb the homeostatic state of cells and promote organ 
failure. Collagen-crosslinking lysyl oxidases (LOX) are upregulated in many forms 
of lung fibrotic disorders such as idiopathic pulmonary fibrosis (IPF) [16, 45]. 
Increased crosslinking leads to pathologic deposition of collagen which may disrupt 
elasticity, promote stiffness, and reduce lung function. Thus, when evaluating col-
lagen in translational models of lung disease, it is important to quantify collagen 
crosslinks.

The precursors to the crosslinks are formed by the oxidative deamination of 
lysine/hydroxylysine in collagen by the members of the lysyl oxidase family (LOX), 
resulting in lysine aldehydes also known as “allysines.” The latter may spontane-
ously condense with a lysine or hydroxylysine in a neighboring collagen α-chain to 
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form immature divalent crosslinks dehydro-dihydroxylysinonorleucine (deH-
DHLNL) and dehydro-hydroxylysinonorleucine (deH-HLNL). These immature 
crosslinks can undergo Amadori rearrangement to form the keto forms hydroxyly-
sinoketonorleucine and lysinoketonorleucine which can condense with a hydroxy-
lysine in third alpha collagen chain to form trivalent crosslink lysylpyridinoline or 
deoxypyridinoline (dePyr) and hydroxylysylpyridinoline or pyridinoline (Pyr) [12]. 
Apart from these, there are crosslinks involving the condensation of immature 
crosslinks with histidine residue forming histidinohydroxylysinonorleucine (HHL) 
and dehydrohistidinohydroxymeridesmosine (HHMD). Pyrrole is another kind of 
mature trivalent crosslink present in collagen I formed by condensation of a hydrox-
ylysinoketonorleucine with hydroxylysinonorleucine [34]. Glycosylation is 
observed on certain helical lysine residues involved in crosslinking and are thus 
present on immature divalent crosslink DHLNL & HLNL as well as on mature tri-
valent crosslinks. Collagen crosslink biosynthesis has been extensible reviewed 
elsewhere [34]. In addition to LOX-mediated crosslinks, non-enzymatic action of 
reducing sugars on amino groups of proteins (via Maillard reaction) leads to forma-
tion of advanced glycation end products (AGEs). Pentosidine is one such AGE 
highly characterized in aged lungs [11]. The presence of mature crosslinks is 
thought to be related to matrix stiffness which increases in age related lung diseases 
such as pulmonary fibrosis [72].

With such structural diversity and complexity, selection of methods for the detec-
tion and quantification of collagen crosslinks has historically required careful 
experimental considerations. A possible workflow is outlined in Fig.  11.4. For 
instance, the unstable nature of the immature crosslinks to strong acids used for 
hydrolysis requires prior reduction of collagen samples with sodium borohydride. 
HHMD crosslinks are stable in acid but can also be detected in the same NaBH4- 
reduced samples. A small number of laboratories still use tritiated sodium borohy-
dride (NaB3H4) to radiolabel immature crosslinks because this method has high 
sensitivity allowing the use of smaller sample size. If NaB3H4 is used for reduction, 
separation of immature crosslinks can be achieved on either a cation -exchange 
column or C18 reverse-phase column with detection on a liquid scintillation counter 
[66, 101]. Although radioactive methods present many advantages, it is not readily 
available to most collagen researchers around the world who are obligated to look 
for alternative methods.

More accessible non-radioactive methods to quantify immature reducible cross-
links have been developed. In this case, ultra-performance liquid chromatography 
ESI-MS/MS has been developed and used for a variety of tissues. Since immature 
crosslinks are small and have a more polar character, the mobile phase of reverse- 
phase C18 column includes heptafluorobutyric acid (HFBA) which allows a better 
retention and fractionation of these crosslinks on the column. However, because 
HFBA reduces columns shelf life and it is difficult to remove from the mass spec-
trometer source, other columns and mobile phase agents have been implemented. 
One such column that has emerged in the field of crosslink quantification is hydro-
philic interaction chromatography (HILIC) columns coupled with mass spectrom-
etry detection. Unlike C18 reverse-phase columns, HILIC columns are hydrophilic 
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Fig. 11.4 Schematic workflow for detection of collagen crosslinks in biological samples. The 
biological sample is crushed in liquid nitrogen to generate an insoluble powder that is lyophilized 
before determination of its dry-weight. Stabilization of acid-labile immature crosslinks can be 
achieved with either radiolabeled (left) or non-radiolabeled sodium borohydride (right). After 
hydrolysis amino acids and lysyl-derived crosslinks can be separated on different HPLC columns. 
In case of immature crosslinks, those that have been radiolabeled are detected with a liquid scintil-
lation counter, whereas non-labeled crosslinks are detected by mass spectrometry. For mature 
crosslinks, quantitation can be achieved using either mass spectrometry using MS1 extracted-ion 
chromatogram (MS1), multiple reaction monitoring (MRM) or parallel-reaction monitoring 
(PRM). In the particular case of pyridinolines, they can also be quantified using their intrinsic fluo-
rescence or using an ELISA detection kit. A portion of each hydrolyzed sample may also be used 
to quantify hydroxyproline, which is used to determine the number of crosslinks per molecule of 
collagen in each sample. The addition of a known amount of an internal standard at the beginning 
of the procedure accounts of sample loss and greatly improves results. The crosslinks are repre-
sented in moles per mole of collagen in the sample. Commonly analyzed collagen crosslinks are 
shown at the bottom. (Figure is created with BioRender.com)

where polar compounds such as immature collagen crosslinks are typically fraction-
ated by a gradient starting with a high concentration of organic solvent (e.g., aceto-
nitrile) and increasing the polarity of the mobile phase with water. Notably, in 
addition to immature crosslinks, fractionation of a mixture of immature and mature 
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crosslinks from different tissue samples has been achieved on HILIC columns [3, 
78, 79, 107, 108]. This is particularly convenient when sample amount is limited as 
it may allow the quantitation of a panel of collagen crosslinks in a single column.

For reliable quantitation by mass spectrometry (MS), the gold standard is mul-
tiple reaction monitoring (MRM) done in a triple quadrupole where the crosslinks 
molecules are selected in first quadrupole (Q1), fragmented in the collision cell 
(Q2) and the intensities of the resulting fragments are registered in the third quadru-
pole (Q3). MRM-MS methods are very selective because they rely on predeter-
mined precursor-product transitions that are determined for every specific analyte to 
be quantified. In the case of collagen crosslinks, these transitions have been deter-
mined and are available in the literature for implementing a quantitation method 
using HILIC or reverse-phase columns. Although MRM-MS methods enjoy many 
advantages such as high sensitivity, selectivity, wide dynamic range, high precision, 
and reproducibility, even when analyzing complex samples, it requires expertise in 
mass spectrometry. For instance, finding optimal fragmentation conditions (colli-
sion energy, etc.) of the analyte to be quantified is recommended to achieve maxi-
mal sensitivity.

More recently, the popularity of Q-Exactive high-resolution MS instruments has 
propelled the development of parallel-reaction monitoring (PRM) methods for the 
quantitation of collagen crosslinks. Although PRM and MRM are similar in sensi-
tivity, dynamic range, etc., the rapid scanning rate and acquisition of high-resolution 
MS/MS spectra these instruments make PRM potentially more specific than 
MRM.  In addition, unlike MRM methods, pre-established parent-product transi-
tions are not needed for PRM which greatly facilitates method development.

Because isotopically labelled standards for all collagen crosslinks are not com-
mercially available, a typical quantitation method relies on an external calibration 
curved constructed with crosslink standards. The inclusion of a related molecule 
such as pyridoxamine as internal standard [4] could help account for losses during 
sample preparation and thus significantly improve accuracy.

Due to the fluorescent nature of the pyridinolines, HPLC with fluorescent detec-
tion can be used to detect these trivalent mature crosslinks. Notably, fluorescent 
detection of pyridinolines in human urine is a well characterized method as it has 
been used to understand the collagen turnover or as biomarker in many forms of 
bone disease [31–33, 35] & lung fibrosis [116]. Although pyrrole crosslinks are also 
likely to be present in tissue samples, they are not typically quantified because 
unlike pyridinolines they are not fluorescent and require Ehrlich’s chromogen for 
detection (Table 11.2).

11.4  Assessment of Collagen Architecture In Situ

Collagen architecture, including fibril length, density, and alignment, directly and 
profoundly influences adherent cell behavior and function [58, 86, 100, 120]. 
Visualization of collagen architecture in translational models of lung disease may 
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Table 11.2 Examples of collagen crosslink quantification in lung diseases

Nature/Origin 
of tissue Method of quantification Crosslink detected & interpretation

Rat bleomycin 
induced injury 
[92]

NaB3H4 reduction & labelling of 
immature crosslink, separation on 
C18 RP-HPLC and detected on 
liquid scintillation counter. 
Crosslinks normalized to 
hydroxyproline content

DHLNL reported as dpm/50ug of 
hydroxyproline. Increase in DHLNL in 
initial few weeks
Pyridinolines reported as pmol per 5ug of 
hydroxyproline. Increased amounts of 
pyridinolines in injured lungs

Bleomycin 
induced injury 
[7]

Sirius red staining Increased insoluble crosslinked collagen 
found in injured tissue. Use of AB0023 
LOXL2 inhibitor decreased the 
crosslinked collagen amount

Idiopathic 
pulmonary 
fibrosis patient 
urine samples 
[116]

Fluorescence based detection of 
mature crosslinks

Increase in pyridinolines reported in IPF 
patient urine, expressed in nmoles/mmoles 
of creatinine

344SQ tumors 
[116]

NaB3H4 reduction & labelling of 
immature crosslink & 
fluorescence detection of mature 
crosslinks

Immature and mature crosslink amounts 
are reported in mol/mol of collagen
Treatment with trihydroxyphenolic 
compounds decrease in immature DHLNL 
and mature pyridinoline crosslinks and 
attenuated lung injury as well as 
metastasis

Urine from 
bleomycin 
treated mice 
[116]

Fluorescence based detection of 
mature crosslinks

PyD & DPD were measured as nmole/
mmole of creatinine
Increase in pyridinolines were reported in 
injured mice and treatment with 
trihydroxyphenolic compounds reduced 
the mature crosslink levels in urine

Lung stromal 
tumor cells [23]

NaB3H4 reduction & labelling of 
immature crosslink, C18 
separation & UHPLC-ESI-MS/
MS.
ELISA for detection of 
pyridinolines

DHLNL, HLNL, Pyr & HHMD crosslinks 
detected and reported in mol/mol of 
collagen from tumor tissues
Increase in DHLNL and pyridinoline in 
comparison to HHMD crosslinks. LH2 
was proposed to be regulatory switch 
converting lysines into hydroxylysines 
which in turn participates in formation of 
DHLNL & pyridinolines

Lung fibroblasts 
[45]

KBH4 reduction of immature 
crosslink & fluorescence 
detection of mature crosslinks

Crosslinks were normalized to total 
collagen content in fibroblasts. Increase of 
immature and mature crosslinks in fibrosis 
which was markedly reduced with use of 
LOXL2/3 dual inhibitor

Human lung 
fibroblasts 
CCS19-Lu [94]

ELISA kit for detection of 
pyridinolines

Increase in pyridinolines (nM/106 cells) 
reported in cells treated to LOX & BMP-1

Rat lungs [11] Separation on C18 and 
fluorescence detection of AGE

Pentosidine AGE detected in increasing 
amount in aged lungs and reported in 
pmol/mg of collagen
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therefore provide important clues for underlying disease-driving mechanisms 
beyond the mere increase in deposition of fibrillar collagen, which can be quantified 
using the methodology outlined above. Several staining and microscopy techniques 
allow for the assessment of collagen or ECM architecture and are not only used to 
visualize collagen in tissue sections, but also in more complex three-dimensional 
samples. These methods range from traditional histological staining and immuno-
histochemistry coupled with light or fluorescence microscopy to polarization-based 
microscopy methods, second-harmonic generation (SHG) microscopy, and scan-
ning and transmission electron microscopy (Fig.  11.5). While most of these 

Fig. 11.5 Examples for in situ visualization of collagen architecture. (a) Masson Trichrome stain-
ing of an IPF lung tissue section. (Reproduced from Harris WT et al. [124] (https://journals.plos.
org/plosone/article?id=10.1371/journal.pone.0070196)). (b) Picrosirius Red staining of a mouse 
lung with bleomycin-induced lung fibrosis, visualized using conventional light microscopy, in 
comparison to (c) the same section visualized using polarized light microscopy. ((b) and (c) are 
reproduced from Egger C et al. [125] (https://journals.plos.org/plosone/article?id=10.1371/jour-
nal.pone.0063432)). (d) Immunofluorescent staining of a normal human lung section for type IV 
collagen (green). (e) Immunofluorescent staining of a mouse lung section depicting bleomycin- 
induced lung fibrosis for type I collagen (green). Staab-Weijnitz CA, unpublished results. (f) 
Transmission electron microscopy of idiopathic pulmonary fibrosis (IPF) acellular lung matrix. 
(Reproduced from Booth AJ et  al. [126], Figure  6, right-hand panel, with permission of the 
American Thoracic Society. Copyright © 2021 American Thoracic Society. All rights reserved. 
The American Journal of Respiratory and Critical Care Medicine is an official journal of the 
American Thoracic Society. Readers are encouraged to read the entire article for the correct con-
text at https://www.atsjournals.org/doi/full/10.1164/rccm.201204- 0754OC. The authors, editors, 
and The American Thoracic Society are not responsible for errors or omissions in adaptations). (g) 
Second Harmonic Generation image of lung parenchyma from an IPF patient’s lung section. 
(Reproduced from Tjin G et al. [127] (https://doi.org/10.1242/dmm.030114), with permission of 
Disease Models & Mechanisms (https://journals.biologists.com/dmm))
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methods allow for quantification of collagen content and alignment in situ, they dif-
fer considerably in specificity and resolution [53, 60, 68, 115]. Their advantages and 
disadvantages will be outlined below.

11.4.1  Masson’s Trichrome Staining

Masson’s trichrome staining is a widely used method to for the visualization of col-
lagen in the context of tissue structure which allows for detection of morphological 
alterations and the qualitative and quantitative assessment of the extent of collagen 
deposition [110]. The latter makes it particularly useful for routine use in pathologi-
cal diagnosis of fibrotic diseases. Numerous variants of this method and combina-
tions with other staining protocols exist, but in principle they all rely on the 
sequential use of three dyes with different molecular weights and acid-base chemis-
try in a precisely controlled timely manner. Weigert’s iron hematoxylin is used first 
to stain the nuclei. This dye is resistant to subsequent acid decolorization proce-
dures. Then, a red acid dye (the so-called plasma stain, e.g., Biebrich scarlet or acid 
fuchsine) is applied which binds all acidophilic structures including cytoplasm, 
muscle, and collagen. A solution containing large acid heteropolymetalates such as 
phosphomolybdic or phosphotungstic acid removes the plasma stain from collagen, 
but not from muscle fibers or cytoplasm. Finally, a green or blue dye (e.g., light 
green SF or aniline blue) is used to stain collagen fibers (Fig. 11.5).

11.4.2  Picrosirius Red Staining

The underlying principle for the specific binding of Sirius Red to collagen has been 
described above (Sect. 11.2.1). When used for tissue staining, Sirius Red is often 
called Picrosirius Red (PSR), as the stain is dissolved in an aqueous solution of 
picric acid in the protocol. In bright-field microscopy, collagen appears red on a 
pale-yellow background. Also, fluorescence microscopy has been used for visual-
ization of PSR-stained sections using excitation/emission settings for rhodamine—
stained fibers also then appear red and can be combined with green autofluorescence 
of elastic fibers or live cells [14, 29, 112]. Importantly, specificity and sensitivity for 
visualization of collagen fibers can be considerably enhanced when polarized light 
microscopy is used for analysis [119]. Parallel alignment of collagen fibers causes a 
strong natural birefringence, which is further enhanced by the association of elon-
gated Sirius Red molecules along the linear fiber axis. Thus, collagen can be visual-
ized under linear polarized light and will then present as red, orange, yellow or 
green fibers [46, 60, 67, 115] (Fig. 11.5). The different colors were initially thought 
to reflect distinct collagen types [46, 67], but are more likely to be a measure of fiber 
thickness and/or degree of parallel orientation [60, 69].
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11.4.3  Second Harmonic Generation Microscopy

Second harmonic generation (SHG) is a non-linear optical process where photons 
from a strong laser pass through a so-called non-centrosymmetric environment, i.e., 
an environment without an inversion center as symmetry element, and interact with 
aligned harmonophores that possess a permanent dipole moment. This leads to 
emission of second-harmonic light at half the wavelength of the light that originally 
entered the material. Only very few biological materials/proteins are such harmono-
phores, i.e., meet the physical requirements for efficient second harmonic genera-
tion. These materials include type I and II collagens and myosin in actin-myosin 
complexes [22]. Hence, specificity for fibrillar type I and II collagens in biological 
samples is excellent. In addition, this technique allows for assessment of the three- 
dimensional fibrillar collagen network in high resolution [5]. Another advantage is 
that, as SHG microscopy entirely relies on the above-described intrinsic physical 
properties of fibrillar collagen, it does not require staining procedures or any type of 
labelling [53, 105, 121].

11.4.4  Immunohistochemistry

While all techniques described above are best suited for or even restricted to the 
visualization of fibrillar collagens, immunohistochemistry (IHC) provides the 
opportunity to stain for distinct collagen types, given that specific antibodies are 
available. Hence, the same limitations as already outlined above for immune-based 
methods for quantification of collagen types (Sect. 11.2.3) apply. Notably, Rickelt 
and Hynes have published a highly useful summary on IHC methods and suitable 
antibodies for the detection of ECM proteins including numerous collagens [93]. 
Immunohistochemical techniques are typically highly sensitive. Dependent on the 
antibodies used, efficient detection of collagen may require the unmasking of epit-
opes by limited predigestion of tissue sections prior to the staining procedure [26].

11.4.5  Transmission Electron Microscopy

In transmission electron microscopy (TEM), electrons instead of light are sent 
through the sample specimen, resulting in superior magnification by a factor of 
1000 and much higher resolving power. This facilitates the visualization of subcel-
lular compartments and single collagen fibrils, diameters of which may range from 
12 to 500 nm, far below or at best at the limit of resolution of standard light micros-
copy [103]. This property makes TEM the only currently available technique to 
quantify fibril diameter and length and to directly visualize collagen fibrillogenesis 
at the interface fibroblast-extracellular space [104]. Methods for 3D reconstruction 
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have been developed [76, 104]. Exemplifying the power of this technique, recon-
structing 3D images from serial TEM images ultimately lead to the discovery that, 
in tendon fibroblasts, Golgi to plasma membrane carriers (GPCs) carry collagen 
fibril cargo and target them to special plasma membrane protrusions, fibripositors, 
for secretion [18] (Table 11.3).

11.4.6  Selected Complementary and Emerging Techniques

 Confocal Reflection Microscopy (CRM)

In confocal reflection microscopy (CRM), a confocal microscope is used to take 
reflection images of a sample specimen at sequential focal planes along the z axis 
followed by three-dimensional reconstruction. While reflection as an intrinsic opti-
cal property is not particularly specific for collagen, in contrast to SHG as described 
above (Sect. 11.4.3), CRM is a comparatively simple alternative for the detailed 
assessment of collagen microarchitecture in artificially prepared scaffolds from 
purified collagen or collagen-enriched material [15, 100].

 Atomic Force Microscopy (AFM)

Collagen architecture and the extent of collagen crosslinking affect tissue stiffness 
which, in turn, regulates adherent cell behavior via biomechanical signaling [37, 
45]. Therefore, for some research questions, it may be of interest to assess mechani-
cal properties of a biological sample with altered collagen properties. Atomic force 
microscopy (AFM) is a type of scanning probe microscopy, where interactions 
between a sharp tip at the end of a cantilever and the sample surface are recorded, 
allowing for the visualization of surface topography at nanoscale [82]. Importantly, 
alongside topographic analysis, AFM can be used for nanoindentation, where speci-
fied forces are applied to the surface of the sample and the extent of indentation is 
recorded by the instrument. This yields a measure of the sample’s stiffness/elasticity 
and allows for the generation of Young’s modulus maps of the sample’s surface [37, 
45, 82].

 Imaging Probes for Magnetic Resonance Imaging (MRI)

Magnetic resonance imaging (MRI) is an imaging modality routinely used in the 
clinic when diagnosis requires high-resolution images of soft tissues or when ion-
izing radiation should be avoided. MRI relies on strong magnetic fields, magnetic 
field gradients, and radiofrequency pulses to generate images of anatomical struc-
tures. Molecular MRI is an emerging field where targeted probes are designed and, 
for instance, coupled to MRI contrast agents such as clinically approved 
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Table 11.3 Methodologies for the visualization of collagen architecture in tissue sections and 
three-dimensional samples (for tissue staining examples, refer to Fig. 11.5)

Method Principle Advantages Disadvantages

Masson 
Trichrome 
Staining

Dyes of different molecular 
weights and acid-base chemistry 
differentially bind to collagen, 
muscle fibers, nuclei, and 
cytoplasm

Cheap and rapid 
procedure, routine 
use in pathology
Allows for 
visualization of 
collagen 
distribution and 
architecture

Does not differentiate 
between collagen 
types as differential 
binding mostly relies 
on acid-base 
interactions

Picrosirius Red 
Polarization

Sirius red dye binds specifically 
to elongated triple helical 
collagenous domains. Its 
association along collagen fibers 
enhances the natural 
birefringency of collagen and 
allows for specific visualization 
in polarized light microscopy

Highly specific for 
collagen fibers
Accurate 
visualization of 
fibrillar collagen 
networks

Requires a linear 
polarized light 
microscope with a 
rotating stage, or a 
circular polarized 
light microscope
Strongly dependent 
on sample orientation
Does not differentiate 
between collagen 
types
Only suitable for 
collagen fibers

Second 
harmonic 
generation 
microscopy

Relies on the intrinsic property of 
type I and II fibers to act as 
harmonophores and emit a strong 
second harmonic generation 
signal

No staining or 
labelling required
suitable for 
three-dimensional 
visualization of 
collagen 
architecture
high specificity for 
fibrillar type I and 
II collagens

Requires a laser 
scanning microscope 
with special 
modifications
Only suitable for type 
I and II collagen 
fibers

Immunohisto- 
chemistry

No special 
equipment 
necessary
Can differentiate 
between collagen 
types

Strongly dependent 
on antibody 
specificity—may 
require additional 
validation
Antibodies are 
expensive

(continued)
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Table 11.3 (continued)

Method Principle Advantages Disadvantages

Electron 
microscopy

Very high 
resolution
allows for 
visualization of 
single collagen 
fibers
Facilitates 
determination of 
individual fibril 
length and 
diameter in situ
suitable for the 
study of 
fibrillogenesis at 
the cell-ECM 
interface

Requires an electron 
microscope, special 
expertise, and training

gadolinium-based structures [95]. ECM-targeting moieties have much been explored 
in the context of cardiovascular disease [91]. For in vivo models of lung fibrosis, 
successful targeting of type I collagen by a gadolinium-coupled probe has been 
reported by Caravan et al. [19] and, more recently, the same group demonstrated 
that an allysine-binding gadolinium chelate can be used to monitor fibrogenesis in 
the mouse model of bleomycin-induced lung fibrosis [113]. Also, the latter targets 
mostly collagen, as fibrogenesis typically associates with increased LOX-mediated 
oxidations of lysine to the allysine aldehyde intermediate. Clearly, ECM-targeted 
MRI may provide the unique opportunity for non-invasive and non-destructive anal-
ysis of ECM changes in lung disease, ultimately allowing for sequential assessment 
of disease development in the same animal.

11.5  Monitoring Fibril Formation in Real Time Using 
Purified Collagen

Fibril formation and crosslinking stabilizes fibrillar collagen and largely protects it 
from proteolytic degradation. Inhibition of fibril formation can therefore be viewed 
as a promising therapeutic strategy for all types of pulmonary disease where exces-
sive secretion and deposition of ECM is a pathological feature. Notably, this is not 
only the case for fibrotic disease, but also for cancer, where the formation of tumor- 
encapsulating ECM shields the tumor cells from therapy and is typically associated 
with poor prognosis [38].

A well-established and straightforward assay for the assessment of collagen 
fibril formation in vitro relies on the principle that purified and acid-dissolved type 
I collagen spontaneously forms fibrils upon neutralization in an entropy-driven 
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process. Fibrillogenesis can be monitored in real time by light scattering and the 
resulting fibrils, which are similar to those formed in  vivo, further examined by 
electron microscopy [48, 118]. We have previously used this assay to show that two 
approved therapeutics for the treatment of idiopathic pulmonary fibrosis, nintedanib 
and pirfenidone, both delay collagen fibril formation, identifying a potential novel 
mechanism of action [55].

As simple and attractive as this assay appears, several things need to be consid-
ered. First, it should be acknowledged that it reflects a highly artificial environment 
and that assay conditions must be strictly controlled as temperature, buffer, salt 
composition, and pH strongly affect fibril formation [118]. Second, the source of 
the collagen used must be carefully chosen. In many studies, pepsin-digested col-
lagen is used which is devoid of telopeptides and therefore harbors few LOX- 
crosslinking sites if any [34, 97]. However, absence of telopeptides has been shown 
to slow fibril formation and to alter the morphology of resulting collagen fibrils 
[97]. Also, with telopeptides present, this assay will be better suited to directly study 
the influence of enzymatic and non-enzymatic collagen crosslinking on fibril forma-
tion and on resulting fibril architecture. Therefore, collagen preparation methods 
should be considered that leave telopeptides intact [20, 97, 118].

11.6  Assessment of Collagen Turnover by 
Peripheral Markers

Normal collagen turnover maintains a healthy balance between collagen synthesis 
and degradation processes. Impairment of this balance and uncontrolled ECM 
remodeling also is a major pathological hallmark of many chronic lung diseases 
[13, 17, 123]. Importantly, these processes lead to cleaved-off collagen propeptides 
as well as MMP-dependent cleavage products which are detectable in peripheral 
blood. Although a relatively new concept, several studies already support the con-
cept that assessment of peripheral collagen propeptides and matrikines may be ben-
eficial for prognosis and diagnosis of chronic lung disease [10, 44, 49–51, 65, 84, 
109]. Markers of collagen formation can also be used as a read-out when efficiency 
of novel therapeutic strategies is assessed in preclinical models [73]. In addition, 
these cleavage products allow for inferences on the responsible protease for colla-
gen turnover, provide information about the tissue of origin, and thus contribute to 
our understanding of disease pathogenesis and comorbidities [25, 44, 49–51, 109]. 
Table 11.4 provides a list of the most frequently currently used peripheral markers 
of collagen research.
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Table 11.4 Peripheral markers of collagen turnover with potential applicability as biomarkers for 
lung disease

Substrate Protease
Protein 
fragment Investigations in lung References

Collagen type I 
degradation

MMP-2/9/13 C1M Elevated in COPD and IPF [44, 65, 62]

Collagen type III 
degradation

MMP-9 C3M Elevated in COPD and IPF [6, 44, 65]

Collagen type IV 
degradation

MMP C4M Elevated in COPD [64, 65, 
111]

Collagen type V 
degradation

MMP-2/9 C5M Elevated in COPD and IPF [44, 65, 
111]

Collagen type VI 
degradation

MMP-2/9 C6M Elevated in COPD and IPF [44, 65, 
111]

Collagen type I 
formation

ADAMTS2, 
ADAMTS14

PINP Not elevated in progressing 
IPF disease

[10, 57, 63, 
84]

BMP1 PICP Elevated in bronchoalveolar 
lavage fluid of IPF patients

[36, 40, 57]

Collagen type III 
formation

ADAMTS2 PIIINP Elevated in progressing IPF 
disease

[10, 57, 80, 
84]

BMP1 PRO-C3 Elevated in progressing IPF 
disease

[40, 84]

Collagen type VI 
formation

PRO-C6 Elevated in progressing IPF 
disease

[40, 84]

11.7  Conclusion

In most mammalian tissues, collagens represent the main ECM component and play 
a major role in the maintenance of tissue integrity and function. Hence, it is not 
surprising that alterations of collagen quantity and molecular properties contribute 
considerably to chronic lung disease development and thus need to be considered in 
translational models of lung disease. The high structural and functional diversity of 
collagens, however, entail a number of challenges for their characterization.

While methods for the detection and visualization of fibrillar collagens in situ are 
well-established, the analysis of collagen types in molecular detail, including PTMs 
and extracellular crosslinks, requires very specific approaches, many of which are 
still under development. Proteomics studies, in combination with detailed func-
tional analysis of observed changes, may reveal novel molecular mechanisms 
underlying fibrosis and thus help identify potential future targets for treatment of 
chronic lung disease. Identification and quantification of collagen PTMs, crosslinks, 
collagen-derived propeptides and matrikines may help elucidate their functions in 
lung health and disease, and also serve as a platform for the development of future 
diagnostic and therapeutic strategies.

In conclusion, here, we provided a summary on the current state-of-the-art of 
collagen quantification, detection, and assessment of properties in molecular detail. 
The methodology reviewed includes traditional and well-established approaches 
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that take advantage of well-known intrinsic and unique properties of collagen fibers, 
but also cutting-edge methodologies such as tandem mass spectrometry, which 
allows not only for assessment of collagen composition but also for elucidation of 
site-specific PTMs and crosslinks.
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Chapter 12
Understanding and Engineering 
the Pulmonary Vasculature

Wai Hoe Ng, Barbie Varghese, and Xi Ren

12.1  Pulmonary Vasculature in Development and Diseases

Blood circulation in the body is essential for transporting oxygen and nutrients to 
nearly all tissues. It also plays crucial roles in regulating organ and tissue homeosta-
sis [1]. The mammalian circulation system can be divided into systemic and pulmo-
nary circulation. Here, we will be focusing on the pulmonary circulation, which 
involves transporting blood in between the heart and lung. Deoxygenated blood is 
transported from the right ventricle of the heart to the lung via pulmonary arteries 
that further branch into smaller arterioles, and finally, capillaries, where the blood 
vessels contact the air-filled alveoli to facilitate gas exchange. Blood that is 
being  oxygenated as it flows through the pulmonary capillaries merges into the 
pulmonary veins and eventually reaches the left atrium of the heart prior to systemic 
circulation.

Gas exchange involves the diffusion of CO2 and O2 between the alveoli and cap-
illaries in the distal lung. The human lung is made up of an estimated 480 million 
alveoli that are paired up with 280 billion capillary segments at the terminal ends of 
the respiratory tree, covering a surface area of 40–80 square meters to allow effec-
tive gas diffusion between the two compartments [2, 3]. During mouse embryogen-
esis, E9.5 marks the earliest sighting of the mesoderm-derived endothelial cells 
(ECs) in the areas ventral and lateral to the foregut endoderm [4], followed by their 
expansion and integration with the surrounding epithelium throughout all stages of 
lung organogenesis [5]. During human lung development, the first air-blood inter-
face formation is observed during the canalicular stage (gestation week 16–26), 
which continues to mature during the saccular stage (gestational week 24–38) [6]. 
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Disruption of alveolar development impairs vascular development and vice versa 
[6]. Circulation between the heart and distal lung vascular plexus is initiated during 
the pseudoglandular stage (38 days of gestation) [7].

During embryonic vascular development, the  Vascular Endothelial Growth 
Factor (VEGF) receptors play crucial roles in EC specification and are also com-
monly used as early markers to label ECs [8, 9]. At E11.5 in mice, soon after the 
initiation of lung organogenesis, VEGF is uniformly distributed in the airway epi-
thelium and the subepithelial matrix. Later, at E13.5 and E15.5, its expression 
becomes restricted to the branching tips of the airways in the distal lung [10]. These 
emphasize the role of matrix-associated VEGF in coordinating neovascularization 
and lung epithelial morphogenesis [10]. Reporter targeting flk-1 (VEGF receptor 2) 
in animal models has been used to identify the signals regulating pulmonary vascu-
lar development: (1) WNT signaling is required for proper lung mesenchymal 
growth and vascular smooth muscle development [11]; (2) Blocking Sonic 
Hedgehog (SHH) disrupts pulmonary vascular plexus formation [12]; (3) VEGF-A 
stimulates ECs to undergo vasculogenesis and angiogenesis [13]; (4) Transforming 
Growth Factor (TGF)-β also directs the differentiation and maturation of new ves-
sels through vasculogenesis and angiogenesis [14]; and  (5) Lack of Bone 
Morphogenetic Protein (BMP) stimulator reduces the number of smooth muscle 
cells and enlarges vessels [15]. Further, the vasculature grows along with foregut 
endoderm and continues to branch alongside the lung bud [13]. In the absence of 
lung epithelium, pulmonary vascular ECs fail to proliferate [13]. Multiple factors, 
including TGF-β, retinoic acid, BMPs, Fibroblast Growth Factor 10 (FGF10), and 
WNTs, are primarily supplied by the pulmonary mesenchyme and have been impli-
cated to mediate the specification and expansion of both lung epithelium and endo-
thelium during development [16–19].

Defective vascular development is associated with pulmonary dysfunction and 
an array of respiratory diseases. Bronchopulmonary dysplasia is a condition marked 
by the disruption of pulmonary vascular development as well as a reduction in alve-
olar number [20]. In experimental models, blockage of VEGF or its receptor 
(VEGFR2) during fetal lung development results in defective angiogenesis and 
alveolar hypoplasia, producing pathological phenotypes resembling bronchopulmo-
nary dysplasia [21, 22]. Alveolar capillary dysplasia is a disease caused by defective 
formation of the air-blood barrier in the lung due to misarrangement of veins in the 
center of lung lobules [23, 24]. Congenital cystic pulmonary disorders are caused by 
maldevelopment of the pre-acinar airways, resulting in immature and abnormal vas-
cularization [25]. In another scenario, congenital diaphragmatic hernia, where the 
lungs are mechanically forced to one side within the thoracic cavity, causes hypo-
plastic lungs with an abnormally thickened pulmonary arterial wall [26]. These con-
ditions hint that pulmonary vasculature is physiologically or pathologically linked 
with pulmonary epithelial specification. Thus, understanding and recapitulating the 
inter-lineage endothelial-epithelial crosstalk is of critical importance for lung 
bioengineering.
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12.2  Pulmonary ECs and Their Angiocrine Functions

Although the vasculature permeates almost every organ, the microvascular (capil-
lary) ECs of different organs exhibit distinct organotypic phenotypes and functions 
(Fig. 12.1) [27]. For example, capillary ECs in the nervous system form a stringent 
blood brain barrier to restrict molecule exchange between the brain tissue and cir-
culating blood, while capillary ECs of the kidney glomeruli are fenestrated enabling 
effective solute filtration [28]. Bone marrow and liver vasculature are composed of 
fenestrated sinusoidal ECs [29], with the appearance of open pores lacking basal 
lamina underneath the endothelium, to enable filtration of large molecules and cir-
culating cells through these fenestrations [30, 31]. Besides acting as a key compo-
nent to support the physiological functions of each organ, tissue-specific ECs are 
also capable of secreting angiocrine factors to influence the surrounding parenchy-
mal and non-parenchymal cells to regulate tissue homeostasis, injury response, and 

Fig. 12.1 Tissue-specific endothelial heterogeneity in human. ECs across different vascular beds 
exhibit distinct phenotypes and functions. Brain and lung microvascular ECs are continuous and 
without fenestration, and can form a stringent barrier to limit biomolecular transfer. Kidney and 
small intestinal microvascular ECs are fenestrated, and function to aid in solute filtration and nutri-
ent absorption, respectively. The sinusoidal ECs in the liver are discontinuous, allowing passage of 
macromolecules and transmigratory cells. Schematics created using Biorender
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regeneration [27, 28]. Generally, capillary ECs are identified by their expression of 
CD31, CD34, FGFR-1, VEGFR-1, and VEGFR2 [32]. In addition to these, the 
expression of VE-cadherin, CD36, and TBX3 marks the unique identity of micro-
vascular ECs in the lung [27]. Furthermore, two distinct microvascular endothelial 
phenotypes have recently been identified in the lung: aerocyte (aCAP) that is unique 
to the lung and is specialized for gas exchange and leukocyte trafficking, and gen-
eral capillary cell (gCAP) that serves as the capillary stem cell [33].

Pulmonary capillary ECs play crucial roles in modulating lung regeneration fol-
lowing injury. New lung tissue formation is usually restricted to embryonic and 
neonatal lung development. In an elegant model of adult lung regeneration, surgical 
lung resection (usually removal of the entire left lung in rodent models) triggers 
regeneration of the remaining lung tissue and allows for the investigation of key 
signaling pathways involved in the re-activation of this developmentally relevant 
program [34]. This process, termed pneumonectomy induced compensatory lung 
growth, involves the formation of new alveolar units (Fig. 12.2) [35]. A key driving 
mechanism underlying this regenerative response is the activation of VEGFR2 and 
Fibroblast Growth Factor Receptor 2 (FGFR2) on lung ECs and the subsequent 
release of angiocrine factors such as matrix metalloproteinase (MMP)14 and 
Epidermal growth factor (EGF)-like ligands, which result in the expansion of the 
alveolar type 2 epithelium [32]. In addition, pneumonectomy also activates Yes- 
Associated Protein (YAP) signaling on lung ECs to promote angiogenesis and 

Fig. 12.2 Pneumonectomy induces compensatory lung growth. Following surgical removal of the 
left lung, activated lung microvascular ECs respond to injury signals and secrete tissue-specific 
angiocrine factors such as MMP14 and EGF to induce alveologenesis. Expansion of alveolar epi-
thelial cells result in enlargement of the remaining right lungs. Schematics created using Biorender

W. H. Ng et al.



251

alveolarization [36]. In an elastase-induced emphysema model in mice, damaged 
aCAP can be replaced through differentiation from capillary stem cells (gCap) that 
underwent extensive proliferation following injury [33]. Bleomycin-induced alveo-
lar injury resulted in attenuation of C-X-C motif chemokine receptor (CXCR) 7 
expression on lung ECs, hence, stimulated recruitment of macrophages into injured 
area, and boosted the progression of fibrosis [37]. This process was reversible with 
the addition of CXCR7 agonist, suggesting the importance of CXCR7 in maintain-
ing alveolar integrity [37]. In summary, given the unique functions of pulmonary 
ECs in mediating lung injury response, repair, and regeneration, the use of lung- 
specific ECs is an important step in the bioengineering of vascularized lung grafts.

Maladapted ECs contribute to multiple pathological conditions such as fibrosis 
and cancer. Physiologically, capillary EC-derived Hepatocyte Growth Factor (HGF) 
prevents acute injury-induced lung fibrosis in mice. In contrast, ECs suffering from 
chronic lung injury promote fibroblast activation and induce lung fibrosis [37], 
mainly through TGF-β signaling [38]. In addition, the structure of alveolar capillary 
blood vessels exhibits severe disorganization with aging in mice, and the pulmonary 
ECs from aged mice show dysregulated angiogenic ability and are unable to main-
tain physiological interaction with the alveolar epithelium [36]. Further, compensa-
tory lung growth following pneumonectomy is also compromised in aged animals 
[36]. These findings suggest that aging-associated alterations of the vascular niche 
may contribute to the vulnerability of aged alveoli to a wide range of respiratory 
injuries.

12.3  Engineering the Pulmonary Vasculature

12.3.1  Generation of Vascularized Organoids

With advances over the past two decades in the reprograming and directed differen-
tiation of induced pluripotent stem cell (iPSC), an extensive list of organotypic cell 
types, including ECs and lung epithelial cells, can be induced from patient-derived 
iPSCs [39–42]. These in vitro cellular specification processes at least partially reca-
pitulate native organogenesis and provide valuable models for studying develop-
mental vascular-parenchymal interactions, and open the opportunity to incorporate 
and investigate the vascular niche in current regenerative and engineering strategy 
towards repairing injured lungs.

In hydrogel-supported culture, alveolar epithelial cells can self-organize into 3D 
organoid structures and undergo further lineage and morphological maturation [39, 
40, 43]. Most of these alveolar organoids exhibit enclosed spherical morphology 
formed by polarized epithelium. However, current strategies to promoting alveolar 
maturation generally requires the cells to be embedded in the undefined Matrigel 
[39, 40, 43], rendering difficulty in scaling up the production of cells to meet the 
need for engineering lung grafts for regenerative therapy. Furthermore, there remain 
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limited studies on how alveolar type 2 cells can be differentiated into alveolar type 
1 cells, which is the major cell type covering the gas-exchange interface in the distal 
lung, limiting the development of functional bioengineered lungs.

The role of ECs in engineered alveologenesis remains to be fully understood. In 
epithelial-endothelial coculture models, ECs stimulated lung epithelial morphogen-
esis in vitro [36, 44, 45]. During embryogenesis, cells constituting the pulmonary 
vasculature are initiated by a group of progenitor cells derived from the secondary 
heart field, referred to as cardiopulmonary progenitor cells [12], suggesting crucial 
signaling crosstalk among the heart, lung, and vasculature. However, there has long 
been a lack of proper models for investigating such complex inter-lineage crosstalk, 
especially when the participating lineages are derived from different germ layers, 
such as the endoderm (giving rise to the lung epithelium) and mesoderm (giving rise 
to the heart and vasculature). In an effort to address this challenge, we recently 
demonstrated that human iPSCs can be co-differentiated into endoderm-derived 
lung and mesoderm-derived heart progenitors simultaneously, and observed expe-
dited alveolar induction in the presence of accompanying cardiac lineage in 3D 
hydrogel-free suspension culture [46]. Likewise, co-emergence of foregut endo-
derm has recently been demonstrated in engineered cardiac organoids [47]. Given 
the shared mesodermal origin and close lineage relationship between the cardiac 
and vascular lineages, these studies suggest the possibility to recapitulate the co- 
development of lung epithelium and endothelium within in  vitro iPSC 
differentiation.

Emerging evidence suggests the feasibility and benefits of simultaneous induc-
tion of ECs with organotypic parenchymal lineages. Human blood-brain-barrier 
ECs can be derived via co-differentiation with neural cells from iPSCs [48], which 
demonstrated barrier property and expression of functional transport apparatus sim-
ilar to what is observed in native brain microvascular ECs [48]. Co-differentiation 
of cardiomyocytes and ECs can also be achieved by introducing VEGF during car-
diac differentiation [49, 50]. Co-culture of iPSC-ECs with iPSC-derived cardio-
myocytes further led to the acquisition of cardiac endothelial phenotypes [51]. 
Vascular ECs acquired intestinal specific EC transcriptomic signature in vitro when 
being co-induced together with human intestinal organoids from iPSCs [52]. These 
studies again imply the importance of an organotypic cellular niche in driving 
tissue- specific EC phenotypes.

Effective vascularization and timely establishment of host blood perfusion is 
usually a prerequisite for successful implantation of tissue engineered constructs. 
Accordingly, there has been a lasting interest in engineering pre-vascularized tis-
sues prior to implantation. By co-culturing generic ECs, such as human umbilical 
vein endothelial cells (HUVECs), together with pluripotent stem cells (PSCs) 
undergoing neural induction, vascularized cerebral organoids can be obtained that 
demonstrated functional human blood vessel formation post-implantation that fur-
ther promoted organoid graft survival in vivo [53]. Human iPSC-derived hepato-
cytes self-organized into liver buds when combined with ECs and mesenchymal 
stem cells (MSCs), which formed perfusable vascular networks within 48  hours 
post-implantation [54, 55]. Using a cell condensation approach, lung epithelial cells 
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isolated from mice generated 3D vascularized organ buds in vitro following cocul-
ture with ECs and MSCs [56]. Transplantation of pre-vascularized islets in diabetic 
mice improved islet survival, promoted microvascular perfusion, and restored nor-
moglycemia in chemically induced diabetic mice [57–59]. Given that the physio-
logical alveoli are covered not only by alveolar epithelium but also by capillary 
endothelium to form the air-blood interface, further engineering of conventional 
lung organoid systems to improve the recapitulation of physiologically relevant 
epithelial-endothelial interface will be necessary to better characterize the alveolar 
vascular niche and its function in regulating alveolar tissue morphogenesis and 
homeostasis (Fig. 12.3).

Although the above studies have demonstrated vascular incorporation into the 
engineered parenchymal tissues, these vascularized organoids exhibit distinct mor-
phology and structure when compared with their native counterparts. It remains a 
hurdle to simulate complex multi-lineage tissue morphogenesis resembling native 
organogenesis and thus, to generate fully functional tissue replacement or to 

Fig. 12.3 Current strategies to bioengineer vascularized lung tissues. Schematics created using 
Biorender
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accurately model disease phenotypes and predict treatment outcome. Nonetheless, 
the iPSC platform provides an unprecedented opportunity of using patients’ own 
cells for vascularized tissue engineering, which offers enormous advantage in 
regenerative therapy, alleviating the uncertainties in results obtained from animal 
studies.

12.3.2  Bioengineered Lung and Vasculature Using Acellular 
Native Lung Scaffold

The organotypic arrangement of the vascular and parenchymal tissues is docu-
mented in the organ-specific extracellular matrix (ECM) framework. One popular 
strategy for deriving such a framework is to treat a harvested organ with a series of 
detergents to remove all the cellular content while leaving the ECM ultrastructure 
relatively intact [60, 61]. The advantage of natural, acellular lung scaffold over 
other synthetic scaffolds is that it retains the majority of the organotypic biome-
chanical and biochemical cues, and offers essential extracellular cues to promote 
compartment-specific cell seeding, effective cell engraftment, and biomimetic tis-
sue maturation, all of which together facilitate the bioengineering of functional lung 
grafts [62]. Human iPSC-derived lung parenchymal and vascular cells are desired 
cell sources for recellularization given their potential to be patient-derived and to be 
mass-produced (Fig. 12.3).

Cortiella et al. (2010) recellularized a rat lung scaffold with mouse embryonic 
stem cells (ESCs), where these ESCs further differentiated into vascular endothe-
lium and lung specific epithelium over 21 days of culture [63]. We have previously 
generated transplantable lung grafts through recellularization of acellular rat lung 
scaffold with human iPSC-derived endothelial and perivascular cells, and devel-
oped medium recipes to promote vascular maturation characterized by gradually 
improving endothelial coverage and vascular barrier function [64]. In another 
approach, Dorello et al. (2017) generated a hybrid rat lung graft by selectively de- 
epithelizing the lung while preserving the vascular endothelium undamaged, allow-
ing re-epithelialization of the denuded surface with human iPSC-derived lung 
epithelial cells, where they observed supportive function of the preserved lung vas-
culature towards epithelial engraftment and maturation [65]. The above studies 
demonstrate the concept of building vascularized lung grafts while incorporating 
iPSC-derived cells. These will inspire future investigations into the molecular and 
cellular mechanisms underlying epithelial-endothelial interactions during engi-
neered lung morphogenesis, and will eventually boost our ability to produce func-
tional lung grafts at human scale. Despite this promise, challenges remain: full 
recapitulation of the complex cellular composition of the respiratory epithelium and 
their spatial arrangement in the air compartment remains difficult; and  directed 
induction of the distinct lung endothelial populations and recapitulation of their 
anatomical distribution throughout the entire pulmonary vascular tree remains 
unachieved [33].
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12.3.3  Vascularized Lung-on-a-Chip

Microfluidic devices such as lung-on-a-chip can mimic the paralleled lining of the 
lung epithelium and blood vessel (Fig. 12.3). Human lung-alveolus-on-a-chip has 
been generated by combining two superimposed microfluidic channels, harboring 
human alveolar epithelial cells and pulmonary microvascular ECs respectively to 
mimic lung microenvironment [66]. These two participating cell lineages were sep-
arated by a 10-μm-thick flexible microporous membrane, with alveolar epithelial 
cells exposed to the air and pulmonary ECs exposed to constant fluid flow, thereby 
mimicking the alveolar-capillary barrier seen in the native lung alveoli [66]. Such 
lung-alveolus-on-a-chip system allows effective modeling and investigation of 
respiratory diseases [67] as well as the effect of mechanical stress on respiratory 
barrier permeability [68]. Coculture of patient-derived alveolar epithelial type 1 and 
type 2 cells with pulmonary ECs on lung-on-a-chip were reported to mimic native 
respiratory microenvironment, leading to preserved cellular phenotypes, functions, 
and barrier integrity, which can be maintained for several days [69].

The establishment of microfluidic lung-alveolus-on-a-chip device has led to the 
ability to unravel complex responses of human primary alveolar epithelium and ECs 
on vascular hemodynamics and endotoxin-induced intravascular thrombosis, mak-
ing it suitable for developing antithrombotic therapy [70]. The microdevice can be 
further improved through the introduction of a stretchable biological membrane 
made of collagen type 1 and elastin, sandwiched between alveolar epithelium and 
ECs, leading to mechanically active air-blood barrier [71]. Such a membrane can 
also be replaced with a microporous polycarbonate film, with an added advantage 
that it allows exchange of soluble biomolecules, thus, creating a convenient system 
to study the impact of airborne pollutants on the respiratory system [72]. 

Continued efforts on lung-on-a-chip device engineering should  focus on the 
introduction of microvasculature and recapitulating vascular hierarchy. AngioChip 
was built using a biodegradable material, poly(octamethylenemaleate(anhydride)
citrate) (POMaC) with internal channels for vasculogenesis of the incorporated ECs 
and outer space for hydrogel containing parenchymal cells to encapsulate the inter-
nal channels, leading to biomimetic tissue systems such as vascularized liver and 
cardiac tissues [73]. By tuning collagen and EC density, Morgan et al. (2018) were 
able to generate various vessel sizes ranging from 3 to 10 μm for capillary to 0.5 mm 
for small arteries and veins [74]. 

Vascularized lung-on-a-chip engineering remains a rapidly expanding field. 
Future excitement will likely come from further improvement in recapitulating the 
morphological and functional characteristics of native air-blood interface. Such an 
improvement is not limited to the type of materials being used, and also includes 
incorporation of other environmental cues, biological, mechanical, chemical, or 
structural, to promote seamless vascular integration into the engineered lung paren-
chyma. In parallel, further augmentation in device complexity to match that of 
native alveoli can be derived from guiding vascular structure formation to follow a 
defined geometry and spatial arrangement relative to the lung epithelium.
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12.3.4  Guided Vascularization Through 3D Bioprinting

The uniqueness of 3D printing technology is that it enables the placement of desired 
materials  and cells in a spatially specific manner in 3D space to facilitate tissue 
fabrication with high reproducibility. 3D printing of alveolar structures at a native- 
like scale remains an elusive goal due to its intrinsic geometrical complexity and the 
need for micro- and nano-scale features. However, current and continued progresses 
in additive manufacturing techniques are poised to bring us closer to this ulti-
mate goal.

Lewis et al. (2015) used photodegradable microspheres to create hollow epithe-
lial cysts on the scale of alveolar structures [75]. These microspheres were made 
from polyethylene glycol (PEG) that was crosslinked using photolabile, nitrobenzyl 
ether crosslinker to allow linkage to be cleaved upon light exposure. The surface of 
these microspheres was seeded with alveolar epithelial cells and embedded in a 
second hydrogel. Light-triggered degradation of PEG hydrogel resulted in 120-μm 
cyst structures lined by alveolar epithelium [75]. This success in alveolar patterning 
can be improved further by the incorporation of a vascular compartment.

To engineer the vasculature using additive manufacturing techniques, Horvath 
et al. (2015) printed alternating layers of Matrigel with ECs and epithelial cells over 
a porous membrane [76]. Kolesky et al. (2016) biofabricated 3D perfusion chips 
using multiple cell-laden vascular inks and extracellular matrix inks. The vascular 
ink was composed of polyethylene oxide (PEO)-polypropylene oxide (PPO-PEO), 
which was thermo-responsive and could be removed upon cooling to 4 °C to yield 
perfusable network of interconnected channels [77]. In addition, Gao et al. (2018) 
established an in  vitro vascular model using coaxial printing and blood vessel- 
derived ECM bioink, resulting in complex vascular patterns with the presence of 
hollow channels to allow perfusion. This model allows investigation of 3D vascular 
response to proangiogenic and inflammatory cytokines, mimicking native blood 
vessel pathophysiology [78].

Grigoryan et al. (2019) 3D printed distal lung models with complex vascular and 
airway spaces using poly(ethylene glycol) diacrylate (PEGDA), which is a photopo-
lymerizable hydrogel, together with biocompaticle food dye additives that serve as 
photoabsorbers during projection stereolithography printing [79]. In combination 
with lung-mimetic architectures, they created a breathing lung model with tidal air 
ventilation and blood flow that demonstrated effective oxygen delivery when per-
fused with deoxygenated red blood cells, recapitulating the native alveoli-capillary 
system [79].

Feinberg and co-workers have established a 3D biofabrication technique referred 
to as freeform reversible embedding of suspended hydrogels (FRESH), which 
allows extrusion printing of large and complex tissue structures using soft biomate-
rials such as collagen and fibrin using a thermoreversible support bath that holds the 
extruded bioink in place until it cures [80]. FRESH bioprinting has been able to 
generate a full-size human heart model with intricate internal architecture, a life- 
size human heart valve with cyclical opening and closing function under pulsatile 
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flow, and perfusable human coronary vessels [80, 81]. The ability of FRESH to 
recapitulate the biomechanical properties of native tissues makes it an ideal technol-
ogy for future exploration of additive biofabrication of lung tissues where tissue 
elasticity is central to the cyclic respiratory motion.

3D printing is a promising strategy to mimic multi-layered blood vessel models 
with precise vascular patterning and high tissue complexity. While it is possible to 
bioprint and endothelialize perfusable vascular networks suitable for transplanta-
tion, it remains a challenge to print at the capillary level with a diameter of 5 to 
10 μm. One possible strategy that is currently under extensive investigation is to 
combine pre-vascularized 3D printed constructs in the presence of guided angio-
genic cues to allow sprouting of pre-existing vessels to form capillaries via angio-
genesis. Furthermore, efforts are needed to better understand the intricate lung 
vascular architecture as well as the spatial distribution of native ECM throughout 
the entire lung vascular bed (Fig. 12.3). The resulting knowledge will then guide 
future development of biofabricated lung vasculature to the next level, incorporat-
ing biomimetic vascular density, complexity and spatially regulated biomechanics.

12.4  Pulmonary Vascular Diseases

Pulmonary vascular diseases (PVD) refer to conditions affecting the blood vessels 
in the lung. A pulmonary vascular disorder does not necessarily affect the lungs 
alone and may also lead to cardiovascular abnormalities in other organ systems. 
Preterm babies are often associated with simplified and immature alveolar micro-
vascular development. In a cohort study, young adults who were born premature 
have a higher tendency to develop early pulmonary vascular diseases and increased 
risk of developing pulmonary hypertension (PH) [82, 83]. Right heart catheteriza-
tion (RHC) at rest is the gold standard to assess pulmonary hemodynamics in 
patients with chronic obstructive pulmonary disease (COPD) and PH [84]. Other 
diagnostic methods include echocardiography [84], chest computed tomography 
[85, 86], and Magnetic resonance imaging of the blood flow in the main pulmonary 
artery [87, 88].

PH is one of the main diseases affecting pulmonary vascular health, with the key 
pathological hallmark being increased resistance and blood pressure in pulmonary 
arteries stemming from aberrant chronic vascular remodeling [89, 90]. PH is defined 
as an elevated mean pulmonary arterial pressure of >25 mm Hg at rest or 30 mm Hg 
on exercise [91]. To model PH in animal models, monocrotaline (MCT) injected 
peritoneally is commonly used, which upon being metabolized by the liver to its 
active form has well established effects to cause pulmonary vascular hypertrophy 
that closely resembles the clinical presentation of PH in human [92, 93]. MCT has 
been shown to selectively damage pulmonary artery ECs [94, 95], causing dysregu-
lation of endothelial nitric oxide signaling, disruption of cell membrane, and ulti-
mately vascular remodeling [96, 97]. Consistent with the central role of VEGF 
signaling in maintaining endothelial homeostasis, severe angioproliferative rat 
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model of PH can be induced via the combination of a single injection of VEGFR-2 
inhibitor (SU5416) and 3–4 weeks of hypoxia followed by 2 weeks of normoxia 
exposure [98–100]. These SU5416-induced PH rats exhibit increased pulmonary 
arterial occlusion, elevation in muscularization, and extensive vascular remodeling 
[101, 102]. The stiffness of pulmonary arteries is often elevated in PH [103, 104], 
which together with dysregulated vascular ECM deposition plays crucial roles in 
the pathological transformation of endothelial phenotypes during PH progres-
sion [105].

Pulmonary embolism is associated with an increased risk of right ventricular 
dilation and a 50% reduction in small venous volume [106] and diagnosis of the 
disease requires careful inspection of the pulmonary vascular tree for the presence 
of emboli [107]. Pulmonary embolism is characterized by vascular occlusion that 
causes an increase in pulmonary arterial pressure (>50 mm Hg), resulting in irregu-
lar blood circulation and ventilation [108, 109]. Pulmonary fibrosis is also a lethal 
condition that is closely associated with functional changes in lung ECs. In a classic 
model of pulmonary fibrosis in mice, bleomycin-induced lung injury leads to mas-
sive lung inflammation, further leading to endothelial-to-mesenchymal transition, 
myofibroblast activation, and excessive deposition of ECM such as fibrillar colla-
gen, which ultimately results in progressive fibrogenic transformation that replaces 
functional lung tissues with scar tissues [110]. Pulmonary fibrosis is associated with 
aberrant vascular remodeling, with significant decrease in vessel density and devel-
opment of intimal fibrosis [111, 112]. Furthermore, many studies have identified 
perivascular cells as the main cell source of myofibroblasts in lung fibrogenesis 
[113–115].

Similar to pulmonary vascular involvement in lung development and regenera-
tion, pulmonary vascular diseases are intricately linked to injury and dysregulation 
of the lung epithelium and stroma. Aberrant remodeling of the pulmonary paren-
chyma, vasculature, stroma and ECM usually forms a pathogenic feedback loop that 
deteriorate lung health in a progressive manner.

12.5  Conclusion

The lung is a highly vascularized organ, which specializes in gas exchange. 
Moreover, the lung-specific ECs involve in reparative mechanisms of the lung upon 
injury and ensure optimal functional recovery. Therefore, the attempts to establish a 
vascular network within bioengineered lung tissues open the opportunity to under-
stand how these lung-specific ECs are being specified and unravel the epithelial- 
endothelial crosstalk mechanism during lung development and injury repair. From 
the regenerative medicine perspective, co-transplantation of ECs together with the 
lung epithelium is essential for connecting transplanted cells with the host lung tis-
sue, thus improving survival and engraftment and driving maturation of the trans-
planted lung cells. From the tissue engineering perspective, biofabricated  lung 
tissues with pre-established vasculature are more likely to  mimic the  native 

W. H. Ng et al.



259

pathophysiological conditions compared to lung epithelial tissue culture alone. 
Thus systems, such as the  lung-on-a-chip, represent more effective platforms for 
respiratory disease modeling and therapeutic development. Overall, engineering 
pulmonary vasculature is an essential pillar in the efforts to solve current limitations 
in lung tissue repair and regeneration, and will pave new ways towards alleviating 
respiratory diseases and overcome shortage of donor lung grafts.
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Chapter 13
An Overview of Organ-on-a-Chip Models 
for Recapitulating Human Pulmonary 
Vascular Diseases

Trieu Nguyen and Fakhrul Ahsan

13.1  Introduction

Traditionally, animal models have been used for recapitulating human physiology 
and for studying the pathological basis of many diseases affecting humankind. 
Indeed, over the centuries, animal models helped advance our understanding of the 
biology and pathology of drug therapy for humans. However, with the advent of 
genomics and pharmacogenomics, we now know that conventional models cannot 
accurately capture the pathological conditions and biological processes in humans, 
although humans share many physiological and anatomical features with many ani-
mals [1–3]. Species to species variation have raised concerns about the validity and 
suitability of animal models for studying human conditions. Over the past decade, 
the development and advances in microfabrication and biomaterials have spurred 
the growth in micro-engineered tissue and organ models (organs-on-a-chip, OoC) 
as alternatives to animal and cellular models [4]. This state-of-the-art technology 
has been used to emulate human physiology for investigating multitudes of cellular 
and biomolecular processes implicated in the pathological basis of disease 
(Fig. 13.1) [4]. Because of their tremendous potential, OoC-based models have been 
listed as one of the top 10 emerging technologies in the 2016 World Economic 
Forum [2].
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Fig. 13.1 A microfluidic device for modelling cardiovascular pathophysiology, which can be used 
for patterning and recapitulating altered tissue morphology and abnormal hemodynamics associ-
ated with cardiovascular diseases. (The figure is adapted from Doherty, et al. [4], an open-access 
journal (Front. Bioeng. Biotechnol))

OoCs can simulate the physiological microenvironment on a miniaturized device 
in an organ-like fashion and thus have been proposed as a robust alternative experi-
mental tool. This chapter summarizes recent developments surrounding the concept 
and application OoC in studying biological systems and drug therapy. Here, we 
briefly described OoC-based models for pulmonary vasculature diseases, especially 
pulmonary arterial hypertension (PAH). Finally, we explained the future application 
of OoC-based models that can be deployed to reproduce pulmonary vascular 
diseases.
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13.2  Microfluidics and Organ-on-a-Chip

13.2.1  Concepts

Microfluidics is the science of fluid manipulation on a microscale. Due to strong 
growth in the science surrounding micro, nanofabrication, material and optics, this 
microengineering-based technology has been used widely in an array of speciali-
ties, including biomedical and pharmaceutical sciences, over the past two decades. 
The surge in microfluidic research stems from the development of lab-on-a-chip 
(LoC) devices, a technology that may propel a paradigm shift in chemistry, biology 
and medicine as integrated circuits did in microelectronics [5, 6]. LoCs are micro-
systems that can encapsulate an entire biological system or a chemical laboratory in 
a single miniaturized device. This miniaturization was possible because of advances 
in microengineering to create microfluidic channels with distinct accessories such 
as filters, valves, mixers, and pumps [7]. LoCs are made of distinct materials such 
as glass [8, 9] , PDMS, silicon, fused silica [10], and thermal plastics [11], which 
are compatible with materials of biological origin and do not adversely affect the 
phenotype of cells or native structure of macromolecules. They have been used to 
recapitulate various cellular, and molecular cues and organ-like functions and 
thereby can be engineered to be in tune with the altered physiological conditions 
that give rise to chronic diseases [12, 13]. Thanks to the state-of-the-art micro-nano 
fabrication technology that can recreate multicellular structures, tissue-like inter-
faces, and biological microenvironments in miniaturized devices. Compared with 
conventional 2D or 3D cultures, OoCs can capture the tissue and organ level func-
tionality with enhanced accuracy, precision, and reproducibility. Thus, these sys-
tems can be utilized for studying the underlying mechanisms of disease pathologies 
and screening both drugs and drug delivery systems [14].

 Microfluidics in Vascular Biology

The vascular system consists of a network of veins, capillaries and arteries that 
allow the blood to circulate across the body, which are responsible for performing 
many functions, including maintaining solutes and water balance between the blood 
and tissue compartment and adjusting changes in lateral pressure. OoCs can mimic 
the microphysiological action and three-dimensional (3D) microstructure of human 
organs more directly and specifically compared to the conventional two- dimensional 
(2D) cultures and animal models. In addition to supplying nutrients and oxygen to 
the cultured tissue by perfusing the culture medium, vascularization of OoC can 
also contribute to the formation of organ-specific microenvironments and micro-
physiological function by recreating the microvascular with particular barrier func-
tion compared to those of in vivo. Microfluidics has emerged as a powerful tool for 
developing OoC, which can offer precise control over various aspects of the cellular 
microenvironment, such as a distinct profile of flow patterns, a gradient of various 
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growth factors, and mechanical features of multifaceted biomaterials. These innova-
tive features of OoCs are likely to stimulate major growth in the development of 
biomimicking vascularized microtissue models.

 Patterning Microvascular Networks

Various methodologies and materials are used for the fabrication of OoC and con-
struction of vascular networks, including the use of elastomer-based photolithogra-
phy, hydrogel-based bio-printing and other polymeric devices. First reported by the 
Whiteside lab, polydimethylsiloxane (PDMS), an elastomer, has been used for the 
fabrication and rapid prototyping of microfluidic chips [15]. An endothelialized 
PDMS-based device has been developed for investigating the microvascular inter-
actions in hematologic disease. The device contained channels mimicking the vas-
cular networks [16]. Further, various preparation and fabrication of PDMS-based 
microfluidics have been summarized in a book edited Marco Rasponi [17]. Although 
PDMS-based devices have been widely used in academic research labs, they are not 
amenable to large-scale fabrication. In fact, scale-up and large-scale production 
have been a significant challenge to the commercialization of PDMS-based OoC 
models. Thermoplastics such as cyclic olefin copolymer (COC) and cyclic olefin 
polymer (COP) have been proposed as alternative for commercialization of OoC 
models [6, 11, 18, 19].

Hydrogels are cross-linked hydrophilic polymer networks that contain a high 
amount of water content and they have soft textures similar to tissue structures [20]. 
The culture of cells in a soft network creates a more in vivo-like environment for 
cell to grow when compared with cells than on hard-plastic like surfaces [21]. 
Hydrogel has been used as a soft growth matrix for cell cultures to replace hard 
polymers such as polyester or polycarbonate used as materials in microfluidics and 
transwells [22, 23]. Jepsen and colleagues developed 3D printed stackable titer plate 
inserts supporting three interconnected tissue models for drug transport studies 
[24], in which hydrogel can be cast into the inserts and cells can be cultured in or on 
the hydrogel.

Moreover, multi-functional scaffolds have recently drawn attention in the field of 
tissue engineering because of their ability to control cell behavior by providing vari-
ous cues, including electrical, chemical, and mechanical cues. However, hydrogel- 
based models and mass fabrication of scaffolds using biocompatible materials 
remain challenging. Mohanty and co-authors [25] reported a simple 3D printing 
approach, using polymer casting and supercritical fluid technique to fabricate 3D 
interpenetrating polymer network (IPN) scaffold of silicon-Poly(2-hydroxyethyl 
methacrylate)-co-Poly(ethylene glycol) methyl ether acrylate (pHEMA-co- 
PEGMEA). The pHEMA-co-PEGMEA IPN materials were used to support the 
growth of human mesenchymal stem cells (hMSC) (Fig. 13.2). By using those scaf-
folds, the authors reported high cell viability and metabolic activity over a three- 
week period.
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Fig. 13.2 (a) The fabrication process for 3D IPN. (b) SEM images of 3D IPN scaffolds. (Reprinted 
with permission from [25]. Copyright 2016 American Chemical Society)

While PDMS is not suitable for the commercialization of OoC devices because 
of fabrication cost, material price, and regulatory restrictions [26], polymers such as 
polystyrene (PS), polycarbonate (PC), polymethyl methacrylate (PMMA), COC 
and COP can be used in large-scale manufacturing of OoCs. These materials are 
used to address various needs, such as UV transmittance, water and moisture 
absorption, thermal resistance, and strong mechanical properties. Of these poly-
mers, PMMA, PS, and PC have been extensively used as the bonding substrate 
materials for OoC devices because of their solid mechanical property, excellent 
optical transparency, and reduced auto-fluorescence background [6, 27]. Porous PC 
membranes are generally sandwiched between microfluidic layers in OoC devices 
to emulate tissue-tissue interfaces [28]. PS is greatly biocompatible and a good 
substrate for cell adhesion and growth. COP and COC have excellent optical prop-
erties, permitting high-quality fluorescence imaging. They are suitable for applying 
in experimental settings where elevated temperature is required, such as polymerase 
chain reaction (PCR) and loop-mediated isothermal amplification (LAMP) [11, 29]. 
Two common methods that are used for the fabrication OoCs include hot embossing 
and injection molding. Depending on the size features of the microfluidic devices, 
the master molds can be fabricated in or outside the cleanrooms [19]. For rapid 
prototypes, micro-milling or laser micromachining can be used to produce the mas-
ter molds without the expensive set-ups required in a standard cleanroom.
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13.3  OoC for Pulmonary Vascular Diseases

Pulmonary embolism and pulmonary hypertension are two major pulmonary vascu-
lar diseases. Pulmonary hypertension (PH) is caused by high blood pressure in the 
pulmonary arteries, which carry blood from the heart to the lungs. In PH, the right 
heart dangerously enlarges and thus cannot pump blood into the lung, and patients 
die from right heart failure. Pulmonary embolism occurs due to blood clots blocking 
branches of the arteries in the lungs, normally following a thrombosis in the veins 
of the leg. Thrombosis is the leading cause of death in the western countries, with 
more than half of the population’s death involving pulmonary embolism [30].

In PAH patients, pulmonary arteries get stiffer and occluded. Animal models 
have long been used to better understand the pathogenesis of and therapies for 
PAH. However, animal models cannot portray the entire pathophysiological spec-
trum of the disease as it manifests in humans [3]. Recent studies [31–34] suggest 
that microfluidics and OoC models can be employed for encapsulating the PAH 
pathophysiology on microfluidic devices. The Ahsan lab have demonstrated that 
cell-laden multi-channel chips can potentially be used for investigating pathophysi-
ology of PAH and delineating the sex disparity and age-relation in PAH [33, 34].

Pulmonary embolism occurs when a pulmonary vessel is occluded by a circulat-
ing blood clot originating from a distant site, such as the legs. This type of occlusion 
may lead to significant damage to both heart and lung and often death. The size, 
geometry, and mechanical properties of a blood vessel in conjunction with an endo-
thelial surface can substantially impact blood flow across the pulmonary vascula-
ture. Thus an engineered in vitro replica of 3D microvascular structure can aid in 
studying many disease processes such as the heterogeneity of endothelial cells, 
mechanisms of plaque formation and rupture and embolization. Recently, Szulcek 
and colleagues [35] reported custom-made microfluidic devices for investigating 
the whole blood-endothelial interactions and blood clot dynamics in real-time. The 
development of thrombus has been monitored in real-time and characterized by 
platelet and fibrin deposition. In a separate study, another work, Jain’s group [36] 
reported a tortuosity-powered microfluidic device for assessing thrombosis and 
antithrombotic therapy. The device was reported to allow accurate measurement of 
coagulation, platelets, and fibrin contents.

13.4  Conclusion

Although it is easy to fabricate and requires less sophisticated equipment compared 
to glass and silicon microfabrication processes, PDMS-based microfluidic devices 
for OoC application suffer from several limitations, including mass fabrication and 
control of structural features of the channels. Cells seeding in sharp corners result in 
enormous variations in cell physiology [37]. Thus, microfabrication technology 
produces round-shaped devices, which can be accomplished either by using hexane 
as a solvent or partially cured PDMS [30].
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Current microfluidic platforms for OoC applications mostly use constant pres-
sure to introduce fluidic flow, such as blood flow. A pulsatile flow system should be 
considered for future studies that would allow studying interactions between fluid 
flows, shear stress, and tensile strength. In addition to in vitro experimental models, 
computation models of the microvascular system should be deployed for flow prop-
erties and influence stress on vascular systems.
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Chapter 14
Clinical Translation of Engineered 
Pulmonary Vascular Models

Yifan Yuan

14.1  Introduction

Pulmonary vascular diseases, including acute respiratory distress syndrome 
(ARDS), pulmonary arterial hypertension (PAH), capillary leak syndrome, or even 
COVID-19, are a few causes of death that are increasing over the world [1, 2]. 
Pulmonary vascular disease is characterized by remodeling and loss of microvessels 
and is typically attributed to pathological responses in the vascular endothelium. 
Over the years, numerous preclinical animal models have been developed to eluci-
date the biological mechanisms underlying the progression of various human pul-
monary vascular diseases (reviewed in [3–5] and [6–8]), with the hope of developing 
new therapies. Although these models capture complex interactions between injury, 
inflammation, and tissue repair in the lung vasculature, the significant species- 
specific variation in lung physiology limits their translational potential [4]. A sys-
tematic study performed to evaluate how well murine models mimic human diseases 
[9], demonstrated that the genomic responses to different inflammatory stresses are 
highly similar in humans, but these responses are not reproduced in the current 
mouse models. Additionally, numerous studies showed that a large number of drugs 
that were previously validated in animal models eventually failed during clinical 
trials, indicating a huge gap between preclinical animal models and human physiol-
ogy and pathophysiology [10]. Thus, there is a critical need to develop an experi-
mental modeling system that mimics human pulmonary vasculature that can 
simulate native cellular phenotypes and functions during homeostatic and dis-
eased states.
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The development of translational tissue models, including the pulmonary vascu-
lar models, is centered on recapitulating human physiology. The lung vascular niche 
components, including extracellular matrix (ECM), oxygen tension, cyclic stretch, 
shear stress, and cell-cell crosstalk signals, are all of pivotal importance for regulat-
ing endothelial maturation and maintaining vascular homeostasis. However, their 
roles in pulmonary vascular tissue models have not been extensively discussed. This 
chapter will first review the impact of various niche components on pulmonary vas-
cular biology and discuss methods to incorporate them to improve the fidelity of 
current tissue models. Next, it will highlight the advantages and disadvantages of 
existing models in studying pulmonary vascular disorders and provide perspectives 
on their translational potential.

14.2  Brief Overview of Pulmonary Vascular Physiology

Lung is the most vascular organ in our body and receives the full cardiac output. At 
any given time, the pulmonary circulation contains about 10% of the circulating 
blood volume. To allow efficient flow of this large amount of blood, the overall 
resistance in pulmonary vasculature needs to remain low as compared to their sys-
temic counterparts. As a result, the pulmonary arterial pressure is low, normally at a 
level of about 9–16 mmHg. The pulmonary circulation system is highly elastic, with 
thinner walls and less muscular than vessels of systemic circulation. Any structural 
changes of the vasculature, including muscularization of arterioles, distributing 
arteries, and the blockage of microvasculature, could lead to progressive increase in 
pulmonary vascular resistance and pulmonary arterial hypertension (PAH). 
Numerous rodent models have been developed to study PAH such as exposure to 
hypoxia, subcutaneous or intraperitoneal injection of monocrotaline, injection of 
VEGFR inhibitor Sugen 5416, or the combination of hypoxia and injection of 
Sugen 5416. More extensive discussion for PAH models could be found in other 
review articles [11], however, these models do not fully recapitulate the initiation 
and progression of human vascular disease.

The primary function of the lung is to oxygenate blood and to remove carbon 
dioxide from systemic circulation. To achieve this, the lung spreads the blood into a 
very fine layer of intermeshed capillaries within the alveolar walls, allowing extraor-
dinary proximity between perfused blood and inspired gas. This setup allows the 
compression of nearly 70 m2 of gas-exchanging surface into a total volume of only 
5–6 liters [12]. The thin barrier (600 nm–2 μm in thickness) at the gas-exchanging 
surface or between alveolar and capillary region is called blood-air barrier, which 
simply contains an epithelial layer, a basement membrane, and an endothelial layer. 
This barrier not only prevents air bubbles from forming in the blood and regulates 
blood from entering the alveoli, but also controls the influx of macromolecules, 
immune cells from the blood capillaries into the alveoli and maintains alveolar 
homeostasis. The disruption of the blood-air barrier has been a focus in many pul-
monary vascular diseases, such as acute respiratory distress syndrome  (ARDS)/
acute lung injury (ALI), ventilator-induced lung injury, and even COVID-19. For 
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example, dysfunction of pulmonary microvascular endothelial cells increases vas-
cular/alveolar permeability, leading to extravascular leak of protein-rich edema, 
polymorphonuclear leukocyte influx, microvascular thrombosis, and further lung 
dysfunction (e.g., ALI, sepsis). Over the years, numerous pre-clinical and in vitro 
modeling systems have been developed to understand the biological mechanisms 
causing human ALI/ARDS (reviewed in [3, 4] and [6]). However, currently, there is 
no single modeling system that could mimic blood-air barrier and recapitulate most 
of the pathological features of human pulmonary vascular diseases.

14.3  Reconstituting Microenvironmental Cues to Improve 
Model Fidelity

The biochemical and biophysical cues in the pulmonary vascular niche are respon-
sible for maintaining cellular phenotypes and functions (Fig. 14.1). Alterations in 
the lung vascular niche, such as changes in ECM composition, flow rates and 

Fig. 14.1 Key microenvironmental cues in the lung vasculature. In the pulmonary capillary, 
proper regulation of the niche components such as ECM basement membrane at the blood-air 
interface, crosstalk with cells in the alveolus and the bloodstream, cyclic stretch, hemodynamics, 
and oxygen tension are critical to maintaining lung microvascular homeostasis. In the large vessel, 
the key microenvironmental components are slightly different, and they include thick ECM sub-
strate, crosstalk with smooth muscle cells in the intimal layer and immune cells in the bloodstream, 
hemodynamics, and mechanical stretch
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patterns, cytokine concentrations, ECM substrate stiffness, and oxygen tension, can 
result in vascular barrier damage, leukocyte adhesion, platelet aggregation, and fur-
ther disease progression. Under physiological niche conditions such as correct sub-
strate stiffness and stimulation with anti-inflammatory cytokines, the vascular 
endothelium synthesizes factors (e.g., nitric oxide, prostacyclin, and thrombomodu-
lin) to control thrombosis, barrier function, and vessel wall inflammation. In con-
trast, under pathophysiological conditions such as the release of pro-inflammatory 
cytokines TNFα, and IFNγ, the vasculature produces tissue factor, ICAM, and 
VCAM to promote thrombosis and inflammation and induce vascular barrier break-
down. Here, the impact of various niche components on endothelial phenotypes and 
functions will be discussed and means to reconstruct the native milieu in vitro to 
improve the fidelity of current vascular models will be introduced.

14.4  ECM Substrates

Extracellular matrix (ECM) is a collection of extracellular molecules that provide 
structural support and regulate cell adhesion and cell signaling. Both ECM compo-
nents and their mechanical properties tightly correlate with cellular signaling trans-
duction. For example, a simple coating with vascular basement membrane proteins 
fibronectin, laminin, and collagen could result in a marked change in the expression 
and activity of endothelial nitric oxide synthase (eNOS), a critical enzyme for vas-
cular homeostasis, in endothelial cells [13–15]. In the case of ECM stiffness, the 
stiffer substrate could lead to an increased angiogenic outgrowth, invasion, and 
neovessel branching and a decreased barrier function through both myosin inhibi-
tion and matrix metalloproteinase (MMP)-dependent mechanisms [16]. In the 
lungs, healthy blood vessels have high compliance and low stiffness, and experience 
only small systolic pressure increases, with an accompanying relatively large 
increase in volume and reduced the wall shear stress. These properties also contrib-
ute to low flow and pressure pulsatility in downstream vessels [17, 18]. Conversely, 
stiffer vessels absorb a smaller fraction of the volume from each cardiac stroke, 
resulting in a substantial increase in pressure, which leads to relatively high flow 
and pressure pulsatility [19]. This means that matrix stiffening will result in changes 
in flow and pressure, which will likely lead to endothelial dysfunction as well as 
vascular remodeling of pulmonary microvessels.

Various methods have been utilized to reconstitute ECM signals in tissue mod-
els. Matrigel is the solubilized matrix secreted by mouse sarcoma cells and resem-
bles the native basement membrane ECM microenvironment found in tissues. 
Various vascular model systems, such as organ chip models [20], organoids [21], 
and microfluidic-based systems [22] have incorporated Matrigel as a substitute for 
native ECM.  However, there are concerns due to its non-human and cancer cell 
origin. Studies have then attempted to incorporate hydrogel supplemented with 
native ECM substrates into the vascular models. A recent study by Palikuqi and col-
leagues showed that the hydrogel composed of a mixture of laminin, entactin, and 
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type-IV collagen displayed a similar impact as Matrigel in developing a perfusable 
and plastic vascular plexi [23], demonstrating the potential of using hydrogel for 
constructing vascular tissue models.

Although various hydrogels show some degrees of recapitulating native ECM, 
they still fail to reconstitute the structural, compositional, and biological features of 
native lung vasculature. Whole organ decellularization may open a door to develop-
ing a construct that can recapitulate a complete vascular and alveolar structure. We 
and others previously used quantitative proteomics to examine ECM components 
remaining after decellularization in rat and human lungs and showed an intact vas-
cular architecture and near-native retention of ECM components such as laminins, 
proteoglycans, and other basement membrane proteins after decellularization [24–
26]. We further developed protocols to seed and culture human epithelial and endo-
thelial cells into the decellularized lungs [27, 28]. Leveraging single-cell 
RNA-sequencing (scRNAseq), we found that epithelial stem cells or endothelial 
cells cultured in these decellularized tissue constructs took on phenotypes of their 
native counterparts [29, 30]. Additionally, to determine the alveolar-capillary bar-
rier function of the repopulated whole lung scaffolds, we developed a monitoring 
system that enables real-time measurement of microvascular permeability in repop-
ulated whole lung scaffolds [31]. Leveraging these techniques, we established a 
pulmonary microvascular platform to model acute lung injury by culturing pulmo-
nary microvascular endothelial cells in decellularized lung scaffolds, followed by 
introducing lipopolysaccharide (LPS) into the bioreactor. Within 24 h of LPS treat-
ment, there was an increase in cell death, and upregulation of inflammation-induced 
endothelial dysfunction signals. Non-invasive mechanical measurements revealed a 
loss of barrier function as fluid escaped from the vasculature and into the intersti-
tium or the air sacs [30]. These results suggest that the repopulated lung platform 
may mimic aspects of endothelial dysfunction during ALI.

Although we show some beneficial impact of the acellular lung matrix on mim-
icking the native microenvironment and modeling vascular diseases, the caveat is 
that the current decellularization strategies may not fully retain native matrix com-
position, including a significant loss of glycosaminoglycans (GAGs) [32–34]. Ren 
and colleagues have developed a metabolic glycan labeling approach to covalently 
incorporate click-reactive azide ligands into the native ECM to overcome this issue. 
The incorporated azides were preserved after decellularization and served as che-
moselective ligands for bioconjugation with various substrates such as heparin [35]. 
This method provides a valuable tool to functionalize the ECM biomaterials and 
better represent the native ECM microenvironment.

14.5  Cell-Cell Crosstalk

In the pulmonary vascular niche, endothelial cells are surrounded by mesenchymal, 
epithelial, and immune cells, and they work jointly to regulate cellular maturation 
and maintain vascular homeostasis. Previous studies, including ours, have 
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demonstrated that co-culture of mesenchymal cells, including human lung fibro-
blast, pericyte, or mesenchymal stem cells, with endothelial cells, could improve 
vessel growth, stabilization, and maturation in in vitro platforms, including organ 
chip models, organoid models and decellularized whole lung models [21, 36–38]. 
Additionally, co-culture with epithelial cells such as type II epithelial cells from the 
alveolus could improve the maturation in human pulmonary microvascular cells 
in  vitro [39]. While these studies demonstrate the significant benefit of the co- 
culture systems, it remains questionable whether the cell-cell crosstalk signals from 
existing platforms represent their native counterparts, partially due to our incom-
plete understanding of cell populations in the lung. Single-cell transcriptomics 
(scRNAseq) is an emerging and powerful tool to identify cellular heterogeneity in a 
multicellular organism at a single cell level. Leveraging this technique, we and oth-
ers recently determined that the human lung contains at least 58 cell populations, 
including 15 epithelial, 9 endothelial, 9 mesenchymal, and 25 immune populations 
[40–42]. With a further understanding of their localization through spatial transcrip-
tomics or even proteomics using platforms such as DBiT-seq [43] or Seq-Scope 
[44], it would be possible to determine the cellular populations in any given milieu 
in the human lungs, which could be instructive to engineer co-culture models and 
recapitulate native cell-cell communications.

Cell-cell paracrine signals are critical to supporting microvascular cellular phe-
notype and physiological functions. Paracrine signals, including angiopoietin 1 
(Ang1), keratin growth factor (KGF), and slit guidance ligand 2 (SLIT2) secreted 
by lung mesenchymal cells are essential to protect the integrity of the lung micro-
vascular endothelium and prevent the influx of plasma and cells from the blood-
stream into the alveolus/airways [45, 46]. Prostaglandin E2 (PGE2) produced by 
alveolar type II cells has been shown to reduce permeability in human pulmonary 
microvascular endothelium after being challenged by pharmacological insults [47]. 
Although the microvascular niche in adult lungs has been studied mechanistically, 
mostly during development or in response to discrete injuries, such as inhalation 
injury or lipopolysaccharide injection, we have an incomplete understanding of the 
paracrine signals that regulate the pulmonary microvasculature and maintain it in a 
homeostatic state in the adult animal, or human. Leveraging scRNAseq, we recently 
developed a computational tool, called Connectome, to understand cell-cell cross-
talk soluble signals in human distal lungs [42, 48, 49]. We first used scRNAseq to 
identify cell populations in animal and human lungs and characterized signals com-
ing from alveolar cells that were potentially being sensed by capillary endothelium 
[42]. We then mapped putative ligand-receptor interactions within and between cell 
types and assessed the significance of these interactions using the FANTOM5 data-
base [48]. Leveraging this tool in combination with biochemical assays, it is possi-
ble to identify important locally acting factors that contribute to a functional human 
lung microvascular niche, to enable the development of an ex vivo vascular platform 
mimicking native lung.
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14.6  Shear Stress

The lung is one of the most highly vascularized organs in the body and has a compli-
ant and high-capacity vascular bed. The endothelium lining the blood vessels is 
highly sensitive to hemodynamic shear force that acts at the vascular luminal sur-
face in the direction of blood flow (reviewed in [50]). Therefore, alteration of pul-
monary hemodynamics is one of the essential factors for pulmonary vascular 
remodeling. For example, in vivo assessment of wall shear stress (WSS) from pul-
monary hypertension (PH) patients reveals that WSS was significantly decreased in 
the PH cohort as compared to that in controls [51]. This reduced shear stress further 
induced a cascade of endothelial dysfunction including hyper-proliferation, 
increased oxidative stress, and inflammation, which worsened the symptoms of dis-
ease [52, 53].

Microfluidic systems have been used to construct vascular models and study the 
impact of shear stresses on vascular cell phenotypes and functions. Unlike the con-
ventional bulk parallel plate flow chambers or cone-and-plate flow devices, micro-
fluidic systems are easily multiplexed, could provide configurable shear stresses, 
and require a minimal number of cells. For example, Arora and colleagues have 
established a multiplex microfluidic platform to systematically investigate the 
impact of different levels of shear forces on induced pluripotent stem cell-derived 
endothelial cells (iPSC-ECs) differentiation. The multiplex device is comprised of 
six parallel cell culture chambers, allowing to simultaneously test shear stress rang-
ing from 0.4 to 15 dyne/cm2. Similarly, Rogers and colleagues developed a high 
throughput microfluidic-based microvascular platform, PREDICT96, to study sev-
eral perturbations, including fluidic shear stress. This system consists of 96 arrayed 
bilayer perfusable microfluidic devices containing microvascular endothelial cells 
and pericytes cultured on opposing sides of a microporous membrane. The micro-
vascular platform is perfused with physiological shear stress and is responsive to 
multiple perturbations such as barrier disruption, inflammatory stimulation, and 
fluid shear stress [54]. Such a high throughput system could potentially be used for 
disease modeling and drug discovery applications.

14.7  Cyclic Stretch

Mechanical cyclic stretch (CS) is primarily contributed by alveolar ventilation pres-
sures and vascular perfusion and affects pulmonary vascular functions [55–57]. 
During physiological conditions, ventilation-generated vascular stretch induces 
phosphorylation of Akt and eNOS, increases NO production at pulmonary microves-
sels, and protects vascular integrity from challenges [56, 58]. However, pathophysi-
ological cyclic stretch can be disruptive to the endothelial barrier function and may 
induce inflammation. Exposure of both pulmonary microvascular and macrovascu-
lar endothelium to pathologic 18% CS for 2–96 hours increased thrombin-induced 
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permeability and monolayer disruption. In turn, physiologic 5% CS preconditioning 
attenuated thrombin-induced paracellular gap formation [57]. Additionally, com-
pared to cells under 5% CS, pulmonary endothelium under pathologic 18% CS 
increased surface expression of ICAM1 and release of its soluble form (sICAM) as 
well as pro-inflammatory cytokine IL-8 [55].

Various systems have been used to study the impact of CS on cell biology. 
Conventionally, the cell culture systems with stretchable polymeric foil were used 
[57] to contemplate fundamental questions on the impact of uniaxial or biaxial 
forces on endothelial mechanotransduction. However, they cannot mimic the 3D CS 
experienced by vessels from cyclically expanding organs, and as such, they are not 
suitable for studying the cyclic stretch effect on 3D microvessels in the lung. Zeinali 
and colleagues recently established a dynamic microvascular platform that incorpo-
rates perfusion and cyclic strain. They built a 3D perfusable microvascular channel 
in the middle of a fibrin gel, which could be cyclically bent. This system allows to 
simultaneously control longitudinal and circumferential strains and study endothe-
lial behavior under different mechanical stimuli. Using this system, they found, 
unlike the conventional 2D model, cyclic strain in the 3D model could markedly 
improve vascular barrier function and restore the vascular function challenged by 
VEGF [59], simulating native conditions. Additionally, the cyclic strain has been 
incorporated into more complex alveolar models to study various lung diseases. The 
seminal study by Huh et al. introduced a biomimetic microsystem, called lung-on- 
a-chip, that reconstitutes the critical functional alveolar-capillary interface of the 
human lung. They microfabricated the device using poly(dimethylsiloxane) (PDMS) 
microchannels to form an alveolar-capillary barrier on a thin, porous, flexible PDMS 
membrane coated with ECM. They cultured human alveolar epithelial cells on one 
side of the ECM-coated PDMS membrane while human pulmonary microvascular 
endothelial cells were cultured on the other side. Cyclic vacuum suction was applied 
to induce cyclic stretching of the adherent cell layers that simulated physiological 
breathing motions and resultant deformation of the alveolar-capillary barrier [60]. 
By incorporating cyclic strain in the system, they found that endothelial cell and 
alveolar cell phenotypes are shifting toward their native counterparts and displayed 
native-mimicking immune response on the pulmonary vasculature after being chal-
lenged with IL-2 [61–63].

14.8  Translational Potential of Current Models

From a translational perspective, the ideal model systems should be (1) high fidelity – 
sufficiently recapitulating human cellular phenotypes and physiological functions dur-
ing homeostasis and diseased states; (2) Repeatable, Reproducible, Accessible – easily 
accessible, robust, and repeatable/reproducible across different laboratory settings; (3) 
High-throughput – scalable to suit manufacturing needs from public or private sectors. 
Recent development of tissue models on pulmonary vasculature has been centered on 
organ chips and organoids platforms (Table 14.1). I will review pros and cons of each 
platform and discuss perspectives for the future development.
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14.9  Organ Chips

The organ chip device generally harnesses microfluidic, 3D-bioprinting, and hydro-
gel technologies and is easy to fabricate, easily accessible, and has great potential 
for scale- up. This system has shown great promise in mimicking physiological 
microenvironment at a micro-scale level and modeling different organs and tissues, 
including lung vasculature, during normal and diseased conditions. Al-Hilal and 
colleagues have fabricated a device that models the lumina, intimal, medial, adven-
titial, and perivascular layers of the pulmonary artery. They grew human pulmonary 
arterial endothelial cells, smooth muscle cells, and adventitial cells in the chip at 
separate layers, allowing them to study the direct cell-cell communications in the 
pulmonary artery. They then applied this system to understand the etiology of pul-
monary arterial hypertension (PAH). They found that the cells from PAH patients, 
when grown on the chips, created phenomena similar to the primary pathologies of 
human PAH, including intimal thickening, muscularization, and arterial remodel-
ing and a sign of endothelial to mesenchymal transition [64]. Various devices have 
also been developed to model pulmonary capillaries in distal lungs. Zeinali et al. 
established a pulmonary microvessel-on-a-chip model by co-culturing human 
endothelial cells with lung fibroblast in a perfusable microchannel. This system 
allows for studying permeability, vascularized area, and cell-cell interactions. They 
used this device to understand microvascular remodeling during idiopathic pulmo-
nary fibrosis (IPF) and the impact of nintedanib, a medication for the treatment of 
IPF, on vascular protection. They found that nintedanib improves vessel permeabil-
ity and inhibits vascular remodeling in the chip, consistent with in  vivo studies 
[67]. Hul et  al. introduced a more complicated model that used a microfluidic-
based system to model the blood-air barrier in vitro, called lung-on-a-chip (LOC). 
This system consists of an upper alveolar epithelial and a bottom microvascular 
endothelial culture chamber separated by a microporous stretchable PDMS mem-
brane. This initial version of LOC allows studying breath motion in the alveolar 
compartment and shear forces in the microvascular compartment [60]. This system 
has been widely used to model various pulmonary disorders, including pulmonary 
edema and thrombosis, which are key pathological features of human ARDS/ALI 
[61, 66]. Although the LOC system recapitulates some critical physical cues such 
as shear stress, cyclic stretch, and stiffness, it fails to reconstitute other biochemical 
and biophysical features of lung vasculature, such as cell-cell crosstalk signals, 
oxygen tension, and correct ECM substrate, which are critical for intracellular reg-
ulation that I have discussed in previous sections. Thus, further efforts would be 
made to improve the fidelity of current models that could better resemble the native 
microenvironment.
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14.10  Organoids

The organoids are tiny, self-assembled 3D tissues/organs derived from stem cells. 
This miniature organ system could resemble several key physiological features of 
their native counterparts [72–74], enabling the study of organ biology in a dish. In 
2019, a seminal study by Wimmer et al. introduced the first human blood vessel 
organoids from pluripotent stem cells. In this organoid, the stem cell-derived endo-
thelial and perivascular cells could self-assemble into capillary networks covered by 
the basement membrane. After transplantation, they could form stable and perfus-
able vascular branches, including arteries, arterioles, and venules [21]. This system 
has been used to model various vascular disorders, including diabetes mellitus and 
COVID-19 [21, 69]. However, there are many hurdles to overcome before translat-
ing this technique into clinics. First, most organoids (reviewed in [75, 76]) to date 
still only represent cellular phenotypes during the fetal stage rather than the adult 
stage, limiting their potential to study organ physiology or pathophysiology, espe-
cially for chronic diseases. Second, there are huge variations in culture protocols, 
and the results are hardly comparable between different laboratories, limiting their 
potential for scale-up. Third, mechanical properties such as hemodynamics and 
cyclic stretch are poorly studied in organoids. Thus, although organoids are a great 
candidate to model human organ biology, significant work will be conducted to 
improve the fidelity of this system to study human diseases, including pulmonary 
vascular diseases.

14.11  Conclusion

The development of in vitro native-mimicking model systems offers a way to bridge 
the gap between preclinical animal models and human physiology. Various systems 
were developed to recapitulate key microenvironmental features of the pulmonary 
vasculature, and to elucidate the biological mechanisms during the development 
and diseases. However, from a translational standpoint, there are many obstacles to 
overcome: (1) very few validation studies were performed to ensure the fidelity of 
engineered models, possibly due to our deficient information on cellular phenotypes 
in human tissues. Multi-omics is a powerful tool for understanding transcriptomics 
and proteomics in multicellular organisms at a single-cell level. Various databases 
on human cell atlas have been developed in recent years [40, 77, 78]. Incorporating 
multi-omics may enable the establishment of standards for validating engineered 
models. (2) Non-human or cancer-derived biological products such as cell lines, 
fetal bovine serum, and Matrigel were still commonly used in various model sys-
tems, limiting their translational potential. Instead, primary cells, human serum or 
chemically defined medium, and native ECM should be used. (3) Critical microen-
vironmental cues such as native ECM, correct cell-cell communications, and oxy-
gen tensions are still not incorporated into various systems. Therefore, reconstruction 
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of pulmonary vasculature is still in its infancy, and extensive research on vascular 
niche regulation, validation, and scalability is needed to improve their translational 
potential.
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Chapter 15
Extracorporeal Membrane Oxygenation: 
Set-up, Indications, and Complications

Anna Niroomand, Franziska Olm, and Sandra Lindstedt

Extracorporeal membrane oxygenation (ECMO) is a form of support given to 
patients experiencing lethal failure of their cardiac and/or pulmonary systems. 
Given the possibility of substantial complications following ECMO initiation, the 
choice to manage a patient with the circuit must be taken only when the degree of 
organ failure is severe enough that other medical management is insufficient, and 
the patient faces the threat of mortality. ECMO as a device set-up relies on a pump 
to facilitate the flow of blood which is removed via the drainage cannula and 
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subsequently oxygenated through an oxygenator also called a membrane lung. 
Ultimately, the blood is then sent back through the return cannula once it has been 
filtered, warmed, or cooled.

After an interlude following a demonstration of no survival benefit to ECMO in 
its earlier years, there was a period of stagnation in the system’s implementation in 
adult clinics [1]. Management of patients on ECMO at the time had not been refined 
and complications relating to experience and technique facing those patients led to 
high mortality rates and cast doubt on the utility of ECMO [2]. Experience with 
ECMO was a contributing factor to its low use: a survey sent out in 2004 to 
Australian intensivists reported that their lack of staff and skills was the most com-
mon reason behind not providing ECMO [3]. The emergence of the H1N1 epidemic 
and the seminal CESAR and ANZ ECMO trials in 2009 launched a resurgence in 
ECMO as centers gained more experience. Within the CESAR trial, patients with 
severe acute respiratory failure were divided between management with ECMO or 
conventional methods. Survival without disability was found to be improved among 
those on ECMO [4]. The study helped to bolster confidence in this form of extracor-
poreal circulation as an effective management choice in these severe cases. These 
results were also backed by the Australia and New Zealand ANZ ECMO study com-
paring influenza-associated acute respiratory distress syndrome (ARDS) patients 
with and without ECMO [4, 5]. As experience has risen for centers utilizing ECMO 
with growing case numbers and increasing confidence managing cases on ECMO, 
outcomes for these patients have and continue to improve.

The Extracorporeal Life Support Organization (ELSO) has since its foundation 
in 1989 maintained a registry of ECMO cases, allowing for a retrospective look into 
the distribution of use with respect to geography, ECMO mode, and within patient 
populations. ECMO was initially dominated by neonatology in 1990 with over 80% 
of all reported cases having an indication for neonatal pulmonary use [6]. With the 
results of the aforementioned trials and growing experience across centers globally, 
the use of ECMO in indications within adult patients surged. For the complete years 
of 2016 to 2021, adult cases made up 77% of the registry. Within that allotment of 
cases, pulmonary indications comprised 46% of those adults on ECMO, cardiac 
indications the next 41%, and extracorporeal cardiopulmonary resuscitation (ECPR) 
the last 12.5% [7]. The uptick in use across the globe can be accounted for by a 
number of factors, including the advent of technology which has improved the cir-
cuity, such as more durable membranes [8]. Additionally, expansion of the product 
to new horizons, such as potentially portable devices has enlarged its use-case. Of 
course, increasing familiarity with the technology and the improved outcomes con-
tributes to the heightened faith that ECMO has an invaluable spot in modern medi-
cine as a tool for management of cardiac and pulmonary failure. This is bolstered by 
the broad use of ECMO, as the system can be a bridge to a number of destinations, 
including transplantation, decision, and recovery.
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15.1  Introduction to Modes of ECMO

ECMO modes are delineated by their points of access and return, dividing the types 
primarily into veno-arterial ECMO (VA-ECMO) and veno-venous ECMO 
(VV-ECMO). Venous blood is drained from the systemic circulation, pressured with 
a pump where it can then pass through a membrane oxygenator, heat exchanger, and 
return either into the venous circulation (VV-ECMO) or arterial circulation 
(VA-ECMO). Other less common derivatives on this system include venovenous-
arterial (VVA)-ECMO and veno-arterial-venous (VAV)-ECMO which are variants 
that expand on the dual-cannula setup to include another cannula for either an addi-
tional point of access or return.

15.1.1  Veno-Venous ECMO

VV-ECMO is indicated in cases of respiratory failure when cardiac function is ade-
quate, and the risk of patient mortality is high despite optimal conventional respira-
tory therapy [9]. Importantly, VV-ECMO does not provide hemodynamic support. 
To this end, it has been increasingly used in cases of severe ARDS secondary to 
multiple etiologies, such as aspiration, pneumonia, barotrauma, or pneumonitis 
[10]. Additionally, the application of VV-ECMO has been used to bridge patients to 
lung transplantation, an indication detailed in a later section.

To initiate VV-ECMO, both the draining and returning cannulas are placed 
within venous circulation with the choice of cannula location depending on the 
strategy. Commonly, drainage is through the inferior vena cava (IVC) with access 
from the femoral vein while return is through the jugular vein to the superior vena 
cava (SVC) to the right atrium [10, 11] (Fig. 15.1a). The return cannula can alterna-
tively be placed through the femoral vein in the context of a femorofemoral setup. 
Choice of cannula size is dependent on patient anatomy as well as the required 
blood flow. In a dual-lumen approach, a single cannula is placed into the internal 
jugular vein and the two lumens are oriented to allow for drainage through the IVC 
and return into the right atrium through the other lumen (Fig. 15.1a). Proper place-
ment of the dual-lumen catheter is particularly important to prevent recirculation in 
which oxygenated blood is returned to the right atrium but enters the drainage can-
nula rather than the right ventricle. In the case of recirculation, there is relative 
systemic hypoxemia given the now decreasing proportion of oxygenated circulating 
blood as that oxygenated blood from the return cannula is feeding back into the 
drainage cannula instead of the systemic circulation [12–14]. This can be prevented 
by placing the dual-lumen cannula such that the return flow is directed to the tricus-
pid valve, although doing so and maintaining said positioning may be difficult, 
especially when factoring in practicalities such as patient movement. To attempt 
placement of the cannula, transesophageal or transthoracic echocardiography or 
fluoroscopy can guide cannulation [13]. The use of concurrent imaging to guide 
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Fig. 15.1 ECMO can be set up through the veno-venous configuration (a) with two cannulas (top) 
or with a dual-lumen cannula (bottom). Alternatively, in the veno-arterial configuration (b), the 
cannulas can either be centrally placed (top) or peripherally through groin access (bottom). Special 
arrangements of ECMO involving more cannulas (c) include the veno-arterial-venous configura-
tion (top) and the veno-veno-arterial configuration (bottom). Created with biorender.com

placement helps to reduce the risk of vessel or cardiac injury [15–19]. This is also 
an opportunity for technological innovation to use methods such as ultrasound dilu-
tion and mixed venous oxygen saturation to measure the extent of recirculation 
[20–22]. The benefits of placing a dual-lumen single catheter would include reduc-
ing the risk of bleeding as well as increasing the possibility of ambulation while 
continuing ECMO therapy. Early ambulation on ECMO has been studied for feasi-
bility and safety with the goal of improving functional recovery and independence 
[23–25]. It should be noted that success of ambulatory physical rehabilitation comes 
only with the assistance and availability of a trained multidisciplinary team [26].

15.1.2  Veno-Arterial ECMO

In the event of hemodynamic compromise, VA-ECMO can be employed to supply 
both respiratory and circulatory support to a patient. Indications for VA-ECMO ini-
tiation include cardiogenic shock, encompassing conditions such as acute myocar-
dial infarction, myocarditis, acute or chronic heart failure, post-cardiotomy 
syndrome, as well as refractory ventricular arrythmia and cardiac arrest [8, 15]. 
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Patients receiving extracorporeal cardiopulmonary resuscitation have shown 
improved survival compared to conventional CPR [27, 28] and the utility of 
VA-ECMO has been explored following out-of-hospital and emergency department 
cardiac arrests [29]. After placement on VA-ECMO, patients can then be bridged to 
recovery, transplantation, or further circulatory support. Patients must be considered 
carefully prior to ECMO initiation and relative contraindications include severe aor-
tic regurgitation [30].

To discuss VA-ECMO set-up, the category must first be further subdivided 
between peripheral and central techniques. In peripheral VA-ECMO, the femoral 
vein is cannulated to drain the right atrium. Following oxygenation and decarboxyl-
ation by the system, the blood returns to the femoral artery, traveling retrograde up 
the aorta [31]. Alternatively, with central VA-ECMO, the right atrium or pulmonary 
artery is directly cannulated and then the return likewise is a direct cannulation of 
either the left atrium, aorta, or left ventricle [31, 32] (Fig. 15.1b).

Reviewing peripheral VA-ECMO inherently leads to a discussion of the effects 
of retrograde flow on both left ventricular afterload and left ventricular end-diastolic 
pressure in which an increase in both could potentially lead to pulmonary edema 
[33–35]. As the flow may also affect the left ventricular ejection, the stasis of blood 
within that chamber could result in thrombosis with downstream consequences 
[36–38]. This has prompted the adjunct use of alternative devices. Techniques to 
combat this effect are entitled “left ventricular (LV) venting” and include Impella 
placement and the use of intra-aortic balloon pumps (IABPs) [31, 39, 40]. Improved 
outcomes including lower mortality rate have been observed in tangential use of 
IABPs with VA-ECMO relative to ECMO alone [38]. Context should be consid-
ered, however, as LV venting may be more clinically useful in patients who have 
minimal to no cardiac contractility relative to patients with maintained function [41].

Another consideration in VA-ECMO is the so-called “Harlequin” or “North- 
South” syndrome which occurs in the peripheral configuration. Differential hypoxia 
between upper and lower limbs develops due to retrograde flow from cannulation of 
the femoral artery. The retrograde-moving oxygenated blood mixes with deoxygen-
ated blood ejected from a heart with impaired lung function and can consequently 
result in oxygenated blood failing to reach the coronary arteries and the brain [42, 
43]. The phenomenon can be counteracted by the insertion of another cannula to 
create a venoarterial venous (VAV)-ECMO setup or by a switch to a central 
VA-ECMO system [30]. The occurrence of such differential hypoxia should be sus-
pected if the oxygen measures differ between the radial and femoral arterial samples.

In peripheral VA-ECMO, there is also an issue of maintaining adequate perfu-
sion in the extremities to avoid ischemia of the leg. Rates of limb ischemia range 
depending on the study from 10% to 50% in VA-ECMO cases [44–47]. Those at 
greater risk for developing ischemia include populations in which the femoral artery 
for cannulation may be smaller: in women, younger patients, patients with periph-
eral arterial disease and when larger cannulas are utilized [48, 49]. To this end, 
insertion of an additional distal perfusion catheter (DPC) into the superficial femo-
ral artery can help relieve the risk of limb ischemia (Fig. 15.2a). The DPC has been 
reported for use both prophylactically at the time of cannulation to prevent ischemia 
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Fig. 15.2 (a) Techniques to avoid or treat ischemia of the leg include the use of a distal perfusion 
catheter; (b) as well as the implementation of end-to-side chimney grafts; (c) or T-grafts. Created 
with biorender.com

as well as after the onset of clinical ischemia to salvage the limb [48]. Other tech-
niques have been reported, including cannulation of the ipsilateral posterior tibial 
artery [50]. Lack of a DPC was a risk factor in one study of VA-ECMO for  the 
development of distal limb ischemia and the study recommended making DLCs a 
mandatory component of peripheral VA-ECMO [51]. Even with additional DLC, 
clinically significant limb ischemia may occur and could require serious measures 
to correct the damage, including compartment fasciotomy and amputation [52].

An additional technique employed to avoid distal ischemia involves using a graft 
to the artery to circumvent placing the cannula directly into the artery lumen which 
could lead to obstruction of the lumen. This includes the use of either an end-to-side 
chimney graft or T-graft [53–56] (Fig. 15.2b, c). The use of a bidirectional cannula, 
as is currently being tested with cardiopulmonary bypass (CPB), presents as another 
solution to the dilemma of limb ischemia [57]. This set-up with a side hole for ante-
grade perfusion was successful in facilitating distal flow with adequate systemic 
pressures but has yet to be extended beyond CPB and to ECMO.

15.1.3  VVA- and VAV-ECMO

As briefly mentioned, the canonical set-ups of VV- and VA-ECMO can be aug-
mented with the addition of a third cannula. In VVA-ECMO, another cannula is 
deployed such that the second drainage cannula within an existing VA-ECMO set-
 up drains blood flow from the right atrium or ventricle [58] (Fig. 15.1c). The addi-
tion of the second drainage cannula aims to reduce the incidence of differential 
hypoxia.

Another form of triple cannulation is VAV-ECMO which seeks to combine the 
advantages of VA- and VV-ECMO by supporting both the respiratory and circula-
tory systems (Fig. 15.1c). The additional cannula is a return one so that there is 
arterial outflow both to the right atrium and through the femoral artery towards the 
aorta. The potential benefit of this alternative configuration to either VA- or 
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VV-ECMO would be the ability to initiate respiratory support when failure occurs 
secondary to cardiac failure or vice versa (cardiac failure secondary to respiratory 
failure). The studies of either VAV- or VVA-ECMO are limited with a need for 
investigation beyond feasibility to demonstrate improvement in outcomes [59–61]. 
Some data including a retrospective review of 23 patients did not demonstrate sur-
vival advantage or complication reduction associated with VVA-ECMO use [62]. 
There in addition exists a study of successful treatment of cerebral hypoxemia in 
patients on VA-ECMO using VAV-ECMO [61].

15.1.4  ECCO2R ECMO

In extracorporeal carbon dioxide removal (ECCO2R), the use of reduced blood and 
sweep gas flow has emerged for the clearance of carbon dioxide while also allowing 
for “ultraprotective ventilation” or other configuration modifications [63]. ECCO2R 
aims to remove carbon dioxide rather than focusing on oxygenating the blood. This 
specialized version of ECLS is being trialed in patients with ARDS to allow for 
ventilation with a markedly reduced tidal volume of 3–4 mL/kg as well as in patients 
with chronic obstructive pulmonary disease (COPD) [64–66]. “Ultraprotective ven-
tilation” settings at such low tidal volumes with low plateau pressures ≤25 cmH2O 
are thought to reduce the risk of ventilator-induce lung injury but increase the inci-
dence of respiratory acidosis [67]. ECCO2R complements the lungs’ function of 
removing carbon dioxide to cope with the respiratory acidosis that may result from 
the ultraprotective ventilation. The SUPERNOVA study assesses ECCO2R in mod-
erate ARDS, finding that the design of the system was feasible and reporting a 73% 
survival rate at day 28 with 62% alive at hospital discharge [68].

15.1.5  Other Components of the ECMO System

Generally, the blood pumps utilized in ECMO can be divided between the occlusive 
roller pumps and the nonocclusive axial and centrifugal pumps. Nonocclusive 
pumps are preferred as roller pumps may lead to emboli formation and mechanical 
stress [15]. Centrifugal pumps are widely used now that lower resistance oxygen-
ators are employed allowing for small priming volumes and reduced hemolysis [69, 
70]. These changes in design translated to minimized circuit volume and connec-
tions which in turn reduce the area of blood to machine interface and decrease the 
points at which turbulent flow and thus thrombi can occur [71]. Other components 
of the system not discussed in this chapter include heat exchangers, line pressure 
measurers, ultrasonic flow detectors, and oxyhemoglobin saturation measures.
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15.2  Thrombosis and Bleeding

Thromboembolic complications are a common occurrence on ECMO, due to the 
exposure of blood to the ECMO circuit. The coagulation cascade is known to be 
activated by the interaction of blood with artificial surfaces [72]. Contact with the 
surfaces also results in coagulation and fibrinolytic pathway activation as well as 
complement-mediated inflammatory responses. A patient’s own underlying disease 
can have a relative contribution to thrombogenesis, and the lack of or reduction in 
cardiac function in patients on VA-ECMO makes it important to maintain blood 
flow to prevent stasis in the heart [69]. The emboli that are formed may manifest as 
severe complications, such as embolic stroke. The incidence of embolic brain 
infarction ranges in estimates from 1.7% to 15% [73–76]. Thrombus formation is 
known to occur at the oxygenator and consequently the pressure including any 
drops in this part of the ECMO circuit should be monitored [77]. In VA-ECMO, if a 
clot is formed at the oxygenator or pump, when the blood is returned to arterial 
circulation, that emboli will then travel systemically. Rapid increases in D-dimer 
can signify failure of the oxygenator and circuit change [78].

To prevent the sequelae of thromboemboli, patients are placed on an anticoagula-
tive regimen, most commonly with unfractionated heparin. Treatment with bivaliru-
din and argatroban is also possible, with a relative advantage over heparin of not 
relying on antithrombin III for an anticoagulative effect [79]. Under the current 
ELSO guidelines, a bolus of 50–100 units/kg of heparin should be given at the time 
of cannulation followed by a continuous infusion throughout the duration of ECMO 
use [9]. This infusion rate should be sufficient to keep the activated clotting time at 
1.5 times the normal time with measures taken every hour [9]. Other measures of 
anticoagulation like activated partial thromboplastin time (aPTT), anti-factor Xa 
levels, thromboelastography, and the absolute value of the heparin dose are used to 
varying degrees based on the center. Within patients treated with ECMO, there is no 
standard dose of heparin [9]. The introduction of heparin-coated cannulas was 
instrumental in decreasing the blood-surface interaction, considering the degree of 
blood interface with both the tubing and the oxygenator [80, 81]. The use of other 
coatings, such as phosphorylcholine and polymethoxyethyl acrylate has also been 
studied and put into use [82–86]. With the use of heparin comes the need to monitor 
for heparin induced thrombocytopenia (HIT), which while rare can result in a pro-
thrombotic state. Development of HIT would mean withdrawal of heparin use in the 
patient, which could be mitigated by use of other anticoagulants such as bivalirudin 
and argatroban [87]. Lepirudin, a direct thrombin inhibitor, has been used in ECMO 
patients with HIT [88, 89]. There is also the added complication of increasing hepa-
rin resistance over time as antithrombin levels decrease, with antithrombin supple-
mentation being a controversial choice [90].

Inherent to the administration of anticoagulation is the risk of bleeding. Factors 
which increase the likelihood of bleeding include platelet activation associated with 
shear stress, an acquired coagulopathy due to exposure to artificial surfaces, and 
systemic inflammation which accompany the conditions that had indicated the use 
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of ECMO, such as cardiac arrest and cardiogenic shock [32]. There is also always 
the possibility of bleeding from the access site of the cannula. The configuration of 
the ECMO set-up may also play a role, with the risk of bleeding found to be lower 
in peripheral VA-ECMO compared to central [91].

The burden of bleeding in ECMO may be substantial, and as reported in the use 
of ECMO in the ANZ ECMO study, the main cause of mortality there was hemor-
rhage [5]. In a study of the ELSO registry, bleeding events associated with mortality 
included intracranial, pulmonary, and gastrointestinal hemorrhage [92]. The patients 
who require ECMO are typically critically ill and thus may have impaired hemosta-
sis. Thrombocytopenia can also be found in up to 50% of ICU patients and is associ-
ated with increased bleeding [93–95]. Practices may vary, but there are reports 
describing a target platelet count greater than 100x109/L [96]. It is of course impor-
tant to also consider the role that disseminated intravascular coagulation (DIC) may 
contribute in the event of development within a patient on ECMO. As platelets and 
coagulation factors are consumed, there can be severe bleeding and thrombosis 
[97]. In the occurrence of bleeding, anticoagulative therapy would need to be held 
or reduced, which has been shown to be safe in some reports for up to three days 
[98, 99]. In one study of eight patients with peripherally-inserted ECMO, hemosta-
sis following a bleed was successfully established through interventions including 
ultrasound-guided thrombin injection, n-butyl cyanoacrylate, stent grafts and coil 
embolization [100]. In these cases, the bleeding was a complication of the percuta-
neous cannulation and interventional methods were pursued as the patients were 
medically unsuitable for surgical revision.

Other vascular complications that ECMO patients may face include the develop-
ment of pseudoaneurysms at the access site, arterial dissections, and hematomas 
[101]. For pseudoaneurysms, following confirmation with an ultrasound, manage-
ment can include either thrombin injection or surgical intervention depending on the 
size [102]. Symptomatic dissections require a stent and for hematomas, the antico-
agulation must be revised along with possible need for transfusion or in severe 
cases, embolization or surgery [101]. To avoid bleeding during decannulation of 
percutaneous cannulation, closure devices have been tested for increased efficacy 
and complication avoidance [103–105].

15.3  Infection

Infection can occur with ECMO, including bacteremia and sepsis with longer dura-
tion of support correlating to higher incidence of infection. It is estimated that 
within two weeks of ECMO initiation, 53% of adults acquire an infection and that 
mortality is as high as 60% in patients with infection [8]. Sources of infection 
include both the access site as well as urinary tract due to prolonged indwelling 
catheter use and surgical wound infections [32]. Contributing to this burden of 
infection is the risk inherent to the machinery of ECMO and the use of multiple 
cannulation sites, ventilators, and sometimes an open chest. The configuration of 
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the ECMO system itself can introduce risk, with rates of infection higher in 
VA-ECMO relative to VV-ECMO [106–109]. Additionally, beyond the risk due to 
mechanical and logistical components of ECMO, the effect which ECMO initiation 
may have on the innate and adaptive immune system have also been reported to 
impact infection [110]. The underlying condition of the patient prior to ECMO is 
also a factor, with higher sequential organ failure assessment (SOFA) scores acting 
as a risk factor in infection as a complication [108, 111].The longer a patient remains 
on ECMO, the higher the likelihood of infection development [112].

The consequent rate of infection observed in ECMO studies ranges, with values 
from 9% to 65% [113–115]. The most common infection was that of the blood-
stream with a prevalence of 3–18% of cases and an incidence of 2.98–20.55 epi-
sodes per 1000 days [112]. Other reports have noted lower respiratory tract infections 
occurring at an incidence of 24.4 episodes/1000 days and infections at the surgical 
site in 0.6–14.7% of cases [112, 116, 117]. Relative rates of infection appear to be 
higher in adults on ECMO than children [106, 107].

A documented infection after ECMO must be managed with the appropriate 
antibiotics, but the pharmacokinetics of these drugs when given in the context of 
extracorporeal support is an area in need of further research [112]. Changes such as 
increased volume of distribution in vancomycin and cefotaxime and reduced clear-
ance of gentamicin have been noted [118–120]. In evaluating patients for the devel-
opment of infection and fever as a reflection of that infection, it is important to 
remain cognizant that the ECMO circuit is maintaining body temperature with heat-
ing or cooling of the outflow. In looking to reduce infections, double-lumen can-
nulation in VV-ECMO has lower risk of infection development, which could be a 
consideration during ECMO initiation [106].

15.4  Inflammatory Response

When ECMO is initiated, there is a known inflammatory reaction that takes place 
owing to the contact of patient blood with the circuit, activating coagulation and 
inflammatory pathways [121–124]. With activation of factor XII in the coagulation 
cascade occurring within minutes of ECMO initiation [125], the intrinsic pathway 
is quickly initiated and ultimately thrombin is activated. Thrombin is not only 
important in coagulation but increases neutrophil activation and leads to expression 
of pro-inflammatory cytokines [126–129]. Other mediators of inflammation within 
the ECMO system include platelets and the complement system [124, 130–133]. It 
is thought, however, that the use of heparin in more recent circuits is tied to reduced 
complement activation [134]. Activated complement component C3b was shown to 
reach its peak level within 60 minutes of ECMO initiation but ultimately fell to a 
baseline by two days, an important consideration when taking into account the lon-
ger duration of patients on ECMO [124].

In response to complement, the endothelium can become activated, up- regulating 
P-selectin [135]. The rise in pro-inflammatory cytokines further promotes 
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endothelial activation with the downstream effect of adhesion and migration of acti-
vated neutrophils, the infiltration of which is associated with end-organ damage in 
ECMO [122, 136]. Neutrophil activation rises within thirty minutes of ECMO ini-
tiation, reaching peak levels over hours, and declining with their activation resulting 
in neutrophil degranulation and enzyme release [136–138].

Cytokines, which are key mediators in inflammation with widespread effects, 
have also been demonstrated to rise within ECMO. TNF-α in a porcine model of 
ECMO has been shown to be released from gut mast cells and associated in clinical 
studies of neonates with lower survival [122, 138, 139]. IL-6, another potent pro- 
inflammatory cytokine, is elevated within ECMO [140–144].

In another porcine model of lipopolysaccharide (LPS)-induced acute lung injury, 
there were significantly greater levels of proinflammatory cytokines IL-6, IL-12 and 
TNF-α in those who were also placed on ECMO compared to those without ECMO 
[145]. Monitoring the rate of inflammation as it develops with the use of ECMO 
may then become an important clinical measure. Exhaled breath particles which 
originate from the respiratory tract lining fluid of the lung could be used as a sur-
rogate to understand the extent of lung damage as it develops, as particle flow rate 
was found to be increased in ECMO-treated porcine compared to those without. 
These findings were corroborated in human patients who also experienced increas-
ing particle flow rate as their condition deteriorated on ECMO [145]. Bedside mea-
sures which correspond to the underlying state of the lung could become more 
important as the prevalence of ECMO increases.

Importantly, IL-6 has correlated with survival within patients with survivors 
demonstrating lowering levels after reaching a peak while non-survivors experi-
enced maintained elevations in the cytokine [146]. It would follow accordingly that 
therapies which aim to reduce circulating cytokines could theoretically benefit 
patients experiencing high levels of inflammation, such as persistently elevated 
IL-6. Trials using devices such as cytokine adsorbers are currently being investi-
gated. In a single-center randomized control of cytokine adsorption in COVID-19 
pneumonia placed in line with the ECMO circuit for 72 hours, levels of IL-6 were 
not significantly decreased and there was a negative effect on survival, leading to a 
caution of use of the device within the first days of ECMO support in a COVID-19 
population [147]. Another single-center study of severe ARDS with VV-ECMO 
found that cytokine adsorption was associated with reduced morality and reduced 
vasopressor need [148]. Other studies with the device in line with dialysis circuits 
have found reduced IL-6 and improvement in mortality with use of cytokine adsorp-
tion devices in septic patients [149–151]. It appears then, that not only is there a 
need for more studies with larger patient cohorts to gather evidence, but also a need 
to study timing of treatment. It is plausible that this could be a case where cytokine 
removal would be the right treatment if given at the right time, but potentially harm-
ful if started at the wrong one. There may also be a relationship with the method of 
administration, as it could be placed in line with ECMO, dialysis or as a standalone 
circuit which may impact the efficacy and outcome.
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15.5  Bridge to Transplant

With the current lack of available donor organs and prolonged waitlist times a 
potential transplant recipient may face, the need for techniques to help a patient 
survive their wait is great. For lung transplants, 54% of adults in 2019 spent between 
three months and two years waiting for a donor organ [152]. As the patient’s condi-
tion may deteriorate while waiting for a transplant, “bridging to transplant” with 
ECMO is considered a viable option for helping a critically ill patient survive until 
the procedure.

Importantly within this subsection of ECMO use, mortality rates in this patient 
subpopulation have been tied to the ECMO volume of the lung transplant center. 
Those centers with more time having utilized ECMO and those with greater experi-
ence appear to observe improved outcomes. High volume centers have noted sur-
vival rates in their bridged population of 70–90% at one-year post-transplantation 
[153–155]. In a meta-analysis of center volume, low volume was associated with 
post-transplant hazard [156]. High volume centers have been able to report similar 
survival rates post-transplantation in their patients who are bridged to transplant to 
those who do not receive ECMO prior to transplantation [157]. When considering 
the effect that experience may have as a center gains practice with the technique, the 
analysis of outcomes over “eras” within a high-volume center highlighted improve-
ment over time [158]. The mounting success of programs with a bridge-to- transplant 
program has resulted in consideration of transplanting a greater breadth of patients 
as one study found that while the bridged patients had lower lung allocation scores 
than non-bridged patients, they had no difference in survival [159].

The use of ambulatory ECMO has shown a benefit of preventing deconditioning 
in this patient population. Loss of strength in the intensive care unit is associated 
with increased morbidity and mortality [160]. In patients bridged to transplant, 
ambulation during ECMO was an independent predictor for survival [158, 159]. 
The International Society for Heart and Lung Transplantation’s 2021 consensus 
statement remarks that when placing lung transplant candidates on extracorporeal 
life support, they should preferably be awake and mobilized [161].

15.6  Conclusion

As ECMO gains a stronger foothold as a critical tool in the management of severe 
to fatal respiratory and cardiac failure, the exploration of important factors related 
to its use – from the potential for thrombosis and bleeding to the extent it elicits an 
inflammatory and infectious response – will continue to help our understanding of 
best practices. Importantly, protocols regarding the management of conditions like 
heparin dosing and antibiotic use should be analyzed for standardization. With the 
use of ECMO across many different patient populations, such as those with cardiac 
arrest and those awaiting lung transplant, these settings will need customization for 
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the specific patients whom it seeks to manage. Globally, the use of ECMO in centers 
is likely to grow and with it, improvements in patient mortality and morbidity.
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Chapter 16
Current and Future Engineering Strategies 
for ECMO Therapy

Deniz A. Bölükbas and Sinem Tas

16.1  Introduction

Extracorporeal membrane oxygenation (ECMO) is a life-saving therapy for patients 
who suffer from cardiac and/or respiratory failure where the gas exchange function 
of the lung is impaired. The first model of ECMO was developed in the 1950s as a 
modified form of cardiopulmonary bypass. In the 1970s, the first successful use of 
ECMO in adults and neonates with respiratory failure was reported. Since its devel-
opment, the use of ECMO has steadily increased in clinics from neonates to pediat-
ric and adult patients as a last resort in acute and chronic cases [1, 2]. ECMO is an 
expensive therapy that requires considerable expertise and sophisticated equipment. 
Nevertheless, it was successfully exploited to treat patients with Swine Flu in 2009 
and during the COVID-19 outbreak, as a last line therapy if mechanical ventilation 
fails [2, 3].

A typical ECMO circuit consists of vascular access, tubing, pump, gas exchange 
unit (membrane oxygenator) and interface. ECMO replaces the gas exchange func-
tion of the lungs by pumping venous blood from a large central vein to a membrane 
oxygenator outside of the body. The oxygenator consists of hollow fiber membranes 
where blood flows across the fiber bundle and gas flows within the lumen of the 
individual fibers. A thin gas permeable membrane allows the diffusion of oxygen 
from the lumen side into blood and carbon dioxide from the blood into the gas for 
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disposal. In a membrane lung, the main focus is on achieving adequate levels of 
oxygenation of the deoxygenated blood. This, being 250 to 300 ml of oxygen/min 
for an average adult at a resting state, is much more challenging than the removal of 
carbon dioxide [4]. Thus, all devices on the market have a large membrane surface 
area to enable this amount of oxygen transfer. In addition to the characteristics of 
the membrane oxygenator (e.g., surface area or oxygenator size), blood flow and 
hemoglobin concentration should be carefully planned not only to match adequate 
levels of oxygenation but also to better management of ECMO [4].

ECMO membranes are made of highly hydrophobic polymers such as silicone, 
polypropylene (PP) and polymethylpentene (PMP). Non-wetting ECMO mem-
branes have gas-filled pores that allow fast and efficient mass transfer between gas 
and liquid phases. However, the downside of these hydrophobic surfaces is that they 
are attractive for protein adsorption. Thus, the incompatibility of ECMO circuits 
(including tubing, cannulas, and membrane oxygenator) with blood is the main rea-
son for inflammation and bleeding complications. In addition to blood incompati-
bility, non-physiological flow conditions in the cannula and the pump can activate 
the platelets, the coagulation cascade and lead to thrombus growth within the circuit 
[5, 6]. Large foreign surface area of the membrane oxygenator represents a high risk 
for thrombus formation especially at the edges and corners where the velocities are 
the lowest. Additionally, higher shear rates due to high blood flow velocities in the 
cannulas and pumps can cause hemolysis [7, 8]. To prevent blood coagulation and 
thrombus formation, anticoagulants are given to the patients, which can induce 
bleeding complications and contribute to the high morbidity and mortality seen in 
ECMO patients [6].

While ECMO can be life-saving, it is not a first-option therapy because of the 
high risk of mortality. Over the years, ECMO mortality remained unchanged, 
despite the patient population becoming at increasingly higher risk of mortality due 
to severity of diseases and associated comorbidities. An increased experience and 
refined treatment strategies have contributed to improve the outcomes in ECMO 
patients; the technological advances in ECMO circuit design improved the overall 
safety, ease of use, accessibility and potentially contributed to decreased morbidity 
and mortality. This chapter will provide an overview of the requirements for blood 
oxygenation and technological advancements in the ECMO circuit, as well as 
emerging strategies to minimize the complications for patients undergoing ECMO 
therapy.

16.2  Blood Oxygen

The oxygen in blood is composed of the amount that is bound to hemoglobin and 
the amount that is dissolved in plasma [4]. These together define the oxygen content 
of the blood and is the most important factor for tissue oxygenation. In fact, the 
amount of oxygen that is delivered to tissue is measured by the oxygen content in 
arterial blood multiplied by the blood flow, termed as DO2.
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At rest, DO2 is controlled to be five times more than the oxygen consumption of 
the body, termed as VO2. A drop in the DO2 compared to VO2 results in more oxygen 
extraction from the blood flow, leaving less oxygen in venous blood, to maintain 
physiologic metabolism rates. If the DO2 becomes less than two times VO2, aerobic 
metabolism is hampered. This results in anaerobic metabolism with lactic acid pro-
duction which can lead to supply dependency systemic acidosis and organ failure 
[9]. ECMO therapy allows for control of DO2 independent of the native lung func-
tion. It is aimed to keep the DO2 levels close to five times the VO2 levels as seen in 
healthy adults [4].

16.3  Advances in ECMO Circuit

Although individual centers customize their ECMO circuits to best fit their patient 
population needs, there has been a significant amount of effort put into the design of 
compact ECMO to reduce extrinsic surface area of blood contact, priming volumes 
and reduceconnectors and stopcocks to eliminate potential sites of flow 
disturbance.

16.3.1  Cannula and Circuit Tubing

ECMO circuit has undergone an important improvement in terms of biocompatibil-
ity. However, efficacy of ECMO is greatly dependent on adequate blood flow in the 
circuit. Therefore, there have been significant design changes in ECMO circuits to 
improve the outcome of ECMO. The design of cannulas has been focused on maxi-
mizing blood flow while minimizing the damage on blood, having the least possible 
coagulation pathway activation. The cannula and the circuit tubing are the first site 
of blood contact with a foreign surface. The use of cannula and/or tubing with a 
surface coating is essential for preventing fibrin shear and thrombus formation. 
Even a small thrombus can significantly affect the blood flow. This effect is espe-
cially critical if the thrombus is positioned at a narrower part of the cannula or at a 
drainage hole since these areas occlude a large portion of the blood volume. 
Biocompatible polymers such as polyurethane, silicone and polyvinylchloride 
(PVC) have been commonly used to manufacture cannulas and circuit tubing [10, 
11]. Although they are made of biocompatible materials, these materials have draw-
backs that contribute to the complications related with ECMO. These materials are 
hydrophobic and make the surface attractive for protein adsorption which eventu-
ally provokes coagulation cascade. Current trends in ECMO management move 
towards prevention of blood clotting without anticoagulants. Therefore, several sur-
face coatings have been applied to enhance the hemocompatibility of these materi-
als. The most commonly used surface coating for ECMO circuits is heparin surface 
coatings [10, 11]. The main advantage of this material is its anticoagulation 
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properties. Heparin lowers the degree of activation of the hemostatic system, pre-
vents platelet adhesion and activation while preserving platelet counts. Despite the 
advantages, heparin causes the development of osteopenia and thrombocytopenia 
[12]. Importantly, heparin-based coatings are not always covalently attached to the 
surface [13], thus, can leach into the blood, resulting in extremely high heparin 
concentration in the blood. This can cause severe bleeding complications, which 
can be lethal [11].

As an alternative, biomimetic surfaces that closely resemble the natural endothe-
lium have been designed. Zwitterionic polymers have been used to develop 
endothelium- mimicking surfaces [10, 11]. The use of zwitterionic polymer is 
inspired by the external surface of the cell membrane that has zwitterionic phos-
phorylcholine (PPC) group on the outer side [11, 14, 15]. PPC coating possesses 
repeating positive and negative regions on the surface resulting in strong hydration 
forces, prohibiting the direct adsorption on top of proteins, thereby creating a layer 
between the components of the human blood and the artificial surface.

Additionally, cannulas with different lengths, shape, with/without drainage 
holes, and double lumen have been developed to compare and determine the best 
choice for each situation [16–19].

For example, the large cannulation strategy is in general recommended to maxi-
mize blood flow [18]. On the other hand, small arterial cannulation strategy reduces 
the possibility of lower limb ischemia in peripheral venoarterial extracorporeal 
membrane oxygenation (VA ECMO) [17]. Moreover, cannulas with drainage holes 
with different hole size, angles, and spacing between the wholes can affect the blood 
flow dynamics and eventually the thrombosis potential [16].

16.3.2  Pumps

Roller or centrifugal pumps have been the most common types of pumps used in 
ECMO circuits [20]. Although more economic, roller pumps have adverse effects 
on the flow due to mechanical forces and pressure on the circuit tubing. Additionally, 
shear stress caused by the roller-head contributes to hemolysis. To minimize the risk 
of rupture caused by extreme positive pressures, the tubing length is extended with 
an increased need for pressure monitoring. Large circuit size with longer tubing 
leads to elevated exposure to extracorporeal units and it affects the priming volume 
required proportionally [21].

The newest centrifugal pumps with a magnetic drive can perform in smaller cir-
cuits, hence requiring less priming volume and resulting in less amount of hemoly-
sis. Mostly due to these attributes, the number of smaller centrifugal pumps used in 
ECMO circuits has been on the rise [22]. The drawbacks of this type include the risk 
for cavitation or air formation due to high negative pressure on the venous side. 
Although a bladder reservoir may be used to minimize these risks, there is no con-
sensus on whether that benefit outweighs the risks associated with increased surface 
exposure.
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16.3.3  Membrane Oxygenator

The first model of ECMO oxygenators used flat sheet polyethylene, ethylcellulose 
membranes that could provide the required gas exchange [23]. However, these two 
membranes had significant drawbacks. Manufacturing techniques introduced pin-
hole defects on the polyethylene membranes that allowed oxygen bubbles to enter 
the blood channel. Ethylcellulose membranes allowed water to seep into the gas 
channel. Additionally, their brittleness made them difficult to support mechanically. 
Later, silicone films were used to minimize the material related defects [23, 24]. In 
the mid-1980s, there were significant changes in ECMO oxygenator design. ECMO 
oxygenators adopted the hollow fiber membrane after their success in hemodialysis 
[24]. The first large scale hollow fiber oxygenators developed with extraluminal 
cross-flow of blood. High gas exchange capacity was achieved due to luminal flow 
where blood passed through the lumen side and sweep gas flowed through a jacket 
surrounding the fibers. The circular cross-section maximized the surface to volume 
ratio, resulting in high gas exchange capacity. Oxygen and carbon dioxide were 
exchanged in the oxygenator based on partial pressure differences.

To achieve high gas exchange capacity, the membranes should be hydrophobic to 
prevent membrane wetting and blood plasma leakage. Therefore, current oxygen-
ators are made of hydrophobic PP and PMP membranes [23]. The hydrophobic 
nature of the membranes makes the surface attractive for protein fouling which 
leads to blood clots formation. Moreover, adsorption of proteins on membrane sur-
face degrades the performance and lifetime of the membrane, eventually necessitat-
ing the change of oxygenator which puts patients life at risk [25]. Antithrombogenic 
and antifouling membranes have been developed to minimize the blood clotting [10, 
11, 13]. Thus, various commercial coatings are available from the oxygenator man-
ufacturers. Heparin is also the most commonly used coating material in the ECMO 
membranes due to its anticoagulation effect [10, 26]. As alternative strategies to 
circumvent the side effects associated with heparin, membranes with coatings of 
albumin, polyethylene glycol, phosphorylcholine were developed [10]. Although 
newer oxygenators using surface coatings have demonstrated some improvements 
in hemocompatibility compared to prior devices, further improvement is needed to 
prevent the protein and platelet adhesion on the membrane surface to improve the 
performance of ECMO.

16.4  Experimental Strategies

The contact of blood with extracorporeal surfaces can lead to the adverse effects, 
thus can worsen the patient condition [27]. Therefore, recent research efforts have 
primarily focused on improving hemocompatibility of the surface by following 
ways to reduce incidence of clotting, bleeding and minimize reliance on anticoagu-
lants: (i) development of surface coatings, (ii) endothelialization. On the other hand, 
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microfluidic oxygenator technologies have emerged as an alternative to overcome 
some of the principal drawbacks of the current ECMO circuits.

16.5  Membrane Surface Coatings

To date, several alternative materials have been utilized as antithrombotic coatings 
to prevent the adverse effects of passing blood through an ECMO circuit. The mech-
anism of action of antithrombotic coatings can be divided into two categories: bio-
active coatings and biopassive coatings [10, 11].

16.5.1  Bioactive Coatings

Bioactive coatings have been traditionally applied to the surface of the blood con-
tacting devices. The main objective of the bioactive coatings is inhibition of coagu-
lation factors and accumulation of platelets. Heparin is the most commonly used 
bioactive coating on the market due to its clinically proven benefits in several medi-
cal device applications. Examples of products engineered with heparin coatings are 
Cortiva (Medtronic), Hepaface (Sorin), and Rheoparin (Xenios) [10]. Despite the 
presence of bioactive coated ECMO circuits on the market, there have been continu-
ous efforts focused on the improvement of the performance of heparin-based coat-
ings as well as development of new coating materials. The major issues of the 
commercially available heparin coatings are the loss of antithrombin binding effect 
and leaching of heparin from the surface [13, 26]. To overcome these issues, the 
strategies of immobilization of heparin on long chain dialkyl groups via ionic inter-
actions, and heparin coupled polyethylene glycol (PEG) have been developed [26, 
28–32]. These coatings exhibited improved anti-thrombogenicity and long-term 
durability without diminishing gas exchange capacity. In vivo, endothelial cells can 
inhibit platelet activation via multiple pathways and release of nitric oxide (NO) 
[33]. Therefore, NO-releasing polymer surfaces have been developed and shown 
ability to prevent platelet activation and thrombus formation in in vivo studies with 
healthy animal models [34–37]. However, only a finite amount of NO can be 
released from these surfaces, which limits the duration of activity, thus further 
advancements are needed for the clinical translation of this approach.

16.5.2  Biopassive Coatings

Inspired by the cell membrane, biopassive coatings aim to inhibit the attachment of 
proteins on membrane surface by minimizing the interaction between the blood and 
the foreign surface [10]. The potential of zwitterionic polymers has been recognized 
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and applied on the surfaces of membranes to improve the anti-fouling properties. 
Zwitterionic polymers possess an equal number of both negatively and positively 
charged groups which allow them to maintain overall electrical neutrality. The anti- 
fouling properties associated with zwitterionic polymers is attributed to the forma-
tion of a hydration layer on the surface of the biomaterial, forming a physical and 
energetic barrier that hinders unspecific protein adhesion. 2-ethacryloyloxyethyl 
phosphorylcholine (MPC), sulfobetamine (SB), and carboxybetamine (CB)-based 
polymers are the most commonly used zwitterionic polymers to develop novel coat-
ings [10]. MPC [35, 38–40], SB [41], CB [42], or their block-copolymer have been 
grafted or coated on ECMO membrane surfaces to improve the hemocompatibility 
and antifouling properties (Fig. 16.1) of the membranes. Although there have been 
promising early in  vitro studies with zwitterionic polymers, it has not yet been 
tested in larger trials. Besides zwitterionic polymers, PEG is the most commonly 
used non-ionic polymer to create biopassive surfaces. Presence of PEG coating 
increased the hydrophilicity of the membrane surface thereby decreasing the sus-
ceptibility of the membrane fouling [5, 10, 13, 32].

16.6  Endothelialization of ECMO Membrane: 
Biohybrid Approach

One emerging approach is the use of endothelialization of the membrane surface 
(biohybrid) which aims to recapitulate the in vivo function of vascular endothelial 
cells (ECs) to yield a biocompatible and bioresponsive surface, dynamically inhibit-
ing platelet deposition and activation. ECs sit as a non-thrombogenic monolayer in 
the endothelium, with their anticoagulation and anti-proliferation features in vivo 
[11]. Experimental work for endothelialization of ECMO membranes has been con-
ducted both as in vitro pre-endothelialization and in vivo endothelial progenitor cell 
(EPC)-based endothelialization.

In vitro pre-endothelialization has been mostly based on autologous ECs seeded 
on surfaces in contact with blood. This has been particularly explored for coating of 
stents to prevent restenosis and thrombus formation [43]. To increase the efficiency 
of endothelialization, the hydrophilicity of the biomaterial needs to be enhanced. 
Several groups have designed coatings to promote EC adhesion and growth in vitro. 
Some of the earliest attempts were based on dip coating of extracellular matrix 
(ECM) proteins such as collagen, gelatin, Arginylglycylaspartic acid (RGD) peptide 
sequence of fibronectin [44–46]. However, some of these proteins are thrombo-
genic, and thus blood clotting can occur in case of premature EC layer formation or 
loss of EC layer under blood flow. Therefore, it is crucial to monitor cell growth and 
validate the stability of the endothelial monolayer under flow conditions over time 
(Fig. 16.2).

Recently, researchers introduced the idea of deposition of titanium dioxide 
(TiO2) coating on membrane surfaces by pulsed vacuum cathodic arc plasma which 

16 Current and Future Engineering Strategies for ECMO Therapy



320

Fig. 16.1 Scanning electron micrographs of membranes after citrated ovine blood contact for 3 h 
for (a) aminated polypropylene control (Celg-A) and (b) heparin-modified (Celg-Hep), (c) mPC- 
modified (Celg-mPC), and (d) SBMAb block copolymer-modified (Celg-SBMAb) hollow fibers 
(left, middle columns). Binding fibers are seen in the right column. (Reprinted with permission 
from Ref. [39]. Copyright 2014 American Chemical Society)

enables the formation of stable, confluent EC monolayer [47]. However, this pro-
cess is relatively costly in comparison to other coatings.

Major drawbacks of in vitro endothelialization approaches are that these require 
long culture times established only in select institutions and unavailable for acute 
demand [48]. An alternative approach is based on circulating EPC-based 
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Fig. 16.2 An in vitro endothelialized microfluidic approach with high gas exchange efficiency and 
compatibility. (a) An image of the whole setup and (b) the corresponding scheme describing each 
element. (c) An image of the single trilayer unit oxygenator recorded during the oxygenation/
decarbonation experiment. (d) An image of the microfluidic flow control system (MFCS™, 
Fluigent) installed inside the incubator during the experiment for endothelialization. Optical 
images recorded during endothelialization in the branching injection parts of one single-layer 
device at different times after (e) one day and (f) 12 days. (Reproduced from Ref. [51] with permis-
sion from the Royal Society of Chemistry)

endothelialization of the membranes. EPCs are mononuclear cells located in the 
bone marrow with low numbers circulating in the peripheral blood. They can dif-
ferentiate into mature ECs and play a pivotal role in vascular repair and reendothe-
lialization [49]. For EPCs to adhere and differentiate into ECs on artificial surfaces, 
materials should be engineered with regard to their surface characteristics and 
charge. Specifically, these materials are often surface modified with EPC-homing 
and differentiation factors by immobilization of cell-specific antibodies, proteins, or 
peptide sequences as well as micro- or nano-patterning. Although this technology 
seems promising and emerging, endothelial cell proliferation in  vivo is low and 
further studies are needed to evaluate its feasibility in clinical translation [43].

16.7  Miniaturization of ECMO Circuit

Despite the emerging novel biomaterials and surface coatings, there has been limited 
progress in the designing of alternative membrane oxygenators. Microfluidic 
approaches have emerged as an alternative technology to generate membrane 
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oxygenators [50]. Microfluidic oxygenators possess major potential benefits over 
conventional hollow fiber oxygenators. They can offer uniform, non-turbulent, low- 
shear blood flow. This is achieved by the introduction of a branching microchannel 
network concept to recapitulate the blood flow in the microcirculation [50–53]. The 
branching network helps to eliminate the non-physiological forces that damage 
blood cells, platelets and eventually the activation of coagulation and inflammatory 
responses. Thus, the risk of thrombus formation, thromboemboli, and the need for 
systemic anticoagulation could be reduced. Another major advantage of microfluidic 
designs includes the ability to significantly improve gas exchange capacity. 
Microfluidic membrane oxygenators realize high gas exchange capacity due to sepa-
ration of microchannels with thin silicone membranes (10 microns) and fabrication 
of circular flow patterns [54, 55]. Moreover, superior gas transfer efficiency can be 
achieved by using a much smaller surface area and priming volume compared to 
standard membrane oxygenators. Additionally, the reduction of blood contact with 
foreign surfaces in microfluidic designs can offer improved hemocompatibility.

Despite the potential of microfluidic oxygenators demonstrated in in vitro and 
in vivo studies in animal models, clinical translation of microfluidic technologies 
remains a challenge. None of the membrane oxygenator prototypes are yet able to 
accommodate large blood flow that could support a human adult [50]. This is due to 
the difficulties in upscaling of these devices and the cost of manufacturing.

16.8  Conclusion

ECMO is a lifesaving therapy for patients with lung or cardiac failure as well as for 
chronically ill patients awaiting a lung transplant, replacing the lung function out-
side of the body. While lifesaving, ECMO has 50% mortality due to blood incom-
patibility of current ECMO circuits. However, improvements in material and 
membrane technologies have made the ECMO circuit and components more com-
pact and compatible, allowing its use across a wide variety of patients from neo-
nates to adults.

The hemocompatibility of membrane materials determines the lifetime of the 
membrane oxygenator. Membrane fouling and eventually the drop in gas exchange 
capacity leads to frequent replacement of the oxygenator, resulting in high treat-
ment cost and operational difficulties. Importantly, changing the oxygenator during 
ECMO treatment puts the patients’ life at a high risk. Several surface modification 
strategies have been applied to improve the oxygenator performance. Although 
there are several manufacturers that produce ECMO oxygenators with coatings, 
they can still not address the clinical needs fully. Thus, recent scientific efforts have 
been heavily focused on modification of membrane materials for long-term opera-
tion. The concept of endothelialization of membrane surfaces has emerged as a 
biohybrid approach. The goal of endothelization is to mimic the natural biorespon-
sive endothelium. Healthy vascular endothelium is covered with a monolayer of 
ECs, which provides the natural antithrombotic property to blood vessels. Several 
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coatings have been designed and tested for ECs attachment. However, there is an 
urgent need of coatings that support rapid endothelialization ex vivo or in vivo to 
meet the acute clinical demand. Also, the stability of EC monolayer under flow 
conditions should be optimized.

Recent advances in advanced manufacturing and fabrication techniques have 
already demonstrated their potential to generate microfluidic oxygenators. In prin-
ciple, microfluidic oxygenators can address many of the limitations of conventional 
ECMO oxygenators since they are designed to mimic the flow properties of vascular 
microcirculation. Currently, the microfluidic oxygenator technology is limited to 
small scale prototypes due to limitations in manufacturing, scalability as well as 
cost effectiveness. This approach has demonstrated promising results in vitro, how-
ever, testing in large animal models in parallel to their scaling up process will be 
critical prior to their translation to the clinic.

One major area which is under-researched so far is the testing of ECMO circuits 
with diseased conditions both in vitro and in vivo. The clinically used ECMO mem-
branes are made with a “one-size-fits-all-mentality” for all diseases. Furthermore, 
they have been optimized and mainly tested using healthy blood samples and in 
healthy animals. However, emerging evidence suggests that different diseases have 
markedly different inflammatory properties and thrombus potential. This clearly 
indicates the urgent need of new membrane coatings that are designed by consider-
ing the disease and patient specific needs.

To improve the clinical outcomes of ECMO, further developments will require 
interdisciplinary work between different scientific fields, clinical experts, and indus-
try. However, it is already clear that advances in material sciences and manufactur-
ing approaches are poised to play a critical role in the creation of safe and efficient 
ECMO circuits that will meet both patient and clinical needs and might also expe-
dite the development of portable artificial lung devices.
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