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Abstract This chapter focuses on the mechanosensitive properties of epithelial tis-
sues. Epithelia experience a range of mechanical forces arising both intrinsically
from their constituent cells and extrinsically from forces such as touch or alveolar
inflation. We discuss how cell-cell junctions, such as adherens junctions and tight
junctions, play key roles in the mechanobiology of epithelial tissues. At these sites,
forces are generated through contraction of the actomyosin cytoskeleton and trans-
mitted between neighbouring cells and across tissues by adhesion systems within
the junctions. We also consider other potential cellular mechanisms that can allow
epithelia to respond to mechanical stresses: mechanosensitive ion channels which
are implicated in homeostatic control of cell density via modulation of cell prolif-
eration and live-cell extrusion and caveolae, membrane invaginations that can buffer
epithelia in response to change in membrane tension.
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Introduction

Mechanical forces are fundamental determinants of tissue integrity, morphogenesis
and homeostasis in epithelia and endothelia. Here, we focus on epithelia because, as
principal tissue barriers of the body, epithelia experience a diverse range of mechan-
ical stresses that derive both from their constituent cells and from extrinsic forces.
Epithelia are capable of detecting such changes in force and can respond in ways
that can preserve tissue integrity and homeostasis. Cell-cell junctions play central
roles in the mechanobiology of epithelia. They can be sites where active cellular
forces are generated by the contractile actomyosin cytoskeleton. The cell-cell adhe-
sion molecules in junctions can serve to transmit forces from cells to cells and/or
integrate the transmission of force at the tissue level. As well, epithelial cell-cell
junctions possess mechanosensing and signal transduction mechanisms that allow
them to detect changes in mechanical force and elicit homeostatic responses. In this
chapter, we discuss both well-defined and emerging topics relating to the mecha-
nisms that allow epithelia to use mechanical force as a currency of biological
information.

Tissue Forces in Epithelia

Tissues are subjected to constant mechanical forces which have diverse impacts on
their integrity and function. These forces can be either compressive or tensile, which
we define as forces that may result in tissue compaction or fracture, respectively [1].

Compressive Forces. These are most obviously a consequence of extrinsic physi-
cal stimuli, such as the pressure applied to the skin from touch. Although compres-
sive forces are less studied compared to their tensile counterpart, they play important
roles in directing, regulating and maintaining various processes during development
and adult homeostasis. For example, compressive forces generated by morphoge-
netic events at the onset of gastrulation in the Drosophila melanogaster embryo
influence the expression of Twist, a key regulator of epithelial-to-mesenchymal
transitions (EMT) during gastrulation. Here, 10% of uniaxial lateral compression
was reported to induce ectopic expression of Twist around the entire dorsal-ventral
axis of Drosophila melanogaster, resulting in ventralisation of the embryo [2].
Furthermore, mechanical compression forces exerted in early Xenopus laevis
embryos provoke phosphorylation of components of focal adhesions and tight junc-
tions, resulting in tissue strengthening [3]. Additionally, compressive forces increase
the abundance of mesenchymal-to-epithelial transition (MET) proteins, while sup-
pressing proteins involved in EMT, resulting in MET-like phenotype [3].

Apart from externally applied stimuli, compressive forces may arise from over-
crowding of epithelial tissues due to cell proliferation [4, 5]. This tissue-intrinsic
compression provides information to maintain cell density through several mecha-
nisms. For example, overcrowding can halt cell cycle progression at the G1-S
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checkpoint [6], though this does not, by itself, correct the elevated cell density.
Instead, such compressive forces initiate the process of live-cell extrusion, where
surplus cells are physically expelled from the epithelium to moderate cell den-
sity [4].

Compressive forces exerted on epithelia can also be a consequence of tensile
forces, often occurring tangential to the plane of tension [7]. To simulate the mor-
phological heterogeneity of epithelial tissue in vivo, Gjorevski and Nelson [7] engi-
neered epithelial tissues with various geometric features. They found that with
curved, duct-like geometries, regions of compression occurred both tangentially to
tensile forces and within the concave regions where the opposing convex region was
under tension. Interestingly, these negative forces appeared to be passive and depen-
dent on active generation of cellular tension, as regions of compression did not show
elevated cell proliferation, and blocking myosin activity curtailed both tensile and
compressive forces within the tissue.

Tensile Forces. These forces have been far more extensively studied compared to
compressive forces. Though tensile forces are often considered as extrinsic to tis-
sues, such as pulmonary inflation or physiologic gastric distension, intrinsic tensile
forces are also significant and contribute to homeostasis. These intrinsic forces arise
from the contraction of the actomyosin cytoskeleton. In the case of epithelial and
endothelial cells, force generation by actomyosin contraction requires a physical
connection between the contractile machinery and the cell-cell junctions. This
enables transmission of tension between adjacent cells and thus facilitates propaga-
tion of the mechanical signal across epithelial tissues. Components of both adherens
and tight junction complexes have been shown to experience and respond to changes
in cortex-derived tension. Key examples of such proteins include adherens junction
(AJ)-based a-catenin and tight junction (TJ)-based ZO-1, both of which were shown
to sense increased tension and undergo a conformational change in response to cor-
tical tension [8—14]. Detailed mechanisms of force-sensing across junctions will be
discussed later.

A number of studies have revealed the importance of intrinsic forces in the main-
tenance of epithelial homeostasis and tissue development. For example, Acharya
etal. [15] demonstrated that the formin mammalian diaphanous 1 (mDial) is crucial
for contractility at the zonula adherens and stability of tight junctions in epithelial
monolayers. Interestingly, as monolayers depleted of mDial exhibited increased
transepithelial permeability, mDial-dependent intrinsic tension appeared to be
essential for the maintenance of epithelial barrier function. Further, mechanical ten-
sion may balance cell proliferation patterns, leading to uniform levels of local cell
division, despite inhomogeneous distribution of growth factors across the develop-
ing tissues. Using a developing Drosophila melanogaster wing as a model for a
homogenously growing tissue, Pan et al. [16] demonstrated that local hyperprolif-
eration is accompanied by reduction in junctional tension. This results in increased
activity of the Hippo signalling pathway and downregulation of the growth-
promoting Yorkie, thus leading to a decrease in local growth rates. These observa-
tions, supported by computational simulations, suggested existence of a mechanical
feedback mechanism, where the gradual reduction in intrinsic tension increases
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Hippo pathway activity to mediate evenly distributed tissue growth [16]. Seminal
work by Dupont et al. [17] show that the localisation of the Yes-associated protein
(YAP) can be influenced by substrate stiffness. Further, as Irvine and Harvey [18]
have reviewed, mechanical signals emanating from cell-cell interactions can modu-
late the Hippo pathway to control organ growth.

Mechanical Forces as Cellular Information

Importantly, mechanical forces can be transmitted and detected by cells as a mode
of communication. This can potentially be elicited in response to both compressive
and tensile forces, although here we will focus on mechanotransduction of tensile
forces in epithelia. The cellular mechanisms that support communication by
mechanical forces involve mechanisms that transmit forces (within and between
cells) and mechanisms that sense changes in mechanical forces. Broadly, examples
of mechanosensors include proteins which undergo conformational changes in
response to tension, ion channels which can be forced open and plasma membrane
invaginations which unfold with increased tension. These mechanosensitive
responses may elicit recruitment of effector proteins, induction of ion influx/efflux,
or induction of gene transcription/silencing due to translocation of proteins to the
nucleus. In this chapter, we will discuss a range of various mechanisms that enable
cells to respond to mechanical cues, focusing on both junction-based and membrane-
based mechanosensitivity, specifically with respect to epithelial tissues.

Mechanosensing at Cell-Cell Junctions

Epithelial cells are joined together by specialised cell-cell junctions: tight junctions
(TJs) found at the most apical region of the cell-cell interface; E-cadherin-based
AlJs, located under TJs; as well as more basally located desmosomes and gap junc-
tions. Cell-cell junctions are fundamental for the development and maintenance of
tissues and have a variety of functions. AJs initiate cell-cell contacts and are primary
sites of mechanical force sensing; TJs regulate transepithelial permeability; desmo-
somes provide epithelial tissues with mechanical resistance; and gap junctions per-
mit chemical communication between adjacent cells. Here, we will discuss selected
developments in the knowledge of mechanosensing at cell-cell junctions.

AJ-Based Mechanosensing

Als are characterised by their enrichment of classical cadherins, which can reach
concentrations of ~2000 molecules/pm? at these cell contacts [19]. Cadherins tra-
verse the plasma membranes (PM) of neighbouring cells, ligating in a homophilic
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fashion to bridge across the intercellular space (Fig. 1). Like other classical cadher-
ins, epithelial (E)-cadherin 1 (cadherin 1) comprises three distinct regions: an
N-terminal extracellular region, a single transmembrane region and a C-terminal
intracellular region. The extracellular region of E-cadherin facilitates the adhesion
of adjacent cells, a function reliant on its five extracellular cadherin domains
(EC1-5) interspaced by Ca?*-binding motifs. Here, the p-barrel structure of distal
EC1 domains from adjacent cells lies antiparallel, exchanging $-strands in trans for
the primary adhesion site in a Ca?*-dependent manner. Interestingly, the homophilic
nature of cadherin ectodomain subtypes can allow selective adhesion between cell
types providing a powerful, though not ubiquitous, means of directing morphogen-
esis [20, 21]. However, such cell sorting can also occur in cell populations express-
ing quantitative differences of the same cadherin [22]. It has been suggested that the
loss of E-cadherin increases the metastatic potential of tumourigenic cells [23, 24]
as loss of E-cadherin correlates with increased migration in vitro [25]. However, it
has recently become evident that the role of E-cadherin in cancer is much more
complicated than previously appreciated. For example, most patients with invasive
ductal carcinomas express E-cadherin in both the primary tumour and metastases.

Resting state Stressed state

Intracellular space Intracellular space

==gpessees - E-cadherin B - o-catenin (closed) ~ ew—=2® - NMIl
@ - B-catenin @9 - o-catenin (open) ~ —— -Actin
W= - Vinculin

Fig. 1 Adherens junctions (AJs). Schematic representations of the main components of the adhe-
rens junction. Cell adhesion is mediated by the EC1 domains of the E-cadherin extracellular
regions. Under normal physiological conditions (resting state), the mechanosensitive protein,
a-catenin, is in a closed conformation, with a weak affinity for F-actin. Under periods of high ten-
sion (>5 pN, stressed state), a-catenin unfolds to expose an F-actin-binding domain, greatly
increasing its affinity for F-actin, strengthening the cell’s cortex. Additionally, the unfolding of
a-catenin exposes a vinculin-binding domain, providing further reinforcement to the cortex by
recruiting and binding vinculin
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Further, Padamanaban et al. [26] show that the loss of E-cadherin, while increasing
invasiveness, decreases metastatic potential, as well as cell proliferation and sur-
vival of circulating tumour cells.

AJ Mechanosensing Through a-Catenin and Vinculin. AJs are subjected to con-
stant mechanical stress from both extrinsic and intrinsic sources. Accordingly, AJs
have evolved to cope with, and become sensitive to, these stresses. As tensile forces
are generated within cells and tissues, E-cadherin molecules work as mechanotrans-
ducers to bear and transmit forces to the underlying molecular complex (Fig. 1). In
order to propagate tissue tension, E-cadherin adhesions need to be physically cou-
pled to the contractile actomyosin machinery of the cells. Indeed, the intracellular
region of E-cadherin binds p120-catenin and f-catenin, with -catenin associating
with the actin-binding protein (ABP) a-catenin, thus bridging the adhesive and
force-generating components of the AJs [27]. Importantly, the role of a-catenin is
not limited to constituting a passive link between E-cadherin and actin. Instead,
molecular properties of a-catenin are altered upon increased tension, making it an
active, key AJ-based mechanosensor.

The actin-binding and actin-bundling protein a-catenin contains two distinct
mechanosensitive domains for interacting with vinculin and F-actin (Fig. 1).
Application of mechanical tension to a-catenin can alter its conformation to expose
a cryptic vinculin-binding domain (VBD) and promote vinculin recruitment and
binding [8, 10, 11, 13, 14]. The association of vinculin with F-actin strengthens the
interactions between cadherin-catenin complexes and the cytoskeleton. During
homeostasis, intrinsic tissue tension due to actomyosin results in ~5 pN of force
across each E-cadherin molecule [1]; approximately the same level of force is
required to unfold o-catenin for recruitment and binding of vinculin [13].
Additionally, the actin-binding domain of a-catenin can also undergo a tension-
sensitive conformational change. Here, mechanically induced unfolding of the ol
helix of a-catenin enhances the binding affinity between a-catenin and F-actin
(Fig. 1). Under periods of high tension, the ratio of open to closed a-catenin mole-
cules is increased, providing significant reinforcement to the AJ, largely due to this
increased association with cortical F-actin. Of note, vinculin and F-actin are not the
only binding partners of a-catenin. Other partners include a-actinin [28, 29], afadin
[11], EPLIN [30] and ajuba [31, 32]; however their specific contributions to
a-catenin-based mechanosensitivity has yet to be well-defined.

In addition to a-catenin, vinculin is itself an important mechanosensitive protein.
Cytoplasmic, inactive vinculin exists in an autoinhibited conformation, with the tail
domain interacting with the head domain. Abl-dependent phosphorylation at the
Tyr822 residue and/or actomyosin contractility, combined with association with
a-catenin, leads to unfolding of vinculin [33, 34]. In this active, unfolded state,
vinculin strengthens the AJs by binding directly to both a-catenin and p-catenin via
the vinculin-head domain (Vh) [35, 36]. Furthermore, vinculin directly associates
with F-actin and the actin regulatory protein MENA, an interaction essential for
vinculin-dependent F-actin polymerisation in epithelial tissue under mechanical
stress [37]. Vinculin at AJs has been shown to potentiate the mechanosensing
response of the E-cadherin-catenin complex. le Duc et al. [38] showed that in
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vinculin KO cells, cell attachment to E-cadherin-coated coverslips was impaired
due to compromised cell spreading. This study also demonstrated that both mechan-
ical force-dependent cell stiffening and reinforcement of adherens junctions were
compromised in vinculin KO cells when compared to vinculin-positive cells.
Furthermore, vinculin KO cells display perturbed HGF-mediated recruitment of
phosphorylated myosin light chain II (pMLCII), suggesting vinculin may play an
important role in the recruitment of NMII to AJs following mechanical force [38].

AJ Mechanosensing Through Myosin VI. Recently, the F-actin-binding motor
protein Myosin VI was identified as another mechanosensitive protein associated
with AJs [39]. Intriguingly, the function of Myosin VI is dependent on the force it is
experiencing. Under loads of ~ <2 pN, Myosin VI behaves as a typical motor pro-
tein, but under loads exceeding ~2.5 pN, Myosin VI briefly reverses direction along
the actin filament and behaves as an anchor [40]. Under mechanical stress in epithe-
lial monolayers, the association between E-cadherin and Myosin VI is rapidly
increased [41]. Next, the heterotrimeric Ga12 protein is recruited to the E-cadherin-
Myosin VI complex where it activates pl14 RhoGEF to enhance RhoA activation,
thus reinforcing the cell-cell contact through increasing the pool of cortical acto-
myosin. However, signalling through Myosin VI also increases epithelial integrity
and protects against rupture by increasing the tensile strength of junctions: this is
achieved via mDial-dependent stabilisation of E-cadherin at multicellular verti-
ces [41].

TJ-Based Mechanosensing

While much work has focused on how adherens junctions (AJs) can influence tissue
mechanics and mediate mechanotransduction, recent studies have revealed that
tight junctions (TJs) can also represent parallel sites of mechanotransduction at cell
junctions. TJs are canonically responsible for establishment of a paracellular semi-
permeable diffusion barrier that limits free passage of ions and solutes through epi-
thelial and endothelial layers [42, 43]. Tight junctions are composed of at least 40
different proteins, including (1) transmembrane proteins (e.g. claudins, occludin
and JAM-A), (2) cytoplasmic proteins (e.g. ZO, cingulin) and (3) cytoskeletal fila-
ments (actin, myosin, microtubules) [44] (Fig. 2a).

TJs Regulate Actomyosin Cytoskeleton. Even though TJs and AJs are present in
both epithelial and endothelial cells, epithelial junctions are well-defined — TJs are
located more apically than AJs. However, in less polarised endothelial cells, AJs and
TJs are intermingled, and their spatial separation is less obvious [45, 46]. This dif-
ferent junctional organisation between the cell types may reflect different interplay
between tight and adherens junctions. Indeed, downregulation of ZO-1 in epithelial
cells results in increased tension on AJs [47-50], suggesting that ZO-1 exerts an
inhibitory effect on junctional tension. By contrast, ZO-1 depletion in endothelial
cells leads to decreased tension on VE-cadherin [51]. Despite this discrepancy,
Z0O-1 does not affect cadherin localisation/expression in either epithelial or
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Fig. 2 Tight junctions (TJs). (A) Schematic representation of the basic components of tight junc-
tions. Extracellular part of the TJ transmembrane proteins (occludin, claudins and JAMs) interact
at cell-cell contacts existing between the plasma membranes of two neighbouring cells. Cytoplasmic
tails of the transmembrane components of TJs connect to actin filaments via scaffolding proteins
(ZO proteins, cingulin and afadin). (B) Schematic representation of ZO-1 structure and its interact-
ing partners. (C) ZO-1 conformational change: in the absence of binding partners and/or under low
tension, ZO-1 exists in an autoinhibited conformation, preventing its interaction with occludin;
upon interaction with a binding partner and/or under high tension, ZO-1 transits to a stretched
(active) conformation permitting interactions with occludin and actin

endothelial cells, indicating that changes in tension on cadherins originate from
changes in the actomyosin network. Indeed, components of TJs, including ZO pro-
teins, regulate cells’ contractile cytoskeleton in various ways. ZO proteins may
influence cell contractility by their interactions with actomyosin-associated pro-
teins — a-catenin [52, 53], vinculin [54], shroom?2 [55] or cortactin [56]. Furthermore,
TJ components regulate multiple aspects of actomyosin by interacting with Rho
family GTPases, thus carrying the capacity to support the activation or inactivation
of major regulators of actomyosin — primarily RhoA, Racl and Cdc42. Among oth-
ers, ZO-1 interacts with PDZ-RhoGEF [57] and Cdc42 GEF Tuba [58], and cingu-
lin binds p114RhoGEF, GEF-H1 as well as MgcRacGAP [59-61]. Taken together,
one way that TJs may influence cell mechanotransduction is by regulating actomyo-
sin contractility, thus modulating AJs and E-cadherin-based mechanotransduction.
Evidence of Mechanotransduction on TJs. As discussed above, for the transduc-
tion of mechanical force between cells to mediate cell-cell communication, there
must be adhesive junctional proteins which can transmit forces to mechanosensitive
proteins. Further, propagation of the intrinsic forces across a tissue requires cou-
pling of junctional mechanotransmitters to the cell contractile cytoskeleton [62, 63].
There are many potential ways for molecular elements of TJs to connect to the
contractile apparatus of cells. The N-termini of ZO proteins interact with claudins,
occludin and JAM-A, whereas the C-terminal region of ZO-1 and ZO-2 contains an
actin-binding region (ABR) [64—66]; afadin links JAM-A and nectins to the actin
cytoskeleton [67, 68], and the globular head domain of cingulin binds to ZO-1 and
actin, while its coiled-coil region binds to myosin [69, 70] (Fig. 2a). Of note, among
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the transmembrane TJ proteins, JAM-A has emerged as a potential mechanotrans-
ducer. Using a magnetic tweezers approach, Scott et al. showed that, in single epi-
thelial and endothelial cells, tension imposed on non-junctional JAM-A activates
RhoA via GEF-HI and p115 RhoGEF to increase cell stiffness [71]. There is no
evidence, however, that JAM-A works as a mechanotransducer in confluent,
junction-forming monolayers. Instead, the search for TJ-based proteins that may
participate in mechanotransduction has focused on ZO-1 as a force-bearing protein
[9] whose molecular properties may be altered upon increased tension.

ZO-1 as a Mechanosensor. The molecular structure of ZO-1 consists of an
N-terminal region containing three PSD-95/DLG/Z0O-1 (PDZ) domains (PDZ1-3)
that can bind to claudins (PDZ1), ZO-2 or ZO-3 (PDZ2) and JAM (PDZ3). These
are followed by Src homology-3 (SH3), unique-5 (U5), occludin-binding guanylate
kinase (GUK) and unique-6 (U6) domains. The C-terminal region of ZO-1 consists
of actin-binding region (ABR) and ZU5 domain [12, 66, 72] (Fig. 2b). Importantly,
Spadaro et al. have recently demonstrated that ZO-1 can exist in either an autoinhib-
ited (folded) or stretched (unfolded) conformation [12]. ZO-1 assumes a folded
conformation as a result of intramolecular interactions between the C-terminal ZUS
domain and ZO-1 central region (from PDZ3 to GUK domain). Unfolding of ZO-1
has been attributed to tension generated by actomyosin contractility, as magnetic
tweezers experiments showed that physiological pN-scale tension is sufficient to
unfold ZO-1 and maintain the ‘active’ stretched conformation. However, the
stretched conformation can also be maintained by heterodimerisation with ZO-2:
folding of ZO-1 could only be achieved when inhibition of the contractile network
is combined with depletion of ZO-2 [12] (Fig. 2¢).

Importantly, this tension-induced change in ZO-1 conformation can affect its
intermolecular interactions. The folded, autoinhibited conformation of ZO-1 pre-
vents the GUK domain from binding and recruiting occludin to TJs. It also blocks
association of the central domain of ZO-1 with the transcription factor DbpA
(Fig. 2¢). Thus, tension-induced unfolding of ZO-1 may modulate its molecular
interactions and downstream signalling [12]. It remains to be established whether
Z0-1 conformational change influences its interactions with other binding partners
including a-catenin, afadin and vinculin.

Recent evidence suggests that ZO-1 and many other TJ cytosolic and membrane
proteins undergo cytosolic phase separation prior to arrival at the junctional mem-
brane [73, 74]. During early zebrafish development, components of TJs accumulate
at the boundary between the yolk syncytial layer (YSL) and the enveloping cell
layer (EVL). Interestingly, accumulation of TJ proteins depends on the actomyosin
tension within the YSL. Here, cytoplasmic, phase-separated ZO-1 is transported
towards junctions by tension-dependent retrograde actomyosin flow, indicating
existence of yet another mechanosensitive TJ-based event. Stinkingly, non-
junctional ZO-1 must be unfolded and undergo multimerisation to allow phase
separation to drive formation of TJ junctions. However, the ABR domain is not
required for phase separation, suggesting that cytosolic unfolding of ZO-1 is not
induced by tension, but rather by association of another molecule. As a conse-
quence, conformational changes of cytosolic ZO-1 may not be powered by the
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actomyosin-generated tension, as phase-separated ZO-1 seems to arrive at the junc-
tion in already opened ‘active’ conformation. Nevertheless, while the ABR domain
of ZO-1 may be dispensable for ZO-1 phase separation, it is essential to efficiently
integrate ZO-1 into junctions and confer mechanosensitivity upon TJs [74]. What
then can facilitate cytoplasmic unfolding of ZO-1? Among many TJ proteins, the
Z0-1 binding partner, cingulin, may be present in the highly concentrated phase-
separated compartments. Cingulin supports efficient accumulation of ZO-1 at TJs,
and its interaction with ZO-1’s ZUS domain may be sufficient to unfold ZO-1.
Recent work suggests that ZO-1 exists in a ‘double-folded’ conformation with its
ZUS domain interacting with the central region of ZO-1 (as described above), as
well as with the ABR domain. Binding of ZUS5 to the ABR domain is predicted to
prevent ZO-1 from forming efficient interactions with F-actin. Binding of cingulin
to ZUS promotes ZO-1 unfolding and may disrupt the interactions between ABR
and ZUS, therefore allowing actin binding [75].

Overall, ZO-1 emerges as a possible novel TJ-based mechanosensor; however,
further studies will be needed to fully understand the interplay between tension and
Z0O-1 binding partners in regard to regulation of ZO-1 conformation changes and
physiological consequences of these events.

Plasma Membrane-Based Mechanosensing

While we have focused on understanding how cell-cell junctions participate in epi-
thelial mechanobiology, it is important to note that these are not the only compo-
nents of epithelial cells that display mechanosensitivity. In particular, the plasma
membrane (PM) forms the physical boundaries of cells and, thus, is in constant
contact with both the external and internal cell environments. As such, the PM con-
stitutes a crucial interface that mediates responses to mechanical stimuli such as
external touch, changes in cell curvature or internal osmotic pressure. Here, we will
focus on two well-characterised examples of PM-based force-sensing, mechanosen-
sitive ion channels and caveolae membrane invaginations, that have recently begun
to be linked to cell-cell interactions.

Piezol. Unlike other ion channels, which are typically activated/inactivated by
interactions with specific ligands or voltage gating, mechanosensitive (MS) ion
channels are opened in response to the application of mechanical forces (Fig. 3).
MS ion channels are key sensors of mechanical stimuli across a diverse range of
living organisms [76] and are some of the fastest signal transducers in cells, translat-
ing mechanical information into intracellular signals in the order of milliseconds
[77, 78]. Two prevailing mechanisms for such mechanical gating exist. Firstly, the
‘force-from-lipids’ model, where MS ion channels are opened (activated) by forces
from the plasma membrane [79-83] (Fig. 3). Such forces can occur from extrinsic
means, such as touch or intrinsically such as osmotic pressure or changes in bilayer
curvature induced by factors like local lipid composition [84] or expression of
curvature-generating molecules, such as BAR-domain proteins [85]. Secondly, the
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Fig. 3 Mechanosensitive (MS) ion channels. Piezol is the most characterised of the MS ion chan-
nels. MS ion channels are opened solely by means of mechanical force, rather than by ligand bind-
ing or voltage gating. The activation (opening) of MS ion channels occurs via force-from-filaments
(left) and force-from-lipids (right). The former occurs by filament-mediated pulling forces from the
extracellular matrix and/or the cytoplasm. The latter occurs during PM deformation, such as occurs
through touch, osmotic pressure or curvature via BAR-domain proteins. Opening of Piezol chan-
nels allows influx/efflux of ions for modulation of processes such as live-cell extrusion and cell
proliferation

‘force-from-filaments” model (also called the tethered model) posits that MS ion
channels can be activated by pulling forces from extracellular and cytoskeletal fila-
ments attached to the channel [86-88].

Here we focus on the MS ion channel Piezol, which influences a range of epithe-
lial tissue phenomena, such as extrusion and control of population dynamics, that
also involve cell-cell junctions. Moreover, Wang et al. [89] reported that Piezol can
be coupled to E-cadherin, tethering the channels to the actin cytoskeleton via the
cadherin-catenin complex, while others have demonstrated that Piezo channels help
regulate RhoA signalling and the actin cytoskeleton and that activation of Piezol is
dependent on integrin-related signalling [90-92]. It should be noted that, although
Piezol channel is the best characterised example of a MS ion channel, there are
other mammalian representants of this group, such as the Piezo isoform, Piezo2 as
well as the TREK family of neuronal potassium channels, TREK-1, TREK-2 and
TRAAK [93].

Piezo channels are expressed as two isoforms in mammals (Piezol and Piezo2),
with both being highly expressed in organs where mechanosensation is functionally
significant, such as the bladder, colon, kidney, lung, skin and dorsal root ganglia
(Piezo2 only) [94]. Piezo channels are the principal means of sensing mechanical
stimuli such as touch [94] and vascular blood flow [95]. The Piezol channel is a
unique protein and does not bear a structural homology to any other channel [96].
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Piezol1 has a trimeric, three-bladed propeller shape, which can adopt several confor-
mations, and houses a kinked helical beam and an anchor domain. Each of the three
blades contains nine repeat regions, each of which comprises four transmembrane
domains, collectively passing the plasma membrane 108 times [97, 98]. This struc-
ture was shown to be fundamental in the mechanogating of the Piezol channel [99].
Molecular dynamics simulations suggest that increased membrane tension results in
flattening and in-plane expansion of the blades, resulting in tilting of helices 37 and
38, which are then pulled away from the channel pore, leading to opening of the
Piezol channel [100].

Piezo channels have been implicated in a number of physiological processes that
also involve cell-cell interactions. Piezol is a fundamental ion channel required for
live-cell extrusion [4], a process vital for homeostatic control of cell density in epi-
thelia. As noted earlier, a pivotal study by Eisenhoffer et al. [4] demonstrated that
live-cell extrusion is triggered by compressive forces due to cell overcrowding. By
growing cells to confluence on a silicone membrane stretched to 28% of its original
length and then allowing the substrate to recoil, cell density was increased by ~30%,
generating compressive forces across the tissue. However, within 6 h the cell den-
sity was reduced to homeostatic levels, indicating that cells had been eliminated
from the monolayer. Indeed, it was apparent that the tissue was extruding living
cells. This live-cell extrusion was mediated by Piezol, as either inhibition of the
channel with gadolinium (Gd*") or morpholino-mediated knockdown of Piezol in
zebrafish embryos limited live-cell extrusion and resulted in cell mass formation in
the epithelial tissue at sites of high strain.

Further, the Piezol channel may promote cell proliferation when cell density is
too low and cells are under positive tension [94, 101, 102]. By growing cells to
confluence on a flexible substrate and applying a ~ 1.4-fold stretch, Gudipaty et al.
[102] demonstrated that the rate of mitosis was increased by approximately fivefold
within just 1 h. Under these conditions, treatment with Gd** or siRNA knockdown
of Piezol efficiently inhibited stretch-induced proliferation, demonstrating that
Piezol was at the apex of this phenomenon. These results were also confirmed
in vivo in the zebrafish epidermis where both CRISPR-based mosaic knockout and
morpholino-mediated knockdown of Piezol significantly decreased the number of
mitotic cells. Ultimately, the activation of Piezol engages intracellular Ca’* signal-
ling to activate the ERK1/2-MEK1/2 pathway and promote the transcription of
cyclin B for increased mitosis.

How tensile or compressive forces can elicit either live-cell extrusion or promote
cell proliferation through the same Piezo1 channel is a significant question. Gudipaty
et al. [102] suggested that the subcellular localisation of Piezol may be responsible.
At subconfluency, Piezol is mainly confined to the nuclear envelope; as confluency
is reached but cell density is still low, Piezol localises to the endoplasmic reticulum
and PM. As cell density continues to increase post-confluency, Piezol begins to
form large cytoplasmic aggregates. These changes in the subcellular localisation
may reflect the adaptive mechanosensitivity of Piezol, where its presence at the PM
is optimal to sense tensile forces and its presence within the cytoplasm is optimal to
sense compressive forces.
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Caveolae-Based Mechanosensing. Caveolae are 60-80-nm-wide Q-shaped
invaginations of the PM [103, 104] (Fig. 4). They are enriched in cholesterol and
sphingolipids, forming specialised lipid rafts that are implicated in numerous bio-
logical functions, such as endocytosis, lipid metabolism and mechanosensing.
Caveolae may encompass up to 50% of the total PM surface area in cells such as
myocytes [105] and their formation and stability largely dependent on two protein
families, the caveolins (Cavs) and the cavins.

Caveolae have several characteristics which suit them well for mechanosensing.
Their bulb-like morphology constitutes a membrane reservoir which is sensitive to
mechanical stimuli and can be flattened by membrane stretch (Fig. 4); they are par-
ticularly abundant in tissues which experience significant mechanical forces; they
are directly linked to the actin cytoskeleton and are distributed at sites of cell contact
[106-109]. Indeed, caveolae have been observed to concentrate at adherens junc-
tions [110]. The mechanical tolerance of the lipid bilayer has been measured at
4-6% areal strain before rupture [111]; thus, the ability of caveolae to passively
modulate tension likely provides a significant advantage to cells and tissues affected
by intrinsic or extrinsic mechanical forces. In complex living systems, cells must
tolerate a range of potentially damaging mechanical stimuli, such as alveolar infla-
tion, muscle stretching, vascular shear stress and volume expansion.

In practice, the ability of caveolae to flatten under mechanical tension has been
demonstrated in both isolated cells and multicellular tissues. For example, caveolae
were shown to flatten in individual HeLLa and mouse lung endothelial cells (MLECs)
in response to hypo-osmotic shock [112], as well as primary mouse cardiomyocytes
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Fig. 4 Caveolae as mechanosensors. Caveolae, small invaginations of the PM, are sensitive to
acute increases in membrane tension from both extrinsic and intrinsic stimuli. Under normal physi-
ologic conditions, caveolae exist as bulb-shaped pits, stabilised by a coat of caveolin and cavin
proteins (left). Under periods of high tension, caveolae flatten, providing a passive means of pro-
tection by releasing a membrane reservoir, thus rapidly increasing the surface area of the cell.
When caveolae flatten, cavin proteins are released into the cytosol, leaving the caveolins at the
PM. Caveolae flattening also alters the cellular lipid composition, enhancing signalling through the
RhoA-ROCK pathway for F-actin modulation and increasing MAPK activity
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[113]. This response by caveolae to increased membrane tension has also been dem-
onstrated in multicellular tissues both ex vivo and in vivo. A seminal paper by
Dulhunty and Franzini-Armstrong [114] showed that the abundance of caveolae on
the surface of frog skeletal muscle was greatly reduced following mechanical stretch
and elongation past this point resulted in rupture of the tissue. Soon after, caveolae
flattening in response to mechanical tension was demonstrated in the smooth mus-
cle [115].

More recent studies have demonstrated the mechanoprotective role of caveolae
in vivo. Cheng et al. [116] used dobutamine, a -1 adrenoreceptor agonist, to
increase heart contractility and cardiac output in mice. They observed caveolar dis-
assembly in both heart and lung tissues. Importantly, endothelial cells showed a
significant damage in Cav-1 KO mice, whereas no damage was observed in WT
control mice [116]. Others have shown that the notochord, which comprises cells
particularly abundant in caveolae, becomes unstable when caveolae are depleted by
cavin-1b KO [117, 118]. Here, the notochord of cavin-1b KO zebrafish shows a
significant cellular damage, cell necrosis and the appearance of lesions. Interestingly,
damage to the notochord was increased when mechanical stress was applied to the
notochord during swimming, further demonstrating the importance of caveolae as
mechanoprotective.

In some tissues the ability of caveolae to attenuate membrane tension is facili-
tated by the formation of multi-lobed, rosette-like caveolar superstructures [105].
These superstructures are composed of multiple caveolae which have fused due to
membrane curvature and tension [119, 120], are more sensitive to tension, disas-
semble more rapidly and release a far greater pool of PM upon flattening than indi-
vidual caveolae [105, 121]. This hypothesis is supported by computational modelling
and experimental data which demonstrate that caveolar rosette formation is pro-
moted by low tension [119]. Further, cells can actively respond to force by altering
the abundance or properties of caveolae. For example, caveola numbers are increased
by almost 50% in bovine aortic endothelial cells (BAECs) experiencing chronic
shear stress [122], highlighting the importance of caveolae in protecting tissues
from physical damage. Mechanical stress applied to vascular endothelial tissue,
such as is experienced during hypertension, dampens the eNOS-binding capacity of
Cav-1, promoting vasodilation to attenuate elevated shear stress [123]. It has also
been suggested that the mechanosensitive properties of caveolae regulate cell vol-
ume, as ectopic Cav-1 expression in cells lacking caveolae can promote caveolar
biogenesis, allowing cells to swell to a greater extent following hypo-osmotic expo-
sure [124].

Interestingly, caveolae flattening also alters the microenvironment of these struc-
tures beyond gross morphology. Under acute membrane tension, caveolae flattening
results in the dissociation of the cavin protein complex [112] and the EHD2 ATPase
[125] but not the caveolin proteins [112], from caveolae. This suggests that caveolae
may actively respond to mechanical stress using dissociated proteins as signalling
intermediates. Indeed, recent studies have demonstrated that release of EHD2 upon
caveolae flattening suppressed transcription of caveolins 1 and 2 and cavins 1 and 2,
which are required for caveolar biogenesis [126]. Furthermore, the
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mechanosensitivity of caveolae, specifically the Cav-1 and cavin-4 proteins, influ-
ences the activity of RhoA [127]. Caveolae flattening promotes the phosphorylation
of Cav-1 at tyrosine-14 (Y14) [128, 129]. pY 14 phosphorylation of Cav-1 can
enhance Cav-1-RhoA interaction to directly activate RhoA [127, 130] and nega-
tively regulate the Src-p190RhoGAP pathway [131], suggesting that mechanotrans-
duction via caveolae could influence RhoA for remodelling of the cytoskeleton.
Furthermore, low tension at the rear of migrating cells promotes caveolar formation,
activating RhoA-ROCK1-PKN?2 signalling via Ect2 [132]. This drives local F-actin
organisation and contractility, allowing the cell’s posterior region to complete the
migration cycle.

Caveolae flattening can also influence other aspects of membrane organisation
with consequences for mechanoregulatory mechanisms. Ariotti et al. [133] demon-
strate that perturbation of caveolar biogenesis by either Cav-1 or cavin-1 KD alters
the cellular lipid composition, particularly the distribution of phosphatidylserine at
the PM. This resulted in enhanced K-Ras expression and organisation and increased
MAPK activity. Interestingly, these phenomena were found to be due to the loss of
intact caveolae, as the acute dissociation of cavin-1 by hypo-osmotic shock mim-
icked these findings. Thus, this study implies that the mechanosensitive nature of
caveolae may allow cells to rapidly alter the lipid composition of the PM in response
to mechanical stress.

More recently, caveolae were found to modulate mechanical tension at the tissue
level. Teo et al. [110] demonstrated that caveolae modulate tissue tension within
epithelial monolayers. Here, caveolae were found to be at the apex of a novel signal-
ling pathway, where intact caveolae suppress the availability of
phosphatidylinositol-4,5-bisphosphate (PtdIns(4,5)P,) at the PM. By inhibiting
caveolar biogenesis, PtdIns(4,5)P, levels are enhanced, directly increasing cortical
recruitment of the formin-like protein, FMNL2. In turn, enhanced FMNL?2 increased
the pool and organisation of cortical F-actin, resulting in elevated tension within the
tissue. A significant ramification of this dysregulation was perturbation of onco-
genic cell extrusion, resulting in the formation of large cell masses when a minority
of oncogenic cells were incorporated into an otherwise healthy epithelial monolayer.

Intriguingly, recent studies show that the mechanosensitivity of caveolae and the
Hippo-YAP/TAZ signalling pathway influence each other. The Hippo pathway, a
major regulator or cell proliferation, migration and survival [134], is sensitive to
mechanical stimuli such as tension [135], cell density [136] and stiffness of the
extracellular matrix (ECM) [17], all of which affects the localisation and activity of
YAP/TAZ. In 2018, Moreno-Vincente et al. [137] revealed that the mechanorespon-
siveness of YAP to ECM stiffness was positively modulated by Cav-1, whose tran-
scription, as well as that of cavin-1, is also dependent on the presence of YAP/TAZ
[138]. Furthermore, caveolae are protective against mechanical stresses which arise
from haemodynamic force [116, 139], a process which activates YAP/TAZ signal-
ling [140, 141]. It has been suggested that interplay between caveolae and the Hippo
pathway has significance in the pathogenesis of diseases such as atherosclerosis and
vascular malformations, both of which result from dysfunctional endothelial shear
stress sensing [142].
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Conclusion

The past decade has witnessed exciting, rapid progress in understanding how cell-
cell junctions contribute to the mechanobiology of epithelia. We now appreciate that
epithelia are mechanically active tissues, which themselves generate forces and
respond to forces generated extrinsically, and such changes in force can indicate
events that challenge tissue integrity or homeostasis. In closing, we would identify
a number of directions that we think warrant attention in the future. First is integrat-
ing molecular mechanisms into systems. We have begun to identify the molecular
mechanisms that allow epithelia to detect changes in force and elicit compensatory
homeostatic responses. Many more molecular details will inevitably be revealed in
the next few years. As this molecular picture grows in richness and specificity, it
will be important to consider how they may be integrated by feedback into func-
tional networks rather than individual, linear pathways. For example, the contractile
protein non-muscle Myosin II, which is activated by RhoA signalling, can also par-
ticipate in mechanochemical feedback to support RhoA [143, 144]. Insights from
statistical physics and mathematical modelling provide valuable resources to tackle
such systems analysis. Second, can the homeostatic mechanisms of epithelial mech-
anotransduction be disrupted in disease? Clues include the observation that inflam-
matory cytokines such as TNF-a can increase mechanical tension at cell-cell
junctions, including TJ [145]. Also, depletion of caveolae, which has been impli-
cated in cancer, increases epithelial tension to compromise the elimination of trans-
formed cells [110]. Therefore, elucidating the mechanobiology of junctions may
provide many new insights into the biology and pathobiology of epithelia.
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