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•	 Spastic paresis due to neurologic injury results in both disruption of active force 
generation and increase in passive muscle forces that generate resistance to 
movement. However, the mechanisms of development of passive mechanical 
forces and their effect on active force generation are not well understood.

•	 This chapter considers the three-dimensional geometry of muscle, the structure 
and function of the extracellular matrix (ECM), and the role of intramuscular 
fluid in influencing the passive mechanical properties of the ECM via changes in 
intramuscular fluid volume, hyaluronan (HA) content, and ECM viscosity. These 
mechanisms form the basis of the hyaluronan hypothesis of muscle stiffness, 
where disruption of ECM homeostasis leads to the accumulation, biophysical 
alteration, and aggregation of HA in muscle.

…at each level of complexity entirely new properties appear, and the understanding of the 
new behaviors requires research which I think is as fundamental in its nature as any other.

– Philip W. Anderson, More is Different, Science, 1972.
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•	 Both muscle unloading, due to paresis and immobility, and muscle overloading 
due to spastic muscle overactivity and compensatory overuse of specific muscles 
can trigger the accumulation of HA, increased viscoelasticity of the ECM, and 
muscle stiffness.

•	 The HA-rich matrix, in turn, controls the deposition of fibronectin and collagen 
and modulates the induction of myofibroblasts that are responsible for the exces-
sive production of collagen leading to fibrosis and eventually to contracture.

�Introduction

Spastic muscles are weaker, shorter, and stiffer – a key question is how do they get 
this way? Muscle weakness is explained by the paresis that invariably accompanies 
spasticity as part of the upper motor neuron syndrome. However, muscle shortening 
and stiffness have eluded a full explanation. The mechanisms of active muscle force 
generation are relatively well-described by excitation-contraction coupling, where 
the neural signal leads to the release of the neurotransmitter acetylcholine from the 
motor neuron terminal, which initiates the action potential and its spread along the 
sarcolemma of the sarcomeres (the basic functional unit of a muscle fiber) releasing 
calcium, which in turn facilitates the cross-bridge interactions between actin and 
myosin filaments that conclude with the release and reuptake of calcium by the 
sarcoplasmic reticulum, and the cycle repeats [1]. The active muscle force gener-
ated depends on the level of activation of each muscle fiber, as well as its length, and 
the velocity of contraction. The relationship between sarcomere length and active 
force generation is thought to reflect the degree of overlap between the actin and 
myosin filaments. At longer and shorter sarcomere lengths, the binding of actin and 
myosin is not complete leading to reduced force generation.

Even in the absence of any active force generation, the intracellular and extracel-
lular noncontractile elastic elements in muscle generate passive forces. When a 
muscle is stretched, resistance from these noncontractile elements increases the pas-
sive force [2], and even small changes in muscle length have large implications for 
active force generation [3]. However, the precise mechanisms underlying passive 
mechanical properties of whole skeletal muscles are not well understood [4]. It was 
proposed that passive muscle stiffness may arise from a change in the configuration 
of the giant intracellular protein titin, also known as connectin, which forms elastic 
links between the ends of the thick filaments and the ends of the sarcomere (Z disks) 
[5], especially in shortened muscles. However, as reviewed in Chap. 5, subsequent 
studies found that the sarcomere is lengthened in patients with shortened whole 
muscle due to contracture [6, 7], and that the titin isoform and passive mechanics of 
single muscle fibers are not significantly different in spastic muscles, even though 
the muscle fascicles are stiffer [8]. This suggests that passive stiffness may arise 
from alterations in the extracellular matrix (ECM) of the muscle rather than 
from alterations in single muscle fibers. The structure and function of the ECM in 
muscle and its role in passive force development is complex. It has been found that 
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the passive mechanical properties of muscle scale nonlinearly with size, i.e., small 
muscle fiber bundles are stiffer than single muscle cells, and larger fascicles and 
whole muscles are at least an order of magnitude stiffer [4, 9, 10], likely due to 
greater amounts of ECM. These findings are extremely relevant to individuals with 
spasticity and necessitate an understanding of the three-dimensional geometry of 
muscle and its effect on active and passive muscle force generation.

�Three-dimensional Muscle Geometry and its Effect on Active 
and Passive Force Generation

�The Architecture of Muscle Affects its Force Generating Capacity

Skeletal muscle is often thought of as a linear force generator, where the muscle 
fibers are connected end-to-end, i.e., between the origin and insertion of a muscle 
defining its line of action. However, there are several different muscle architecture 
types including parallel, pennate, and hydrostats. The vast majority of limb muscles 
have pennate architecture [11]. In pennate muscles, the fibers are oriented at an 
angle to the muscle’s line of action; the “pennation angle” is the angle between the 
fiber orientation and the muscle’s line of action. Hence, the direction in which the 
fibers generate force is not the same as the direction of the whole muscle’s action. 
The muscle fibers also rotate as they shorten, becoming more oblique such that the 
fraction of force directed along the muscle’s line of action decreases throughout a 
contraction. Fiber rotation decreases a muscle’s output force but increases output 
velocity by allowing the muscle to function at a higher gear ratio (muscle velocity/
fiber velocity). The magnitude of fiber rotation, and therefore gear ratio, depends on 
how the muscle changes shape in the dimensions orthogonal to the muscle’s line of 
action. The gear ratio is not fixed for a given muscle but decreases significantly with 
the force of contraction, where dynamic muscle shape changes promote fiber rota-
tion at low forces and resist fiber rotation at high forces [12–14]. Pennate architec-
ture also allows muscle fibers to be packed such that there is a larger cross-sectional 
area of muscle for a given volume [15]. A muscle with a larger cross-sectional area 
can generate higher force per unit muscle compared to  a muscle with parallel 
arrangement of fibers [16]. Thus, muscle force production varies depending on vari-
ous parameters such as muscle length, fiber length, pennation angle, gearing, and its 
physiological cross-sectional area.

�The ECM Transmits Force Laterally and Facilitates Muscle 
Shape Changes

The broad organization of a muscle and its ECM is as follows: each muscle fiber is 
surrounded by endomysium, the muscle fiber bundles or fascicles are surrounded by 
perimysium, and the thick outer layer, the epimysium, surrounds the whole 
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muscle and is continuous with the tendon. The endomysium, perimysium, and epi-
mysium collectively form the ECM and are composed of collagens and elastic fibers 
embedded in a viscoelastic gel of proteoglycans, glycosaminoglycans (GAGs) such 
as hyaluronan, and assorted glycoproteins, which interact by entanglement, cross-
linking, and charge-dependent interactions. When the myofibrillar proteins and pro-
teoglycans are removed, the honeycombed three-dimensional network of the 
connective tissue can be seen (Fig. 6.1) [17–19]. Given that most muscle fibers do 
not span the entire length of the fascicle, or the whole muscle, the contractile forces 
generated by these muscle fibers can only be transmitted laterally via the endomy-
sium by translaminar shear [20, 21]. In fact, force is transmitted laterally from con-
tractile proteins to endomysial collagen fibrils across the fiber membranes via 
transverse filaments known as costameres, which mark sites of attachment between 
myofibrils and the sarcolemma [22–24]. The endomysium itself is a reticular fibrous 
network of quasi-randomly orientated wavy collagen fibers embedded in a proteo-
glycan matrix that forms a continuum between the basement membranes of two 
adjacent muscle fibers. When a muscle fiber contracts or is stretched, the preferred 
orientation of the collagen fibers in the endomysium changes but remains wavy and 
relatively compliant under tension at all sarcomere lengths. The change in collagen 
fibril orientation accounts for the nonlinear increase in passive resistance with 
increasing sarcomere length, and leads to translaminar shear through the endomy-
sium and perimysium during lateral force transmission [19, 25]. The perimysium 
and epimysium define slip planes between muscle fascicles and whole muscles, and 
enable the fascicles and muscles to slide past each other allowing large shear dis-
placements and shape changes in the whole muscle [26]. The shear forces across 
adjacent muscle fibers, muscle bundles, and whole muscles are strongly determined 

a b

Fig. 6.1  Structure of intramuscular connective tissue. (a) Scanning electron micrographs (SCM) 
of muscle after NaOH treatment to remove the myofibrillar proteins and proteoglycans at low 
magnification (×100) showing the honeycombed endomysial connective tissue within fascicles 
separated by the thick perimysial connective tissue. (b) Higher magnification (×3200) SCM view 
of the endomysial network separating (extracted) individual muscle cells. The planar feltwork of 
collagen fibrils in the endomysial reticular layer is clearly seen. (From Purslow PP (1994), with 
permission)
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by the composition and viscoelastic properties of the proteoglycan matrix of the 
ECM (see below).

�The Three-dimensional Nature of Muscle Contraction

Until recently, only the linear interaction of the actin and myosin filaments within 
sarcomeres was accounted for in force generation. However, the actin and myosin 
filaments are arranged in a hexagonal array, known as the filament lattice, within the 
sarcomere. It is now recognized that changes in the transverse or radial distance 
between the actin and myosin filaments (i.e., lattice spacing, Fig. 6.2) can also sig-
nificantly influence the muscle force generated [27, 28]. The decline in muscle force 
or tension at longer and shorter lengths than optimal has previously been attributed 
solely to changes in actin-myosin overlap in the longitudinal or axial dimension 
[29]. However, as a muscle shortens longitudinally, it also swells radially, changing 
lattice spacing. It has been found that lattice spacing may actually explain 20–50% 
of the length-dependent change in force in the radial dimension [28]. Modeling 
muscle three-dimensionally to generate both axial and radial forces suggests that 

Extracellular collagen
transmits lateral forces,
influencing shape and
gearing

Fluid forces resist compression
and transmit loads to the ECM

Myofilaments generate radial
forces and spacing influences

axial force

Fig. 6.2  Schematic 
diagram showing the 
various structures that 
influence force 
transmission at different 
levels of organization of 
the muscle, in directions 
both along the line of 
action of the muscle and 
orthogonal to it. (From 
Roberts TJ (2019), with 
permission)
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the radial forces generated are of the same order of magnitude as the axial forces, 
but that radial forces and axial forces vary differently with changes in sarcomere 
length – the magnitude of the radial force is 2.4 times greater than the axial force at 
extremely short sarcomere lengths, and 0.9 times that of the axial force at the lon-
gest sarcomere lengths [30].

A consideration of the three-dimensional nature of muscle contraction (see [31] 
for review) suggests that the structure and composition of the ECM [32, 33], and 
intracellular and extracellular fluids [34, 35], also influence active and passive 
forces in the muscle through their effects on muscle architecture, radial and axial 
force generation, and lateral force transmission (Fig. 6.2) [36, 37]. The ECM acts as 
a pathway for lateral force transmission across myofibrils via the endomysium [38], 
across multiple heads of the same muscle via the perimysium [39], and also across 
adjacent synergistic and antagonistic muscles via the epimysium and the intermus-
cular fascia [40–42]. The composition of the ECM is particularly important in the 
generation of passive muscle tension in mammalian muscles [43, 44]. As the pro-
portion of ECM in muscle increases, the thickened ECM acts as a splint or sleeve 
and resists the radial expansion of the muscle, which in turn restricts muscle short-
ening in the axial dimension as well [45]. Transverse compression of a muscle with 
a load has a similar effect in limiting radial expansion and reducing the force gener-
ated by the muscle [46, 47]. Interestingly, release of fascial compartment boundar-
ies also reduces force output [48], suggesting that restoring the health of the ECM 
may be critically important to preserve force output.

�Effect of Fluid-ECM Interactions on Muscle Mechanics

�Role of Intramuscular Fluid on the Properties of the ECM

Forces transmitted by fluid within muscle have been shown to be important in the 
three-dimensional dynamics of muscle contraction. Extracellular water in muscle 
regulates ion concentrations and pH, which affect muscle contraction and force 
development during exercise [49]. Activity moves fluid from blood plasma into 
muscle due to increased hydrostatic [50, 51] and osmotic forces [52, 53]. At the 
onset of muscle activity, the hydrostatic pressure gradient from the vascular toward 
the interstitial space of muscle moves fluid into the muscle [54, 55]. Muscular activ-
ity increases the osmotic pressure in the interstitial space due to the accumulation of 
exercise-related metabolites [52, 56, 57], which is proportional to the intensity of 
muscle action [58]. This leads to a further reduction in plasma volume, which is 
only partially made up for by reflex decrease of capillary pressure and increased 
hydrostatic pressure toward the vascular space, increased plasma osmolality, and 
some lymphatic return [59, 60]. With prolonged submaximal exercise, lactate is 
removed from active muscle to the vascular space at a higher rate leading to further 
changes in osmotic pressure gradients [61, 62]. Overall, a net increase in activity-
induced intramuscular fluid volume has been observed after different kinds of activ-
ities such as short-term high-intensity exercise [63–66], and prolonged isometric 
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contraction [67]. Furthermore, the accumulation of metabolites within muscle cells 
is related to the fiber type distribution in the muscle, where the increase is greater in 
fast-twitch type 2 fibers [68].

The intramuscular fluid pressure developed during active muscle contraction is 
estimated to be proportional to the developed muscle force, and influences muscle 
shape as it shortens longitudinally and swells radially [69–71]. Studies on isolated 
muscles have demonstrated that increased muscle fluid volume leads to an increase 
in passive muscle tension [35]. The passive tension at a given length changes in 
proportion to the volume change, and a measurable change in force can be observed 
with volume changes as small as 5% in isolated muscles [72]. The changes in mus-
cle volume may also influence active contractile force by limiting radial transmis-
sion of muscle force [73]. Passive forces contribute substantially to normal 
movement, such as walking, and biarticular muscles play a role in passively trans-
ferring energy across joints [74]. The passive force contributions occur at the end 
ranges of joint motions (i.e., peak hip extension, peak knee extension, and peak 
ankle dorsiflexion) and hence increased passive resistance can compromise the 
overall active and passive range of motion [74]. Thus, intramuscular fluid can 
increase compression of contractile muscle tissue, reduce radial transmission of 
muscle force, increase passive tension in muscle, and reduce overall range of motion.

�Intramuscular Fluid Affects the Viscosity of the Ground Substance 
of the ECM

The ECM is highly dynamic, and its composition is balanced by continuous pro-
duction, degradation, and remodeling of its components to maintain homeostasis. 
The ECM regulates the biomechanical properties of tissues, maintains the struc-
tural integrity of muscles, and regulates cell growth and tissue function in health 
and disease [75–77]. GAGs are key components of the ECM, as they are respon-
sible for most of its physical properties, and they modulate cellular behavior (see 
below). Hyaluronan (hyaluronic acid, HA), traditionally regarded as a space-fill-
ing ground substance is the most abundant GAG in the ECM, found in the endo-
mysium, perimysium, and epimysium of muscle [78, 79], as well as in the loose 
connective tissue or fascia surrounding muscle [80, 81]. HA is the only nonsul-
fated GAG, composed of a repeating disaccharide of glucuronic acid and N-acetyl 
glucosamine, that forms long chains or polymers assuming molecular weights of 
the order of 105 to 107 Da and an extended length of 0.25–25 μm [82]. It is synthe-
sized by HA synthases (HAS 1-3) located on the plasma membrane, and HA 
molecules of different molecular weights are extruded from the cytoplasm to the 
ECM through the HAS pores that link the intracellular with the extracellular space 
(Fig. 6.3) [83]. The chemical structure of HA, in particular the presence of -OH 
groups, makes it highly hydrophilic enabling the molecule to retain water and 
swell which makes it an ideal space-filling molecule. Under physiological condi-
tions, molecules of high molecular weight HA start to entangle at concentrations 
of less than 1 g/l and assume an expanded random coil structure surrounded by 
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a

b

c d

Fig. 6.3  Structure and synthesis of hyaluronan (HA). (a) Molecular structure of a HA disaccha-
ride unit. HA is a negatively charged polysaccharide composed of repeating disaccharide units of 
glucuronic acid (GlcA; blue) and N-acetylglucosamine (GlcNAc). (b) Secondary structure of a HA 
tetrasaccharide with water. Hydrogen bonds are represented by red dashed lines. (c) Predicted 
structure of mammalian HAS. HAS enzymes contain multiple membrane-spanning regions at both 
the amino and carboxyl terminus and catalytic sites at the central part of the molecule. (d) 
Schematic illustration of HA synthesis and secretion. HAS enzymes catalyze the alternative addi-
tion of UDP-GlcA and UDP-GlcNAc to the nascent HA chain and extrude it through the plasma 
membrane. (From Kobayashi T (2020), with permission)

water molecules, which occupies a very large volume. Most of the volume of high 
molecular weight HA is water, which is not bound by the polymer. The polymer 
shape is constantly changing, but the water still contributes to the effective size of 
each molecule because of its frictional interaction with closely spaced polymer 
segments. The time-average shape of HA can be described as a sphere, with great-
est density of chain segments near the center. Furthermore, the effective sphere-
like volume of a wormlike HA chain grows exponentially as the molecular weight 
of HA increases, accounting for its unique hydrodynamic properties which affect 
tissue hydration, viscosity, and physical stiffness [84].
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�Muscle Hydration, Lubrication, Viscoelasticity, and ECM Stiffness

The production and degradation of HA, its hydrodynamic properties, and distribu-
tion throughout the ECM significantly affect intramuscular fluid dynamics, ECM 
viscoelasticity, and the passive resistance of the ECM. As noted above, as the con-
centration and molecular weight of HA increases, it entrains more water within its 
hydrodynamic volume, and the viscosity of the solution increases exponentially (a 
10 mg/ml solution of 1.5 × 106 Da HA has a viscosity 5000× that of water) due to 
macromolecular crowding of the polymer (Fig. 6.4) [85, 86]. Viscosity is the resis-
tance to flow of a liquid. Under shear stress, the viscosity of HA drops rapidly while 
maintaining elasticity, making it an ideal biological lubricant [87]. However,  the 
molecular weight and viscosity of HA solutions affects the lubrication of tissues. 
For example, at the cartilage-cartilage interface, the relative effectiveness of friction 
reduction (especially static friction, the resistance to start up motion) is dependent 
on the molecular weight of HA: the higher the molecular weight, the lower the fric-
tion [88]. This is thought to be due to a “viscous boundary layer” of HA at the sur-
face of cartilage that facilitates low-velocity high-load movements [89]. In contrast, 
for high-velocity low-load movements, such as in the endomysium and perimysium 
of muscle, the thickness of the HA-containing boundary is large compared with the 
diameter of the molecules [79]. Here friction would be predicted to increase with 
increased HA concentration and viscosity, negatively affecting lubrication, i.e., the 
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Fig. 6.4  Hydrodynamic properties and viscosity of hyaluronan (HA). (a) HA chains of increasing 
molecular weight (from left to right) 0.1, 0.5, 1, 3 and 6 million have hydrodynamic diameters of 
approximately 50, 140, 210, 400 and 600 nm, respectively in physiological saline solution. (b) The 
effective hydrodynamic domain of each chain is modeled as a sphere, the volume of which is 
dependent on the molecular weight to the 1.8 power. (c) Experimental data for HA in physiological 
saline shows a marked increase in viscosity with increasing concentration and intrinsic viscosity, 
as expected for nonideal solutions. (Adapted from Cowman MK (2015), with permission)
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higher the molecular weight, the greater the friction [90]. Viscoelasticity is the time-
dependent resistance to loading or deformation. Hyaluronan solutions also exhibit 
viscoelastic behavior that is highly dependent on HA concentration, temperature, 
pH, and the ionic strength of the solution [91]. HA shows nonlinear viscoelastic 
behavior with higher concentration, temperatures, and with increased or decreased 
pH [92–96], implying that a muscle with higher HA concentrations, and hence 
higher viscoelasticity will show greater passive resistance to stretch or contraction. 
Thus, the concentration and rheological properties of HA in the ECM of muscle can 
contribute significantly to increased passive resistance during movement [97, 98].

�Effect of Exercise, Immobility, and Overuse 
on Hyaluronan Concentration

The HA in muscle is primarily of high molecular weight (>4 million Da), whereas 
the HA contained in lymph is primarily of low molecular weight. Volume loading 
produces a preferential increase in the flux of low molecular weight HA, although 
the maximum daily removal of HA by lymph is <1% of the tissue content in a 
homeostatic state [99]. In human muscle, HA is especially abundant in the perimy-
sium (Fig. 6.5). HA muscle concentrations show large interindividual variation at 
rest, with no correlation between muscle and serum HA levels in the healthy state. 
Exercise does not immediately change muscle HA concentration, but serum HA 
increases significantly and decreases rapidly to lower than resting levels by 30-min 
postexercise [79]. However, inducing muscle hypertrophy, for example by syner-
gist elimination after Achilles tenectomy in mice increased the concentration of 

a b

Fig. 6.5  Location of hyaluronan (HA) in human muscle. (a) Light micrograph of histological 
section of quadriceps femoris muscle obtained at surgery stained with brown staining biotinylated 
HA binding protein (HABP). The endomysium (arrows) and perimysium (asterisks) are rich in 
HA. (b) Control slide treated with Streptomyces hyaluronidase showed no staining, indicating that 
the HABP specifically reacted with HA and not with any of the other GAGs. (From Piehl-Aulin K 
(1991), with permission)
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HA in the ECM of the compensating plantaris muscle and increased the expression 
of HA synthases within a variety of cell types [100]. The hypertrophic stimulus 
significantly increased muscle HA concentration 2.8-fold after two days, which 
remained significantly increased at seven  days, and then decreased gradually 
toward control levels by 14  days (Fig.  6.6). Endogenous hyaluronidase genes, 
HYAL1 and HYAL2, were also highly expressed in skeletal muscle but did not 
change after the tenectomy. These results indicate that HA levels change dynami-
cally in response to a hypertrophic stimulus and various cell types participate in its 
synthesis. Similar prior studies in rats also showed hypertrophy of the compensat-
ing muscle after synergist elimination, accompanied by large increases in the 
ECM, particularly thickening of the endomysium [101] and increase in the mus-
cle’s wet weight after 21 days mediated by interleukin-6 [102]; however HA was 
not quantified. Taken together, these studies demonstrate that muscle HA synthesis 
increases in response to exercise overload, and can contribute to thickening of the 
ECM. Interestingly, unloading of the rat soleus muscle by immobilization of the 
ankle joint resulted in muscle shortening and increase in muscle HA content four 
weeks postimmobilization compared to controls. However, thickening and disor-
ganization of endomysial collagen fibrils only became apparent by 12 weeks 
postimmobilization (Fig. 6.7) [103]. Thus, disruption of HA homeostasis by both 
muscle overloading and unloading leads to changes in muscle HA content, and 
precedes changes in collagen fiber organization and content in the muscle ECM.

a b c d

a’ b’ c’ d’

Fig. 6.6  Upregulation of hyaluronan (HA) and tenascin-C (TN-C) during compensatory hypertro-
phy in the mouse plantaris muscle. (a and a’) In control muscles, HA (labeled with hyaluronic acid 
binding protein, red) was expressed at low levels and TN-C (green) was restricted to the aponeuro-
sis (a). (b and b’) Two days after Achilles tenectomy, the epimysium became enriched with HA 
(arrowheads), and both HA and TN-C appeared to infiltrate the basal lamina surrounding individ-
ual myofibers (white laminin). (c and c’) HA and TN-C were ubiquitous within the interstitial 
space after seven days. (d and d’) By 14 days, HA and TN-C expression had decreased within the 
muscle body, whereas the epimysium was still strongly labeled for HA compared with the control 
(a). Bar 200 μm; x 10. (Modified from Calve S (2012), with permission)
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a

c d

b

Fig. 6.7  Upregulation of hyaluronan (HA) and thickening of soleus muscle endomysia after 
immobilization of a rat ankle joint. (a) Control muscles, HA (labeled with hyaluronic acid binding 
protein, brown) was expressed at low levels. (b) Four weeks after immobilization the endomysium 
and perimysium are strongly labeled for HA compared with the control; bar 50 μm. (c) Scanning 
electron micrographs (SCM) of soleus muscle endomysia four weeks after immobilization. (d) 
SCM of soleus muscle endomysia 12 weeks after immobilization; bar 1 μm. (Modified from Okita 
M (2004), with permission)

�The Hyaluronan Hypothesis of Muscle Stiffness: its Role 
in Spasticity, Fibrosis, and Contracture

�The Hyaluronan Hypothesis of Muscle Stiffness

The hyaluronan hypothesis of muscle stiffness postulated that the excessive deposi-
tion of HA in the ECM of muscle contributes to the development of muscle stiffness 
by dramatically altering its viscosity [104, 105]. As alluded to earlier in this chapter, 
HA is a high molecular weight GAG in the ECM, where it serves as a lubricant, 
allowing contracting muscle fibers to glide past each other and facilitate force trans-
mission [79, 106]. The hyaluronan hypothesis is based on several findings. First, 
paresis and immobility after stroke lead to rapid muscle atrophy [107]. Second, 
immobility results in a relative increase in the proportion of the ECM which is ini-
tially composed of space-filling HA and subsequently results in the deposition of 
collagen as shown in animal models [103]. Third, at high concentrations, hyaluro-
nan and protein-crosslinked assemblies of HA aggregate [108], and interact with 
water molecules to dramatically increase the viscoelasticity of the ECM [90]. These 
large, aggregated HA molecules cannot be cleared from the muscle particularly 
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when mobility is reduced. Thus, hyperviscous HA in the ECM can increase the pas-
sive stiffness of the ECM, and reduce lubrication and gliding during force transmis-
sion causing myofibers, muscle fascicles, and whole muscles to be stuck together. 
Finally, as discussed below, hyperreflexia and “muscle overactivity” in patients with 
spasticity, as well as compensatory muscle overuse can trigger excessive production 
of HA by mechanically overloading specific muscles.

Evidence for the hyaluronan hypothesis is obtained from clinical data which 
showed that treatment with the enzyme hyaluronidase, which hydrolyzes high 
molecular weight HA into smaller fragments, led to a dramatic reduction in resis-
tance to passive motion measured using the Modified Ashworth Scale, and increased 
passive and active range of motion [104] (see Chap. 13). In addition, T1 rho 
(T1ρ)  muscle MRI which images intramuscular GAG content showed increased 
T1ρ relaxation times in patients with poststroke muscle stiffness, and a reduction to 
more normal levels after treatment with the enzyme hyaluronidase (Fig. 6.8) [109]. 
A more recent study with biexponential T1ρ muscle MRI quantified the structure of 

a

b

c

Fig. 6.8  Imaging hyaluronan (HA) in post stroke muscle stiffness using T1ρ muscle MRI. (a) T1ρ 
maps of representative slices overlaid over anatomy in a control subject. (b) T1ρ maps of three 
representative slices overlaid over anatomy in a patient with poststroke muscle stiffness prior to 
hyaluronidase injection treatment. (c) T1ρ maps of the same patient in (b) at approximately similar 
slice locations following hyaluronidase injection treatment. Note the difference in shape of the 
muscle before and after the injections. (Modified from Menon R (2019), with permission)
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HA in relation to its association with water molecules, and showed that the accumu-
lated HA in stiff muscles traps intramuscular free water, which is released after 
treatment with hyaluronidase [110]. The affinity of HA for water in stiff muscles 
can also be observed as a hypoechoic signal on gray scale ultrasound imaging [111]. 
Additionally, the demonstration of increased muscle viscosity in spastic muscles of 
stroke survivors using ultrasound shear wave velocity measurements and muscle 
modeling [112–114] also supports the hyaluronan hypothesis.

�Spasticity Versus Muscle Stiffness

The hyperreflexia associated with spasticity became synonymous with “muscle over-
activity” with the availability of botulinum toxin injections for focal treatment of 
muscle overactivity [115, 116], as explained in Chap. 1. Muscle overactivity then 
became undifferentiated from hypertonia and muscle stiffness, although it has been 
recognized that paralysis, muscle shortening, and muscle overactivity are three sepa-
rate disabling factors in patients with spasticity that may need to be treated differently 
[117] (see also Chaps. 2 and 3). It has been suggested that paresis leads to muscle 
shortening via nonreflex (i.e., non-neural) increases in passive resistance to movement 
or stretch, which may increase the sensitivity to stretch and hence produce muscle 
overactivity via reflex mechanisms [118, 119]. However, the pathophysiologic basis 
of non-neural muscle shortening and its relationship to neural reflex mechanisms 
and muscle overactivity has been difficult to elucidate. The finding above that muscle 
unloading from paresis and immobility leads to an increase in HA in muscle ECM 
[103], which increases its viscosity and intrinsic stiffness, suggests that HA may be 
the missing link that connects paresis, muscle shortening, and spasticity [105].

Muscle stretch is sensed by muscle spindle receptors which reside within the 
HA-rich perimysium of the muscle. The muscle spindles are fusiform structures 
consisting of a bundle of intrafusal fibers, classified as nuclear bag and chain fibers, 
enclosed in a connective tissue capsule. The muscle spindle capsule consists of two 
distinct portions, the inner and the outer capsule [120]. The inner capsule encloses 
the intrafusal fibers within an innermost axial space, whereas the outer capsule is 
multilayered and encloses a fluid-filled space in the equatorial region of the spindle 
called the periaxial space. HA is abundant in the axial and periaxial spaces of the 
muscle spindles, in all layers of the spindle capsule, as well as in the endoneurium 
and in the space in between individual axons in the perimysium (Fig. 6.9) [121]. 
The presence of HA in the periaxial fluid has been shown to be responsible for the 
transcapsular potential which increases the sensitivity of the sensory endings to 
mechanical stimuli [122]. Alteration in the viscosity of the HA solution in the mus-
cle spindle can thus increase the sensitivity of the muscle spindle to stretch based on 
models of mechanosensation [123]. Furthermore, a muscle that is in a shortened 
position shows increased sensitivity to stretch [124]. Taken together, paresis and 
immobility can lead to HA accumulation in the ECM of muscle which may increase 
the stretch-sensitivity of the muscle spindle particularly in shortened paretic mus-
cles. This along with the excitatory-inhibitory imbalance in the spinal cord 
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Fig. 6.9  Muscle spindle structure, location and hyaluronan (HA) content. (a) Schematic drawing 
of the structure of the muscle spindle in the equatorial region. The intrafusal fibers are shown in the 
axial spaces within the inner capsule. (b) Serial cross-sections of human lumbrical muscle stained 
with brown staining biotinylated HA binding protein (HABP) (a) and toluidine blue (b) showing a 
neurovascular bundle (A artery, V vein, N nerve) and a muscle spindle (MS). Notice the strong 
HABP staining in (a) that fills the capsular space of the muscle spindle and surrounds the nerve 
fibres in the perimysium; bar 50 μm. (Modified from Pedroso-Domellof F (1998), with permission)

interneuronal network after upper motor neuron lesions (see Chap. 1), may further 
potentiate stretch reflex hyperexcitability that is characteristic of spastic muscles. 
The finding that muscle overloading (due to compensatory overuse of specific mus-
cles and potentially reflex overactivity) increases HA synthesis [100], suggests that 
the excessive HA can further increase the viscosity and intrinsic stiffness of the 
ECM and contribute to stiffness of the whole muscle. Thus, HA accumulation may 
be central to both the non-neural and neural mechanisms that produce increased 
resistance to passive joint motion in patients with spasticity demonstrated in Chap. 4.

�Role of Hyaluronan in the Progression to Fibrosis and Contracture

As discussed in Chap. 5, the thickness and collagen content of the ECM in the endo-
mysium, perimysium, and epimysium are increased in chronically spastic muscles 
that are contractured [125]. Therefore, increased collagen content has been associ-
ated with muscle stiffness in patients with spasticity. If this is the case, muscles with 
higher collagen content and disorganization would be expected to be stiffer. 
Interestingly, surgical samples of spastic muscle bundles showed significantly lower 
passive mechanical stiffness when compared with nonspastic muscle bundles [126]. 
Thus, recent studies do not support a role for increased content and disorganization 
of collagen in the development of passive muscle stiffness [127, 128]. In contrast, 
the viscoelastic properties of spastic muscles of stroke survivors under passive con-
ditions were shown to be significantly altered using ultrasound shear wave velocity 
measurements, which were used in pure elastic and viscoelastic (Voigt) muscle 
models [112–114]. The effect of stroke was mainly evident in the viscous parame-
ter, and the differences between stroke-affected and nonaffected muscles were more 
evident at large joint angles, suggesting that the increase in passive muscle stiffness 
poststroke was largely due to an increase in muscle viscosity.
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The viscoelasticity or stiffness of the ECM has important implications for cell–
ECM adhesion, cell spreading, migration, differentiation, and even organoid forma-
tion [129–131]. The molecular weight of HA is associated with different biological 
functions: low molecular weight HA is usually associated with proinflammatory 
response, proangiogenic activity, and migration and proliferation of cells, whereas 
high molecular weight HA is linked to cellular differentiation and anti-inflammatory 
effects. HA binding receptors include specific cell-surface receptors such as CD44 
and RHAMM (receptor for hyaluronic-acid-mediated motility), as well as hyaluro-
nan receptor for endocytosis (HARE), hyaluronan-binding protein 1 (HABP1), and 
lymphatic vessel endothelial receptor for hyaluronan 1 (LYVE1). HA interacts with 
cell surfaces in at least two ways — it can bind to cell-surface receptors to induce 
the transduction of a range of intracellular signals, either directly or by activating 
other receptors, and/or it can be retained at the cell surface by sustained transmem-
brane interactions with its synthases. Either means of retention can generate a volu-
minous pericellular matrix, or “coat” that incorporates several other HA-binding 
molecules. This “provisional matrix” provides a hydrated environment in which HA 
functions as a microenvironmental cue that regulates cell behavior [132]. HA in the 
pericellular matrix controls the deposition of fibronectin and collagen and modu-
lates the induction of myofibroblasts [133], which are a specialized form of fibro-
blast responsible for the excessive production of collagen leading to fibrosis and 
tissue destruction in multiple diseases [134–136].

The differentiation of fibroblasts to myofibroblasts is primarily driven by 
mechanical tension, and cytokines such as TGF-β, and fibronectin [137, 138]. 
Several studies have shown that HA is intimately connected with the maintenance 
of the myofibroblast phenotype [139–145]. Removal of cell-surface HA is known to 
destabilize focal adhesions involved in cell attachment [146], suggesting that HA in 
the cross-linked pericellular matrix may cooperate with focal adhesions to provide 
the mechanical tension needed to maintain the myofibroblast phenotype. Association 
of HA with the cell-surface receptor CD44 influences the positioning of TGF-β 
receptors which can have an impact on TGF-β signaling [147], and blocking the 
synthesis of HA in fibroblasts inhibits the fibroblast-to-myofibroblast conversion 
[144]. HA also interacts with the fibrillar collagens in the ECM to modulate the 
mechanical properties of collagen and alter the contractile forces that can be gener-
ated by the cells [148]. In fact, the addition of HA to a collagen preparation with a 
slow rate of fibril formation led to an acceleration in fibril formation, and injection 
of the collagen solution into tissue promoted the migration of fibroblast-like cells 
into the region occupied by the injected collagen [149]. Overexpression of HA syn-
thases has also been shown to regulate the invasiveness of fibroblasts, promote 
fibrosis, and control fibroblast senescence in a lung model of fibrosis [150, 151]. 
These studies suggest that targeting HA accumulation or synthesis could be an effec-
tive therapeutic approach to prevent fibrosis (Fig. 6.10). However, one study sug-
gested that removal of HA may increase the expression and accumulation of 
collagen I and fibronectin [133], which may point to the balance of HA necessary 
for tissue homeostasis – both too little and too much may signal a tipping point 
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Fig. 6.10  Schematic model for evolution of muscle stiffness to fibrosis and contracture. (a) 
Cross-section of a normal skeletal muscle. (b) Development of muscle stiffness due to the accumu-
lation of hyaluronan (HA) in the extracellular space, which increases the viscosity of the ECM, and 
causes the muscle fibers to stick together. (c) Continued HA accumulation initiates fibrosis leading 
to the replacement of HA by collagen, thickened endomysium and perimysium, and further muscle 
fiber atrophy. Note that whereas fibrosis is irreversible, muscle stiffness may be reversible, repre-
senting a potential therapeutic target. (Modified from Menon R (2019), with permission)

toward fibrosis. Despite the gaps in a complete mechanistic understanding of fibro-
sis, increased levels of HA have been shown to precede fibrosis in several organs 
[152–156]. Fibrosis is the end stage of many different diseases and often results 
from a chronic inflammatory insult, although remodeling of the ECM toward a 
fibrotic phenotype does not have to involve an inflammatory component [157–159]. 
Processes that result in muscle fibrosis include chronic inflammation [160], dener-
vation [161], neurotoxin injection [162, 163], and direct trauma [161, 164, 165]. 
Muscle contractures that occur secondary to cerebral palsy, stroke and other chronic 
neurological conditions, and muscular diseases are due to fibrosis [126, 166, 167], 
and surgical approaches are used to release these contractures. However, there is no 
current therapy for recovery from fibrosis.

�Conclusion

Spastic paresis due to neurologic injury from an upper motor neuron lesion results 
in both disruption of active force generation and excessive increase in passive mus-
cle forces that generate resistance to movement. The three-dimensional geometry of 
muscle, the structure and function of the extracellular matrix (ECM), and changes 
in intramuscular fluid volume, hyaluronan (HA) content, and ECM viscosity influ-
ence the development of passive mechanical stiffness and form the basis for under-
standing the hyaluronan hypothesis of muscle stiffness. Both muscle unloading, due 

6  Mechanisms of Development of Passive Mechanical Muscle Stiffness



98

to paresis and immobility, and muscle overloading due to spastic muscle overactiv-
ity and compensatory overuse of specific muscles in individuals with spasticity can 
disrupt ECM homeostasis leading to the accumulation, biophysical alteration, and 
aggregation of HA in muscle, which in turn increases the viscoelasticity of the 
ECM, and leads to muscle stiffness. The HA-rich matrix in turn controls the deposi-
tion of fibronectin and collagen and modulates the induction of myofibroblasts that 
are responsible for the excessive production of collagen leading to fibrosis and 
eventually to contracture. A better understanding of the role of HA in the progres-
sion to fibrosis in muscle could lead to the prevention of contractures and the con-
sequent disability.
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