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Abstract

Diatoms live in a diverse range of aquatic habitats with species being either free
floating (planktonic) or attached to underwater structures (benthic). Ancestrally,
diatoms are thought to have been planktonic with nonmotile vegetative cells and
motile, flagellated cells for sexual reproduction. The single loss of motile,
flagellated gametes in the common ancestor of pennate diatoms was a significant
evolutionary step that was associated with the development of active motility in
vegetative cells, which enabled outcrossing and their migration into previously
inaccessible habitats (Nakov et al., Accelerated diversification is related to life
history and locomotion in a hyperdiverse lineage of microbial eukaryotes
(Diatoms, Bacillariophyta). New Phytol 219:462–473, 2018). The motility of
benthic diatoms allows cells to actively maintain their position in the photic zone,
avoid desiccation (e.g., during tidal fluctuations), identify optimal nutrient
conditions, and perform sexual mating. The ability of motile diatoms to actively
respond to changing environmental conditions provides a substantial selective
advantage. Therefore, the evolution of migration ability is believed to be one of
the reasons for diatom success and high rates of diversification in benthic habitats.
In this chapter, we will review the current literature on the mechanism of cell
motility, the extracellular signals that mediate cell motility, and the molecular
composition of diatom adhesives.
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Abbreviations

AFM atomic force microscopy
AMC adhesion motility complex
BDM 2,3-Butanedione monoxime
dP dissolved orthophosphate
dSi dissolved silicic acid
EM electron microscopy
EPS extracellular polymeric substance
F-actin filamentous actin
GFP green fluorescent protein
lux luminous flux per unit area
PAM Pulse-Amplitude-Modulation
SEM scanning electron microscopy
SIP sex-inducing pheromone
TEM transmission electron microscopy
PTS-rich proline, threonine, serine-rich
EukCats novel voltage-gated Na+- and Ca2+-permeable channels
PDCs putative cell-substratum adhesion molecules
CAMs cell adhesion molecules
CLSM confocal laser scanning microscopy
GlcA glucuronic acid (GlcA)
Fuc fucose (Fuc)
FGGs highly sulfated fucoglucuronogalactans (FGGs)
ConA Concanavalin A lectin
PSA Pisum sativum lectin
LEA Lycopersicon esculentum lectin

1 Motility

Diatom motility is characterized by a relatively smooth gliding motion that only
occurs when cells are in contact with a surface (Sup Movie 1). It does not require any
changes in cell shape or the movement of extended cellular extensions such as
flagella or cilia that are utilized by many free-swimming organisms. Although active
motility has been observed in a few araphid pennate species (e.g. Licmophora
hyaline, Sato and Medlin 2006) and the pennate-like centric diatoms Ardissonea
crystallina (Pickett-Heaps et al. 1991) and Toxarium undulatum (Kooistra et al.
2003), it is largely restricted to raphid pennate species that possess a specialized slit
in their silica cell wall termed the raphe (Fig. 1). In motile araphid species, it is
thought that mucilage secreted from a pore at one end of the cell swells and pushes
the cell forward (Pickett-Heaps et al. 1991; Sato and Medlin 2006), whereas in
raphid species, the secretion of mucilage can take place along the entire raphe slit.
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Fig. 1 (a, c) Mature valve morphology of Diploneis smithii, white arrows show position of the
raphe slits. Scale bar: 10 μm (Idei et al. 2018, reprinted with permisssion from the Journal of
Phycology). (a) external valve surface (c) internal valve surface (b) Cross-section at the valve centre
of Navicula ramosissima showing details of the C-shaped raphe fissure. Scale bar: 100 nm (Massé
et al. 2001, reprinted with permisssion from the Journal of Microscopy). (d) TEM cross-section of a
Navicula cuspidata raphe (white arrows), showing the adhesive strands (black arrow) extending
from the raphe, s substratum, Si silica cell wall, c cytoplasm. Scale bar: 1 μm (Edgar 1983, reprinted
with permisssion from Protoplasma). (e) SEM cross-section of Pinnularia viridis frustule cleaved
by mild sonication. Arrow shows the raphe slits, asterisks show foramen chamber. Scale bar: 5 μm
(Crawford et al. 2001, reprinted with permisssion from the Journal of Phycology)
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The raphe is typically composed of two longitudinal slits in the hardened cell wall
that are positioned end-to-end along the midline of each valve and are separated by a
silica bridge termed the central nodule (Fig. 1a, c). There are a wide variety of raphe
shapes, but in general, they are all complex interlocking structures that mechanically
stabilize the slotted valve against orthogonally applied forces (Fig. 1). While the
raphe is unquestionably involved in cell motility, precisely, how mucilage is secreted
and translocated through it, and how this enables cell motility, remains unknown.

Motile diatoms glide at remarkable velocities of up to 25 μm s�1 (Cohn and
Disparti 1992; Edgar and Pickett-Heaps 1984), which exceed those of other
substratum-mediated types of motility, such as the gliding of Apicomplexans
(e.g. Toxoplasma parasites: 3–5 μm s�1) (Herm-Götz et al. 2002) or slow-crawling
locomotion (e.g. glioma cells: 0.01 μm s�1; Amoeba Dictyostelum discoideum:
0.15 μm s�1; fish kerocytes: 1 μm s�1) (Handel 2017). Diatoms are able to exert a
well-regulated control over their movement, in which the cells frequently change
their directions in response to external stimuli (Cohn et al. 2003, 2016; Edgar 1979).
The stop-start, jerky motion of diatoms as they rapidly accelerate and decelerate is
due in part to their small cell size and their high density silicified cell wall, resulting
in their associated very low Reynolds number (the ratio of inertia to viscosity of a
fluid), which is in the region of 10�4 (Edgar 1982). Therefore, the inertial forces
experienced by a diatom cell are extremely small and cells are not able to move in the
absence of active force generation.

Currently, the most accepted theory for the generation of the force required for
diatom gliding involves an actin-myosin system (Edgar and Pickett-Heaps 1984).
The actin component is comprised of two distinct bundles that lie immediately
proximal to the plasma membrane along and underneath each raphe (Fig. 2)
(Edgar and Pickett-Heaps 1983; Edgar and Zavortink 1983). The roles of actin and
myosin in diatom motility were supported by drug inhibition studies using the actin-
disrupting agent latrunculin and the myosin inhibitor BDM, which both reversibly
inhibited diatom motility (Poulsen et al. 1999). Already more than 35 years ago,
Edgar and Pickett-heaps combined observations of particles streaming along the
raphe (Fig. 2e, f) with the discovery of the raphe-associated actin bundles to suggest
a model for diatom gliding that was inspired by other known cell motility systems at
the time (Edgar and Pickett-Heaps 1984). This model suggests that there is a
physical connection between adhesive mucilage secreted from the raphe and the
intracellular actin bundles via a continuum of biomolecules that span the plasma
membrane (Fig. 2c). A force that is applied parallel to the actin filaments would then
result in movement of the cell in the opposite direction. Wetherbee and coworkers
extended this model to include myosins, which are the only known motor proteins to
generate force along actin cables. They termed the proposed continuum of
biomolecules that includes the myosins, transmembrane proteins, and the adhesive
mucilage the Adhesion Motility Complex (AMC) (Wetherbee et al. 1998). Genome
sequencing has revealed that motile diatoms possess at least nine different myosins
(Heintzelman and Enriquez 2010; Osuna-Cruz et al. 2020); however, it is not known
which of these play a role in cell motility, and the existence of the AMC remains to
be verified.
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An early explanation for diatom motility was jet propulsion, in which it was
believed that the expulsion of fluid from the raphe or pores in the cell wall would
drive locomotion (Lauterborn 1896). However, a key observation arguing against jet
propulsion and supporting the existence of the AMC is the so-called streaming of
particles along the raphe. For more than two centuries, it has repeatedly been shown
that free-floating particles (e.g., soluble ink, silica beads) can attach to the raphe and
be seen moving bidirectionally along the raphe in both stationary and gliding cells
(Edgar and Pickett-Heaps 1984; Drum and Hopkins 1966; Harper 1967; Lind et al.
1997; Müller 1893) (Fig. 2e, f). In a jet propulsion mechanism, the beads would be
expected to be pushed away from the raphe; therefore, this model for motility is no
longer accepted. Interestingly, upon reaching the central nodule of the raphe,
particles are capable of traversing this break and continuing to move as a single
unit. Particles traveling along the dorsal (nondriving) raphe can be seen moving in

Fig. 2 (a, b) TEM cross-section of N. cuspidata showing details of the raphe (r) and associated
actin filaments (arrow heads) and vesicles (arrows). Scale bars: 0.1 μm (Edgar and Pickett-Heaps
1983, reprinted with permisssion from the Proceedings of the Royal Soceity B. Biological Sciences).
(c) Model for diatom gliding. Longitudinal section through a gliding diatom. The adhesive mucilage
is processed and packaged into vesicles within the Golgi complex and transported to the plasma
membrane. Once the vesicles are secreted, the adhesive mucilage forms strands that extend through
the raphe slit attaching the cell to the substratum. At their proximal ends, the mucilage strands are
linked via a continuum of molecules, including transmembrane proteins, to the myosin motor,
which generates force along the underlying actin cytoskeleton. The rearward translocation of the
adhesion complexes results in forward movement of the cell (adapted from Edgar and Pickett-Heaps
1984). N nucleus (d) Raphe-associated actin bundles (arrow heads) GFP-tagged with Lifeact
(green) in Craspedostauros australis and chloroplast autofluorescence (red). Scale bar: 5 μm
(Davutoglu & Poulsen, unpublished data). (e, f) Time lapse light microscopy of C. australis cells
and silica microspheres. The cells were allowed to settle onto a glass slide, layered with a slurry of
silica microspheres (0.6 μm diameter) and sequences of the cells interacting with the microspheres
were recorded (E: 0 s; F: 4 s). The cell is attached to the substratum at the raphe (r) but has tilted
slightly revealing the silica microspheres (small arrows) that have also adhered to the raphe and
form a trail (t) behind the moving cell. The direction of cell movement is indicated by the large
arrowhead. Scale bars: 10 μm (Lind et al. 1997, reprinted with permission from Planta)
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both directions, simultaneously along the same section of the raphe. Furthermore,
they are capable of changing direction and their movement appears to be indepen-
dent of the direction and velocity of cell gliding. In contrast, particles streaming
along the ventral (driving) raphe always move in the opposite direction of cell
movement, except for when a cell is in the process of reversing its direction
(Edgar 1979; Edgar and Pickett-Heaps 1984). During a change in cell direction,
particle streaming is reversed first in the rear half of the cell, upon which the cell
pauses before changing direction, followed by a reversal in the direction of particle
streaming on the other half of the raphe (Edgar and Pickett-Heaps 1984). Finally,
when the direction of cell movement has been reversed, both ventral raphes stream in
the opposite direction to cell movement, suggesting that a rearward translocation of
the AMC drives forward movement of the cell. These observations clearly demon-
strate the existence of a physical connection between the extracellular material that
adheres to the particles and an intracellular bidirectional highway that controls their
movement along the raphe slit. The fact that beads can move in a bidirectional
manner along the dorsal, nondriving raphe, even when a cell is not moving, suggests
that co-ordinated movement of the AMC is traction-force mediated.

Two alternate theories have been proposed to explain the mechanism of diatom
motility. One was provided by Gordon and Drum, who proposed a “capillary model”
where cell movement is driven by the energy derived from the hydration of the
adhesive mucilage as it is secreted from the raphe slit, rather than the force genera-
tion coming from the internal cytoskeleton (Gordon 1987; Gordon and Drum 1970).
To date, no further evidence has been provided to support this model. More recently,
Wang and coworkers questioned whether the actin cables in the Edgar and Pickett-
Heaps model are capable of acting as “intracellular railways” to support the high
bidirectional speeds of diatom gliding (Wang et al. 2013). Instead, based on studies
with a Navicula sp., they proposed that motility is generated via two or more plasma
membrane invaginations (pseudopods) containing F-actin. In their model, the
pseudopods would protrude through the raphe, generate friction, and propel the
cell forward through their repeated attachment and detachment from the surface.
However, the refractive structures, which are suggested to contain F-actin in this
model, have previously been described as volutin granules in Navicula and
Sellaphora species that contain inorganic polyphosphate (Mann 1985, 1989) and
are not present in all motile species. Moreover, other than some observations of pits
along the mucilage trails, there is no evidence of membranous cellular extensions
projecting through the raphe. Therefore, further evidence is required to confirm
the presence of F-actin in these structures and the extrusion of the pseudopods
from the raphe slit. The claim by Wang and coworkers that myosins are unable to
produce the force for the high motility speed of diatoms and their bidirectionality is
not justified. In vitro assays have demonstrated that myosins are able to transport
cargoes at speeds between 0.2 and 60 μm s�1 [e.g., myosins V (Pierobon et al. 2009),
myosin II (Rastogi et al. 2016), myosins from the green alga Chara sp. (Higashi-
Fujime et al. 1995)]. Bidirectionality of movement could be achieved through the
involvement of the minus-end-directed myosin VI, which moves in the opposite
direction to conventional myosins (Sweeney and Houdusse 2010). Additionally, the
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F-actin bundles may be composed of filaments with opposite polarities, allowing
myosin-based force generation in either direction along the raphe.

1.1 Regulation of Diatom Motility

1.1.1 Phototaxis
Diatom migration patterns are regulated by both endogenous (cell cycle, circadian
rhythms) and exogenous (environmental conditions) factors and are largely a
response of the cells’ requirement for photosynthesis (Barnett et al. 2020; Cohn
and Disparti 1994; Cohn et al. 1997, 2000, 2004; McLachlan et al. 2009; Perkins
et al. 2010; Prins et al. 2020; Serôdio et al. 2008; Underwood et al. 2005). Benthic
habitats are highly dynamic ecosystems that undergo rapid changes in environmental
conditions. Tidal changes, wave action, sediment composition, shading, and water
column turbidity all necessitate an active response of cells to maintain their position
relative to incoming light. Observations of the color changes in intertidal sediments
that contain diatom-rich biofilm communities demonstrate these predictable diurnal
and tidal diatom migration patterns, which allow for light capture during the day and
migration to nutrient-rich environments at night (Consalvey et al. 2004; Daglio et al.
2016; de Brouwer and Stal 2001; Ezequiel et al. 2015; Paterson 1986). The cell
movement toward areas of moderate light intensity is the result of a photophobic
response to find an ideal compromise between the need for photosynthesis (negative
photophobic response; into-light movement) and the avoidance of high light inten-
sity that causes oxidative damage to the photosystems (positive photophobic
response; out-of-light movement) (Cohn and Weitzell 1996; Nultsch 1971; Nultsch
and Häder 1988). Impressively, these vertical migration patterns are reset daily and
fortnightly to match the tide timings and seasonal changes in day length (Barnett
et al. 2020). Recently, a cleverly designed ex situ experimental setup has been used
to monitor vertical migration dynamics using Chlorophyll a fluorescence coupled
with imaging techniques (Imaging-PAM fluorometer) (Barnett et al. 2020). The
migration rhythmicity was shown to be primarily coupled to the tidal, lunar cycle
but can be further modulated by light (both light intensity and diurnal pattern), with a
positive effect of blue wavelengths compared to other wavelengths (i.e., white,
green, and red light) (Barnett et al. 2020).

Diatom phototactic responses are dependent on the wavelength of the light, with
some species responding more strongly to blue-green light (450–500 nm), while
others show a maximal response to red-orange light (~650 nm) (Cohn and Weitzell
1996; Cohn et al. 1999, 2015, 2016; Nultsch 1971). Species-specific responses to
light have important ecological implications as they allow more diverse communities
of diatoms to inhabit the same intertidal sediments. Competition due to their
preference for different wavelengths and intensities results in species-specific diurnal
migration patterns. The photophobic response of individual cells can also vary
depending on the specific area of the cell that is exposed to high intensity light
(i.e. “leading” vs. “trailing” end) with cells more responsive to light activation at the
leading edge of the cell (Cohn et al. 1999, 2004; Nultsch 1971) (Fig. 3a). When the
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tip at the leading end of Craticula cuspidata was irradiated with blue light, all cells
changed direction within 30 s, whereas irradiance at other parts of the cell resulted in
a much lower response rate (10–30% of the cells) (Cohn et al. 1999) (Fig. 3a).
Together these observations have led to the hypothesis that motile pennate diatoms
regulate their motility by detecting boundaries of changes in light intensity (Cohn
2001), which might trigger a response in membrane-bound photoreceptors (e.g.,
second-messenger-dependent signal transduction cascades) that would elicit a

Fig. 3 (a, b) Photophobic response of C. cuspidata (a) and N. perminuta (b). (a) Individual cells
were irradiated for 1 s with 545 nm light at different positions along the cell body. The percentage of
cells changing direction after irradiation at the indicated sites is shown (Cohn et al. 1999, reprinted
with permission from Diatom Research). (b) During the photophobic response, an increase in
Calcium Crimson fluorescence was seen at the tip of the cell. Scale bar: 5 μm (McLachlan et al.
2012, reprinted with permission from the Journal of Phycology). (c) During growth of S. robusta,
cell motility increased while dissolved Si (100% dSi ¼ 106 μM) was being depleted and the culture
entered stationary phase. Error bars show the standard error of the mean of five replicates (n¼ 300)
(Bondoc et al. 2016a, Creative Commons reprint permission)
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change in cell direction. An increase in the intracellular [Ca2+] at the tips of the cells
at the precise moment of cell direction change has been demonstrated using the
fluorescent calcium indicator Calcium Crimson (Fig. 3b) (McLachlan et al. 2012).
This result supports the hypothesis that chloroplast-independent photoreceptors are
responsible for motility switching (McLachlan et al. 2012). Diatom genomes encode
multiple candidates for photoreceptors that mediate photosynthesis-independent
cellular responses to light (see chapter “Photosynthetic Light Reactions in
Diatoms. I. The Lipids and Light-Harvesting Complexes of the Thylakoid Mem-
brane”). However, until now it is unknown whether any of these photoreceptors are
involved in phototaxis.

Although not as well studied as phototaxis (a directional response to light),
diatoms also exhibit photokinesis, which is a change in cell speed as a response to
light. Nultsch (1971) demonstrated that Nitzschia communis increases cell speed
when it is transferred from dark to light conditions but that an increase in light
intensity above 500 lux resulted in a decrease in speed. A similar trend was also
observed for Navicula perminuta and Cylindrotheca closterium, and it was
suggested that photokinesis contributes to efficient light-stimulated dispersal with
red light producing the highest cell speeds (McLachlan et al. 2009).

1.1.2 Chemotaxis
The dominance of marine ecosystems by diatoms is hypothesized to be due to their
ability to rapidly respond to changing environmental cues, such as nutrient supply
(see chapters “Comparative and Functional Genomics of Macronutrient Utilization
in Marine Diatoms” and “Molecular Mechanisms Underlying Micronutrient Utiliza-
tion in Marine Diatoms”). However, little is known about the molecular
underpinnings of these responses with respect to benthic diatom motility. Amphora
coffeaeformis was shown to respond to various sugars, with D-mannose and
L-glucose inducing a strong negative response, while D-glucose induced positive
chemotaxis (Cooksey and Cooksey 1988). Cells adjusted their movement pattern to
follow a concentration gradient, provided they were not previously exposed to a
glucose-rich environment that apparently desensitized their ability to sense sugar
molecules. The benthic diatoms Seminavis robusta and Navicula sp. increased EPS
production and motility speed when silicic acid (dSi) or orthophosphate
(dP) concentrations were depleted (Bondoc et al. 2016a, 2019) (Fig. 3c). When a
localized dSi source was introduced into a dSi-starved culture, the cells moved faster
and their foraging behavior was characterized by increased reversals and circular
movement behaviors to optimize their search for the dSi source (Bondoc et al.
2016a, 2019).

Diatom gliding is also sensitive to external [Ca2+], which may serve two inde-
pendent functions. Firstly, an influx of Ca2+ may act as a second messenger for the
secretion of EPS and/or the regulation of cytoskeleton dynamics (McLachlan et al.
2012). Secondly, functionality of the biopolymers of the secreted adhesive mucilage
may require cross-linking via Ca2+-ions (Chiovitti et al. 2008; Cooksey and Cooksey
1980). Although external calcium is important for gliding, it is not essential as
decreasing the [Ca2+] in the medium and application of a Ca2+ channel blocker
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does not completely abolish cell movement and has no effect on the photophobic
response (McLachlan et al. 2012). Inhibitors of Ca2+ homeostasis did not signifi-
cantly reduce cell speed but caused a significant decrease in the photophobic
response. Recently, a novel family of voltage-gated Na+- and Ca2+-permeable
channels (EukCats) has been implicated in regulating internal calcium levels that
are believed to be required for gliding motility (Helliwell et al. 2019).
Phaeodactylum tricornutum cell lines in which the PtR1-eukcatA1 gene was
knocked out using CRISPR/Cas9 exhibited reduced cell velocity compared to
wild-type cells (Helliwell et al. 2019).

Sexual reproduction in raphid pennate diatoms requires active motility for the
pairing of distinct mating types (MT+ and MT�) and relies on the production of
both sex-inducing (SIPs) and attracting pheromones that activate mating behavior
and guide the cells in their search for a mating partner (see chapter “Life-Cycle
Regulation”). To date, the only characterized raphid diatom pheromone is diproline,
which is released by S. robusta MT� cells in response to perceiving a chemical
signal from MT+ cells. Using polymer beads loaded with diproline, MT� cells
displayed increased cell motility with a preferred forward movement to the
pheromone-loaded beads (Bondoc et al. 2016b; Gillard et al. 2013). Recently, the
motility of S. robusta and C. closterium MT+ cells in response to the SIP produced
by the MT� mating type (SIP-) was shown to increase the fraction of motile cells
and the average motility speed (Bilcke et al. 2021; Klapper et al. 2021). However,
the molecular composition of the SIP remains unknown.

Several other external environmental factors have been shown to influence
diatom motility, such as temperature, salinity, gravity, surface chemistry, and
pH. The optimal temperature, pH, and salinity are important parameters for motility,
but are species-specific and depend largely on the environmental conditions in their
local habitat to which they have acclimated (Apoya-Horton et al. 2006; Cohn and
Disparti 1992; Cohn et al. 2003; Du et al. 2012; Gupta and Agrawal 2007; Hopkins
1963; Sauer et al. 2002). Interestingly, the type of movement displayed by the
mudflat diatom, C. closterium, also alters according to the salinity conditions, with
a reduction in gliding movement under hyposaline conditions (Apoya-Horton et al.
2006). The raphe in C. closterium follows a pronounced twist around the cell body
and observations of its gliding behavior revealed that in addition to the smooth
gliding common to other diatoms, they exhibit a “corkscrew” gliding motion with a
rotation about the x-axis (Apoya-Horton et al. 2006). Together with gliding, pivoting
and pirouetting cell movements were also observed and suggested to be a result of a
sensory detection system in the cell tips that may respond to light and other
environmental cues.

Recently, it has been demonstrated that benthic diatoms, in the absence of other
external stimuli, are able to sense gravity and use it to orient themselves relative to
the surface (Frankenbach et al. 2014). Surface chemistry and roughness of the
substratum have been shown to affect the speed of cell movements (Hodson et al.
2012; Holland et al. 2004; Scardino et al. 2006). The fraction of motile cells in a
culture is higher on hydrophilic compared to hydrophobic surfaces (Holland et al.
2004). However, further experimentation is required to determine the influence of
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surface chemistry on diatom motility characteristics including speed distribution,
trajectories, as well as frequencies of reversals and stoppages.

2 Adhesion

Although diatoms are unicellular, some species form colonies with cells linked
together through interlocking silica structures (see chapter “Structure and Morpho-
genesis of the Frustule”) and/or extracellular polymeric substances (EPS). In some
cases, mucilaginous EPS is produced along the whole valve face (e.g.,
Fragilariopsis sp.), which allows the cells to form long chains, whereas other species
secrete EPS through specialized pores at the poles of the valve (e.g., Thalassionema
sp.). These types of diatom adhesive structures are poorly characterized, and there-
fore, the remaining sections of this chapter will summarize the current knowledge on
the composition and properties of diatom adhesives that are required for (1) motility
(2) biofilm formation, and (3) sessile attachment.

2.1 Adhesives: Motility

The attachment and subsequent motility of raphid diatoms are reliant on the secretion
of adhesive material that provides traction for (1) reorientation of cells to form raphe/
substratum contacts and (2) directed motility. The adhesive material is believed to be
produced in the Golgi apparatus and then packaged into vesicles. In electron
microscopy studies, numerous vesicles containing “fibrillar” material have been
found in close proximity to the raphe-associated actin bundles and scattered beneath
the plasma membrane (Fig. 2) (Edgar and Pickett-Heaps 1982, 1983). However,
conclusive evidence that these vesicles are derived from the Golgi apparatus and
discharged their content into the raphe slit is still lacking. To investigate the structure
of the adhesive material, electron microscopy (EM) and atomic force microscopy
(AFM) techniques have been applied; yet, both techniques have severe limitations.
The previously applied EM techniques introduced artifacts caused by the dehydra-
tion of the material and in some cases also by the use of chemical fixation methods.
Using AFM, it was possible to image the adhesive material under hydrated
conditions; yet, adhesion of the material to the cantilever tip substantially
compromised the spatial resolution of the imaging procedure. The following two
paragraphs summarize the main results that have been obtained from EM and AFM
imaging of adhesive material.

Direct observations of the driving raphe are challenging as the EPS is damaged in
the process of inverting the cell. Nevertheless, scanning EM (SEM) imaging has
revealed the presence of mucilage strands along the entire length of the raphe slit
(Edgar 1983; Higgins et al. 2003a; Webster et al. 1985) (Fig. 4a). Transmission EM
(TEM) observations of N. cuspidata cells demonstrated that raphe-associated, bris-
tle-like strands were found in a perpendicular orientation to the plasma membrane
and not parallel as was previously suggested (Harper and Harper 1967) (Fig. 4d).
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Thick sheets (~15 μm) of intertwined strands emanating from the raphe slit have
been observed in Craspedostauros australis and Pinnularia sp. and are proposed to
be tethers involved in initial cell adhesion and reorientation (Higgins et al. 2003a)
(Fig. 4b, c). When adhesive strands from both raphes engage with the surface, it is
believed that there is a competing tension that results in a “tug of war” between the
raphe systems on each valve. This leads to a rocking motion of the cell that is
eventually broken as the force exerted by one raphe system exceeds that of the other
and the cell is able to reorient, generate a connection with the “successful” raphe and
commence gliding (Wetherbee et al. 1998).

In situ atomic force microscopy (AFM) revealed that there are at least two
different types of secreted material associated with the diatom cell wall: (1) a soft,
weakly adhesive cell coating and (2) an adhesive material that is projecting from the
raphe slit (Arce et al. 2004; Chiovitti et al. 2006; Dugdale et al. 2005a, b, 2006a, b;
Gebeshuber et al. 2000, 2002, 2003; Higgins et al. 2003a, b). The cell coating is
composed of a soft mucilage (10–25 nm thick) that differs significantly in morphol-
ogy between different species (Fig. 5a–c) (Gebeshuber et al. 2000; Higgins et al.
2003b). The cell surface of C. australis is covered in a relatively smooth layer of
mucilage, a Pinnularia sp. is covered in mucilaginous spheres and while most of the

Fig. 4 (a–c) SEM of chemically fixed P. viridis cells (Higgins et al. 2003a, reprinted with
permission from the Journal of Phycology). (a) Mucilage strands projecting from the raphe slit.
Scale bar: 3 μm (b) A recently settled cell lands on its girdle bands and extends two sheets of
mucilage from the midpoint of each valve surface to form a connection with the substratum.
Scale bar: 15 μm. (c) A long thin strand of mucilage extending from the raphe slit and forming a
holdfast-like attachment to the substratum. Scale bar: 15 μm. (d) TEM longitudinal section through
the raphe slit of N. cuspidata. Mucilage strands project through the raphe slit (R) and attach the cell
to the substratum (s), a layer of mucilage (arrowheads) coats the substratum. Scale bar: 1 μm (Edgar
1983, reprinted with permisssion from Protoplasma). (e) SEM of Amphora sp. showing mucilage
strands (arrowheads) attaching the cell to the substratum, cp central pores of the raphe. Scale bar:
1 μm (Webster et al. 1985, reprinted with permission from Cytoskeleton)
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Nitzschia navis-varingica cell wall is not covered in mucilage, some regions are
covered in a network of long strands (Fig. 5a–c) (Higgins et al. 2003b). Until now,
direct AFM imaging of the raphe adhesive strands has not been possible due to their
high mobility and strong adhesion to the cantilever tips. AFM force curve
measurements of raphe secreted mucilage strands revealed self-healing properties
and higher detachment forces compared to the cell coating (e.g., for C. australis:
Fmax ¼ 3.2 � 1.9 nN vs 0.2 � 9E-03 nN) (Chiovitti et al. 2006; Dugdale et al.
2006a, b; Higgins et al. 2003a). When the AFM cantilever tip was brought into
contact with the raphe-associated mucilage strands and then retracted until the force
caused the strands to detach, multiple peaks in the force-distance plot were observed
(“sawtooth pattern”; Fig. 5d). The sawtooth pattern was interpreted as the unfolding
of adhesive domains or breakage of sacrificial bonds within or between the mucilage
strands (Gebeshuber et al. 2002; Higgins et al. 2003a; Molino et al. 2006). Utilizing
a “fly-fishing” technique, where the AFM cantilever tip is hovered above the diatoms
cell surface until an interaction with the most protruding strand is recorded, has
enabled measurement of the physical properties of individual P. tricornutum adhe-
sive strands. From the obtained data, it was suggested that individual adhesive
strands are composed of modular proteins with domains of 336 amino acids that
unfold successively as the cantilever tip is retracted (Dugdale et al. 2006b).

2.2 Diatom Trails

As diatom cells glide across a substratum, they deposit behind them mucilage
secretions, termed “diatom trails.” The trails are believed to be the remnants of the
adhesive material that provides the traction for cell movement that have been shed
from the distal end of a moving cell. These trails have first been visualized indirectly
using light microscopy by the adsorption of particles (e.g., charcoal, silica, or
polystyrene microbeads) and various more or less specific histochemical stains.
The latter indicated the presence of polyanionic compounds, such as carbohydrates
and proteins (Daniel et al. 1987; Molino and Wetherbee 2008; Poulsen et al. 2014;

Fig. 5 AFM imaging and force spectroscopy. (a–c) Tapping mode height images of the mucilage
cell coating from (a) C. australis. Scale bar: 2.5 μm (b) P. viridis. Scale bar: 2.5 μm and (c)
Nitzschia navis-varingica. Scale bar: 1 μm (Higgins et al. 2003b, reprinted with permission from the
Journal of Phycology). (d) Force versus separation curves recorded from the surface of stationary
ovoid P. tricornutum cells representing adhesive nanofibers (top) and a single modular protein
(bottom) (Dugdale et al. 2006b, reprinted with permission from the Biophysical Journal)
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Wigglesworth-Cooksey and Cooksey 2005) (Fig. 6). More recently, diatom trails
have been imaged directly by AFM, which is challenging as the material is
extremely soft, strongly adhesive, and is easily dislocated as it sticks to the cantilever
tip upon contact, thereby leading to imaging artifacts. Native hydrated adhesive
material deposited by a Pinnularia sp. was imaged using contact and fluid tapping
modes, revealing the presence of trails with a width of 2–3 μm, which formed
continuous, swollen rounded structures up to 300 nm high that smeared during
imaging (Higgins et al. 2000). After dehydration the trails could be easily visualized
(Chen et al. 2019) (Fig. 6a); however, they are greatly reduced in width (1–1.5 μm)
(Higgins et al. 2000), which highlights the importance of imaging diatom EPS
structures in their native, hydrated form.

Fig. 6 (a) AFM 3D topography image of a dehydrated trail from Navicula sp. (Chen et al. 2019,
reprinted with Creative Commons license permission). (b) Diatom trails (arrows) from
A. coffeaeformis stained with FITC-concanavalin A. Scale bar: 50 μm (Wigglesworth-Cooksey
and Cooksey 2005, reprinted with permission from Applied Environmenal Microbiology). (c)
C. australis stained with the fucose-specific lectin AAL-FITC. Scale bar: 10 μm (Neu and Kuhlicke
2017, reprinted with Creative Commons license permission). (d) Immunofluorescence labeling of
C. australis trails (arrows) with the monoclonal antibody StF.H4. Scale bar: 20 μm (Lind et al.
1997, reprinted with permission from Planta). (e) A. coffeaeformis trails stained with the dye Stains
All. Scale bar: 20 μm. (Poulsen, unpublished) (f) A. coffeaeformis trail labelled with anti-Ac629
antibodies. Scale bar: 10 μm (Lachnit et al. 2019, reprinted with permission from the Philosophical
Royal Society B Biological Sciences)
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2.3 Molecular Composition of Diatom Adhesives Involved in Cell
Motility

The biochemical isolation and characterization of the diatom adhesives is very
challenging as they are very sticky and difficult to separate from the intact cells.
Therefore, many studies have used indirect observations (e.g., lectin and chemical
staining) and although the precise molecular composition of the adhesives involved
in diatom motility remains to be determined, evidence suggests that they are largely
composed of complex, anionic polysaccharides and a smaller amount of protein
(Bahulikar and Kroth 2007; Chiovitti et al. 2003, 2008; Daniel et al. 1980, 1987;
Lachnit et al. 2019; Lewin 1958; Lind et al. 1997; Poulsen et al. 2014; Willis et al.
2014; Wustman et al. 1997, 1998) (Fig. 6). The monosaccharide composition has
been investigated using fluorescently tagged lectins, which are carbohydrate-binding
proteins highly specific for certain types of sugars. Using a library of 88 lectins, it
was revealed that the fucose-binding lectin AAL recognizes trails secreted by all
seven diatoms tested and the β-N-acetyl glucosamine–binding lectin, LEA
recognized material from six of the seven species (Neu and Kuhlicke 2017). For
44 of the other 86 lectins, the trails of each species displayed different recognition
patterns, suggesting that there is a wide variety in the composition of diatom EPS.
However, some caution must be taken when analyzing these results as the experi-
mental setup and processing can influence the specificity of the lectin binding. For
example, in one study, the diatom A. coffeaeformis tested negative for concanavalin
A (binds to α-glucose, α-mannose, and α-N-acetyl glucosamine) (Neu and Kuhlicke
2017) and positive in another (Wigglesworth-Cooksey and Cooksey 2005). Immu-
nofluorescence studies using monoclonal antibodies raised against cell wall–
associated glycoproteins from C. australis labeled both the cell walls and trails
deposited by moving cells (Fig. 6d) (Lind et al. 1997). Subsequent studies revealed
that these antibodies were specific to the carbohydrate moieties rather than the
protein backbone (Chiovitti et al. 2003). The chemical structure of the carbohydrate
epitope recognized by the monoclonal antibodies remains unknown.

Recently, a method was developed that allowed for the isolation of the diatom
trail material, and biochemical analysis of the trails from A. coffeaeformis and
C. australis that revealed the predominance of carbohydrates (~70%) over proteins
(~30%) (Poulsen et al. 2014). The carbohydrates were dominated by uronic acids
and the proteins by hydrophilic amino acids including the rare 2,3-cis-3,4-trans-
dihydroxy-L-proline. This analysis provided the first direct evidence of proteins in
the adhesive trails (Poulsen et al. 2014). A subsequent proteomics analysis of the
adhesive trails from A. coffeaeformis identified 21 proteins of which 13 are diatom-
specific proteins of unknown function and the remaining eight proteins share
features with adhesive proteins in other organisms (i.e., fasciclin, choice-of-
anchor A, PTS-rich, von Willebrand-D). Immunolocalization of some of these
proteins has confirmed their presence in the adhesive trails, but their function in
cell adhesion and/or motility is not yet known (Fig. 6f) (Lachnit et al. 2019). In
P. tricornutum, ten putative cell-substratum adhesion molecules (PDCs)
were identified using a bioinformatics screen based on the similarity of their
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amino-acid composition to known cell adhesion molecules (CAMs) rather than
sequence homology (Willis et al. 2014). Transgenic cell lines overexpressing three
of the PDCs as GFP-tagged fusions proteins displayed increased cell adhesion to
glass and increased adhesion events when the cells were probed using the AFM,
suggesting that these proteins play a role in cell adhesion. None of these proteins
have been localized at the raphe or the adhesive trails, and thus, it is still unclear
whether they play a direct or indirect role in cell adhesion.

2.4 Biofilm Formation

In sunlit habitats, microbial biofilms are rapidly formed on submerged biotic and
abiotic surfaces. Such biofilms are greenish-brown mucous layers composed of
mixed microbiota communities dominated by bacteria, diatoms, fungi, unicellular
algae, and protozoa (Fig. 7). The unique spectral emission signatures for different
algal groups (i.e., cyanobacteria, green algae, and diatoms) allow for the specific
mapping of species within the 3D biofilm community (Larson and Passy 2005)
(Fig. 7c). In situ confocal laser scanning microscopy (CLSM) combined with
microfluidic flow-cells systems for real-time imaging over extended durations has
revealed the dynamics and growth of diatom biofilms (Bellinger et al. 2005; Larson
and Passy 2005; Le Norcy et al. 2019; Rogers et al. 2010) (Fig. 7e–h). The biofilm
communities reside within a 3D mucilaginous matrix of EPS that provides protection
against environmental stresses (e.g., changes in temperature, pH, and salinity) and
predators but also allows for nutrient sequestration and cell-cell communication
(Molino and Wetherbee 2008; Stal 2010; Underwood 2010). A high production of
biofilm EPS correlates with exposure to sunlight, nutrient limitation, and when cells
transition from exponential growth into stationary phase (McConville et al. 1999;
Smith and Underwood 1998; Staats et al. 2000a, b; Underwood 2010). Intertidal
biofilm communities have many beneficial ecological roles. They stabilize benthic
habitats by consolidating soft sediments, thus preventing erosion; they are an
important carbon source for benthic organisms and are involved in nutrient cycling
(de Brouwer et al. 2005; Kriwy and Uthicke 2011; Moss et al. 2006; Stal 2010). On
the other hand, their attachment to man-made surfaces poses significant problems to
maritime transport, aquaculture, and other aquatic industries. The formation of thick
biofilm slimes on ship hulls increases frictional drag and fuel consumption by up to
18%, resulting in substantial worldwide economic losses (Schultz et al. 2011). Since
the global ban on toxic antifouling coatings (e.g., tributyltin), there has been a
demand to develop environmentally friendly, advanced antifouling surfaces to
prevent the accumulation of microbial mass (Callow and Callow 2011).

Biofilm EPS is composed of up to 90% of polysaccharides, with the remainder
being (glyco)proteins, nucleic acids, and lipids (Hoagland et al. 1993; Underwood
2010; Villacorte et al. 2015) (Fig. 7d). Determining the precise molecular composi-
tion of biofilms is extremely difficult as it is experimentally challenging to separate
the gelatinous EPS matrix from intact cells. This has sometimes led to the incorrect
assignment of intracellular components to the EPS (Chiovitti et al. 2004). In situ
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approaches using fluorescently labeled lectins revealed the distribution of some
specific glycoconjugates within the biofilm matrix (Fig. 7d) (Bahulikar and Kroth
2007; Neu and Kuhlicke 2017; Stal 2010; Wigglesworth-Cooksey and Cooksey
2005; Willis et al. 2013). Studies on the composition of biofilm EPS generally
distinguish between three different fractions: (1) soluble, colloidal EPS, (2) loosely
bound EPS, and (3) cell-bound EPS (de Brouwer and Stal 2002; Underwood 2010).
The “soluble, colloidal fraction” is composed of mono-, oligo-, and polysaccharides
(Underwood 2010). Monosaccharide analysis of the fractionated soluble biofilm
EPS revealed that it contains high amounts of sulfate, uronic acids, and numerous
other species-specific sugars such as galactose, fucose, mannose, xylose, and rham-
nose (de Brouwer and Stal 2002; McConville et al. 1999; Staats et al. 1999;
Underwood et al. 2004). The loosely and tightly cell-bound EPS are also dominated
by the presence of complex carbohydrates (de Brouwer and Stal 2002; Staats et al.
2000b; Underwood 2010). However, care must be taken with the assignment of
these fractions to the biofilm EPS as the techniques used may also extract intracellu-
lar components and cell-wall-associated material that are not components of the
biofilm EPS (Chiovitti et al. 2004; Underwood 2010). Until now, the identity of

Fig. 7 (a) Diatom biofilm on muddy intertidal sediment of the Westerscheldt (Netherlands) (Stal
2010, reprinted with permission from Ecological Engineering). (b) Surface view of a species-rich
biofilm dominated by Pleurosigma and Gyrosigma visualized by LTSEM. Scale bar: 100 μm
(Underwood et al. 2005, reprinted with permission from Limnology and Oceanography). (c)
CLSM image of a mixed community obtained by spectral separation and 3D reconstruction.
Cyanobacteria (blue), green algae (green), and diatoms (red). Scale bar: 20 μm (Larson and Passy
2005, reprinted with permission from the Journal of Phycology). (d) Triple-labeled confocal images
of different biofilms showing the distribution of nucleic acids (green), lipids (red), and
polysaccharides (blue) labeled with N-acetylglucosamine- and N-acetyllactosamine-sensitive
lectins. Scale bar: 10 μm (Lawrence et al. 2003, reprinted with permission from Applied Environ-
mental Microbiology). (e–h) CLSM imaging of biofilm formation by C. closterium imaged by
capturing the natural autofluorescence of chlorophyll (λexcitation ¼ 633 nm, λemission = 638–720 nm)
(e) 48 h, (f) 72 h, (g) 96 h, (h) 120 h (Le Norcy et al. 2019, reprinted with permission from
International Biodeterioration and Biodegradation)
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biofilm-specific proteins remains unknown. However, it seems possible that the
adhesive trail proteins recently described from A. coffeaeformis may also play a
role in biofilm formation (Lachnit et al. 2019).

Polar sea ice covers up to 13% of the world’s surface and is a highly productive
ecosystem, with an algal community dominated by diatoms thriving at the ice/water
interface. EPS production by these psychrophilic diatoms alters the sea ice morphol-
ogy and is thought to help the diatoms survive in these harsh conditions, which can
drop below temperatures of �20 �C and reach a salinity above 20% (Underwood
et al. 2010). Fragilariopsis cylindrus is prominently associated with Antarctic sea
ice and is a model diatom species for studying their adaptation and response to this
cold environment (Mock et al. 2017). Recently, the structural complexity of the
F. cylindrus EPS was shown to increase at lower temperatures and higher salinities,
which is believed to allow them to survive in their highly variable and extreme
environment and has been linked to a reprogramming of the metabolic pathways
involved in EPS production (Aslam et al. 2018).

To understand the interactions between diatoms and bacteria within a biofilm,
mono- and multispecies biofilms have been cultured. This revealed that some species
are able to coexist, whereas others can prevent biofilm formation, suggesting that
there is competition and niche differentiation between some species (Buhmann et al.
2016; Doiron et al. 2012; Koedooder et al. 2019; Windler et al. 2015). For example,
while some bacterial species produce vitamins beneficial for auxotrophic diatoms,
others produce algicidal metabolites that induce diatom cell lysis (Croft et al. 2005;
Paul and Pohnert 2011). A pronounced impact of bacteria on the biofilm-forming
diatom Achnanthidium minutissimum was the production of an extracellular capsule
that increased cell aggregation and attachment, whereas axenic diatom cultures grow
in suspension (Windler et al. 2015).

2.5 Sessile Attachment

Some diatoms are capable of sessile adhesion, wherein the cell will attach perma-
nently to a single position through the formation of adhesive pads, tubes, and stalks
(Fig. 8) (Hoagland et al. 1993; Wang et al. 1997). Depending on the species and
whether they are raphid, araphid, or centric diatoms, these adhesives structures are
secreted from different cell wall structures such as the raphe, mantle edges, or pores
in the apical end of the cell wall (Hoagland et al. 1993). Relative to motile cells,
sessile diatoms are generally more strongly and flexibly attached to their substratum
and are less likely to be detached by physical disruptions such as water currents.

The best studied sessile adhesive materials are the stalks produced by the raphid
diatom Achnanthes longipes, which is capable of active motility but often transitions
to a sessile lifestyle. Stalk formation is believed to be triggered by overcrowding due
to high cell density, because it enables the cells to rise above the underlying biofilm
(Fig. 8) (Wang et al. 1997, 2000). The stalks are organized into three distinct regions
that differ both in structure and composition (1) a surface attached pad, (2) a collar
linked to the frustule via a terminal nodule or apical pore, and (3) a shaft between the
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cell and substratum (Daniel et al. 1987; Wang et al. 1997, 2000). The shaft of the
stalk has a multilayer structure with a central ribbon of densely packed fibers, a
surrounding diffuse layer, and an outermost layer. It was suggested that the central
core region of the stalk is related to the adhesive used for cell motility and is secreted
from the apical pore (Wustman et al. 1998). The autofluorescence of the stalks under
UV light (>360 nm) suggests that the polymers are cross-linked by phenolic
compounds (e.g., dityrosine, ferulic acid) (Wustman et al. 1997). Monosaccharide
analysis and lectin labeling indicate that all regions of the stalk are composed largely
of carbohydrates with a small amount of proteins. The adhesive pad contains
substantial amounts of glucuronic acid (GlcA) and fucose (Fuc), the outer layer
contains GlcA, Fuc and Galactose, and the inner core contains highly sulfated
fucoglucuronogalactans (FGGs) (Wang et al. 1997; Wustman et al. 1998).

The benthic centric diatom Toxarium undulatum adheres to surfaces via secretion
of an adhesive pad from their valve poles that is composed of protein, carbohydrate,
sulfate, calcium, and magnesium (Chiovitti et al. 2008; Dugdale et al. 2006a). The

Fig. 8 A. longipes sessile adhesives (a) Cryo-SEM of the stalk composed of collar, shaft, and pad.
Scale bar: 10 μm (Wang et al. 2000, reprinted with permission from the Journal of Phycology). (b)
Model of the multilayer shaft composition (Wustman et al. 1998, reprinted with permission from
Plant Physiology). (c) A colony of Encyonema sp. cells residing within a tube structure (image
courtesy of Chris Carter)
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Ca2+ and Mg2+ ions are believed to be important for noncovalent cross-linking of the
constituent biopolymers, because EDTA treatment resulted in a lack of the typical
sawtooth pattern observed in the AFM force curves prior to EDTA treatment
(Chiovitti et al. 2008; Dugdale et al. 2006a). Monosaccharide analysis of the
adhesive pads revealed the presence of eleven neutral sugars with mannose and
xylose, accounting for 79 mol%. EDTA extraction of the adhesive pads released an
anionic high-molecular-weight (glyco) protein (>220 kDa). However, until now, the
sequence of this protein remains unknown.

A very curious form of sessile diatom adhesion is the production of a hollow tube
structure, within which colonies of motile cells reside (Houpt 1994) (Fig. 8c). These
tubes can be several centimeters long and are composed predominantly of
mucopolysaccharides (Bahulikar and Kroth 2007; Drum 1969; Lewin 1958). The
tubes of Cymbella caespitosa were stained by the lectins ConA and PSA, indicating
the presence of mannose and glucose moieties (Bahulikar and Kroth 2007). Tube
formation is initiated by a single cell through the secretion of mucus from pores in
the girdle band. Vegetative reproduction of the cell takes place once the tube reaches
a length several times longer than the cell, and this results in the tube gradually filling
up with cells that are able to move back and forth within the tube.

The invasive colonial freshwater diatom Didymosphenia, commonly known as
rock snot, produces massive amounts of thick mats that are able to cover an entire
river bed with a thickness greater than 20 cm (Spaulding and Elwell 2007). Even
though the diatoms themselves are not considered harmful, these mats can cause a
considerable negative impact on human activities as a result of their alteration of the
natural ecosystem and the ability to alter the food web (Spaulding and Elwell 2007).
It is not the cells themselves that cause the nuisance, but rather their massive
production of extracellular stalks. These mats are largely composed of extracellular
sulfated polysaccharide filaments and a smaller amount of proteins (Figueroa et al.
2020; Gretz 2008; Whitton et al. 2009).

3 Conclusion

For more than 200 years, diatom adhesion and motility has fascinated biologists and
while some clues to the molecular mechanism have been gained, there are still many
unanswered questions. Even today, there still exists a number of different hypotheses
to explain this unique mode of cell motility (Edgar and Pickett-Heaps 1984; Gordon
1987; Wang et al. 2013). The most accepted hypothesis by Edgar and Pickett-Heaps,
which argues for an adhesion/motility complex composed of a continuum of
biomolecules spanning from the raphe-associated actin cables to the adhesive
molecules, is still lacking direct confirmation. Future molecular and functional
genetic studies are necessary to answer these questions, which will require the
development of model systems to study diatom motility and adhesion. Although
P. tricornutum has for many years served as a model pennate diatom for molecular
research, it is not the most suitable species for studies on diatom motility as cells
exhibit rather low motility and often only a small percentage of cells within a
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population are motile as they switch between planktonic and benthic morphotypes.
Therefore, recent and upcoming genome and transcriptome sequencing projects will
inevitably expand the number of raphid pennate species that are suitable for molec-
ular genetic studies and shed light on the molecular mechanism of motility.
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