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Preface

Lignocellulosic biorefinery has gained much attention worldwide as a potential 
solution to reduce our dependence on fossil energy, decrease greenhouse gas emis-
sion, and eventually mitigate climate change. However, there are still some techni-
cal barriers in developing a competitive biorefinery industry. As intrinsic recalcitrance 
of lignocellulose associates with the presence of lignin-carbohydrate complex 
(LCC), it has been recognized that the sustainability and profitability of biorefiner-
ies highly depended on deconstructing LCC and valorizing both carbohydrate and 
lignin polymer of the plant cell wall to produce biofuels and value-added commodi-
ties. Biorefinery involves several technologies and processes to fractionate lignocel-
lulose into primary building blocks—cellulose, hemicellulose, and lignin, which 
could be further converted to biofuels, chemicals, and materials. To improve bio-
economy in a biorefinery concept, it is necessary to develop the integrated conver-
sion processes including pretreatment, saccharification, fermentation, and lignin 
valorization.

This book has thereby summarized the emerging technologies of biorefining, 
biofuel, and value-added commodities, which have potential to make biorefineries 
economically and environmentally sustainable. Chapter 1 presents the challenges 
and perspectives of biorefineries along with basic concepts. Chapters 2, 3, 4, 5 and 
6 focus on the leading and emerging pretreatment technology for deconstructing 
LCC. Chapters 7, 8, 9 and 10 give a detailed summary of the advanced saccharifi-
cation and fermentation technology. Chapters 11, 12, 13, 14 and 15 introduce the 
emerging lignin valorization technologies to valuable co-products of biorefineries. 
These chapters have been organized from the viewpoint of process engineering, 
product engineering, material science, bioconversion, and systems and synthetic 
biology. The above information could provide comprehensive understanding of 
lignocellulosic biorefinery and a directional guidance of advance biorefinery sce-
nario design.
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Overall, this book could have a broad impact in the fields of biorefining, biofuel, 
bio-based products, biomaterials, environmental waste utilization, biotechnology, 
industrial engineering, and others. Authors offer a few commonplace remarks by 
way of introduction in the hope that others may come up with valuable opinions for 
the better development of biorefinery industry.

Tianjin, China Zhi-Hua Liu
April 2021

Preface
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Chapter 1
Challenges and Perspectives  
of Biorefineries

Zhi-Hua Liu

1.1  Introduction

Increased demand for energy, shortage of petroleum sources, and change in global 
climate are the three main challenging issues hindering the sustainable development 
of society across the world [1–4]. To solve these problems and address the societal 
needs, it is urgent to develop alternative, sustainable, and cheap energy sources to 
displace fossil fuel and products. Lignocellulosic biomass (LCB) mainly containing 
cellulose, hemicellulose, and lignin is a carbon-neutral renewable resource on earth 
[5–7]. LCB has been recognized as a potential energy resource of mixed sugars and 
aromatics for conversion to biofuels, and chemicals and materials (Fig. 1.1) [1, 8–
11]. The enhanced utilization of LCB holds many potential advantages for reducing 
the greenhouse gas emissions and meeting the energy demand and the societal needs.

First of all, a wide variety of LCB, mainly including agricultural residues (e.g., 
corn cobs, wheat straw), energy crops (e.g., switchgrass, sweet sorghum, sugarcane 
bagasse), and forestry residues (e.g., spruce trees, lopping wastes), can be used as 
feasible feedstock for the production of bio-based products. LCB is produced 
through photosynthesis, by which light energy is converted to chemical energy and 
CO2 is stored in the form of carbohydrates. A yearly production of LCB is about 
2.0 × 1011 tons, which is about ten times the world usage [12], while more than 1.3 
billion tons of agricultural and forestry residues could be produced annually alone 
in the United States [7, 13]. LCB has multicomponent and macromolecular 
characteristics, which makes it as a potential feedstock for the production of various 
bio-based products (Fig. 1.1). Besides those, lignin in LCB is the largest renewable 
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aromatic carbon source and the world’s second abundant terrestrial polymer after 
cellulose [1, 5, 14]. Lignin represents a potential source for the production of 
biofuels, chemicals, and materials [8–10, 15–17]. Biofuels derived from renewable 
LCB can be used for the generation of thermal energy and offer a key solution to the 
current challenge in energy. Across the full life cycle, biofuels can be carbon neutral, 
which is beneficial for reducing greenhouse gas emissions [14, 18]. Overall, LCB is 
widely recognized as a potential renewable and alternative feedstock for the 
production of biofuels and high-value bioproducts.

1.2  Intrinsic Properties of Lignocellulosic Biomass (LCB)

In the past few decades, although breakthroughs have provided a foundation and 
potential for efficient utilization of LCB, biorefinery to biofuels and bio-based 
products is yet to be fully commercialized [16, 17, 19]. Several issues still hinder 
the industrial implementation of biorefinery, which need to be addressed to enhance 

Fig. 1.1 Lignocellulosic biomass used as renewable sources for biofuels, chemicals, and materials

Z.-H. Liu



3

the yields and properties of targeted products and reduce the process capital cost 
toward commercial relevance. One of the most significant challenges is how to 
overcome the intrinsic properties of LCB for maximizing the output and improving 
the purity of multicomponents for their high-value utilization.

LCB has multicomponent and macromolecular characteristics and is generally 
composed of cellulose, hemicellulose, lignin, protein, ash, extractives, and others 
(Fig.  1.1) [20–25]. The three main polymers in cell wall form a large and very 
intricate three-dimensional (3D) lignin-carbohydrate complex (LCC) structure by 
intertwining with each other in a different degree.

Cellulose (30–50% of LCB) is the main constituent of plant cell wall of LCB. It 
is a polymer of β-D-glucopyranose linked together by β-(1, 4) glycosidic bonds, 
which is unbranched and homopolymer and has a crystalline structure [23–25]. The 
disaccharide cellobiose is used as the repeating unit to form the cellulose chain, 
which is grouped together to form microfibrils and hence cellulose fibers [26]. 
Hemicellulose (20–40% of LCB) is another most abundant sugar polymer, which 
locates in secondary cell walls. It has a lower molecular weight compared with 
cellulose. In many LCB, it is heteropolysaccharide with backbone chains of β-1,4- 
linked β-D-xylopyranose units and is composed of mainly pentoses (xylose and 
arabinose) and hexoses (glucose, mannose, and galactose) [27]. Unlike cellulose, 
hemicellulose has side chain branching and is an inhomogeneous polymer. Among 
the key compositions of LCB, hemicellulose is the most thermo-chemically sensitive 
and easily degraded into by-products in pretreatment with higher severity parameters 
[28]. Lignin (15–25% of LCB) is aromatic polymer with an amorphous heterogeneous 
network of phenyl propane units consisting primarily of syringyl, guaiacyl, and 
p-hydroxy phenol and presents mainly in secondarily thickened plant cell walls [5, 
29]. Lignin is generally considered as the “glue,” by which the different components 
of LCB are bound together [26]. Multicompositions and macromolecules are two of 
the intrinsic characteristics of LCB. Isolation of cellulose, hemicellulose, and lignin 
singly and/or completely, for single bio-based product production, would consume 
much more solvent and high energy. This situation is also contrary to the principle 
of energy conservation and should be economically unfeasible. Taking petroleum 
refinery as an example, in order to achieve high economic efficiency, it never 
produces a single product, but produces multiple products due to the fact that a 
single product production will have high risks and poor performance in the face of 
market fluctuations [30]. Based on the multicompositions and macromolecules, 
biorefining of LCB to produce multiple products such as ethanol, materials, and 
chemicals has become a dynamic research area, which will lead to improved 
economic feasibility of biorefinery.

During its evolution, the plant biomass has evolved complex rigid and compact 
structure to protect its structural components from attack and degradation by 
microbes and chemicals. These structural and chemical mechanisms for resisting 
the degradation of LCB are known as “biomass recalcitrance” [7, 31–34], which is 
mainly constructed by following key factors: (1) the complex tissue or organ 
structure of the LCB; (2) the arrangement, density, and size of the vascular bundles; 
(3) 3D spatial network as a protective matrix polymer at the cell-wall level; (4) the 

1 Challenges and Perspectives of Biorefineries
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complexity of the multiple cell-wall constituents; (5) the type of lignin and the 
degree of lignification; (6) the properties of the cellulose macromolecules (e.g., 
crystallinity and degree of polymerization) at the molecular level; and (7) the 
compositional and structural barriers generated during the conversion process. 
Another intrinsic characteristic of LCB is the heterogeneity, which is mostly 
constructed by various morphological fractions and tissues, the complexes of cell- 
wall constituents, and the multiple monomers of polymers [35, 36]. In biorefinery, 
these intrinsic physicochemical features of LCB create mass-transport limitations 
and affect liquid penetration and/or enzyme accessibility and activity in the 
fractionation, purification, and conversion of LCB.  Therefore, these intrinsic 
properties of LCB constitute the barriers in biorefinery and thus contribute to the 
high costs of the process. Due to these complex structures, there is still a substantial 
knowledge gap in understanding of intrinsic properties and their relationship with 
the conversion of LCB.  Thus, the comprehensive understanding of intrinsic 
properties and effective technologies to modify LCB and overcome these limitations 
are needed and necessary for achieving sustainable production of bio-based products 
from LCB in biorefinery.

1.3  Emerging Pretreatment Technologies

To overcome the complex heterogeneous structure and recalcitrance of LCB to 
release the monosaccharides, the pretreatment of LCB needs to be carried out for 
biomass utilization [13, 23, 37]. The aim of the pretreatment is to remove the 
physical and chemical impediments that hinder the subsequent enzymatic hydrolysis, 
and thus to convert the complex LCB into simple components such as cellulose, 
hemicellulose, and lignin and increase the productivity of monosaccharides. 
Pretreatment is one of the most important units in the conversion of LCB, which 
currently presents the most critical challenge and determines the capital cost of the 
process [37, 38]. Over the past few decades, various pretreatments such as physical, 
chemical, physicochemical, or biological methods have been developed and 
evaluated to deconstruct different kinds of LCB for subsequent conversion [26, 31, 
36–43]. Although some of these approaches have successfully made the transition 
from lab-scale platform to the industrial demonstration, significant challenges to 
pretreatment still remain. Each conventional pretreatment approach has its own 
specific advantages and disadvantages, which are summarized in Table  1.1. For 
example, physical pretreatment generally requires high amount of energy and leads 
to low enzymatic hydrolysis yield, which will affect its feasibility and cost- 
effectiveness. Most of chemical pretreatment approaches employ excessive amount 
of expensive and hazardous chemicals, which are environmentally unfriendly and 
may result in the corrosion of equipment. Biological pretreatment can be carried out 
at mild pretreatment conditions and is environmentally friendly, but it needs long 
processing time and generally obtains low yields of sugars.

Z.-H. Liu
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Pretreatment should be simple, eco-friendly, cost-effective, and economically 
feasible. An effective pretreatment must comprehensively considerate various 
situations to facilitate the LCB utilization and reduce the process costs. Generally, 
main objectives of an effective pretreatment include the following aspects [13, 23, 
26, 44]:

 1. Increase the accessible surface area (ASA) of the carbohydrates to enzymes.
 2. Improve the sugar yields in the subsequent enzymatic hydrolysis.
 3. Preserve the hemicellulose and reduce the degradation of the carbohydrates.
 4. Limit the generation of inhibitors for hydrolysis and fermentation.
 5. Consider the lignin reactivity and yield.
 6. Ensure reasonable operational conditions such as operating pressure, tempera-

ture, and residence time.
 7. Minimize the need of chemicals and avoid the corrosion of equipment.
 8. Employ green solvent and consider its cost, safety, and recovery.
 9. Reduce energy demands and equipment costs.
 10. Minimize the process costs.

Besides these conventional pretreatment approaches, various emerging technolo-
gies of the pretreatment, including combinatorial pretreatment, deep eutectic sol-
vents, supercritical fluids, ionic liquids, and microwave irradiation, have been 
developed and investigated to deconstruct the conversion of LCB in recent years 
[44–50]. These innovative emerging pretreatment approaches hold great promise of 
being feasible, cost-effective, and commercialized in the future. However, these 
technologies are still limited to the lab-scale production of biofuels and bio-based 
products. Comparative performance of these emerging pretreatment technologies 
on different LCBs has also not been fully evaluated. The feasibility of emerging 
pretreatment technologies is generally limited by the high capital cost of process 
operation and equipment employed. Further, for industrial application of the emerg-
ing pretreatment technologies in biorefinery, green, simplified, and eco- friendly 
technology solutions are needed to meet the challenges in the pretreatment of LCB 
and thus to the large-scale industrial production requirements in a sustainable way 
(Table 1.2).

1.4  Enzymatic Hydrolysis Technologies

Enzymatic hydrolysis is a process that is employed to convert pretreated LCB to 
produce glucose from cellulose, and xylose, arabinose, mannose, and galactose 
from hemicellulose. Cellulases involved in the enzymatic hydrolysis process are 
multiple enzyme systems, usually including endoglucanase, cellobiohydrolase, and 
β-glucosidase [51, 52]. Endoglucanase can attack the low-crystallinity region of the 
cellulose fiber and create free chain-ends. Cellobiohydrolase can degrade the free 
cellulose chain to release cellobiose units. β-glucosidase can hydrolyze cellobiose 
to generate glucose. Additionally, various ancillary enzymes also involve in the 

1 Challenges and Perspectives of Biorefineries
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enzymatic hydrolysis process to attack hemicelluloses, including xylanase, 
β-xylosidase, galactomannanase, glucuronidase, and glucomannanase. All of these 
types of enzymes synergistically hydrolyze complex cellulose and hemicellulose to 
free sugars in enzymatic hydrolysis.

Despite the progresses, there are still several factors affecting the enzymatic 
hydrolysis performance, mainly relating to the properties of pretreated solids, the 
cost of enzymes, inhibitory effect, and hydrolysis conditions [36, 53–55]. For 
example, each pretreatment with its unique feature deconstructs the LCB, alters the 
accessible surface area (ASA) of carbohydrate to enzymes, and thus defines the 
hydrolysis performance [32, 36, 56]. The changes in ASA by pretreatment are 
generally related to several factors, including the removal of chemical composition 
(hemicelluloses, lignin, acetyl group, and pectin), the change in cellulose structure 
(crystallinity and degree of polymerization), and the modification of porous structure 
(pore size and volume, particle size, and specific surface area) [32, 33, 57–59]. To 
enhance the hydrolysis performance, the synergistic effects of these factors are 
needed to be understood and innovative technologies should be designed and 
developed to eliminate the barriers of biomass recalcitrance and improve the ASA 
of carbohydrate to enzymes.

Another factor determining the hydrolysis performance is the solid substrate 
content, which will obviously affect the economic feasibility of the conversion of 
LCB [53, 60–62]. To make a feasible conversion process, more than 4% ethanol 
concentration is needed by increasing the product titer, improving the utilization 
efficiency of equipment, and reducing the capital cost of the process. Correspondingly, 
the initial solid loading and sugar levels should be more than 20% and 8%, 
respectively. Enzymatic hydrolysis carried out at more than 15% solid loading is 
generally called high solid enzymatic hydrolysis. It offers many advantages, 
including low energy input, high overall productivity, low water consumption, and 
low operating costs, and thus shows a potential for the industrial application [61–
63]. However, several technical challenges, including insufficient mass and heat 
transfer, inhibition effects, water constraint, change in rheological characteristics, 
and difficulty with handling, hinder the industrial implementation of high solid 
enzymatic hydrolysis [60–62, 64, 65]. Therefore, various emerging strategies are 
needed to overcome these limitations and improve the performance and sustainability 
of high solid enzymatic hydrolysis [66–68]. For example, fed-batch operation mode 
shows the advantages of reducing the initial viscosity of the system and maintaining 
a lot of free water, which are helpful for the reduction of inhibition effect and the 
improvement of the diffusion and mixing limitations. Novel reactor systems and 
process intensification approaches have shown great promise for improving the 
performance of high solid enzymatic hydrolysis and the feasibility of LCB 
conversion [60–62, 64, 65].

Besides these, inhibitory effect is one of the most important factors determining 
the enzymatic hydrolysis performance [69–71]. One of the inhibitory effects is end- 
product feedback inhibition of cellulase activity [72, 73]. For example, cellulase 
activity is inhibited by cellobiose produced in enzymatic hydrolysis. Several 
strategies have been evaluated to remove the feedback inhibition, such as the 

1 Challenges and Perspectives of Biorefineries
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supplementation of β-glucosidases, the use of high enzyme loading, and the removal 
of sugars during enzymatic hydrolysis. Previous studies also confirmed that lignin 
in pretreated LCB restricts the enzymatic hydrolysis due to the physical prevention 
of the enzymes to access the carbohydrates and the nonproductive adsorption of 
enzymes onto the lignin surface [59, 71, 74, 75]. The main inhibitory mechanism of 
lignin on enzymes needs to be comprehensively understood and effective strategies 
are required to remove the inhibitory effect of lignin for enhancing the enzymatic 
hydrolysis performance.

Overall, to improve the productivity of monosaccharides from carbohydrates in 
the enzymatic hydrolysis, studies are required to focus on improving the accessibility 
of LCB to enzymes, reducing the enzyme cost, removing the inhibitory effect, 
optimizing the hydrolysis process, and developing novel strategies.

1.5  Fermentation Technologies

Fermentation in the LCB conversion process is employed to convert the monosac-
charides in hydrolysate released from cellulose and hemicelluloses into biofuels 
(e.g., ethanol, butanol, acetone, isobutanol, and lipids) and other bio-based products 
(e.g., organic acids) via yeasts or bacteria. Figure 1.2 shows the several biological 
conversion process strategies of LCB, including separate hydrolysis and fermenta-
tion (SHF), simultaneous saccharification and fermentation (SSF); simultaneous 
saccharification and co-fermentation (SScF), and consolidated bioprocess (CBP). 
The fermentation capacity of hemicellulose sugars, the inhibitory effect of degrada-
tion products from pretreatment, the properties of pretreated LCB, and the fermen-
tation conditions define the fermentation performance of LCB to high-value 
products [62, 67, 76–78].

Fig. 1.2 Biological conversion process of lignocellulosic biomass (LCB). SHF separate hydroly-
sis and fermentation; SSF simultaneous saccharification and fermentation; SScF simultaneous sac-
charification and co-fermentation; CBP consolidated bioprocess

Z.-H. Liu
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The complete co-fermentation of hexose and pentose sugars to produce biofuels 
is required to make the conversion process economically feasible [67, 78–80]. Most 
strains cannot naturally consume xylose or other C5 sugars from LCB, impeding the 
carbon utilization efficiency and hence resulting in the high cost of conversion pro-
cess. However, in the past decades, many challenging efforts have been made to 
improve the xylose fermentation. One of the strategies is to optimize the metabolic 
pathway through genetic modifications of microbes to improve their metabolic 
capabilities. Some microbes like yeasts after genetic modification are capable of 
producing ethanol or accumulating lipids by consuming both glucose and xylose 
[81–83]. Even the conversion of LCB for biofuels through current fermentation 
technology is still not economical; emerging synthetic biotechnology combined 
with the production of high-value co-products such as fatty acids could potentially 
make the biofuel conversion process profitable [84–86]. Advancements in the fields 
of systems and synthetic biology will increase the ability to implement different 
strategies of genetically modified microbes to produce a wide range of products.

The product yield and productivity in fermentation of the hydrolysates is depen-
dent on the amount of inhibitors formed or released from pretreatment and hydroly-
sis, such as weak acids, furans, and phenolic compounds [76, 79, 87]. Biological, 
physical, and chemical detoxification methods have been employed to remove 
inhibitors from the hydrolysates prior to fermentation. As different microbes show 
different capacities to degrade and tolerate various inhibitors, strain screening is 
important to enhance the productivity of fermentation by increasing the inhibitor 
tolerance. Additionally, the genetic and evolutionary engineering strategies are 
powerful tools to obtain tolerant strains for improving their inhibitor tolerance. 
Recently, systems and synthetic biology have also provided advanced and powerful 
approaches for improving tolerance of strains for the biofuel production from LCB.

For fermentation condition and mode, various fermentation strategies, such as 
batch, fed-batch, and continuous fermentation, have been employed and evaluated 
to improve the product productivity in fermentation [76, 88–90]. Other promising 
approaches, such as high cell density, immobilized cell, and cell recirculation, have 
been exploited to enhance the capacity of the cells to effectively ferment the 
hydrolysate from LCB.

As the bioconversion of LCB is still in a developmental phase, above limitations 
need to be overcome and extensive research will be required to make LCB 
fermentation profitable. For example, new microbes need to be screened and 
identified and the available microbes need to be engineered for improving the 
utilization of a broad range of sugars and LCB sources and tolerating the inhibitors 
generated from pretreatment. Innovative fermentation strategies are required to 
improve the productivity, facilitate the conversion process, and improve the overall 
economics of the production process.

1 Challenges and Perspectives of Biorefineries
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1.6  Lignin Valorization

Lignin (15–30%, dry weight of LCB), an abundant renewable alkyl-aromatic poly-
mer found in the cell walls of terrestrial plants, provides structure and rigidity to 
plant cell walls and offers support and protection. It also enables water and nutrient 
transport through plant tissues. Lignin is a natural and highly effective barrier 
against the attack from microbes and chemicals and contributes to biomass recalci-
trance [1, 91, 92]. Depending on the plant species, lignin constituents vary consider-
ably, which results in the substantial diversity in the chemistry and structure of 
lignin polymer.

Lignin is a heterogeneous and recalcitrant polymer (Fig. 1.3). It consists of phen-
ylpropane units synthesized from p-hydroxyphenylpropane (H), guaiacyl propane 
(G), and syringyl propane (S), which are conjugated together via radical coupling 
reactions to form a variety of ether and C–C chemical bonds, including β-O-4-aryl 
ether, β-5, β–β, and α-O-4-aryl ether linkages [1, 92, 93]. Besides these, lignin units 
also contain various functional groups, including phenolic hydroxyl group, aliphatic 
hydroxyl group, carbonyl group, and benzyl alcohol group. These varied physico-
chemical properties contribute to the heterogeneity and recalcitrance of lignin, 
which impede the deconstruction of LCB, and the depolymerization, separation, 
purification, and processing of lignin polymer. Therefore, the degree of lignification 
of LCB will define its deconstruction performance and the costs of the production 
of biofuels and bio-based products via the biological conversion approaches.

Despite these challenges in its processibility, lignin represents a unique potential 
feedstock used in the production of fine chemicals and the fabrication of functional 
materials [1, 14, 90–92, 94, 95]. As lignin is a renewable reservoir of 

Fig. 1.3 Schematic structures and intrinsic properties of lignin polymer in lignocellulosic biomass
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high-molecular- weight aromatic polymer as well as the aromatic building blocks, it 
can create pathway and avenues via the chemical and biological conversion of lig-
nin to chemicals and fuels. Lignin also possesses numerous other eco-friendly prop-
erties, including biodegradability, biocompatibility, and low toxicity, and thus it can 
be valorized to produce environmentally friendly materials applied in the fields of 
drug delivery, tissue engineering, molecular imaging, and others [8, 96–98]. Besides 
these, the chemistry, reactivity, and processibility of lignin can be modified and 
altered during the processing of LCB to facilitate the lignin valorization.

Despite these potentials, the high-value conversion of lignin to biofuels, chemi-
cals, and materials has been a challenging task due to the intrinsic heterogeneity and 
recalcitrance, the condensation and degradation of the lignin macromolecules, and 
the generation of relatively intractable solid residues during the processing. 
Therefore, effective strategies are needed to be designed for advanced applications 
of chemicals and materials using lignin as renewable sources.

1.7  Modern Biorefinery Concept with Composition 
Valorization for Multiproducts

A biorefinery is generally an overall concept of the processing of LCB as contrast-
ing with the petrochemical refinery. In a biorefinery, LCB feedstocks are converted 
into a multiplicity of valuable products (biofuels, chemical, materials) and energy 
with the integration of various processes, technologies, and equipment [99–102]. 
Currently, most biorefineries with integrated biological conversion processes 
comprise five major sections: biomass harvest and storage, pretreatment, enzymatic 
hydrolysis, fermentation of sugar to fuels, and product separation. The development 
and implementation of biorefineries is vital to meet the perspective toward a 
sustainable economy from renewable LCB.  Besides that, biorefineries produce 
renewable fuels and products from LCB, which have become increasingly urgent in 
the face of current global problems and shown the potential to meet the increasing 
energy demand and reduce the greenhouse gas emissions. To achieve the goals of 
sustainable development of human society, biorefineries have to play a dominant 
role in the twenty-first century. Despite nearly a century of research and development 
attempting to convert LCB into valuable products, conversional biorefinery 
scenarios still remain uncommercialized.

An emerging concept of modern biorefineries is the conversion of the multicom-
ponents of renewable LCB to generate various biofuels and valuable commodities 
with green processes and sustainable technologies (Figs. 1.4 and 1.5). As the suc-
cess of biorefineries is dependent on the full conversion of the three components 
(cellulose, hemicellulose, and lignin) of LCB, the drive toward lignin valorization 
offers unique opportunities to make biorefineries economically feasible and has wit-
nessed a significant resurgence in recent years [1]. Lignin is an abundant terrestrial 
polymer on Earth and the only large-volume renewable feedstock that is composed 

1 Challenges and Perspectives of Biorefineries
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Fig. 1.4 The frame example of a modern biorefinery concept for the co-production of biofuels, 
chemicals, and materials from lignocellulosic biomass

Fig. 1.5 Biorefinery concept for the production of biofuels, chemicals, and materials from ligno-
cellulosic biomass

Z.-H. Liu
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of aromatics. The first consideration of conventional biorefineries generally focuses 
on the conversion of carbohydrates into fuels and chemicals, whereas lignin-
enriched biorefinery solid is considered as wastes to be burned and only utilized 
with a low-value way. The advent of biorefineries that convert plant biomass into 
ethanol will generate substantially more lignin. Most importantly, as biomass recal-
citrance is associated with the presence of LCC, the inherent value of LCB highly 
depends on deconstructing and valorizing lignin polymer in a biorefinery, and not 
just exploiting the more uniform carbohydrates. Therefore, efforts are still needed 
to develop novel process and biorefinery scenarios to transform lignin into higher-
value co-products in a biorefinery. To achieve sustainability and feasibility, ideal 
innovative modern biorefineries could meet the following objectives:

 1. Meet a multistream integrated biorefinery concept.
 2. Employ hybrid and integrated innovative fractionation and conversion 

technologies.
 3. Complete LCB utilization and co-produce multiproducts.
 4. Valorize lignin to high-value products.
 5. Minimize the chemical use and maximize the energy utilization efficiency.
 6. Employ green solvents and sustainable conversion routes.
 7. Generate less biorefinery waste.
 8. Meet the sustainability and profitability of biorefineries.

The effective utilization of LCB feedstocks in large-scale applications requires 
to develop and implement the conversion process with multitechnologies for multi-
products and facilitate the profitability of innovative modern biorefinery. In other 
words, the approach adapting a multistream integrated concept is of utmost impor-
tance to the realization of a profitable biorefinery industry. Figure  1.4 shows an 
example of the biorefinery scenario for biofuels and co-production of valuable lig-
nin-derived product, which would be the main frame of a modern biorefinery con-
cept. To address the challenge in biorefinery and facilitate the full conversion of 
LCB, an innovative sequential organosolv fragmentation approach (SOFA) by using 
green solvent plus different-stage catalysts was developed to deconstruct the corn 
stover biomass, overcome the recalcitrance of biomass and lignin, improve the 
hydrolysis performance, and selectively dissolve lignin for producing multiple 
uniform lignin streams [47, 98]. In a biorefinery, this approach applied the integrated 
multistream concept by using integrated innovative conversion technologies and 
co-production of multiproducts. SOFA significantly improved the carbohydrate 
output and obtained an increased monomer-sugar release. The sugar platform can 
be fermented to convert into biofuels and chemicals. In this biorefinery scenario, the 
chemistry and reactivity of lignin have been tailored by SOFA to produce lignin 
with suitable properties for fabricating high-value product, lignin nanoparticles. 
Lignin nanoparticles have exhibited high quality with a spherical shape, small 
effective diameter, and good stability. The process holds promise for improving 
biorefinery cost-effectiveness. It synergistically improved the carbohydrate and 
lignin output from LCB and enhanced the lignin processability for the fabrication of 
high-value materials. By employing the low holding temperature and green solvent, 
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it minimized the energy input and made the process clean and sustainable. Besides 
these, SOFA led to less generation of biorefinery waste and reduced the post- 
treatment cost of wastes. Overall, this scenario provided a frame example of a mod-
ern biorefinery concept for the co-production of biofuels, chemicals, and materials 
from LCB. It represents a sustainable means for upgrading the low-value lignin in a 
biorefinery concept and could contribute to the profitability of biorefineries.

Although it is likely that many biofuels and chemicals will be produced from 
LCB as alternatives to those currently produced from petroleum, several challenges 
still remain to accelerate the industrial implementation of biorefineries (Fig. 1.5). 
The biorefinery concept is still not fully developed, so it is important to formulate 
standards for the biorefineries and develop green sustainable processes and 
technologies to make a biorefinery profitable. The effective integrated process 
configurations are required for the advances in the cost-effective conversion of 
LCB.  To improve long-term sustainability, modern biorefineries should consider 
how to develop microbial strains and accompanying processes for the production of 
building block and/or platform chemical derivatives from LCB and their further 
commercialization. Recent breakthroughs have been made to provide a foundation 
for lignin valorization; however, the studies on the effective fractionation of lignin 
polymer and the synthesis process of targeted products still need to be addressed to 
facilitate the lignin valorization toward commercial relevance. In addition, lignin 
valorization needs to be geared toward producing an entirely new line of chemicals 
and products with high-value utilization, and these processes and products need to 
be integrated into existing refineries or chemical plants for improving the 
sustainability and profitability of modern biorefinery.
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Chapter 2
Deconstruction of Lignocellulose 
Recalcitrance by Organosolv Fractionating 
Pretreatment for Enzymatic Hydrolysis

Ziyuan Zhou, Dehua Liu, and Xuebing Zhao

2.1  Introduction of Lignocellulosic Biomass

Generally, lignocellulosic biomass (LCB) mainly exists in the form of forestry; 
agricultural residues such as corn stover, sugarcane bagasse, wheat straw, etc.; and 
industrial wastes (e.g., furfural residues) [81, 149, 161]. In nature, LCB is an abun-
dant feedstock with a yearly production of higher than 1010 million tons [82]. 
Nowadays, LCB has become an attractive raw material in biorefinery for production 
of biofuels, chemicals, and materials due to its low cost and widespread availabil-
ity [117].

LCB consists of three main polymeric compositions, namely, cellulose, hemicel-
lulose, and lignin, with a relative low portion of extractives, ash, proteins, and so on 
[58]. The structure of lignocellulosic biomass is schematically shown in Fig. 2.1. 
Cellulose is the major component of LCB with repeating disaccharide cellobiose as 
monomer units [53]. Its structure is composed of massive intramolecular and inter-
molecular hydrogen bonding [71, 137], which makes it difficult to hydrolyze [82]. 
Hemicelluloses are the second abundant carbohydrates in LCB [169]. Being differ-
ent from cellulose, hemicelluloses are a group of heteropolysaccharides consisting 
of several units like D-xylose, D-glucose, D-mannose, etc. [17]. They bind to cel-
lulose via hydrogen bonds and to lignin via covalent bond [17], increasing the 
strength of cell wall. Unlike cellulose, hemicelluloses with variable and amorphous 
structures are easy to degrade by enzymes or chemicals [46]. Lignin is another 
major component formed by three types of structural units (guaiacyl, sringyl, and 
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p-hydroxyphenyl propane) [14]. The existence of lignin could improve the com-
pressive strength and stiffness of cell wall [140]. Cellulose, hemicellulose, and lig-
nin nonuniformly distribute in the cell wall layers. Depending on the species, 
tissues, and maturity of cell walls, these polymers are organized into varying struc-
ture and quantity [23]. Different types of LCB have different contents of the major 
compositions. Table 2.1 summarizes the chemical compositions of different types of 
LCB, including woody and nonwoody biomass and other wastes.

2.2  The Role of Pretreatment 
on Lignocellulose Bioconversion

The poly-hierarchical structure and multicomponent laminate compositions of cell 
wall greatly contribute to the recalcitrance of lignocellulose for efficient enzymatic 
deconstruction and saccharification [126]. The main factors affecting enzymatic 
digestibility of biomass can be divided into two types, namely, the enzyme-related 
and substrate-related factors. Enzyme-related factors generally refer to the enzyme 
activity and synergism of the enzyme cocktail components [158], while the 
substrate- related factors mainly refer to the cellulose accessibility to enzymes, 
which is affected by contents of hemicelluloses and lignin, lignin structure and dis-
tribution in cell wall, cellulose crystallinity, specific surface area, porosity, and pore 
structure of the substrates.

Cellulose crystallinity has been considered as an important factor affecting bio-
mass digestibility. In general, cellulose in crystalline state is more difficult to hydro-
lyze by chemical and biological methods than cellulose in amorphous state. 
Cellulase with a size of 3–8 nm is only able to digest crystalline cellulose from its 
surface; thus, the enzymatic hydrolysis efficiency is relatively low [2, 159]. It has 
been found that the regenerated cellulose with low crystallinity index achieves a 

Fig. 2.1 Structure of lignocellulosic biomass [53, 67]
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higher enzymatic digestibility than the cellulose with high crystallinity index. 
Specific surface area also has an influence on the cellulose accessibility to enzymes 
and initial reaction rate [126]. Increasing specific surface areas is usually helpful to 
improve enzymatic digestibility because most cellulose is exposed to enzyme when 
the specific surface area increases [89]. The contents and distribution of hemicel-
luloses and lignin in biomass have a great influence on lignocellulose digestibility 
because the existence of hemicelluloses and lignin hinders the contact between cel-
lulose and enzyme to a great extent, leading to a low enzymatic hydrolysis effi-
ciency for raw biomass [2, 104]. In addition, nonproductive binding and inactivation 
of enzymes by lignin are also found to limit cellulose enzymatic hydrolysis [123]. 
Being unlike the barrier effect from hemicellulose and lignin, nonproductive bind-
ing of cellulases by lignin affects the enzymatic digestibility by decreasing the 

Table 2.1 Chemical composition of some typical lignocellulosic biomass

Classification LCB type Cellulose/% Hemicellulose/% Lignin/% References

Softwood Pine wood 42 14.7 26.3 Du et al. [25]
Spruce 38.5 4.6 50.6 Cannella et al. 

[15]
Hardwood Hybrid poplar 48.95 17.85 23.25 Pan et al. [105]

Eucalyptus 54.1 18.4 21.5 Isikgor and Becer 
[53]Oak 40.4 35.9 24.1

Bamboo 43 23.1 26.2 Tri et al. [134]
Agricultural 
wastes

Sugarcane 
bagasse

32–45 20–32 17–22 Arni [5]; Timung 
et al. [132]

Rice straw 36.1 24.7 16.8 Zhang et al. [152]
Rice husks 30.1 13.5 22.4 Ebrahimi et al. 

[27]
Corn stover 
(leaves, stalk, 
and husk)

35.6–41.2 26.1–37.4 10.7–21 Liu et al. [84] and 
Reddy and Yang 
[114]

Wheat straw 40.5–42.8 25–26 18–19 Tomás-Pejó et al. 
[133] and Yuan 
et al. [150]

Barley straw 38.08 22.63 22.27 Kim et al. [62]
Oat straw 38.3 22.4 27.8 Dziekońska- 

Kubczak et al. 
[26]

Cotton stalk 31 11 30 Rubio et al. [119]
Sorghum straw 32.0–35.0 24.0–27.0 15.0–

21.0
Isikgor and Becer 
[53]

Herbaceous 
crops

Switchgrass 
(Panicum 
virgatum L.)

31–39 25–33 17–18 Papa et al. [109]

Other wastes Furfural 
residues

45.3 0 44.9 Yu et al. [147]

Newspaper 
mixture

60.3 16.4 12.4 Lee et al. [70]
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availability of enzymes. Therefore, removing hemicelluloses and lignin can improve 
enzymatic digestibility significantly by increasing the pore size and accessible spe-
cific surface area and reducing the nonproductive binding of cellulase enzymes 
[100, 126, 128].

Pretreatment is a crucial step for enzymatic hydrolysis of cellulose by cellulase 
cocktails to produce glucose prior to subsequent fermentation. It also has essential 
influences on other processes, such as size reduction requirements, enzyme loading, 
and rates of enzymatic hydrolysis and toxicity of fermentation [143, 151]. An ideal 
pretreatment process should improve the enzymatic digestibility efficiently with 
low cost but generate low concentration of degradation products that inhibit enzy-
matic hydrolysis and fermentation [110]. Recently, a wide range of pretreatment 
technologies has been developed as reviewed by Kumar and Sharma [68]. All of 
these pretreatments aim to increase cellulose accessibility by removing hemicellu-
loses and/or lignin, altering cell structure or modifying lignin chemical structure 
and surface properties [99]. Unfortunately, nowadays no pretreatment technology 
could achieve 100% fermentable sugar yield by enzymatic hydrolysis [99]. Some of 
the traditional methods still only obtain low fermentable sugar yield which is pri-
marily caused by the high residual lignin content in the pretreated solids [161].

2.3  Overview of Organosolv Fractionating Pretreatment

Currently, organosolv fractionating pretreatment (OFP) is a promising method since 
it is able to remove most of lignin and hemicelluloses and generate a cellulose-rich 
residue for enzymatic hydrolysis. High-purity lignin could be precipitated by addi-
tion of water into the spent liquor, while hemicellulosic sugars and other degrada-
tion products (such as furfural, acetic acid) still remain in the liquid [160]. In a 
biorefinery, this method allows for the integrated utilization of all the major compo-
nents of LCB to produce high-value- added products with high potential revenue 
[161]. Since 2010, the interest in OFP has an upward trend as the number of relevant 
published papers is steadily increasing year by year (Fig. 2.2). Usually, organosolv 
fractionating pretreatment is performed using a wide range of organic or aqueous- 
organic solvent systems in presence or absence of catalysts in temperature range 
from 100 to 250 °C [102]. Mineral acids such as HCl, H2SO4, and H3PO4 are com-
monly used to increase delignification and hemicellulose degradation [160]. In 
addition, some organic acids (e.g., formic acid, acetic acid) can be used as both 
solvent and acid catalyst during OFP [127]. Addition of alkaline catalysts such as 
NaOH, KOH, lime, or NH4OH is helpful to cause the swelling of LCB and acceler-
ate the organosolv delignification [170]. Apart from traditional organosolv pretreat-
ment methods, some novel methods combining with deep eutectic solvent (DES) or 
ionic liquids have also gained much attention in recent year [55, 56, 86]. According 
to the solvent used in pretreatment, OFP could be classified into six types, namely, 
alcohol-based, organic acid-based, ketone-based, combination with ionic liquid, 
combination with DES, and others (like phenolic-based, ether-based, and amide- 
based), as summarized in Table 2.2.
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The typical process for OFP includes unit operations of organosolv cooking, 
solvent recovery, and lignin recovery [161] (Fig. 2.3). In this chapter, we mainly 
focus on the recent progress of OFP of LCB for enzymatic hydrolysis of cellulose. 
Main types of OFP like alcohol-based and organic acid-based are presented in 
detail, including the process description, mechanisms for improvement of cellulose 
digestibility, and reaction of lignins. In addition, organosolv-based biorefineries and 
potential applications of cellulose-rich solid, hemicellulosic sugars, and high-purity 
lignin are presented. The challenges and perspective of OFP are discussed finally.

2.4  Organosolv Fractionating Pretreatment and Mechanisms

2.4.1  Alcohol-Based Fractionating Pretreatment

2.4.1.1  Process Description

Alcohols are the most frequently used solvents for OFP. Low-boiling-point alcohols 
(e.g., methanol and ethanol) are more attractive than high-boiling-point alcohols 
(e.g., ethylene glycol and glycerol) for LCB delignification due to their low cost, 
easy recovery using simple distillation, and water-miscible property.

2010 2011 2012 2013 2014 2015 2016 2017 2018 2019
0

50

100

150

200

250

300

srepap fo reb
mu

N

Year
Fig. 2.2 Number of papers on organosolv pretreatment published since 2010 (Results searched by 
keywords including organosolv and organosolv fractionating pretreatment in Web of Science 
database)
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The typical process scheme of low-boiling-point alcohol organosolv pretreat-
ment is described in Fig. 2.4 [9, 160]. LCB is first cooked with alcohol-water sol-
vent at 100–250  °C.  The addition of catalysts could assist pretreatment to be 
performed under milder conditions compared with that without addition of cata-
lysts. For catalyzed alcohol-based organosolv pretreatment, a variety of chemicals 
could be used as catalysts for delignification, such as mineral acids [18], organic 

Table 2.2 Classification of organosolv fractionating pretreatment based on solvent type

Organosolv fractionating 
pretreatment

Alcohol-based Low-boiling-point 
alcohol

Methanol
Ethanol
Propanol
Butanol

High-boiling-point 
alcohol

Ethylene glycol
Glycerol
Tetrahydrofurfuryl alcohol

Organic 
acid-based

Organic acid Formic acid
Acetic acid

Peracid Performic acid
Peracetic acid

Ketone-based Simple ketone Acetone
Combination Combination with ionic liquid

Combination with DES
Others Phenolic Phenol

Ether Diethyl ether
Acetate Methyl acetate

Ethyl acetate
Amide Formamide

Dimethylformamide
Dimethylacetamide

Others Dioxane, gamma- 
valerolactone, etc.

Fig. 2.3 Typical process of organosolv fractionating pretreatment
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acids [1], inorganic bases [2], organic bases [130], and inorganic salts [61]. Being 
different from acid catalysts, alkaline catalysts could suppress the degradation of 
carbohydrates (mainly cellulose and hemicelluloses) [2]. After pretreatment, the 
pretreated biomass is washed with alcohol followed by water. The cellulose-rich 
solid fraction could be used for enzymatic hydrolysis and fermentation. The spent 
liquor is discharged from reactor, then evaporated, and condensed. The organic frac-
tion is recycled to pretreatment process. Finally, the condensed spent liquor is 
diluted with water followed by precipitation and filtration. The precipitated solid 
mainly consists of lignin, while the filtrate is an aqueous solution composed of 
water-soluble compounds including sugars, furfural, HMF, and organic acids [9].

Fig. 2.4 Typical process scheme of low-boiling-point alcohol-based organosolv fractionating 
pretreatment
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2.4.1.2  Mechanisms of Alcohol-Based Pretreatment for Improving 
Cellulose Digestibility

Enzymatic hydrolysis efficiency is influenced by several factors, including chemical 
factors (e.g., lignin, hemicellulose and acetyl group content, degree of polymeriza-
tion) and physical factors (e.g., cellulose crystallinity, physical redistribution of lig-
nin, accessible surface area, pore volume) [160].

Alcohol-based pretreatment increases the enzymatic cellulose digestibility 
mainly by removing nearly complete hemicellulose and extensive lignin [160]. 
Both hemicellulose removal and delignification contribute to increasing the pore 
volume and accessible surface area. However, organosolv pretreatment catalyzed by 
bases removes most lignin but suppresses the removal of hemicellulose [170]. In 
general, the cellulose crystallinity index of pretreated substrate increases during 
alcohol pretreatment mainly owing to the removal of amorphous components 
(mainly lignin and hemicellulose) [18]. However, in some cases, the cellulose crys-
tallinity kept constant after alcohol pretreatment [16]. In addition, the physical 
redistribution of lignin also plays an important role in cellulose enzymatic hydroly-
sis. Hallac et al. found that the ethanol organosolv fractionating pretreatment could 
remove lignin from middle lamella selectively resulting in cracks and deformation 
of the cell wall, while the crystallinity of pretreated substrate did not change signifi-
cantly [43, 44]. It was found that the ethanol pretreatment also induced the dramatic 
depolymerization of cellulose and resulted in the formation of short fibers, which 
could provide more binding sites to cellulosic enzymes for hydrolysis of cellulose 
to sugars [16].

2.4.1.3  Reactions of Lignin

Delignification is the major reaction during alcohol pretreatment. Lignin usually 
undergoes depolymerization to form fragments with low molecular weight, conden-
sation to form condensed products, and redistribution in cell wall or on the surface 
of fiber [73, 161]. During alcohol pretreatment, the lignin hydrolysis reactions 
mainly occurred at the side chains and lignin-hemicellulose bonds. In acidic 
medium, cleavage of ɑ-aryl ether linkage is one of the main reactions, which results 
in the formation of benzyl carbocation [73]. But β-aryl ether (β-O-4) cleavage is 
more important than ɑ-aryl ether cleavage especially when the pretreatment is under 
highly serious conditions, because β-aryl ether occupies 40% to 65% of the total 
linkages in lignins [8]. As found by El Hage et al. [29], cleavage of β-aryl ether link-
ages leads to an increase of phenolic hydroxyl groups. The cleavage of β-aryl link-
age during acid-catalyzed ethanol pretreatment usually takes place in two ways as 
shown in Fig. 2.5a,b: with elimination of formaldehyde or by formation of Hibbert’s 
ketones [91]. In alkaline medium, β-aryl ether linkage in both phenolic arylpropane 
and nonphenolic arylpropane units can be cleaved [35–37, 170]. Cleavage of β-aryl 
ether during alkaline-catalyzed ethanol pretreatment is summarized as shown in 
Fig. 2.5c,d.
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Fig. 2.5 Cleavage of β-aryl ether linkages under acidic and alkaline conditions. (a) Solvolytic 
cleavage of a β-aryl ether linkage with the elimination of formaldehyde under acidic conditions 
and (b) solvolytic cleavage of a β-aryl ether linkage to form Hibbert’s ketones [91]. (c) Cleavage 
of nonphenolic β-aryl ether under alkaline conditions and (d) cleavage of phenolic β-aryl ether 
under alkaline conditions in the presence of HS−. [35–37, 170]



32

Apart from lignin fragmentation reactions, lignin condensation is another impor-
tant reaction but with counterproductive effect. During acid-catalyzed or alkaline- 
catalyzed low-boiling-point alcohol process, the pseudo-lignin, containing large 
amount of unsaturated carbon, may be formed by the copolymerization of carbohy-
drate degraded products and lignin [161]. The pseudo-lignin generally adheres to 
the surface of fiber resulting in the decrease in the enzymatic digestibility of pre-
treated substrates [74].

2.4.2  Organic Acid-Based Fractionating Pretreatment

2.4.3  Process Description

The process scheme of organic acid pretreatment is shown in Fig. 2.6 [125, 151]. 
Organic acid pretreatment is usually conducted under temperature ranging from 80 
to 110 °C for 0.5–2 h with acid concentration of 60–98% [161]. Organic acid pre-
treatment of LCB can be conducted under mild conditions when using high concen-
tration of organic acid and several catalysts (e.g., HCl and H2SO4) [151]. In organic 
acid fractionating process, the obtained cellulose pulp after pretreatment is firstly 
washed with fresh organic acid to avoid the precipitation of lignin on the biomass 
and then washed with water. Solvent-recovery section is the most energy intensive 
with high cost for organic acid pretreatment. The spent liquid rich in lignin is evapo-
rated to recover organic acid. Spray drying and multi-effect evaporation can be used 
to recover the organic acid and obtain concentrated thick residue. The recovered 
organic acid could be concentrated by several methods such as distillation, azeo-
tropic distillation, and membrane for further uses [73]. Then the concentrated resi-
due is combined with washings from pulp washing process to recover 
high-purity lignin.

2.4.3.1  Mechanisms of Organic Acid-Based Pretreatment for Improving 
Enzymatic Hydrolysis

Compared to alcohols, formic acid and acetic acid have a higher solubility to lignin 
[160]. The enzymatic hydrolysis of organic acid pretreated biomass can be improved 
to some extent [138]. However, the acetic acid pretreated biomass tends to have a 
weaker enzymatic digestibility than alcohol pretreated biomass, mainly owing to 
the cellulose acetylation. It was believed that the acetyl group inhibits the interac-
tion between cellulose and catalytic domain of enzymes [161]. In addition, the ace-
tyl groups might increase the dimensional size of the cellulose chain, which 
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increases the steric hindrance of enzymes, resulting in the decrease of enzymatic 
digestibility [166].

2.4.3.2  Reactions of Lignin

During organic acid fractionating pretreatment (e.g., formic acid and acetic acid), 
the chemical reactions of lignin include β-aryl ether cleavage, lignin condensation, 
hydrolysis of lignin-hemicellulose bonds, native ester cleavage, and esterification of 
the hydroxyl groups in lignin [73]. It was found that primary, secondary phenolic 
hydroxyl groups of lignin model compounds were partially turned into formates 
when using formic acid for pretreatment [28]. The dissolved lignin from acetic acid 
pretreatment had more acetyl groups in both Cɑ and Cγ compared to milled wood 
lignin, which indicated that acetylation and hydrolysis of native esters occurred 
simultaneously [73]. In addition, it was confirmed that the hydrolysis of lignin- 
hemicellulose bonds took place due to the fact that the lignin precipitated from 
water contained low sugar [139].

Fig. 2.6 Processing scheme of organic acid pretreatment of lignocellulosic biomass
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2.4.4  Ketone-Based Fractionating Pretreatment

Acetone is the most favored ketone applied for organosolv fractionating pretreat-
ment owing to its excellent solubility for lignin and lignin-based products [124]. 
The acetone organosolv process is generally conducted at 145–228 °C with acetone 
concentration of 70–100% [73]. As found by Huijgen et  al., delignification and 
hydrolysis of hemicellulose were greatly affected by acetone-water ratio [47]. 
Pretreatment with acetone concentration of 50 wt% at 205 °C for 1 h achieved 79% 
delignification, 82% hemicellulose hydrolysis, 93% cellulose recovery, and 87% 
glucose yield after enzymatic hydrolysis. When using acetone-water mixture to pre-
treat Pinus radiata D. Don, Araque et al. [4] reported that 99.5% of ethanol yield 
was obtained under the optimal conditions of 195 °C, 5 min, 50 wt% acetone, and 
pH 2.0. In 2017, Smit and Huijgen [124] presented a novel acetone pretreatment 
operating under mild condition: 140 °C for 120 min with 50% w/w aqueous acetone 
and addition of sulfuric acid as catalyst. Wheat straw pretreated under this condition 
efficiently was transformed to hemicellulosic C5 sugars with 98% cellulose recov-
ery and 80% delignification. In addition, cellulose of pretreated wheat straw was 
fully converted to glucose during enzymatic hydrolysis.

Recently, methyl isobutyl ketone (MIBK) has also been used for clean fraction-
ation of biomass. In this process, a mixture of MIBK, ethanol, and water is usually 
used as solvent system with addition of sulfuric acid as the catalyst [11, 12, 57]. 
This process produces a pure cellulose-rich solid fraction and an aqueous-organic 
phase. Then the aqueous-organic phase is treated with water to receive a 
hemicellulose- enriched aqueous fraction and a lignin-enriched organic phase. 
Besides ethanol, acetone can also be used in this process. It has been found that the 
MIBK/acetone/water solvent system is much more effective than the MIBK/etha-
nol/water solvent system for clean fractionation of corn stover [57]. In addition, the 
cellulose-rich fraction obtained from clean fractionation should be a great substrate 
for enzymatic hydrolysis owing to its high glucan content and great cellulose acces-
sibility to enzyme.

2.4.5  Other Organosolv Pretreatment

A wide range of organic solvent can be used for LCB pretreatment. Some other 
organic solvents such as ethyl acetate [32, 34], acetonitrile [34], ethanolamine, 
gamma-valerolactone (GVL)[54, 76, 77], and dioxane [33] have been employed. 
Being different from protic solvents (e.g., alcohols in presence of acids or bases), 
aprotic solvents such as dimethylformamide mainly result in delignification to form 
small lignin fragments while protecting carbohydrates from degradation [73]. These 
organic solvents could be used to increase the enzymatic digestibility of LCB to 
some extent; however, these processes are still studied in lab scale but lack real 
industrial application mainly owing to the high cost and difficulty in solvent 
recovery.
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Organosolv also has been combined with ionic liquid to fractionate LCB [85, 87, 
88, 153]. Cheng et al. [19] chose a series of alcohol/water solvent (e.g., ethanol/
water, glycerol/water, ethylene glycol) for biomass fractionation with the addition 
of acidic ionic liquid. In this process, acidic ionic liquid can act as catalyst and avoid 
the equipment corrosion. The participation of acidic ionic liquid increased the lignin 
yield and lignin extraction rate. Meanwhile, acidic ionic liquid can also promote the 
degradation of carbohydrates resulting in a lower cellulose-rich material yield and 
higher weight loss [40]. GVL is a green bio-derived solvent which has been used in 
organosolv fractionating process of LCB. Though the utilization of GVL showed a 
great improvement in LCB pretreatment, the pretreatment usually needs mineral 
acid, and the equipment corrosion, high pressure, and formation of inhibitors during 
pretreatment are inevitable. Jin et al. [55] investigated the fast dissolution pretreat-
ment of corn stover in GVL with the assistance of ionic liquid. This pretreatment 
achieved effective delignification, lignin migration, transformation of cellulose I to 
cellulose II with increased digestibility, and morphological change of fibers.

Deep eutectic solvents (DES) are a new class of solvent with similar characteris-
tics to ionic liquid [59, 112]. DES is usually composed of at least two components 
(H-bonding acceptor and H-bonding donor) and can increase enzymatic hydrolysis 
efficiency [168]. DES has already gained great attention mainly because of its low 
cost, low vapor pressure, low viscosity, high efficiency on lignin depolymerization, 
and environmental friendliness [122]. Liu et al. [83] investigated the cellulose res-
ervation, xylan loss, and lignin removal using triethylbenzyl ammonium chloride 
(TEBAC)/lactic acid (LA)-based DES with the TEBAS/lactic acid ratio of 1:5 to 
1:13. The highest sugar concentration and theoretical yield were 0.550 g/g wheat 
straw and 91.27%, respectively. When TEBAS/lactic acid ratio was 1:9, the DES 
could remove wheat straw lignin selectively to improve enzymatic hydrolysis. 
Kandanelli et al. [56] combined DES (choline chloride/oxalic acid) and alcohol to 
achieve an effective delignification. It was found that n-butanol is better than n-pro-
panol and ethyl acetate as cosolvent because of its low miscibility in water and high 
fractionation of lignin. The combined system using DES and n-butanol achieved a 
high delignification about 50%.

2.5  Comparison of Different Organosolv 
Fractionating Pretreatments

A comparison of different organic solvent-based pretreatment in terms of enzymatic 
conversion of cellulose is illustrated in Fig. 2.7. Table 2.3 summarizes some recently 
published works in which a variety of LCB has been studied. It can be found that the 
type of LCB also has influence on the choice of organic solvent for pretreatment. In 
addition, the effects of different types of organosolv pretreatment methods on 
removal of hemicellulose, delignification, deacetylation, change in lignin structure, 
increasing accessible area, and decrystallization of cellulose are summarized in 
Table 2.4.
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2.6  Biorefinery Based on Organosolv 
Fractionating Pretreatment

2.6.1  Organosolv-Based Biorefinery

Recently, organosolv fractionating processes have been widely employed for biore-
fining of biomass. Table 2.5 summarizes the existing organosolv-based biorefineries 
worldwide. It can be known that most of the existing organosolv-based biorefineries 
are still in pilot or demonstration scale. The Glycell process is the only one industrial- 
scale organosolv-based process in the world. Compared to other pretreatment pro-
cesses (e.g., acid hydrolysis and/or steam explosion), the Glycell process could 
produce more cellulose with less degraded products. Furthermore, it also can 
improve enzymatic kinetics of pretreated biomass resulting in quick sugar release. 
Apart from the Glycell process, most of existing organosolv-based biorefineries use 
alcohol for pretreatment. The Alcell and Organocell processes are two organosolv- 
based biorefineries that were reported about 30 years ago [7, 66]. However, they are 
not listed in the table because no up-to-date report or published works can be found 
to confirm that they are still running.

Fig. 2.7 Comparison of different organosolv pretreatment methods in terms of enzymatic digest-
ibility. (Deep eutectic solvent pretreatment data from [41, 42, 75, 122, 131], other pretreatment 
data from Table 2.3)
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Though organosolv fractionating pretreatment is a promising pretreatment 
method to achieve a high cellulose digestibility and high-value-added products, it is 
still difficult to achieve industrial application mainly because of high operating cost, 
high energy consumption, and environmental concerns. Separation and recovery of 
organic solvents are the most expensive units. In addition, evaporation of organic 
solvents usually has a hazardous influence on the environment and humans. The 
solid after flash evaporation still needs to be washed by water to remove the residual 
organic solvents. As a consequence, effluent with high COD would be produced.

Table 2.4 Comparison of organosolv pretreatment with some other pretreatment methods 
regarding chemical compositions and physical and changes of LCB

Pretreatment 
methods

Removal of 
hemicellulose

Removal 
of lignin

Increase 
accessible 
surface 
area

Decrystallization 
of cellulose

Change 
of lignin 
structure

Acetylation 
of cellulose

Organosolv 
alcohol and 
acetone1

++ ++ ++ ND ++ −

Organic acida ++ ++ ++ ND ++ ++/−
Organic 
peracida

+ ++ ++ − ++ +/−

PA-acetoneb ++ ++ ++ ++ ND −
Dilute acidc ++ ND ++ ND ++ ND
Ionic 
liquid-GVLd

ND ++ ++ ++ ++ ND

DES- 
alcohole

ND ++ ND ND ND ND

++, positive and major effect; +, positive but not major effect; −, negative effect; ND, not 
determined
aData from Zhao et al. [160]
bData from Zhang et al. [155] PA refers to concentrated phosphoric acid
cData from Mosier et al. [96]
dData from Jin et al. [55]
eData from Kandanelli et al. [56]

Table 2.5 Some reported organosolv-based biorefineries [9]

Process name Institute Solvent Location Scale

Lignol Lignol innovations, Inc. Ethanol USA Demonstration
Lignol Lignol innovations, Inc. Canada Pilot
Lignocellulose 
biorefinery

Fraunhofer CBP Germany Pilot

DHR Dedini Industrias de base Alcohol Brazil Pilot
Glycell Leaf resources limited Glycerol Australia Industrial
CIMV Compagnie Industrielle 

de la Matie’re Vegetale 
(CIMV)

Aqueous mix of 
acetic acid and 
formic acid

France Pilot/
demonstration

AST American science and 
technology Corp

A new cocktail of 
organic solvents

USA Pilot
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2.6.2  Chemicals, Fuels, and Materials Derived 
from Organosolv Fractionating Pretreatment

Organosolv fractionating pretreatment is a potential method achieving a coproduc-
tion of high-purity lignin and hemicellulosic sugars. Compared to the traditional 
biorefinery, a biorefinery fulfilling a comprehensive utilization of LCB can achieve 
higher potential revenue. It has been estimated that complete utilization of LCB 
with coproduction of ethanol, acetic acid, lignin, and other products would result in 
a revenue three times higher than that of traditional biorefinery only producing etha-
nol [161]. The typical chemicals, fuels, and materials derived from organosolv frac-
tionating pretreatment are shown in Fig. 2.8.

2.6.2.1  Cellulose-Derived Products

After organosolv fractionating pretreatment, the pretreated solid with high-purity 
cellulose is usually converted to fermentable sugars or ethanol by biological 
approaches. Apart from production of sugars and ethanol, cellulose-rich solid can 
also be used to produce butanol, biohydrogen, dissolving pulp, microcrystalline cel-
lulose, and other products [170].

Butanol is an alternative fuel with an air-to-fuel ratio similar to gasoline. It has a 
lower vapor pressure and higher energy content than ethanol [113]. Furthermore, it 
has a good compatibility with current automobile engines and transportation pipe-
lines, which make it attractive as a substitute for gasoline [113]. Farmanbordar et al. 

Fig. 2.8 Typical chemicals, fuels, and materials derived from organosolv fractionating 
pretreatment
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[30] have proposed acetone-butanol-ethanol fermentation of ethanol organosolv 
pretreated municipal solid waste. The highest butanol yield of 8.57 g/L was obtained 
from the hydrolysate produced from municipal solid waste pretreated at 120 °C for 
30 min with 85% ethanol. Biohydrogen produced from LCB is a renewable fuel 
which can be applied in many industries. Asadi and Zilouei [6] used ethanol organo-
solv pretreated rice straw for the production of biohydrogen. The highest biohydro-
gen yield around 19.73  ml/g straw was achieved under pretreatment condition: 
180 °C for 30 min with the ethanol concentration of 45 wt%. It is estimated that 
about 355.8 kilotons of biohydrogen would be produced according to the experi-
mental results. Dissolving pulp is a pulp with high-grade cellulose, which can be 
used to produce cellulose-derived products, such as regenerated fibers and cellulose 
esters. Besides sulfite pulping, acid-catalyzed organosolv pulping is also a promis-
ing method to make dissolving pulp [90].

2.6.2.2  Hemicellulose-Derived Products

During organosolv fractionating pretreatment (especially autocatalyzed and acid- 
catalyzed), most of hemicelluloses are removed resulting in organosolv hydrolysate 
rich in hemicellulosic sugars. Utilization of organosolv hydrolysate is a promising 
way to produce hemicellulose-based products. Recently, hemicellulosic sugars 
could be fermented to produce ethanol by several yeasts such as Pichia and 
Kluyveromyces [92]. Furthermore, Glaser and Venus [38] have investigated the co-
fermentation of main sugars (such as xylose and glucose) from beech wood organo-
solv hydrolysate by five strains of Bacillus coagulans to produce lactic acid, which 
has been widely used in food industry and a common feedstock for production of 
biodegradable polymer polylactic acid. Furfural is considered as an important bio-
based chemical, which can be used to produce furan, furfuryl alcohol, and other 
nonfossil-based compounds. Köchermann et al. [63] have studied the conversion of 
an aqueous hemicellulose and D-xylose into furfural using a continuous tube reac-
tor at temperatures in the range of 160 °C to 200 °C. Except for ethanol, lactic acid, 
and furfural, hemicellulosic sugars can also be converted to butanol, xylitol, micro-
bial oils, etc., by microbial fermentation.

2.6.2.3  Lignin-Derived Products

Organosolv pretreatment could remove most lignin, while the high-purity organo-
solv lignin could be recovered by precipitation. There are three potential ways to 
use such high-purity organosolv lignin to produce high-value-added products, 
including (1) as a raw material to produce high-value chemicals; (2) direct use or as 
precursor for production of fuel and materials; and (3) as a feedstock for production 
of drop-in transportation fuels [115].

The base-catalyzed depolymerization of lignin usually produces monomers as well 
as other phenolic compounds such as dimeric and oligomeric alkyl- functionalized 
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phenolic compounds, which can be used in many industries and replace phenols 
from fossil resources [154]. Rößiger et al. [118] have investigated the upscaling of 
base-catalyzed depolymerization of beech wood organosolv lignin to pilot plant 
scale. Compared to alkaline lignin, ethanol organosolv lignin from oil palm fronds 
is found to be better as a renewable phenol substitute mainly owing to its higher 
amount of lignin and thermal decomposition temperature [51]. Besides being used 
for producing phenolic compounds, organosolv lignin could also be employed as 
radical scavenger [107]. High content of hydroxyl groups in organosolv lignin 
makes it potential for polyurethane synthesis. Sakdaronnarong et  al. [120] have 
synthesized lignin-based polyurethane using sugarcane bagasse organosolv lignin. 
This polyurethane has better thermal-resistant and mechanical properties than that 
from Kraft lignin. Xue et al. [145] used ethanol organosolv lignin as a reactive filler 
to prepare acrylamide-based hydrogels, which had good mechanically elastic and 
high swelling properties. In addition, lignin has a higher density and lower oxygen 
content than cellulose and hemicellulose, which makes it ideal to produce drop-in 
fuels [141]. However, the process to produce fuel from organosolv lignin not only 
requires depolymerization of lignin but also upgrading of depolymerized products 
to meet standards for drop-in fuels. As a consequence, application of organosolv 
lignin for production of fuel is still in development.

2.7  Conclusions

Organosolv fractionating pretreatment is a promising pretreatment approach to 
achieve fractionation of cellulose, hemicellulose, and lignin for further utilization. 
After organosolv pretreatment, lignocellulosic cell wall was deconstructed due to 
removal of hemicelluloses and lignin, modification of lignin structure, redistribu-
tion of lignin in cell wall, change in the cellulose crystallinity, and degree of polym-
erization with associated change in substrate structure. The obtained cellulose-rich 
fraction can be easily hydrolyzed to produce biofuels. However, nowadays, organo-
solv fractionating pretreatment is not yet competitive to other industrial pretreat-
ment methods such as steam explosion and dilute acid pretreatment mainly owing 
to the high operation cost and energy consumption for solvent recovery. Efforts 
have to be made to reduce the cost and energy consumption by developing novel 
and low-cost solvent systems that can be used at low temperature and easily recov-
ered. In addition, development of advanced processes for utilization of lignin and 
hemicellulose to produce high-value-added products should also be considered.
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Chapter 3
New Developments on Ionic Liquid- 
Tolerant Microorganisms Leading Toward 
a More Sustainable Biorefinery

André M. da Costa Lopes, Leonardo da Costa Sousa, Rafał M. Łukasik, 
and Ana Rita C. Morais

3.1  Introduction

Growing concerns about climate change and global energy security have led to the 
increasing interest in phasing out the use of fossil fuels and enabling the transition 
to renewable energy resources, including the use of bioenergy. The most abundant 
bio-based resources available in the planet are lignocellulosic residues, which can 
be converted to fermentable sugars by hydrolytic enzymes and used by microorgan-
isms to produce a gamut of biofuels and bio-based chemicals in a biorefinery [1]. 
Though lignocellulosic residues are abundant in nature, they are highly recalcitrant 
substrates to enzymes due to their tight and complex ultrastructure formed mostly 
by cellulose, hemicelluloses, and lignin. In a biorefinery process, biomass recalci-
trance is generally overcome by a pretreatment step prior to enzymatic hydrolysis 
and fermentation. Several types of pretreatment technologies have been developed 
over the years, all of which are able to disrupt the cell wall atrix at various levels and 
improve enzyme accessibility to carbohydrates [2–4]. Of those pretreatment tech-
nologies available today, ILs have been acknowledged as promising and sustainable 
due to their superior solvation properties and performance relative to classical 
organic solvents. In addition, these nonconventional solvents have been acclaimed 
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as one of the few feedstock agnostic technologies capable of efficiently handling 
various feedstocks, both as single and blends [5], effective at high solid loadings, 
and operated in a continuous mode [6]. Despite these advantages, some hurdles 
associated with the use of ILs have been hindering the commercial feasibility of this 
technology and their use in biorefineries. Firstly, some of the best performing ILs 
for biomass pretreatment are relatively toxic to microorganisms used in fermenta-
tion, requiring several water washing steps to remove residual IL from the pre-
treated slurry prior to fermentation. The excessive use of water, which introduces a 
significant wastewater treatment requirement, and the need for IL recycling create 
significant process engineering and economic challenges to the commercial viabil-
ity of ILs [7–9]. Another challenge is the pH mismatch between pretreatment and 
fermentation unit operations, namely, for alkaline ILs (e.g., 1-ethyl-3- 
methylimidazolium acetate or lysinate or cholinium glycine) [10] that generate 
highly basic pH conditions and thus are incompatible with the wild-type microbial 
fermentation hosts that require slightly acid or neutral reaction media [9]. To over-
come this compatibility issue, a neutralization step is required prior to fermentation, 
resulting in the formation of complex salts that turn the recovery and reuse of the 
ILs even more challenging [9]. In addition, ILs are still one the most expensive 
solvents currently used in the pretreatment of lignocellulosic biomass. These sig-
nificant challenges must be tackled to design and develop a cost-effective IL pre-
treatment technology, compatible with microbial catalysts that can properly function 
in IL-based reaction media, thus reducing multiple downstream steps for separation 
and recovery of ILs and desirable end products.

Various studies have been published addressing the effectiveness of ILs and/or 
aqueous-IL media for biomass pretreatment and microbial conversion to biofuels 
and other value-added chemicals. The research that has been performed in this field 
approaches the problem of microbial tolerance to ILs using two major strategies: 
one strategy focuses on the development of new IL pretreatment systems using 
more biocompatible ILs, while the other prioritizes the screening and discovery of 
microbial strains that offer effective tolerance mechanisms to high concentration of 
ILs in the media. This chapter summarizes and discusses the efforts performed on 
the study of various microbial strains and their response to the presence of ILs, as 
well as the attempts to produce more biocompatible IL pretreatment systems that 
promote biomass deconstruction and its bioconversion to valuable products in a 
biorefinery concept.

3.2  Growth of Microorganisms in the Presence 
of Ionic Liquids

The conversion of fermentable sugars to bio-based fuels and chemicals in the pres-
ence of ILs requires that microorganisms can grow under such conditions. Several 
strategies have been implemented to isolate promising microbial strains that can 
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tolerate the presence of inhibitors, such as ILs. A well-established approach is to 
study cell growth potential in complex lab media with increasing concentrations of 
the growth inhibitor. This type of study is important to understand the factors that 
influence cell growth and the development of tolerance to ILs under well-defined 
growth conditions [11–15]. Another approach to microbial strain isolation involves 
the selection of naturally occurring microorganisms in lignocellulosic substrates 
that are further screened for tolerance to the presence of increasing IL concentra-
tions [16–19]. The use of IL-pretreated biomass substrates is used as the ultimate 
approach to evaluate the growth potential of microbial strains and, eventually, their 
use in future biorefining applications [12]. This section describes the research that 
has been developed for the selection of IL-tolerant organisms, including fungi and 
bacteria, pointing out their main progress, challenges, and limitations. An overview 
of the advances in this topic is demonstrated in Table 3.1.

3.2.1  Fungi

The fungi is a major kingdom of organisms that have been widely studied and used 
for biotechnological purposes, with particular attention to the Saccharomyces yeast 
genus. From the practical point of view, it makes sense to evaluate the tolerance of 
these well-established yeast strains to the presence of ILs, which could rapidly be 
deployed in industrial applications. On this note, the impact of ILs on Saccharomyces 
yeast growth has been studied in culture experiments performed with complex lab 
media containing a range of known [emim][OAc] concentrations [12, 13], as it is 
one of the most widely used ILs for pretreating biomass. Generally, microorganism 
growth under the presence of [emim][OAc] was measured by spectrophotometry 
(OD600) relative to a control experiment, where no IL was added to the media. Those 
studies showed high growth inhibition for several Saccharomyces strains when cul-
tured in the presence of up to 5% [emim][OAc] [13]. To better understand this 
phenomenon, Ouellet et al. studied the independent effects of both [emim][OAc] 
cation and anion on Saccharomyces cerevisiae growth [12]. For that purpose, yeast 
cell cultures in media containing NaOAc, [emim][Cl], and NaCl at varying concen-
trations were performed, and cell growth was compared with cultures containing 
[emim][OAc]. In that work, NaOAc was used to evaluate the effect of IL anion 
alone, which showed a slightly negative impact on the yeast growth. The IL cation 
effect was scrutinized by the presence of [emim][Cl] in the culture medium, which 
demonstrated to inhibit cell growth significantly, while the presence of NaCl showed 
no inhibitory effect on yeast growth at the examined concentration range. As [emim]
[OAc] showed greater levels of inhibition relative to [emim][Cl] and NaOAc at 
equivalent concentrations, the overall study suggests that [emim]+ and [OAc]− dis-
play a negative synergistic effect on S. cerevisiae growth. The study showed that 
S. cerevisiae was only tolerant to very low levels of [emim][OAc] (< 5.90 mM), as 
those conditions did not impact cell growth significantly relative to a control experi-
ment, where no IL was added to the media. In the presence of [emim][OAc] 
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Table 3.1 Overview of the microorganism growth in the presence of ILs

Microorganism Ionic liquid
Incubation 
conditions Relative 

growth 
(%)a Ref.Class Species Type Concentration

T 
(°C)

t 
(h) Medium

Fungi Fusarium 
oxysporum BN

[amim][Cl] [1%–5%] 
(w/v)

30 72 LB [57–0] [19]

[bmim]
[Cl]

[1%–5%] 
(w/v)

30 72 LB [63–0]

[bmim]
[FA]

[1%–5%] 
(w/v)

30 72 LB [79–48]

[emim]
[DMP]

[1%–5%] 
(w/v)

30 72 LB [98–81]

[emim]
[H2PO2]

[1%–5%] 
(w/v)

30 72 LB [82–60]

[emim]
[OAc]

[1%–5%] 
(w/v)

30 72 LB [83–57]

[emim]
[(MeO)
HPO2]

[1%–5%] 
(w/v)

30 72 LB [95–58]

[emim]
[MeSO4]

[1%–5%] 
(w/v)

30 72 LB [102–71]

HEMA [1%–5%] 
(w/v)

30 72 LB [80–55]

Saccharomyces 
cerevisiae

[emim][Cl] ≤ 136.0 mM 30 48 SD ~ 100 [12]
[emim]
[OAc]

≤ 5.90 mM 30 48 SD ~ 100

[emim]
[OAc]

[17.6–59.0] 
mM

30 48 SD < 5

Yarrowia 
lipolytica

[emim]
[OAc]

5% 28 48 MpA ~ 70 [20]

[emim]
[OAc]

10% 28 48 MpA ~ 40

[emim]
[OAc]

20% 28 48 MpA ~ 15

(continued)
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concentrations greater than 5.90 mM, S. cerevisiae growth inhibition became evi-
dent, as depicted by the OD600 curves reported by Ouellet et al. in Fig. 3.1 [12]. The 
fact that S. cerevisiae was not inhibited by NaCl and it was highly inhibited by 
[emim][OAc] means that its tolerance to saline environments cannot be an absolute 
predictor of IL tolerance. This was also confirmed by testing several halotolerant 

Table 3.1 (continued)

Microorganism Ionic liquid
Incubation 
conditions Relative 

growth 
(%)a Ref.Class Species Type Concentration

T 
(°C)

t 
(h) Medium

Bacteria Actinobacillus 
succinogenes

[amim][Cl] 1% 37 12 LB ~ 95 [21]
[amim][Cl] 5% 37 12 LB ~ 80
[amim][Cl] ≥ 10% 37 12 LB < 5

Bacillus 
coagulans

[emim][Cl] 236 mM 55 26 MI ~ 70 [17]
[emim]
[OAc]

236 mM 55 26 MI ~ 60

Clostridium sp. [emim]
[DEP]

0.5 g/L 26 140 MS ~ 100 [14]

[emim]
[DEP]

[1.0–15] g/L 26 140 MS ~ 
[85–35]

[emim]
[OAc]

≤ 5 g/L 26 140 MS ~ 140b

≥ 7.5 g/L 26 140 MS < 30
[mmim]
[DMP]

[0.4–8] g/L 26 140 MS ~ 
[100–70]

[mmim]
[DMP]

12 g/L 26 140 MS ~ 0

[emim]
[DEP]

0.5 g/L 26 96 MS ~ 105 [22]

[emim]
[DEP]

[1.0–5] g/L 26 96 MS ~ 
[95–85]

[emim]
[DEP]

10 g/L 26 96 MS ~ 30

[emim]
[OAc]

≤ 2.5 g/L 26 96 MS ~ 150

[emim]
[OAc]

≥ 5 g/L 26 96 MS < 30

[mmim]
[DMP]

[0.5–10] g/L 26 96 MS ~ 
[90–75]

Escherichia coli [amim][Cl] 1% 37 12 LB ~ 125 [21]
[amim][Cl] 5% 37 12 LB ~ 85
[amim][Cl] ≥ 10% 37 12 LB < 25

Pseudomonas 
putida

[emim]
[OAc]

0.5 g/L 30 72 MS ~ 100 [22]

T - Temperature, t - Time. LB - Luria-Bertani medium, YEPD - Yeast extract peptone Dextrose, 
SD - Synthetic defined medium, MpA - Not defined, MI - G. Thermoglucosidasius medium, 
MS - Mineral salts medium
aPercentage growth relative to control experiment in absence of IL
bIt was reported that [emim][OAc] was used as carbon source
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yeast strains in both NaCl- and [emim][OAc]-containing environments, which 
showed that highly tolerant strains to the presence of high salt concentrations did 
not display tolerance to high concentrations of [emim][OAc]. In addition to S. cere-
visiae, several other yeast strains with good biotechnological potential have been 
tested for tolerance to increasing [emim][OAc] concentrations. For example, 
Kazachstania telluris, Wickerhamomyces anomalus, Debaryomyces hansenii, 
Galactomyces geotrichum, and Clavispora species have shown different levels of 
tolerance, up to a maximum of 5% [emim][OAc] in complex lab media [13]. Also, 
the development of more biocompatible cholinium-based ILs, such as cholinium 
acetate ([Ch][OAc]), to achieve high microbial tolerance to ILs has been investi-
gated. Similarly to [emim][OAc], cholinium-based ILs can also pretreat lignocel-
lulosic biomass very effectively; however, they have demonstrated to inhibit 
S. cerevisiae growth in a much lower extent relative to [emim][OAc] [23]. Exploring 
the idea of combining microbial strain selection with the development of more bio-
compatible ILs for effectively pretreating lignocellulosic biomass is a major step-
ping-stone that could accelerate the viability of IL-based biorefineries.

In addition to microbial selection strategies using complex lab media, efforts 
have been made to explore the biodiversity of microbial communities present in the 
natural environment, notably in lignocellulosic biomass-rich environments, while 
challenging those organisms to the presence of ILs [19]. For instance, several 
Aspergillus strains were identified to naturally grow in a green waste compost 
medium containing switchgrass as substrate and relatively high levels of [emim]
[OAc] [18]. Singer et al. verified that the presence of ILs allows selective growth of 
Aspergillus strains, while a diverse prokaryotic-enriched microbial community (no 
fungal mat) was grown without [emim][OAc]. It was suggested that the IL inhibited 
the bacterial community that would normally establish during switchgrass decom-
position, but allowed the selective growth of fungi, in particular Aspergillus strains 
[18]. Subsequently, three of those strains were cultivated in agar plates with Luria-
Bertani (LB) media containing different concentrations of [emim][OAc]. All strains 
grew successfully in up to 10% [emim][OAc] concentration. However, when [bmim]
[Cl] was used in replacement of [emim][OAc], no growth was observed in 5% 
[bmim][Cl] media. The authors suggested that the [OAc]− ion from ILs could be 
assimilated as carbon source by Aspergillus fungi. This hypothesis was further tested 
and confirmed by the addition of NaOAc in media containing [bmim][Cl], which 
allowed the normal growth of Aspergillus strains [18]. This effect could also be 
observed during S. cerevisiae growth in the presence of [emim][OAc], as previously 
mentioned. Albeit S. cerevisiae growth inhibition was detected in the presence of 
certain concentrations of [emim][OAc], the final OD600 values for S. cerevisiae cul-
tures containing up to 1% [emim][OAc] were surprisingly higher than that observed 
for the control experiment in absence of IL. A similar observation was reported by 
Huang et al. on the growth of Rhodosporidium toruloides yeast in the presence of 
[emim][OAc] as a sole carbon source [11]. In this case, the concentration of [OAc]− 
was monitored by HPLC, which confirmed the reduction of [OAc]− levels in the 
culture medium during cell growth. Those results suggested that these yeasts were 
able to assimilate acetate anions as carbon source during their growth process.
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Fig. 3.1 Aerobic growth of S. cerevisiae in 20 g/L glucose in the presence of (a) [emim][OAc], 
(b) [emim][Cl], (c) sodium acetate, (d) sodium chloride, and (e) in media containing 59 mM of 
each anion and cation. Screened acetate concentrations using sodium acetate reflect the stoichio-
metric equivalent of the acetate in [emim][OAc] and are represented using the same symbol. 
(Reproduced from Ref. [12] with permission from The Royal Society of Chemistry)

Another interesting study showed the potential of the novel IL-tolerant fungal 
strain Fusarium oxysporum BN [19]. Rather than IL tolerance, this microorganism 
demonstrated to release cellulases in the presence of ILs, which is a relevant advan-
tage if we consider the development of a consolidated bioprocessing (CBP) approach 
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on IL-pretreated substrates. The microorganism was isolated by microbial enrich-
ment in the presence of [emim][H2PO2], using a chemically polluted microhabitat as 
the inoculum. Subsequently, F. oxysporum BN cell growth was monitored in media 
containing different concentrations of a variety of ILs, which included [emim]
[H2PO2], [emim][DMP], [emim][MeSO4], [emim][OAc], and [amim][Cl], among 
others. These experimental trials have revealed that F. oxysporum BN is tolerant to 
IL concentrations ranging from 1% to 10%, depending on the type of IL. Of those 
tested ILs, [emim][DMP] and [emim][MeSO4] have demonstrated only a slight 
inhibition of cell growth at 5% IL content in the culture medium. A higher level of 
growth inhibition was observed in the presence [OAc]−-based ILs, while cultures 
possessing [Cl]−-based ILs have demonstrated no fungal cell growth. Therefore, 
that study has concluded that phosphate- and sulfate-based ILs presented lower 
inhibitory effects on the growth of F. oxysporum BN relative to acetate-based ILs. 
Finally, that microorganism was found to be highly tolerant to 10% [emim][H2PO2] 
in the culture media, demonstrating the ability to simultaneously release cellulases 
in the presence of 2.1% [emim][H2PO2]. That phenomenon could be a possible reac-
tion of F. oxysporum BN cells to environmental pressures promoted by the presence 
of [emim][H2PO2] [19]. This capacity of producing active cellulases in the presence 
of IL is certainly a unique behavior of F. oxysporum BN relative to the other fungi 
species previously described herein.

In a similar line of work, the influence of different ILs on Rhodosporidium toru-
loides cell growth was investigated in the presence of [emim][DEP], [emim][Cl], 
and [emim][OAc][24]. The results of that study showed that the presence of [emim]
[DEP] and [emim][Cl] in concentrations up to 60 mM did not affect cell growth 
significantly, while the presence of [emim][OAc] highly inhibited Rhodosporidium 
toruloides cell growth even at lower concentrations (30 mM). Also, [emim][DEP] 
was highlighted as the least inhibitory of those ILs tested on Rhodosporidium toru-
loides growth, confirming that phosphate-based ILs are more biocompatible [24].

Several studies have been described above on the selection of strains that can 
tolerate the presence of ILs at different concentration levels in complex lab media 
or native substrates. The ability of biotechnologically relevant strains to grow on 
commercial substrates is of prime importance when developing commercial fer-
mentation processes. With this frame of mind, Ouellet et  al. performed growth 
experiments using S. cerevisiae on hydrolysates derived from [emim][OAc]-
pretreated biomass [12]. Microcrystalline cellulose, corn stover, and switchgrass 
were used as substrates for pretreatment with ILs. The results showed high growth 
inhibition when using pretreated MCC and corn stover hydrolysates containing 
residual [emim][OAc] at 33.5 and 52.4 mM concentration, respectively. In other 
two trials, pretreated corn stover and switchgrass with low levels of IL (< 1 mM 
concentration of [emim][OAc]) had low impact on S. cerevisiae cell growth rela-
tive to the control. That study confirmed the difficulties of growing conventional 
S. cerevisiae in the presence of [emim][OAc] for use in IL-based biorefineries, as 
also ascertained in other research [13].
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3.2.2  Bacteria

Bacteria is another important domain of organisms with high biotechnological 
potential and industrial relevance, which could be developed for future IL 
pretreatment- based biorefineries. The influence of ILs on the growth of certain gen-
era of bacteria, such as Clostridium sp. and Bacillus sp., has been tackled in a num-
ber of studies [14, 16, 17]. For example, Clostridium sp. growth potential was 
evaluated in the presence of a variety of ILs, notably [emim][OAc], [emim][DEP], 
and [mmim][DMP] [14]. Generally, at low IL concentrations (< 2.5 g/L), Clostridium 
sp. growth curves were comparable to those observed for the control, where no IL 
was added to the culture media. In contrast, higher IL concentrations (> 2.5 g/L) 
lead to retardation or complete inhibition of bacterial growth. Particularly, culture 
media with low concentrations of [emim][OAc] increased the final concentration of 
bacterial cells to approximately 40% relative to control, despite the inhibitory effect 
of that IL to cell growth rates [14]. This observation was also reported for yeast 
growth in the presence of the same IL, as discussed in the previous subsection [11, 
13]. Furthermore, Nancharaiah et al. verified that a pH decrease from approximately 
7 to 3, which occurred naturally in control experiments, was not observed in the 
presence of [emim][OAc] [14]. The medium pH was always higher during bacterial 
growth in the presence of different concentrations of [emim][OAc] than that noticed 
in control, as depicted in Fig. 3.2. This observation was not recorded for the other 
growth trials containing [emim][DEP] or [mmim][DMP]. Based on those observa-
tions, the authors hypothesized the occurrence of a hormetic effect promoted by the 
presence of [emim][OAc], mainly due to the buffering action provided by the 
[OAc]− ion. At lower IL concentrations, fast and higher growth of Clostridium sp. 
was allowed by the buffering effect of [OAc]− ions, while bacterial growth inhibi-
tion was evident at higher concentrations [14]. The hormetic effect of [emim][OAc] 
was also observed in studies aimed to evaluate the effect of IL concentration on 
Pseudomonas putida cell growth [22]. In such case, the final concentration of bacte-
rial cells was almost 400% higher than that monitored for the control experiment in 
absence of IL. Similar pH buffering effect was observed after 40 h of incubation, in 
which the pH of the culture media was maintained above 6.0. It is worth to point out 
that culture media influences the hormetic effect caused by [emim][OAc]. For 
instance, using tryptic soy broth (TSB) or mineral salts (MS) medium supplemented 
with a non-fermentable carbon source, such as acetate, no hormetic effect was 
observed during P. putida cell growth [22].

Microbial enrichment studies have also been performed using microbial com-
munities from compost, under thermophilic conditions, in the presence of [emim]
[OAc] and [emim][Cl] [17]. Under such conditions, Bacillus bacteria were domi-
nant with a noticeable presence of Bacillus coagulans, which revealed high toler-
ance to both [emim][OAc] and [emim][Cl]. Respiration monitoring during cell 
growth revealed that these bacteria are tolerant up to 4% IL, as no microbial activity 
was detected in the culture media at higher IL levels than those. Furthermore, it was 
discovered that the influence of ILs on B. coagulans cell growth is highly dependent 
on whether the culture was in liquid or solid state. The authors observed higher 
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Fig. 3.2 Optical density (a) and culture medium pH (b) during the growth of Clostridium sp. in 
MS medium (control) and MS medium containing different concentrations of [emim][OAc]. 
(Reprinted from [14] Bioresource Technology, Vol. 102, Nancharaiah, Y V, Francis, A J, Alkyl- 
methylimidazolium ionic liquids affect the growth and fermentative metabolism of Clostridium 
sp., Pages No. 6573–6578, Copyright (2011), with permission from Elsevier)
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growth rate of bacterial cells in solid-state culture, suggesting that some tolerance 
mechanisms triggered by B. coagulans might be more effective in solid state rela-
tive to liquid cultures, in the presence of ILs [17].

3.3  Bioconversion in the Presence of Ionic Liquids

One of the major factors hindering the economic viability of IL-based biorefineries 
is the low biocompatibility of ILs, which adds expensive water washing require-
ments to remove residual ILs prior to enzymatic hydrolysis and fermentation. 
Though microbial cell growth could be largely affected by the presence of ILs, 
experimental optimizations and microbial enrichment studies allowed the discov-
ery of organisms that can tolerate low concentrations of certain types of ILs. In 
addition to their IL tolerance, these organisms must be able to produce high titer of 
the desired products under stress conditions, as commercial biotechnological pro-
cesses require the efficient production of fermentation-derived products. In this 
section, examples of microorganism-mediated bioconversion in the presence of ILs 
for production of ethanol [12, 24], organic acids [21], and lipids [11, 14] are 
described. Here, the key literature results, challenges, and prospects are given, and 
an overview of the key data related to bioconversion in ionic liquids is presented in 
Table 3.2.

3.3.1  Ethanol

One of the first studies testing the ability of microorganisms to produce ethanol in 
the presence of ILs was performed by Ouellet et al. [12]. That study has shown that 
S. cerevisiae cell growth is highly inhibited by the presence of [emim][OAc] at 
concentrations greater than 5.90 mM, while ethanol production by the same micro-
bial strain started to decline in the presence of at least 33.5 mM IL concentration 
(Fig. 3.3). Furthermore, experiments using biomass hydrolysates as carbon source, 
which derived from IL-pretreated corn stover with a few washing steps (containing 
52.4 mM [emim][OAc]), showed low ethanol production due to inhibitory effects 
attributed to the presence of IL. A more extensive washing procedure performed by 
the same authors resulted in a lignocellulosic hydrolysate with lower IL concentra-
tion (0.79 mM [emim][OAc]), which led to 92% conversion of glucose into ethanol 
by S. cerevisiae [12].

The quantity of residual IL in the pretreated biomass is correlated to the severity 
of the washing procedure, but it also depends on the type of IL used for pretreating 
the biomass. For example, it has been shown that pretreatment of biomass with 
either [emim][OAc] or [Ch][OAc] has resulted in pretreated feedstocks with distinct 
morphologies, which has highly impacted the performance of subsequent processes, 
such as saccharification and fermentation [23]. Using [emim][OAc] for biomass 
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pretreatment results in a gel-like solid that retains the IL within its structure. This 
phenomenon was not observed for biomass pretreated with [Ch][OAc]. After water 
washing, the quantity of IL remaining in both pretreated solids decreased. However, 
researchers have verified that the [Ch][OAc]-treated biomass contained much lower 
levels of residual IL than that observed for [emim][OAc]-treated biomass using the 
same amount of water.

The remarkable ability of [emim][OAc] to swell lignocellulosic biomass and to 
reduce cellulose crystallinity into a more amorphous structure has led to the defi-
cient dispersion of IL in the antisolvent and/or in the solvent used for the subsequent 
washing steps. After enzymatic saccharification of the pretreated biomass, the effect 
of the number of washing times on S. cerevisiae fermentative ability was further 
examined in the presence of residual ILs [23]. Ethanol production by S. cerevisiae 
increased with the number of washing steps, and the sugar conversion to ethanol 
was greater in the presence of [Ch][OAc] relative to [emim][OAc], for most of the 
experimental conditions tested in that study. Such results suggested that pretreating 
the biomass with [Ch][OAc] could reduce the amount of solvent used for washing 
while removing the great majority of the residual IL after biomass pretreatment, 
thus leading to improved fermentation performances relative to [emim][OAc]. 
However, one can note that a maximum of 60% ethanol yield was achieved in those 
experiments. Though the usage of [Ch][OAc] allowed great improvements in etha-
nol yields relative to [emim][OAc], it is still evident that S. cerevisiae fermentation 
performance in the presence of [Ch][OAc] needs to be improved in order to become 
a commercial process in the future [23]. More advances in this field have been 
reported in the last years [27, 29].

Fig. 3.3 Ethanol and glucose final concentrations after 72  h fermentation in 20  g/L glucose 
medium culture in the presence of different [emim][OAc] concentrations. (Reproduced from Ref.
[12] with permission from The Royal Society of Chemistry)
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A more recent study by Xu et al. shows the impact of a newly developed IL pre-
treatment system using the bio-based [Ch][Lys] on S. cerevisiae BY4741 growth 
and ethanol production [26]. The authors achieved 74.8% conversion of glucose to 
ethanol with a final ethanol concentration of 41.1 g/L, in a media containing 10 wt% 
IL in water. This “one pot” approach enables the possibility of recovering the IL 
after bioconversion to fuels and chemicals with no apparent impacts on microbial 
activity, even without the extensive water washing requirements. The same approach 
was later adopted by Amoha et al. using genetically engineered S. cerevisiae strains 
XR-XDH and XI, to consume xylose as carbon source [25]. Those authors tested 
five different ILs, of which [bmpy][Cl] showed the greatest biocompatibility, allow-
ing the S. cerevisiae XI strain to convert 84% of the total fermentable sugar avail-
able in the sugarcane bagasse hydrolysate to ethanol, in a media containing 200 mM 
of IL in water. Though the conversion of sugars to ethanol was quite promising, the 
enzymatic hydrolysis was performed at low solid loading, which in turn resulted in 
concentrations of ethanol around 1.6 g/L after 24 h fermentation. More work in this 
area is required to evaluate the potential use of [bmpy][Cl] in biomass pretreatment 
along with lignocellulose bioconversion by S. cerevisiae XI at industrially relevant 
conditions.

As described in the previous section, F. oxysporum BN fungus was discovered by 
microbial enrichment technique to grow in the presence of [emim][H2PO2] IL [19]. 
This microorganism can release cellulases that hydrolyze cellulose into glucose, 
which can be used by the organism to produce ethanol. Albeit F. oxysporum BN has 
demonstrated to grow in the presence of [emim][H2PO2], cellulases’ activity and 
ethanol fermentation is highly inhibited by it. This suggests that the isolation of 
organisms that can tolerate ILs to a certain extent, like F. oxysporum BN, may not 
have the in-built ability to effectively grow and produce value-added products, nota-
bly ethanol, in the presence of ILs [19]. The improvement of these strains is possible 
with proper understanding of inhibition mechanisms and evolving the strains by 
adaptation or genetic engineering.

A unique conversion process was developed in a more recent study, which con-
sisted in IL pretreatment of cellulose, followed by simultaneous saccharification 
and fermentation to produce ethanol in “one pot” (Fig. 3.4) [24]. Functional (“arm-
ing”) yeasts containing three main cellulases immobilized on its surface, namely, 
endoglucanase II (EG) and cellobiohydrolase II (CBH) from Trichoderma reesei 
and β-glucosidase I (BGL) from Aspergillus aculeatus, were used in this process 
[24, 30]. That study also focused on the influence of [emim][DEP], [emim][Cl], and 
[emim][OAc] for pretreating cellulose and the subsequent saccharification and fer-
mentation. All three ILs tested in that study allowed total dissolution of cellulose 
with further reduction of its crystallinity, which improved the enzymatic activity on 
the pretreated cellulose relative to the native counterpart. Furthermore, high ethanol 
production from IL-treated cellulose was observed in this study, contrasting with 
the control experiment where untreated cellulose could not be effectively converted 
to ethanol. The maximum concentration of ILs in the final solution without affecting 
ethanol fermentation was determined to be 200  mM.  However, yeast cellular 
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viability after fermentation largely depended on the IL used. For example, [emim]
[OAc] was the only IL tested in that study that negatively affected the viability of 
the yeasts after fermentation. Such observation was probably due to an increase of 
pH in the culture medium promoted by the presence of high concentration of [OAc]− 
anions. The most efficient production of ethanol was achieved with [emim][DEP], 
which revealed to be less toxic to enzymes and yeasts. However, after 7 days of 
incubation, approximately 1.6 g/L ethanol was obtained, which is far from ethanol 
titers attained with conventional industrial fermentations [24].

3.3.2  Organic Acids

Acetate, butyrate, and lactate are organic acids with industrial relevance, which are 
commonly produced by Clostridium sp. fermentation. As lignocellulosic biorefiner-
ies become a reality, the commercial production of these organic acids will derive 
from lignocellulosic sugars. Thus, in the context of an IL pretreatment-based biore-
finery, Clostridium sp. fermentation performance could be highly impacted by the 
presence of residual IL in the pretreated biomass, especially if the biorefinery via-
bility demands minimal washing of the pretreated biomass. To evaluate the impact 
of IL in the production of acetate, butyrate, and lactate, studies were performed in 
mineral salts (MS) medium with glucose, in the presence of various levels of [emim]
[OAc], [emim][DEP], and [mmim][DMP] [14]. Based on those studies, the 

Fig. 3.4 Cellulose pretreatment with IL and simultaneous saccharification and fermentation pro-
cess to produce ethanol by functional yeasts. (Reproduced from Ref. [24] with permission from the 
Royal Society of Chemistry)
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Clostridium sp. tolerance to the presence of ILs highly depended on the type of IL 
used. For example, cell growth was inhibited at concentrations of [emim][OAc] 
greater than 2.5  g/L, while it could tolerate concentrations up to 4  g/L for the 
remaining ILs tested. Interestingly, a significant hormetic effect was observed in the 
presence of [emim][OAc] at concentrations lower or equal to 2.5 g/L, where the 
total organic acid production improved between 65% and 45% relative to the con-
trol (no IL present). However, a significant drop in total organic acid production 
relative to the control was observed for [emim][OAc] concentrations greater or 
equal to 5 g/L. A milder hormetic effect was observed in the presence of [mmim]
[DMP], where organic acid production was slightly improved (between 9% and 
7.5% relative to control) by IL concentrations lower than 2 g/L. In the presence of 
[emim][DEP], the organic acid production consistently dropped with the presence 
of IL concentrations greater than 0.5 g/L. Though these experiments were important 
to understand the effects of various ILs during organic acid production by 
Clostridium sp., the organic acid concentration levels obtained in these experiments 
with MS medium were quite low for an industrial process, with a maximum of 
63.5 g/L [14]. Considering that lignocellulosic hydrolysates offer additional chal-
lenges to fermentative organisms due to the presence of inhibitory compounds natu-
rally occurring in the plants, it is critical that Clostridium sp. strains are developed 
to perform well in IL-containing lignocellulosic hydrolysates.

Another organic acid with great industrial relevance is succinic acid, which can 
be used as a platform chemical to produce various precursors for the polymer and 
chemical industries [31, 32]. Succinic acid can be produced via fermentation by 
several bacterial species, including Actinobacillus succinogenes, which has been 
used to produce succinic acid in LB media and lignocellulosic hydrolysates 
derived from [amim][Cl]-pretreated corn stover and pinewood [21]. That study by 
Wang et al. revealed that A. succinogenes 130Z cell growth is inhibited by the pres-
ence of [amim][Cl] at concentrations greater than 5% (v/v) in LB media, while 
succinic acid production is highly reduced even in the presence of 0.01% (v/v) 
[amim][Cl]. Based on these results, a maximum IL content of 0.01% (v/v) was 
allowed to be present in the lignocellulosic hydrolysate derived from [amim][Cl]-
treated pinewood and corn stover prior to fermentation. Such conditions allowed a 
succinic acid yield of 0.65 g/g consumed sugar, which is comparable or better suc-
cinic acid production relative to other pretreatment technologies, such as dilute acid 
and steam explosion. However, the extensive water washing requirements to remove 
residual IL levels down to 0.01% could undermine the economic viability of the 
biorefinery [21]. Therefore, new bacterial strains should be developed in the future 
to tolerate concentrations of IL comparable to those obtained after performing min-
imal-to-no washing steps.

Another study has revealed an effective process to produce α-ketoglutaric acid, 
mediated by Yarrowia lipolytica yeast in the presence of [emim][OAc] [20]. For this 
purpose, simultaneous saccharification and fermentation was conducted on 10 g/L 
Avicel PH-101 in defined MpA medium, containing 10% (v/v) IL concentration, at 
28  °C and pH  6.3 for 72  h. Surprisingly, under these conditions Y. lipolytica 
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produced 92% of the maximum theoretical yield of α-ketoglutaric acid. In compari-
son to other organisms, Y. lipolytica yeast was able to produce value-added products 
with very high efficiency in the presence of relatively high IL concentrations. It was 
suggested by the authors that Y. lipolytica increases the composition of cyclopro-
pane fatty acids in the cell membrane under stress conditions, offering high IL toler-
ance to the yeast [20]. The knowledge and understanding of the mechanisms that 
provide Y. lipolytica tolerance to high concentrations of IL could benefit the devel-
opment of other strains and their effective usage in the production of other value- 
added chemicals in a future IL pretreatment-based lignocellulosic biorefinery.

3.3.3  Lipids

Lipids are also very important platform chemicals used in lubricants, coolants, 
polymers, adhesives, detergents, and biofuels, among other commodities. In recent 
years, there has been increasing interest in production of lipids by oleaginous yeasts 
using sugars as carbon source [11]. As lignocellulosic sugars become less expensive 
and more readily available, the production of lipids could derive from that carbon 
source in a future IL pretreatment-based biorefinery. As mentioned in the previous 
sections, the viability of an IL pretreatment-based biorefinery hinges on several fac-
tors, including the ability of the microorganisms to grow and convert the carbon 
source effectively in the presence of ILs, in order to avoid expensive biomass wash-
ing steps after pretreatment. In this perspective, the development of oleaginous 
yeasts tolerant to the presence of ILs in the culture media is of prime importance to 
avoid expensive washing steps. Based on this requirement, the production of lipids 
by the yeast R. toruloides was studied in YEPD medium, in the presence of different 
types of ILs, with varying IL concentrations [11]. The results showed that lipid 
production was inhibited by the ILs in the following order: [emim][OAc] > [emim]
[DEP] > [emim][Cl], as depicted in Fig. 3.5.

Based on those results, it was possible to obtain lipid yields in media containing 
60 mM [emim][Cl] comparable to those of the control (no IL added), while only up 
to 30 mM [emim][DEP] allowed the same level of lipid production. In contrast, 
[emim][OAc] acted as a strong inhibitor for the range of IL concentrations tested, 
leading to very low lipid yields produced by R. toruloides. Normally, the culture 
medium pH dropped from 5.0 to 3.4 over a 24 h culture, which has been observed 
for the control and all experiments with [emim][DEP] and [emim][Cl]. However, 
the culture medium pH increased to 8.0 for cultures in the presence of [emim]
[OAc]. Such high pH is not favorable for the yeast to grow and produce lipids, as it 
interferes with the biosynthesis of lipids by impeding elongation and fatty acid 
desaturation [11]. Though these results are very promising by revealing the high 
potential of R. toruloides for lipid production in an IL pretreatment-based biorefin-
ery, it is worth to mention that the high IL tolerance was demonstrated by this yeast 
while growing in YEPD media. It is important to note that lignocellulosic substrates 
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are often more inhibitory to microorganisms and may not carry the nutrient balance 
required to achieve high tolerance to environmental stress and high yield of lipids. 
Therefore, more work in this line of research is required to fully develop oleaginous 
yeast strains that can perform well on lignocellulosic hydrolysates in the presence 
of high concentration of ILs.

3.4  Conclusions

ILs are unique solvents that enable the fractionation of biomass to its components, 
exposing carbohydrates to enzymatic action like very few other pretreatment tech-
nologies today. Though ILs are very promising solvents for plant cell wall decon-
struction, their strong interactions with the pretreated biomass make their recovery 
and reuse more challenging. Also, ineffective removal of ILs from the pretreated 
biomass can negatively impact the biorefining process, as ILs inhibit most enzymes 
and microorganisms if they are present at certain concentrations, depending on the 
organism. Up until recently, extensive biomass washing steps have been commonly 
used to remove residual IL present in the biomass after pretreatment, thus enabling 
its efficient conversion to bio-based products like ethanol, organic acids, and lipids, 
among others. As these extensive biomass washing steps are expensive and not 
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practical at a commercial biorefinery scale, the most recent biorefinery concepts 
based on IL pretreatment pay a great level of attention on minimizing the need for 
biomass washing steps after pretreatment. To enable these new biorefinery con-
cepts, microorganisms must be able to tolerate and perform well in the presence of 
ILs in lignocellulosic hydrolysates. Therefore, over the last few years, the influence 
of ILs on the enzymatic hydrolysis and microorganism-mediated bioconversion has 
been expectedly explored. Various authors have studied the ability of microorgan-
isms to grow in the presence of ILs, both using lab media and lignocellulosic hydro-
lysate cultures. In general, most microorganisms studied so far are negatively 
affected by the presence of relatively low concentrations of ILs, like [emim][OAc]. 
The development of more biocompatible ILs, such as phosphate, lysinate, and 
sulfate anion-based or cholinium cation-based ILs, allows significantly higher 
tolerance of those microorganisms to the presence of ILs in the culture media. Such 
findings highlighted the importance of developing new ILs with the desired proper-
ties for efficient biomass deconstruction while at the same time allowing effective 
microbial growth and production of biofuels and bio-based chemicals. By the same 
token, microorganisms must be developed, either using strain screening, adaptation, 
or genetic engineering techniques, to improve the tolerance of relevant microbial 
strains to ILs. To achieve such goal, the understanding of the genetic traits that con-
cede strain tolerance to ILs is quite important. For example, Y. lipolytica can grow 
in lab culture media containing up to 10% IL and produce 92% of the maximum 
theoretical yield of α-ketoglutaric acid. The mechanisms by which this and other 
strains adapted to the presence of ILs could be investigated and potentially imple-
mented in organisms of high biotechnological potential, such as S. cerevisiae. These 
and other advancements, notably those related to IL recovery and recycling and 
reduction of IL manufacturing costs, are acknowledged key factors for the economic 
viability and success of the future IL pretreatment-based biorefinery.

Nomenclature of Ionic Liquids
Cations
[amim] – 1-allyl-3-methylimidazolium
[bmim] – 1-butyl-3-methylimidazolium
[bmpy] – 1-butyl-3-methylpyridinium
[Ch] – cholinium
[emim] – 1-ethyl-3-methylimidazolium
[mmim] – 1,3-dimethylimidazolium

Anions
[Cl] – chloride
[DEP] – diethylphosphate
[DMP] – dimethylphosphate
[FA] – formate
[H2PO2] – phosphinate
[Lys] – lysinate
[(MeO)HPO2] – dimethylphosphate
[MeSO4] – methylsulphate
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[OAc] – acetate

Other
HEMA – tris(2-hydroxyethyl)-methylammonium methylsulfate
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Chapter 4
Liquid Hot Water Pretreatment 
for Lignocellulosic Biomass Biorefinery

Xinshu Zhuang, Wen Wang, Bing Song, and Qiang Yu

4.1  Introduction

Biorefinery refers to pretreatment and bioconversion steps to produce biofuels, bio-
products, and other high-value-added products from biomass. Plant biomass or lig-
nocellulose which has dominant amount in the world is mainly composed of 
cellulose, hemicellulose, and lignin. These three components connect with each 
other via covalent/non-covalent bonds to form compact structure to endow the 
recalcitrance of plant biomass for microbial or enzymatic attack [1]. Pretreatment 
which can break up the close connection among components and make the structure 
loose is a prerequisite step for the following effective bioconversion process of lig-
nocellulosic materials [2, 3]. Liquid hot water (LHW), also called as hot-compressed 
water, is one of pretreatment technologies to be conducted at elevated temperatures 
(160–240 °C) and above saturated vapor pressure with liquid water as the sole sol-
vent and catalyst [4, 5]. At the first stage of LHW process, water would be autoion-
ized to generate hydronium ions to cleave O-acetyl and uronic acid substitutions 
from hemicellulose [6, 7]. Acetic and other organic acids are subsequently formed 
and would further result in hydronium ion generation via autoionization. The hydro-
nium ions originated from these organic acids are more significant than those from 
water to alter physicochemical features of biomass, especially depolymerize hemi-
cellulose [6, 7]. Due to no chemicals added, LHW pretreatment has advantages of 
low corrosion to the equipment and little pollution to the environment [8, 9].
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LHW pretreatment can be widely used for biorefinery of herbaceous and woody 
biomass and microalgae. Biomass treated with LHW would generate liquid and 
solid fractions. Hemicellulose is the main component to be degraded in the liquid 
stream, while cellulose and lignin are chiefly remained in the solid fraction [5, 10]. 
Xylooligosaccharide (XOS) which has healthcare functions can be obtained from 
the liquid part [11]. The utilization of cellulose is promoted due to the physico-
chemical changes like hemicellulose removal, loose surface structure, and so on 
after LHW pretreatment. Lignin in LHW-treated biomass has different physico-
chemical properties from its original [12] and is the major component to affect 
enzymatic hydrolysis of cellulose via hindering the access of enzyme to cellulose or 
unproductively adsorbing enzyme [13]. The degradation degree of hemicellulose 
and the physicochemical changes of LHW-treated solid residue are closely affected 
by pretreatment temperature and time which can be expressed as severity factor (R0, 
Eq. 4.1) [7, 14]:

 
R t

T
0

100

14 75
= ⋅

−





exp

.  
(4.1)

where t is pretreatment time (min) and T is pretreatment temperature (°C). The log 
(R0) is usually presented as a parameter to investigate the combined effect of tem-
perature and time on lignocellulose suffering LHW pretreatment [15, 16]. 
Furthermore, the flow-through LHW technology is developed, and the water flow is 
introduced as another parameter influencing the effectiveness of LHW pretreatment 
[17–19]. This chapter focuses on the principle and application of LHW technology 
for biomass biorefinery.

4.2  Physicochemical Changes of Feedstocks After 
LHW Pretreatment

Various lignocelluloses treated with LHW will have changes on chemical compo-
nents and structural characteristics and recover 40–75% solid residues. Table 4.1 
shows the compositional changes of herbaceous and woody biomass after LHW 
pretreatment. It indicates that LHW pretreatment can largely degrade hemicellulose 
and partially remove lignin, which subsequently alter the physicochemical proper-
ties of feedstocks.

4.2.1  Hemicellulose Depolymerization

Hemicellulose is a heterogeneous and highly branched polysaccharide, which may 
consist of glycosyl units from pentoses (β-D-xylose, α-L-arabinose), hexoses (β-D- 
glucose, β-D-mannose, α-D-galactose), and/or uronic acid residues (α-D-glucuronic, 
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Table 4.1 Components of untreated and LHW-treated lignocelluloses at various conditions

Lignocelluloses
Solid recovery 
(%)

Cellulose 
(%)

Hemicellulose 
(%)

Lignin 
(%) Ref.

Sugarcane bagasse [20]
 Untreated 33.1 26.3 18.2
S:L=1:10, 170 °C, 
15 min

63.6 43.6 21.8 27.0

S:L=1:10, 195 °C, 
10 min

50.8 58.8 7.5 28.9

S:L=1:10, 220 °C, 
5 min

45.9 56.7 2.0 37.0

S:L=1:10, 220 °C, 
15 min

43.3 54.7 1.8 36.9

Corn stover [21]
 Untreated 30.9 29.9 26.8
S:L=1:10, 170 °C, 
40 min

68.5 40.1 29.4 33.5

S:L=1:10, 180 °C, 
40 min

58.6 48.7 13.1 37.0

S:L=1:10, 190 °C, 
40 min

53.2 51.0 9.2 38.5

Wheat straw [22]
 Untreated 28.2 13.1 19.1
 S:L=1:4, 170 °C, 
10 min

74.0 33.9 17.6 25.1

 S:L=1:4, 170 °C, 
40 min

61.6 42.4 13.0 20.1

 S:L=1:4, 180 °C, 
10 min

69.8 35.6 16.3 28.5

 S:L=1:4, 180 °C, 
40 min

53.0 48.3 4.0 23.0

 S:L=1:4, 190 °C, 
10 min

55.8 43.0 10.8 28.0

S:L=1:4, 200 °C, 
10 min

46.6 50.9 4.3 24.9

Safflower straw [16]
Untreated 35.1 19.6 22.0
S:L=1:11, 150 °C, 1 h ≈65.0 40.4 18.1 21.5
S:L=1:11, 150 °C, 2 h ≈62.0 42.5 17.8 24.7
S:L=1:11, 180 °C, 1 h ≈55.0 48.9 7.1 27.1
S:L=1:11, 180 °C, 2 h ≈50.0 55.9 3.3 33.1

(continued)
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α-D-4-O-methylgalacturonic, and α-D-galacturonic acids) [25]. Different biologi-
cal origins have different types of hemicellulose. Hardwoods mainly have xylan- 
type hemicellulose like glucuronoxylans (O-acetyl-4-O-methyglucuronoxylans) 
and arabinoglucuronoxylans (arabino-4-O-methylglucuronoxylans) for herbaceous 
biomass, while softwoods mainly possess mannan-type hemicellulose such as 
galactoglucomannans (O-acetyl-galactoglucomannans) [25].

According to the fundamental of LHW pretreatment, the depolymerization of 
hemicellulose in the process belongs to acid-catalyzed reaction. Over 80% hemicel-
lulose would be degraded into saccharides, furfural, acetic acid, etc. [8, 26]. 
Generally, xylan is the main polymer chain of hemicellulose in various lignocellu-
loses. It has biphasic pattern in hydrolytic process comprising fast-rate and slow- rate 
hydrolysis portions. A comprehensive model of hemicellulose hydrolysis has been 
proposed on the basis of pseudo-homogeneous assumption following a first- order 
reaction (Fig.  4.1) [26–28]. The kinetic model can be developed described as 
Eqs. 4.1–4.6. CX, CXF, CXS, CXO, CXyl, and CDP are the concentrations of xylan, fast- 
xylan, slow-xylan, xylooligomers, xylose, and degradation products, respectively. 
k1f, k1s, k2, and k3 are the specific reaction rates varied with temperature. The relation 
between k value and temperature can be determined by the Arrhenius equation 
(Eq. 4.7), where A is a pre-exponential factor depending on acid concentration, Ea 
is activation energy (J/mol), R is the gas constant, and T is kelvin temperature (K).

 C C CX XF XS= +  (4.1)

Table 4.1 (continued)

Lignocelluloses
Solid recovery 
(%)

Cellulose 
(%)

Hemicellulose 
(%)

Lignin 
(%) Ref.

Beechwood [23]
Untreated 42.1 25.4 26.1
S:L=1:15, 190 °C, 
15 min

70.5 54.4 7.6 28.8

S:L=1:15, 220 °C, 
15 min

61.0 60.2 0.7 37.7

Eucalyptus [24]
 Untreated 44.4 21.8 27.7
 S:L=1:8, 195 °C, 7 min 74.7 57.9 4.5 34.4
S:L=1:8, 205 °C, 7 min 71.4 59.1 3.6 31.1
S:L=1:8, 220 °C, 7 min 70.3 64.9 1.3 31.4
S:L=1:8, 230 °C, 7 min 69.9 62.6 1.0 35.1

Fast-Xylan(XF)
1
→

Slow-Xylan(XS)
1
→

Xylo-oligomers (XO)
2
→Xylose (Xyl)

3
→Degradation products (DP) 

Fig. 4.1 Reaction pathway of xylan hydrolysis
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The fast- or slow-xylan is not a real representation of the intrinsic characteristic of 
xylan but only a conception for developing a kinetic model. Several studies neglected 
the biphasic style of hemicellulose and developed kinetic models initially from sin-
gle xylan without fast/slow separation, which also fitted the experimental data well 
[29, 30]. The monophasic/biphasic reaction is related to the autohydrolysis condi-
tion [30]. Different feedstocks have different activation energies of LHW hydroly-
sis, which finally affect the specific reaction rate. For example, the activation 
energies of pure xylan, rice straw, and palm shell are 65 580, 68760, and 95 190 J/
mol, respectively [31]. Yu et al. compared LHW hydrolysis of hemicellulose from 
sweet sorghum bagasse and Eucalyptus grandis chips in batch and flow-through 
reactors and claimed that reactor type contributed more on hemicellulose hydrolysis 
kinetics than feedstock category [29]. Pronyk et al. also pointed out that the kinetic 
rate constants are not only affected by temperature and acid concentration but also 
related to fluid velocity in the reactor [30].

4.2.2  Lignin Change

Besides hemicellulose degradation, lignin will be departed into two parts after LHW 
pretreatment: one is dissolved in the liquid, and the other is retained in the solid resi-
due. Lignin is a complex heteropolymer composed of three aromatic phenylpropane 
units, namely, guaiacyl (G), syringyl (S), and p-hydroxyphenyl (H) moieties, 
derived from coniferyl, sinapyl, and p-coumaryl alcohols, respectively [32]. 
Syringyl units of lignin have been thought as the most susceptible fragments to 
hydrothermal treatment [7]. Lignin dissolution comprises reactions of lignin- 
carbohydrate bond cleavage and lignin depolymerization [7]. The content of lignin 
degradation products in LHW pretreatment liquid will be increased at the elevated 
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temperatures, of which a partial will recondense on the surface of LHW-treated 
solid residue to form droplets, spheres, or layers with LHW pretreatment liquid 
cooling down (Fig. 4.2) [23, 33]. In addition, pseudo-lignin originating from ligno-
cellulosic carbohydrates could be also in the form of spherical droplets. The mecha-
nism of pseudo-lignin formation has been proposed that hydroxymethylfurfural 
(HMF) or furfural derived from six-carbon or five-carbon sugars can produce aro-
matic compounds which can be further synthesized to polyphenolic structures via 
polymerization reactions [34].

Most lignin is remained in the solid residues of lignocellulose after LHW pre-
treatment. It has been reported that lignin has glass transition behavior which is 
described as the transformation from a hard or glassy status into a viscous or rub-
bery status when being heated [35]. The glass transition temperature (Tg) is a sensi-
tive indicator of structural changes of lignin [12]. Various lignocelluloses have 
different lignin constituents. For example, the lignin of wheat straw contains 5% H 
unit, 49% G unit, and 46% S unit, while that of rice straw has 15% H unit, 45% G 
unit, and 40% S unit [32]. Lignin originating from different lignocelluloses or pre-
pared from the same lignocellulose with various methods has obviously different Tg 
values. Ko et al. reported that hardwood lignins obtained at elevated LHW pretreat-
ment severities had increased Tg values [12]. In addition, the distribution of lignin in 
the cell wall would be changed after LHW pretreatment. Yu et al. adopted SEM- 
EDXA method to detect KMnO4 staining lignin in the cell wall of untreated and 
LHW-treated sugarcane bagasse and found that lignin can redistribute among differ-
ent layers of the cell wall in the LHW process [10]. Lignin distributed in different 
layers of the cell wall has different dissolution ability during LHW pretreatment. 
Ma et al. used confocal Raman microscopy to observe that lignin in the middle layer 
of the secondary cell wall (S2 layer) was dissolved more than that in compound 
middle lamella (CML) [36].

The chemical groups, chemical bonds, and characteristic monomeric units of 
lignin are also changed after LHW pretreatment, and their changes can be detected 

Fig. 4.2 Droplets formed 
on the surface of LHW- 
treated sugarcane bagasse 
(pointed by white arrows)
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by Fourier transform infrared (FTIR) spectroscopy, nuclear magnetic resonance 
(NMR) spectroscopy, pyrolysis gas chromatography/mass spectrometer (Py-GC/
MS), and so on. FTIR detection can monitor the changes of functional chemical 
groups like carbonyl, aldehyde group, carboxyl, aromatic group, conjugate group, 
chemical bonds, etc. Generally, the FTIR characteristic peak intensities of lignin 
after LHW pretreatment are changed, which indicates that the amount of chemical 
groups in lignin is increased or decreased [23, 37–39]. The NMR data can give 
information of lignin linkage and monolignol variation [40]. Two-dimensional (2D) 
heteronuclear single-quantum coherence (HSQC) and solid-state cross- polarization/
magic angle spinning (CP/MAS) NMR spectroscopy are commonly adopted to 
measure the organic solvent dissolved and undissolved lignin, respectively [38, 40]. 
The Py-GC/MS method can reveal the structural information via products generated 
during the pyrolysis process [40–42].

4.2.3  Microstructural Change

After LHW pretreatment, the microstructure of lignocellulose including surface 
morphology, cell wall, micropores, and crystallinity can be changed.

The compactness of surface morphology of lignocellulose becomes loose after 
LHW pretreatment, and the longitudinal cracks appear among the fascicular struc-
ture (Fig. 4.3) [39, 43]. Spherical droplets are found to deposit on the surface of 
LHW-treated lignocellulose, which are ascribed to lignin or pseudo-lignin [34, 44]. 
Compared with the untreated lignocellulose, the specific surface area of LHW- 
treated lignocellulose is usually increased to one- to threefold [33, 45], and the pore 
diameter of LHW-treated lignocellulosic surface is enlarged more obviously with 
severity factor of pretreatment intensified [45]. The cell wall of raw lignocellulose 
has apparently various layers, namely, CML, primary cell wall (PCW), outer layer 
of secondary cell wall (SCW, S1), middle layer of secondary cell wall (S2), and 
inner layer of secondary cell wall (S3) [10], among which the boundaries become 

Fig. 4.3 SEM observation of untreated (a) and LHW-treated (b) sweet sorghum bagasse
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blurry after LHW pretreatment (Fig. 4.4) [46, 47]. The cell wall is destroyed due to 
the removal of hemicellulose and lignin [46, 47]. The crystallinity of lignocellulose 
indicated with crystallization index (CrI) is usually increased after LHW pretreat-
ment due to the removal of amorphous components and the retention of crystalline 
cellulose. The CrI value is usually calculated with XRD data (Eq. 4.8) and some-
times with FTIR (Eq. 4.9) and NMR data (Eq. 4.10). The type of cellulose cannot 
be transformed after LHW pretreatment.
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where I002 is the diffraction intensity of 002 lattice plane at around 2θ=22.5° and Iam 
is the baseline intensity at about 2θ=18.4° [48]:
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where IWN1 is band intensity at 1430 cm-1 only for cellulose I or 1371 cm-1 for cel-
lulose I and II and IWN2 is band intensity at 889 cm-1 only for cellulose I or 665 cm-1 
for cellulose I and II [49]:
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where Sδ86.4-93.0 and Sδ81.0-93.0 are the integral areas of bands at the chemical shift from 
86.4 to 93.0 ppm and 81.0 to 93.0, respectively [50].

Fig. 4.4 TEM observation of untreated (a) and LHW-treated (b) sugarcane bagasse
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4.3  Technology Development of LHW Pretreatment

The last decades have witnessed the development of techniques in LHW pretreat-
ment of biomass on various aspects for different purposes. In this section, the devel-
opments in reactors, catalysts, and the use of cosolvents are mainly discussed to 
update the progress of LHW pretreatment techniques. Integration of LHW treat-
ment and other techniques for biomass pretreatment is also considered as a develop-
ment in LHW techniques and is introduced in this section.

4.3.1  Development in Reactors

In general, the reactors used for LHW pretreatment of biomass are in three catego-
ries, i.e., batch, semicontinuous, and continuous reactors, based on their flow types. 
Each of these types has its advantages and is used for different purposes [51]. In 
brief, using batch reactors minimizes the use of water or solvents, thus reducing the 
cost of solvents, catalysts, and the energy consumption for heating up the system. 
However, pretreatment with batch reactors has longer residence time for both dis-
solved and solid residues compared with treatments under semicontinuous and con-
tinuous conditions. The long residence time can cause further degradation of 
products such as xylose and glucose to various compounds, some of which (e.g., 
furans, acids, and furfurals) are toxic to enzymes and microorganisms [52]. By 
using semicontinuous reactors, it is achievable to separate water or solvent-soluble 
compounds from solids by their phases and to minimize the further degradation of 
soluble compounds [53]. Interestingly, by taking advantage of the distinct decom-
position temperatures of hemicelluloses (160–210 °C), cellulose (above 240 °C), 
and lignin (insoluble at 160–210 °C), near-complete fractionation and recovery of 
hemicellulose can be achieved by LHW pretreatment under moderate conditions 
[54–56]. Continuous reactors are mainly used to investigate the mechanisms of bio-
mass decomposition under hydrothermal conditions, because these reactors can 
minimize the retention time of whole feedstocks; thus, the further degradation of 
both soluble and solid products can be minimized. However, a further extraction or 
fractionation process is needed to achieve the separation of different compounds 
after continuous treatment.

The development in reactors can be evidenced by the improvement in heating 
types. Conventional reactors generally use furnaces or bathe such as oil bath (less 
than 300 °C) and sand bath (less than 600 °C) as heating sources [57–61]. In recent 
years, microwave has been widely applied for biomass pretreatment. Compared 
with conventional ways, microwave-assisted heating can achieve uniform heating of 
biomass/water mixtures more rapidly with high efficient energy transmission [62]. 
Moreover, compared with conventional heating methods, microwave-assisted pre-
treatment has shown significant enhancements of the accessibility of cellulose to 
enzymes and promoted the biodegradability of lignocellulosic biomass [63, 64]. 
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More recently, solar-assisted heating is also applied for biomass LHW pretreatment 
[65, 66]. Compared with other heating methods, solar-assisted heating has obvious 
advantages because it eliminates the cost for heating supply, thus significantly 
reduces  the overall cost of biorefinery. More interestingly, unlike LHW pretreat-
ment with conventional or microwave-assisted heating, solar-assisted pretreatment 
has shown to be more effective for the delignification of biomass and maintain most 
of the cellulose at the same time [65]. However, the use of solar energy is limited by 
the availability and intensity of sunlight in different areas. In general, the new heat-
ing types are highlighted as these methods can drastically save the process cost and 
promote the scale-up of biorefinery.

4.3.2  Development in Catalysts

Catalysts are commonly used in LHW pretreatment of lignocellulosic biomass to 
optimize the biodegradability of cellulose. Diluted sulfuric acid (e.g., ~2%) is one 
of the most commonly used catalysts for biomass pretreatment which can not only 
enhance the recovery of hemicellulose but also promote the rearrangement of lig-
nin, thus enhancing the biodigestibility of cellulose [67, 68]. However, undesirable 
degradation of cellulose can also happen during LHW/sulfuric acid pretreatment, 
for instance, the pretreatment of switchgrass with 0.5% of sulfuric acid (140 °C for 
10 min) can cause more than 20% of glucan loss [69]. Thus, weaker acids such as 
acetic acid and aqueous CO2 are also used to reduce the loss of glucan [70, 71]. 
Moreover, pretreatment of lignocellulosic biomass with acetic acid and sodium 
chlorite at moderate conditions (~105 °C) can selectively remove lignin, maintain 
the majority of hemicellulose and cellulose, and reduce the polymerization of cel-
lulose [72–74]. Alkaline reagents such as sodium chloride and aqueous ammonia 
are also widely used as additives for the delignification of biomass during LHW 
pretreatment. The addition of alkalines enhances the dissolution of lignin during 
LHW pretreatment. Also, hemicellulose can be removed by setting proper tempera-
tures. Compared with acid-catalyzed LHW pretreatment, alkali-catalyzed ways are 
more effective in delignification [75].

A major issue of acid- or alkaline-based pretreatment is the cost of chemicals and 
the extra process cost for the neutralization or recovery of catalysts. To overcome 
this shortcoming, heterogeneous catalysts have been developed as recyclable alter-
natives to replace the use of homogeneous catalysts [76]. LHW pretreatment with 
solid or polymer-supported acids as catalysts can not only achieve the rapid decom-
position of hemicellulose but also stabilize acids on solids to avoid the waste or 
pollution caused by catalysts [77, 78]. The development from homogeneous to het-
erogeneous catalysts is plausible, but effective recovery methods to separate cata-
lysts from the pretreated biomass residues are needed to achieve practical reuse of 
catalysts.
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4.3.3  Development in Solvent/Water Systems

Modifying the solvent systems of LHW is another key technique applied to ligno-
cellulosic biomass. Efforts have been taken mainly to achieve the dissolution of 
lignin. In general, various cosolvents including aprotic solvents, protic solvents, 
ionic liquids (ILs), and deep eutectic solvents (DESs) have been used in LHW pre-
treatment. Some of the main developments in these solvents are highlighted and 
discussed as follows.

Protic Solvent/Water Ethanol is the most commonly used protic solvent for the 
hydrothermal pretreatment of lignocellulosic biomass. Some early studies (years 
2007 to 2009) primarily developed the method of using ethanol/water mixtures as 
solvents for the hydrothermal pretreatment of lignocellulosic biomass [79–81]. 
After that, following studies combined ethanol/water pretreatment with the use of 
various catalysts to further enhance the performances of this treatment method and 
applied it onto various feedstocks [82–86]. Despite the dissolution of lignin, the use 
of ethanol also activates the etherification between lignin function groups and etha-
nol, in which reaction can enhance the enzymatic hydrolysis of pretreated biomass 
by reducing the affinity of enzymes onto lignin [87]. An advantage of using ethanol 
as a cosolvent for biomass pretreatment is that ethanol is widely produced from 
lignocellulose biomass via hydrothermal pretreatment with subsequent enzymatic 
hydrolysis and fermentation. Therefore, using ethanol as a cosolvent for biomass 
pretreatment is considered as a sustainable way of ethanol production and applica-
tion [88].

Aprotic Solvent/Water Aprotic solvents such as acetone, tetrahydrofuran (THF), 
methyl isobutyl ketone (MIBK), gamma-valerolactone (GVL), and imidazole have 
also attracted wide interests as cosolvents for the pretreatment of lignocellulosic 
biomass [15, 61, 89–91]. Among these solvents, GVL is highlighted as a promising 
cosolvent because it is a biorefinery-derived chemical and its superior performances 
for lignocellulosic biomass pretreatment. Some of the recent studies have compre-
hensively studied the produce of GVL from biomass-derived chemicals [92], the 
use of GVL/water for biomass pretreatment with subsequent bioconversion [61, 
93], the solvent effect of GVL on biomass decomposition mechanisms and kinetics 
[94–96], and the recovery of products and solvents from GVL/water/biomass pre-
treated mixtures [61, 97]. It is plausible that GVL-based biorefinery has broadened 
the future of biomass valorization.

ILs/Water ILs were first introduced as solvents or cosolvents for biomass pretreat-
ment in 2007, when 1-n-butyl-3-methylimidazolium chloride and 1-allyl-3- 
methylimidazolium chloride were used for the dissolution of lignin from 
lignocellulosic biomass, and the pretreatment with ILs showed significant enhance-
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ment to the biodegradability of biomass [98, 99]. Unlike organic solvents, the solu-
bilities of ILs can be tuned by using different ion donators and/or accepters or 
adjusting the ratio of water in ILs/water mixtures. In other words, ILs can be used 
to selectively dissolute lignin, hemicellulose, or cellulose for corresponding pur-
poses [100–105]. Despite the promising future of ILs/water in biomass pretreat-
ment, most ILs are toxic to enzymes or microorganisms, and ILs are generally 
expensive [106, 107]. The use of “greener” and cost-effective ILs is encouraged for 
biomass pretreatment to achieve scale-up applications [105].

DESs/Water Similar to ILs, DESs (prepared with various hydrogen donators and 
accepters) were also developed to achieve biomass fractionation by taking advan-
tage of their different solubilities on lignin, cellulose, and hemicellulose. DESs/
water was first studied as a solvent for biomass pretreatment in 2012 [108]. After 
that, an increasing number of studies have been conducted to replace ILs with DESs 
for biomass pretreatment [109–113]. Compared with ILs, DESs have less toxicity 
because the hydrogen donator can be various biomass-derived chemicals such as 
sugar monomers and biomass-derived acids. Moreover, the chemicals used for DES 
preparation are much cheaper than those used for ILs, and using DESs is more cost- 
effective [114, 115]. However, the use of DESs/water on biorefinery is still at its 
infantry level and needs to be further studied.

4.3.4  LHW Pretreatment Combined with Other Pretreatments

Properly designed integrated pretreatment with LHW and other techniques can also 
enhance the sugar yields with minimized consumption. For instance, the integration 
of mechanical size reduction (e.g., ball milling) and hydrothermal pretreatment was 
studied to enhance the removal of hemicellulose and lignin in lignocellulosic bio-
mass, and the enzymatic hydrolysis efficiency of pretreated biomass was signifi-
cantly enhanced [116, 117]. It should be noted that mechanical pretreatment can 
also enhance the unwanted loss of glucan during LHW pretreatment [118, 119]. 
Therefore, an assessment on the overall glucose recovery is required, and it has been 
suggested that the combination of hydrothermal pretreatment with subsequent size 
reduction can achieve higher glucan bioconversion than the other way around [120]. 
Moreover, steam explosion has been proved to be applicable to increase the porosity 
of biomass, thus enhancing the pretreatment performances of LHW or LHW/sol-
vents [121, 122]. In general, compared with the developments in reactors, catalysts, 
and cosolvents, less progress in integrated pretreatment techniques has been 
achieved.
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4.4  Factors Influencing Lignocellulosic Biomass 
Bioconversion Based on LHW Pretreatment

The bioconversion or degradation (enzymatic hydrolysis, anaerobic digestion, or 
fermentation) of lignocellulosic biomass mainly uses the cellulose or glucan of bio-
mass. Whether a pretreatment process is successful or not should be assessed based 
on the recovery of glucan after pretreatment and the bioconversion performances of 
pretreated biomass, as well as the cost consumed for the overall treatment. Therefore, 
to generate minimal yields of unwanted products and maximal yields of target prod-
ucts in cost-effective ways, it is of significance to understand the factors influencing 
the bioconversion process of biomass pretreatment. This section mainly discusses 
soluble degradation products, lignin, structural features, and solid loading, which 
are LHW pretreatment correlated key factors that influence the lignocellulose 
bioconversion.

4.4.1  Soluble Degradation Products

There are multiple products during the hydrothermal treatment of lignocellulosic 
biomass. Some of these products have been identified as inhibitors to the bioconver-
sion of pretreated biomass and need to be minimized during or after pretreatment, 
while some other products are wanted. These products are summarized as follows:

 1. The hydrothermal decomposition of hemicellulose generates corresponding 
sugar oligomers and monomers such as xylooligosaccharide, xylose, arabinan, 
and arabinose. These sugars can suppress the enzymatic hydrolysis performance 
of cellulase [123]. For instance, even a concentration of xylose at 1 g/L signifi-
cantly decreases the enzyme efficiency of cellulase [124].

 2. LHW with high treatment severities can easily cause the further decomposition 
of hemicellulose and cellulose-derived sugars that can generate chemicals such 
as furans, furfurals, and organic acids, which are toxic to enzymes and microor-
ganisms [52, 124, 125].

 3. Part of lignin also decomposes and dissolves in LHW as phenolics. These chemi-
cals are toxic to enzymes and can significantly inhibit the bioconversion of cel-
lulose, and even a reduction of cellulose hydrolysis rate of 92% can be induced 
by the presence of phenolics at 1 g/L [124, 126].

 4. The other products, especially cellulose-derived monomers and oligomers, are 
preferred for the subsequent bioconversion such as anaerobic digestion and fer-
mentation. For instance, LHW pretreatment of biomass at moderate temperature 
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can cause the release of some soluble compounds and the overall solubility of 
biomass, which are preferred to enhance the anaerobic digestion of biomass 
[127, 128].

4.4.2  Lignin

Lignin has been long considered as the dominant factor that suppresses the biocon-
version of lignocellulosic biomass [129]. In general, it has been demonstrated that 
the biodegradability of cellulose decreases with the increase of lignin content in 
pretreated biomass [130–132]. The detailed effect of lignin on the bioconversion of 
cellulose is concluded as follows:

 1. Lignin naturally seals in the cell wall structure of lignocellulosic biomass and 
performances as a cover for cellulose. The covering effect of lignin can block the 
accessibility of cellulose to cellulase. Therefore, part of the cellulose in lignocel-
lulosic biomass cannot be hydrolyzed. In other words, the enzymatic hydrolysis 
efficiency of cellulose is strongly suppressed for raw biomass because of the 
presence of lignin [133].

 2. Even for the exposed cellulose, the loading of cellulase is also influenced by 
lignin because the functional groups of lignin are more attractive for cellulase 
compared with that of cellulose, which results in the less distribution of cellulase 
on cellulose but accumulation of cellulase on lignin [87].

 3. As mentioned above, part of lignin decomposes under LHW process and gener-
ates phenolics.

As abovementioned, the modification, rearrangement, and removal of lignin via 
LHW pretreatment are all effective ways to minimize the inhibition effect of lignin 
and enhance the biodegradability of biomass.

4.4.3  Structural Features

During the LHW pretreatment of lignocellulosic biomass, modifications or changes 
of the structural features also happen, except for the decomposition of different frac-
tions. Herein, the changes in biomass particulate properties (e.g., size and porosity) 
and cellulose crystals are summarized.

LHW pretreatment can cause not only the partial release of compounds but also 
the collapses of cell structures of biomass, both of which can cause particle size 
reductions [76, 134]. Moreover, the porosity of particles is also enhanced after pre-
treatment [135]. These changes can result in the increase of specific surface area of 
feedstocks, while higher specific surface areas are preferred for the enzymatic bio-
conversion of cellulose.
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Changes also happen to the crystalline structure of cellulose. The structural 
changes of cellulose crystals can be characterized by the degree of polymerizations 
(DPs) and crystalline indexes (CrIs). The DPs of cellulose are generally decreased 
after LHW pretreatment due to the cleavage of glycosidic bonds [136]. However, 
changes in crystalline indexes vary with different pretreatment methods. In some of 
the previous studies with only LHW or LHW/acids for biomass pretreatment, the 
CrIs of cellulose were slightly increased [135, 137], while for other treatments 
using ILs/water or DESs/water, the CrIs of cellulose were decreased [138, 139]. 
Herein, it is arbitrary to make a statement that LHW pretreatment can ensure the 
increase or decrease of CrIs. However, compared with the dominant effect of lignin, 
the changes in CrIs and DPs are less effective to the digestibility of the biomass. In 
fact, increases in bioconversion of pretreated feedstocks were achieved in all 
referred studies [134–138]. Rather, it is plausible that the decrease of CrIs can 
enhance the initial hydrolysis rate during the enzymatic hydrolysis of cellulose 
[140, 141].

4.4.4  Solid Loading Ratio (%, W/W)

The solid loading ratio of biomass varies with different bioconversion techniques 
and biomass feedstocks. For LHW-pretreated biomass, most of the previous biocon-
version techniques are either anaerobic digestion (AD) for biogas production or 
enzymatic hydrolysis (EH) for saccharification. Herein, the influences of LHW pre-
treatment with different solid loading for subsequent AD and EH are discussed, 
respectively.

Typical solid contents or solid loading of lignocellulose in AD treatment ranges 
from 10% to 50% [142]. Previous studies have classified the anaerobic digestion 
systems into solid-state anaerobic digestion (SS-AD, solid content >15%) and 
liquid- state anaerobic digestion (LS-AD, solid content < 15%) based on the content 
of total solids [143]. Obviously, higher solid loading ratio is preferred to enhance 
the capacity of treatment systems and reduce the energy cost for temperature main-
tenance. However, with the increase of solid loading, the concentrations of interme-
diate compounds, especially acids, can be over-generated, resulting in the failure of 
the AD [144]. Optimization of the loading rate is required for different cases. As to 
raw lignocellulosic biomass (mainly grasses, energy corps, or agriculture wastes), a 
loading ratio at 15% to 30% is likely optimal for their AD conversion, while the 
value is expected to reduce after LHW because of the increase of digestible frac-
tions [145].

The enzymatic hydrolysis efficiency of biomass is strongly correlated with the 
treatment time, solid loading, and enzyme loading. In general, higher solid loading 
ratio is also preferred to maximize the capacity of each treatment. However, increas-
ing solid content can result in the increase of sugar concentrations in the solution 
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and cause end-product inhibition [146]. Moreover, with the increase of solid con-
tent, longer reaction time or higher enzyme loading (determined as FPU per gram 
biomass dry matter, or FPU per gram glucan in the dry matter) is required to achieve 
the maximum sugar recovery of the feedstocks, and reducing the use of enzyme 
with optimal sugar recovery has been more discussed than shortening the reaction 
time due to the high cost of enzymes [146–148]. In general, a solid loading ratio 
should be determined based on an overall assessment of treatment capacity, sugar 
recovery, and enzyme consumption. Based on the above discussion, an adequate 
LHW pretreatment can enhance the glucan content in pretreated biomass and mod-
ify or reduce the amount of lignin. Therefore, lower enzyme loading rate is required 
to achieve a similar sugar recovery from raw biomass, while the solid loading ratio 
is expected to be reduced for LHW-pretreated biomass to eliminate the end-product 
inhibition.

4.5  Bioproduct Production Based on LHW Pretreatment

After LHW pretreatment, hemicellulose in lignocellulose would be degraded into 
oligosaccharides and monosaccharides in the liquid portion, from which xylooligo-
saccharide can be extracted. Cellulose and lignin are mainly retained in the solid 
part, which would be directly used as feedstock for producing biogas or biocarbon 
or further converted into glucose for biochemicals like ethanol, butanol, lactic acid, 
etc., and the resulting lignin-rich solid residue can be used as fungi medium or for 
productions of lignin derivatives. The conversion route of lignocellulose based on 
LHW pretreatment is depicted as in Fig. 4.5.

Fig. 4.5 Products converted from lignocellulose based on LHW technology
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4.5.1  Xylooligosaccharides

The degradation products of hemicellulose that mainly consist of xylan with degree 
of polymerization (DP) less than 20 can be defined as xylooligosaccharides (XOS), 
among which those possessing 2–7 xylose units with β-1,4 glycoside bond linkage 
have been considered as prebiotics [149, 150]. XOS cannot be digested in human 
body due to the lack of enzymes and thus are suitable for diabetics as dietary sweet-
eners [150]. XOS have multiple health benefits like adjusting proliferative activities 
of intestinal beneficial flora especially Bifidobacteria, improving immunity of 
human body, reducing cholesterol content in serum, lowering down the risk of colon 
cancer, and so on [151, 152].

In the LHW process, XOS with different DP are distributed in the pretreatment 
liquid. The DP of XOS are affected by the pretreatment condition concerning tem-
perature and retention time. The yield of high-DP XOS is more than that of low-DP 
XOS at mild pretreatment condition, while less at intense condition [153, 154]. 
Wang et al. [153] detected XOS from rapeseed straw with LHW pretreatment at 
elevated temperatures from 145 to 205 °C for remaining from 15 to 120 min and 
pointed out high content and well-distributed XOS would be obtained at a proper 
high temperature for a short time or low temperature for a long time. Generally, 
high-DP (DP>6) XOS are the predominant components in the pretreatment liquid 
[153, 155]. Due to the existence of degradation products from lignin and monosac-
charides, it needs to extract XOS from the pretreatment liquid. Several methods like 
activated carbon adsorption [156], resin adsorption [11, 157], and so on are used to 
extract and purify XOS. The recovery of XOS is around 50% [156, 157], and the 
purity of XOS can reach to higher than 90% [11, 157].

4.5.2  Ethanol

LHW-treated lignocellulose is rich in cellulose and lignin. The bioconversion of 
cellulose into glucose is the essential pathway for various bioproduct productions. 
Glucose is a universal and high-quality carbon source for microbial metabolism. It 
can be converted into different bioproducts via inoculation of different microbial 
strains, such as ethanol [158, 159], butanol [160, 161], fatty acid [162], and so on.

Ethanol is the main target product from the fermentation of glucose originated 
from the enzymatic hydrolysis of LHW-treated lignocelluloses like agricultural 
crops [11, 22, 45, 163], hardwood [164], energy crops [158, 159], bamboo [165], 
palm-oil residues [166], and so on. The yeast strain Saccharomyces cerevisiae is 
largely used to ferment glucose into ethanol under anaerobic condition through the 
Embden-Meyerhof-Parnas (EMP) pathway involving 11 reaction steps [158, 167]. 
The bacterial strain Zymomonas mobilis is occasionally applied for ethanol fermen-
tation via the Entner-Doudoroff (ED) pathway comprising 5 reaction steps [2, 168]. 
Other strains like engineering Escherichia coli are also employed for converting 
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glucose into ethanol [169]. After fermentation, 1 mol glucose can be fermented into 
2 mol ethanol (Eq. 4.11), in which the theoretic conversion efficiency can be calcu-
lated as 0.51:

 C H O CH CH OH CO6 12 6 3 2 22 2= +  (4.11)

The separate hydrolysis and fermentation (SHF) process and simultaneous sacchar-
ification and fermentation (SSF) process are two main ways for ethanol production 
from glucose [170]. The SHF process performs enzymatic hydrolysis and fermenta-
tion at their optimum temperatures (generally, 50 °C for enzymatic hydrolysis and 
30 °C for fermentation) to obtain high yield of glucose, which has the disadvantage 
that glucose will accumulate to a certain amount as the enzymatic hydrolysis pro-
ceeds, posing feedback inhibition on enzyme activity. The SSF process conducts 
enzymatic hydrolysis and fermentation at the same temperature to timely eliminate 
feedback inhibition from glucose accumulation, but the temperature for enzymatic 
hydrolysis is usually lower than its optimum temperature due to the vitality protec-
tion of fermenting microorganism, which means that the enzymatic hydrolysis can-
not reach its maximum efficiency. The fermenting microorganism which can endure 
higher temperature is more suitable for SSF process to achieve higher ethanol pro-
duction. Kluyveromyces strains which can grow at temperature as high as 46 °C are 
usually used for high-temperature SSF process [171].

4.5.3  Medium

After enzymatic hydrolysis and fermentation of LHW-treated lignocellulose, the 
solid residues containing fermented lignocellulose and cells of yeast strain are good 
materials to prepare edible fungi medium. Wang et al. reported that the enzymatic 
hydrolyzed LHW-treated sugarcane bagasse can be mixed with wheat bran to pre-
pare medium for mushroom growth [172]. The hydrolyzed LHW-treated sugarcane 
bagasse still contained 49.1% of cellulose, 7.1% of hemicellulose, and 37.0% of 
Klason lignin, which could provide carbon source, and the wheat bran could pro-
vide nitrogen source [172]. The carbon-to-nitrogen (C/N) ratio is the key nutrient 
factor for culturing edible fungi. Normally, the proper C/N ratio in medium for 
mycelium growth is (15~20):1, and that of (20~35):1 is suitable for fruiting [173]. 
Under proper condition control, the edible fungi can grow on the medium made of 
enzymatic hydrolyzed or fermented lignocellulose [172]. It is reported that the 
mushroom cultured in the medium composed of hydrolyzed sugarcane bagasse and 
wheat bran had superior nutritive value to the market mushroom [172].
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4.5.4  Biogas

Biogas is a kind of renewable energies which is usually produced from wastewater 
of food industry, livestock and poultry manure, and other organic matters through 
anaerobic digestion involving microbial community [174, 175]. These organic 
materials are easily digested by microorganisms. Recently, lignocellulose has been 
developed as a feedstock for biogas production. Due to the complex and compact 
structure, the microorganisms cannot efficiently assimilate lignocellulose, which 
leads to the introduction of pretreatment for improving biogas production from lig-
nocellulose [176, 177]. LHW pretreatment has gained more attention due to no 
addition of chemical reagents except water, lower production of inhibitors, and less 
corrosion to equipment [16, 178–180].

The pretreatment liquid and solid residue obtained after LHW pretreatment can 
be directly used for biogas production [16]. Hashemi et al. found that the pretreat-
ment liquid obtained at higher temperature could give higher biogas production, 
while the solid residue acquired at higher temperature had lower biogas yield [16]. 
When the pretreatment temperature is equal to or lower than 150 °C, the biogas 
production from LHW-treated lignocellulose will increase with increasing pretreat-
ment time [16]. It means that lignocellulose treated at temperatures no higher than 
150  °C can produce more biogas as the severity factor increases. Furthermore, 
Hashemi et al. also reported that safflower straw treated at 120 °C could yield more 
biogas than those treated at 150 and 180 °C [16]. When the pretreatment tempera-
ture surpasses 170 °C, higher severity factor of LHW pretreatment would not result 
in higher biogas production. Jiang et al. reported that the giant reed treated at 170 °C 
can produce higher biogas amount than those treated at 190, 210, and 230 °C [181]. 
It indicates that LHW pretreatment at lower temperature is better for biogas produc-
tion from lignocellulose.

4.5.5  Biomaterials

LHW pretreatment can be directly used for producing biomaterials like microcrys-
talline cellulose and hydrochar.

Microcrystalline cellulose is a kind of high-value functional cellulosic product 
that can be used for pharmaceutical industry, light industry, and so on. Yue et al. 
prepared microcrystalline cellulose from bleached softwood sulfate pulp with tran-
sition metal ion-enhanced LHW pretreatment [182]. It can effectively remove resid-
ual hemicellulose to obtain purified microcrystalline cellulose which has similar 
quality as the commercial product [182]. LHW pretreatment enhanced by transition 
metal ions is a promising method for preparing microcrystalline cellulose from 
lignin-free lignocellulose.

Hydrochar is originated from hydrothermal carbonization of biowastes at 
medium temperatures (180–260  °C) and its vapor pressure [183, 184], which is 
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different from the pyrolysis biochar. Hydrothermal carbonization is suitable for car-
bonizing wet feedstocks to avoid drying process and thus reduces energy input 
[185]. It is particularly suitable to upgrade biomass with high inorganic elements to 
improve its energy content and creates hydrochar presenting coal-like features 
[186]. The hydrochar can be used as substance in combustion system or applied for 
contaminant remediation, soil amelioration, etc. [185–187].

4.6  Prospective

LHW treatment is a green and versatile technology for biomass biorefinery. It can 
effectively separate hemicellulose from lignocellulose due to the chemical bonds in 
hemicellulose that are vulnerable to the attack of hydrogen cation. The LHW-treated 
lignocellulosic solid residues have good property for being converted to biochemi-
cal products or biomaterials. However, high energy input and high water consump-
tion are the bottlenecks for its industrial application. To add the indigenous small 
molecular organics from lignocellulose into LHW system as catalysts or solvent is 
one way to reduce the consumption of energy and water, which can keep LHW as a 
green process simultaneously. Applying LHW treatment for the production of high- 
value- added products is another way to overcome the two bottlenecks. Additionally, 
combined with lignin-removal technologies, LHW treatment is an effective method 
to separate hemicellulose, lignin, and cellulose. In a word, LHW treatment is a 
promising technology in lignocellulose biorefinery system.
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5.1  Introduction

The global increase in energy consumption and demands, the depletion of fossil fuel 
reserves, and the concerns of security and environment have led to the urgent 
development of more sustainable energy systems [1–5]. Biorefining of lignocellulosic 
biomass (LCB) to produce renewable biofuels, chemicals, and materials provides a 
sustainable alternative to fossil energy systems due to the large availability, 
renewability, and the reduction of CO2 emissions [3, 5–7]. LCB mainly includes 
agricultural residues (e.g., corn stover), forestry residues (e.g., poplar trees), and 
energy crops (e.g., sweet sorghum), and it is a low-cost and promising raw material 
on Earth compared with other ones based on energy content, such as crude oil, 
natural gas, and various fermentation products (sugars, organic acids, drink 
softeners, etc.) [8–10]. Valorization of LCB to bioproducts presents a viable option 
for improving energy security, increasing economic development, and reducing 
greenhouse emissions [11–14]. Despite several years of research, more effort is still 
needed to improve the profitability of biorefinery and make it for the industrial 
implementation.

The bioprocessing strategy of LCB is generally including five major sections: 
biomass preparation, pretreatment, hydrolysis, fermentation, and product separation 
[15–18]. LCB generally consists of cellulose, hemicellulose, lignin, proteins, 
pectins, ash, and other components, which have very different chemical structures. 
The compositions in common LCB are shown in Table  5.1 [16, 19–25]. These 
components are intertwined with each other in a hetero-matrix to different degrees 
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and varying relative composition depending on the type, species, and source of LCB 
[1]. Most importantly, in plant cell wall, cellulose has a crystalline structure, and 
hemicellulose and lignin are connected by hydrogen bond, while hemicellulose 
combines lignin with covalent bond to form a lignin-carbohydrate complex (LCC), 
contributing to the biomass recalcitrance [1, 26]. Owing to biomass recalcitrance, 
pretreatment is a crucial step to disrupt the LCC structure and increase the conversion 
efficiency of the compositions, which determines the process cost of biorefinery 
[16, 18, 27]. Specifically, the aims of pretreatment are to alter the content and 
structures of lignin and/or the hemicellulose, simultaneously disrupt the architecture 
of plant cell wall, and hence increase the accessible surface area of cellulose to 
enzymes [28, 29]. Various pretreatments have been developed to convert LCB to 
biobased products, among which steam explosion (SE) has been generally 
recognized as one of the most effective pretreatments for decreasing the biomass 
recalcitrance due to lower environmental impact, less hazardous process chemicals, 
and greater potential for energy efficiency compared with other methods. Steam 
explosion has been extensively investigated to produce biofuels from a wide range 
of LCB feedstocks such as corn stover, poplar, wheat straw, sugarcane straw and 
bagasse, and so on [16, 19, 30–32].

Although pretreatments such as steam explosion show the capacity to decon-
struct the LCC and overcome the biomass recalcitrance, each pretreatment has its 
own unique disadvantages, and it is unlikely that a single pretreatment can become 
the universal method for the full utilization of multiple compositions [4, 11, 33]. 
Because of the intrinsic characteristics of LCB including multi-compositions, 
macromolecules, and recalcitrance, an integrated process may be feasible for the 

Table 5.1 Cellulose, hemicellulose, and lignin contents in lignocellulosic biomass (LCB) 
[16] [19–25]

Lignocellulosic 
biomass

Cellulose Hemicellulose
Glucan Xylan Araban Mannan Lignin Acetyl Extractives Ash

Agricultural biomass

Corn Stover 31.7 17.1 2.6 12.6 2.9 22.5 4.3
Corn cobs 40 41.4 5.8
Wheat straw 38.2 21.2 2.5 0.3 23.4
Rice straw 36.1 27.2 19.7 12.1
Energy crops

Switchgrass 43.8 28.8 9.2
Sugarcane bagasse 40.1 26 1.7 19.1 3.4 9.2 1.0
Sugarcane leaf 35.3 23 3.4 19.6 7.5 7.8
Sweet sorghum 
bagasse

27.3 13.1 1.4 14.3 32.3

Forestry biomass

Poplar 39.2 18.8 29.6 1.5
Spruce 43.3 4.9 1.1 12 28.1
Willow 43 24.9 1.2 3.2 24.2
Pine 44.9 6.2 1.9 11.5 26.2 3.4
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full conversion of LCB to multiproducts in the large-scale application of biorefinery 
[16, 18].

The purpose of this chapter is to summarize the production of multiproducts 
from LCB using the integrated process of steam explosion. First, stream explosion 
pretreatment technology and its impaction on overcoming biomass recalcitrance 
were introduced systematically. Second, the production of biobased products 
especially biofuels based on the steam explosion technology was summarized. After 
that, to make a full utilization of LCB in a biorefinery, the advanced and integrated 
process of stream explosion for the multiproducts was talked about across the 
diversity of raw materials. Finally, several pilot- and demonstration-scale operations 
of the biorefinery for the multiproduct production had been described.

5.2  Steam Explosion Pretreatment Overcoming 
Biomass Recalcitrance

Owing to structural recalcitrance of LCB, pretreatment is an essential step for 
breaking down the LCC structure to facilitate the enzymatic hydrolysis of 
carbohydrates [16, 27, 34]. Generally, an effective pretreatment approach can be 
accessed by several criteria, such as the need for size reduction of biomass, the 
hemicellulose sugar recovery, the degradation product formation, the energy 
demands, and process cost. Besides these, an effective pretreatment should also 
employ the mild operation conditions, such as low pretreatment severity and low 
catalyst cost, and need to produce higher-value lignin as feedstock for coproducts. 
Steam explosion has been considered as one of the most promising pretreatments 
used for the deconstruction of LCB in biorefinery. As a physicochemical treatment 
technology, steam explosion was first used to defibrate wood into fiber for board 
production [35, 36]. Steam explosion possesses less hazardous process chemicals 
and environmentally benign relative to other technologies. Besides these, it requires 
low capital investment and low severity for the pretreatment of most LCB feedstocks 
to fractionate biopolymer constituents. Overall, steam explosion technology has 
potential as cost-effective pretreatment of LCB for biorefinery.

Steam explosion refers to a pretreatment technique for treating LCB resources by 
employing a combination of chemical and mechanical action [37, 38]. The simple 
process of steam explosion pretreatment has been shown in Fig. 5.1. The conditions 
employed in steam explosion pretreatment and its influence on the structure of LCB 
feedstocks have been shown in Table 5.2 [37–45]. In general, it includes two stages: 
auto-hydrolysis and explosive depressurization. During the steam explosion, LCB 
feedstock is loaded into the reactor chamber and then rapidly heated by high- 
pressure steam without addition of any chemicals as catalyst. The reactor system is 
maintained under a certain temperature (160 ∼ 240 °C) and pressure for a period of 
time (several seconds to minutes) to promote the cleavage of acetyl group, which 
form acetic acid to in turn further catalyze the hydrolysis of the hemicellulose. This 
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Steam Explosion Pretreatment
(Key operation factors: holding temperature, residence time, 

explosive decompression, biomass particle size, moisture, etc.)

LCB

Steam

Heat

Input

Insoluble solid fraction 

Soluble fraction

Vapor and gas stream

Output

Heat

Cellulose

Hemicellulose

Lignin

Fig. 5.1 Schematic of steam explosion pretreatment process to fractionate the lignocellulosic bio-
mass in a biorefinery concept

Table 5.2 Steam explosion pretreatment conditions and the key changes in the structure of 
lignocellulosic biomass feedstocks [37–43]

Lignocellulosic 
biomass

The conditions of steam explosion pretreatment
The changes in the 
structures

Holding 
temperature

Residence 
time

Particle 
size Pressure

Agricultural 
biomass

150–200 °C 3–10 min <1.5 MPa (i) The removal of 
hemicellulose sugars.
(ii) The cleavage of 
glycosidic links.
(iii) The cleavage of 
lignin-carbohydrate 
complex bonds.
(iv) The cleavage of 
β-ether linkages of lignin.
(v) Lignin melt, 
modification, and 
reorganization.
(vi) Some degradation 
products.
(vii) Decreased cellulose 
crystallinity.
(viii) Defibrillization.
(ix) Increased porosity of 
LCB.
(x) Increased accessible 
surface area.

Energy crops 180–210 °C 5–15 min <1.6 MPa
Forestry biomass 190–230 °C 10–20 min <5 cm >1.6 MPa
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stage is named auto-hydrolysis process, during which the structure of LCB was 
modified as follows: (1) the cleavage of accessible glycosidic links, (2) the cleavage 
of lignin-carbohydrate complex bonds, and (3) the cleavage of β-ether linkages of 
lignin [16, 37, 46, 47]. For the lignin, steam explosion will modify the lignin 
structure at the high temperature by inducing the homolytic cleavage of the β-O-4 
ether and other acid labile linkages. This process may produce a series of cinnamyl 
alcohol derivatives and other condensed molecules [47–49]. After maintaining for a 
short period of residence time, the pretreatment of LCB was terminated by a sudden 
explosive decompression, which will rapidly reduce the temperature and quench the 
reaction. This process is named explosive depressurization stage, which are featured 
by the deconstruction of biomass particulate structure but enhancement of the 
cellulose hydrolysis. The pretreated solid is only weakly correlated with this 
physical effect resulting in further substantial breakdown of the LCB structure and 
depolymerization of the lignin components [37]. Besides these, due to the 
instantaneous decompression during escape of high-pressure steam, the “steam 
explosion circles” may be formed, and the defibrillization may occur as confirmed 
by the irregular and fuzzy boundaries of the fibers [37]. Steam explosion pretreated 
biomass solid also exhibits the low crystallinity and high porosity to facilitate the 
bioconversion [37].

As a result, after steam explosion pretreatment, cellulose, lignin, and partial 
hemicellulose are retained in insoluble solid fraction, while partial hemicellulose 
sugars and extractives can be extracted into a liquid fraction. Steam explosion with 
two stages of auto-hydrolysis and explosive depressurization produces partial 
hemicellulose solubilization and lignin reorganization, which increase the cellulose 
accessibility to enzymatic attack by exposing the cellulose surface. It also produces 
partial sugars and lignin degradation to generate soluble compounds that are 
inhibitory or toxics for the enzymes and fermenting microorganisms in subsequent 
steps. Overall, steam explosion shows the effective capacity to deconstruct the LCC 
and fractionate components from LCB for overcoming the biomass recalcitrance.

5.3  Steam Explosion Pretreatment for Biorefinery

The most important variables determining the effectiveness of steam explosion are 
holding temperature, residence time, explosive decompression, and biomass particle 
size. Both holding temperature and residence time are essential to the steam 
explosion of LCB, and their performance can be described as Log R0, which is 
generally used for assessing pretreatment severity: [50]

 
log exp /R t T Tb0 = × −( ) ω

 

where t is the residence time, min; T is the holding temperature, °C; Tb is the base 
temperature, 100 °C; and ω is the fitted value based on the activation energy, 14.75. 

5 Multiproduct Biorefining from Lignocellulosic Biomass Using Steam Explosi…



116

The combined severity factor log R0” is employed to assess the pretreatment severity 
when acid catalyst is added in the steam explosion pretreatment: [51]

 
log logR R0 0 7′′ = + pH-

 

The development and optimization of process is very crucial to improve the pre-
treatment efficiency. A range of steam explosion pretreatment conditions have been 
evaluated based on sugar recovery, degradation product generation, and hydrolysis 
yields at high sold loadings. Steam explosion at 200 °C for 10 min produced higher 
enzymatic hydrolysis yield (91.7%), corresponding to a total glucose yield of 35.4 g 
glucose/100 g wheat straw [52]. However, under the same conditions, it also pro-
duced more degradation compounds. The characteristics of the pretreated wheat 
straw with a lower severity of log R0 = 3.65, which correspond to steam explosion 
at 190 °C for 10 min, minimized the degradation of sugars and the formation of 
degradation compounds, which indicated a great potential for maximizing total 
sugar yield by optimizing enzymatic hydrolysis strategies [52]. The effects of the 
pretreatment severity of steam explosion on the bioconversion of corn stover bio-
mass to ethanol had been investigated [53]. Results indicated that steam explosion 
with higher severity increased the specific surface area, the swollen volume, and the 
water holding capacity of pretreated corn stover and hence facilitated the efficiency 
of hydrolysis and fermentation. Even steam explosion with shorter residence time 
(6 min) recovered more glucan and xylan; the enzymatic hydrolysis and fermenta-
tion performance was obviously improved with longer residence time (9  min). 
Under the optimal conditions of 1.5 MPa and 9 min, glucan conversion was 87.2%, 
while the concentration and yield of ethanol reached 45.0 g/L and 85.6%, respec-
tively [53]. Uncatalyzed steam explosion was conducted as a pretreatment to 
improve the hydrolysis performance of rapeseed straw [54]. Experimental statistical 
design and response surface methodology were employed to evaluate the effects of 
the holding temperature of 185 to 215 °C and the residence time of 2.5 to 7.5 min 
on the deconstruction efficiency of rapeseed straw [54]. Results showed that steam 
explosion at 215 °C and 7.5 min was the optimal ones to maximize the sugar yield 
of 72.3%, equivalent to 81% of potential glucose in enzymatic hydrolysis. Under 
the optimal conditions, the concentrations of ethanol in fermentation reached 
43.6 g/L using 20% (w/v) solid loading, which is equivalent to 12.4 g ethanol/100 g 
biomass [54]. These studies showed that the steam explosion is an effective approach 
for biorefinery and it can enhance the bioconversion efficiency of LCB under a high 
severity, but it may degrade hemicellulose sugar especially xylan to generate vari-
ous by-products as inhibitors for hydrolysis and fermentation. As the ultimate goal 
of biorefinery is “zero waste” by converting all sugars or carbons efficiently, the 
operation modes and conditions of steam explosion should be further optimized to 
improve the sustainability of biorefinery.

A novel steam explosion with low holding temperature and high exploding pres-
sure had been exploited to increase the hydrolysis and sugar release from corn sto-
ver biomass [55]. By evaluating the operation mode, glucan and xylan recovery 
decreased with the increase of holding temperature and residence time, respectively, 
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while glucan and xylan conversion in enzymatic hydrolysis showed an opposite 
trend. Under the optimal mode employing 160 °C and 48 min, glucose, xylose, and 
total sugar yield reached to 77.3%, 62.8%, and 72.3%, respectively, in a high solid 
process. Most importantly, the yield of hydroxymethyl furfural, furfural, and lignin- 
derived products was 6.3  ×  10−2, 7.5  ×  10−2, and less than 3.7  ×  10−2  g/100  g 
feedstock, respectively, which was significantly lower than that from pretreatment 
with high severity [55]. This novel operation mode of steam explosion process 
improved the biomass conversion efficiency by increasing sugar recovery and yield, 
reducing degradation products, and enhancing hydrolysis efficiency [55]. All these 
aforementioned results suggested that the severity factors reflected the impactions 
of holding temperature and residence time on the pretreatment performance. 
Previous study also reported the effect of the explosive decompression of steam 
explosion on the enzymatic cellulose hydrolysis of pretreated spruce wood chips 
[56]. Results showed that the explosive depressurization stage had a significant 
influence on the accessibility of pretreated solid, improving the hydrolysis 
performance by up to 90% as compared with only steam pretreatment. Two key 
factors, pretreatment severity and explosion pressure, had been identified that were 
responsible for the effect of the explosive depressurization on the enzymatic 
hydrolysis [56]. Steam explosion with a higher severity can soften up and weaken 
the spruce wood structure; explosive depressurization stage can then better break up 
the spruce wood chip and decrease its particle size. Most importantly, increasing the 
pressure difference of the explosion will result in serious defibration, produce 
smaller particles, and thus facilitate the enzymatic hydrolysis of pretreated biomass. 
The most feature of the biomass modification impacting the accessibility was the 
size reduction of the macroscopic particles by the explosion. Thus, steam explosion 
with a high severity and a high-pressure difference of the explosive depressurization 
can lead to a comparatively high enzymatic hydrolysis performance of LCB [56].

Besides these, other important factors that have an influence on stream explosion 
performance are the biomass particles employed in the biorefinery [16, 57]. To 
make an effective LCB utilization, a size reduction step is deemed necessary for 
pretreatment and enzymatic hydrolysis to proceed effectively. Size reduction of 
LCB is energy-intensive and expensive in biorefinery. Most importantly, biomass 
particles not only influence the design of handling, transportation, and conversion 
facilities but also determine the efficiency of pretreatment as particle size has 
implication in mass and heat transfer processes [19, 58]. Heat transfer limitation 
should be a key issue for steam explosion pretreatment, which depends on the 
biomass particles used. It may result in overcooking the surface part of the larger 
biomass particles and incomplete pretreatment of the interior part, while it may be 
prone to degrade hemicellulose in smaller biomass particles into by-products due to 
the intense degree of heat [19]. To achieve a high sugar conversion, the impactions 
of particle size on pretreatment and their correlations with enzymatic hydrolysis 
performance were investigated [19]. The conversion efficiency under five biomass 
particle sizes of 2.5, 2.0, 1.5, 1.0, and 0.5 cm was systematically investigated and 
compared [19]. Results showed that the highest sugar recovery had been reached 
with the smaller biomass particle size of 1.0 and 0.5 cm, while the highest glucan 
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and xylan conversion in enzymatic hydrolysis had been observed with the larger one 
of 2.5  cm. Interestingly, enzymatic hydrolysis rate and conversion of pretreated 
solid were also higher when biomass particle size was used. By characterizing the 
structure modification of pretreated solid, the specific surface area of pretreated 
solid apparently increased with the increase of biomass particle size, while the 
crystallinity index decreased [19]. Based on these results, the larger biomass 
particles within the range of 0.5–2.5 cm had been confirmed as a suitable feedstock 
to achieve the high stream explosion pretreatment performance. The proposed 
mechanism for these phenomena was that the porosity of the biomass pile was 
higher for larger particles than that for smaller ones because of the lower bulk 
density of larger particles. High-pressure steam can penetrate easier the interior of 
the biomass pile of larger particles to enhance the efficiency of auto-hydrolysis and 
explosive depressurization. Additionally, the larger particles submerged in 
condensate water were less than smaller ones, which resulted in the high efficiency 
of explosive depressurization on the biomass solids. As a result, steam explosion 
produced the pretreated larger solid particles with higher specific surface area and 
lower crystallinity, which improved the sugar conversions and yields.

The effects of the most important variables, including temperature, residence 
time, and chip size, on various physical/chemical parameters of pine biomass in 
steam explosion had been investigated [59]. Some parameters were employed as an 
alternative tool to evaluate the effect of steam explosion on lignocellulosic materials 
[59]. They found that the center of bigger chips remained “uncooked” after the 
pretreatment at low holding temperature for short residence time because steam has 
not reached that part of the chip likely due to transport phenomena effects. A more 
dark and brownish appearance in pretreated solid was observed after steam explosion 
at a high severity or with smaller chips likely due to the chemical breakdown of 
lignin and wood extractives. Results showed that more condensed lignin-derived 
substances may appear as holding temperature of steam explosion increases from 
190  °C to 210  °C.  The degradation of hemicellulose would be implied in the 
generation of these condensed substances. Smaller chips were prone to obtain 
higher content of acid-insoluble substances, which may be related to the formation 
of pseudo-lignin [48, 60, 61]. Overall, with the harshness of pretreatment and 
smaller chips employed, more condensed substances would be generated [59]. As 
woody biomass is highly recalcitrant to sugar release, severe pretreatment and size 
reduction are required to achieve economically viable sugar yields. To understand 
the effects of biomass particles on the effectiveness of steam explosion and 
subsequent hydrolysis, a novel downscaled analysis and high-throughput 
pretreatment and hydrolysis were employed to evaluate the composition and 
digestibility of pretreated wood chip [62]. Woody biomass after the pretreatment at 
180 °C for 8 min or longer produced reasonably uniform enzymatic sugar yields 
across their entire thickness. Various technologies, including heat transfer modeling, 
Simons’ stain testing, magnetic resonance imaging, and scanning electron 
microscopy, had been used to investigate the effects of pretreatment on the 
modification of woody biomass for revealing the potential causes of variation. The 
heat transfer modeling suggested that high sugar yields will be obtained uniformly 
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if the residence time was sufficient to allow the target holding temperature to be 
achieved throughout the entire thickness of the biomass chip. Magnetic resonance 
imaging and Simons’ stain testing confirmed that the enzymatic hydrolysis of the 
pretreated biomass chip was dependent on the pore size distribution. By applying 
these techniques, it was demonstrated that the effectiveness of steam explosion 
pretreatment varied substantially with the thickness of biomass chip at short 
residence times, which significantly influenced overall lower sugar yields in the 
subsequent conversion process [62]. These results suggested that steam explosion 
with lower holding temperature was well suited for larger wood chips possibly 
because of the nonuniformity in holding temperature and digestibility profiles that 
can result from high holding temperature and short residence time [62]. To enhance 
the digestion of grass biomass to produce biomethane, steam explosion pretreatment 
of wheat straw with different particle sizes had been evaluated [63]. The maximum 
biomethane yield was obtained under 200  °C for 5  min, which showed a 27% 
increase in biomethane productivity as compared with non-treated wheat straw. The 
performance of biomethane production was better for wheat straw with higher 
particle size (3–5  cm) as compared with smaller ones (<1  mm). However, the 
economic impact of LCB milling on the pretreatment would be absolutely negative 
by increasing the energy input cost for size reduction [63].

Overall, the choice of biomass particle size would determine the steam explosion 
pretreatment and thus the sugar release in the following hydrolysis. The optimal 
particles will be helpful to facilitate the pretreatment performance and make a 
sustainable biorefinery.

5.4  Steam Explosion Pretreatment Impacts Up- 
and Downstreams of Biorefinery

The pretreatment and its up- and downstream units will interact with each other and 
thus determine the biorefining profitability [64–67]. Storage is the upstream unit for 
LCB bioconversion in biorefinery, and storage characteristics will affect the 
following conversion performance. On the one hand, efficient storage will 
significantly improve the efficiency of pretreatment and hydrolysis and hence 
facilitate the profitability of the biorefinery. On the other hand, the pretreatment 
option will impact the storage methods employed [64, 66].

To fundamentally and systematically understand the effects of storages on the 
bioconversion of LCB, the storage factors such as moisture, time, and particles had 
been evaluated, and the effects of storage strategies on the steam explosion 
pretreatment and enzymatic hydrolysis had been investigated [68]. Wet-stored 
biomass produced higher sugar conversion and yield as compared with dry-stored 
one after steam explosion and enzymatic hydrolysis. Even shredded biomass after 
storage reduced sugar conversion, it increased sugar yield obviously. After 3-month 
storage, non-shredded wet-stored biomass led to higher glucan conversion and 
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glucose yield (91.5% and 87.6%, respectively) than other approaches. By 
characterizing the microstructure and crystallinity of corn stover biomass, it is 
shown that corn stover biomass maintained the flexible and porous structure after 
wet storage and possessed the high permeability, which facilitate the enhancement 
of the steam explosion and hydrolysis efficiency. The mechanism for the effects of 
storages on the bioconversion had been proposed based on the analysis of 
physicochemical properties of corn stover biomass [68]. During shredded dry 
storage, water-extractable sugars were consumed likely due to that the efficient 
aeration promoted microbial metabolism in the shredded corn stover biomass. 
Shredded biomass with dry storage will also allow the inter-fibril water to escape 
more rapidly, leading to the cross-linking of microfibrils to shrink due to the surface 
tension forces and thus form new hydrogen bonds between adjacent microfibrils. 
Most importantly, rapid evaporation could result in the pore collapse by reducing a 
number of larger pores and decreasing the average pore volume and pore size and 
thus lead to the fiber aggregation. As a result, the fiber hornification could be formed 
through covalent lactone bridges establishing between part of the existent carboxylic 
acid and hydroxyl groups in neighboring polymeric chains. Taken these together, 
the shrinkage of the cross-linking of microfibrils, the collapse of pore structure, the 
reorganization of hydrogen bonds in cellulose, and the fiber hornification resulted in 
the decrease of specific surface area and the increase of crystallinity. Dried stored 
biomass with these properties prevented the high-pressure steam from permeating 
efficiently into the internal plant cell walls, leading to the poor efficiency of auto- 
hydrolysis and explosion. Compared with dry storage, plant respiration continued 
as well as the microbial degradation due to the presence of air at the beginning of 
wet storage. After the oxygen in interstitial voids of biomass was exhausted, 
anaerobic fermentation began. Various microorganisms naturally grew on corn 
stover biomass and typically attacked the cell lumens or middle lamella regions of 
plant cell walls due to easier physical accessibility of nutrients. This process could 
spoil the structures, part of which was likely to be extensively loosened and became 
more flexible during wet storage. Meanwhile, microorganisms converted water- 
extractable sugars into organic acids (e.g., lactic acid and acetic acid) and created a 
low pH environment to prevent corn stover biomass from further biological 
degradation. Additionally, the inherent capillaries of biomass were filled with water, 
while the fibers remain swollen and porous, leading to the high permeability of 
biomass. Consequently, high-pressure steam easily permeated into the plant cell 
walls, and the organic acids produced by microbes also helped auto-hydrolysis 
effect. During the depressurization stage, the rapid pressure release resulted in the 
evaporation and explosion of water inside the biomass, causing the convective 
transport of extractable components toward the cell lumen and cell corners through 
the middle lamella. The rigid and highly ordered fibrils were loosened and disrupted, 
and the porosity of biomass greatly increased. These changes of microstructures led 
to the high conversion efficiency of corn stover biomass [68]. Therefore, wet storage 
methods would be desirable for the conversion of corn stover biomass to fermentable 
sugars with the employment of steam explosion and enzymatic hydrolysis [68].
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The bioconversion of LCB to bioethanol needs to integrate several steps, mainly 
including pretreatment, hydrolysis, glucose fermentation, and xylose fermentation. 
Simultaneous saccharification and fermentation (SSF) is one of promising processes 
for the bioconversion of LCB to ethanol. The SSF of steam-exploded corn stover for 
ethanol production was investigated at a high glucan loading and temperature. The 
SSF conditions were systematically evaluated, and the optimized ones were 
inoculation optical density OD600 4.0, initial pH 4.8, 50% nutrients added, 36 hours 
pre-hydrolysis time, 39 °C, and 12% glucan loading (20% solid loading). With the 
optimal conditions, a glucan conversion of 78.6%, an ethanol yield of 77.2%, and a 
final ethanol concentration of 59.8  g/L have been reached, respectively. By 
employing steam explosion pretreatment and thermal-tolerant yeast, the inhibitory 
effect from degradation products on the hydrolysis and fermentation was not 
obvious even the SSF was conducted at high glucan loading. As compared with 
separate hydrolysis and fermentation (SHF), glucan conversion and final ethanol 
concentration increased by 13.6% and 18.7% in SSF, respectively. Therefore, the 
SSF performance was significantly improved by employing high effective steam 
explosion strategy using a novel thermal-tolerant strain. Simultaneous 
saccharification and co-fermentation (SScF) referred to the process that enzymatic 
hydrolysis can be conducted simultaneously with the fermentation. SScF offers 
several advantages such as reduced inhibition effects of enzymes, short processing 
time, and low contamination risk as compared with separate SHF and separate 
hydrolysis and co-fermentation (SHcF). It is also superior to SSF because of the 
potential high productivity and yield of ethanol by co-utilizing of glucose and 
xylose. To improve xylose utilization, ethanol yield, and ethanol concentration in 
SScF, the SScF using steam-exploded corn stover (SECS) had been further 
investigated at high solid loadings compared with other conversion processes. The 
concentration, yield, and productivity of ethanol reached 34.3  g/L, 90.0%, and 
2.61 g/L/h, respectively, by the coculture of 60 g/L glucose and 10 g/L xylose using 
Saccharomyces cerevisiae IPE003. Glucan and xylan conversion in enzymatic 
hydrolysis was 82.0% and 82.1% in SScF at a high solid loading of 20% (w/w), 
respectively. As a result, the concentration, yield, and productivity of ethanol 
reached 60.8 g/L, 75.3%, and 0.63 g/L/h, respectively, by SScF. Therefore, SScF of 
pretreated corn stover biomass by steam explosion enhanced the bioconversion 
performance of LCB to bioethanol by increasing sugar utilization and ethanol 
productivity [69].

Overall, the key factors determining the steam explosion performance and its 
interdependent and synergistic relationships among up- and downstreams need to 
be systematically investigated to improve the steam explosion efficiency for making 
a sustainable biorefinery.
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5.5  Integrated Technologies for Promoting Multiproducts 
in Biorefinery

In biorefinery, the multilevel fractionation and biological conversion processes 
could be required to improve the profitability of LCB biorefinery [70–72]. Through 
the biological conversion process, the production of multiproducts would be more 
economically feasible based on partial or complete utilization of main compositions 
(cellulose, hemicellulose, and lignin) of LCB. The integrated technologies should 
be very vital to achieve this goal and thus the success and implementation of 
biorefineries because economic analysis based on product revenues also suggested 
that the full component utilization of LCB will increase the net margin of 
biorefinery [8].

To overcome the inhomogeneity and improve the utilization performance of 
wheat straw biomass, a novel integrated process, multilevel composition 
fractionation, and integrated conversion process have been designed and evaluated 
(Fig. 5.2) [73]. Based on this process, wheat straw biomass was initially pretreated 
by steam explosion, and the liquid stream was separated to fractionate hemicellulose 
sugars. The delignification of steam-exploded wheat straw followed by green 
solvent extraction and gradient acid precipitation was then conducted to separate 
and purify the lignin fraction. The cellulose fraction in wheat straw was sieved into 
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cesses of steam explosion: the multilevel composition fractionation process of the preparation of 
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long fibers and short fibers. Long fibers were used as a feedstock for the preparation 
of regenerated cellulose film (RCF), while short fibers were hydrolyzed for the 
production of ethanol. As a result, by this integrated process, the hemicellulose 
fractionation yield reached 73% with steam explosion at 1.6 MPa for 5.2 min. The 
lignin yield reached 90% from the delignification with the extraction conditions of 
160  °C, 2  h, and 60% ethanol (v/v). After steam explosion and extraction, the 
cellulose recovery was 93%. After being screened under 40 mesh, the short fibers 
were hydrolyzed, and the glucan conversion reached 90% in 9.0 h hydrolysis. Long 
fibers accounted for 90% of the total cellulose fibers. Regenerated cellulose film 
was prepared using long fibers by [bmim]Cl, of which tensile strength and breaking 
elongation were 120 MPa and 4.8%, respectively. The cross section of regenerated 
cellulose film displayed homogeneous structure, indicating a better mechanical 
performance. In this multilevel composition fractionation and conversion process, 
wheat straw biomass could be fractionated into different polymeric fractions with 
high yield. The platforms of cellulose, sugar, and lignin were established to facilitate 
the production of high-value multiproducts. Therefore, the integrated process 
employing steam explosion, ethanol extraction, and ionic liquid technology was an 
effective strategy to fractionate multi-components for the production of 
multiproducts [73].

The potential process of coproducing two different biofuels (bioethanol and bio- 
oil) from wheat straw in a biorefinery concept had also been investigated (Fig. 5.3) 
[74]. Wheat straw was pretreated in a steam explosion pilot plant with 200 °C for 
10  min. To improve the coproduction efficiency of biorefinery, the SSF of the 
hemicellulose and cellulose fractions was evaluated to maximize the production of 
bioethanol [74]. Using washed water-insoluble solid fraction from the pretreated 
wheat straw, higher ethanol productivities at 24 h of SSF were obtained when the 
inoculum size increased from 1 to 3 g/L. The residual lignin fraction was valorized 
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by thermal fast pyrolysis into bio-oil, which can be further converted into other 
biofuels or biochemicals. By using the residual lignin, the yield of bio-oil was 
31.9  wt% (water-free basis), which confirmed that it is mostly composed of 
oxygenated aromatics generated from the lignin monomers. Furthermore, catalytic 
fast pyrolysis of the residual lignin was conducted by employing HZSM-5 zeolite to 
promote decarbonylation and cracking of the primary vapors. By coupling both 
processes, the production of liquid products significantly enhanced, improving the 
utilization efficiency of the wheat straw biomass. Compared with a simple process 
of bioethanol production, the process that developed by intergrading steam 
explosion, SSF, and lignin valorization led to remarkable improvements in terms of 
mass and chemical energy yields, which increased 1.9- and 1.7-fold, respectively 
[74]. Overall, the results confirmed that the coproduction of bioethanol and bio-oil 
was an advantageous option and approach for the valorization of LCB in a biorefinery 
concept.

The integration of steam explosion followed by alkaline delignification was 
explored to treat sugarcane bagasse [75]. In the process, around 82.6% of pentosan 
and most acetyl group fractions were dissolved in the liquid stream in stream 
explosion pretreatment, while 90.2% of cellulose and 87.0% lignin were recovered 
in the solid fraction. After the pretreatment, the delignification solubilized 
approximately 91% of the lignin and 72.5% of the pentosans in the steam-exploded 
solids, leading to a pulp with almost 90% of cellulose. The acidification of the liquid 
stream from delignification allowed recovery of 48.3% of the lignin based on the 
weight in the feedstock. Around 14% of lignin, 22% of cellulose, and 26% of 
pentosans were lost during the integrated process [75].

A two-step pretreatment process employing steam explosion and extrusion tech-
nologies had been evaluated for the optimal fractionation of LCB [76]. By this inte-
grated two-step pretreatment, overall glucan, hemicellulose, and lignin recovery 
yields of barley straw reached to 84%, 91%, and 87%, respectively. Precipitation of 
the liquid fraction from the extrusion yielded a solid residue with high lignin 
content, which offered possibilities for subsequent applications. Almost complete 
saccharification of the pretreated solids was obtained in enzymatic hydrolysis, 
indicating a good pretreatment performance. Scheffersomyces stipitis was capable 
of fermenting all of the glucose and xylose from the non-diluted hemicellulose 
fraction, producing an ethanol concentration of 17.5  g/L with 0.34  g/g yields. 
Similarly, Saccharomyces cerevisiae resulted in about 4% (v/v) ethanol concentration 
with 0.40 g/g yields, during the SSF of the two-step pretreated solids. These results 
showed an increased overall conversion yield from a one-step pretreatment by 1.4- 
fold, indicating that the integrated two-step pretreatment had high effectiveness to 
enhance overall fractionation and carbohydrate conversion [76].

The integrated process for total utilization of wood biomass by steam explosion 
was studied in the biorefinery concept [77]. In this integrated process, wood biomass 
chips were firstly pretreated by steam explosion, during which hemicellulose sugars 
were partially released by auto-hydrolysis effect, while lignin was degraded by 
extensive cleavage of α- and β-aryl ether linkages. The three main components of 
steam-exploded woods (cellulose, hemicellulose, and lignin) were then fractionated 
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by successive extraction with water and 90% dioxane. The water extractives were 
decolored and purified by chromatography on synthetic adsorbents and ion- 
exchange resins to yield a mixture of xylooligosaccharides and xylose, which can 
be used as a sweetener or food additive. The lignin fraction obtained from extraction 
can be used to prepare thermoplastic materials, lignin-pitch, by phenolysis followed 
by heat treatment. The lignin-pitch was well spun into thermoplastic in the 
temperature range 150–190  °C at a speed of 500–1000  m/min using the melt- 
spinning method. The filaments were carbonized by heating from room temperature 
up to 1000 °C in a stream of nitrogen. The carbon fiber was fabricated with a more 
than 40% yield. The properties of the carbon fiber were equivalent to a commercial 
one made from petroleum pitch. The lignin fraction separated from the dioxane 
extraction can also be used to produce adhesives. The cellulose after extraction was 
enzymatically hydrolyzed with a cellulase preparation, and the hydrolyzate can be 
fermented to single-cell protein and/or ethanol. The mass balance was conducted by 
assuming a plant processing 30,000 t of birch wood biomass chips per year (100 t 
per day) based on dry weight. As a result, the annual production of the 
xylooligosaccharides, carbon fiber, and ethanol can reach 4500 t, 1542 t, and 6658 
kl, respectively [77].

5.6  Pilot-Scale Platforms of Biorefinery with Steam 
Explosion Technology

The bioconversion of LCB to ethanol via steam explosion and enzymatic hydrolysis 
had been studied, and the economy of a biorefinery had been evaluated in pilot-scale 
and demonstration-scale [8, 43, 78–83]. Industrial steam explosion was applied to 
pretreat sugarcane straw for the production of ethanol in a pilot-scale [84]. Steam 
explosion at 180, 190, and 200  °C for 15  min was carried out for pretreating 
sugarcane straw in an industrial sugar/ethanol reactor (2.5 m3) with a mass rate of 
53  kg/m3 [84]. The stream explosion led to the remarkable solubilization of 
hemicellulose, with a maximum value of 92.7% under the condition of 200 °C. The 
pretreated straw was delignificated by sodium hydroxide, leading to lignin 
solubilization of 86.7% at 180 °C and 81.3% at 200 °C. Steam explosion improved 
the enzymatic hydrolysis of cellulose in pretreated solid, with a maximum conversion 
of 80.0% achieved at 200 °C. The delignification process increased the enzymatic 
hydrolysis of cellulose from 58.8% to 85.1% of the biomass pretreated at 
180 °C. Interestingly, for the biomass pretreated at 190 °C, the increase of sugar 
conversion in enzymatic hydrolysis was less remarkable, while that at 200 °C the 
sugar conversion decreased after the delignification, which could be attributed by 
rearrangements in cellulose structure or cellulignin recovery by pseudo-lignin [84]. 
Besides these, the use of grinded straw made viable the large-scale pretreatment 
process [84].
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A demonstration-scale project with annual straw ethanol outputs of 3000 t had 
been reported to be successfully established [85]. Besides steam explosion, this 
demonstration-scale project integrated several other technologies, including gas 
double dynamic solid-state fermentation, solid-state hydrolysis coupled with 
ethanol fermentation and gas stripping, and organic fertilizer production. The major 
equipment employed in this demonstration project includes a 5 m3 steam explosion 
tank, two 100  m3 fermenters, a 110  m3 reactor for solid-state simultaneous 
hydrolysis, fermentation and ethanol separation, and four ethanol distillation towers. 
In this process, straw biomass was steam-exploded, and the liquid steam was then 
obtained to produce the hemicellulose sugars. After the discoloration and ion 
exchange process, xylooligosaccharide was produced. A small part of steam- 
exploded straw was used for the production of cellulase for enzymatic hydrolysis. 
The hydrolysate from steam-exploded straw was utilized in fermentation to produce 
ethanol, while the fermentation residues were used for the production of organic 
fertilizers. The process operating results showed that the ethanol yield was more 
than 0.15 g/g dry straw, and the final ethanol concentration desorbed from activated 
carbon was higher than 69.8%. The overall production cost was around 5900 RMB/
ton ethanol with an annual production of 3000  t bioethanol and coproduction of 
200 t xylooligosaccharides and 3000 t organic fertilizers [85].

An industrial system for bioethanol production from corn stover biomass had 
been reported by integrating feedstock handling, steam explosion, and simultaneous 
saccharification and co-fermentation [86]. The major equipment of this industrial 
system includes six 50 m3 steam explosion reactors, sixteen 400 m3 fermenters, one 
ethanol distillation tower, and six tanks of natural gas fermentation. Upon this 
industrial system, the feedstock cost employed the handling strategy was reduced 
by 19.4% compared with traditional conversion process. The enzyme loading used 
in enzymatic hydrolysis was reduced by 25.0% using synergistic cellulase systems 
as compared to that with the addition of cellulase only. The pre-hydrolysis and SScF 
without detoxification operation had been developed using inhibitor-tolerant 
Saccharomyces cerevisiae. More than 4% (w/w) ethanol concentration was 
produced, which corresponded to 72.3% of the ethanol theoretical yield. The 
improvement in the conversion efficiency of pentose resulted in 41% increase of 
ethanol yield. Lignin plastic composite material and compress natural gas were 
coproduced in this industrial system, which proportioned the capital cost of process 
and hence facilitated the economic feasibility of process. As a result, the 
corresponding ethanol total cost was reduced to 5571.6 RMB/t. In this industrial 
system, the low cost of feedstock, integrated conversion process, and the 
coproduction of multiproducts contributed to the profitability of biorefinery. Overall, 
steam explosion represents a prospective pretreatment technology for the 
multiproducts from LCB using integrated technologies in a biorefinery (Fig. 5.4).
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5.7  Direction of Future Work of Biorefinery 
with Stream Explosion

Even if steam explosion shows the potential to enhance the bioconversion of LCB 
and improve the profitability of biorefinery, several issues still exist in processing of 
LCB, including the insufficient understanding of the intrinsic characteristics of 
LCB, unsatisfactory deconstruction and fractionation performance, and the high 
cost for the technology of product production in biorefinery. To solve these problems, 
the development and design of the integrated systems for biorefinery will be crucial 
for coproducing multiproducts, including chemicals, materials, fuels, and energy, to 
make a sustainable biorefinery. Based on a biorefinery concept, overall strategy 
employing steam explosion as a core technology has been proposed to improve the 
profitability of biorefinery from a totally new perspective (Fig. 5.5).

Multiproduct biorefinery needs to be developed by taking the advanced and inte-
grated process and technology based on the total understanding of intrinsic proper-
ties of LCB. Through facing to the aspects of feedstock, process, and product, an 
environmentally friendly and ecological efficient biorefinery strategy would be 
developed. Therefore, in the general principles of multiproduct biorefinery from 
LCB, these aspects should be focused on and investigated to make a profitable 
biorefinery.
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Facing to feedstock, the scientific understanding of the intrinsic characteristics of 
LCB needs to be further evaluated. For example, the molecular mechanism of 
biomass recalcitrance and its impact on the pretreatment and subsequent conversion 
process should be revealed. The multi-compositions and macromolecules of LCB 
and their correlations with biorefinery performance should be investigated.

Facing to process, the integration principles for biorefinery system should be 
proposed to guide the development of process and the improvement of biorefinery 
performance. The goals of the integrated system are to fractionate LCB into 
cellulose, hemicellulose, lignin, and other intermediates effectively. This integrated 
system should first retain the original features of macromolecules for atom economy. 
Second, it could activate the conversion performance of components which should 
be suitable for enzymatic hydrolysis or subsequent conversion. Third, it could 
maximize the value of intermediate products as far as possible. Therefore, based on 
these principles, the development of thermal, chemical, and physical processes of 
LCB should be further carried out. The principle of directional multilevel conversion 
and selective structural fractionation should be feasible and conform to the 
multiproduct biorefinery concept.

Facing to products, the coproduction of multiproducts such as biofuels, materi-
als, chemicals, and energy by integrated systems should be necessary to make a 
profitable biorefinery. Therefore, with the integrated systems facing to feedstock, 
process, and product, the maximum functionality of LCB could be achieved in a 
biorefinery.
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Chapter 6
Fundamentals of Lignin-Carbohydrate 
Complexes and Its Effect on Biomass 
Utilization

Usama Shakeel, Saif Ur Rehman Muhammad, Yong Zhao, Hongqiang Li, 
Xia Xu, Yong Sun, and Jian Xu

6.1  Introduction

Due to excessive usage of fossil fuel by ever-increasing population, fossil fuel 
reserves are depleting continuously and causing environment challenges in our soci-
ety. Therefore, researchers are trying to find some sustainable carbon-neutral alter-
natives to fossil fuel with low environmental threats [57]. Biomass has shown 
significant potential and considered as an attractive candidate to replace the fossil 
fuel as it is composed of nature’s most abundant biopolymers, cellulose, hemicel-
lulose (carbohydrates), and lignin [49, 76]. These non-edible biopolymers have 
great potential toward biorefinery, paper and pharmaceutical industries, ethanol pro-
duction, and various valuable chemicals [24, 54, 68, 69, 91, 110]. Despite its 
unmatchable potential in energy industry, efficient fractionation of biomass into its 
constitutional components limits the direct use of biomass into industry [5, 40]. 
Lignin and carbohydrates are chemically linked, and they are locked into biomass 
hierarchical complexity and form so-called lignin-carbohydrate complex (LCC) [7, 
18, 23]. It is suggested that this complex plays a very crucial role in the recalcitrance 
of biomass during the fractionation process as it is reported that all and 47–66% 
lignin moieties are chemically bounded to carbohydrates in the softwood and 

U. Shakeel · S. U. R. Muhammad · Y. Zhao · X. Xu · J. Xu () 
Biochemical Engineering Research Center, Anhui University of Technology, Anhui, China 

School of Chemistry and Chemical Engineering, Anhui University of Technology, 
Anhui, China 

H. Li 
Beijing Jiansheng Pharmaceuticals, Ltd, Beijing, China 

Y. Sun 
School of Engineering, Edith Cowan University, Joondalup, WA, Australia

http://crossmark.crossref.org/dialog/?doi=10.1007/978-3-030-65584-6_6&domain=pdf
https://doi.org/10.1007/978-3-030-65584-6_6#DOI


134

hardwood, respectively [31, 32, 48, 51]. Lignin linked to carbohydrates through five 
different types of bondings such as benzyl ether (BE), benzyl ester, phenyl glyco-
sidic (PG), ferulate/coumarate esters (FE/CE), and hemiacetal/acetal linkages [10, 
38, 39, 41, 43, 45, 55, 64, 70, 77, 93, 101, 102]. Benzyl ester bond present between 
the uronic acid of carbohydrates and hydroxyl group of lignin and its concentration 
varies as species, while benzyl ether and phenyl glycosidic bond links glycosyl of 
carbohydrates with phenolic or hydroxyl group of lignin and prevalent in softwood 
and hardwood LCCs, respectively [3, 27, 42, 100, 108]. Acetal bond combines the 
moieties of carbonyl group to the hydroxyl group of carbohydrates and ferulate or 
deferulate bonding majorly present in grass or non-woody plants [28, 109]. Benzyl 
ether, benzyl ester, and PG bonding are abundantly present in biomass and benzyl 
ether, and benzyl ether with hydroxyl group can easily be cleaved under acidic con-
dition while both are alkaline stable and alkali labile, respectively [3, 6, 12, 88]. 
Similarly, it is reported that benzyl ester linkages are alkaline sensitive, while phe-
nyl glycoside bond is alkaline stable [12, 42, 86]. Hardwood contains high amount 
of phenyl glycoside bond and showed lowest yield of Kraft pulping; another study 
showed only 4% PhyGlc hydrolyzed under neutral condition while 96% cleaved in 
acidic condition, which can elucidate alkaline-stable nature of PG [42, 88]. Ferulate 
ester is highly alkali sensitive and can be easily hydrolyzed under alkaline condition 
at ambient temperature [42]. Although much information has been revealed until 
now, the detailed insight of hierarchically complex structure of biomass regarding 
its recalcitrance is essential for biorefinery concept to address current environmen-
tal issues. This review will cover the basic essential aspects of biomass such as LCC 
extractions, presence of different bonds among different parts of biomass, direct and 
indirect analysis of LCCs, and future outlook.

6.2  Extraction of LCCs

To unveil the biomass structure, recalcitrance, and the challenges associated with its 
direct use of biomass into biorefinery, extraction of LCC is crucially important and 
unavoidable. For a better understanding of biomass recalcitrance, extensively 
detailed investigation of LCCs demands the extraction of LCCs by keeping its 
native structure intact. Although the milder LCCs fractionation protocols are prefer-
able to minimize the structural alteration in native biomass, the adoption of harsh 
conditions under the compulsion of recalcitrance is unavoidable. Many researchers 
stated the existence of LCC for altered materials, and some of them tried different 
protocols for the extraction or fractionation of LCCs. This section will briefly cover 
the various LCCs isolation protocols. 
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6.2.1  Ball Milling Prior to Solvent Extraction

LCB is very tough and compact causing the structural components difficult to be 
dissolved in general neutral solvent. The existing LCC extraction methods generally 
include a milling step, in particular, a vibratory milling process. Bjorkman [8] ini-
tially used a vibrating ball mill to crush the raw material and investigated the effect 
of dispersants, temperature, and milling time on the distribution and extraction rate 
of LCCs. A standardized pretreatment procedure was finally proposed: raw material 
pre-sieved through a 20-mesh sieve was extracted with organic solvent to remove its 
nonstructural constituents. The mixture was pulverized twice with a Lampen mill 
for 48 h followed by a vibratory ball milling for 48 h. Toluene was used as the dis-
persing solvent medium in the crushing process.

Koshijima et al. [44] used an improved method: 200–230 g wood flour (40–60 
mesh) was ball milled on a vibrating ball mill for 120 h. The vibration amplitude 
was set to 9 mm throughout the experiment. Nitrogen was reinjected to replace the 
gas in the tank every 2 days. This method was used to ensure that the material tem-
perature did not exceed 30 °C during the milling process.

Ever since, the researchers basically have used a similar approach to process 
LCB with minor changes. For example, Yelle et al. [105] first dried the sample and 
then ball milled using zirconia balls. The parameters of ball milling operation were 
set with eight balls (10 mm) plus three balls (20 mm), 300 rpm, 20 min followed by 
a 10 min pause. The 20 mm balls were then replaced with two 10 mm balls, and the 
speed increased to 600 rpm. The milling was continued for another 12 h (20 min 
running plus 10 min pause).

6.2.2  Water or Water Solution Extraction

Traynard et al. [90] developed a method to extract water-soluble LCCs from plant 
materials at 140 °C with the yield of 16–18%. The composition and structural char-
acteristics showed that water-soluble LCCs were rich in carbohydrates. Elevated 
extraction temperature probably caused LC bond cleavage resulting in low LCC 
yield. However, the LCCs isolated with this method were partially representative of 
the original LCCs.

In order to improve the purity of LCCs and to extend its applicability, Watanabe 
et al. [94] developed a method for extracting water-soluble LCC from Korean pine 
(Pinus koraiensis) using cold and hot water (20  °C, 80  °C). This method was a 
simple separation procedure for grasses with higher content of acetylated gluco-
mannan. The LCCs obtained were more representative of original LCCs than those 
prepared by Traynard et al. [90]. However, this method is not applicable to the sepa-
ration of the water-soluble LCCs in the hardwood with low content of acetylated 
glucomannan.
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Lawoko et al. [50] firstly proposed a quantitative LCC separation method with 
three successive steps: ball milling, endoglucan hydrolysis, and alkali dissolution. 
All lignins in softwood can be recovered in the format of LCCs. However, this 
method includes several steps and is only applicable to softwood.

6.2.3  Organic Solvent Extraction

In order to find out the original LCC fraction, Bjorkman [9] used organic solvent to 
separate and extract lignin and LCCs from spruce. In this method, the residue 
obtained from the milled wood lignin (MWL) preparation process was further 
extracted with dimethyl sulfoxide (DMSO) or dimethylformamide (DMF) to obtain 
a crude LCC fraction. It was then eluted with 50% acetic acid and 1,2- dichloroethane/
ethanol solution (volume ratio of 2:1) to obtain original LCC fraction, known as 
Björkman LCCs. The results showed that this method was suitable for the separa-
tion of needle-hardwood and non-wood raw material LCCs. LCC yield and relative 
molecular mass of LCCs extracted by DMSO (Mn > 15,000) were higher than that 
of LCCs extracted by DMF (Mn < 4000–5000) under the same condition. The com-
position of LCCs and 13C-NMR structure analysis showed that Björkman LCCs can 
represent the original LCCs in raw material. Although the purity of LCCs prepared 
was high, the yield was relatively low.

Koshijima et al. [44] improved the extraction conditions of Björkman method. 
The yield of LCCs increased with an increase in milling time. However, the polymer 
chains in LCCs were broken down at milling time > 48 h. It was found that DMF 
could only dissolve low molecular weight components (4000–5000) compared with 
DMSO (10,000–15,000).

Balakshin et  al. [5] isolated and purified LCCs from crude mulberry lignin 
(MWL) employing ethanol extraction during the separation and purification of 
Korean pine mulberry lignin (MWL). This method comprises the following steps 
(Fig. 6.1): (1) dissolving crude MWL fraction prepared with Björkman method in 
90% ethanol solution, (2) precipitating MWL by adding water, (3) centrifuging and 
removing ethanol, and (4) evaporating and vacuum-drying to obtain LCC fraction. 
This method yielded LCCs only about 3%. Two-dimensional NMR analysis of 
LCCs showed that lignin and carbohydrate contents in LCCs were almost equal and 
rich in arabinose and galactose. Ester bond between uronic acid and the C-position 
of the side chain of lignin connection was observed.

Li et al. [53] proposed a simpler method for quantitative LCC isolation based on 
ball milling and dissolution in DMSO and TBAH. The milling was carried out for 
12 h and lignin structure was well retained. Biomass whether natural or treated was 
first completely dissolved in the solvent so that all LCCs were guaranteed to be in 
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Fig. 6.1 LCC isolation and purification
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the solution. Different LCCs were then obtained by further extraction. This method 
was suitable for both hardwood and non-wood samples [14]. The modified method 
can also be applied to softwood [17].

6.2.4  Water-Organic Solvent Extraction

Although Björkman’s extraction method is reliable, it is still time-consuming and 
difficult to proceed. Watanabe et al. [94] proposed a method to recover water-solu-
ble LCCs from 80% 1,4-dioxane-extracted residue. The chemical properties of 
LCCs extracted with this method were similar to those of the Björkman LCCs. 
Detailed methods are shown in Fig. 6.2: plant powder (1 kg) was extracted twice 
with 80% 1,4-dioxane. Deionized water (10 L) was then added and the mixture was 
stirred at 25 °C for 24 h. The solution was filtered with Whatman No. 2 and washed 
with 1 L water three times. It was repeatedly extracted once with deionized water. 
The extracts were combined and concentrated under reduced pressure. Five vol-
umes of ethanol were added. After centrifugation, the precipitation was recovered 
and washed with ethanol and petroleum ether. White water-soluble LCC powder 
was finally obtained. LCCs left in the solid residue can be extracted using DMSO or 
DMF using Koshijima method [44].

In order to obtain high yield and representative LCC fractions from raw materi-
als, Yaku et al. [101] successfully established LCC separation from Korean pine by 
combining water with organic solvent extraction. In this method, the residue after 
the preparation of lignin was extracted with DMF and hot water (70–80  °C) to 
obtain Björkman LCCs and water-soluble LCCs, respectively. The two LCC frac-
tions were combined and characterized with better purity and yield (12.8%), much 
higher than the LCCs prepared with either of the water or organic solvent extraction 
method. The lignin content and carbohydrate composition in LCCs were very simi-
lar to those of Björkman LCC. This method was suitable for hardwood to extract 
representative LCCs with high yield and purity.

6.3  Structural Analysis on LCCs

Various direct and indirect methods are outlined for the confirmation or structural 
analysis of LCCs. Indirect methods are involved in some acidic and basic degrada-
tion of specific LC bond, methylation, oxidation, and enzymatic hydrolysis. 
Generally, these approaches selectively degrade, substitute, or functionalize the spe-
cific analysis sites. Although the selectivity of wet chemistry analysis approaches is 
questionable, it is still debatable. Among various direct analysis methods, NMR has 
emerged as a powerful analytical tool for probing the LCCs. Various NMR tech-
niques such as 1D (1H and 13C), 2D (HSQC, HMQC, HMBC, TOCSY) and the 3D 
(TOCSY-HSQC) have employed to get satisfying evidence of LCCs [36].
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Fig. 6.2 Extraction 
process of water- 
soluble LCC
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6.3.1  Sugar Types and Configurations

A variety of information on polysaccharides in LCC structure can be obtained by 
sugar analysis. Methylation analysis has been widely used to determine glycosidic 
linkage in polysaccharide structure. The specific methylation analysis on the branch 
xylan has been established for over 50 years [1]. Free hydroxyl groups in a polysac-
charide are completely methylated followed by being hydrolyzed, reduced, and 
acetylated. Partially O-methylated alditol acetates are finally analyzed by 
GC-MS. The chemical structure of polysaccharide glycosidic bond type is conse-
quently obtained.

The arrangement of glycosyl was determined using Smith degradation method 
[1], which has been widely used to study polysaccharide structure. When glycans 
and glycoproteins are oxidized with periodate, C-C bonds between the linked 
hydroxyl groups undergo cleavage. Aldehyde group of the reaction product is 
reduced with NaBH4 to polysaccharide polyol and heated with 0.5–1 N acid aque-
ous solution to complete the hydrolysis (complete Smith degradation) or hydro-
lyzed with about 0.1  N acid solution at room temperature (controlled Smith 
degradation). Alcohol, aldol, and monosaccharide formed by the hydrolysis are 
separated, identified, and quantified by liquid chromatography and gas chromatog-
raphy techniques. Based on the results, the alignment of saccharide composition in 
the original polysaccharide can be presumably determined.

Sugar determination can be carried out using a two-step acidolysis method 
employing HPLC [78]. Leontein method [52] is recommended to determine the 
configuration of sugars since the derived products obtained are very stable. Using 
this method, 1 mg monosaccharide is treated with 0.5 mL (+)-2-octanol and one 
drop of trifluoroacetic acid in a sealed tube at 130 °C overnight. After evaporation, 
(+)-2-octyl, D-, and L-glucosides are acetylated and quantitatively analyzed using 
gas chromatography. In general, the technique used to analyze sugar composition 
and configuration is relatively mature.

6.3.2  Substituents on the Framework of Polysaccharides

The isolated LCCs commonly contain esterified acetic acid due to the partial acety-
lation of hemicellulose. The substituents on polysaccharide (mainly hemicellulose) 
skeleton are predominantly acetyl and esterified phenolic acids. Herbaceous plants 
also contain esterified phenolic acids such as p-coumaric acid and ferulic acid. The 
analysis of O-acetyl can be performed using 10 mg sample hydrolyzed with 1 M 
hydrochloric acid (0.3  mL) in a sealed tube at 100  °C for 2  h. The hydrolysate 
obtained is directly used for liquid chromatography analysis. The esterified pheno-
lic acid can be detected by saponification using 1 M NaOH and then analyzed with 
HPLC [30].

U. Shakeel et al.



141

The etherified phenolic acids can be released with acid hydrolysis including 
cleavage of arylglycerol-p-aryl ether linkages and benzyl aryl ether linkages. The 
saponified residue (20 mg) is dissolved in 10 mL solution of 1,4-dioxane and 2 M 
hydrochloric acid (9: 1, v/v) and then refluxed for 2 h. The solution is diluted with 
100 mL distilled water. After pH is adjusted to 4 using saturated NaHCO3 aqueous 
solution, dioxane is then removed by distillation. Subsequently, phenolic acid is 
extracted using diethyl ether and analyzed with liquid chromatography [30]. 
Additionally, there is 4-O-methylglucuronic acid, which could be determined by the 
methods of sugar composition and configuration determination.

6.3.3  Lignin Structural Monomers

The structure of lignin monomers can be determined using traditional alkaline nitro-
benzene oxidation method developed by Roadhouse and MacDougall [71]. Due to 
its complicated operational procedure, Sudo et al. [81] developed another approach 
without making the derivatives of original compound. LCCs containing 40 mg lig-
nin are heated in 4.0 mL of 2 M NaOH aqueous solution containing 0.24 mL nitro-
benzene at 170  °C.  After 2  h, the reaction mixture is cooled and washed with 
distilled water. The excess nitrobenzene is extracted with ether. After acidification 
using 2 M HCl solution, the oxidized products are extracted using diethyl ether and 
analyzed quantitatively using HPLC. Almost all of the structural units of lignin can 
be detected with this method such as hardwood lignin [104].

The reactivity of lignin is determined by the monomer composition, functional 
groups, and the linkages between the structural units. Characterization of monomer 
composition, functional groups, and linkages in lignin structure requires more than 
one analytical technique. Common NMR techniques such as 1H-NMR, 13C-NMR, 
2D HSQC-NMR, and 31P-NMR are the most powerful tools applied for lignin struc-
ture analysis. In the future, it is believed that lignin structure will be fully character-
ized as more efficient, and accurate analysis technologies with higher signal/noise 
ratio are being developed.

6.3.4  Analysis of Linkages Between Lignin and Carbohydrates

There is a great deal of evidence that lignin and polysaccharides are covalently 
linked, although the linkage bonds are relatively small in numbers. There are three 
types of LCC linkages: benzyl ether, phenylglycoside, and esters (Fig. 6.3). The 
occurrence of stable lignin-carbohydrate bonds generates significant problems in 
selective separation and isolation of lignin and hemicellulose from lignocellulose. 
Therefore, LCC structure analysis is fundamental and of practical importance.
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6.3.4.1  Wet Chemistry Method

Oikawa et  al. [66] reported selective cleavage of 4-methoxybenzyl esters and 
3,4-dimethoxybenzyl esters using 2,3-dichloro-5,6-dicyanobenzoquinone (DDQ) at 
room temperature to produce alcohols. DDQ is able to release 91–93% glucose from 
isosporine or its 4-O-methoxy derivative in 50% 1, 4-dioxane aqueous solution for 
1 h at 50 °C. However, DDQ is not active for the acetyl and glycosyl linkages. If the 
acetyl group is introduced into the phenolic hydroxyl group on the 4-hydroxy-3-me-
thoxybenzyl ether, DDQ can not disrupt the benzyl ether bond due to the pull-elec-
tron effect of acetyl. Based on the above results, Koshijima et al. [43] and Watanabe 
et al. [95] analyzed the links between lignin and carbohydrates using DDQ treatment.

The following procedure is recommended for the detection of benzyl ether link-
ages and conjugated ether linkages in LCCs (Fig. 6.4) [93]: LCC fragment is first 
methylated with diazomethane to block the phenolic hydroxyl group and then 
O-acetylated using pyridine-acetic anhydride solution. The methylated and acety-
lated LCCs (20 mg) are dissolved in a mixture of dichloromethane and water (18:1, 
v/v) and treated with 50 mg of DDQ at 50 °C for 2 h. This solution is loaded onto a 
silica gel column with the adsorption of 50 mg of 1,2,3,4,6-penta-O-acetyl glucose/g 
Silica Gel 60. The unreacted DDQ and the corresponding hydroquinone are thor-
oughly washed off with deionized water. Afterward, the silica gel column is eluted 
using methanol, which is evaporated to dryness and methylated using diazomethane- 
boron trifluoride diethyl ether solution or methyl trifluoromethane sulfonate, fol-
lowed by hydrolysis using 90% formic acid solution and 0.25  M sulfuric acid 
solution. Partially methylated monosaccharides are converted to sugar alcohol ace-
tates and analyzed using GC and GC-MS. The position of the methylation is the site 
to which the lignin is attached [4].

6.3.4.2  NMR

The use of spectroscopic methods for structural analysis of LCCs might be difficult 
mainly due to overlapping signals from the functional groups in LCCs. Infrared 

Fig. 6.3 Chemical bonds within LCC
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spectroscopy (IR) is only useful in the study of ester bonds within LCCs [86]. 
Although 13C NMR can provide partial structural information on carbohydrates 
and lignin in LCCs, it does not provide information about chemical bonds between 
LCCs as these signals have a significant overlap with lignin or carbohydrate signals 
[6]. Xie et al. [99] developed a method to label the specific positions of lignin side 
chains with 13C. The labeled lignin was then analyzed using 13C NMR. However, 
subsequent studies showed that the results obtained in this way were not reliable, 
mainly because 1D 13C NMR was not a reliable technical method to study the chem-
ical bonds within LCCs. 2D NMR can be used to overcome these obstacles. The 
structures of phenyl glycosides and benzyl ethers in LCCs were first directly 
detected by high-resolution HSQC 2D NMR [5]. Nowadays, the problem of too low 
levels of lignin carbohydrates linkages (LCLs) in LCCs can be overcome with 
newly developed high-sensitivity NMR techniques. With NMR cryogenic probe, 
the sensitivity can be increased by three to four times. In addition, HSQC and het-
eronuclear multiple bond correlation (HMBC) techniques are available for efficient 
analysis of various low-level LCLs in LCCs.

Another way to improve LCC analysis sensitivity is to separate samples contain-
ing high levels of LCLs. When LCC samples with high lignin content were degraded 
by enzymatic and/or ball milling techniques, it was possible to know the specific 
carbohydrate units linked to lignin by analyzing the constituent units of carbohy-
drate residues in LCCs. For instance, a sample of LCCs prepared by Balakshin et al. 
[5] contained higher amounts of arabinose and galactose. The sugar composition of 
enzymatically hydrolyzed LCCs derived from pine was significantly different from 
that of LCCs extracted with acetic acid (LCCs-AcOH) from the same sample. Birch 

Fig. 6.4 Analysis of LCC linkages with the DDQ method
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LCCs-AcOH contained about 90% xylan, while it was only 70% in enzymatically 
hydrolyzed LCCs.

6.3.4.3  Size Exclusion Chromatography

Size exclusion chromatography (SEC) has also been studied for the indirect evi-
dence of LC bond. It is composed of a dual detector system having differential 
refractive index (RI) and ultraviolet (UV), and the co-elusion of lignin and carbohy-
drates can suggest that either lignin is linked to carbohydrates chemically or not 
[19]. Additionally, SEC combined with LC extraction and solubility system leads to 
different outcomes. A study based on wood polymer interaction revealed that intrin-
sic viscosity-differential pressure (IV-DP) detector, focuses on intrinsic viscosity of 
dissolved solutes, hence  more promising for linear-free carbohydrate and LCCs. 
While, Right Angle Laser Light Scattering (RALLS) is more useful for high molar 
mass polymer and branching points [50, 96]. Although the selection of different 
detectors can elucidate the mass and composition, the qualitative and quantative 
analysis of LCCs are yet to be done. 

6.3.4.4  FTIR

Infrared spectroscopy is also often used for qualitative analysis on chemical bonds 
within LCCs. The absorption peaks of acetyl group are shown at 1250 and 1733 cm−1 
(Fig.  6.5). The major carbohydrate absorption regions are 990, 1030–1040, 
1070–1090, and 1150–1180 cm−1, typical of xylan and/or dextran absorption peaks 
[33]. The disappearance of the absorption peak near 1730 cm−1 in Fig. 9 shows that 

Fig. 6.5 Infrared spectra of LCCs and Xylan
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the esterified carbonyl group disappears because the alkali treatment destroys the 
ester bond within LCCs.

6.4  Bonds Between Lignin and Carbohydrates 
and Their Breakage

The chemical linkage between lignin and carbohydrates is generated during the 
lignin biosynthesis and the concentration and type of bond directly dependent on a 
species. Various types of LC bonds have been studied and reported such as benzyl 
ether, benzyl ester, and phenyl glycoside bond which defines the nature and proper-
ties of LCC fragment. This part will critically focus on the presence of different 
bonds among different parts of biomass.

6.4.1  Type of Chemical Bonds

6.4.1.1  Benzyl Ether/Ester Bonds

Choi et al. [15] characterized LCCs isolated from unbleached Kraft pulps of spruce 
and beech wood employing GC and GC-MS techniques. It was found that benzyl 
ether established a lignin-carbohydrate linkage that structurally varies with bio-
mass. Structurally, galactose either combines with mannose (spruce wood) or xylose 
(beech wood) to form this linkage. C-6 (in hexose) and C-2/C-3 (in xylose) were 
found as the principal bonding sites to develop LCCs [56].

Ether bonds are alkali stable which leave residual lignin attached with carbohy-
drates in the pulping process [26]. Using model compounds, few researchers have 
found the possibility of LC ether bond formation during Kraft pulping [26, 35]. It 
was postulated that harsh reaction conditions might cause artificial LC bonding for-
mation (Lawoko 2005). However, Minor [60] argued that only LC bond enrichment 
occurred during Kraft pulping than bond formation.

Several studies have reported the existence of LC ester bonds in LCB based on 
their evidences, such as the presence of carboxyls in LC binding [10], the degree of 
esterification [92], alkali pretreatment disassociating lignin and carbohydrate link-
age [21, 101], and 2D NMR observations [6, 99]. LC ester bonds are considered to 
be alkali labile because they can be easily cleaved by alkalis [5, 25].

6.4.1.2  Phenyl Glycoside (PhGly) Bonds

The mechanism of phenyl glycosides is not yet fully understood. However, it seems 
that acetylation at C-2 on xylan does not permit the coupling of lignin at the adja-
cent C-1 hydroxyl, thereby inhibiting the formation of phenyl glycosides. Another 
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opinion assumes that phenyl glycoside formation is an enzymatic process where 
enzyme specificity causes acetylation to inhibit the coupling of lignin with xylan.

6.4.1.3  Acetal-Type Bonds

Acetal formation is favored in a mild acidic environment (pH ~ 5), and this linkage 
is present between the lignin structural fragment phenylpropane and the hydroxyl 
group of carbohydrates. This bond formed when two –OH groups of polysaccharide 
linked to lignin through acetal, and it is regarded as the rare one [28].

6.4.1.4  Ferulate Ester Bonds

Herbaceous plant, grasses, and non-wood materials contain high concentration of 
ferulate acid, which is attached to carbohydrates. Ferulic acid showed the tendency 
to link with the lignin oxidatively, while presence of carboxylic acid group at the 
terminal end of propenyl group can make ester linkage with carbohydrates as well 
[89]. As a result, it forms lignin-ferulate-polysaccharide (LFP) complex in which 
ferulate esters of carbohydrates bonded to lignin oxidatively [16, 106]. The alkali- 
labile nature of ferulate ester can easily be cleaved under mild alkaline condition 
and yields lignin and ferulic acid molecules [13].

6.4.2  Breakage of Different Bonds

6.4.2.1  Ester Bond Breakage

Noori and Karimi [62] reported the cleavage of LC ester bonds in pine wood 
employing NaOH pretreatment. It has been shown that an alkaline process effec-
tively cleaves LC ester bonds between lignin and carbohydrates without disrupting 
hemicellulose under mild temperature conditions [25]. Alkaline reaction rate is pro-
portional to the concentration of hydroxide ions [40, 61]. After being treated with 
NaOH, the enzymatic hydrolysis was found to be improved due to the increased 
pretreated biomass porosity caused by the cleavage of ester bonds between xylan 
and lignin. However, severe alkali treatment (at elevated temperature and for pro-
longed time) decomposes hemicellulose into xylan and mannan, and it also results 
in alkali-stable linkages due to peeling off reactions [74]. Min et al. [59] pretreated 
corn cob with mild alkaline solution (1 N NaOH) at room temperature that reduced 
the amount of LCCs from 22% to 2.5% on C9 basis because NaOH cleaved LC ester 
bonds in LCC.

Santos et al. [75] studied the alkali extraction of wood lignin employing NaOH 
and found that alkali-extracted lignin and milled wood lignin contained low amount 
of carbohydrates (2–3%) due to LC ester bond cleavage. In native wood LCCs, ester 
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bonds linked with 4-O-methylglucuronic acid units of xylan with lignin [21] are 
labile to alkaline pretreatment [21, 63]. Yan et al. [103] studied the alkaline pretreat-
ment of sweet sorghum bagasse employing NaOH and Ca(OH)2 and confirmed that 
both alkaline treatments cleaved LC ester bonds between hydroxycinnamic acids 
and lignin [103].

Martínez et al. [58] investigated alkaline deconstruction of sugarcane bagasse 
using mild (4%) and severe (9%) alkali concentrations. Mild alkaline treatment 
cleaved ester bonds between ferulic acid (FA) and xylan and between lignin (H unit) 
and xylan. At 4% NaOH treatment, cleavage of LC ester bonds between lignin and 
xylan occurred without affecting lignin removal. However, an increase in the sever-
ity of alkaline treatment (from 4% to 9%) caused ester bond cleavage as well as 
lignin disintegration [58]. Xiao et  al. [98] studied NaOH treatment of dewaxed 
maize stems, rye straw, and rice straw. It was found that alkali broke down LC ester 
bonds between lignin and hemicellulose and FA [80]. Sun et al. [84] isolated differ-
ent types of lignin from Tamarix spp. employing ball milling, alkaline organosolv 
process, and alkaline treatment. The results revealed that the residual carbohydrates 
attached to extracted lignins followed the given order: milled wood lignin (MWL), 
3.24% > alkaline lignin (AL), 1.86% > organosolv lignin (OL), 0.79%. Alkaline and 
organosolv processes cleaved LC ether and ester bonds in LCCs and removed maxi-
mum amount of carbohydrates [84].

Huynh and Arioka [34] isolated GE from Neurospora crassa and confirmed its 
function to cleave ester link between xylan and lignin using a model compound 
(3-(4-methoxyphenyl) propyl methyl 4-O-methyl-a-D-glucopyranosiduronate). 
Kinetic studies of this cleavage reaction revealed that GEs could differentiate alkyl 
and aryl alkyl esters of 4-O-D-glucuronic acid [79, 97]. Moreover, GEs preferably 
cleaved 4-O-methyl-D-glucuronic acid esters rather than D-glucuronic acid esters 
[20]. It was observed that the cleavage mechanism of ester bonds in the synthetic 
LCC was independent of carbohydrate type during the hydrolysis [34, 79].

Organosolv pretreatment has been evolved by using ethanol, acetone, formic 
acid, and acetic acid for the depolymerization of hemicellulose and lignin to pro-
duce bioethanol or paper products. The obtained products required extensive wash-
ing step to purify the product followed by further treatment with enzymes to avoid 
contamination. The addition of acids accelerates the delignification of LCB and 
improves xylose yield [85].

6.4.2.2  Ether Bond Breakage

Sun et al. [83] employed alkaline pretreatment to the dewaxed and partially deligni-
fied poplar wood and observed that the recovered hemicellulose fragments were 
linked to low quantity of lignin (<5%). Alkali pretreatment significantly cleaved LC 
ether bonds between lignin and carbohydrates. It was also noticed that increase in 
the concentration of alkali (1.5–8.5%) caused extensive bond cleavage and, hence, 
resulted in reduced lignin content (4.9–2.6%) linked to hemicellulose. In a follow-
 up study, Sun et  al. [82] compared the alkaline process with alkaline peroxide 
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process (NaOH and H2O2) and revealed that alkaline peroxide process hydrolyzed 
ether linkage better than the alkaline process. Alkaline peroxide process (2 M NaOH 
and 2% H2O2) extracted hemicellulose linked to lower quantity of lignin (<2%). 
Hydroperoxyl and hydroxyl radicals were found in the suspension after alkaline 
peroxide process [22]. These radicals break some LC ether bonds causing fragmen-
tation of lignin-hemicellulose complex [22, 67].

Jiang et  al. [37] used Na2CO3-H2O-tetrahydrofuran (THF) reaction system to 
cleave ether bonds between cellulose and lignin. Small amount of unconverted lig-
nin revealed that Na2CO3-H2O-tetrahydrofuran (THF) reaction system could not 
cleave some of the ether linkages between cellulose-lignin complex. Initial pH 
value of this reaction system was found as the main driver to cleave LC ether 
bond [37].

Dilute acid pretreatment at moderate temperature (140–190 °C) can efficiently 
remove hemicellulose and be recovered in the form of dissolved sugar [47]. Dilute 
acid pretreatment enhances the cellulose digestibility in the enzymatic hydrolysis 
process by removing hemicellulose. Benzyl ether bond is reported as acid sensitive; 
however, benzyl ether linkages with phenolic hydroxyl groups are proposed to be 
alkali labile. This acid hydrolysis is also used for the ether bond investigation car-
ried out by simultaneous reduction of LCC with sodium borohydride followed by 
acid hydrolysis of reduced LCC. This process hydrolyzes the ether linkage of LCC 
and produces new phenolic and benzyl alcohol hydroxyl group.

6.5  Effect of LCC on Biomass Utilization

The biorefinery concept is developing continuously because of increasing environ-
mental concern over greenhouse emission and fossil fuel sustainability issues. At 
this point, the investigation and in-depth understanding of LCCs is really an essen-
tial step toward biomass utilization as it is hypothesized that recalcitrance of bio-
mass directly belongs to LCCs. Although the emerging LCC fractionation process 
is obtaining the fundamental polymers with high purity, the progress in this field is 
really slow because of heterogeneous nature of biomass, characterization of low- 
frequency LCC bonds, and operational cost [46].

6.5.1  Bioactivity of LCC

Sakagami et al. [73] reviewed the potential of LCC in cosmetic and anti-UV appli-
cations. LCC showed two times higher anti-UV activity than lower MW polyphe-
nols and hot-water extracts of Kampo medicines and tea leaves. LCC and vitamin C 
displayed compound effect on anti-UV activity. Furthermore, an LCC-rich drug 
(alkaline extract of Sasa senanensis Rehder (SE) leaves) also exhibited strong anti-
viral and radical scavenging activity when used along with vitamin C [73].
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Researchers studied antimicrobial activity of pine-extracted LCC in mice. It was 
observed that LCC was effective against several pathogens such as Staphylococcus 
aureus SH10, Escherichia coli GN2411, Pseudomonas aeruginosa H7, Klebsiella 
pneumoniae ST101, and Candida albicans YA2 [29, 65]. It was also noticed that 
carbohydrate removal from LCC significantly decreased the anti-pathogenic activity 
[72]. Abe et al. [2] also reported that sugar conjugated lignin (LCC) effectively pro-
tected infant mice from Cestoda infection compared with the carbohydrate- free LCC.

6.5.2  Effect of LCC on Separation of Different Components

Strong oxidative agents such as sequential alkaline peroxide process can fragment 
relatively pure hemicellulose (0.5–5.1% bonded lignin) from LCC.  This process 
produces hydroperoxyl and hydroxyl radicals which significantly cleave the LC 
linkages between lignin and hemicelluloses in the cell wall of bagasse [82]. Zhang 
et  al. [107] studied the extraction of xylan from sweet gum employing glycerol 
thermal process (GTP) followed by alkaline extraction. GTP caused lignin fragmen-
tation, and resultant lignin units were loosely bound to xylan via weak intermolecu-
lar forces forming lignin-xylan complexes. Follow-up of alkaline process 
co-extracted the lignin units along with xylan from the lignin-xylan complexes.

6.6  Prospects

Different biorefinery designs are possible as well as viable. Each biorefinery has to 
focus on one primary objective such as lignin, hemicellulose, or cellulose extrac-
tion, and rest of the macromolecules should be secondary objectives. For example, 
if hemicellulosic extraction (for furfural and HMF) is the prime objective, then the 
acidic pretreatment could be used [87], and the resultant lignin will have modified 
structure (more C-C bonds). Accordingly, biorefinery route to use such modified 
lignin needs to be developed. On the other hand, if one biorefinery targets to extract 
pure lignin for further applications, then such pretreatment should be selected that 
specifically extracts the native lignin. The residual LCB after lignin extraction can 
be used for carbohydrate extraction. For example, Brandt et al. [11] proposed an 
ionic liquid (IL)-based pretreatment (ionoSolv) that can fit well to lignin-focused 
biorefinery concept. There are a number of ways to employ ionoSolv process in a 
biorefinery setting. It can be used to cleave intra-unit lignin bonds (ether and ester 
linkages) to depolymerize lignin to yield low MW aromatics. Contrary to this path-
way, ionoSolv can be manipulated to induce lignin condensation reactions to pro-
duce high MW and high phenolic hydroxyl fractions which can be used in the 
production of fuel blends (resins/additives).

Limited pretreatment processes can isolate lignin and cellulose from LCBs. 
Lignin is recovered via dissolution, whereas cellulose is isolated as solid residue.
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Lignin and carbohydrates are cross-linked within LCC and arise as complex 
irregular structures due to tight physical and chemical bonding. Probably, single 
pretreatment method is not sufficient to overcome LCC recalcitrance, and it would 
result in low yield and impure products. There is a need to search for such optimum 
pretreatments (single/integrated) which may co-valorize lignin and carbohydrates 
simultaneously.
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Chapter 7
Systematic Metabolic Engineering 
of Saccharomyces cerevisiae for Efficient 
Utilization of Xylose

Jing Han, Guoli Gong, Xia Wu, and Jian Zha

Abbreviations

PPP Pentose phosphate pathway
TCA Tricarboxylic acid
XDH Xylitol dehydrogenase
XI Xylose isomerase
XR Xylose reductase

7.1  Introduction

Biomass is a sustainable source of fermentation feedstock for the generation of 
value-added chemicals such as fuels and attracts much attention with the rising 
concern of rapidly decreasing reserve of fossil fuels and insufficient supply of cere-
als as staple food [1, 2]. The decomposition product of biomass, also termed ligno-
cellulosic hydrolysate, consists of hexoses (mainly glucose) and pentoses (mainly 
xylose) [3]. Glucose can be readily converted to ethanol, organic acids, and other 
bulk chemicals by Saccharomyces cerevisiae, one of the most commonly used 
industrial fermentation microorganisms with robust resistance to environmental 
stresses and phage infection. However, wild-type S. cerevisiae strains cannot metab-
olize xylose, thus leading to inefficient utilization of lignocellulosic hydrolysates. 
To solve such a problem, extensive efforts of metabolic engineering have been made 
in the past two decades toward breeding of an efficient xylose-utilizing S. cerevi-
siae [4].
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The key to the development of xylose-fermenting S. cerevisiae is the reconstruc-
tion of a xylose catabolic pathway in the host strain. The earliest explored pathway 
derived from natural xylose-utilizing yeasts, such as Scheffersomyces stipitis, con-
verts xylose to xylulose in two steps. Xylose is reduced to xylitol by xylose reduc-
tase (XR) and then oxidized to xylulose by xylitol dehydrogenase (XDH) (Fig. 7.1). 
A more direct pathway is the xylose isomerase (XI) pathway whereby xylose is 
converted into xylulose by XI in a single step (Fig. 7.1). Xylulose is then channeled 
into glycolysis via phosphorylation and multiple biochemical reactions in the non- 
oxidative pentose phosphate pathway (PPP). Both xylose catabolic pathways have 
been functionally constructed in S. cerevisiae, and many attempts have been made 
to enhance xylose utilization for the production of ethanol, the major end product in 
the waves of biofuels. In recent years, the end products have been expanded to other 
chemicals such as lactate and isobutanol [5]. However, the introduced pathway 
often causes inefficient energy supply and other metabolic mismatch with native 
metabolic network, especially under anaerobic conditions [6]. Despite some great 
success on engineering xylose metabolism in recombinant yeasts, multiple key 
problems are still present in terms of xylose consumption rate, the generation of 
by-products, etc.

In this chapter, we will summarize the metabolic engineering of S. cerevisiae to 
achieve the goal of efficient xylose utilization (Fig. 7.2) with a focus on the strate-
gies to regulate redox imbalance inherited with the XR-XDH pathway, to improve 
XI activity in the XI pathway, and to solve other problems existing in both path-
ways, such as insufficient metabolic flux of the non-oxidative PPP and glucose- 
mediated inhibition of xylose transportation. We will also discuss the future 
directions on S. cerevisiae engineering for highly efficient xylose metabolism.

7.2  Redox Imbalance

In the XR-XDH pathway, a prominent problem is redox imbalance and subse-
quent formation of the by-product xylitol. The redox imbalance is caused by poor 
recycling of redox cofactors in the initial oxidoreductive steps catalyzed by NADPH- 
preferring XR (encoded by Xyl1) and strictly NAD+-dependent XDH (encoded by 
Xyl2) [7, 8]. Thus, many rational approaches to balancing cofactor recycling have 
been attempted. First, protein engineering of XR or XDH has been performed to 
alter the cofactor dependence for cofactor matching. For example, a mutant XR 
(R276H) based on the XR from S. stipitis prefers NADH to NADPH, and its incor-
poration into the xylose-assimilating pathway leads to better cofactor recycling, less 
xylitol production, and higher ethanol production [9]. In another case, a NADP+-
specific XDH mutant (D207A/I208R/F209S/N211R) has been constructed and its 
expression with NADPH-preferred wild-type XR also demonstrates the feasibility 
of protein engineering [10]. Second, regulation of cellular cofactor metabolism has 
been carried out to balance cofactor recycling for decreased xylitol formation and 
improved ethanol production [11, 12]. A water-forming NADH oxidase (NoxE) 
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Fig. 7.1 The metabolic pathways for xylose metabolism in S. cerevisiae. Symbols: X-5-P 
xylulose- 5-phosphate, Ri-5-P ribose-5-phosphate, Ru-5-P ribulose-5-phosphate, Ga-3-P 
glyceraldehyde- 3-phosphate, S-7-P sedoheptulose-7-phosphate, F-6-P fructose-6-phosphate; E-4- 
P erythrose-4-phosphate, G-6-P glucose-6-phosphate, Gn-6-P 6-phosphogluconate, F-1,6-BP 
fructose-1,6-bisphosphate, DHAP dihydroxyacetone phosphate, Gly-1,3-P 1,3- bisphosphoglycerate, 
3-PG 3-phosphoglycerate, PEP phosphoenolpyruvate, PYR pyruvate, Ac-CoA acetyl-CoA, Oaa 
oxaloacetate, Mal malate, Fum fumarate, Suc succinate, α-KG α-ketoglutarate
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from Lactococcus lactis was applied in a xylose-utilizing S. cerevisiae and reoxi-
dized surplus NADH from xylose metabolism into NAD+, relieving redox cofactor 
imbalance and resulting in improved xylose utilization [13]. The transhydrogenase- 
like shunt, including malic enzyme, malate dehydrogenase, and pyruvate carboxyl-
ase, was enhanced to modulate the redox state in a xylose-fermenting recombinant 
S. cerevisiae to compensate cofactor imbalance and reduce xylitol formation [12].

These strategies balance cofactors in a static stoichiometric manner; however, 
the intracellular concentrations of cofactors are in dynamic change. The oxidized 
cofactors (NAD+ or NADP+) diffuse rapidly within cells and are thus not completely 
recruited or utilized by XDH. To solve this dilemma, a synthetic isozyme system 
was proposed, in which both NADPH-specific and NADH-specific XRs were 
expressed in S. cerevisiae [14]. This system can extend cofactor availability, relieve 
cofactor imbalance, and improve xylose metabolism.

Besides direct regulation of redox imbalance to reduce xylitol formation, an indi-
rect way of regulating xylitol formation is regulation of xylitol secretion. In S. cere-
visiae, aquaglyceroporin Fps1p is suggested to contribute to xylitol export, and its 
deletion can reduce xylitol production and increase ethanol yields [15].

Fig. 7.2 Systematic metabolic engineering of S. cerevisiae for efficient xylose metabolism. HXTs 
hexose transporters, PPP pentose phosphate pathway
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7.3  Activity of Enzymes in Xylose Assimilation Pathway

The activities of enzymes in the initial metabolic pathway are important for efficient 
xylose metabolism in both the XR-XDH and the XI pathways. The XI pathway will 
be discussed in next section given the relative complexity of improving XI activity. 
For the XR-XDH pathway, the activities of XR and XDH determine the rate of 
xylose consumption [16]. A higher-level expression of Xyl1 can lead to more active 
XR, providing stronger driving force for xylose metabolism, whereas XDH with a 
higher activity can convert xylitol into xylulose more efficiently, leading to less 
production of xylitol. The importance of XR and XDH activities has been confirmed 
in a couple of studies by direct modifications on Xyl1 and Xyl2 [17, 18], and com-
parative analysis of evolved strains and parental strains also suggests the role of 
high-level expression of Xyl1 and Xyl2 [19]. In addition to the activities of XR and 
XDH, XKS1 activity is also crucial to xylose metabolism as native XKS1 activity is 
not strong enough to phosphorylate xylulose into xylulose-5-phosphate efficiently 
[20]. The significance of XKS1 activity is evidenced by the fact that elevated expres-
sion of XKS1 is often observed in evolved strains [21]. To increase the overall activi-
ties of intracellular XR, XDH, and XKS1, multiple integration of the xylose 
assimilation pathway is commonly performed through δ-integration or GIN11/FRT- 
based multigene integration system, and strains with improved xylose metabolism 
are selected based on colony size on plates with xylose as the sole carbon source [22].

High-level expression of Xyl1, Xyl2, and XKS1 does not guarantee efficient 
xylose metabolism; these genes need to be expressed in a balanced manner. Pathway 
optimization methods, such as DNA-assembler-based combination and golden- 
gate- based pathway assembly, have been applied to optimize the expression of Xyl1, 
Xyl2, and XKS1 [23, 24], which help to enhance xylose metabolism and reduce 
xylitol production.

7.4  Improving the Activity of Xylose Isomerase

The major problem with the XI pathway is the low XI activity when expressed in 
S. cerevisiae. XylA from Piromyces is the first reported XI gene that is functional in 
S. cerevisiae [25], and XylA from Clostridium phytofermentans is the first reported 
prokaryotic XI gene functional in S. cerevisiae [26]. Several other XylA genes have 
been reported to encode active XI in S. cerevisiae after deep mining of thousands of 
genome sequences (Table 7.1). However, XI activity in these systems is still low, 
hindering efficient xylose utilization.

XI is partially inhibited by xylitol generated from xylose by the endogenous 
aldose reductase GRE3 [25]; hence the GRE3 gene is commonly knocked out when 
expressing XylA in S. cerevisiae. Nonetheless, XI activity is still not high enough 

7 Systematic Metabolic Engineering of Saccharomyces cerevisiae for Efficient…



162

due to the poor expression of this enzyme. To overcome this obstacle, XI from 
Propionibacterium acidipropionici and the molecular chaperon GroEL-GroES 
from Escherichia coli were co-expressed in S. cerevisiae for better enzyme folding, 
resulting in functional XI despite slow xylose consumption [34]. Additionally, 
error-prone PCR-based random mutagenesis of XylA from Clostridium phytofer-
mentans led to the identification of two mutants with improved xylose isomerization 
activity both in vivo and in vitro [32].

During adaptation of recombinant S. cerevisiae expressing XylA, multiple genetic 
changes occur to XylA as well as other genes, leading to improved xylose isomeriza-
tion. In one study, insertion of XylA close to an ARS (autonomously replicating 
sequence) resulted in ~ninefold amplification of its copy number in the evolved 
strain, which conferred higher XylA expression and elevated XI activity [35]. 
Interestingly, reduced XylA expression was observed but with higher XI activity in 
other studies [21, 36]. Other mutations that contribute to elevated activity of XI have 
been reported. In one evolution, mutations (including ASK10M475R and ASK10 
deletion) on ASK10, the gene encoding a stress response regulator, were identified, 
which upregulated the expression levels of molecular chaperone-encoding genes 
(HSP26, SSA1, and HSP104) and subsequently improved the folding and activity of 
XI [37]. A mutation was identified in PMR1, which encodes a high-affinity Ca2+/
Mn2+ ATPase. In pmr1 strains, intracellular concentration of Mn2+, the essential 
metal for XI activity, was much higher than that in the parental strain, causing ele-
vated XI activity and accelerated xylose consumption [38–40].

Table 7.1 Properties of various xylose isomerases functionally expressed in S. cerevisiae

Source of gene
Km(xylose) 
(mM)

Ki(xylitiol) 
(mM)

Vmax (μmol/
mg protein/min) Classification References

Piromyces sp. E2 49.85 ± 2.82 4.6 ± 1.78 0.0538 Fungal [25]
C. phytofermentans 66.01 ± 1.00 14.5 ± 1.08 0.0344 Bacterial [27]
Bacteroides stercoris 54.03 ± 1.24 5.1 ± 1.15 – Bacterial [27]
Burkholderia 
cenocepacia

– – – Bacterial [28]

Orpinomyces sp. – – 1.91 Fungal [29]
Prevotella 
ruminicola TC2–24

40 – 0.28 Bacterial [30]

Termite hindgut 10.52 ± 1.10 – 0.0074 Protists [31]
Lachnoclostridium 
phytofermentans

41.8 ± 0.8 0.064 ± 0.002 Bacterial [32]

Ruminococcus 
flavefaciens

117 – 0.29 Bacterial [33]
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7.5  The Low Metabolic Flux of the Non-oxidative Pentose 
Phosphate Pathway

The non-oxidative PPP is the channel to direct xylulose-5-phosphate to glycolysis 
pathway through the XR-XDH pathway or the XI pathway (Fig. 7.1). In natural 
S. cerevisiae, PPP acts as the pool to provide C-5 sugars for the biosynthesis of 
nucleotides, aromatic amino acids, and so on, and its metabolic flux is naturally 
lower than that of glycolysis or the tricarboxylic acid (TCA) cycle. In recombinant 
yeast without any modification on PPP, intermediates such as xylulose-5-phosphate 
and sedoheptulose-7-phosphate accumulate during xylose fermentation, indicating 
that the native PPP lacks sufficient metabolic activity in one or more steps in xylose 
catabolism to allow for significant cell growth and xylose fermentation either aero-
bically or anaerobically [20]. Metabolomic analysis and transcriptional analysis 
also support this inference. Thus, overexpression of genes in the non-oxidative PPP 
for increased xylose consumption is favored in the construction of xylose-utilizing 
S. cerevisiae. A golden-gate-based combinatorial optimization method was applied 
to optimize the PPP, with five promoters incorporated into the whole pathway [24]. 
The improved strain harbored RPE under the control of the strong promoter TDH3 
and other pathway genes (RKI, TKL, and TAL) under the control of moderate pro-
moters. In another combinatorial test, overexpression of RKI1 and TAL1 derived 
from Kluyveromyces marxianus with S. cerevisiae TKL1 increased xylose consump-
tion rate by nearly twofold relative to the parental strain [41]. In addition to overex-
pression of pathway genes, inactivation of PHO13 was also reported to be effective 
in enhancing the metabolic flux of PPP. PHO13 can repress TAL1 activity, and the 
limited transaldolase activity can cause dephosphorylation of sedoheptulose- 7- 
phosphate, leading to carbon loss and inefficient xylose metabolism [42].

7.6  Xylose Transportation

S. cerevisiae lacks a xylose-specific transport system, and the transport of xylose 
into its cytoplasm is mediated by hexose transporters which show much higher 
affinity to glucose than to xylose [8]. Such discrimination on affinity causes differ-
ential uptake and utilization in the presence of multiple sugars, with glucose having 
the highest priority and metabolized first, thus leading to “glucose repression” [43]. 
Such sequential utilization of xylose after glucose exhaustion severely decreases 
xylose consumption rate. Thus, identification and development of xylose-preferring 
transporters are crucial for efficient xylose fermentation.

Since native hexose transporters recognize both glucose and xylose, it is useful 
to develop hexose transporter-null strains, such as EBY.VW4000 with more than 20 
hexose transporter genes knocked out, for screening and characterization of new 
transporters by functional complementation of growth on glucose or xylose when a 
xylose pathway is expressed [44–46]. It has been identified that transporters Hxt2, 
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Hxt4, Hxt5, Hxt6, Hxt7, and Gal2 are responsible for xylose uptake [47, 48], and 
Hxt7 and Hxt5 seem to be the main xylose transporters when xylose is the only 
carbon source or in co-fermentation when glucose reaches low concentrations [47]. 
Recently, a new transporter HXT11 has been identified, which is capable of simuta-
neously transporting glucose and xylose [49].

To improve xylose uptake efficiency, the endogenous xylose transporter genes 
have been engineered. The fusion chimera Hxt36 derived from Hxt3 and Hxt6 was 
constructed, and its mutant Hxt36-N367A transports xylose with a higher rate and 
improved affinity, enabling efficient co-consumption of glucose and xylose [50]. A 
Gal2 mutant (Gal2-N376F) was constructed based on structural modeling, and it 
showed high specificity for xylose with a moderate transport velocity and com-
pletely lost the ability to transport hexoses [46]. The mutant HXT7(F79S) showed 
improved xylose uptake that allowed S. cerevisiae to exhibit significant growth on 
xylose [51]. Gene shuffling of HXT1-7 and GAL2 created two homologous fusion 
proteins, both consisting of the major central part of Hxt2 and various smaller parts 
of other Hxt proteins. Both fusions presented increased xylose affinity (8.1 mM) 
compared to Hxt2 (23.7 mM) [52].

Discovery and mining of specific xylose transporters from natural pentose- 
assimilating species has also been conducted. These natural microorganisms con-
tain both low-affinity and high-affinity sugar transport systems for xylose uptake, 
comprising proton symporters and facilitated diffusion transporters. With increas-
ing genomic data and the development of efficient genome mining tools, numerous 
putative genes for xylose-specific heterologous transporters have been identified. 
SUT1, SUT2, XUT1, XUT3, XUT4, Xyp29, SUT3, HXT2.6, and cellobiose permease 
QUP2 from S. stipitis have been reported to enable the HXT-null S. cerevisiae 
strains to grow on xylose [53]. Besides, xylose transporters from other species have 
also been discovered and verified in S. cerevisiae, including arabinose: H+ symport-
ers (AraE) from Bacillus subtilis and Corynebacterium glutamicum, KmAXT1 
(arabinose-xylose transporter) from Kluyveromyces marxianus, PgAXT1 from 
Pichia guilliermondii, etc. [54–56]. However, in all these cases, the uptake efficacy 
of these heterologous transporters is limited and cannot dramatically improve 
xylose fermentation rate. Detailed information on xylose transporters has been sum-
marized in a recent review [57].

Apart from expression of xylose transporters, modulation of sugar signaling 
pathway to regulate xylose uptake is also feasible. CYC8 is a co-repressor in glu-
cose sensing and signaling pathways. A point mutation in CYC8 (Y353C) gave rise 
to increased expression levels of HXTs, causing a higher transport flux of xylose 
into the cytoplasm in the presence of glucose [58]. Engineering of the hexose trans-
portation system to relieve glucose repression is still daunting. An alternative has 
been proposed, in which cellulose in biomass is decomposed into cellobiose (dimer 
of glucose) instead of glucose with the optimization of the saccharification process 
before the fermentation step. Cellobiose transporter (CDT-1) and β-glucosidase 
(gh1-1) from Neurospora crassa have been successfully introduced into S. cerevi-
siae to efficiently metabolize cellobiose and xylose simultaneously, which avoids 
the competition of hexose transporters between glucose and xylose [59, 60].

J. Han et al.



165

7.7  Other Targets for Metabolic Engineering

Apart from the genetic modifications on the targets mentioned above, other targets 
that are located outside the xylose metabolic pathway have also been discovered 
(Fig.  7.2). In one study, mutations in regulatory pathways were observed in the 
strain expressing XI pathway after several rounds of adaption. The mutated enzymes 
contained a component of MAP kinase (MAPK) signaling (HOG1), a regulator of 
protein kinase A (PKA) signaling (IRA2), and a scaffolding protein for mitochon-
drial iron-sulfur (Fe-S) cluster biogenesis (ISU1) [61]. A following study verified 
that the ira2∆ isu1∆ double deletion led to strains with the highest specific xylose 
consumption and ethanol production rates but also the lowest biomass [62]. Also, 
the double deletion enabled the strain to sense both high and low concentrations of 
glucose, whereas the parental strain could only signal low concentrations of glu-
cose. In other studies, improved xylose metabolism was observed with decreased 
expression of ISU1 or addition of iron [63, 64]. These studies validate the role of 
ISU1 in regulating xylose metabolism. Similarly, a mutation in SSK2 was identified 
in an evolved strain expressing an XI pathway. SSK2 is a member of MAPKKK 
(MAPK kinase kinases) signaling pathway and interacts with Hog1p by direct phos-
phorylation to activate the HOG pathway. Deletion of SSK2 could improve the abil-
ity to metabolize xylose in the parental strain without adaptive evolution, suggesting 
that SSK2 is a key player in the regulatory network of xylose fermentation [63].

Many metabolic and transcriptional investigations indicate that the reprogram-
ming of glucose signaling pathways contributes to improved xylose consumption. A 
transcriptome study reveals that Snf1/Mig1-mediated regulation, a part of glucose 
sensing and repression network, was altered in the evolved strain and might be 
related to the improvement of xylose utilization [65]. An HXK2p variant (F159Y) 
had 64% higher catalytic activity in the presence of xylose compared to the wild- 
type enzyme and is expected to be a key component for increasing the productivity 
of recombinant xylose-fermenting strains for bioethanol production [66].

Fermentation of xylose alone drastically increases the level of citrate in the TCA 
cycle and increases the generation of aromatic amino acids tryptophan and tyrosine, 
strongly supporting the view that carbon starvation is induced [67]. A 13C metabolic 
flux analysis of recombinant strains reveals that high cell maintenance energy is one 
of the key bottlenecks in xylose metabolism [68]. Xylose leads to an inefficient 
metabolic state where the biosynthetic capabilities and energy balance are severely 
impaired. Thus, modulation of ATP metabolism could facilitate energy balancing 
and accelerate xylose consumption.

Additionally, systematic analysis of the whole metabolic network reveals other 
new targets as regulation points for improved xylose metabolism, including treha-
lose synthase genes, stress responsive genes mediated by Msn2/4p, and genes 
involved in spore wall metabolism and ammonium uptake [69]. An RNA-seq-based 
analysis of xylose metabolism in different host strains demonstrates transcription 
factors involved in homeostasis (Aft1p and Ste12p), regulation of amino acid 
metabolism (Gcn4p, Gcr2p, and Met4p), and stress responses (Msn2p, Rpn4p, 
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Sfp1p, and Yap1p) are possible determinants of xylose metabolism in different host 
strains [70]. These results indicate the complexity of the xylose pathway and the 
great potential of reprogramming regulatory targets beyond the initial xylose catab-
olism steps to further improve xylose metabolism.

7.8  New Xylose Metabolic Pathway

The commonly used xylose assimilation pathway, i.e., the XR-XDH pathway or the 
XI pathway, suffers from its heavy dependence on the non-oxidative PPP and gly-
colysis and strong interference with them. A promising alternative pathway for 
xylose metabolism, called the Weimberg pathway, has been found in some archaea 
or extremophiles [71] (Fig. 7.1). Through this pathway, xylose is initially oxidized 
by xylose dehydrogenase (XylB, encoded by xylB) to xylono-γ-lactone, which is 
further converted to xylonate by xylono-γ-lactone lactonase (XylC, encoded by 
xylC). Xylonate then undergoes two successive dehydration reactions by xylonate 
dehydratase (XylD, encoded by xylD) and 2-keto-3-deoxy-xylonate dehydratase 
(XylX, encoded by xylX), forming α-ketoglutarate semialdehyde. In the last reac-
tion, α-ketoglutarate semialdehyde is oxidized by α-ketoglutarate semialdehyde 
dehydrogenase (XylA, encoded by xylA) into α-ketoglutarate, which enters the 
TCA cycle.

The Weimberg pathway is nonphosphorylative and can convert xylose into 
α-ketoglutarate in five enzymatic steps with a 100  mol% theoretical yield from 
xylose to α-ketoglutarate [72]. Moreover, the pathway can bypass the interactions 
with PPP and glycolysis, and channel xylose to α-ketoglutarate in the TCA cycle, 
which can be used for the production of many value-added chemicals, expanding 
the end products of xylose metabolism. The Weimberg pathway has been success-
fully constructed and optimized in E. coli for the production of 1,4-butanediol and 
mesaconate from xylose [72, 73]. Recently, the Weimberg pathway from Caulobacter 
crescentus was cloned and expressed in S. cerevisiae, but no obvious growth could 
be detected on xylose [74]. A functional Weimberg pathway was constructed in 
S. cerevisiae after a series of optimization. Up to 57% of the carbon was metabo-
lized into biomass and carbon dioxide through the combinatorial modifications 
including the replacement of xylA by its orthologue KsaD from Corynebacterium 
glutamicum, enhanced expression of the lower Weimberg pathway (XylD, XylX, and 
KsaD), and deletion of the iron regulation repressor FRA2 [75]. Although the 
Weimberg pathway in S. cerevisiae is not as efficient as that in E. coli or other 
eukaryotic species, its functional expression opens a new door to utilization of 
xylose in S. cerevisiae.
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7.9  Conclusions and Future Perspectives

Efficient utilization of xylose is important for economic transformation of biomass 
materials to biofuels and chemicals as xylose is the secondly abundant sugar in 
lignocellulosic hydrolysates (up to 30%). S. cerevisiae is commonly used for indus-
trial fermentation and has been one of the most frequently used microorganisms in 
metabolic engineering. An efficient xylose-utilizing S. cerevisiae would be a good 
platform strain when lignocellulosic hydrolysates are employed as the fermentation 
feedstocks. In the past few decades, many research groups have taken extensive 
efforts to engineer S. cerevisiae for efficient bioconversion of xylose to ethanol due 
to the intrinsic ability of this microbe to produce a high amount of ethanol, and 
global concern on energy security and climate change [76]. These efforts have cre-
ated many recombinant S. cerevisiae strains with very strong xylose fermentation 
capability.

The optimization of the xylose pathway focuses on genes in the initial pathway 
(including Xyl1, Xyl2, XKS1, and XylA), cofactor imbalance, and genes in the non- 
oxidative PPP. Combinatorial optimization has been carried out to achieve sufficient 
and balanced expression of Xyl1/Xyl2/XKS1 or XylA/XKS1 to form a strong driving 
force for xylose metabolism. Multiple methods such as promoter shuffling, DNA 
assembler, and golden-gate assembly are convenient and feasible methods to obtain 
an efficient xylose assimilation pathway. In the XR-XDH pathway, the cofactor 
balancing between XR and XDH is also effective to improve xylose metabolism and 
decrease xylitol production. Multiple strategies have been used to successfully bal-
ance cofactors, including protein engineering of XR or XDH, direct transformation 
of extra cofactor NADH, and regulation of intracellular cofactor recycling. 
Combinatorial optimization of the genes in the non-oxidative PPP facilitates 
improvement of xylose metabolism, as its natural metabolic flux is limited to 
accommodate the flux from the initial xylose assimilation pathway. Elevated expres-
sion of a single gene (e.g., TAL1) or multiple genes (e.g., TAL1, TKL, RPE and RKI) 
often leads to enhanced xylose metabolism.

In recent years, identification of novel xylose transporters and engineering of 
xylose transportation are an attractive direction. Multiple hexose transporters with 
xylose transportation capability have been discovered. Also, engineered hexose 
transporters with high xylose specificity have been reported although their expres-
sion in recombinant S. cerevisiae shows limited elevation of xylose uptake rate. It 
should be noted that direct introduction of a single or multiple transporter may not 
be sufficient to achieve xylose uptake as fast as glucose, given the delicate and hier-
archical structure of glucose sensing and transportation system in S. cerevisiae. 
Hence, it is an option in future engineering to rebuild a similar sensing and delivery 
system of xylose for its rapid uptake and utilization.

Xylose transportation is also influenced by native signaling pathways in S. cere-
visiae, such as the SNF1/Mig1p pathway, the cAMP/PKA pathway, and the Snf3p/
Rgt2p pathway. These signaling and sensing systems change their behavior when 
xylose is used as the carbon source. Generally, xylose is not recognized as a 
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fermentable sugar and can have negative impact on cell metabolism, such as inacti-
vation of key pathway enzymes in glycolysis. At present, the whole signaling net-
work has not been figured out although some regulators have been identified by 
comparative systematic analysis. It is expected that the ongoing studies on signaling 
mapping will offer new targets and insights to accelerate xylose utilization. All 
these studies suggest that xylose transportation may be the major obstacle in xylose 
metabolism in S. cerevisiae. Apart from direct engineering attempts to partially 
overcome this difficulty, fermentation technology of cellobiose and xylose, coupled 
with optimization of pretreatment and saccharification processes, is also helpful to 
improve xylose transportation. Finally, construction of an efficient xylose-utilizing 
platform strain is not an end to the utilization of lignocellulosic hydrolysates. In real 
practice, the hydrolysates contain many inhibitors, such as furfural and phenolics, 
which can severely suppress S. cerevisiae viability. It is critically essential for 
xylose-utilizing yeast strains to tolerate those inhibitors and maintain robust utiliza-
tion capability of sugars in biomass hydrolysates. Such strains have been developed 
by continuous adaptation in lignocellulosic hydrolysates [77, 78]. Meanwhile, there 
are abundant lignin degradation products in these hydrolysates, mainly aromatic 
compounds which can be harmful to cells. Bioconversion of these “toxic com-
pounds” into useful chemicals, albeit still a challenging task, can considerably 
increase the process cost-effectiveness and lead to comprehensive resource 
utilization.
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Chapter 8
Microbial Lipid Production 
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8.1  Introduction

A worldwide concern has recently aroused about the soaring depletion of natural 
resources and degradation of environmental conditions, which is leading to an 
increased interest in alternative and renewable energy sources [1, 2]. Biomass, con-
sisting of inedible plant material that does not compete with our food production, is 
regarded as a suitable renewable feedstock [3–6]. From the last decade, there has 
been an increasing interest in the value-added utilization of lignocellulosic biomass, 
which can be used as the most abundant, inexpensive, and renewable source for 
production of platform organic molecules, functional materials, liquid fuels, and 
value-added chemicals [7–21].

Bioresources comprising over 2.0 × 1012 tons of annual production are poten-
tially the world’s largest sustainable and safe source of energy. Very recently, much 
research has been focused on developing new chemical strategies for the valoriza-
tion of biomass into liquid biofuels and chemicals [4, 22–31]. Lipids are one kind 
of value-added energy-rich compounds, which can produce by oleaginous microor-
ganisms using biomass and/or biomass-hydrolysates [16, 32–35]. Microbial lipids 
are composed of saturated and unsaturated fatty acids with potential use as nutra-
ceuticals, food additives, and biofuels [4, 36–38]. Microbial lipids include 
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 triacylglycerols (TAGs), glycolipids, phospholipids, and steryl ester, which have 
many similarities with plant oils [39, 40]. Fatty acid of microbial lipid is composed 
of Palmitic acid (C16:0), Palmitoleic acid (C16:1), Stearic acid (C18:0), Oleic acid 
(C18:1), Linoleic acid (C18:2), Linolenic acid (C18:3), etc. The percentage of these 
saturated and unsaturated fatty acids very much depends on the type of oleaginous 
microorganisms and growth conditions [40–43].

Biomass sources like energy crops, agriculture and forest residues, sewage 
sludge, animal and food waste, municipal solid waste, etc. are generally used for 
energy production [9, 17, 44–46]. Typically, biomass valorization processes to pro-
duce both biofuels and/or bio-based chemicals are mainly consisted of three steps: 
biomass pretreatment, enzymatic saccharification, and fermentation [43, 47]. 
Pretreatment is considered as a crucial step in lignocellulosic biomass valorization 
(Fig. 8.1), which can be used for disrupting recalcitrant lignocellulosic structures 
and removing lignin and hemicelluloses to make cellulose more accessible to the 
enzymes for efficient conversion into fermentable sugars [48–53]. Although differ-
ent pretreatments including physical, chemical, physicochemical, biological, or 
their combination are available [54–58], the development of a suitable pretreatment 
to avoid or reduce the formation of inhibitors (furfural and/or hydroxymethyl furfu-
ral) deserves the great challenge in biofuel production [59, 60].

In this chapter, various biomass pretreatments for effectively improving the 
enzymatic saccharification of lignocellulosic biomass are introduced. Furthermore, 
microbial lipid production from lignocellulosic biomass pretreated by effective pre-
treatment is discussed.

Fig. 8.1 Disruption of lignocellulose structure via pretreatment. (Adapted from Ref. [61, 62])
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8.2  Main Components of Lignocellulosic Biomass

Hemicellulose (C5H10O5)m, cellulose (C6H10O5)n, and lignin (C10H11O3.5) are the 
three major components of lignocellulosic biomass along with small number of 
other organic compounds such as pectin and protein. Chemical compositions of 
some lignocellulosic materials are provided in Table 8.1. Most of the biomass is 
composed of lignocellulose, which is a complex carbohydrate polymer of cellulose, 
hemicellulose, and lignin [63–65]. The percent composition of cellulose, hemicel-
lulose, and lignin in biomass are in the ranges 30–50%, 20–35%, and 10–20%, 
respectively.

Cellulose is a linear polysaccharide consisting of β-1,4-linked-D-glucose resi-
dues, which is made up of crystalline and amorphous region [75–77]. Hemicelluloses 
(also known as polyose), the second most abundant constituent of lignocellulosic 
biomass, are polysaccharides in plant cell walls that have β-(1→4)-linked back-
bones with an equatorial configuration [9, 15, 18, 29]. Hemicelluloses, which have 
linear and branched structures, include glucomannans, xylans, xyloglucans, man-
nans, and β-(1→3,1→4)-glucans. It is more energy dense than carbohydrates (hemi-
celluloses and cellulose) because of its higher carbon-to-oxygen ratio [35, 78]. 
Lignin is a poly-aromatic non-sugar component typically found in biomass, which 
confers high mechanical strength and hydrophobicity to plant walls [79]. It is a 

Table 8.1 Main components (cellulose, hemicellulose, and lignin) in common lignocellulosic 
biomassa

Lignocellulosic biomass Cellulose, wt% Hemicellulose, wt% Lignin, wt%

Bamboo shoot shell 38.5 23.1 11.4
Cotton seed hairs 80–95 5–20 0
Corncob 45 35 15
Corn straw 42.6 21.3 10–20
Grass 25–40 35–50 10–30
Hardwood stem 40–50 24–40 18–25
Leaves 15–20 80–85 0
Maize stover 37.5 30 10.3
Nutshell 25–30 25–30 30–40
Newspaper 40–55 25–40 18–30
Oat straw 39.4 27.1 20.7
Paper 85–99 0 0–15
Rice straw 32–47 18–28 5.5–24
Rice husk 34.4 29.3 19.2
Softwood stem 45–50 25–35 25–35
Solid cattle manure 1.6–4.7 1.4–3.3 2.7–5.7
Sugarcane bagasse 32–48 19–24 23–32
Switchgrass 45 31.4 12
Wheat straw 33–45 20–32 8–20

aAdapted from Refs. [66–74]
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highly cross-linked complex aromatic biopolymer formed by polymerization of 
4-hydroxyphenylpropanoid monomer units such as syringyl (S), guaiacyl (G) and 
p-hydroxyphenyl (H) units and linked by ether or C–C bonds [61, 79, 80, 81]. The 
lignin biopolymers are attached to hemicelluloses by covalent bonds creating pro-
tection against chemical and biological degradation, inhibiting usability of raw bio-
mass for producing biofuels and biobased chemicals.

8.3  Pretreatments of Lignocellulosic Materials 
for Enhancing the Production of Microbial Lipids

Various biomass pretreatments including physical (chipping, irradiation, grinding, 
milling, and pyrolysis) [76, 82–90], chemical (concentrated acid, concentrated 
alkali, deep eutectic solvent, dilute acid, dilute alkali, ionic liquid, N-methyl- 
morpholine-N-oxide, ozonolysis, organic solvent, and oxidizing agent) [43, 67, 76, 
91–97], physico-chemical (Ammonia fiber explosion, CO2 explosion, liquid hot 
water, oxidative pretreatment, sulfite pretreatment, and steam pretreatment) [62, 95, 
97, 98–103], biological [67, 75, 104–110], or their combination [99, 110–113] 
(Fig. 8.2) have been developed for enhancing enzymatic saccharification of biomass 
and sequential biofuel production (e.g., microbial lipids). The choice of pretreat-
ment technologies that increase the digestibility of cellulose and hemicelluloses to 
help in cost-effective and eco-friendly conversion of lignocellulosic materials to 
microbial lipids depends on the compositions of biomass and the generated by- 
products after pretreatments.

8.3.1  Physical Pretreatment

8.3.1.1  Mechanical Pretreatment

Reduction of biomass particle sizes is a necessary procedure for converting biomass 
to biofuels. Milling, grinding, and chipping are known as the common mechanical 
pretreatment techniques for reducing particle sizes [76, 84–88, 90, 114, 115]. 
Grinding and milling can reduce biomass to 0.20 mm, while chipping can reduce 
biomass to 10–30  mm [102]. Various milling methods (e.g., knife, ball milling, 
hammer milling, and attritor milling) can be used for significantly reducing the 
polymerization degrees of cellulose and lignin, which aid in enzymatic sugar release 
and subsequent sugar fermentation into biofuels [116–122], wet disk milling 
(WDM) is used as a popular mechanical pretreatment for treating lignocellulosic 
biomass because of its low energy consumption [123, 124]. The energy require-
ments of milling increase with the reduction of biomass particle sizes [82, 125, 
126]. This pretreatment is environmentally friendly because no chemicals or 
reagents were used during the pretreatment; however, it is generally needed to 
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 consume a lot of energy. In addition, although the milling can enhance the enzy-
matic hydrolysis of lignocellulose to a certain extent, it is difficult to thoroughly 
improve the enzymatic saccharification of biomass because the milling cannot 
remove lignin effectively, which limited the access of cellulase to cellulose. In most 
of the cases, a combination of milling and other pretreatments was used to effec-
tively pretreat biomass for enhancing enzymatic saccharification and biofuel pro-
duction. The milled sorghum stalks were pretreated with 1.25% (w/v) NaOH at 
121 °C for 30 min. Commercial cellulases (Cellic C-Tec2 plus Cellic H-Tec2) were 
complexed for the hydrolysis of pretreated biomass for 48  h. The total lipid of 
13.2 g/L and lipid yield of 0.29 g/g were obtained by Trichosporon oleaginosus 
using sorghum stalk hydrolysates as carbon sources [127].

Fig. 8.2 Pretreatment technologies including physical, chemical, physico-chemical, biological, or 
their combination for enhancing enzymatic saccharification and microbial lipid fermentation
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8.3.1.2  Irradiation

Various pretreatments under the irradiation including electron beam, microwave 
heating, γ-rays, ultrasound, and UV are widely used to treat biomass for improving 
its saccharification [89, 128–132]). Raw lignocellulosic biomass can be pretreated 
to decrease the polymerization degree of cellulose, loose cellulose structure, and 
enhance the enzymatic saccharification under the high-energy irradiation (e.g., UV 
or γ-rays) [133]. However, high-energy electron irradiation is high-cost consump-
tion, which restrict its application on the large-scale [134]. Microwaves are a type 
of non-ionizing electromagnetic radiation with wavelengths ranging from as long as 
one meter to as short as one millimeter [135]. Microwave heating is a volumetric 
and rapid heating technique with high efficiency and a minimal thermal gradient, 
which has been widely used to pretreat lignocellulosic biomass because of its high- 
heating capacity in a short time, low-energy consumption, easy to operation, and 
minimum formation of inhibitors [102, 136–139]. Microwave-assisted alkali pre-
treatment of coastal bermudagrass and switchgrass could yield >70% reducing sug-
ars [140, 141]. Ultrasound waves produce cavitation and acoustic streaming, which 
can alter the morphology of biomass and rupture the carbohydrate fractions in lig-
nocellulosic biomass thereby enhancing enzymatic its saccharification [102, 142–
146]. Ultrasound (10–100 kHz) can be used for breaking cell walls and degrading 
of polymers [142]. Microwave and ultrasound could be used for enhancing the pro-
duction of microbial lipids. For example, the total lipid of 38.3 g/100 g CDW was 
obtained from algae Nannochloropsis sp. via microwave-assisted pretreatment com-
pared to 23.0 g/100 g CDW obtained from the water-bath system [139]. By increas-
ing the microwave pretreatment temperature from 80 to 95 °C, the oil extraction was 
obtained from 24% to 33% (dry weight basis) for 30 min of microwave irradiation 
[147]. Different intensities of ultrasound power (0.1–0.5 W/mL) were used at a fre-
quency of 30 kHz and for 5–60 min to treat mixed microalgal culture. Ultrasound 
could affect the cell disruption. Moreover, the lipid extraction efficiency could be 
enhanced under the ultrasound irradiation [148]. At 0.4  kW  h/L, up to twofold 
increase in lipid extraction yields were obtained.

8.3.1.3  Pyrolysis

Pyrolysis is a complex thermochemical conversion process by which a solid or liq-
uid undergoes the thermal degradation into smaller volatile molecules, without 
interacting with O2 or any other oxidants [83, 149, 150]. Pyrolysis has also been 
used for pretreating lignocellulosic biomass in biorefinery processes. The biomass 
pyrolysis processes typically result in the generation of various products including 
solids, liquids, and gases [102]. Pyrolysis is found to be more efficient when con-
ducted in the presence of O2 at lower temperatures [149]. H2SO4 (1.0  M) was 
employed for the pyrolysis of biomass within 2.5 h at 97 °C, and the saccharifica-
tion was obtained at 85% yield [151]. Coupling lipid fermentation with pyrolysis 
has been used for converting biomass into lipid. Carboxylic acids, which generated 
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from pyrolysis, were fermented into lipids by Cryptococcus curvatus [152]. In 
pyrolytic liquor, 20 g/L acetate was fermented with C. curvatus after neutralization 
and detoxification to produce ~7.0 g/L dry biomass and 2.0 g/L lipid.

8.3.2  Chemical Pretreatment

8.3.2.1  Alkalic Pretreatment

Alkali-based pretreatment is essentially used for reducing the crystallinity degree, 
swelling fibers, and removing lignin in corn stover, switchgrass, rice straw, wheat 
straw, and softwood [95, 153–155]. Alkali can saponify uronic ester linkages 
between 4-O-methyl-D-glucuronic acid units in xylan and cleave hydrolysable link-
ages in lignin and glycosidic bonds of polysaccharides, which causes a reduction in 
the degree of polymerization and crystallinity, swelling of the fibers, as well as 
disruption of the lignin structure. The alkali-pretreated lignocellulosic materials are 
loose, swollen, and porous, which facilitates the cellulose accessibility to enzymes 
for enhancing their enzymatic saccharification [91, 95]. Various alkaline reagents 
including oxidative alkali, sodium hydroxide (NaOH), potassium hydroxide (KOH), 
calcium hydroxide (Ca(OH)2), and ammonia (NH3·H2O) have been widely used to 
pretreat lignocellulosic materials for enhancing enzymatic saccharification at ambi-
ent temperature and pressure [86, 91, 153]. NaOH–CH3OH solution (NaOH 4.0 g, 
CH3OH 80 mL) was used to pretreat 40 g raw corn stover at high solids loading for 
effectively enhancing its enzymatic saccharification [156]. The hydrolysates were 
used for lipid production by Cutaneotrichosporon oleaginosum. Biomass, lipid con-
tent, and lipid yield were 50.7 g/L, 61.7%, and 0.18 g/g, respectively. Dilute alkali 
(NaOH, 2 wt%) pretreatment of corn stover (10 wt%) was conducted a high-pres-
sure reactor at 121 °C for 20 min, and lipid of Trichosporon dermatis 32,903 could 
reach 20.36 g/L with sugar to lipid yields improved to 0.186 g/g [43]. Compared to 
mineral acid pretreatment, alkali-based pretreatment is required for a relatively long 
pretreatment time. Less inhibitors (e.g., acetic acid, hydroxyl acids, and minor 
amounts of furan aldehydes) form when compared to acid pretreatments [91]. High 
cost of alkali seriously restricts its application. Aqueous ammonia (AA) can be used 
for pretreatment of biomass at ambient condition, and the leftover ammonia is an 
important nitrogen source for the growth of energy microorganisms [157–161]. AA 
can selectively remove lignin from lignocellulosic materials while most of carbohy-
drates (hemicelluloses and cellulose) remain in lignocellulose [158, 159, 162, 163]. 
High enzymatic saccharification was obtained at 73.6% when Pecan Nutshell (PS) 
pretreated with ethylene glycol–H2SO4–water (78:2:20, wt:wt:wt) was further 
treated by AA (25 wt%) for 1 d at 50 °C. Using hydrolysates (20 g/L) as carbon 
source, the lipid content 0.44 g lipid/g DCW was achieved in Rhodococcus opacus 
ACCC41043 cells [4].

Alkalic salts (e.g., Na2CO3, Na3PO4, Na2S, Na2SO3) with its low corrosivity have 
been employed to pretreat biomass for improving its enzymatic saccharification 
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[159, 164–169]. Alkalic salts containing sulfite (SO3
2−) can cleave β-benzyl ether, 

α-benzyl ether, and α-alkyl ether linkages on phenolic lignin units [170]. H2O2/
Na2CO3 (15% H2O2, 40% Na2CO3) and Na2S/ Na3PO4(4% Na3PO4, 10% sulfidity) 
were employed to pretreat corn stover at 120 °C for 40–60 min [171, 172], most of 
carbohydrates (hemicelluloses and cellulose) in pretreated biomass could be sac-
charified to fermentable sugars. However, it has several disadvantages include the 
degradation of biomass-derived sugar, large amount of water for post-pretreatment 
washing of biomass, and high cost for recovering pretreatment chemicals [102]. 
Using dilute alkali salts (0.4 wt% Na3PO4, 0.03 wt% Na2SO3) as pretreatment chem-
icals for treating sugarcane bagasse in an autoclave within 40 min at 110 °C, enzy-
matic in situ saccharifications of biomass were carried out at 50 °C [173], which 
avoided the steps for post-pretreatment washing of biomass and recovery of pre-
treatment chemicals. High saccharification was obtained at 67.6%. Combination 
pretreatment (BP-AP) by sequential biological treatment with Galactomyces sp. 
and dilute Na2CO3 (0.82 wt%) was employed to treat corn stover for improving its 
enzymatic saccharification. The fermentable sugars containing 25.6  g/L glucose 
without removal of Na2CO3 could be effectively fermented into microbial lipid by 
Rhodococcus pyridinivorans CCZU-B16. Fatty acids rich in C16 and C18 including 
oleic acid, stearic acid, palmitoleic acid, and palmitic acid were detected in whole- 
cells [40].

8.3.2.2  Acid Pretreatment

Industrially, various mineral and organic acids are widely used for pretreating bio-
mass [34]. Acid pretreatment can hydrolyze hemicelluloses into monomeric sugars 
by destroying the polymeric bonds, increasing the availability of cellulose, and 
thereby enhancing the saccharification. Inorganic acids (e.g., H2SO4, HCl, HF, 
HNO3, H3PO4) are common acid catalysts for acid-catalyzed lignocellulose biomass 
pretreatment. Concentrated and diluted acids can be employed to destroy the rigid 
structure of the lignocellulosic material. Out of these acids H2SO4 is mostly used 
because of its low cost and high efficiency in lignin removal [95]. It is performed at 
120–210 °C with H2SO4 (<4 wt%) at the different pretreatment time from minutes 
to hours. Although acid pretreatment is cost-effective, it has some of the drawbacks 
of high reactor cost for their usage, gypsum formation during neutralization after 
pretreatment, and formation of inhibitory by-products (HMF, furfural, aliphatic car-
boxylic acids, etc.). Recently, organic carboxylic acids (e.g., acetic acid, fumaric 
acid, maleic acid, oxalic acid, succinic acid) are considered as alternatives to inor-
ganic acids. Organic acid pretreatment has the advantages including low energy 
consumption for acid recovery and low equipment corrosions. High recovery of 
cellulose components in biomass can be obtained by organic acid pretreatment; 
however, hemicelluloses are recovered at low yields [95]. Dilute acid (H2SO4 
1 wt%) pretreatment of corn stover (10 wt%) was conducted a high-pressure reactor 
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at 160 °C for 10 min, and lipid of T. dermatis 32,903 could reach 11.4 g/L with 
sugar to lipid yields improved to 0.16  g/g [43]. Corn fiber and sweet sorghum 
bagasse were pretreated with dilute H2SO4 at a severity factor of 1.06 and 1.02. The 
sweet sorghum bagasse hydrolysates, which were derived from pretreatment at the 
severity factor of 1.02, were used for microbial lipid of C. curvatus at 10.8 g/L with 
a lipid content of 40% (w/w) [174]. After the pretreatment with 0.25 wt% H2SO4 
and 2 h, 11.5 g/kg of microbial lipid was obtained with glucan and xylan recovery 
rate of 82% and 62% [175], respectively.

8.3.2.3  Ionic Liquid Pretreatment

Ionic liquids (ILs), one kind of salts with low melting points (< 100 °C) and high 
vapor pressure [176, 177], are regarded as being green solvents because of their 
high thermostability, low toxicity, excellent solvency, nonvolatility, and recyclabil-
ity [178–187]. Swatloski et al. [188] reported for the first time that imidazolium- 
based ILs (e.g., [Bmim][C1]) can dissolve cellulose very well. However, many 
chlorine-free ILs have been developed because chloride-based ILs can be toxic and 
corrosive [189]. Acetate-based ILs have higher capability to solubilize cellulose 
[190] and are less toxic and corrosive [112, 177, 191–196]. ILs have tunable capa-
bility to dissolve lignocellulosic materials, resulting in reduction of lignin content, 
increase of surface area, and enhancement of enzymatic saccharification [92, 95, 
197, 198]. However, IL pretreatment is costly because of its high prices compared 
to commercial solvents, which restricts its application on large-scale in the pretreat-
ment of lignocellulose [95, 179, 187, 199, 200]. Hydrolysates from enzymatic sac-
charification of IL-treated biomass could be effectively employed as carbon source 
to produce microbial lipids. Simultaneous saccharification and enhanced lipid pro-
duction (SSELP) were used for converting IL 1-ethyl-3-methylimidazolium acetate 
(EmimOAc)-pretreated corn stover into lipids. At 5% (w/v) of solid loading, lipid 
titer could reach 6.2 g/L after 2 d of fermentation by C. curvatus cells, and lipid 
coefficient was 112 mg/g regenerated biomass, or 81 mg/g raw biomass [201]. IL 
N-methylpyrrolidone (NMP)-1-ethyl-3-methyl imidazolium acetate (EmimAc) 
could dissolve ≥10 wt% corn stover at 140 °C in 1 h. Enzymatic hydrolysis of pre-
treated corn stover afforded an 83% total reducing sugars yield and 61% glucose 
yield within 1 d. The hydrolysates without detoxification could be used as carbon 
sources for producing microbial lipid by Rhodosporidium toruloides Y4 [202].

Very recently, ecologically friendly deep eutectic solvents (DESs) are effectively 
used for pretreating lignocellulosic materials [203, 204], which, can be synthesized 
by mixing hydrogen bond acceptors (HBAs) and hydrogen bond donors (HBDs) at 
the appropriate molar ratio and heating this mixture at the moderate temperature 
(60–100 °C) under stirring for a few hours until a homogeneous clear DES liquid 
form (100% atom economy). Dissolution of lignocellulosic materials with DESs 
can be conducted by using glycerol, ethylene glycol, lactic acid, malic acid, malonic 
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acid, formic acid, nicotinic acid, and oxalic acid as hydrogen bond donors combined 
in a variety of molar ratios with hydrogen bond acceptors alanine, betaine, choline 
chloride, proline, histidine, and glycine [67, 203, 204]. Lignin and hemicelluloses 
in biomass can be effectively removed with various DESs [204, 205]. Glucose 
yields over 80% were obtained after the enzymatic saccharification of biomass pre-
treatment with cholinium lysinate ([Ch][Lys]). The hydrolysates were fermented 
directly by R. toruloides—with glucose, xylose, acetate, and lactate fully consumed 
during fermentation [206].

8.3.2.4  Organosolv Pretreatment

Organosolv pretreatment can be effectively used for the extraction of lignin in bio-
mass, which works by breaking the noncovalent bonds between the lignocellulosic 
components and disrupting the recalcitrant structures [207–209] Recalcitrance. It 
has the ability to fractionate lignocellulosic biomass into hemicellulose, cellulose, 
and lignin with high purity, easy solvent recovery, and solvent reuse. Various organic 
solvents (e.g., acetone, alcohol, amines, dioxane, esters, formaldehyde, phenol, pro-
pionic acid) or aqueous-organic solvent system with and without catalyst have been 
used for pretreating biomass at temperatures ranging from 100 to 250  °C [210]. 
Low-molecular-weight alcohols (e.g., methanol and ethanol) are often used as sol-
vents for organosolv pretreatment due to their low boiling points and ease of 
removal. However, the low-boiling-point alcohols can seriously hinder the develop-
ment of biomass pretreatment process due to their high volatility and flammability 
under the high-pressure operation [211, 212]. To avoid these drawbacks of low- 
boiling- point alcohol pretreatments, high-boiling solvents are of great interest. 
Glycerol and ethylene glycol (EG) are the most widely used high-boiling solvents 
for treating lignocellulosic biomass [195, 196, 210, 213–215]. Under the microwave 
irradiation (200 W) at 100 °C for 5 min, the lignin in corn stover could be effectively 
removed with EG-HClO4-water (88.8:1.2:10, w/w/w) media [211]. Combination 
pretreatment with EG-H2SO4-water (78:2:20, w/w/w) at 130 °C for 0.5 h and AA 
(25 wt%) at 50 °C for 1 d was employed to improve the enzymatic hydrolysis of 
Pecan nutshell. The hydrolysates could be effectively fermented into microbial lip-
ids at 17.1 g lipid/g reducing sugars by R. opacus ACCC41043 [4].

To help meet the challenge of biomass conversion, N-methyl-morpholine-N-
oxide (NMMO) has attracted substantial research interest for pretreating biomass. 
NMMO is a hygroscopic compound crystalline at room temperature [216, 217]. It 
has melting point at 170 °C, implying nonvolatility and nonflammability. NMMO 
molecules are capable of softening and dissolving cellulose in biomass because of 
their high polarity of N–O bonds, which disrupt the hydrogen bonds of the cellulose 
and further form new hydrogen bonds with the solutes [218]. The operation condi-
tions for these pretreatments are much milder (< 100 °C and atmosphere pressure) 
as compared to the conventional pretreatment methods. NMMO retains all the 
advantages of the ionic liquids-ability to dissolve a variety of lignocellulosic sub-
strates (up to 20% by weight) without the need to chemically modify them and more 
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than 99% of the solvent can be recovered due to its low vapor pressure [93]. It is also 
non-toxic and biodegradable as proven by the work of Lenzig researchers 
(Ramakrishnan et al. 2010). Cellulose withdrawn from NMMO solutions has also 
generated increased rates of hydrolysis by cellulases thus implying its potential use 
in pretreating lignocellulosic biomass for biofuels [218].

8.3.3  Physical-Chemical Pretreatment

8.3.3.1  Ammonia Fiber Explosion (AFEX)

AFEX is one kind of alkaline thermal pretreatment with aqueous ammonia ([88, 
[219–221]). The merit of this pretreatment process is that it does not require small 
particle size for efficiency, and further, inhibitors are not formed during the pretreat-
ment [149]. AFEX can be carried out at ambient temperature. High saccharification 
rates (> 90%) based on the carbohydrate content in AFEX-treated biomass can be 
obtained. During the AFEX pretreatment, ammonia molecules can cause swelling, 
removal of lignin, and phase change of cellulose crystallinity in lignocellulosic bio-
mass, which promotes in the reactivity of hemicelluloses and cellulose in pretreated 
biomass [102]. During AFEX pretreatment, no highly inhibitory products (e.g., phe-
nols, furfural, and HMF) generate, which avoids the detoxification step. In addition, 
aqueous ammonia is easily recycled for reducing overall performance cost. Thus, 
AFEX is a cost-effective pretreatment technique for treating lignocellulosic bio-
mass if aqueous ammonia can be recovered and recycled for repeated pretreatment. 
Microbial lipid production from AFEX pretreated and hydrolyzed corn stover using 
an oleaginous yeast Lipomyces tetrasporus. 36.7 g lipids were produced from 1 kg 
AFEX-pretreated corn stover via SHF at a titer of 8.4 g/L [222].

8.3.3.2  CO2 Explosion

CO2 explosion is similar to AFEX. It is a supercritical CO2-based pretreatment of 
lignocellulosic biomass [223]. Supercritical CO2 is considered as one kind of green 
solvent due to its abundance, low-cost, non-toxicity, non-flammable, and ease to 
recover [99]. Its critical pressure and critical temperature are 1071 psi and 31 °C, 
respectively [224]. Various parameters including extraction bed size, performance 
pressure, performance temperature, and solvent flow can be set to obtain the high 
yields of specific compounds [225]. The supercritical CO2 molecules enter lignocel-
lulosic materials at the required temperature and time under the high-performance 
pressure [99]. Subsequently, the formed H2CO3 can hydrolyze hemicelluloses in 
biomass. The CO2 release after CO2 explosion can break the structures of cellulose 
and hemicelluloses, thereby increasing the surface area of biomass for enhancing its 
hydrolysis [223, 226]. For CO2 explosion, no toxin formation makes it an attractive 
for the pretreatment of biomass [110, 227]. Pretreatment can be used for improving 
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lipid recovery from biomass by disrupting wet cell walls prior to extraction. The 
extraction of lipid was carried out under the pressurized CO2 (3500 kPa) [228]. The 
solubility of CO2 in Rhodotorula glutinis was higher than that of sugar broth media 
and spent media due to the presence of lipid in R. glutinis.

8.3.3.3  Liquid Hot Water (LHW) Pretreatment

LHW pretreatment, commonly known as autohydrolysis, uses pressure to keep 
water in the liquid state at elevated temperature [95]. It is regarded as an effective 
pretreatment strategy for selectively recovering hemicelluloses in the liquid 
stream  [54]. In the solid phase, lignin components can be easily recovered with 
minor losses. No additional chemicals are needed [75]. LHW pretreatment can 
remove up to 80% of the hemicellulose and to enhance the enzymatic saccharifica-
tion of pretreated biomass [229]. LHW can be carried out at relatively low pretreat-
ment temperature in the low cost of pretreatment solvent; however, a large amount 
of water is needed to be recovered in downstream processing [75]. Hot water was 
used to enhance the microbial lipid production by oleaginous R. opacus PD630 and 
DSM 1069. R. opacus PD630 could accumulate lipid from detoxified sweet gum 
autohydrolysate with the lipid yield of 0.25 g/L of its cell dry weight in lipids while 
growing on that translates to 0.25 g/L lipid yield, while R. opacus DSM 1069 could 
accumulate lipid from detoxified pine autohydrolysate with the lipid yield of 
0.3 g/L [230]. 

8.3.3.4  Oxidative Pretreatment

Delignification of lignocellulosic biomass can be conducted by using oxidizing 
agents such as O2, O3, H2O2, air, or per acetic acid [76, 231–238]. Various reactions 
including side chain displacements, electrophilic substitution, and oxidative cleav-
age of aromatic nuclei or cleavage of alkyl aryl ether linkages may happen during 
the oxidative pretreatment of biomass. The delignification effectiveness is attributed 
to the high reactivity of oxidizing agents with aromatic rings of lignin in lignocel-
lulosic biomass. The lignin polymers can be oxidized into carboxylic acids, which 
act as potential inhibitors in the biotransformation or fermentation steps. These 
inhibitors must be neutralized or removed by additional processes. Oxidative pre-
treatment can also influence hemicellulose fractions in lignocellulosic biomass. 
Lignin peroxidase (LiP) can execute the H2O2-dependent Cα-Cβ cleavage of lignin 
in biomass [239]. H2O2 pretreatment undergoes the oxidative delignification by 
detaching and solubilizing lignin in biomass [240, 241]. Ozonolysis pretreatment 
can be used for delignification by breaking aromatic rings structures of lignin in 
bagasse, cotton straw, and wheat straw [88, 242].

Wet oxidation is a simple pretreatment process using air/oxygen along with H2O 
or H2O2 to fractionate lignocellulosic materials at ≥120 °C [243–246]. The crystal-
line structure of cellulose in biomass can be opened by wet oxidation [247]. High 
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delignification (65%) is achieved with wheat straw [248]. Alkaline peroxide-assisted 
wet air oxidation can solubilize 67% of hemicellulose and 88% of lignin in rice 
husk [249]. Wet oxidation combined with alkali generates the limited formation of 
fermentation inhibitors (e.g. furan aldehydes and phenolaldehydes), and the main 
degradation products found from hemicellulose and lignin are carboxylic acids, 
CO2, and H2O. In the wet oxidation, addition of Na2CO3 can decrease performance 
temperature and enhance the removal of hemicellulose, which can avoid the forma-
tion of potential inhibitors (e.g., furfurals and HMF) [249]. Hydrolysates could be 
used to produce microbial lipids from herbaceous lignocellulosic biomass utilizing 
alkaline hydrogen peroxide pretreatment with NaOH and H2O2, which were com-
posed of xylose and glucose as well as acetate and phenolic monomers that could be 
used as renewable carbon to produce microbial lipids [250].

8.3.3.5  Steam Explosion

Steam explosion is a physico-chemical pretreatment process for the breakdown the 
lignocellulosic structural components by hot steam (160–260 °C) under the pres-
sure (0.7–4.8 MPa) on the large-scale [75, 98, 101, 102]. Subsequently, the rapid 
reduction of performance pressure can generate strong shear force in an explosive 
decompression event, which facilitates the hydrolysis of beta-glycosidic bonds and 
hydrogen-bonds between the glucose chains, resulting in the degradation of hemi-
cellulose and depolymerization of lignin thereby increasing the cellulose accessibil-
ity to cellulases [95, 102]. The advantages of steam explosion include limited use of 
hazardous chemicals, low energy consumption, and low environmental impact. 
However, the generation of degradation products from lignin and biomass-derived 
sugars is unavoidable [75, 251]. Steam explosion pretreatment of microalgae gave 
the highest lipid extraction yields. The experimental results demonstrate the effi-
cacy and feasibility of the acid catalyzed steam explosion pretreatment, followed by 
n-hexane lipid extraction. High sugar yields (up to 96%) were obtained with 1.7% 
H2SO4 at 150  °C during steam explosion, and high lipid extraction of exploded 
microalgae was achieved using n-hexane [252].

8.3.4  Biological Pretreatment (BP)

Lignocellulosic materials are composed of carbohydrate polymers (hemicelluloses 
and cellulose), coexisting in complex matrices with high carbon content and high 
aromaticity of highly aromatic biopolymer lignin [38]. Lignin, which is known as 
the second most abundant terrestrial biopolymers on earth, constitutes ~15–30% of 
lignocellulosic biomass. Lignin can be underutilized as renewable feedstock for 
value-added chemicals. The lignin polymer is highly recalcitrant toward chemical 
and biological degradation due to its molecular architecture. Biomass and its com-
ponents (e.g., hemicelluloses, lignin, and lignin-derived polyphenols) can be uti-
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Table 8.2 Summary of some pretreatment technologies

Pretreatment 
method Advantages Disadvantages

Acid pretreatment Effective removal of hemicellulose 
and lignin

High cost, harmful by-products, 
equipment corrosion requirement of 
intensive energy

Alkalic 
pretreatment

Effective removal of lignin and 
increase of accessible surface areas

Long residence times required, high 
cost, harmful by-products, 
requirement of intensive energy

Ammonia fiber 
explosion (AFEX)

Removal of lignin and 
hemicellulose to an extent; no 
generation of inhibitors

Low efficiency for biomass with high 
lignin content

Biological 
pretreatment (BP)

Degradation of hemicellulose and 
lignin to an extent; low energy 
consumption

Long pretreatment time

CO2 explosion Cost-effective; no generation of 
inhibitors

Low efficiency for removing 
hemicellulose and lignin; requirement 
of high cost of high temperature-high 
pressure equipment and system

Deep eutectic 
solvent (DES)

Environmentally friendly 
performance with DES

Lack of economical solutions to DES 
recycling

Ionic liquid (IL) Pretreatment by IL with high 
thermostability, inflammability, low 
volatility and recyclability; high 
delignification

Lack of economical solutions to IL 
recycling

Liquid hot water 
(LHW)

Requirement of low cost of solvent; 
generation of minimum inhibitors 
at low performance temperature

Requirement of a large amount of 
water; high energy consumption in 
downstream process

Milling Environmentally friendly 
performance without addition of 
chemicals

High energy consumption, low 
delignification

Organic solvent Effective removal of hemicellulose 
and lignin

Low biomass recovery; solvents need 
to be drained from the reactor, 
evaporated, condensed, and recycled; 
high operation cost

N-methyl- 
morpholine-N-
oxide pretreatment 
(NMMO)

Environmentally friendly 
performance under below 100 °C

Lack of economical solutions to 
NMMO recycling

Microwave 
irradiation

High-heating capacity in a short 
time, low-energy consumption, 
easy to operation, and minimum 
formation of inhibitors

High cost of pretreatment; lack of 
large-scale equipment

Ozonolysis Effective removal of hemicellulose 
and lignin at ambient pressure and 
temperature

A large amount of ozone required

Pyrolysis High efficient in the presence of O2 
at lower temperature

High energy consumption

(continued)
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lized via the microbial action by highly efficient bacteria or/and fungi with 
low-energy consumption, high substrate-specificity, and no generation of undesir-
able toxic compounds [106, 107, 253–258]. Bacteria and fungi can consume lignin 
breakdown products and utilize them as carbon sources [16, 33, 35, 259–264], 
potentiating fuel and chemical production via lignin-consolidated bioprocessing.

Biological pretreatments (BPs) by fungi (e.g., white-rot and brown-rot fungi) 
have been widely employed as environmentally-friendly approached for pretreating 
biomass for production of biobased chemicals and biofuels [104, 106, 107, 108, 
109, 110, 265–268]. White-rot fungi (e.g., Trametes versicolor, Phlebia radiata, 
Phanerochaete chrysosporium, Dichomitus squalen) are the most effective for del-
ignification in nature [109]. Laccase, manganese peroxidase (MnP), and lignin per-
oxidase (LiP) are the main extracellular lignin-degrading enzymes of white-rot 
fungi [255, 269, 270, 271]. LiP catalyzes the homolytic Ca-Cß cleavage of lignin and 
depolymerizes methylated lignin in vitro. MnP has the ability to catalyze the oxida-
tion of Mn2+ to Mn3+ with H2O2 on phenolic (or non-phenolic) lignin units. Laccase 
is a copper-containing enzyme, part of the group of so-called blue oxidase, that 
catalyzes the one-electron oxidation of aromatic compounds (e.g., phenolics and 
amines) by oxygen. Brown-rot fungi, on the other hand, slightly oxidize lignin in 
wood, which preferentially degrades the polysaccharide components [258, 272]. 
Although pretreatment with fungi can be carried out with simple protocols, low 
downstream processing costs, low energy-consumption, and no generation of inhib-
itors to biofuel fermentation, it has several disadvantages, including slow delignifi-
cation rates, substantial holocellulose loss, and long pretreatment time.

Compared to fungi pretreatment, BP with bacteria harboring oxidases involving 
lignin depolymerization are more promising candidates for delignification because 
of their environmental adaptability and immense biochemical versatility [32, 259, 
261, 264, 269, 273, 274]. For bacteria pretreatments, a series of enzymes (demeth-
ylase, MnP, LiP, catalase, peroxidase, phenol oxidase, etc.) have been isolated and 

Table 8.2 (continued)

Pretreatment 
method Advantages Disadvantages

Steam explosion Removal of hemicellulose and 
lignin to an extent, limited use of 
hazardous chemicals, low energy 
consumption, and low 
environmental impact

Generation of degradation products 
from lignin and biomass-derived 
sugars at high temperature

Sulfite 
pretreatment 
(SPORL)

Removal of hemicellulose and 
lignin with high efficiency

Degradation of biomass–derived 
sugar; requirement of large amount of 
water for post-pretreatment washing 
of biomass; high cost for recovering 
pretreatment chemicals

Ultrasonic 
irradiation

Effective change of the biomass 
morphology and rupture of 
carbohydrate fractions in biomass

Lack of large-scale equipment

Wet oxidation High delignification High pretreatment temperature
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identified [38, 39, 45, 95, 261, 264]. These enzymes in bacteria can catalyze the 
demethylation, alkyl-aryl cleavage, cross-linking, and Cα–Cβ bonds cleavage, and 
value-added lignin derivatives, such as protocatechuic acid, vanillic acid, guaiacol, 
vanillin, and 4-ethoxy-3-methoxybenzaldehyde, can form under the ambient 
 condition [95, 275]. R. opacus PD630 metabolized aromatics, gluconate, alkanes, 
and acetate, to produce microbial lipids [32, 35, 260, 276], Rhodococcus jostii 
RHA1 degraded lignin to a series of phenolics [38, 263]. Degradation of lignin 
(39.6%, dry weight) was achieved by performing cofermentation with wild R. opa-
cus PD630 and R. jostii RHA1 VanA−. Fatty acids (C13–C24), especially palmitic 
acid (C16:0; 35.8%) and oleic acid (C18:1; 47.9%), were accumulated in cells [41]. 
Co-culture of R. jostii RHA1, R. jostii RHA1 VanA−, and R. opacus PD630 to pro-
duce extracellular peroxidases and oxidases for degrading 33.6% of low-molecular 
weight lignin derived from dilute acid-pretreated poplar wood, and the lipid content 
in cells was 0.017 g lipid/g DCW [38].

One-step BP is known as a slow pretreatment process that requires careful con-
trol (e.g., growth and equipment conditions) [67]. Combination pretreatments 
including Sphingobacterium sp. LD-1 with NaOH/urea [261], Pleurotus ostreatus 
with 2 wt% H2O2 [238], and Echinodontium taxodii with 0.25 wt% H2SO4 [277] 
were found to have higher pretreatment efficiency and saccharification than single 
BP, indicating that combination of BP and other pretreatments has high application 
for improving enzymatic hydrolysis of biomass and biofuels production [67, 261].

8.4  Conclusion and Future Recommendations

In response to growing concerns about environmental sustainability, energy secu-
rity, and societal sustainability, various renewable lignocellulosic biomasses have 
been used as inexpensive feedstock for producing biofuels (e.g., microbial lipids) in 
recent years. The most applicable pretreatment technologies on lignocellulosic 
materials such as physical, chemical, physico-chemical, biological, or their combi-
nations for biofuel production have been developed [79, 88, 99, 110, 120, 278–285]. 
The disadvantages and advantages of these common pretreatment technologies for 
treating lignocellulosic materials are illustrated in Table 8.2. The trend of future 
research should be directed to address some issues including the increase in the 
commercialization on large-scale by analysis of economic aspects and application 
of a suitable method based on the different biomass structures. Thus, the design of 
suitable research in order to find an efficient combination of the existing methods is 
recommended [286–288]. In future, the development of cost-effective pretreatment 
technologies for improving the enzymatic digestion and microbial lipid production 
deserve in-depth exploration.
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Acronyms and Abbreviations

‘tesA Truncated E. coli thioesterase
ACC1 Acetyl-CoA carboxylase
ACC1** Acetyl-CoA carboxylase carrying two mutations ser659ala and 

ser1157ala
ACL1,2 ATP-citrate synthase subunit 1,2
ACS Acetyl-coA synthetase
ADH Alcohol dehydrogenase
ALD6 Native aldehyde dehydrogenase isoform 6
ARE1, 2 Sterol O-acyltransferase
AtCLO1 Caleosin, lipid droplet stabilization protein from Arabidopsis thaliana
DGAT acyl-CoA: Diacylglycerol acyltransferase
FA Fatty acid
FAA1, 4 Long-chain fatty acyl-CoA synthetase
FAA2 Medium-chain fatty acyl-CoA synthetase
FAME Fatty acid methyl ester
FAS1 Fatty acid synthase subunit β
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FAS2 Fatty acid synthase subunit α
FAT1 Very-long-chain fatty acid transport protein
FFA(s) Free fatty acid(s)
GPAT Glycerol 3-phosphate acyltransferase
GUT2 Glycerol-3-phosphate dehydrogenase gene
LPAT Lysophosphatidate acyltransferase
MAE Malic acid transport protein
MFE1 Peroxisomal multifunctional enzyme
MmACL ACL from Mus musculus
PAP Phosphatidate phosphatase
PEX10 Peroxisome biogenesis factor 10
POX Peroxisomal β-oxidation
PXA1 Subunit of heterodimeric peroxisomal ABC transport complex
RtFAS Fatty acid synthetase from R. toruloides
SCD Acyl-CoA desaturase
SeACSL641p Acetyl-CoA synthetase with L641P mutation, derived from Salmonella 

enterica
TAG Triacylglycerol
TGL3–5 Triacylglycerol lipase 3–5
WT Wild type

9.1  Introduction

The economic, environmental, and social sustainability problems caused by the 
dependency on petroleum have motivated a global shift to renewable, sustainable, 
and green alternative energy sources [1]. Replacement of crude oil-derived fuels 
and chemicals by the production of biofuels and bioproducts can be an effective 
strategy to reduce pollution and carbon dioxide emissions [2]. In particular, a useful 
feedstock for biofuels and bioproducts are lipids, consisting mainly of triacylglyc-
erols, as they have high energy density and are readily converted to mono-alkyl 
esters for use as a diesel substitute. While lipids have excellent commercial utility, 
they are relatively expensive and in short supply, as there are important applications 
for lipids in food processing and oleochemical manufacture. In 2018, the natural 
fatty acid global market was valued at nearly $13.5 billion and expected to reach 
$17.5 billion in 2023 with a compound annual growth rate (CAGR) of 5.4% [3] 
(BCC Research LLC, 2019). Therefore, new sources of cost-effective lipids for the 
production of fuels and chemicals will be in increasingly high demand.

Lipids produced by microbes have huge potential to satisfy the growing demand 
for bio-based energy-dense hydrocarbons and related natural products [4], espe-
cially where their production is based on non-food carbon sources such as lignocel-
lulosic sugars or by-product streams from biorefineries. Recent advances in 
microbial metabolic engineering and process technologies have brought us closer to 
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cost-effective yields and diversity of oleaginous products that can support this grow-
ing market [5].

Compared with the ubiquitous bacterium Escherichia coli, yeasts like 
Saccharomyces cerevisiae and Yarrowia lipolytica are more effective hosts for lipid 
production because they synthesize C16-18 carbon chain fatty acids very efficiently 
requiring just two fatty acid synthases, whereas E. coli requires ten enzymes to 
reach the same endpoint [1, 6]. Furthermore, yeast can store large quantities of fatty 
acid internally as triacylglycerol. S. cerevisiae is a widely used industrial yeast due 
to its robustness and good tolerance of harsh industrial conditions [7] and its long 
history of use in large-scale fermentation to produce ethanol and beverages [8]. The 
oleaginous yeast Y. lipolytica has also had wide use in biotechnology and has sev-
eral advantages over S. cerevisiae in that it naturally stores substantially more lipid 
within the cell and utilizes a broad range of low-cost feedstocks such as glycerol. 
The yeast holds generally recognized as safe (GRAS) status for the production of 
citric acid and has been explored for the production of sugar derivatives and nonna-
tive, lipid products such as β-carotene and lycopene [9–15].

Another active area of research is in the production of exotic fatty acids and 
derivatives in yeasts as feedstocks in the production of fine chemicals, medicines, 
detergents and soaps, lubricants, cosmetics, and skin care products [16]. These lip-
ids are not naturally present in yeast but are produced through the introduction of 
genes sourced from other organisms. Exotic fats include fatty alcohols and esters 
and unusual fatty acids such as those with modifications to fatty acid chain length, 
polyunsaturation, or added functional groups.

In recent years, the emerging synthetic biology field has brought new vitality into 
the development of microbial cell factories providing more powerful tools and 
methods to modify the microbial metabolic pathways [17]. To date, both natural 
lipids and lipid derivatives have been successfully produced through the benefits of 
synthetic biology and metabolic engineering in impressive yields. While most of the 
basic research in yeast lipid engineering have used purified sugars as carbon feed-
stocks, it has also been shown that lignocellulosic-derived sugars and other biorefin-
ery by-products will also be effective substrates for these organisms.

In one concept of a biorefinery, cheap, plentiful biomass can be deconstructed to 
produce lignocellulosic sugars that are used as feedstocks for microbial oil produc-
tion leaving lignin and hemicellulose sugars which can be further converted into 
products. For example, Wei et al. tested loblolly pine and sweetgum autohydroly-
sates after detoxification as feedstocks for lipid production via the oleaginous bac-
terium, Rhodococcus opacus, and achieved 0.25–0.31 g/L lipid titer [18]. Slininger 
et al. screened and identified three oleaginous yeasts that could utilize raw enzyme 
hydrolysates of ammonia fiber expansion (AFEX)-pretreated corn stover and acid- 
pretreated switchgrass as feedstocks for lipid production, and the lipid titer reached 
25–30 g/L (39–45% of the theoretical yield) [19]. Here, we review recent progress 
in the application of synthetic biology and metabolic engineering focusing on yeasts 
S. cerevisiae and Y. lipolytica, as cell factories to produce lipids and higher-value 
fatty acid derivatives as part of a biorefinery.
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9.2  Microbial Lipids from Lignocellulose-Derived Substrates

Microorganisms that can use lignocellulosic-derived substrates such as glucose, 
xylose, glycerol, and acetic acid for the production of microbial lipids are important 
for the utilization of biorefinery streams. Here, we review recent promising micro-
bial lipid production research featuring the yeasts S. cerevisiae and Y. lipolytica 
cultured using lignocellulose-derived substrates.

Apart from glucose, the other two major sugars from lignocellulosic biomass are 
xylose and arabinose. For S. cerevisiae to be a more competitive chassis for the 
biotechnology industry, it is important to extend its growth substrates beyond glu-
cose. The Pronk group has adopted metabolic engineering strategies, laboratory 
evolution, and co-culture approaches to enable S. cerevisiae to use xylose as a car-
bon source and improved ethanol fermentation performance using mixed sugars 
including glucose-xylose-arabinose [20, 21]. Ionic-liquid-pretreated switchgrass 
and sorghum were used as feedstocks for fatty alcohol production by S. cerevisiae 
engineered with 11 genetic modifications compared with the parent BY4741 strain, 
and the fatty alcohol titer reached 0.7 g/L in shaker flasks [22].

Also, a series of lignocellulose substrates were assessed for growth of engineered 
Y. lipolytica for microbial lipid production in bioreactors. For example, Li and Alper 
used xylose as carbon source bringing lipid production to 15 g/L [23]; Rakicha et al. 
improved lipid titer to 24.2  g/L using molasses/glycerol as feedstocks [24], 
Ledesma-Amaro et  al. further improved lipid titer to 50.5  g/L using xylose and 
glycerol as substrates [25], and Niehus et  al. achieved a very high lipid titer of 
16.5 g/L and showed Y. lipolytica was tolerant to the toxicity of xylose-rich agave 
bagasse hydrolysate [26]. Furthermore, in a semicontinuous system, the high- 
density cell culture of Y. lipolytica was assessed using 3% acetic acid as a carbon 
source. The acetic acid was consumed completely, and yeast achieved a lipid titer of 
115 g/L, yield of 0.16 g/g, and productivity of 0.8 g·L−1·h−1, respectively [27]. In 
further examples, Slininger et al. screened and identified three oleaginous yeasts 
that could use non-detoxified enzyme hydrolysates of ammonia fiber expansion 
(AFEX)-pretreated corn stover and acid-pretreated switchgrass as feedstocks for 
lipid production. The highest lipid yield reached 25–30 g/L, 39–45% of the theoreti-
cal yield [19].

As these successful attempts in production of microbial lipids show, biorefin-
ery by-product streams such as non-glucose sugars, glycerol, and acetic acid are 
feasible cheap substrates for microbial lipids production. An ongoing challenge 
of the biorefinery concept is to develop robust microbial cell factories with 
greater productivity and cost-effectiveness. Recent research toward this aim is 
reviewed in the following section focusing on progress with S. cerevisiae and 
Y. lipolytica.
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9.3  Metabolic Engineering Strategies and Recent Progress 
Toward Improved Yeast Lipid Production

In general, natural lipid production with yeast can be enhanced by (1) increasing 
fatty acid (FA) biosynthesis, such as by “pushing” carbon flux toward precursor 
acetyl-CoA and malonyl-CoA pools; (2) “blocking” competing pathways that con-
sume lipids or free fatty acids, such as beta-oxidation; (3) balancing cofactor 
requirements and enzyme activity to deliver a steady NADPH supply to support 
fatty acid synthase activity; and (4) secreting free fatty acids into culture media or 
sequestering nascent lipids within lipid droplet to avoid toxicity [28–30]. This sec-
tion highlights the recent advances in engineering efforts to increase lipid produc-
tion in S. cerevisiae and Y. lipolytica yeast. The key genes/enzymes that have been 
engineered to improve lipid production and their cellular locations are shown in 
Fig. 9.1.

9.3.1  Lipid Metabolic Engineering of S. cerevisiae

Storage lipids make up no more than 10% dry cell weight (DCW) in wild-type 
S. cerevisiae, while they are accumulated to a much higher degree in some oleagi-
nous yeast like Y. lipolytica [31]. Well-targeted single gene or pathway modifica-
tions in yeast normally lead to increased lipid content though improvement is 
limited. For more considerable improvement in lipid production, it is necessary to 
combine multiple approaches including synthetic biology, metabolic engineering, 
protein/enzyme engineering, adaptive laboratory evolution, machine learning, etc. 
Several successful attempts have been undertaken by researchers to enhance extra-
cellular and intracellular lipid production in S. cerevisiae, and here, only recent 
examples with promising lipid yield are summarized.

Successful approaches to enhancing fatty acid (FA) biosynthesis include the 
overexpression of ACC1 (or ACC1**) [32, 33], ACS1, FAS1, and FAS2 [6, 34–36], 
blocking FA competing pathways by deleting genes in beta-oxidation such as POX1 
and POX2 [37, 38] and assessing the effects of lipid accumulation and storage genes 
such as DGAT1 and PDAT1 [39–41]. In terms of intracellular free fatty acid (FFA) 
accumulation, as opposed to esterified fatty acids, Valle-Rodriguez et  al. (2014) 
deleted DGA1, LRO1, ARE1, and ARE2 to block formation of neutral lipid and 
deleted POX1 to avoid FA degradation whereby the engineered S. cerevisiae reached 
1.5% intracellular FFA by DCW, fivefold higher than control [37].

S. cerevisiae BY4742 produced 17% DCW TAG was produced by overexpress-
ing genes coding for FAS, ACC, and DGA [6]. Then, introducing ATP-citrate lyase 
(ACL) from the metabolism of an oleaginous microorganism to S. cerevisiae and 
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disrupting isocitrate dehydrogenase genes IDH1 and IDH2, they could increase the 
total fatty acids to 21% [42]. Peng et al. (2018) strengthened three steps of lipid 
production including FA biosynthesis (Ald6-SEACSL641P, ACC1**), lipid accumu-
lation (DGAT1), and lipid sequestration (ΔTGL3, AtCLO1) and achieved 8.0% 
DCW (2.6-fold than control) and 0.3 g/L lipid (4.6-fold than control) in a two- stage 
bioprocess [30]. Notably, the Nielsen group implemented a comprehensive strategy 
to increase TAG accumulation and reached 254 mg TAG/g DCW in S. cerevisiae. 
The strategy included increasing acetyl-CoA supply (ACC1**), improving lipid 
accumulation (PAH1 and DGA1), blocking lipid degradation (ΔTGL3, 4, 5, ΔPOX1, 
ΔPXA1), sterol synthesis (ΔARE1), glycerol-3-phosphate utilization (ΔGUT2) [43].

For secreted free fatty acid (FFA) production, Li et  al. (2014) disrupted 
β-oxidation, deleted acyl-CoA synthetase, and overexpressed thioesterases and 
ACC1 in S. cerevisiae to achieve 140  mg/L [44]. The Da Silva group achieved 
2.2 g/L extracellular FFAs through disrupted neutral lipid recycle in S. cerevisiae 

Fig. 9.1 Main metabolic pathways, control points, and organelles from sugars to lipid in yeast 
S. cerevisiae. The key genes/enzymes that have been engineered to impact lipid production have 
been highlighted in red text (ADH alcohol dehydrogenase, ALD6 cytosolic aldehyde dehydroge-
nase 6, ACS acetyl-coA synthetase, SeACSL641p acetyl-CoA synthetase with L641P mutation, 
derived from Salmonella enterica, ACC1 acetyl-CoA carboxylase, ACC1** acetyl-CoA carboxyl-
ase carrying two mutations ser659ala and ser1157ala, RtFAS fatty acid synthetase from R. toruloi-
des, FAS1, 2 fatty acid synthetase, ACL1, 2 ATP-citrate synthase subunit 1, 2, MmACL ACL from 
Mus musculus, FAA2 medium-chain fatty acyl-CoA synthetase, PXA1 subunit of heterodimeric 
peroxisomal ABC transport complex, POX1 fatty-acyl coenzyme A oxidase, MEF1 peroxisomal 
multifunctional enzyme, PEX10 peroxisome biogenesis factor 10, FAA1, 4 long-chain fatty acyl- 
CoA synthetase, FAT1 very-long-chain fatty acyl-CoA synthetase, ‘tesA truncated E. coli thioes-
terase, TGL3-5 triacylglycerol lipase genes, GUT2 glycerol-3-phosphate dehydrogenase gene, 
GPAT glycerol 3-phosphate acyltransferase, LPAT lysophosphatidate acyltransferase, PAP phos-
phatidate phosphatase, DGA1, LRO1 diacylglycerol acyltransferase, ARE1, 2 sterol 
O-acyltransferase genes, AtCLO1 caleosin, lipid droplet stabilization protein from Arabidopsis 
thaliana)

W. Jiang et al.



213

including disruption of β-oxidation (△FAA2, PXA1, POX1), acyl-CoA synthetase 
genes (FAA1, FAA4, FAT1), and coexpression of DGA1 and TGL3 [45]. Zhou et al. 
(2016) reached 10.4  g/L extracellular FFAs by enhancing acetyl-CoA supply, 
malonyl- CoA pathway, and fatty acid synthase expression and blocking fatty acid 
activation and degradation. The Nielsen group further engineering efforts to repro-
gram yeast metabolism from alcohol fermentation to lipogenesis whereby they con-
structed an impressive FFA-producing yeast delivering up to 33.4 g/L FFAs. The 
metabolic engineering included increasing cytosolic acetyl-CoA and NADPH sup-
plies, redistributing carbon flux toward fatty acid biosynthesis, abolishing ethanol 
production pathway, mutating pyruvate kinase, and directing evolution [46].

9.3.2  Lipid Metabolic Engineering of Y. lipolytica

Due to the similarity of lipid metabolism between yeasts S. cerevisiae and Y. lipo-
lytica, general metabolic strategies to enhance lipid production are transferable. 
Similar to the effectiveness of lipid pathway engineering in S. cerevisiae, there has 
been much progress in increasing lipid production in Y. lipolytica. Here, recent suc-
cessful examples with promising lipid yields or addressing the key bottleneck meta-
bolic issues have been addressed.

The Stephanopoulos group used lipid pathway engineering in Y. lipolytica to 
markedly improve production; their strategies have ranged the introduction of mul-
tiple gene combinations to the analysis of cellular physiological issues. Tai and 
Stephanopoulos (2013) firstly identified a more efficient promoter (intron- containing 
TEF) to assist heterologous gene expression by 17-fold and then improved ACC1 
and DGA1 expression to increase lipid to 61.7% DCW, 0.270 g/g lipid yield, and 
0.253 g L−1 h−1 lipid productivity [47]. Qiao et al. (2015) successfully identified the 
Δ9 stearoyl-CoA desaturase (SCD), which was overexpressed to avoid the repres-
sion of acetyl-CoA carboxylase via increasing fatty-acyl-CoA desaturation. 
Meanwhile, simultaneous overexpression of SCD, ACC1, and DGA1 in Y. lipolytica 
achieved improved cell growth and increased tolerance to sugars plus a high-level 
lipid titer of 55 g/L and high carbon to lipid conversion yield (84.7% of theoretical 
maximal yield) [48]. Further, Qiao et  al. (2017) successfully demonstrated that 
redox engineering via the modulation of the NADPH recovery pathway in Y. lipo-
lytica increased lipid accumulation to 98.9 g/L measured as fatty acid methyl ester 
(FAME) [49]. Furthermore, Xu et al. (2017) employed a semicontinuous fermenta-
tion mode to bring the lipid titer of 115 g/L with an engineered Y. lipolytica (PO1g: 
ACC1, DGA1) and acetic acid as substrates [27].

Cellular oxidative stress defense pathways were investigated in Y. lipolytica to 
determine their impact on lipid production. Additional glutathione disulfide reduc-
tase to reduce oxidative stress, glucose-6-phosphate dehydrogenase for NADPH 
recycling and an engineered aldehyde dehydrogenase with broad substrate range 
were introduced into the yeast which proved to be efficient solutions to combat 
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reactive oxygen and aldehyde stress in Y. lipolytica. The lipid titer reached 72.7 g/L 
and oil content 84.4% [50].

A comprehensive overexpression strategy in Y. lipolytica was adopted by the 
Alper group to improve lipid production. Blazeck et al. (2014) improved lipid pro-
duction titer to 25 g/L using metabolic engineering strategies that included enhanc-
ing TAG biosynthesis (DGA1, 2), increasing acetyl-CoA (ACL1, 2), increasing 
NADPH cofactor supply (MAE), inhibiting the TCA cycle, increasing the citric 
acid level (ΔAMPD), and preventing beta-oxidation and peroxisome biogenesis 
(knockout of mfe1, pex10) [51]. Based on the engineered strains, Liu et al. (2015) 
identified a mutant Mga2p regulator in Y. lipolytica, which increased unsaturated 
fatty acid biosynthesis, possibly due to reduced feedback inhibition of ACC or 
reduced degradation of the stearoyl-CoA desaturase. Also, the mutant strain con-
taining Mga2p maintained a high lipid titer (25 g/L) [52]. Furthermore, Liu et al. 
adopted a laboratory adaptive evolution approach to further screen for a super lipid 
producer strain with 87.1% DCW and 39.1 g/L lipid production [53].

Further examples of Y. lipolytica metabolic engineering with promising lipid 
yield include Ledesma-Amaro et al. (2016) who tested two synthetic approaches, 
firstly redirecting carbon flux to neutral lipids and, secondly, by mimicking a bacte-
rial system to produce free FFAs. One optimal strain engineered to overexpress 
lipases that convert lipids to FFAs, and prevented the formation of CoA esters and 
β-oxidation of fats, produced up to 20.8  g/L lipids in a 5  L bioreactor [54]. 
Meanwhile, Ledesma-Amaro et al. (2016b) engineered PO1d strain with the follow-
ing interventions: Δpox1–6, ΔTGL4, GDP1, DGA2, ssXR, ssXDH, and ylXK. Using 
xylose/glycerol as substrates, the lipid titer reached 50.5 g/L [25]. Friedlander et al. 
(2016) enhanced lipid accumulation and sequestration in Y. lipolytica by overex-
pression of both DGA1 from Rhodosporidium toruloides and DGA2 from Claviceps 
purpurea, plus deleted a key lipase (TGL3). The final engineered strain NS432 
achieved 77% lipid content and 0.21 g lipid per g glucose yield in batch fermenta-
tion and 85 g/L lipid in fed-batch glucose fermentation [55]. Besides, 13C-metabolic 
flux analysis was employed to understand whether the malic enzyme contributes to 
lipogenic NADPH production in Y. lipolytica, and the oxidative pentose phosphate 
pathway was proved to be the primary source of NADPH for lipid overproduction 
from glucose [56] (Table 9.1).

9.4  Exotic Fatty Acid/Alcohol Production 
in Engineered Yeast

9.4.1  Short- and Medium-Chain Fatty Acids

Short-chain fatty acids (SCFAs), where the carbon chain length is less than 10, are 
important industrial products as they can be used as gasoline and jet fuel precursors 
and intermediates in the synthesis of alkenes [59]. Producing SCFAs in common 
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Table 9.1 Metabolic engineering gene knockout or overexpression strategies for increased lipids 
or FFAs in S. cerevisiae and Y. lipolytica

Goals and genetic modification Remarks/achievements Host References

↑ FA biosynthesis and accumulation: ↑ 
ACC1, ↑ FAS1, ↑ FAS2, ↑ DGA1

>17% DCW lipids, ↑ 4 × than 
WT

Sc [6]

Disrupt β-oxidation: ΔFAA2, ΔPXA1, 
ΔPOX1;
Δ acyl-CoA synthetase genes: ΔFAA1, 
ΔFAA4, ΔFAT1; increase triacylglycerol 
synthesis but increase rate of hydrolysis to 
FFA: ↑ DGA1, ↑ TGL3

2.2 g/L extracellular FFA, 
4.2-fold higher than previous 
reported, fed-batch

Sc [45]

↑ FA biosynthesis: ↑ ALD6-SEACSL641P, ↑ 
ACC1**; ↑ lipid accumulation, 
sequestration: ↑ DGAT1, ΔTGL3, ↑ 
AtCLO1

0.3 g/L lipid, two-stage 
bioprocess in flask, 4.6-fold 
than control

Sc [30]

↑ acetyl-CoA pathway: ↑ RtME, ↑ MDH3, 
↑ CTP1, ↑ MmACL; ↑ fatty acid synthase 
(FAS): ↑RtFAS;
↑ malonyl-CoA: ↑ACC1; block FA 
activation and degradation: ΔPOX1, 
ΔFAA1, 4; ↑ secrete FFA: ↑ tesA

10.4 g/L extracellular FFA, 
fed-batch

Sc [57]

↑ acetyl-CoA supply: ↑ ACC1**; ↑ lipid 
accumulation: ↑ PAH1, ↑ DGA1; block 
lipid degradation: ΔTGL3–5, ΔPOX1, 
ΔPXA1, ΔFAA2; block sterol synthesis: 
ΔARE1, ΔGUT2

254 mg TAG/g DCW, 27.4% 
of the maximal theoretical 
yield

Sc [43]

↑ cytosolic acetyl-CoA, ↑ NADPH supply, 
↑ FA biosynthesis, Δ ethanol pathway, 
mutate pyruvate kinase and direct evolution

33.4 g/L extracellular FFA, the 
highest titer reported to date in 
Sc

Sc [46]

↑ acetyl-CoA supply and lipid formation: ↑ 
YpTEF-ACC1, ↑ DGA1

61.7% lipid content, 0.270 g/g 
lipid yield, 0.253 g/L/h lipid 
productivity

Yl [47]

↑ FA biosynthesis: ↑ DGA1, 2; ↑ acetyl- 
CoA: ↑ ACL1, 2; ↑ NADPH cofactor 
supply: ↑ MAE; ↑ citric acid level: 
ΔAMPD; ↓ TCA cycle, ↓ β-oxidation, 
peroxisome: ΔMFE1, ΔPEX10

90% lipid content, 25 g/L 
lipid, fed-batch

Yl [51]

↑ fatty acid synthesis and triacylglycerol 
synthesis: SCD, ↑ ACC1, ↑ DGA1

55 g/L lipid titer, 84.7% of 
theoretical maximal yield, 
fed-batch

Yl [48]

Adaptive laboratory evolution and 
metabolic engineering

87.1% DCW, 39.1 g/L lipid, 
fed-batch

Yl [53]

Mutant Mga2p, ΔPEX10 β-oxidation 
knockout, increase lipid formation ↑ DGA1

25 g/L lipid, fed-batch Yl [52]

Engineering fatty acyl-ACP/ acyl-CoA, 
thioesterase, rewiring acetyl-CoA pathway

9.67 g/L FFA, 66.4 g/L TAGs, 
fed-batch

Yl [58]

(continued)
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biotechnological organisms is challenging as they do not natively produce short- 
chain fatty acids but prefer chain length range between C14 and C18 as these are 
primarily precursors for the formation of cellular membranes to support cell homeo-
stasis [60]. Beyond the challenge of producing substantial SCFA within the cells, 
the potential cytotoxicity due to SCFAs’ capacity to damage cell membranes needs 
to be addressed [61].

The first challenge is that the acyl carrier protein (ACP) and a phosphopantethe-
ine transferase (PPT) are too large for the natural fatty acid synthase (FAS) of 
S. cerevisiae to passively diffuse into for elongation [62–64]. Also, the size of the 
short-chain thioesterases (TE) cleaving the elongating fatty acid is more than 9 kDa 
[65, 66]. To overcome these issues, Leber and Da Silva (2014) [67] expressed the 
FAS from Homo sapiens (hFAS); two heterologous TEs from Cuphea palustris, a 
plant that naturally produces SCFA, and Rattus norvegicus; and PTTs from E. coli 
and Bacillus subtilis in S. cerevisiae, respectively. Compared with native yeast, C8 
levels were increased by 17-fold by overexpression of hFAS. Linking hFAS with 
heterologous TEs further improved the yield of C8 by four- and nine-fold. After 
introducing heterologous PPTs, total SCFA titers and C8 titers could reached 
111 mg/L and 82 mg/L, respectively. In 2015, the freestanding thioesterase (HTEII) 
in H. sapiens was found to have a primary chain length selectivity for octanoic acid. 
HTEII was fused to hFAS and PTTs from H. sapiens was expressed in S. cerevisiae. 
Also, β-oxidation was fully disrupted. Finally, hexanoic and octanoic acid levels 
were increased by eight- and 79-fold over the parent strain with hFAS only [68].

Table 9.1 (continued)

Goals and genetic modification Remarks/achievements Host References

Increase flux toward triacylglycerol 
synthesis but increase rate of hydrolysis to 
FFA which are secreted, block FA oxidation
Δfaa1, Δmfe1, ↑DGA2 ↑TLG4 ↑klTGL3

20.8 g/L lipids, fed-batch Yl [54]

PO1d: Δpox1–6, ΔTGL4, ↑GDP1, ↑DGA2, 
↑ssXR, ↑ssXDH, ↑ylXK

50.5 g/L, 42% lipid content, 
xylose/glycerol as substrates

Yl [25]

Engineering oxidative stress defense 
pathways

72.7 g/L, oil content 84.4%, 
fed-batch

Yl [50]

Increase lipid by increasing flux towards 
triacylglycerol formation, block lipase- 
catalyzed lipid hydrolysis: ↑ DGA1 from 
Rhodosporidium toruloides ↑ DGA2 from 
Claviceps purpurea, ΔTGL3

85 g/L lipid, fed-batch Yl [55]

Cytosolic redox engineering, ↑ NADPH 
and acetyl-CoA supply

98.9 g/L FAME, fed-batch Yl [49]

↑ fatty acid synthesis and triacylglycerol 
synthesis: PO1g: ↑ ACC1, ↑ DGA1

115 g/L, 0.16 g/g, 0.8 g/(L h), 
semicontinuous, acetic acid as 
substrates, the highest titer 
reported to date in Yl

Yl [27]

Symbols and prefixes: Sc, S.cerevisiae,  Yl, Y.lipolytica, “↑”: overexpression or heterologous 
expression, increase; “↓”: downregulation or reduce; “△”: deletion or knockout, “×”: times 
by folds
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Zhu et al. achieved the production of >1 g/L extracellular SCFA (C6-C12) in 
S. cerevisiae, a more than 250-fold improvement over the original strain. To achieve 
this, they engineered both the endogenous FAS and an orthogonal bacterial type I 
FAS and performed directed evolution on the membrane transporter Tpo1. They 
further developed the strain via adaptive laboratory evolution and metabolic flux 
control to markedly improve the SCFA production [69].

Meanwhile, Xu et al. (2016) demonstrated the specific structure of fungal type I 
FAS in Y. lipolytica. Then, they swapped malonyl/palmitoyl transacylase domain in 
FAS1 and fused the truncated FAS1 with smaller TE to improve medium-chain fatty 
acid production, which resulted in remarkably increasing C12 and C14 portions of 
fatty acids to 29.2% and 7.5%, respectively [70] .

9.4.2  Fatty Acid Esters and Alcohols

Fatty acid ethyl esters (FAEEs) are an attractive diesel oil alternative with high 
energy density and low toxicity to the production host (Zhang et al., 2012; Zhou 
et al., 2014). Acyl-CoAs formed within the cell can be condensed by wax ester syn-
thase/acyl-CoA:diacylglycerol acyltransferase with ethanol to synthesize FAEEs. In 
order to improve FAEE yield, the pathway for the intermediate acyl-CoAs is 
enhanced by metabolic engineering. Shi et al. screened five wax ester synthases for 
FAEE biosynthesis; a candidate obtained from Marinobacter hydrocarbonoclasticus 
gave 6.3 mg/L FAEE titer (Shi et al., 2012). With integration of this wax synthetase 
into the S. cerevisiae genome, FAEE yield improved to 34 mg/L (Shi et al., 2014b).

In addition, reducing competition for acyl-CoAs from non-lipid pathways was 
shown to improve FAEE productivity. For example, Valle Rodriguez et al. blocked 
β-oxidation, sterol esters, and TAG biosynthesis in S. cerevisiae to yield 17.2 mg/L 
in the mutant strain, threefold higher than the wild-type strain (Valle-Rodríguez 
et al., 2014). As NADPH and acetyl-CoA are required to synthesize acyl-CoA, De 
Jong et al. 2014 upregulated ethanol degradation and constructed a phosphoketolase 
pathway to increase flux of acetyl-CoA and NADPH, which can improve the pool 
of acyl-CoA.  Alcohol dehydrogenase Adh2, the Salmonella enterica acetyl-CoA 
synthetase variant SeACS (L641P), and acetaldehyde dehydrogenase Ald6 were 
overexpressed to accelerate ethanol degradation, which improved threefold FAEE 
yield (Starai et al., 2005). The overexpression of ACC1 also contributed to the accu-
mulation of acetyl-CoA, whereby FAEE production reached 8.2 mg/L (Shi et al., 
2012). Y. lipolytica has also been developed as a host for FAEE production by simi-
lar metabolic engineering strategies. An efficient FAEE biosynthetic pathway was 
constructed by expression of heterologous wax ester synthase gene with codon opti-
mization for Y. lipolytica and under strong promoters. In addition, carbon flux was 
redirected toward the FAEE biosynthesis pathway by modifying the acetyl-CoA 
node, and β-oxidation was deleted by PEX10 knockout. Finally, the engineered 
strains coupled with the exogenous optimized ethanol concentration can produce an 
extracellular FAEE yield of 1.18 g/L via shake-flask fermentation [71] .
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Fatty alcohols have applications in detergents, medicine, cosmetics, and biofu-
els (Beller et al., 2015). In yeast, fatty alcohol can be obtained by the reduction of 
a fatty aldehyde intermediate or directly synthesized by fatty acyl-CoAs that 
undergo reduction via the action of a bifunctional fatty acyl-CoA reductase (Willis 
et al., 2011). The expression of fatty acyl-CoA reductase from mouse in S. cerevi-
siae resulted in 47.4 mg/L of fatty alcohols (Sangwallek et al., 2013). To further 
improve fatty alcohol yield, a mouse fatty acid reductase MmFar1p (NADPH-
dependent) with high activity was expressed in S. cerevisiae. Also, diacylglycerol 
acyltransferase1 DGA1, fatty aldehyde dehydrogenase HFD1, and medium-chain 
alcohol dehydrogenase ADH6 were deleted to redirect carbon flux toward fatty 
alcohols instead of toward TAG, FFA, and ethanol. Further, a mutant acetyl-CoA 
carboxylase was overexpressed to increase acetyl-CoA flux. The Δ9-desaturase 
OLE1 was overexpressed to increase membrane fluidity and access of MmFar1p to 
the substrate. The final strain containing 11 genetic modifications than parent 
BY4741 strain produced 1.2  g/L fatty alcohols in shake flasks from glucose 
(d’Espaux et al., 2017).

9.4.3  Ricinoleic Fatty Acids

Ricinoleic acid (RA) accounts for around 90% of the total fatty acid in castor seeds 
[72]. Because of its specific structure, RA can be a substrate for double bond and 
hydroxyl-group reactions and, therefore, an important natural raw material for the 
chemical industry [73]. RA and its derivatives have broad commercial applications, 
including food, textile, paper, plastics, perfumes, cosmetics, paints, inks and lubri-
cants, and biofuels [74, 75]. Although RA is the major component of castor seeds, 
the castor plant has many serious challenges in its production. In addition, the pro-
cess of extracting RA from the castor seeds is complicated [76].

To date, RA biosynthesis has been most successful in Y. lipolytica although a 
major challenge is that the hydroxylated ricinoleic acid is formed at the sn-2 posi-
tion of phosphatidylcholine (PC) in membranes when the Δ12 hydroxylase 
(FAH12) from castor is expressed. As Y. lipolytica accumulates high amounts of 
oleic acid, the substrate for FAH12, it provides a direct precursor for RA synthesis. 
Bressy et al. (2014) [77] expressed the castor FAH12 in Y. lipolytica which resulted 
in 7% RA of the total fatty acid; however, when two copies of the Claviceps pur-
purea hydroxylase CpFAH12 were expressed in a modified strain, RA content 
increased to 35% of the total lipids. Next, they deleted six POX genes to prevent 
β-oxidation of fatty acids, the native Δ12-desaturase which converts oleic acid to 
linoleic acid and DGA1 and DGA2 which form TAG via the addition of acyl-CoA 
to the glycerol backbone. In the final version, the native Y. lipolytica PDAT acyl-
transferase (Lro1p) was overexpressed, and RA yield reached 43% of total fatty 
acid and over 60 mg/g of dry cell weight in small scale-cultures and up to 12 g/L 
and 60% of total lipids when supplemented with 24 g/L of oleic acid at 10 L biore-
actor scale (Fig. 9.2).
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9.4.4  Long-Chain Polyunsaturated Fatty Acids

The most common carbon chain length of yeast fatty acids is 16–18, whereas a 
group of valuable long-chain polyunsaturated fatty acids (LC-PUFAs) has carbon 
chain lengths of 20–24 and includes multiple double bonds in a methylene inter-
rupted pattern. Two main categories of desaturation of the fatty acid carbon chain 
are known as omega-6 (n-6) and omega-3 (n-3), and the numbering is determined 
by the position of the first double bond from the methyl end group of the fatty chain 
[78]. Omega-6 LC-PUFA can be precursors to the eicosanoids, a group of powerful 
bioactive molecules that include prostaglandins and thromboxane. The omega-3 
PUFAs are important human dietary fatty acids that can regulate the immune sys-
tem, blood clots, neurotransmitters, and cholesterol metabolism and adjust mem-
brane phospholipids of both the brain and the retina [79]. Although LC-PUFA can 
have a positive effect on health, these LC-PUFAs cannot be synthesized in the 
human body and so are required to be taken via the diet [80]. Currently, dietary 
omega-3 LC-PUFAs, especially eicosapentaenoic acid (EPA) and docosahexaenoic 
acid (DHA), are obtained mainly from fish oil, and due to fish stock depletion and 
an increasing demand, obtaining alternative sources is becoming necessary [76]. 
Both S. cerevisiae and Y. lipolytica have been engineered to produce LC-PUFA.

LC-PUFAs are biosynthesized in cells by a series of alternating fatty acid desatu-
rations and carbon chain elongation. In yeast, the elongation step occurs in the acyl- 
CoA pool but the special desaturases introduced into the cells undertake desaturation 
of the phospholipid-linked fatty acids, which causes an acyl exchange bottleneck 
and reduces yield [81]. Also, in the final step, a double bond is introduced between 
carbon 5 and 6 in dihomo-γ-linolenic acid (DHGLA, 20:3ω6) and eicosatetraenoic 
acid (ETA 20:4ω3) (Fig.  9.3a) by a Δ5-desaturase belonging to “front-end” 

Fig. 9.2 Strategy to maximize RA production in Y. lipolytica through metabolic engineering
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desaturase family. Key genes relating to the pathway of DHGLA (20:3ω6) and ETA 
(20:4ω3), containing acyl-CoA-dependent Δ6-desaturase from the microalga 
O. tauri; Δ9-desaturase, Δ12-desaturase, and Δ6-elongase from M. alpina; and 
ω3-desaturase from S. kluyveri, in S. cerevisiae were constructed (Fig. 9.3). The 
Δ6-desaturase from the microalga O. tauri can use CoA-bound substrates to avoid 
transferring the Δ6-desaturated fatty acid from phospholipid to acyl-CoA and 
directly pass on the substrate to Δ6-elongation, which could overcome the bottle-
neck of Δ6-elongation [82]. Finally, DHGLA (20:3ω6) and ETA (20:4ω3) were 
obtained in the engineered strain. Subsequently, through further engineering, EPA 
was synthesized. In subsequent research, the efficiency of 5-desaturase from P. tet-
raurelia was found to be higher than that from other organisms [83].

Compared with engineered S. cerevisiae, the yield of EPA in Y. lipolytica was 
much higher, and a different metabolic engineering strategy was taken [84]. Starting 
with linoleic acid (C18:2 n-6) which is naturally synthesized in Y. lipolytica wild- 
type strain, genes introduced included a Δ6-desaturase, C18/20 elongase, 
Δ5-desaturase, and Δ17-desaturase resulting in 3% EPA of total fatty acids. 
Subsequently, overexpression of a C16/18 elongase from M. alpina, introducing a 
Δ12 desaturase from Fusarium moniliforme, increased gene copy numbers, and 
promoter optimization resulted in 40% EPA of total fatty acids. However, a large 
amount of γ-linolenic acid (C18:3ω6) was also accumulated via this strategy, which 
showed that the conversion of GLA to DHGLA (C20:3ω6) was rate limiting. 
Therefore, Δ9 pathway was constructed by introducing Δ9-elongase, Δ8-desaturase, 
Δ5-desaturase, and a Δ17 desaturase sourced from a range of organisms to avoid 
the buildup of GLA (Fig. 9.3). In the same way, they integrated multiple copies of 
the genes after codon optimization with strong promoters. In order to reduce the 
consumption of LC-PUFA by β-oxidation, PEX10 was deleted. The final strains 
contained 30 copies of nine different genes, and the yield of EPA was 56.6% of the 
total, which can be used as a commercial product produced by metabolically engi-
neered yeast to take the place of that derived from fish [85].

Fig. 9.3 Engineered EPA biosynthetic pathway in (a) S. cerevisiae and (b) Y. lipolytica
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9.4.5  Cyclopropane Fatty Acids

Cyclopropane fatty acids (CFAs) are naturally occurring saturated fatty acids that 
possess a strained three-membered ring within the fatty acid chain. They have been 
found in bacteria [86, 87], some fungi [88], plants [89, 90], and parasites [91]. This 
fatty acid has potential high value as an equivalent compound to isostearic acid 
which has industrial application in the lubrication and oleochemical industries [92]. 
Cyclopropane fatty acids have unique characteristics such as ring opening by hydro-
genation to produce methyl branched-chain fatty acid, which combines the chemi-
cal and physical properties of unsaturated fatty acid with oxidative stability of 
saturated fatty acids [93]. There has been recent interest and research into building 
microbial cell factories for the production of CFAs, including both S. cerevisiae and 
Y. lipolytica.

Peng et al. (2018) expressed the E. coli CFA gene in S. cerevisiae that had been 
engineered for higher fatty acid (FA) biosynthesis, lipid production, and sequestra-
tion. TGL3, encoding triglyceride lipase 3, the main enzyme responsible for hydro-
lyzing CFA from TAG, was knocked out to block CFA loss from the lipid droplet. 
The highest CFA yield was 12 mg/g dry cell weight (DCW) which was four-fold 
above the strain expressing E. coli CFA gene only and up to 68.3 mg/L in a two- 
stage bioprocess [30, 94]. Y. lipolytica has also been engineered for the production 
of CFAs. E. coli was the preferred candidate from among a range of CFA genes 
screened from bacteria and selected plants for expression as it provided good yield 
and both C17 and C19 cyclopropane products [95]. Blocking β-oxidation by knock-
ing out PEX10 and MFE1, overexpression of DGA1, and increasing the genomic 
copy number of the E. coli CFA gene were successful strategies to produce cyclo-
propane fatty acids in Y. lipolytica [96]. A further strain was constructed by mutat-
ing regulatory protein encoded by MGA2 paired with DGA1 overexpression and 
CFA expression, which produced 200 mg/L of C19:0 CFA in small-scale fermenta-
tion. Moreover, more than 3 g/L of C19:0 CFA was achieved in bioreactor fermenta-
tion, which accounted for up to 32.7% of total lipids [96].

9.5  Conclusion and Outlook

With increasing interest globally toward sustainable industrial production, micro-
bial lipids are attracting significant attention due to their energy density and versatil-
ity plus the prospect of obtaining microbial lipids with a broad range of functionalities. 
Microbes require carbon as a key feedstock for growth, and lignocellulose is a rich 
and sustainable resource that has enormous potential as a substrate for microbial 
lipid production [97]. Within biorefineries, microbial lipid factories can play a cen-
tral role in converting renewable substrates into versatile lipid products. Regarding 
microbial lipid factories, yeasts such as S. cerevisiae and Y. lipolytica have been the 
most widely investigated. With advances in synthetic biology and metabolic 

9 Metabolic Engineering of Yeast for Enhanced Natural and Exotic Fatty Acid…



222

engineering, more tools and approaches have become available to support and 
enhance the introduction of gene modifications [76]. Although high performing 
strains with good tolerance to stressful environments and efficient lipid conversion 
rates can be obtained via synthetic biology and metabolic engineering strategies, the 
quality and availability of the sugar feedstock remain one of the important limiting 
factors for microbial factories. Despite the development of successful lignocellu-
losic sugar production from raw materials in biorefineries, the volume is not cur-
rently sufficient to meet the growing demand for bioproduction. Therefore, further 
research and development for low-cost and efficient production of non-food sugar 
sources needs to be undertaken to ensure these supplies [98–100].

There are some limitations to what can be achieved in yeast biofactories through 
metabolic engineering and synthetic biology. Cellular metabolic burden is a long- 
standing problem in biotechnology which was first noticed by metabolic engineers 
in the 1970s and 1980s when they attempted to overexpress proteins for desired 
products, and they found the cell growth reduced and mutation rates increased after 
the overexpression of protein [101–103]. The metabolic burden can be caused by an 
imbalance of energy molecules (e.g., NAD(P)H and ATP) or redirection of carbon 
building blocks away from essential cellular processes, for example. A cell’s carbon 
and energy resource distribution have been optimized to reach equilibrium states by 
a natural evolution [101] and modification and manipulation of these via metabolic 
engineering and synthetic biology alter the natural balance. There are a number of 
effective strategies available and in development to address these specific issues of 
carbon and energy imbalance in engineered strains [104].

In short, much progress in metabolic engineering of yeast for enhanced lipid 
production has been made, and while natural fatty acid production levels are report-
edly close to commercial realization, there is more research needed for exotic lipid 
production to improve productivity and purity. Furthermore, the engineering strate-
gies and modifications that have been shown to be highly effective in laboratory 
strains now need to undergo development and translation to their industrial environ-
ments. The fast development of stable strains useful for the industrial environment 
is still challenging [7]. Therefore, further research is needed to overcome the many 
challenges to bring microbial lipid factories to commercial reality. With more tech-
nologies and strategies becoming integrated in the future, such as systems biology, 
protein engineering, and “omics” analysis, these can enrich the progress to date and 
help obtain the goals for producing fatty acid-derived biofuels and bioproducts in an 
affordable and sustainable manner.
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10.1  Introduction

Lignocellulosic-derived lipids produced by oleaginous microorganisms have been 
receiving attention lately owing to their abundance, low costs, and renewability. 
However, the economic feasibility of cellulosic lipids has been hampered due to the 
lack of dedicated technologies necessary for engineering microbial strains to meet 
industrial purposes. Tailor-made techniques applying fermentation strategies could 
address such issues and improve lipid yields of microbial fermentation volumetri-
cally by improving cell growth, carbon conversion efficacies, and tolerance to unde-
sirable inhibitors [1].

The dry cellular weight (more than 20%) of oleaginous microorganisms is com-
prised of triacylglycerol (TAG) that can be catalyzed into fatty acid methyl esters 
(FAME) and fatty acid ethyl esters (FAEE) considered as precursors for biodiesel 
production during transesterification [2]. Lipid production can be associated with 
nutrient limitation, and preferential utilization of abundantly provided carbon 
sources over limited nitrogen/phosphate supplies has been applied and investigated 
[3]. Lipid biosynthesis in oleaginous microorganisms commences once nitrogen 
reserves are exhausted, causing activation of adenosine monophosphate (AMP) 
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deaminase to subsequently decrease the cellular AMP content. This sets a chain 
reaction, diminishing mitochondrial isocitrate dehydrogenase activity (dependent 
on AMP levels) within the tricarboxylic acid cycle, and resultant isocitrate gets 
accumulated instead of being metabolized. Subsequently, the citrate stored within 
mitochondria when transported to the cytosol gets cleaved into acetyl-coA and oxa-
loacetate mediated by ATP citrate lyase. Acetyl-coA as the key intermediate is used 
in the biosynthesis of fatty acid and lipids in oleaginous microorganisms, and oxa-
loacetate is converted into malate via cytoplasmic malate dehydrogenase [4]. 
Different strains use acetyl-CoA in different ways during lipid accumulation [1]. 
The citrate (mobilized from mitochondria) is replaced by the cytosolic malate, 
which is catalyzed by NADP+-dependent malic enzyme into pyruvate and NADPH, 
ultimately providing energy for the lipid accumulation process [5–7]. The activity 
of malic enzyme also affects lipid biosynthesis, as it regulates the generation of 
NADPH required by fatty acid synthase (FAS) [8]. Moreover, acetyl-CoA carbox-
ylase (ACC) is also vital for lipid accumulation for it is truly the first enzyme of 
lipid biosynthesis. It was observed that the improvement of fatty acid biosynthesis 
in Escherichia coli could be achieved by overproducing the ACC activity rather than 
increasing the accumulation of malonyl-CoA [9, 10].

The end products of fatty acid biosynthesis are usually C16 or C18 saturated 
fatty acids. They are sequentially catalyzed by desaturases and elongases resulting 
in the production of polyunsaturated fatty acids (PUFAs), depending upon their 
innate genetic metabolisms [2]. After successive desaturation and elongation reac-
tions, the saturated fatty acids could form various PUFAs [3]. So far, the pathway of 
PUFAs in most oleaginous yeasts uses a conventional route for the biosynthesis of 
fatty acids derived from acetyl-CoA and malonyl-CoA via ACC using FAS.  In 
Schizochytrium sp. and related thraustochytrids, PUFA synthesis occurs through 
polyketide synthase (PKS) route involving two essential building blocks, viz., 
acetyl- CoA and malonyl-CoA, but does not involve in reducing intermediates. 
Meanwhile, the PKS system occurrent in bacteria like Shewanella sp. and Moritella 
marina produces intermediates like long-chain omega-3 fatty acids (such as EPA 
and DHA) [11, 12]. In prokaryotes that can synthesize DHA, the biosynthesis of 
long-chain fatty acids is carried out via a typical PKS route through which the grow-
ing chain of fatty acids remains unsaturated, unlike the conventional eukaryotic 
fatty acid synthesis system where they are reduced into saturated fatty acids [2].

Fatty acid molecules when linked to glycerol molecules via ester bonds can form 
lipids by the synthesis of fatty acid and/or TAG. Fatty acid chain elongation occurs 
through a reaction between ACC and acetyl-CoA to form malonyl-CoA, catalyzed 
by FAS in most microbes. The synthesized malonyl-CoA is converted into malonyl- 
acyl- carrier protein (malonyl-ACP) via malonyl-CoA: ACP transacetylase, one of 
FAS mixtures [13]. The FAS can transfer malonyl (carbon source) to acyl-carrier 
protein to synthesize long fatty acid chains like C16, C18, γ-linoleic acid (GLA), 
arachidonic acid, EPA, and DHA [14]. Differently, the vital route of TAG synthesis 
is glycerol-3-phosphate (G3P) or Kennedy pathway, where initial acylation of G3P 
with acyl-CoA results in the formation of LPA (lysophosphatidate) along with 
GPAT (G3P-acyltransferase). Subsequently, LPA is condensed by the catalysis 
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through LPAT (lysophosphatidate acyltransferase) with another acyl-CoA  generating 
PA (phosphatidic acid), which is further dephosphorylated by PAP (phosphatidic 
acid phosphatase) producing DAG (diacylglycerol). Finally, another acyl-CoA is 
introduced into DAG, and TAG is synthesized via the regulatory DGAT (diacylglyc-
erol acyltransferase) [15–17].

It was reported that PA formation in yeasts might occur via the G3P/Kennedy 
pathway or DHAP (dihydroxyacetone phosphate) pathway. It is known that the G3P 
pathway can be found in bacteria, but the DHAP pathway is only available in yeasts 
and mammalian cells [15, 18, 19]. For fatty acid synthesis, it is still unclear if the 
FAS system operates concomitantly along with the PKS system or if fatty acids are 
directly generated by the TAG pathway. Genetic analysis of mutant oleaginous 
organisms is expected to provide a comprehensive understanding concerning PUFA 
biosynthesis. More details regarding the mechanism of lipid biosynthesis can be 
found in other Chapters of this book.

10.2  Process Development for Lipid Production Using 
Lignocellulosic Sugars

Biochemical routes for lipid production from lignocellulosic feedstock include bio-
mass pretreatment to break down complex plant cell walls, enzymatic hydrolysis to 
release fermentable sugars, and microbial fermentation of sugars into lipids. The 
produced lipids can be converted through transesterification into biodiesel produc-
tion [20] or through deoxygenation into hydrocarbons to produce gasoline/diesel 
directly [21]. Theoretical lipid yields cultured from lignocellulose derivatives like 
glucose and xylose can be estimated to be 0.32 g/g and 0.34 g/g, respectively, but 
never below 0.25 g/g even with synthetic media [20, 22]. But detected lipid yields 
are quite lower in lignocellulosic biomass hydrolysate ferments due to the accumu-
lation of degradative inhibitors [23].

Many technical methods have been developed to feature the economic produc-
tion of microbial lipids using lignocellulosic biomass as a potential carbohydrate 
feedstock. Lipid production and yields can be enhanced by process development 
and optimized fermentation. Different fermentation modes including batch, fed- 
batch, and continuous cultivation coupled with multistage strategy can be adopted 
for increasing cell densities of oleaginous microbes to achieve better lipid production.
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10.2.1  Single-Stage Cultivation: Batch and Fed-Batch 
Cultures

Traditional microbial lipid production using lignocellulosic sugars can be carried 
out using a single-stage batch mode of fermentation. Lipid production in batch cul-
tures has been investigated using different lignocellulosic hydrolysates for higher 
lipid content. Chang et al. [23] explored the batch cultivation of Cryptococcus using 
corncob hydrolysate supplementing with glucose and obtained dried cell weight of 
12.6 g/L, lipid yield of 7.6 g/L, and lipid content of 60.2%, respectively. Anschau 
et  al. [24] assessed lipid production performance of oleaginous yeast Lipomyces 
starkeyi with batch culture on sugarcane bagasse and achieved 27.7% (w/w) lipid 
content. Fei et al. [25] conducted a batch culture of Rhodococcus opacus to acquire 
baseline results for lipid production with C6 sugar from lignocellulosic hydrolysate, 
in which study lipid content of 58.7% (w/w) with lipid yield of 0.19 g lipid/g sugar 
was achieved. Additionally, rice hull hydrolysate was investigated for producing 
lipids by Mortierella isabellina in batch culture by Economou et al. [26], and the 
highest lipid content of 64.3% was reached. Though results achieved through previ-
ous reports were good enough, yet the production yields were not comparable with 
industrial standards.

It has been known that microbial lipid extraction is most economical when lipid 
productivity is above 1 g/L/h [27]. To obtain high lipid productivity, high lipid titer 
is desirable, which also benefits the downstream processing. High lipid titer requires 
high carbon source input. However, the high concentration of sugar achieved from 
hydrolysis will inhibit cell growth due to the high level of inhibitors from pretreat-
ment and the sugar concentration loaded at the beginning of culture. Therefore, a 
fed-batch culture may reduce the inhibitory effect by adding the feeds with control 
[28, 29].

Fed-batch mode of cultivation is an alternative method for achieving high solid 
loading in fermentation processes because of the advantages it offers over batch 
mode. Nevertheless, the critical parameters including how and when to add nutri-
ents to the reaction systems to ensure high conversion efficiency should be consid-
ered and explored. Various fed-batch feeding techniques have been used for 
obtaining high lipid productions as quoted by researchers [28, 30, 31]. Previous 
studies have adopted feedback control strategies that guide substrate feeding using 
monitored pH or dissolved oxygen (DO) provision. Although it was convenient, the 
tardy cellular response to pH/DO variations would arouse over or not timely feed-
ing, thus affecting the final production [32]. The direct feedback control supervising 
cell growth and the residual substrate can manually be implemented through pulse 
feeding or automated controlled feeding modes [32, 33]. The timely monitoring of 
the growth condition of cells by adjusting feeding mode could avoid or relieve the 
inhibition of accumulated metabolites. Hassan et al. [34] reported that lipid produc-
tivity of 0.21 g/L/h along with 53% lipid content was achieved with Cryptococcus 
curvatus in the culture including the C/N ratio of 10:1 but fed glucose without nitro-
gen. Li et  al. [30] applied discontinuous, pulse feeding approach to culture 
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Rhodosporidium toruloides Y4  in complex medium. The lipid content of 67.5% 
(w/w) and productivity of 0.54 g/L/h were achieved with a fermented batch fed with 
glucose solution devoid of nitrogen. In the comparative study of constant and pulse 
feeding mode, continuous feeding was exhibited to provide higher lipid productiv-
ity compared to pulse feeding done in the cultures of R. toruloides Y4 [28]. Wiebe 
et  al. [35] conducted fed-batch cultivation of R. toruloides with manual feeding, 
which was the most efficient (75% lipid content, 0.21 g/L/h lipid productivity) using 
glucose as the sole carbon source. Nevertheless, these works were all carried out 
based on pure glucose.

To date, the lipid production studies employing carbon sources like lignocellu-
losic hydrolysates for the development of diverse fed-batch feeding strategies have 
been extensively reported [23–25]. Liu et al. [31] used corncob hydrolysates as car-
bon sources during fed-batch fermentation studies of Rhodotorula glutinis with a 
high C/N ratio solution feeding strategy and achieved final lipid content of 39%. Fei 
et al. [25] improved the lipid production of R. toruloides using corn stover hydroly-
sates as sole substrates by applying several fed-batch strategies (Fig.  10.1). The 
pulse mode of feeding resulted in lipid productivity of 0.35 g/L/h and lipid yield of 
0.24 g/g, while the DO-stat feeding mode achieved 0.33 g/L/h lipid productivity and 
0.23 g/g lipid yield. Thereafter, the highest lipid productivity of 0.4 g/L/h along with 
59% lipid content and 0.29 g/g lipid yield was obtained through the application of 
an automated controlled sugar feeding system [22]. These findings indicate that a 
suitable fed-batch system with controlling the optimal sugar concentration in the 
culture medium could lead to an enhanced conversion efficiency of lignocellulosic- 
based sugar for both higher cell density and better lipid accumulation.

Fig. 10.1 Comparison of lipid production by using different feeding strategies in fed-batch (FB) 
cultures [25]. DO-FB presents DO-stat feeding fed-batch cultures, pulse-FB presents manual feed-
ing fed-batch cultures, online-FB presents automated online sugar control fed-batch cultures
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The performances of lipid production using different substrates in various cul-
ture modes were illustrated in Table 10.1. Reported fed-batch production of lipids 
reveals that the simultaneous supplementation of carbon and nitrogen sources 
caused disfavored C/N ratios during lipid accumulation. It is obvious that the nitro-
gen content in the medium determines the maximum cell density during the growth 
phase, while the concentration of excess carbon determines the supreme lipid con-
tent of the cells. Therefore, for high cell density culture during lipid production, 
media with sufficient nitrogen and carbon are required, which would potentially 
lead to cell stress or damage due to osmotic pressure. For the above cases, most of 
the processes have been done in two-stage fed-batch mode, where the fermentation 
process was divided into an initial cell growth stage under nutrient-rich conditions, 
followed by a lipid accumulation under nitrogen deficiency or even absence in the 
2nd stage. This nutrient’s limitation strategy was applied to maximize the final prod-
uct titer, which will be discussed as follows.

Table 10.1 Lipid production in cultures of different oleaginous microbes using various substrates

Substrates Microbes
Culture 
modes

Lipid 
content 
(%)

Lipid 
yield 
(g/g)

Lipid 
productivity
(g/L/h) References

Corncob 
hydrolysates

Cryptococcus 
sp. SM5S05

Batch 60.2 0.13 0.05 [23]

Sugarcane 
bagasse 
hydrolysate

Lipomyces 
starkeyi

Batch 27.7 0.07 0.09 [24]

Corn stover 
hydrolysate

Rhodococcus 
opacus

Batch 58.7 0.19 0.28 [25]

Pure glucose C. curvatus Pulse 
fed-batch

53 0.14 0.21 [34]

Pure glucose R. toruloides 
Y4

Pulse 
fed-batch

67.5 0.23 0.54 [30]

Pure glucose R. toruloides 
Y4

Continuous 
fed-batch

61.8 0.23 0.57 [28]

Pure sugar 
mixture

R. toruloides Pulse 
fed-batch

58 0.07 0.15 [35]

Corn stover 
hydrolysate

R. toruloides Pulse 
fed-batch

62 0.24 0.35 [25]

Corn stover 
hydrolysate

R. toruloides Online 
fed-batch

59 0.29 0.40 [25]

Corncob 
hydrolysate

R. glutinis Fed-batch 39 0.15 0.15 [31]
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10.2.2  Two-Stage Cultivation: Fed-Batch and Continuous 
Cultures

Provision of substantial cell density, which is necessary to induce reasonable lipid 
yields, is a proven scope for large-scale production. Cultivations are conducted by 
first producing biomass and then inducing lipid accumulation, and it is possible by 
adopting fed-batch or continuous modes of cultivation, through which supply of 
nutrients can be regulated. It has been proved that applications of fed-batch or con-
tinuous cultivation could help obtain high cell density using lignocellulosic sugars 
meeting the industrial standards for lipid production. The two-stage cultivation that 
purposely separates the phases of cellular growth and lipid production in oleaginous 
microbes includes cell mass generated in the 1st stage with carbon-nitrogen ratios 
of 65:1 to stimulate cell growth, followed by amplified lipid accumulation in the 
2nd stage using carbon-nitrogen hydrolysates of 500:1 for favoring lipid production 
and limiting cellular growth [33]. The first stage provides essential nitrogen for sup-
porting cell growth abundantly, and the latter provides required sugars along with 
limited nitrogen levels to favor lipid accumulation [34]. Using the nutrient limita-
tion strategy, a two-stage culture mode could improve lipid yield and avoid inhibi-
tory effects in the high-solids system.

Several cultivation modes have been developed using this strategy to improve 
lipid productivity. The top-performing microbial lipid production yeast was suc-
cessfully identified and developed through two-stage culture mode in recent studies 
[36]. Higher lipid titer up to 30 g/L from over 100 g/L sugars was achieved from the 
promising oleaginous yeast on pretreated switchgrass hydrolysates. The two-stage 
culture mode provides obvious benefits over single-stage fermentation for lipid pro-
duction, which is because that both C/N ratio and sugar concentration can be con-
trolled properly to enhance lipid accumulation in the second stage without 
concerning the dilution of hydrolysate feed and cell growth [36, 37]. Therefore, the 
two-staged culture mode has been considered as a basic configuration to enhance 
lipid production in terms of lipid titer and content.

A two-staged fed-batch process designed to achieve high cell density in R. opa-
cus was reported with high lipid yields [38]. That process featured a nutrient-rich 
initial medium containing synthetic C6/C5-sugar mixture in the first phase and then 
switched into the second phase with intermittent feeding of C5-only feeds for lipid 
accumulation. Overall, lipid productivity of 0.29 g/L/h was recorded along with cell 
density of 45 g/L and lipid content of 54% w/w, and the strategy was proved signifi-
cantly cost-effective. Meanwhile, the inhibitory effect caused by concentrated car-
bon source was also reduced in two-stage fed-batch cultivation. Liu et al. [27] also 
experimented with lipid production through fed-batch fermentation of R. glutinis 
adopting a two-stage feeding strategy. During the first stage, rapid biomass increase 
was detected with limited lipid titers of 9.42 g/L and 23.3% lipid content. However, 
the second stage with feeding concentrated corncob hydrolysates improved the lipid 
tires to 33.5 g/L and lipid content to 47.2%. Furthermore, in comparison to the batch 
modes of culture, the two-staged culture mode was found superior with improved 

10 Advanced Fermentation Strategies to Enhance Lipid Production…



236

biomass concentration, lipid content, and lipid titer of threefold, 29%, and fivefold, 
respectively [27].

Bioprocessing improvement was still required to make the fermentation more 
efficient. Continuous feeding mode can keep the cellular metabolism active for 
higher titer and productivity [39]. Increasing the supply rate of nutrients in different 
stages can be an efficient way to enhance cell density and lipid content, leading to 
high overall lipid productivities. Karamerou et al. [40] evaluated a two-stage con-
tinuous feeding strategy for the cultivation of R. glutinis, targeting cellular prolif-
eration in the 1st stage followed by lipid production in the 2nd stage for favorable 
production of biomass and lipid yields. Continuous nutrient feeding at high dilution 
rates (<0.8 g/L/h) led to increases in both the cell density and lipid content (53%), 
reaching a high lipid yield. Thereby continuous cultivation at variable rates during 
each stage leads to an efficient approach for enhancement of microbial lipid produc-
tion in a manner of longer timeframe and higher productivity.

10.2.3  High Cell Density Cultivation (HCDC)

Since microbial lipids are accumulated inside the cell body of oleaginous microor-
ganisms, the productivity of lipids concerns both the cellular lipid titer and the cell 
density in cultures. Efficient lipid recovery from fermentation broths includes har-
vesting the microbial cells in the broth through biomass drying or forced cell disrup-
tion followed by lipid extraction. Cell harvesting is expensive if cellular biomass 
density in the fermentation broth is low; hence a high cell density is desirable in 
large-scale fermentation. HCDC systems refer to nearly tenfold of the cell density 
of a regular batch culture; for instance, compared with a 5–10 g/L of R. glutinis cell 
culture as normal cell density, a 50–100 g/L is considered high cell density [41, 42].

A major goal of any biotechnological process development is to maximize pro-
ductivity by inducing the highest possible density of products within a reaction 
volume in the shortest period. High cell density is a requirement for higher titer and 
productivity, which depends not only on biocatalysts such as microbes used in the 
reaction but also the mode of the bioreactor operation. The HCDC system can also 
be modified and used in the fermentation process for microbial lipid production, 
which boosts the production titer of intracellular metabolic products as well as lipid 
productivity. Apart from the application of HCDC to produce high lipid yields [43], 
similar processes for multistaging continuous high cell density cultivation systems 
have been utilized to improve lipid production [44].

Industrial lipid production can become economically viable only when high cell 
densities and high lipid productivities are attained with low investments. Recently, 
advanced techniques for controlling and monitoring biotechnological processes are 
being developed to achieve high cell densities with less cost [20]. Microbes with 
higher productivity and cheaper feeding strategies using low-cost substrates like 
lignocellulosic biomass are preferable for lipid production. Co-fermentation of sub-
strates like celluloses and hemicelluloses as raw material biomass and their conver-
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sion into cell mass and lipids could also improve lipid yield, titer, and productivities, 
considering cost-cutting strategies.

10.3  Lignocellulosic Inhibitor Tolerance of Lipid-Producing 
Microorganisms

Low lipid content and productivity are influenced by several technical challenges 
during the culture of oleaginous strains using lignocellulosic biomass, the most pre-
dominant bottleneck being inhibitor tolerance. In biorefineries, the pretreatment of 
complex lignocellulosic wastes into simpler forms is a critical prerequisite before 
proceeding to hydrolysis and fermentation processes. This leads to the generation of 
several by-products (inhibitors) like acetic acid, hydroxymethylfurfural (HMF), fur-
fural, acidic phenolics, and other aromatic compounds that can inhibit cell growth 
and lipid yield [45]. Rhodosporidium toruloides was reported with induced toler-
ance against inhibitors, and it could withstand up to a 1 mM furfural content level 
by metabolizing it into furoic acid, but levels above that would inhibit cell growth 
by 45% [46]. It was noted that Trichosporon fermentans showed a 50% reduction of 
lipid production at 4.7 mM of furfural compared to 37.7 mM HMF. Besides, lipid 
production in oleaginous yeasts from lignocellulosic biomass can also be limited by 
ferulic acid due to the sensitivity. Developing microbes metabolizing lignocellulose- 
derived sugars that are capable of tolerating these inhibitors and applying the afore-
mentioned fermentation modes to relieve the inhibitory effect have been efficient 
ways to enhance the lipid production [20, 47].

A high lipid accumulation potential and concomitant inhibitor tolerance were 
reported in Trichosporon cutaneum due to its possession of metabolic pathways to 
degrade eight typical inhibitors, while fermentation of corn stover hydrolysates at 
varying sugar concentrations. Although the strain was influenced by the presence of 
furfural and 4-hydroxybenzaldehyde in medium, the subsequent construction of 
inhibitor degradation pathways of the strain could be deciphered through genome 
sequencing, which indicates a potential candidate for futuristic applications in cel-
lulosic lipid production [48]. Detoxification of furfural into furfuryl alcohol (reduc-
tion) and furoic acid (oxidation) in Trichosporon fementans during in  vivo 
fermentation conditions indicated that the detoxification process can be enhanced 
by minimizing the transient production of furfuryl alcohol. This can be achieved by 
altering culture conditions, metabolic adaptation, or genetic strain modification to 
augment the lipid production capacity from the pretreated lignocellulosic biomass 
[49]. Gong and his co-workers used a co-fermentation approach to alleviate the 
acetate inhibitory effect on lipid accumulation and achieved improved lipid yield. In 
that study, the acetate and sugars were co-fermented to exploit low-cost substrates 
for lipid production using Cryptococcus curvatus. The pretreated acetate-rich corn 
stover hydrolysates were used as the carbon source providing a high lipid content of 
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61% during the cultivation, in which glucose and acetate were consumed simultane-
ously before the utilization of xylose [50].

The production of inhibitors was interrelated with a decrease in cell growth and 
lipid accumulation of the selected oleaginous yeasts, and the effect varied with the 
inhibitor involved. For instance, furfural could inhibit both growth and lipid accu-
mulation in proportions greater than HMF. Hence, it is quintessential to select and 
modify yeasts that are strongly resistant to high concentrations of expected inhibi-
tors that might occur in target hydrolysates chosen for lipid accumulation. Metabolic 
mechanisms governing microbial lipid accumulation and inhibitor degradation 
pathways play a vital role in improving lipid fermentation from lignocellulose feed-
stock [51].

10.4  Biologically Empowering Lignocellulosic-Utilizing 
Microorganisms for Lipid Production

Microbial lipid production using lignocellulosic biomass can be improved through 
genetic and/or metabolic approaches. Unlike conventional random mutagenesis for 
strain modification [52–54], the genetic engineering approach is more rational, 
rapid, and reliable resulting in microorganisms with augmented titer and yield, 
improved metabolic activities, tolerance to inhibitors, and adaptation to diverse con-
ditions [55]. It is supposed that directed evolution techniques and engineered meta-
bolic pathway approaches could enhance lipid production efficacies of microbes 
using lignocellulosic biomass.

Current genetic engineering strategies mainly focus on increasing the lipid con-
tent. There have been reports that engineered strains of oleaginous yeast Yarrowia 
lipolytica could accumulate up to 90% of dry cell weight as fatty acids [55] and of 
non-oleaginous fungal origin Saccharomyces cerevisiae [56] and Ashbya gossypii 
[57] as much as 50% and 70%, respectively. Engineered oleaginous bacteria like 
Rhodococcus opacus could completely and/or simultaneously utilize high concen-
trations of xylose or mixed glucose-xylose to produce 45.8% and 54% of lipid con-
tent [38, 58]. Furthermore, mutants of this strain were constructed with improved 
multiple resistance to inhibitors of phenols via adaptive evolution-based strategies, 
which provided more than 200% enhancement in resistance to inhibitors compared 
to the parent strain [59].

In wild oleaginous yeasts, the fatty acid range is somewhat limited. However, 
fungi and microalgae are of desirable commercial value, as the PUFAs’ content 
comprises over 20% of the total fatty acids accumulated. Given favorable condi-
tions, lipid content accumulated as high as 30–70% of dry cell weight could be 
attained in microalgae by enhancing innate lipid content levels [60]. At present, 
Chlamydomonas reinhardtii (green alga) is a potential model candidate for genetic 
engineering studies due to its deciphered genome, and relevant strategies have been 
aimed to manipulate rate-limiting steps of TAG synthesis and improve the meta-
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bolic flux [61, 62]. It has been reported that a tenfold increase in TAG production by 
inactivating of ADP-glucose pyrophosphorylase was achieved in the culture of 
Chlamydomonas, and the modified strain could accumulate up to 46.5% total lipid 
content in absence of ADP-glucose pyrophosphorylase [62].

Additionally, both overexpression and knockout of lipid synthesis genes have 
been applied in microbes to comprehend their metabolisms and improve lipid con-
tent levels. ACC and FAS play a crucial role as biocatalysts for biosynthesizing fatty 
acid as mentioned earlier [10], and improving enzyme activity through genetic engi-
neering can significantly boost lipid metabolism [63]. In an attempt to increase lipid 
production without influencing growth, Thalassiosira pseudonana could be engi-
neered by knock-outing mutations. This resulted in a modified strain by eliminating 
multifunctional lipase/phospholipase/acyltransferase, which could yield a signifi-
cant increase in lipid content [64]. Biodiesel production was also reported from 
metabolically engineered Escherichia coli using glucose in fed-batch cultivation 
with FAEE titer of 1.28 g/L and FAEE content of 26% [10, 65]. Genetic and meta-
bolic engineering are becoming more popular for improving the performance of 
lipid production by microbes, with a major long-term impact upon the commercial 
biofuel production scenario.

10.5  Perspectives

As the most abundant renewable and inedible feedstock, lignocellulose has been 
employed as the carbon source for the production of microbial lipids, which are 
promising precursors for biofuel production. Because of the mechanism of lipid 
accumulation in oleaginous microorganisms and inhibition effects of impurities 
from lignocellulosic hydrolysates, two-stage cultivation provides much better lipid 
content and yield over other culture modes due to the capability of controlling the 
feeding of carbon source and C/N ratio during cultures. Since lipid is an intracellu-
lar product, cell density becomes significantly important to lipid titer. Therefore, 
HCDC strategies coupling with hollow fiber membrane and perfusion technologies 
have been developed for improving both lipid titer and productivity. Overall, pro-
cess development is a powerful tool for enhancing lipid production in terms of yield, 
titer, and productivity. Nowadays, more attention has been drawn in the field of 
metabolic engineering with the ability to control the expression level of genes asso-
ciated with lipid accumulation. It is expected that an efficient platform for lipid 
production and research should integrate both micro-manipulations for the gene 
expression and fermentation strategies with the online control-feedback system, 
which may guarantee optimal conditions for a superb performance.

Acknowledgments This work is supported by the National Key R&D Program of China 
(2018YFA0901500) and the National Natural Science Foundation of China (21878241).

10 Advanced Fermentation Strategies to Enhance Lipid Production…



240

References

 1. Kosa, M., & Ragauskas, A. J. (2011). Lipids from heterotrophic microbes: Advances in metab-
olism research. Trends in Biotechnology, 29(2), 53–61.

 2. Ratledge, C. (2004). Fatty acid biosynthesis in microorganisms being used for single cell oil 
production. Biochimie, 86(11), 807–815.

 3. Garay, L. A., Boundy-Mills, K. L., & German, J. B. (2014). Accumulation of high-value lipids 
in single-cell microorganisms: A mechanistic approach and future perspectives. Journal of 
Agricultural and Food Chemistry, 62(13), 2709–2727.

 4. Zhang, H., Wu, C., Wu, Q., Dai, J., & Song, Y. (2016). Metabolic flux analysis of lipid bio-
synthesis in the yeast Yarrowia lipolytica using 13C-labeled glucose and gas chromatography- 
mass spectrometry. PLoS One, 11(7), e0159187.

 5. Pereira, G., Finco, A. M., Letti, L., Karp, S., Pagnoncelli, M., Oliveira, J., Thomaz-Soccol, V., 
Brar, S., & Soccol, C. (2018). Microbial metabolic pathways in the production of valued-added 
products. In S. K. Brar, R. K. Das, & S. J. Sarma (Eds.), Microbial sensing in fermentation 
(pp. 137–167). Hoboken: Wiley.

 6. Beopoulos, A., Nicaud, J.-M., & Gaillardin, C. (2011). An overview of lipid metabolism in 
yeasts and its impact on biotechnological processes. Applied Microbiology and Biotechnology, 
90(4), 1193–1206.

 7. Ratledge, C., & Wynn, J. P. (2002). The biochemistry and molecular biology of lipid accu-
mulation in oleaginous microorganisms. In A. I. Laskin, J. W. Bennett, & G. M. Gadd (Eds.), 
Advances in applied microbiology (pp. 1–52). Amsterdam: Academic Press.

 8. Passoth, V. (2017). Lipids of yeasts and filamentous fungi and their importance for biotech-
nology. In A. A. Sibirny (Ed.), Biotechnology of yeasts and filamentous fungi (pp. 149–204). 
Cham: Springer International Publishing.

 9. Davis, M. S. S.  J., & Cronan, J. E., Jr. (2000). Overproduction of acetyl-CoA carboxylase 
activity increases the rate of fatty acid biosynthesis in Escherichia coli. Journal of Biological 
Chemistry, 275(37), 28593–28598.

 10. Liang, M. H. J. J. G. (2013). Advancing oleaginous microorganisms to produce lipid via meta-
bolic engineering technology. Progress in Lipid Research, 52(4), 395–408.

 11. Metz, J.  G., Roessler, P., Facciotti, D., Levering, C., Dittrich, F., Lassner, M., Valentine, 
R., Lardizabal, K., Domergue, F., Yamada, A., Yazawa, K., Knauf, V., & Browse, J. (2001). 
Production of polyunsaturated fatty acids by polyketide synthases in both prokaryotes and 
eukaryotes. Science, 293(5528), 290–293.

 12. Ferguson, J. J. A., Dias, C. B., & Garg, M. L. (2016). Omega-3 polyunsaturated fatty acids and 
hyperlipidaemias. In M. V. Hegde, A. A. Zanwar, & S. P. Adekar (Eds.), Omega-3 fatty acids: 
Keys to nutritional health (pp. 67–78). Cham: Springer International Publishing.

 13. Ouyang, L.-L., Chen, S.-H., Li, Y., & Zhou, Z.-G. (2013). Transcriptome analysis reveals 
unique C4-like photosynthesis and oil body formation in an arachidonic acid-rich microalga 
Myrmecia incisa Reisigl H4301. BMC Genomics, 14(1), 396.

 14. Ma Y.-L. (2006). Microbial oils and its research advance. Chinese Journal of Bioprocess 
Engineering, 4(4), 7–11.

 15. Athenstaedt, K. D., & G. (1999). Phosphatidic acid, a key intermediate in lipid metabolism. 
European Journal of Biochemistry, 266(1), 1–16.

 16. Coleman, R. A., & Lee, D. P. (2004). Enzymes of triacylglycerol synthesis and their regula-
tion. Progress in Lipid Research, 43(2), 134–176.

 17. Galán, B., Santos-Merino, M., Nogales, J., de la Cruz, F., & García, J. L. (2019). Microbial 
oils as nutraceuticals and animal feeds. In H. Goldfine (Ed.), Health consequences of micro-
bial interactions with hydrocarbons, oils, and lipids (pp. 1–45). Cham: Springer International 
Publishing.

 18. Minskoff, S. A., Racenis, P. V., Granger, J., Larkins, L., Hajra, A. K., & Greenberg, M. L. 
(1994). Regulation of phosphatidic acid biosynthetic enzymes in Saccharomyces cerevisiae. 
Journal of Lipid Research (USA), 35(12), 2254–2262.

Q. Fei et al.



241

 19. Liang, M.-H., & Jiang, J.-G. (2013). Advancing oleaginous microorganisms to produce lipid 
via metabolic engineering technology. Progress in Lipid Research, 52(4), 395–408.

 20. Jin, M., Slininger, P. J., Dien, B. S., Waghmode, S., Moser, B. R., Orjuela, A., Sousa, L. C., & 
Balan, V. (2015). Microbial lipid-based lignocellulosic biorefinery: Feasibility and challenges. 
Trends in Biotechnology, 33(1), 43–54.

 21. Sousa, F. P., Silva, L. N., de Rezende, D. B., de Oliveira, L. C. A., & Pasa, V. M. D. (2018). 
Simultaneous deoxygenation, cracking and isomerization of palm kernel oil and palm olein 
over beta zeolite to produce biogasoline, green diesel and biojet-fuel. Fuel, 223, 149–156.

 22. Huang, W.-D., & Zhang, Y.  H. P. (2011). Analysis of biofuels production from sugar 
based on three criteria: Thermodynamics, bioenergetics, and product separation. Energy & 
Environmental Science, 4(3), 784–792.

 23. Chang, Y.-H., Chang, K.-S., Lee, C.-F., Hsu, C.-L., Huang, C.-W., & Jang, H.-D. (2015). 
Microbial lipid production by oleaginous yeast Cryptococcus sp. in the batch cultures using 
corncob hydrolysate as carbon source. Biomass and Bioenergy, 72, 95–103.

 24. Anschau, A., Xavier, M. C. A., Hernalsteens, S., & Franco, T. T. (2014). Effect of feeding 
strategies on lipid production by Lipomyces starkeyi. Bioresource Technology, 157, 214–222.

 25. Fei, Q., O’Brien, M., Nelson, R., Chen, X., Lowell, A., & Dowe, N. (2016). Enhanced lipid 
production by Rhodosporidium toruloides using different fed-batch feeding strategies with 
lignocellulosic hydrolysate as the sole carbon source. Biotechnology for Biofuels, 9(1), 1–12.

 26. Economou, C. N., Aggelis, G., Pavlou, S., & Vayenas, D. V. (2011). Single cell oil production 
from rice hulls hydrolysate. Bioresource Technology, 102(20), 9737–9742.

 27. Moreton, R. S. (1988). Physiology of lipid accumulation yeast. In R. S. Moreton (Ed.), Single 
cell oil. London: Longman Higher Education Division.

 28. Zhao, X., Hu, C., Wu, S., Shen, H., & Zhao, Z. K. (2011). Lipid production by Rhodosporidium 
toruloides Y4 using different substrate feeding strategies. Journal of Industrial Microbiology 
& Biotechnology, 38(5), 627–632.

 29. Hernández-Beltrán, J. U., & Hernández-Escoto, H. (2018). Enzymatic hydrolysis of biomass 
at high-solids loadings through fed-batch operation. Biomass and Bioenergy, 119, 191–197.

 30. Li, Y., Zhao, Z., & Bai, F. (2007). High-density cultivation of oleaginous yeast Rhodosporidium 
toruloides Y4 in fed-batch culture. Enzyme and Microbial Technology, 41(3), 312–317.

 31. Liu, Y., Wang, Y., Liu, H., & Zhang, J. a. (2015). Enhanced lipid production with undetoxi-
fied corncob hydrolysate by Rhodotorula glutinis using a high cell density culture strategy. 
Bioresource Technology, 180, 32–39.

 32. Kim, B. S., Lee, S. C., Lee, S. Y., Chang, H. N., Chang, Y. K., & Woo, S. I. (1994). Production 
of poly(3-hydroxybutyric acid) by fed-batch culture of Alcaligenes eutrophus with glucose 
concentration control. Biotechnology and Bioengineering, 43(9), 892.

 33. Salehmin, M. N. I., Annuar, M. S. M., & Chisti, Y. (2013). High cell density fed-batch fer-
mentations for lipase production: Feeding strategies and oxygen transfer. Bioprocess and 
Biosystems Engineering, 36(11), 1527–1543.

 34. Hassan, M., Blanc, P.  J., Granger, L. M., Pareilleux, A., & Goma, G. (1996). Influence of 
nitrogen and iron limitations on lipid production by Cryptococcus curvatus grown in batch and 
fed-batch culture. Process Biochemistry, 31(4), 355–361.

 35. Wiebe, M. G., Koivuranta, K., Penttilä, M., & Ruohonen, L. (2012). Lipid production in batch 
and fed-batch cultures of Rhodosporidium toruloides from 5 and 6 carbon carbohydrates. BMC 
Biotechnology, 12(1), 26.

 36. Slininger, P. J., Dien, B. S., Kurtzman, C. P., Moser, B. R., Bakota, E. L., Thompson, S. R., 
O’Bryan, P. J., Cotta, M. A., Balan, V., Jin, M., Sousa, L. C., & Dale, B. E. (2016). Comparative 
lipid production by oleaginous yeasts in hydrolyzates of lignocellulosic biomass and process 
strategy for high titers. Biotechnology and Bioengineering, 113(8), 1676–1690.

 37. Wang, T., Tian, X., Liu, T., Wang, Z., Guan, W., Guo, M., Chu, J., & Zhuang, Y. (2017). A 
two-stage fed-batch heterotrophic culture of Chlorella protothecoides that combined nitrogen 
depletion with hyperosmotic stress strategy enhanced lipid yield and productivity. Process 
Biochemistry, 60, 74–83.

10 Advanced Fermentation Strategies to Enhance Lipid Production…



242

 38. Fei, Q., Wewetzer, S. J., Kurosawa, K., Rha, C., & Sinskey, A. J. (2015). High-cell-density cul-
tivation of an engineered Rhodococcus opacus strain for lipid production via co-fermentation 
of glucose and xylose. Process Biochemistry, 50(4), 500–506.

 39. Fu, R., Fei, Q., Shang, L., Brigham, C. J., & Chang, H. N. (2018). Enhanced microbial lipid 
production by Cryptococcus albidus in the high-cell-density continuous cultivation with mem-
brane cell recycling and two-stage nutrient limitation. Journal of Industrial Microbiology & 
Biotechnology, 45(12), 1045–1051.

 40. Karamerou, E. E., Theodoropoulos, C., & Webb, C. (2017). Evaluating feeding strategies for 
microbial oil production from glycerol by Rhodotorula glutinis. Engineering in Life Sciences, 
17(3), 314–324.

 41. Chang, H. N., Kim, N.-J., Kang, J., Jeong, C. M., J-d-r, C., Fei, Q., Kim, B. J., Kwon, S., Lee, 
S. Y., & Kim, J. (2011). Multi-stage high cell continuous fermentation for high productivity 
and titer. Bioprocess and Biosystems Engineering, 34(4), 419–431.

 42. Chang, H. N., Jung, K., Choi, J.-d.-r., Lee, J. C., & Woo, H.-C. (2014). Multi-stage continuous 
high cell density culture systems: A review. Biotechnology Advances, 32(2), 514–525.

 43. Chang, H. N. F. Q., Choi, J. D. R., & Jung, K. S. (2011b). Economic evaluation of heterotropic 
microbial lipid (C. albidus) production using low-cost volatile fatty acids in MSC-HCDC bio-
reactor system. BIT’s first annual congress of bioenergy, pp 0425–0429.

 44. Fei, Q., Chang, H. N., Shang, L., J-d-r, C., Kim, N., & Kang, J. (2011). The effect of volatile 
fatty acids as a sole carbon source on lipid accumulation by Cryptococcus albidus for biodiesel 
production. Bioresource Technology, 102(3), 2695–2701.

 45. Palmqvist, E., & Hahn-Hägerdal, B. (2000). Fermentation of lignocellulosic hydrolysates. II: 
Inhibitors and mechanisms of inhibition. Bioresource Technology, 74(1), 25–33.

 46. Hu, C., Zhao, X., Zhao, J., Wu, S., & Zhao, Z. K. (2009). Effects of biomass hydrolysis by- 
products on oleaginous yeast Rhodosporidium toruloides. Bioresource Technology, 100(20), 
4843–4847.

 47. Chao, H., Hong, W., Li-ping, L., Wen-yong, L., & Min-hua, Z. (2012). Effects of alcohol com-
pounds on the growth and lipid accumulation of oleaginous yeast Trichosporon fermentans. 
PLoS One, 7(10), 1–12.

 48. Wang, J., Gao, Q., Zhang, H., & Bao, J. (2016). Inhibitor degradation and lipid accumula-
tion potentials of oleaginous yeast Trichosporon cutaneum using lignocellulose feedstock. 
Bioresource Technology, 218, 892–901.

 49. Huang, C., Wu, H., Smith, T. J., Z-j, L., Lou, W.-Y., & M-h, Z. (2012). In vivo detoxifica-
tion of furfural during lipid production by the oleaginous yeast Trichosporon fermentans. 
Biotechnology Letters, 34(9), 1637–1642.

 50. Gong, Z., Zhou, W., Shen, H., Yang, Z., Wang, G., Zuo, Z., Hou, Y., & Zhao, Z. K. (2016). 
Co-fermentation of acetate and sugars facilitating microbial lipid production on acetate-rich 
biomass hydrolysates. Bioresource Technology, 207, 102–108.

 51. Sitepu, I., Selby, T., Lin, T., Zhu, S., & Boundy-Mills, K. (2014). Carbon source utilization 
and inhibitor tolerance of 45 oleaginous yeast species. Journal of Industrial Microbiology & 
Biotechnology, 41(7), 1061–1070.

 52. Liu, J., Pei, G., Diao, J., Chen, Z., Liu, L., Chen, L., & Zhang, W. (2017). Screening and 
transcriptomic analysis of Crypthecodinium cohnii mutants with high growth and lipid 
content using the acetyl-CoA carboxylase inhibitor sethoxydim. Applied Microbiology and 
Biotechnology, 101(15), 6179–6191.

 53. Cao, S., Zhou, X., Jin, W., Wang, F., Tu, R., Han, S., Chen, H., Chen, C., Xie, G.-J., & Ma, F. 
(2017). Improving of lipid productivity of the oleaginous microalgae Chlorella pyrenoidosa via 
atmospheric and room temperature plasma (ARTP). Bioresource Technology, 244, 1400–1406.

 54. Sun, X., Li, P., Liu, X., Wang, X., Liu, Y., Turaib, A., & Cheng, Z. (2020). Strategies for 
enhanced lipid production of Desmodesmus sp. mutated by atmospheric and room temperature 
plasma with a new efficient screening method. Journal of Cleaner Production, 250, 119509.

 55. Tai, M., & Stephanopoulos, G. (2013). Engineering the push and pull of lipid biosynthesis in 
oleaginous yeast Yarrowia lipolytica for biofuel production. Metabolic Engineering, 15, 1–9.

Q. Fei et al.



243

 56. Kamisaka, Y., Kimura, K., Uemura, H., & Yamaoka, M. (2013). Overexpression of the active 
diacylglycerol acyltransferase variant transforms Saccharomyces cerevisiae into an oleaginous 
yeast. Applied Microbiology and Biotechnology, 97(16), 7345–7355.

 57. Ledesma-Amaro, R., Santos, M. A., Jiménez, A., & Revuelta, J. L. (2014). Strain design of 
Ashbya gossypii for single-cell oil production. Applied and Environmental Microbiology, 
80(4), 1237–1244.

 58. Kurosawa, K., Wewetzer, S.  J., & Sinskey, A.  J. (2013). Engineering xylose metabolism 
in triacylglycerol- producing Rhodococcus opacus for lignocellulosic fuel production. 
Biotechnology for Biofuels, 6(1), 134.

 59. Kurosawa, K., Laser, J., & Sinskey, A.  J. (2015). Tolerance and adaptive evolution of 
triacylglycerol- producing Rhodococcus opacus to lignocellulose-derived inhibitors. 
Biotechnology for Biofuels, 8, 76–85.

 60. Zhang, Y. W. L. W. (2012). Advances in the research of microalgae bioenergy. Marine Sciences, 
36, 132–138.

 61. Majidian, P., Tabatabaei, M., Zeinolabedini, M., Naghshbandi, M.  P., & Chisti, Y. (2018). 
Metabolic engineering of microorganisms for biofuel production. Renewable and Sustainable 
Energy Reviews, 82, 3863–3885.

 62. Li, Y., Han, D., Hu, G., Dauvillee, D., Sommerfeld, M., Ball, S., & Hu, Q. (2010). 
Chlamydomonas starchless mutant defective in ADP-glucose pyrophosphorylase hyper- 
accumulates triacylglycerol. Metabolic Engineering, 12(4), 387–391.

 63. Sahay, S., & Braganza, V. J. (2016). Microalgae based biodiesel production-current and future 
scenario. Journal of Experimental Science, 7, 31–35.

 64. Beopoulos, A., Mrozova, Z., Thevenieau, F., Le Dall, M.-T., Hapala, I., Papanikolaou, S., 
Chardot, T., & Nicaud, J.-M. (2008). Control of lipid accumulation in the yeast Yarrowia lipo-
lytica. Applied and Environmental Microbiology, 74(24), 7779–7789.

 65. Kalscheuer, R., Stölting, T., & Steinbüchel, A. (2006). Microdiesel: Escherichia coli engi-
neered for fuel production. Microbiology, 152(9), 2529–2536.

10 Advanced Fermentation Strategies to Enhance Lipid Production…



245© Springer Nature Switzerland AG 2021
Z.-H. Liu, A. Ragauskas (eds.), Emerging Technologies for Biorefineries, 
Biofuels, and Value-Added Commodities, 
https://doi.org/10.1007/978-3-030-65584-6_11

Chapter 11
Fractionation, Characterization, 
and Valorization of Lignin Derived 
from Engineered Plants

Enshi Liu, Wenqi Li, Seth DeBolt, Sue E. Nokes, and Jian Shi

11.1  Introduction

Escalating concerns over global climate change and the associated environmental, 
societal, and economical challenges have stimulated research and development of 
alternative fuels, chemicals, and materials from sustainable resources [1, 2]. The use 
of first-generation biofuels based on starchy feedstocks is complicated by competi-
tion with food supply and for arable land. As an alternative, lignocellulosic biomass 
feedstocks, such as energy crops, forestry and agricultural wastes, and municipal 
solid wastes, have become promising feedstocks [3, 4]. However, cost-effective 
conversion of biomass feedstocks to value-added fuels and chemicals has not been 
fully realized, mainly due to the costs associated with unit operations (needed to 
overcome biomass recalcitrance), such as feedstock preprocessing, pretreatment, 
and enzymatic hydrolysis. Another challenge is the lack of infrastructure for bio-
mass harvesting, transportation, and storage [5]. Therefore, improving the efficiency 
and sustainability of conversion technologies and the development of feedstocks 
with desirable processing traits have become the foci of the bioenergy/biochemical 
research community over the past few years.

A range of thermochemical and biochemical technologies have been developed 
for utilizing the structural sugars (i.e., cellulose and hemicellulose) from lignocel-
lulosic biomass. In a typical conversion system, three major processes are involved 
in the polysaccharides conversion, that is, pretreatment/fractionation of lignocellu-
losic biomass, enzymatic hydrolysis, and conversion of hexose/pentose to biofuels 
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[6–8] (Fig. 11.1). Extensive efforts have been devoted to reducing the processing 
cost and improving the efficiency of conversion, such as consolidated bioprocessing 
of lignocellulosic biomass, reduction the costs of fungal enzymes, and developing 
co-product strategies from the C5 sugar stream [9, 10]. Throughout these efforts, 
however, lignin (as one of the major components in lignocellulosic biomass) has 
been considered as a waste product. However, the depolymerization and upgrading 
of lignin have received increased attention of late. Scientists are realizing that lignin 
valorization is essential to the success of the lignocellulosic biorefinery as suggested 
by several techno-economic analyses [11–15].

Lignin, the most abundant renewable aromatic polymer in nature, provides struc-
tural strength and protection against microbial/enzymatic degradation of plants 
[16]. Pretreatment is designed and widely used to overcome the lignocellulosic bio-
mass recalcitrance and fractionate/depolymerize lignin into different streams. 
Moreover, characterization of the different lignin streams after pretreatment is criti-
cal to meet the requirements of different lignin valorization pathways. Increasing 
attention has been dedicated to elucidating the changes and variations on lignin 
structure and composition during its fractionation process [17–19]. Genetic modifi-
cation has been used to improve crop yield and productivity and to enhance drought 
and salt resistance [20, 21]. Furthermore, genetically modified feedstocks can be 
more digestible and convertible compared to wild-type plant species [22–24]. In 
particular, modification of the lignin biosynthesis pathways to obtain lignocellulose 
with less recalcitrance has been a major research goal [25].

However, it is still not well understood on the effects of genetic modification on 
fractionation and characterization of lignin from genetically engineered lignocellu-
losic biomass feedstocks. There is a gap in linking the chemistry, biology, and 

Fig. 11.1 Schematic illustration of the production of value-added fuels, chemicals, and materials 
from lignocellulosic biomass
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conversion technology of lignin-engineered plants in the context of a biorefinery, 
but this knowledge is critical for rational design of lignin-engineered plants and 
downstream processing technologies. In the present literature review, we first sum-
marize the recent research progress in lignin modification approaches and the cur-
rent technologies for lignin fractionation and characterization. Particularly, we 
focus on the characteristics of lignin-modified streams from engineered biomass as 
a function of the biology and chemistry of the feedstocks and the conversion pro-
cesses. Possible lignin valorization pathways including oxidative and reductive 
catalysis, electrocatalysis, and biological upgrading are also discussed. In addition, 
challenges and the outlook for future development are briefly reviewed. This review 
will provide information necessary for understanding the effects of genetic modifi-
cation on lignin depolymerization and characterization using current leading lignin 
fractionation technologies.

11.2  Lignin Chemistry, Structure, and Biosynthesis

11.2.1  Lignin Compositions

Native lignocellulosic biomass generally contains three main structural compo-
nents: cellulose (30–50%), hemicellulose (15–30%), and lignin (15–35%) [26]. 
Besides the three main components, lignocellulosic biomass has other extractable 
constituents, such as wax, protein, fat, phenolics, and minerals [27]. Major compo-
sitional components in various lignocellulosic biomass feedstocks are shown in 
Table 11.1, with large variations seen in different groups.

The composition and structure of lignin have been extensively investigated by 
wet-chemistry, microscopic, and spectroscopic methods [36–38]. Generally, lignin 
is considered to be a cross-linked amorphous polymer derived from the polymeriza-
tion of p-coumaryl (H), coniferyl (G), and sinapyl (S) alcohols [39]. The chemical 

Table 11.1 Structural polysaccharides and lignin in various biomass feedstocks

Biomass feedstocks Cellulose (%) Hemicellulose (%) Lignin (%) References

Poplar 42–48 16–22 21–27 [12]
Pine 30.9 19.3 29.0 [28]
Eucalyptus 24–28 39–46 19–32 [12]
Corn stover 28.7–44.4 13.4–25.0 14.3–26.0 [29]
Switchgrass 32.1–33.6 26.1–27.0 17.4–18.4 [30]
Miscanthus 43.1–52.2 27.4–34.0 9.2–12.6 [31]
Industrial hemp 43.6 15.3 21.5 [32]
Sweet sorghum 22.8 32.5 22.2 [33]
Wheat straw 33–40 15–20 20–25 [34]
Sugarcane bagasse 50 25 25 [35]
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structures of the three main phenylpropane units are shown in Fig.  11.2. Lignin 
structure is generally described by the aromatic ring and the aliphatic chain [40].

Lignin contents and compositions vary among plant species, cell types, and 
growth stages of plants. In general, lignin in hardwood primarily consists of G and 
S units, while lignin in softwood is mostly composed of G units. Similar levels of G 
and S units plus a small amount of H units are discovered in grasses [13, 40]. 
Determination of lignin compositions is essential to illustrate the lignin structure 
and to seek appropriate routes for lignin depolymerization and valorization.

11.2.2  Lignin Inter-Unit Linkages

The common inter-unit linkages and functional groups present in lignin are ether 
and C–C bonds [41]. The main inter-unit linkages in lignin structure are shown in 
Fig. 11.3. In native lignin, two-thirds or more of the total linkages are ether bonds, 
and the other linkages are C–C bonds. Inter-unit linkages are named by numbering 
the nine C-atoms in the phenylpropanoid units, of which the aromatic carbons are 
marked from 1 to 6 and the aliphatic carbons are marked as α, β, and γ [42]. For 
instance, β-O-4 is the linkage between β carbon inside the aliphatic side chain and 
the oxygen atom attached to the C4 position of the aromatic moiety. The major link-
ages in the structural units of lignin are β-O-4 (β-aryl ether), β−β (resinol), and β-5 
(phenylcoumaran) [43]. The most abundant type of inter-unit linkage is β-O-4, 
which accounts for more than 50% of all the linkages of lignin in grass, softwood, 
and hardwood. Other linkages include α-O-4 (α-aryl ether), 4-O-5 (diaryl ether), 
5−5, α-O-γ (aliphatic ether), β-1 (spirodienone) [23, 44]. Lignin with relatively 
high numbers of C–C linkages compared to ether linkages is often referred to as 
condensed lignin, which is more rigid and less susceptible to degradation. The dis-
sociation energy required to break C–C linkages, such as β-5 (125–127 kcal/mol), 
is higher than that of ether linkages, such as β-O-4 (54–72 kcal/mol) [41, 45].

Fig. 11.2 Three main phenylpropanoid units in lignin structure

E. Liu et al.



249

11.2.3  Lignin Biosynthesis

Lignin biosynthesis is a polymerization process where the three building blocks 
(i.e., p-coumaryl alcohol, sinapyl alcohol, and coniferyl alcohol) are linked to form 
p-hydroxyphenyl (H), guaiacyl (G), and syringyl (S) lignin, or their mixtures. As 
shown in Fig. 11.4, the biosynthetic pathway starts with the formation of cinnamic 
acid via the deamination of amino acid phenylalanine and is followed by hydroxyl-
ation reactions of aromatic rings, O-methylations, and different side-chain amend-
ments [46]. Moreover, enzymes involved in lignin biosynthesis include phenylalanine 
ammonia-lyase (PAL), cinnamate 4-hydroxylase (C4H), 4-coumarate: CoA ligase 
(4CL), shikimate p-hydroxycinnamoyl transferase (HCT), p-coumarate 
3- hydroxylase (C3H), caffeoyl-CoA 3-O-methyltransferase (CCoAOMT), 
cinnamoyl- CoA reductase (CCR), ferulate 5-hydroxylase (F5H), caffeic acid/5- 
hydroxyferulic acid O-methyltransferase [47], and cinnamyl alcohol dehydroge-
nase (CAD) [39, 46].

According to the lignin biosynthetic pathway, monolignols are derived from phe-
nylalanine (Phe, synthesized through shikimate biosynthetic pathway), via the gen-
eral phenylpropanoid and monolignol-specific pathways in plants [5]. Monolignols 
are generated by the conversion of Phe to cinnamic acid. Para-coumaroyl-CoA is 
derived from cinnamic acid by the enzymes C4H and 4CL, while p- coumaraldehyde 
and p-coumaroyl shikimic acid can be synthesized by CCR and HCT using p- 
coumaroyl- CoA.  Subsequently, p-coumaroyl shikimic acid can be converted to 
coniferaldehyde under the function of enzymes C3H, HCT, CCoAOMT, and 
CCR. Furthermore, sinapaldehyde is derived from coniferaldehyde by the action of 
F5H and COMT.  With the catalysis of CAD, p-coumaraldehyde, sinapaldehyde, 
and coniferaldehyde can be converted to p-coumaryl alcohol, sinapyl alcohol, and 

Fig. 11.3 The main inter-unit linkages in lignin structure (as indicated by the red lines and texts)
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Fig. 11.4 The main biosynthetic pathway for monolignols [46]
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coniferyl alcohol, respectively. After monolignol synthesis, these monomers are 
transported and later oxidized by laccase or peroxidases and polymerized into the 
cell wall structure [48]. Additionally, upstream transcription factors like NAC, MYB, 
and LIM gene families are believed to be responsible for transcriptionally regulating 
the genes that encode key elements of pathways for enzymatic expressions [25]. It 
is worth noting that investigation of lignin biosynthesis is an ongoing effort; new 
knowledge is being added continuously to this area. This review is not intended to 
be exhaustive on the topic of lignin biosynthesis. The reader is referred to the fol-
lowing reviews that discuss lignin biosynthesis in greater detail [12, 39, 46].

By understanding the biosynthetic pathway of lignin, it is possible to take advan-
tage of genetic modification technologies to modify lignin content, compositions of 
subunits, and the inter-unit linkages by downregulation, overexpression, or suppres-
sion of certain genes regulating lignin biosynthesis. Artificial design of plants is a 
promising approach to develop lignocellulosic biomass with favorable characteris-
tics for improvement of overall efficiency in a biorefinery.

11.3  Lignin-Engineered Feedstocks

Genetic modification is considered as an advanced technology to improve the crop 
yield and productivity and to enhance the resistance to drought, salt, and pest. 
Without a doubt, this technology has also been applied to various energy crops, such 
as switchgrass and sorghum, to enhance the convertibility of biomass feedstocks to 
biofuels and bioproducts [49, 50]. The manipulation on lignin biosynthesis or other 
relevant pathways is of particular interest. Several molecular biology methods have 
been developed (Table 11.2), including (a) reduction/escalation of lignin content, 
(b) modification of lignin composition, (c) alternation of lignin deposition in plant 
cell wall, and (d) alternation of inter-unit lignin linkages or linkages within LCC 
(lignin–carbohydrates complex) [51–53]. Some of the efforts on lignin engineering 
are summarized below.

11.3.1  Modification of Lignin Content

Possibly the simplest effort to date has been downregulation of the genes that are 
regulating the key enzymes in lignin biosynthesis. Results have demonstrated the 
capacity to alter the lignin structure or reduce the lignin content in biomass. Many 
different approaches have been developed in the past to lower the lignin content of 
plants. 4CL is one of the crucial enzymes in lignin biosynthetic pathways, specially 
involved in the initial stage of monolignol biosynthesis. Lignin content was reduced 
through inhibiting one of the 4CL gene Pv4CL1 by RNA interference in switch-
grass, and the production of fermentable sugar was significantly increased with this 
mutant [54]. Baucher et  al. reported that 25% of lignin was reduced in tobacco 
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through reduction of 4CL by more than 90% [55]. Chen and Dixon successfully 
reduced lignin content in Alfalfa by downregulating HCT gene [23]. It was also 
reported that downregulation of CCoAOMT can cause the reduction of lignin con-
tent in alfalfa, while suppression of the ferulate 5-hydroxulase (F5H) can reduce the 
accumulation of syringyl lignin in alfalfa fibers [56]. Furthermore, downregulating 
C4H in Populus led to a 30% of reduction in Klason lignin content [57].

In addition, Chabannes et al. compared the downregulations of CCR and CAD, 
and demonstrated that both transgenic lines of tobacco exhibited a reduction of 
lignin content from 22% to 10.7% [58]. In another study, Kawaoka et al. suppressed 
the gene expression of Ecliml and resulted in a reduction of lignin content with 29% 
in Eucalyptus [59]. Researchers transferred an antisense prxA3a gene into a wild- 
type aspen to suppress the expression of prxA3a. Results demonstrated that aspen 
lignin content was reduced by ~20% because of downregulating the gene of anionic 
peroxidase [60]. Moreover, downregulation of C3H can cause the reduction of lig-
nin content in alfalfa; downregulation of CCR in transgenic tobacco led to a dra-
matic decrease in lignin content [53, 61]. Mutations of the brown midrib Bmr6 gene 
in sorghum and Bmr1 gene in maize have been tested to decrease the lignin content, 
increase digestibility in forage, and enhance enzymatic saccharification efficiencies 
[62, 63]. By testing the convertibility of these engineered feedstock, it was generally 
believed that a low lignin content can help to decrease pretreatment severity, improve 
sugar yield, and reduce enzyme usage during enzymatic hydrolysis [52, 64].

Table 11.2 Genetic modification of lignocellulosic biomass feedstocks and its effect on biomass 
digestibility and convertibility

Biomass 
feedstocks

Gene/enzymes 
regulation

Lignin 
content

Lignin 
composition Digestibility References

Alfalfa Downregulation of 
HCT

Reduced Unaffected Increased [23]

Switchgrass Downregulation of 
4CL

Reduced Increased S/G Increased [54]

Arabidopsis Disruption of MED5a 
and MED5b

Reduced Almost 
entirely H

N/A [66]

Tobacco Downregulation of 
C4H

Reduced Increased S/G Increased [67]

Switchgrass Overexpression of 
AtLOV1

Increased Increased S/G N/A [68]

Hybrid poplar Downregulation of 
C3H

Reduced Increased S/G Increased [69]

Poplar Downregulation of 
4CL

Reduced N/A Increased [25]

Hybrid poplar Downregulation of 
4CL

Reduced Increased H N/A [70]

Alfalfa Downregulation of 
C3H or HCT

Reduced Increased S/G N/A [71]

Tobacco Downregulation of 
PAL

Reduced Increased S/G Increased [72]

N/A Not applicable
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11.3.2  Modification of Lignin Structural Subunits

Decomposition of lignin has been shown to be more effective if the subunits S or H 
are dominant. Biomass with a higher percentage of G lignin subunits, for example, 
softwood and hardwood, is more resistant to biochemical decomposition [65]. 
Indeed, modification of lignin structural unit ratios, such as S/G/H ratio, is one of 
the most common strategies of lignin engineering (Table 11.2).

Coleman et al. used RNAi to generate transgenic hybrid poplar by suppressing 
the C3H expression, and the poplar lignin content was significantly reduced. The 
suppression also caused an alternation of lignin monomer composition (increase of 
H units and decrease of G units) [69]. Sewalt et al. altered the expression of C4H 
and PAL in tobacco lines and concluded that the content of Klason lignin was 
reduced by downregulation of C4H and the syringyl to guaiacyl ratio was increased 
from 1.1 to 1.9 by suppressing PAL [67]. In another study, an antisense gene which 
can suppress the activity of CAD was introduced into the tobacco plant. The results 
showed that the genetic modification increased the cinnamaldehyde units in lignin, 
though no significant changes of overall percent lignin content were observed [73]. 
Reddy et al. determined the correlation between lignin content and digestibility in 
alfalfa and discovered that P450 enzymes, C4H, C3H and F5H, were at least par-
tially responsible for the variations in lignin content and composition [74]. 
Downregulation of F5H in Medicago sativa (alfalfa) can reduce the accumulation of 
syringyl lignin in plant cells and generate more easily digestible plant materials 
[56]. Researchers overexpressed the AtLOV1 gene in order to increase lignin con-
tent and monolignol composition in switchgrass cell wall, and demonstrated that 
lignin content increased from 20.6 to 21.8 and S/G ratio increased from 0.64 to 0.86 
compared to wild-type switchgrass [68]. Bonawitz et al. disrupted the expression 
MED5a and MED5b and produced a mutant Arabidopsis that contains almost 
entirely H lignin subunits [66]. Results from a comparative study which examined 
the enzymatic digestibility of wild-type and Arabidopsis mutants with dominant S, 
G, or H subunits subjected to ionic liquid pretreatment confirmed that the Arabidopsis 
mutants with mainly S subunits (92%) were more digestible than wild-type and 
G-lignin (68%) dominant mutant [18].

11.3.3  Modification of Lignin Inter-Unit Linkages 
and Lignin Deposition

Modification of genes related to lignin biosynthesis can also cause changes in lignin 
deposition patterns in secondary plant cell wall, which offers another potential strat-
egy to improve the convertibility of biomass feedstocks [75, 76]. The suppression of 
C3H in poplar reduced the lignin content and at the same time changed the distribu-
tion of lignin in secondary cell wall [69]. Rogers and Campbell surmised that the 
regulation of the PAL gene family provides a transcriptional regulation which may 
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impact the timing and localization of lignification [77]. In addition, synthetic biol-
ogy approaches were developed to understand the secondary cell network in 
Arabidopsis thaliana, leading to a decrease of lignin content and an increase in 
structural sugar depositions in fiber cells [78].

As discussed in Sect. 11.2.3, the dissociation energies needed to cleave the ether 
bonds are lower when compared to the C–C inter-unit lignin linkages. Engineered 
biomass with more ester linkages in lignin polymer is preferred. Thus, modification 
of inter-unit lignin linkages and lignin-hemicellulose linkages offers two potential 
mechanisms to enhance the convertibility of biomass. Studies on the C3H coding 
gene ref8 showed that lack of C3H activity led to large differences in phenylpro-
panoid metabolism [79].

Modification of biomass can also decrease the ferulate and p-coumarate cross- 
linking between xylan and lignin [80]. Researchers utilized a biomimetic model to 
understand the reasons why reductions of ferulate lignin cross-linking can influence 
cell wall fermentation by rumen microbes and improve fiber fermentability [81]. In 
another study, higher p-coumarate levels in corn cell wells were proven to be cor-
related with higher lignin content, which indicated the p-coumarate-assisted lignin 
formation [82]. More ester linkages in poplar trees were achieved by augmenting 
with monolignol ferulate conjugates [83, 84]. Ralph and coworkers summarized the 
recent studies on monolignol-hydroxycinnamate conjugates, and demonstrated that 
understanding the involvement of ferulate in radical cross-coupling reactions during 
lignification provided potential ways to improve efficiency of biomass conver-
sion [85].

11.3.4  CRISPR/Cas9

In addition to current genome editing tools, such as zinc-finger nucleases (ZFNs) 
and transcription activator-like effector nucleases (TALENs), the CRISPR/Cas9 
(clustered regularly interspaced short palindromic repeats/CRISPR-associated pro-
tein 9) genome editing toolbox for aiding fundamental studies of plant gene func-
tions and genetic improvement of crop traits has received increasing attentions [86, 
87]. CRISPR/Cas9 toolbox is designed to allow targeted cleavage of genome DNA 
using small noncoding RNA, which stimulates the cellular DNA repair mechanisms 
in an efficient and precise way [88]. By disrupting the functions of specific genes 
(insertion or deletion), the CRISPR/Cas9 system is capable of creating variations in 
the plant genome and potentially generating desirable traits [89]. The development 
of CRISPR/Cas9 technology provided advanced methods for potential manipula-
tion of plants, including lignocellulosic biomass. Zhou et al. reported the utilization 
of CRISPR/Cas9 system in woody biomass (poplar) where they altered monolignol 
composition by silencing 4CL1 and 4CL2 genes, and achieved reduced lignin con-
tent. Results also demonstrated that the primary role of 4CL genes in lignin biosyn-
thesis and revealed functional redundancy of 4CL genes in supporting lignin and 
flavonoid biosynthetic pathways [90]. Park et  al. established a CRISPR/Cas9 
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system in switchgrass to target the 4CL gene related to lignin biosynthesis, and 
generated genetically engineered plants with thinner cell wall, reduced total lignin 
content, and increased glucose and xylose release upon saccharification [91]. 
Although the efficiency and range of accessible targets still require improvement, 
CRISPR/Cas9 holds great promise as a highly specific approach for modifying 
plant lignin.

11.4  Fractionation of Engineered Feedstocks

The paper and pulping industry use acidification, membrane filtration, and solvent 
extraction methods to isolate and remove lignin. Lignin derived from Kraft pulping 
is called Kraft lignin. A scheme of a typical Kraft pulping is illustrated in Fig. 11.5. 
In this process, softwood or hardwood is processed into paper through cooking, 
washing, bleaching, and drying processes. The lignin in black liquor can be precipi-
tated by acid or CO2 and recovered as Kraft lignin.

However, for a biorefinery focused on making biofuels, chemicals, and other 
bioproducts from lignocellulosic biomass, it is necessary to maximize the utiliza-
tion of carbohydrates and fractionated lignin [93]. The objective of biomass pre-
treatment is to make the cellulose and hemicellulose more accessible to hydrolytic 
enzymes without destroying the sugars and without forming inhibitors to fermenta-
tion. It is the first and one of the most crucial steps for the conversion of biomass to 
C5 and C6 sugars [94]. Selection of pretreatment method has significant impacts on 
the downstream processes, such as enzymatic hydrolysis and fermentation. Here, 
we group pretreatment/fractionation technologies based on their chemistry and dis-
cuss in detail the pretreatment chemistry, process flow and mass flow of cellulose, 
hemicellulose, and lignin during each pretreatment.

Fig. 11.5 Typical Kraft pulping process [92]
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11.4.1  Physical Methods

Physical pretreatment rests on the principles to reduce biomass particle size through 
mechanical processes, which is typically accomplished by milling, chipping, or 
grinding, so that enzyme accessibility is improved by escalating the surface area to 
volume ratio of biomass and reducing cellulose crystallinity and/or degree of 
polymerization. Physical pretreatment is usually followed by other pretreatment 
processes because particle size reduction cannot significantly enhance sugar con-
version rate by itself [95–99]. However, most subsequent pretreatments are enhanced 
by reducing the biomass particle size.

11.4.2  Chemical Methods

Compared to thermochemical conversion [for recent reviews see [100–102]], bio-
chemical conversion requires less energy input and is therefore considered as a 
promising route for biomass utilization. Chemical pretreatments include acid pre-
treatment, alkaline pretreatment, steam pretreatment, and organic solvents pretreat-
ment. Fractionation of lignin and polysaccharides is highly impacted by pretreatment 
chemistry. For instance, acid pretreatment can efficiently solubilize hemicellulose 
and leave a highly digestible solid stream containing the majority of the cellulose 
and lignin. As a result, lignin is mainly recovered from the solid residue after enzy-
matic hydrolysis/fermentation. In contrast, alkaline pretreatment solubilizes a large 
portion of lignin in the biomass; thus, the lignin can be recovered from liquid stream. 
Solvent-based pretreatment methods possess the ability to solubilize cellulose, 
hemicellulose, or lignin individually or simultaneously; thus, the order of recovery 
of the sugar and lignin streams is process dependent.

11.4.2.1  Neutral or Acidic Chemistry

Steam Explosion Steam explosion is a pretreatment method which treats lignocel-
lulosic biomass by saturated steam with rapid heating and high pressure. Numerous 
studies have examined steam explosion and subsequent enzymatic hydrolysis [103]. 
During heating, the steam permeates the lignocellulosic substrate and the hydrolysis 
of hemicellulose is accelerated. At a set time, the process will be terminated by 
rapid venting of the steam from reactor to atmospheric pressure. With pressure flash 
reduced, the water within cellulose substrate vaporizes and promptly expands, by 
which biomass is deconstructed [104–106]. Hemicellulose can be hydrolyzed by 
acids generated from hydrolysis of acetyl groups. The acetic acid released from the 
hemicellulose hydrolysis will further catalyze glucose or xylose degradation. Also, 
water acts as acid at high temperature conditions [107, 108]. In a typical steam 
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explosion process, most of the hemicellulose fraction is solubilized and removed, 
while majority of the lignin is preserved in the solid stream.

Hot Water Hot water pretreatment employs high temperature water, 180–250 °C, 
at an elevated pressure to maintain the hot water in liquid phase. Different reactors, 
such as co/counter-current and flow-through, have been developed to improve the 
mass and heat transfer between the biomass and the hot water. Also, various miner-
als and organic acids, acting as pretreatment catalysts, such as sulfuric, acetic, citric, 
maleic, and oxalic acid, have been examined [109–111]. Liquid hot water pretreat-
ment aims to solubilize and remove hemicellulose from solids containing cellulose 
and lignin. Approximately 40–60% of total biomass is solubilized in the hot water 
solvolysis, of which 4–22% is cellulose, 35–60% is lignin and all the hemicellu-
lose [112].

Dilute Acid Dilute acid accelerates hemicellulose hydrolysis during biomass pre-
treatment. The low pH facilitates hemicellulose solubilization, along with lignin 
relocating/precipitation to the cellulose fiber, and in turn increasing the accessible 
surface for enzymes to attach. As shown in Fig. 11.6a, in a typical dilute acid pre-
treatment process, hemicellulose is dissolved in the liquid stream, while cellulose 
and most of lignin fraction are fractionated into solid stream. Dilute acid pretreat-
ment has been developed for overcoming the recalcitrance of various biomass feed-
stocks. Dien et al. conducted dilute acid pretreatment on switchgrass, alfalfa stems, 
and reed canary grass harvested at different growth stages and evaluated the sugar 
yields after enzymatic hydrolysis. Among the two sulfuric acid pretreatment condi-
tions (121 °C for 1 h and 150 °C for 20 min) evaluated, 655 g/kg dry material was 
the highest glucose yield achieved from switchgrass [113]. Researchers evaluated 
the effects of dilute acid pretreatment on the supramolecular and ultrastructure of 
switchgrass at 160–180 °C under different sulfuric acid concentrations, and found 
that the crystallinity index increased whereas molecular weight decreased with pre-
treatment severity [114]. In another study, researchers compared transgenic and 
wild-type switchgrass using dilute acid pretreatment, and concluded that the pro-
portion of acid soluble lignin was higher in transgenic switchgrass, which led to a 
considerable increase in sugar solubilization [115]. When compared to liquid hot 
water pretreatment, dilute acid pretreatment can be performed at relatively mild 
conditions and is effective on various biomass feedstocks including wood. However, 
a washing step is required to remove the excessive acids and fermentation inhibi-
tors, such as furfural and hydroxymethyl furfural (HMF). Lignin recovered from 
dilute acid pretreatment may subject to recondensation, especially at severe condi-
tions [116].
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Fig. 11.6 Pretreatment process flowchart illustrating paths for structural sugars and lignin: (a) 
dilute acid pretreatment, (b) ammonia hydroxide pretreatment, and (c) ionic liquid pretreatment
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11.4.2.2  Alkaline Chemistry

Alkaline (also known as high pH) pretreatment operates at high pH by adding alka-
lis such as lime (calcium hydroxide), sodium hydroxide, and aqueous ammonia. 
This type of pretreatment removes a large fraction of lignin and acetyl groups 
because lignin hydrophilicity/solubility is increased in alkaline solutions. In a typi-
cal alkaline or high pH (ammonia hydroxide) pretreatment process is shown in 
Fig. 11.6b. A high pH pretreatment breaks down the ester and glycosidic side chains 
and promotes the solubilization of the lignin fraction and the hemicellulose fraction. 
The dissolved lignin can be precipitated out at high purity by adjusting the pH to the 
acidic range. In a recent study, a bench-scale continuous NaOH pretreatment system 
for switchgrass has been developed. A glucose yield of 90.8% was achieved at a 
flow of 15  g/min biomass and 120  ml/min NaOH with minimum concentration 
[117]. Xu et al. optimized the conditions of lime pretreatment of switchgrass, with 
the best conditions at 50 °C for 24 h at an alkaline loading of 0.1 g lime/g raw bio-
mass [118]. Wang et al. modified the switchgrass reducing the lignin content up to 
5.8%. They pretreated the modified switchgrass with 0.5%, 1%, and 2% NaOH 
for 15, 30, and 60 min at 121 °C, achieving a 16–18% higher sugar yield in the 
transgenic switchgrass compared to wild types [116]. Salvi et  al. pretreated sor-
ghum fibers using dilute ammonia hydroxide (sorghum: ammonia: water, 1: 0.14: 8) 
at 160 °C for 1 h, and removed 44% of the lignin and 35% of the hemicellulose 
[119]. Ko et al. optimized rice straw pretreatment conditions using aqueous ammo-
nia, and found that 69 °C, 10 h, and an ammonia concentration of 21% (w/w) were 
the optimal reaction conditions to achieve high sugar yields upon saccharification 
[120]. Gao et  al. investigated acetone, butanol, and ethanol fermentation from 
switchgrass pretreated with 1% NaOH, acquiring a reducing-sugar yield of 365 g/
kg biomass and 146 g/kg ABE yield [121].

The molecular weight distribution and structural characteristics of lignin recov-
ered from alkaline pretreatment were significantly different. With the presence of 
H2O2, Gupta and Lee reported that NaOH pretreated switchgrass lignin had a lower 
content of aromatics but a greater fraction of guaiacyl-type monolignols than ammo-
nia pretreated switchgrass lignin [122]. Qin et al. optimized the conditions of aque-
ous ammonia pretreatment of corn stover and recommended a condition of 180 °C, 
20% ammonia hydroxide, and 30  min to optimize lignin degradation to low- 
molecular- weight soluble fragments [123]. Despite the high chemical cost as com-
pared with inexpensive mineral acids and issues with waste disposal, high pH 
pretreatment can be a promising method for lignocellulosic biomass if an inexpen-
sive alkali is selected or the chemical can be recycled.

Wet Oxidation In wet oxidation pretreatment, biomass is exposed to water and 
oxygen/air above 120 °C for a set of time period [124–126]. In a typical wet oxida-
tion process, the lignocellulosic biomass is fractionated through dissolving lignin 
and hemicellulose. The presence of oxygen promotes the degradation of hemicel-
lulose and possibly a portion of the cellulose which can boost the release of struc-
tural organic acids [126]. Attempts combining wet oxidation pretreatment and 
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alkaline pretreatment have also been reported. Although wet oxidation can effi-
ciently fractionate biomass and generate high sugar yield, the byproducts obtained 
from oxidation would have negative effects on the enzymatic hydrolysis and down-
stream fermentation. However, the alkaline condition can significantly reduce the 
formation of furfural from xylan [127–129].

11.4.2.3  Solvent-Based Fractionation

Organosolv Organosolv pretreatment involves using organic solvent or aqueous 
solutions of organic solvents, such as alcohol, organic acids, and acetone, to dis-
solve fractions of hemicellulose and lignin [130–133]. The pretreated solids, after 
organosolv pretreatment, preserve the cellulose component in its original form and 
contain fractions of hemicellulose and lignin. Organic solvents selected for the 
organosolv pretreatment can be recycled by distillation. The lignin in the condensed 
black liquor can be precipitated by diluting with water. The organosolv lignin has 
improved solubility in solvents and thus is amendable to producing either value- 
added chemicals or materials [134]. Compared to conventional acid or alkaline pre-
treatment, organosolv pretreatment isolates a lignin fraction with a higher quality 
and purity. However, the organic solvents are expensive; even though they can be 
recovered, energy input can be intensive [135].

Ammonia Fiber Explosion (AFEX) AFEX is performed under high pressure and 
moderate temperatures ranging from 60 to 100 °C and catalyzed by concentrated 
ammonia. In a modified version a small amount of water/moisture is introduced to 
allow better extraction of hemicellulose sugars and lignin. Similar to steam explo-
sion, lignocellulosic biomass is saturated with the ammonia mixture for a set of time 
under a high pressure before rapidly depressurizing to atmospheric pressure in 
AFEX pretreatment [136, 137]. The intense expansion of ammonia vapor can break 
down lignin–carbohydrate linkages and improve hemicellulose hydrolysis, cellu-
lose decrystallization, and lignin depolymerization, all of which contribute to an 
enhanced enzyme accessibility [138–140]. Compared to steam explosion, the lower 
temperature requirement significantly reduces the energy input and overall cost of 
biomass deconstruction. However, it is reported that AFEX pretreatment only works 
well on hardwood as opposed to softwood [106, 141]. In a typical AFEX process, 
lignin and hemicellulose fractions are retained in the pretreated solid; however, they 
can be recovered after enzymatic hydrolysis/fermentation removes the cellulose.

Ionic Liquid Ionic liquids (ILs) are salts which are typically in the liquid state 
when temperature is below 100 °C. Owing to their strong solvent power, ionic liq-
uids can solubilize all the lignocellulosic biomass or selectively dissolve compo-
nents like lignin and cellulose. The dissolved components can be re-precipitated 
with anti-solvent like water, methanol, and ethanol. Less-crystalline reconstituted 
cellulose could be obtained from this pretreatment. The typical types of ILs being 
used for biomass pretreatment include: EMIM (1-ethyl-3-methylimidazolium)-
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based ILs (e.g., [C2C1Im][OAc] and [C2C1Im][Cl]), BMIM (1-butyl-3- 
methylimidazolium)-based ILs (e.g., [C4C1Im][Cl]), and cholinium amino acids ILs 
(e.g., cholinium lysinate). The high hydrogen bonds basicity of IL breaks the molec-
ular hydrogen bonds in cellulose, making the cellulose less crystalline and easier to 
hydrolyze. The details of a typical IL pretreatment process are illustrated in 
Fig. 11.6c. In a typical IL process, most of the lignin streams and part of hemicel-
lulose fraction are fractionated into the liquid phase, and the cellulose fraction needs 
to be regenerated by adding water or solvents to the liquid phase.

In order to develop cost-effective IL-based pretreatment methods, recent studies 
have demonstrated the feasibility of using IL and water mixtures (aqueous ILs) to 
reduce the energy inputs and eliminate technical barriers, such as high viscosity and 
recycling of ILs and gel formation, during IL pretreatment [142, 143]. In addition, 
certain biocompatible ILs (e.g., cholinium lysinate) associated with the aqueous 
environment provide possible approaches to covert lignin into value-added fuels 
and chemicals in the liquid phase without further lignin extraction or separa-
tion [143].

11.4.3  Biological Methods

As opposed to physical and chemical pretreatments which require intense energy 
input, biological pretreatments employ natural microorganisms and take advantages 
of their enzyme systems to break down the inter-unit linkages in lignin and between 
lignin and structural polysaccharides. White-rot fungi, including Pleurotus ostrea-
tus, Phlebia subserialis, Ceriporiopsis subvermispora, Bjerkandera adusta, Cyathus 
bulleri, and Phanerochaete chrysosporium, as well as anaerobic bacterium 
Clostridium thermocellum are believed to be the most promising microorganisms to 
conduct biological pretreatment [144–147]. Chinn and Nokes screened a group of 
thermophilic anaerobic bacteria (Clostridium thermocellum) for solid substrate cul-
tivation using different biomass feedstocks (such as corn stover, sugar cane bagasse, 
wheat bran) [148]. Flythe et al. conducted research to study the effects of biomass 
particle size on switchgrass fermentation by Clostridium thermocellum [149]. 
Moreover, thermophilic anaerobe Thermoanaerobacterium saccharolyticum was 
investigated for production of n-butanol [150]. However, relatively longer residence 
times, up to days, significantly restricts biological pretreatment application in a 
large-scale biorefinery. In addition, the growth of microbes consumes carbohy-
drates, which jeopardizes the sugar yield [151].

Given the multiple pretreatment options, the pretreatment chemistry and mode of 
action greatly influence the pretreatment effectiveness such as lignin removal/recov-
ery and enzymatic hydrolysis sugar yield. More importantly, different pretreatment 
methods lead to different characteristics of the extracted lignins. Table 11.3 reca-
pitulates the effects of pretreatment methods on lignin fractionation and character-
ization. Generally, solvent-based or alkali pretreatment removes the highest fraction 
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from the plant material, while pretreatment with neutral, acidic chemistry, or physi-
cal pretreatment, that is, ball milling, extracts lower fraction of lignin. As a result, 
the lignin streams can be easily recovered from either the pretreatment liquid or 
pretreated solids streams depending on pretreatment method. Different pretreatment 
chemistry alters the monolignol composition of the extract lignin by preferentially 
removing S or G lignins. Most of physical and chemical pretreatment methods lead 
to reduced lignin molecular weight and breakdown of β-O-4′ lignin inter-unit link-
ages. However, the impact of biological pretreatment on lignin characteristics is not 
well documented.

11.5  Lignin Characterization

11.5.1  Lignin Content and Compositions

Numerous quantification methods have been developed to measure the lignin con-
tent in different plants [164]. Near infrared spectroscopy is one method utilized to 
quantify lignin content in plants by comparing the intensity of several signature 
lignin bands representing the aromatic skeleton of lignin [165, 166]. The two most 
commonly used spectrometric methods involve the detection of thioglycolate and 
acetyl bromide, after solubilization of the lignin [167]. Spectrometric methods can 
then be used to determine the relative lignin abundance owing to the strong absor-
bance of lignin compounds in the ultraviolet region of spectrum [168]. The most 
commonly used method to determine lignin content is two-step acid hydrolysis, 
which was originally developed by Klason and improved by National Renewable 
Energy Laboratory (NREL) [169]. The concept that lignin is mainly generated by 
dehydration of three monolignols (i.e., p-coumaryl, coniferyl, and sinapyl alcohols) 
was first reviewed and proposed by Freudenberg [170]. The relative abundance of 
monolignols in lignin varies in different plant species.

Genetically engineered modification leads to a reduction in lignin content and an 
improvement of biomass digestibility, which can potentially promote the develop-
ment of cost-effective pretreatment technologies in biofuels production from ligno-
cellulosic biomass. A 40% lignin reduction and 14% cellulose escalation were 
achieved in genetically engineered aspen trees by silencing 4CL gene [171]. 
Downregulation of cinnamyl alcohol dehydrogenase (CAD) in Populus spp. 
increased the lignin solubility in alkaline during pulping processes and facilitated 
the kraft delignification [172]. Genetic modification of lignin can potentially reduce 
the recalcitrance of biomass and further reduce the cost in biorefinery. The lignin 
which is broken down into low-molecular-weight fragments needs to be character-
ized by different technologies (e.g., GC/MS, NMR, GPC, and FTIR) before upgrad-
ing to value-added fuels and chemicals [38].
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11.5.2  Lignin Molecular Weight Distribution

Lignin molecular weight distribution is a key factor that reflects the degree of lignin 
depolymerization and provides fundamental information for lignin upgrading. The 
molecular weight of lignin in native biomass varies by feedstocks. The lignin 
molecular weight distribution highly depends on the lignin extraction and isolation 
methods; thus, lignin extraction methods are required to preserve native lignin to the 
greatest extent. Commonly available isolated lignin, such as Milled wood lignin 
(MWL) [173], cellulolytic enzyme lignin (CEL) [174], and enzymatic mild acidoly-
sis lignin (EMAL) [175, 176], is named by the mild extraction methods. Each isola-
tion approach has merits and drawbacks in respect to the yield, integrity, and purity 
of the isolated lignin from biomass.

Numerous lignin molecular weight characterization techniques are available, 
including vapor pressure osmometry (VPO) [176], lignin ultra-filtration and nano- 
filtration [177], static/dynamic light scattering [178], mass spectrometry [179], and 
gel permeation chromatography (GPC) [180, 181], of which, the most commonly 
employed one is GPC or SEC (size exclusion chromatography). El Hage et al. stud-
ied and compared the molecular weight distribution between Miscanthus MWL and 
Miscanthus organosolv lignin, and concluded that the molecular weight of lignin on 
weight average (Mw) and number average (Mn) for organosolv lignin were signifi-
cantly lower than that of MWL in Miscanthus [182]. Joffres et al. conducted hydro-
conversion of wheat straw in the presence of catalysts and characterized lignin by 
GPC to evaluate the conversion efficiency [183]. Salanti et  al. characterized the 
alkaline extracted lignin from rice husk and optimized the reaction conditions based 
on the GPC results [184]. GPC analyses provided molecular weight distribution in 
the extracted lignin of waterlogged wood and determined the aging effects on the 
structure of archeological wood [184]. Tejado et  al. explored different physical/
chemical methods to characterize three different types of lignin (i.e., kraft lignin 
from pine, soda–anthraquinone flax lignin, and ethanol–water wild tamarind lignin) 
for resin production; GPC results from this research demonstrated that the molecu-
lar weight distribution of three sources of lignin were different, thus suitable for 
different applications [185].

Characterization of representative lignin streams from a variety of biomass feed-
stocks fractionated by different pretreatment methods is presented in Table 11.4. A 
number of studies demonstrated that genetic modification of lignin biosynthetic 
pathway reduced the lignin content and degree of polymerization and generated 
lignin with smaller molecular weight when compared to the native plants. GPC 
analysis of isolated ball-milled lignin from engineered alfalfa (Medicago sativa) by 
downregulation of C3H or HCT indicated significant changes in the Mw distribu-
tion between wild-type and engineered plants [71]. Lignin extracted from CAD or 
OMT-deficient trees denoted 11–29% lower Mw values than that of the wild-type 
trees [186]. The Mw of lignin created by overexpression of PvMYB4 in alfalfa was 
4400–4900 Da as compared to 5300–5500 Da in wild-type species [187]. According 
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to lignin molecular weight distribution characterization, it is clear that genetic mod-
ification of lignin biosynthesis can produce lignocellulosic biomass feedstocks that 
are more susceptible to pretreatments and can easily depolymerize lignin into poly-
mers with small molecular weights.

Table 11.4 Lignin streams fractionated by different pretreatments and characterized by current 
biorefining technologies

Pretreatment
Biomass 
feedstocks

Lignin streams

Lignin molecular 
weight 
distribution 
(after 
pretreatment)

Lignin 
inter-unit 
linkages References

Liquid 
(%)

Solids 
(%)

Mw (g/
mol)

Mn 
(g/
mol)

[C2C1Im]
[OAc]

Engineered 
Arabidopsis 
(med5a 
med5b ref8)

70.4 29.6 N/A N/A Cleavage of 
β-O-4 is greater 
than cleavage 
of β-β and β-5 
linkages

[18]

Ethanol 
organosolv

Switchgrass 60.5 39.5 4200 980 Mainly breaks 
down β-O-4 
linkages

[54]

Dilute acid Poplar ~15 ~85 8280 ~2800 β-O-4 linkages 
are susceptible 
to dilute acid 
pretreatment

[198]

[C2mim]
[OAc]

Switchgrass 40.5 59.5 N/A N/A Major inter-unit 
linkages are 
β-aryl ethers

[199]

Aqueous 
ammonia

Cotton stalk ~16 ~84 ~1700 ~890 75.6% of β-O-4 
linkages in 
ammonia 
extracted lignin

[157]

Organosolv Miscanthus 52 48 4690 7060 ~0.41 β-O-4 
linkages per 
aromatic ring

[182]

[C2mim]
[OAc]

Wheat straw 36.3 63.7 N/A N/A β-Aryl ethers 
are the major 
linkages

[17]

50% [Ch]
[Lys]

Rice straw 58.9 41.1 N/A N/A N/A [200]

[Ch][Lys] Switchgrass 85.1 14.9 N/A N/A N/A [201]
CEL followed 
by 
hydrothermal

Hybrid poplar ~44 ~56 ~4800 ~1700 Significant 
reduction of 
β-O-4 linkages

[202]

N/A Not applicable
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11.5.3  Lignin Inter-Unit Linkages and Functional Groups

Delineating the complex structure and composition of lignin is not a simple task. 
Traditional wet chemistry analytical methods, such as the degradation technique, 
will not provide sufficient information to describe the entire structure of lignin 
[188]. Spectroscopic techniques, such as ultraviolet–visible (UV–vis), Raman spec-
troscopy, and infrared (IR) spectroscopy, prove to be powerful tools as compared to 
wet chemistry analytical methods. Nuclear magnetic resonance (NMR) spectros-
copy, in particular, can provide both compositional and structural information of 
lignin at high resolution [189]. Quantitative 13C NMR is a useful tool for lignin 
characterization, and it was initiated in the early 1980s [190]. The advancement of 
both software and spectra quality further improved lignin quantitative 13C NMR 
characterization methods in the past decades [191]. Recent development of multi- 
dimensional NMR has allowed spectroscopy to provide more structural information 
on lignin molecules [192].

Lignin structure and composition in mutant tobacco (lignin content reduced by 
downregulating CCR and CAD) were studied by NMR spectroscopy and results 
illustrated that engineered tobacco contained fewer coniferyl alcohol-derived units 
[175]. In another study, Marita et al. discovered an increase of syringyl unit content 
(determined by NMR spectroscopy) in Arabidopsis which was deficient in F5H by 
overexpression of F5H gene [193]. Furthermore, NMR spectroscopy provided a 
reliable solution to diagnose and illuminate lignin structure in CAD- and COMT- 
deficient poplar [194]. Pu et  al. summarized the increasing attentions of 31P 
NMR spectroscopy to quantitatively characterize lignin structure and bio-oils and 
biodiesels derived from biomass or lignin [195]. Yuan et al. utilized 1H–13C HSQC 
NMR spectroscopy to characterize lignin structures and lignin–carbohydrate inter- 
unit linkages in MWL and MAL (mild acidolysis lignin) from poplar wood and 
estimated the S to G ratio in these two types of lignin materials [196]. Del Rio et al. 
carried out the structural and compositional study of wheat straw lignin by two dif-
ferent methods, that is, DFRC (derivatization followed by reductive cleavage) and 
1H–13C HSQC NMR spectroscopy, and provided information on S/G/H subunits in 
wheat lignin [197].

Furthermore, NMR technology (13C and 31P) has been developed to determine 
the characteristics of pyrolysis oil from softwood and to identify the cleavage of 
inter-unit linkages in lignin [203]. Eudes et al. expressed 3-dehydroshikimate dehy-
dratase from Corynebacterium glutamicum in Arabidopsis, and NMR spectroscopy 
results revealed a significant increase of two H-lignin precursors and a reduction of 
G- and S-lignin, which indicated a decline of phenylcoumaran and resinol (β-5 and 
β-β linkages, respectively). Compared to wild-type plants, the modified species 
demonstrated higher sugar yields from lower amounts of enzymes used for sac-
charification [204]. Liu et al. fractionated genetically engineered switchgrass using 
aqueous cholinium lysinate and employed 1H–13C HSQC NMR spectroscopy  to 
determine the lignin compositional changes and cleavage of inter-unit linkages. 
Results indicated that genetic modification led to compositional variations in 
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switchgrass and generated different modes of lignin depolymerization [143]. 
Clearly, 2D HSQC NMR spectroscopy has become a standard tool to identify lignin 
monomer composition and reveal lignin structure and lignin inter-unit linkages in 
native and engineered plants and their changes during the lignin fractionation and 
valorization process. Mansfield et al. also developed a detailed protocol to charac-
terize lignin structure and composition in plant cell wall [205].

Fourier transform infrared spectroscopy (FTIR) is an analytical and qualitative 
technique using infrared light to scan test materials. The resulting infrared spectrum 
reflects the absorption or emission of infrared from samples in solid, liquid, or gas 
state, by which chemical properties of organic, polymeric, and, in some cases, inor-
ganic material can be identified [206]. Using FTIR to determine functionalities in 
lignin has been well documented [207–209]. Application of the infrared spectros-
copy technique, especially diffuse reflectance infrared Fourier transform (DRIFT) 
[210], provides a snapshot of lignin samples due to the tremendous amount of infor-
mation contained in the energy modes of different bonds. FTIR can reveal chemical 
fingerprinting of lignin and cellulosic components and monitor the chemical 
changes of carbohydrates/lignin during physical/chemical processing. Therefore, 
extensive studies have employed FTIR to qualitatively characterize lignin, cellu-
lose, and hemicellulose components in lignocellulosic biomass before and after pre-
treatment [211, 212].

11.5.4  Thermal Properties

Strong interest has been shown for thermochemically depolymerizing and valoriz-
ing lignin into a potential feedstock for value-added chemicals. Thus, lignin’s ther-
mal degradation behavior needs to be better understood [213–216]. Furthermore, 
thermal properties provide critical information about lignin-derived materials such 
as carbon fiber, porous carbon, and resins. As a branch of material science, thermal 
analysis examines the impact of temperature change on the properties of materials. 
Numerous thermal analysis methods have been developed, of which DSC (differen-
tial scanning calorimetry) and TGA (thermogravimetric analysis) are the most 
widely used techniques [217]. TGA determines the mass gain or loss due to oxida-
tion or decomposition properties of a sample as a function of temperature, from 
which information about vaporization, absorption, and desorption is revealed. In 
addition, TGA provides information about the chemical reactions within the mate-
rial under elevated temperatures, including dehydration, decomposition, and solid–
gas reactions [218]. Moreover, the heat capacity, phase transition, and glass 
transition temperature of amorphous polymers (e.g., cellulose and lignin) can be 
measured by DSC with high precision [219]. For instance, the glass transition tem-
perature of lignins from genetically modified poplars presented differences at a tem-
perature range from 170 to 190 °C due to the genetic modifications and the age of 
the plant. The results also indicated that thermal analysis was a sensitive approach 
to find the correlations between lignin structure and lignin properties (e.g., lignin 
condensation degree) [186].
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11.6  Lignin Upgrading

11.6.1  Oxidative Catalysis

Catalytic oxidation of lignin aims to depolymerize lignin to value-added aromatic 
compounds under oxidizing condition with the aid of a catalyst. Ma et al. summa-
rized the processes of lignin oxidation and the catalysts being applied to produce 
chemicals, which included phenolic compounds, dicarboxylic acids, and quinones 
[220]. Oxidative catalysts, including organometallic catalyst, metal-free organic 
catalyst, and acid or base catalysts, have been extensively investigated. The most 
commonly used catalysts are nitrobenzene, metal oxides, and molecular oxygen, for 
instance, H2O2/MTO, [MeRe(O2)O2], [Co(salen)], Mn(salen), and Cu(salen). The 
typical biomimetic catalysts used for lignin depolymerization are synthetic metal-
loporphyrins, which are similar in structure to lignin-degrading enzymes (e.g., lig-
nin peroxidase and manganese peroxidase) and contribute to a high yield of 
monomeric products [221]. Photocatalytic oxidation is a method to degrade lignin 
using TiO2, ZnO2, etc. catalysts assisted by UV light to reduce reaction time and 
minimize the resulting organic pollutants [222].

Genetic modification of lignocellulosic biomass provides a promising method to 
enhance the yield and selectivity of lignin catalytic oxidation. Luo et al. reported the 
effects of solvent types, that is, acetic acid/formic acid, acetone, and methanol, on 
the organosolv extraction and catalytic upgrading of lignin from wild-type and 
genetically engineered poplars (high-S and low-S). The results demonstrated that 
genetically modified poplar with high S-lignin had higher lignin extraction yields 
compared to poplar with low S-lignin and wild-type poplar, and the highest yield of 
aromatics was obtained from methanol-extracted lignin [223]. Parsell et al. utilized 
bimetallic catalyst (i.e., Zn/Pd/C) to convert lignin from transgenic poplar with 
enhanced S-lignin to methoxyphenol products, and the remaining polysaccharides 
were easily hydrolyzed (over 95% glucose yield) by enzymes [224]. Oxidative 
catalysis is one of the most widely used catalytic methods to depolymerize lignin in 
native and genetically modified plants, although yield and selectivity still need to be 
improved.

11.6.2  Reductive Catalysis

Reductive catalysis is an efficient process to depolymerize lignin into low- molecular- 
weight polymers and phenols, and further to produce value-added fuels/chemicals 
through a thermal reduction process of lignin by hydrogen. Reductive reactions are 
able to break down carbon–carbon or carbon–heteroatom bonds in the presence of 
metal catalysts (e.g., Pt, Pd, Cu, and Ni) at an elevated temperature and hydrogen 
pressure. Feghali et al. evaluated an efficient method of convergent reductive cataly-
sis (metal-free) of wood lignin, and successfully obtained high yields of phenolic 
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compounds from lignin and woody materials [225]. Moreover, the introduction of a 
second metal enhanced the catalytic performance. Parsell et al. reported a bimetallic 
catalytic system (including Pd/C and Zn) to selectively cleave linkages in lignin 
model compounds [226]. Due to the complex structure and composition of native 
lignin, it is a big challenge to obtain pure products from lignin depolymerization. 
Reductive catalysis is a promising technology to deconstruct and further upgrade 
lignin. To our knowledge, no literature has been reported on employing reductive 
catalysis of lignin from genetically modified plants.

11.6.3  Electro-catalysis

Electro-catalysis is a potential method for efficiently converting lignin into fuels 
and chemicals, and electro-catalysis displays higher activity and stability than oxi-
dative/reductive catalysts. For example, IrO2-based electrodes (including Ti/RuO2–
IrO2 and Ti/TiO2–IrO2) are commonly used in electro-catalysis. Milczarek et  al. 
conducted the electro-catalysis in TRIS–HNO3 buffers in the absence or presence of 
Mg2+ to determine the effect of pH changes on catalytic conversion [227]. Ionic 
liquids combined with electro-catalysis have demonstrated an efficient method to 
depolymerize and upgrade lignin. Ionic liquids can dissolve lignin effectively and 
can be an excellent mediator to selectively break down C–C and β-O-4 linkages in 
electronic mediator systems. Reichert et al. employed a novel approach of electro- 
catalysis of lignin by dissolving lignin in a special ionic liquid (triethylammonium 
methanesulfonate) and using a coated anode to oxidize lignin. Results demonstrated 
that the electro-catalysis produced various aromatic fragments from lignin [228]. 
Electro-catalysis is a promising lignin depolymerization method; however, the cost 
and the electrode fouling problems need to be addressed before widespread 
applications.

11.6.4  Biological Upgrading

11.6.4.1  Lignin Degrading Enzymes

Lignin is not able to be as easily and efficiently depolymerize as other polymers in 
nature (e.g., cellulose and starch) due to heterogeneous nature and various inter-unit 
linkages. However, white rot fungi have been demonstrated to produce extracellular 
lignin-degrading enzymes that are able to accomplish some degree of lignin depo-
lymerization [229]. White rot fungi secrets extracellular lignin-degrading oxidative 
enzymes, such as LiP (lignin peroxidase, EC 1.11.1.14), MnP (manganese peroxi-
dase, EC 1.11.1.13), AAO (aryl alcohol oxidase, EC 1.1.3.7), and laccase (EC, 
1.10.3.2) [230]. Lignin peroxidase can oxidize a wide range of phenolic and non- 
phenolic compounds with its high redox potential and addition of hydrogen 
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peroxide. Manganese peroxidase can oxidize Mn2+ to Mn3+, acting as a diffusing 
oxidizer [231]. Lignin peroxidase can direct the interaction between lignin structure 
and the protein due to a highly active but short-lived catalytic site on the enzyme 
surface. However, the reaction is slow and ineffective, so that external H2O2 is 
required to increase the reaction rate. In the reaction the electron donor and final 
electron acceptor are lignin and H2O2, respectively [232].

Unlike lignin peroxidase, laccase uses oxygen as the electron acceptor. In a cata-
lyzed reaction, laccase can transfer four electrons by reducing one molecule of oxy-
gen to two molecules of H2O. Laccase contains four copper ions with three types 
(i.e., T1, T2, and T3) and a trinuclear cluster formed by T2 and T3 centers. T1 is the 
site where oxidation of lignin takes place [233]. Laccase has a higher redox poten-
tial, which can attract electrons from lignin substrate and make it an advantage 
when depolymerizing lignin. Because laccase uses oxygen as the final electron 
acceptor, no additional H2O2 is needed; therefore, in theory, laccase is a more practi-
cal approach for lignin depolymerization than LiP and MnP.

Unlike LiP, which can oxidize phenolic and non-phenolic compounds, laccase 
alone cannot oxidize non-phenolic lignin subunits due to their high redox potential 
and laccase activity is inhibited by lignin depolymerizing products. However, this 
limitation of laccase can be overcome by using a molecule, called mediator, to act 
as an electron carrier between lignin subunits and laccase. The mediator can oxidize 
the non-phenolic compounds in lignin when the mediator is oxidized by laccase 
through electron abstraction [230]. The mediator can either be a natural or synthetic 
mediator. Natural mediators are plant/fungal metabolites (e.g., 4-hydroxybenzylic 
alcohol, sinapic acid, and p-cinnamic acid), while ABTS (2,2′-azinobis-3- 
ethylbenzthiazoline- 6-sulfonate) and HBT (1-hydroxybenzotriazole) are commonly 
used as synthetic mediators [234].

Sphingobium SYK-6, an aerobic bacillus found in soil, is capable of producing 
β-etherases and growing on lignin-derived biaryls and monoaryls [235]. Sphingobium 
SYK-6’s ability to degrade lignin model compounds was found to be structurally 
and biochemically related to glutathione transferases [236]. Three glutathione trans-
ferase encoding genes, that is, ligE, ligF, and ligG, were previously identified in 
Sphingobium SYK-6, and the gene operon was involved in lignin depolymerization 
[237, 238]. The β-etherases can catalyze the transfer of glutathione to an aryl ether 
substrate, which results in a β-thioether intermediate and further cleaves the ether 
linkages in lignin [239]. Pereira et al. reported detailed information of cofactor and 
substrate-binding sites of β-etherases in Sphingobium SYK-6 by conducting struc-
tural and biochemical characterizations of lignin cleavage pathway in the bacterium 
[240]. Mori et al. identified a transporter gene for protocatechuate in Sphingobium 
SYK-6 and found that enhanced expression of the transporter gene can improve the 
production and accumulation of value-added metabolites from lignin-derived aro-
matics [241].

McAndrew et al. discovered a lignin-degrading enzyme named NOV1, a bacte-
rial resveratrol-cleaving dioxygenase from Novosphingobium aromaticivorans. The 
structure, iron cofactor, active sites, and degrading mechanism were reported, and 
potential applications of NOV1 in upgrading of solubilized fragments of lignin were 
discussed [242].
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11.6.4.2  Lignin Fermenting Microorganisms

The environmental adaptability and ability to genetically manipulate bacteria make 
this a promising approach to biologically deconstructing lignin. For example, bio-
conversion of lignin to lipids by oleaginous Rhodococci has been extensively stud-
ied. Kosa and Ragauskas evaluated the possibility of using Rhodococcus opacus to 
convert lignin model compounds to lipids. Results showed that R. opacus can utilize 
different lignin model substrates as carbon source and can accumulate lipids up to 
20% of the cell dry weight [243]. Wei et al. conducted research on the conversion of 
Kraft lignin to lipids by R. opacus and demonstrated that R. opacus were able to be 
utilized on oxygen-pretreated Kraft lignin and produced a significant amount of 
lipids [244]. Le et al. produced a high concentration of glucose and lignin oligomers 
with low molecular weight from corn stover using a novel two-stage alkali-peroxide 
pretreatment method [245]. They also converted the organic substrates to lipids by 
R. opacus and achieved a lipid concentration of 1.3  g/L in a 48  h fermentation 
period. Moreover, combination of R. opacus and engineered R. jostii RHA1 was 
conducted to reduce the chemical oxygen demand (COD) of hydrothermal liquefac-
tion aqueous waste of algae and pine [246]. He et al. established functional modules 
to better understand the lipids production pathways and to enhance the production 
of lipids using lignin from dilute alkaline pretreated corn stover. The researchers 
demonstrated that co-fermentation of R. opacus and genetically modified R. jostii 
can produce lipids with higher yield than single strain fermentation [247]. Although 
clear pathways for lignin to lipids production by R. opacus need to be identified, the 
bacterial conversion of lignin is a promising approach to upgrade lignin. Moreover, 
other lignin fermenting microorganisms, such as Pseudomonas putida KT2400 
[248–250], Pandoraea sp. ISTKB (lignin derivatives to polyhydroxyalkanoate) 
[251], and Cupriavidus necator (alkaline pretreated lignin to polyhydroxybutyrate) 
[252], have been recently studied.

Genetic alternation of lignin inter-unit linkages has the potential to make consid-
erable changes in lignin properties, for example, modification of plants to have 
more of the dominant β-O-4 bonds will require less energy to break down the inter- 
unit linkages and allow easier depolymerization. Generation of homogeneous inter-
mediates and simple monolignol solutions by structural and compositional alteration 
of lignin would enable efficient and selective biological upgrading of lignin decom-
position products a reality, since the enzymes and microorganisms can be engi-
neered to use a single substrate as their sole nutrient. Furthermore, simple 
monolignols are easier to solubilize to aid in optimizing the chemical/biological 
upgrading processes.
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11.7  Summary and Perspectives

Despite the great potential lignin presents as a renewable resource to produce 
value- added fuels and chemicals, lignin is still considered as a waste stream and 
underutilized. It is critical to develop cost-effective biotechnologies to convert lig-
nin wastes to value-added products to improve biofuel and chemical production in 
a biorefinery [11, 12, 253]. The heterogeneous nature of lignin (including the vari-
ous subunits and inter-unit linkages and inconsistency among plant species), how-
ever, is the primary obstacle to lignin valorization [254]. In specific, the inter-unit 
linkages (e.g., β-O-4, β-β, β-5, and 5-5) and their combinations and relative abun-
dance vary significantly among plants [222]. Development of lignin valorization 
approaches, such as thermochemical conversion (e.g., pyrolysis and gasification), 
hydrogenolysis, catalytic oxidation, and biological conversion (e.g., lignin-degrad-
ing microorganisms and/or enzymes) is currently under investigation [255].

Improving plants’ characteristics through genetic modification is a promising 
approach to artificially design biomass feedstocks with favorable properties [5, 68, 
256]. New approaches to downregulating the lignin biosynthetic key enzymes have 
been developed to reduce the lignin content and structurally and compositionally 
modify lignin in various plant species [23, 38, 54, 257]. Genetic modifications of 
lignin subunits ratio (i.e., S/G/H ratio) or lignin deposition patterns and artificial 
design of lignin linkages (including inter-unit and lignin–carbohydrate linkages) 
were demonstrated to be operational and effective in improving the digestibility of 
lignocellulosic biomass by microorganisms and/or lignin-degrading enzymes 
[23, 258].

Extensive research has been conducted on how pretreatment methods affect the 
structure and composition of biomass feedstocks and the potential upgrading 
approaches of lignin to value-added fuels and chemicals [156, 183]. However, 
research areas on impact of genetic lignin manipulation on lignin fractionation and 
characterization are not fully explored. It is essential to investigate the fractionation 
and characterization of the polysaccharides and lignin streams from wild-type and 
engineered plants and to build links between the biology of engineered plant, the 
pretreatment chemistry, and the conversion technologies if we are to be successful 
in building the biorefining industry. Advanced characterization methods and analyt-
ics have the potential to provide vital information about the structural and composi-
tional changes occurring in lignin, such as lignin molecular weight distribution, 
inter-unit linkages, and the thermal properties of engineered biomass and fraction-
ated lignin streams. Taken together, this advanced knowledge will help to answer 
fundamental questions such as (1) how do different biomass pretreatment methods 
affect lignin fractionation from genetically modified plants? (2) how does pretreat-
ment chemistry affect the characteristics of lignin streams? and (3) how does lignin 
stream characterization inform selection of the lignin upgrading process? Answers 
to these questions will help inform plant scientists as to the desired plant traits 
needed to allow more effective and efficient lignin conversion technologies to be 
developed.
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Chapter 12
The Route of Lignin Biodegradation for Its 
Valorization

Weihua Qiu

12.1  Introduction

Although more complex in structure, lignin has a higher carbon content and lower 
oxygen content than either polysaccharides or whole-cellulose raw materials, which 
makes it an attractive raw material for the production of biofuels and chemicals. 
More importantly, the highly functional and aromatic nature of lignin offers poten-
tiality for the direct preparation of special and fine aromatic chemicals [103]. As a 
result, the production of chemicals from lignin has attracted worldwide atten-
tion [73].

Researchers around the world devote increasing attention to the valorization of 
lignin by biological methods. In contrast to thermochemical lignin depolymeriza-
tion methods which consume large amounts of energy, chemicals, and expensive 
catalysts, lignin biodepolymerization methods mainly use microorganisms and 
enzymes to break down the bonds between lignin units or bonds between lignin and 
carbohydrate [115]. Generally speaking, the bioprospecting of lignin-degrading 
microbes and enzymatic systems and the understanding of molecular and system-
atic degradation mechanisms and metabolic pathways of lignin and aromatics by 
means of systems biology analyses are two major focuses of the lignin value-added 
utilization [74]. At present, a large number of bacteria and fungi have been screened 
from environment, which contain various enzymes and have the characteristics of 
lignin degradation and transformation. It is very important for the cognition and 
accurate control of lignin biodegradation and the establishment of biological pro-
cessing for lignin valorization.
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12.2  Lignin-Degradable Microorganisms

12.2.1  Fungi

The degradation of lignocellulose by fungi, including white-rot fungi, brown-rot 
fungi, and soft-rot fungi, mainly attributes to the extracellular enzymes, including 
polysaccharide hydrolases and lignin-degrading enzymes [81]. Fungi can degrade 
lignocellulose rapidly, which makes it widely used in the fields of crop straw decay, 
wastewater treatment, bioconversion of lignocellulose, and so on [110]. Lignin- 
degrading fungi can be divided into three categories, white-rot fungi, brown-rot 
fungi, and soft-rot fungi. The lignin degradability is different significantly. White- 
rot fungi mainly degrade lignin and polysaccharides. Brown-rot fungi and soft-rot 
fungi mainly degrade cellulose, hemicellulose, and some polysaccharides. However, 
brown-rot fungi hardly degrade lignin; soft-rot fungi just degrade lignin slightly and 
slowly. Therefore, the degradation of lignin mainly relays on white-rot fungi.

White-rot fungi are the general name for a group of filamentous fungi that make 
wood white and rotten. It is the only microorganism in nature that can completely 
mineralize lignin. There are many white-rot fungi that can degrade lignin, mainly 
Basidiomycota and some Ascomycetes. The most studied white-rot fungi include 
Phanerochete chrysosporium, Coriolus versicolor, Trametes versicolor, Phlebia 
radiata, Panus conchatus, Pleurotus pulmonarius, Pycnoporus cinnabarinus, etc. 
[52]. Nowadays, P. chrysosporium is always used as the type strain of white-rot 
fungi. White-rot fungi have established unique lignocellulose degradation system in 
the long-term biological evolution, and they are the only known microorganism that 
can effectively degrade lignin into CO2 and H2O by pure culture. Actually, the deg-
radation of lignin by white-rot fungi is a co-metabolic process between lignin and 
another extra nutrient used as carbon source. During the cultivation, these nutrients, 
as co-substrates, produce water-soluble extracts (such as ammonia peroxide, VA, 
organic acid, etc.) which could induce the aromatic oxidation and ring cleavage of 
lignin [61].

Therefore, the degradation of lignocellulose by white-rot fungi can be divided 
into two modes. The first mode is nonselective delignification, which means degrad-
ing lignin, cellulose, and hemicellulose simultaneously. The reported fungi that pos-
sessed this mode mainly included Trametes versicolor, Irpex lacteus, Phanerochaete 
chrysosporium, Heterobasidion annosum, Phlebia radiate, and some ascomycetes 
such as Xylaria hypoxylon. However, this type of degradation is limited around the 
hypha and degrades only a small amount of lignocellulose. The second mode is 
selective delignification which means lignin and hemicelluloses are attacked before 
cellulose. This mode mainly exists in Ganoderma australe, Ceriporiopsis subver-
mispora, Phellinus pini, Phlebia tremellosa, and some Pleurotus. In most white-rot 
fungi, both modes are available and are not mutually exclusive. The lignin degrad-
ability of white-rot fungus depends on its lignin-degrading enzymes, which initiate 
the free radical chain reaction and result in the C–C and C–O cleavage, demethyl-
ation, hydroxylation, benzyl alcohol oxidation, aromatic ring opening, etc. The 
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products would be further degraded into CO2 and H2O through different pathways. 
In addition to white-rot fungi, other lignin degradability fungi, such as Aspergillus 
oryzae and Aspergillus niger, can also catalyze the degradation of lignin by lignino-
lytic enzymes [31, 136].

Although there had a lot of researches on the fungi degradation of lignin since 
1980, the commercial application is still limited owing to the strict growth condi-
tions and additional energy and chemical inputs [114].

12.2.2  Bacteria

Bacteria have many advantages over fungi on the lignin degradation, since they can 
tolerate a wider range of pH, temperature, and oxygen concentration, grow faster, 
have more biochemical functions, and have better environmental adaptability. They 
have attracted increasing attentions in the value-added utilization of lignin. However, 
the current understanding is that bacteria can only degrade low molecular weight of 
lignin-derived compounds. Therefore, they may play an important role in the final 
stage of lignin degradation [131]. In recent years, a large number of bacteria that can 
depolymerize lignin have been found in composted soil, rainforest, eroded bamboo 
slips, sludge from pulp mills, and intestines of wood-eating insects [132]. There are 
many types of bacteria that can degrade lignin, which are mainly Actinobacteria, 
Proteobacteria (mainly α-Proteobacteria and γ-Proteobacteria), and Firmicutes. 
Actinomycota includes Streptomyces, Microbacterium, and Rhodococcus. 
Proteobacteria includes Pseudomonas, Burkholderia, and Enterobacter [44].

12.2.2.1  Actinomycetes

Actinomycetes can penetrate insoluble substrates and increase the water solubility 
of lignocellulose. It is mainly involved in the initial degradation and humification of 
organic matters. They secrete a series of enzymes and convert lignin into low- 
molecular- weight lignin-derived compounds [43]. With the development in isola-
tion and identification technology, more and more lignin-degrading Actinomycetes 
have been found, including Streptomyces sp., Thermoactinomyces sp., Arthrobacter 
sp., Micromonospora sp., Nocardia sp., Thermomonospora sp., etc. They can pro-
duce a variety of enzymes, such as lignin peroxidase, laccase, xylanase, carboxy-
methyl cellulase, p-nitrophenyl-β-D-glucosidase, etc., responsible for the degrading 
of lignocellulose [4]. With these enzymes, they can change the cell wall structure of 
lignocellulose effectively through selective cleavage and structure modification of 
lignin, thereby promoting the enzymatic hydrolysis of cellulose to release sugar 
[140]. It obviously modified the carbonyl and methoxy groups in the structure of 
lignin, especially resulting in the significant reduction of guaiacol units [141].

The advantages of Streptomyces in lignin degradation are becoming increasingly 
apparent. For example, Streptomyces griseorubens can degrade more than 60% of 
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lignin by secreting extracellular laccase and lignin peroxidase, as well as exo-1,4-β- 
glucanase, endo-1,4-β-glucanase, and β-xylosidase [34, 130]. Streptomyces virido-
sporus T7A and S. setonii 75Vi2 can degrade lignin and carbohydrate in softwood, 
hardwood, and herbal, especially in herbs, with the generation of lignin- carbohydrate 
complex named acid-precipitable polymeric lignin (APPL) by cleaving p-hydroxy 
ether bonds in lignin [21]. The degradation rate of lignin by S. viridosporus T7A can 
reach 19.7% within 8 weeks [135]. Streptomyces can also degrade alkaline lignin 
into phenolic compounds. Meanwhile, the coculture with white-rot fungi can effec-
tively enhance the degradation rate of alkaline lignin [137]. In particular, the recog-
nition of some thermophilic Actinomycetes, such as Thermomonospora fusca, 
T. alba, Micromonospora sp., etc., makes the industrial application of Actinomycetes 
in lignin valorization possible [18, 67].

12.2.2.2  Proteobacteria

The major lignin-degrading Proteobacteria is α-Proteobacteria and 
γ-Proteobacteria. As the most important genus of α-Proteobacteria, 
Sphingobacterium sp. has been widely used in lignin degradation, which can use 
Klason lignin as the sole carbon source with the secretion of lignin peroxidase and 
laccase [14]. Sphingobacterium sp. can oxidize guaiacyl (G) and syringyl (S) units 
in Klason lignin to produce small molecule aromatic compounds and ketone com-
pounds, such as guaiacol, p-hydroxybenzoic acid, vanillic acid, vanillin, 
4-hydroxy- 2-butanone, methyl vinyl ketone, etc. [27].

The best known lignin-degrading γ-Proteobacteria is Pseudomonas fluorescens, 
Pseudomonas putida, Enterobacter lignolyticus, and E. coli. Their strong lignin 
degradability could be attributed to the plentiful lignin-degrading enzymes includ-
ing laccase, lignin peroxidase (LiP), and manganese-dependent peroxidase (MnP), 
as well as some kind of lignin-degrading auxiliary enzymes [132]. For example, 
Pseudomonas fluorescens mainly secretes LiP; dye-decolorizing peroxidase (DyP) 
and MnP are the major enzymes in Pseudomonas putida; catalase, peroxidase, and 
DyP are the major enzymes in Enterobacter lignolyticus; and laccase is the major 
enzymes responsible for lignin degradation of Escherichia coli [44].

12.2.2.3  Firmicutes

The lignin-degrading Firmicutes are mainly belonging to Bacillus, such as Basic 
Bacillus, B. ligniniphilus, B. firmus, thermophilic B. subtilis, and B. licheniformis. 
It was suggested that the lignin-degrading pathway in B. ligniniphilus included gen-
tisate pathway, benzoic acid pathway, and β-ketoacidic acid pathway, among which 
β-ketoacidic acid pathway included catechuic acid branches and protocatechuic 
acid branches. Zhu et al. [147] reported a B. ligniniphilus strain with high tolerance 
to the extreme environments, which can grow on alkaline lignin by using it as a sole 
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carbon or energy source. And up to 42% of monophenol aromatic compounds were 
identified in the fermented residues, including phenylacetic acid, 4-hydroxybenzoic 
acid, and vanillic acid. Thermophilic B. subtilis and B. licheniformis have also been 
found to degrade KL lignin significantly [29].

Other lignin-degrading Firmicutes include Acetoanaerobium, Trabulsiella, 
Paenibacillus glucanolyticus, etc. Duan et  al. [26] reported an Acetoanaerobium 
strain that could oxidize the p-hydroxyphenyl (H), guaiacyl (G), and syringyl (S) 
unit of KL structure with the formation of benzene-propanoic acid, ferulic acid, 
syringic acid, and some low-molecular-weight acid compounds, such as adipic acid, 
hexanoic acid, and 2-hydroxybutyric acid. Trabulsiella guamensis IIPTG13 reported 
by Suman et al. [119] caused the degradation of over 60% of guaiacylglycerol-β- 
guaiacyl ether (GGE). And a variety of compounds containing polar functional 
groups was detected in the fermented residues, mainly including organic acids, fatty 
acids, and other phenolic derivatives. In particular, some compounds such as 
4-hydroxy-3-methoxybenzoic acid, 3-methoxybenzoic acid, and 2-(4-hydroxy- 3-
methoxyphenyl) acetic acid were similar to coniferyl alcohol and sinapyl alcohol 
(lignin precursor).

12.3  Lignin-Degrading Enzymes

The irregularity, complexity, and specificity of the three-dimensional structure of 
lignin polymers determine that the lignin-degrading enzyme system is a nonspecific 
enzyme system. Compared with the enzymatic hydrolysis of cellulose and hemicel-
lulose, the lignin-degrading process was oxidation rather than hydrolysis [52]. The 
high-molecular-weight lignin polymers generate unstable free radicals under the 
catalysis of enzymes, which triggers the spontaneously nonenzymatic cleavage 
reactions of lignin.

Generally, the lignin-degrading enzymes are divided into three categories: per-
oxidase, laccase, and lignin degradation auxiliary enzyme (LDA) [96]. Peroxidase 
mainly includes lignin peroxidase (LiP), manganese peroxidase (MnP), versatile 
peroxidase (VP), and dye-decolorizing peroxidase (DyP). Laccase is a type of 
copper- containing polyphenol oxidase which can directly use oxygen to catalyze 
phenolic hydroxyl groups with phenoxy radicals and water as products. LDA 
enzymes cannot degrade lignin directly, but it is necessary for the complete degra-
dation of lignin. It mainly includes glyoxal oxidase, aryl alcohol dehydrogenase, 
heme-thiolate haloperoxidases, flavin adenine dinucleotide-dependent glucose 
dehydrogenase (FAD-GDH), pyranose 2-oxidase, and other enzymes like quinone 
reductase, superoxide dismutase, methanol oxidase, etc. Different lignin-degrading 
microbes usually secrete one or more lignin-degrading enzymes in different combi-
nations, which would degrade lignin through sequential actions.
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12.3.1  Lignin-Degrading Peroxidase

12.3.1.1  Manganese-Dependent Peroxidase

Manganese peroxidase (EC1. 11. 1.13, MnP) is an extracellular peroxidase, which 
was first found in P. chrysosporium more than 30 years ago, and is one of the most 
important lignin peroxidases [42, 95]. It was found that almost all white rot fungi 
contain MnP, such as Panus tigrinus, Trametes versicolor, Lenzites betulinus, Irpex 
lacteus, Lenzites gibbosa, Phlebia radiata, Fomitiporia mediterranea, Agaricus 
bisporus, Bjerkandera sp., Nematoloma frowardii, as well as species belong to 
Corticiaceae, Stereaceae, Hericiaceae, Ganodermataceae, Hymenochaetaceae, 
Polyporaceae, Strophariaceae, and Tricholomataceae [17]. Recently, more and 
more MnP was found in bacteria, yeast, and mold, such as Bacillus pumilus, 
Paenibacillus sp., Azospirillum brasilense, and Streptomyces psammoticus [25, 69, 
90]. Generally, these microorganisms have multiple MnP isoenzymes, and there are 
at least two or more isomers.

The oxidation reaction of Mn2+ to Mn3+ catalyzed by MnP is H2O2-dependent. It 
takes Mn2+ as the preferred reducing substrate and turns it into highly active Mn3+. 
The MnP-catalyzed lignin degradation cycle starts when H2O2 is bound to 
MnP. However, excessive H2O2 will affect the activity of MnP [76]. The generated 
Mn3+ would chelate with organic acids produced during the fermentation process, 
such as oxalic acid, to form stable low-molecular-weight substances. Then, the che-
lated Mn3+ acting as an oxidant penetrates or diffuses into the cell wall of plant and 
nonspecifically attacks and oxidizes the phenol structure of lignin, thus leading to 
the generation of unstable phenoxy radicals [17]. The phenoxy radicals are further 
broken down spontaneously with the reaction of demethylation, alkyl–aryl bond 
cleavage, Cα–Cβ cleavage, and Cα oxidation [47].

In general, secondary metabolism caused by the nutrient limitation of nitrogen 
and/or carbon in the growing process of microbe will cause the secretion of peroxi-
dase and the degradation of lignin. Sufficient Mn2+ is necessary for the secretion of 
MnP by microorganisms. The addition of Mn2+ can increase the activity of MnP, 
promote the growth of fungi, shorten reaching time of the maximum MnP activity, 
and further enhance the degradation of lignocellulose. Meanwhile, in some micro-
organisms, Mn2+ can stimulate the transcription levels of MnP and played a post-
transcriptional role in MnP production [45, 77].

12.3.1.2  Lignin Peroxidase

Lignin peroxidase (EC 1.11.1.14, LiP) is an extracellular enzyme which can oxidize 
the non-phenolic aromatic compounds with redox potentials higher than 1.4 V. The 
first LiP was found in Phanerochaete chrysosporium, and then many white-rot 
fungi, such as Trametes versicolor, Bjerkandera sp., and Phlebia tremellosa, were 
reported that can produce LiP.  In recent years, it has also been detected in some 
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bacteria, such as Acinetobacter calcoaceticus, Streptomyces viridosporus, etc. [52]. 
Generally, microorganisms secrete several lignin peroxidase (LiP) isoenzymes, of 
which the relative composition and isoelectric point (pI) are greatly affected by 
microbial culture conditions [116]. The crystal structure of LiPs has been recog-
nized. It belongs to glycosylase, which possesses iron (III) protoporphyrin IX (fer-
riprotoporphyrin IX) as the prosthetic group [60]. It can oxidize iron cytochrome C, 
suggesting that the enzyme can directly act on polymerized lignin. Therefore, it 
plays an important role in the oxidative degradation of lignin.

Similar to MnP, the catalytic reaction of LiP requires the participation of H2O2. 
The catalytic process of LiP can be regarded as a series of free radical chain reac-
tions initiated by H2O2 produced by white-rot fungi. Under the catalysis of LiP, an 
electron is extracted from the aromatic substrate and oxidized to form an aromatic 
cation group which can be used as both a reaction group and a cation. Then, the 
substrate would be partially or completely oxidized into various derived low- 
molecular- weight compounds through series branch reactions. LiP is also currently 
the only known oxidase that can cleave Cα–Cβ and aromatic rings in an acellular 
state. However, different from MnP, LiP has low substrate specificity and can react 
with different lignin-like compounds. Meanwhile, LiP has high redox properties 
(about 1.2 V at pH 3), which can not only oxidize the typical phenol and aromatic 
amines but also can oxidize a series of other aromatic ethers and polycyclic aro-
matic compounds, as well as methoxy aromatic ring substrates without free pheno-
lic group, through ionization reaction [113].

12.3.1.3  Versatile Peroxidase

Versatile peroxidase (EC 1.11.1.16, VP), considering as structural heterozygote 
between LiP and MnP, can directly oxidize the phenolic and non-phenolic aromatic 
compounds. The reported microorganisms that possess VP activities are major in 
genus of Pleurotus, Bjerkandera, Phanerochaete, Trametes, etc. [11, 19, 122, 139].

VPs have some catalytic properties of both LiP and MnP, resulting in an even 
wider range of substrates. It can catalyze the substrates with high and medium redox 
potentials, even azo dyes and other non-phenolic compounds [10, 40]. In addition, 
a Mn2+ binding site similar to MnP was in the structure of VP, which enables VP to 
participate in the oxidation of low and high redox potential substrates [38]. The 
degradation pathway of phenolic β-O-4 catalyzed by VP was identified as Cα–aryl 
cleavage rather than Cα–Cβ cleavage. In the VP catalyzed reaction of phenolic lig-
nin dimers, neutral radicals were generated firstly by the oxidation of 4-OH posi-
tion, and then the polymerization or depolymerization reactions were reacted 
depending on the functional group at the 5-position of the guaiacol group (G5). The 
side chain of lignin would cleave owing to the substitution of G5 with methoxy 
(S-O-4) [139]. Therefore, VP-producing microorganisms play an important role in 
the biodegradation of lignin and lignocellulose. Wen Kong et al. [64] found that 
although a lignin-degrading Physisporinus vitreus strain can secrete both laccase 
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and VP, only VP can oxidize non-phenolic lignin compounds as well as the β-O-4 
and 5–5′ dimers.

12.3.1.4  Dye-Decolorizing Peroxidase

Dye-decolorizing peroxidase (EC 1.11.1.19, DyP) was first found in Bjerkandera 
adusta (formerly named as Geotrichum candidum) [62]. They have low substrate 
specificity and can oxidize all typical peroxidase substrates, such as ABTS, DMP, 
adlerol, various anthraquinone dyes (e.g., Congo red, mordant black 9, reactive blue 
5, etc.), and so on [20]. Presently, more and more DyP-producing fungi have been 
reported, such as Pleurotus ostreatus [32], Termitomyces albuminosus [54], and 
Irpex lacteus [28]. Especially, the popular reports of DyPs in bacteria, such as 
Rhodococcus jostii [104], Bacillus subtilis [84, 111], Kocuria rosea [94], and 
Thermobifida fusca [101], promote the deep researches and wide applications of 
DyP in lignin degradation.

DyPs also belong to the heme peroxidase family but with different structural 
folds from other types of heme peroxidases. They possess special reactivity to the 
oxidation of polycyclic dyes and phenolic compounds. The active site aspartic acid 
residue of DyP acts as a proton donor [118]. The catalytic characteristics on ligno-
cellulose and lignin of DyPs are obviously similar to LiP and MnP. However, DyPs 
also have hydrolase or oxygenase activities [117]. Meanwhile, they can degrade 
different dyes at low pH (pH 3–4), especially anthraquinone dyes [20]. These char-
acteristics make the research of VPs have significant meanings. Especially consider-
ing the high redox of VPS in fungi, the application of bacterial VPS in biotechnology 
will be more extensive in the future [49].

12.3.2  Lignin-Degrading Auxiliary

12.3.2.1  Glyoxal Oxidase

Glyoxal oxidase (EC 1.2.3.5, GLOX), belonging to radical copper oxidase family, 
is one of three known extracellular enzymes secreted by microorganisms under con-
ditions of lignin decomposition [24]. The study of GLOX is mainly based on 
Phanerochaete chrysosporium. The catalytic mechanism of GLOX is that it can 
oxidize many simple dicarbonyl and hydroxycarbonyl compounds (especially gly-
oxal and methylglyoxal) to generate carboxylic acids coupling with the reduction of 
O2 to H2O2 [133]. Therefore, GLOX is inactive in vitro catalysis for lignin degrada-
tion unless being coupled with peroxidase as auxiliary enzymes, since H2O2 is nec-
essary for the degradation of lignin catalyzed by peroxidase such as LiPs and MnPs 
[52, 59].
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12.3.2.2  Aryl Alcohol Oxidase

Aryl alcohol oxidase (EC 1.1.3.7, AAO), also known as glucose–methanol–choline 
oxidase, was originally found in Polystictus versicolor. At present, more and more 
fungi have reported possessed AAO activity, such as Pleurotus species, Fusarium 
species, Geotrichum candidum, Amauroderma boleticeum, Phanerochaete chryso-
sporium, and Bjerkandera adusta, and even some bacteria, such as Sphingobacterium 
sp. ATM [68, 120].

AAO has two domains with non-covalently bound FAD cofactors [35]. The aux-
iliary effect of AAO on the degradation of lignin is mainly considered to be that it 
can catalyze the oxidative dehydrogenation of phenol and non-phenol aromatic 
alcohol, the formation of corresponding aldehydes from polyunsaturated primary 
alcohols or aromatic secondary alcohols, and the generation of H2O2 as by-products 
[46]. In addition, AAO can promote the depolymerization of lignin by cooperating 
with laccase, since it can reduce the free radical intermediates (such as guaiacol, 
erucic acid, etc.) generated from laccase oxidation [82].

12.3.2.3  Heme-Thiolate Haloperoxidases

Heme-thiolate haloperoxidases (HTHPs) are extracellular enzymes which use cys-
teine residue as the proximal axial ligand of heme. For a long time, chloroperoxi-
dase (CPO) from the ascomycete Caldariomyces fumago was the only known 
halogenating enzyme. Later, another type of fungal HTHP was found in Agrocybe 
aegerita, named as Agrocybe aegerita peroxidase (APO, also called aromatic per-
oxygenases), which showed strong brominating and weak chlorinating as well as 
weak iodating activities. Considering it can convert veratryl alcohol into veratryl 
aldehyde at pH 7, this enzyme was called “alkaline lignin peroxidase” before Ullrich 
et al. recognized it as HTHP [48, 123].

HTHPs represent a unique oxidoreductase sub-subclass of heme proteins with 
peroxygenase and peroxidase activity, but it cannot oxidize the non-phenolic β-O-4 
structure of lignin. They can transfer oxygen via hydrogen peroxide to aromatic and 
aliphatic substrates similar to cytochrome P450, rather than directly to O2 [98]. The 
auxiliary effect of fungal HTHP on lignin degradation was only found until recently. 
Ruiz-Dueñas et al. [107] found that the theme peroxides of Pleurotus ostreatus not 
only included cytochrome c peroxidase and lignin-degrading peroxidases (MnP and 
VP) but also included HTHP. This was the first description of HTHP in Pleurotus. 
Moreover, compared with the typical peroxidase, HTHP has surprisingly high reac-
tivity against benzyl hydrogen and phenolic substrates [52, 128]. Now by accumu-
lating the genome sequence of ascomycetes and basidiomycetes, the sequence 
library of HTHPs was gradually expanded [65].
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12.3.2.4  Flavin Adenine Dinucleotide (FAD)-Dependent Glucose 
Dehydrogenase (GDH)

The flavin adenine dinucleotide (FAD)-dependent glucose dehydrogenases (EC 
1.1.99.10, FADGDHs) belongs to the glucose–methanol–choline (GMC) oxidore-
ductase family. FAD is used as the major electron acceptor to catalyze the oxidation 
of first hydroxyl group of glucose and other sugar molecules [138]. The reported 
FADGDHs were mainly derived from fungal extracellular enzymes, membrane 
binding protein of Gram-negative bacteria, and cytosolic enzymes in some insects 
[36, 99]. The first reported FADGDHs from basidiomycetes were obtained by 
recombined GDH (PcGDH) from Pycnoporus cinnabarinus CIRM BRFM 137 in 
Aspergillus niger [105]. Compared with other glucose–methanol–choline (GMCs) 
oxidoreductases, the substrate binding domain of PcGDH is conserved. The enzyme 
does not use oxygen as the external electron acceptor and has the obvious ability of 
reducing the oxidized quinone or free radical intermediate, which makes the enzyme 
play an important role in decreasing the toxicity of quinones and protecting fungal 
cells from phenoxy. This provides a new way to detoxify the toxic compounds 
formed in the process of lignin degradation by PcGDH [105].

12.3.2.5  Pyranose 2-Oxidase

Pyranose 2-oxidase (EC 1.1.3.10, pyranose: 2-oxo oxidoreductase, P2OX) belongs 
to the glucose–methanol–choline oxidoreductase (GMC) family. It is a sugar oxi-
dizing enzyme that can produce hydrogen peroxide during the glucose starvation 
period of Phanerochaete chrysosporium [30]. P2OX has been found in a variety of 
microorganisms, including Phanerochaete chrysosporium, Trametes versicolor, 
Oudemansiella mucida, Phlebiopsis gigantean, Pleurotus ostreatus, Polyporus 
obtusus, Trametes multicolor, Peniophora sp., Tricholoma matsutake, etc. [2, 23, 
63, 83]. A new type bacterial P2OX (PaP2OX) was even identified from the lignin- 
degrading bacteria Pantoea ananatis. Different from other reported bacterial P2Ox, 
this enzyme showed homotetrameric spatial conformation that is similar to fungal 
P2Ox [143]. P2O was preferentially located in hyphal periplasmic space and prefer 
to oxidize aldopyranoses derived from cellulose and hemicellulose into ketoaldoses 
at C2 (also at C3) [66].

The catalytic process of P2OX can be divided into two steps, i.e., the formation 
of FADH intermediate by transferring hydride ion to N5 atom of isoalloxazine and 
the regeneration from dioxygen to FAD. It is worth noting that the benzoquinones 
and lignin-derived substances during lignin degradation can also be used for the 
regeneration of reduced FAD [2]. A large number of studies have shown that the 
synergistic effect of P2O and laccase can improve the degradation efficiency of 
lignin. It is attributed to the quinone-reducing activity of P2O which can reduce the 
polymerization of phenoxy radicals or quinoid intermediates in vivo. Ai et al. [2] 
found that during the catalysis of laccase, P2O can effectively inhibit the polymer-
ization of lignin and even promote the lignin degradation by transferring electrons 
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to various quinones and ABTS (2,2′-azinobis(3-ethylbenzthiazoline-6-sulfonate) 
cation radicals, as well as quinoids generated by laccase catalysis.

12.3.3  Laccase (EC 1.10.3.2)

Laccase, also called blue polycopper oxidase, is a kind of copper-containing poly-
phenol oxidase. Laccase plays an important role in the biodegradation of lignin. In 
plants, laccase is an intracellular enzyme involved in lignin synthesis, while in 
microorganisms, laccase mainly participates in the lignin degradation as an extra-
cellular enzyme. Laccase-secreting fungi mainly include Basidiomycota, 
Ascomycota, and Deuteromycota. Compared with fungi, laccase is the most popular 
ligninolytic enzyme in prokaryotes. Laccase gene has been found in Proteus, 
Actinomycetes, and Firmicutes [121].

Different from lignin peroxidase taking H2O2 as prerequisite condition, laccase 
can use oxygen molecules as the final electron acceptor to catalyze the oxidation, 
degradation, or polymerization of phenolic and non-phenolic substrates. The utili-
zation of O2 instead of H2O2 as substrate results in a mild catalytic condition for 
lignin biodegradation. Meanwhile, in vitro, laccase synergistically degrades lignin 
with some quinone-reducing enzymes, such as pyranose oxidase, glucose oxidase, 
resveratrol oxidase, and cellobiose dehydrogenase [2, 33, 70, 78]. Due to its unique 
catalytic properties, laccase has been widely used in the high-value utilization of 
lignin [115].

There are four Cu2+ located at three binding domains in the active center of typi-
cal laccase, which have different electronic paramagnetic resonance (EPR) param-
eters. These copper ions synergistically mediate the catalytic oxidation of phenolic 
and non-phenolic substrates. However, in recent years, it has been found that there 
is a kind of atypical laccase in the complex laccase family. Anita et al. found a lac-
case that possessed two copper binding domains rather than three, which was called 
as small laccase or small laccase-like multicopper oxidase (LMCO) [3]. Meanwhile, 
it was found that in addition to copper ions, some other metal ions were combined 
on the binding domains of some kind of laccase. For example, the active center of 
Phlebia radiate laccase contains two Cu and one PQQ cofactor acting as T3Cu [93]. 
The active center of Pleurotus ostreatus laccase contains Cu, Fe, and Zn [85]. The 
active center of Phellinus ribis contains Cu, Mg, and Zn [5]. These differences in 
active centers caused the significant lignin degradability of laccase.

The oxidation lignin and its model compounds catalyzed by laccase are a one- 
electron reaction generating free radicals. Firstly, the substrate was catalyzed by 
laccase to generate unstable phenoxy radicals and continues to be converted to qui-
none in the consequent reactions [86]. In general, laccase can catalyze bond cleav-
age in low-molecular-weight phenol lignin model compounds, including 
ortho-diphenol and para-diphenol, aminophenol, methoxy-substituted phenol, thiol, 
polyphenol, polyamine, etc. In general, laccase can only oxidize the phenolic 
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 structure of lignin, accounting for 10% of the lignin structure. The rest of non-phe-
nolic lignin structures with high redox potential could not be degraded by laccase 
unless by adding low-molecular-weight mediators, such as ABTS and HBT [88]. 
Recently, some atypical laccases have been found to directly oxidize non-phenolic 
lignin model compounds or even polycyclic aromatic hydrocarbons without relying 
on mediators. For example, a kind of atypical laccase, lacking the specific 600 nm 
band without the blue color (also called “yellow” or “white” laccase), was widely 
distributed in many microorganisms, such as Schizophyllum commune, Pleurotus 
ostreatus, Leucoagaricus gongylophorus, Daedalea flavida, Aureobasidium pullu-
lans, and Lentinus squarrosulus [1, 13, 50, 87, 100, 112, 126]. These atypical lac-
cases have important research and application significance for broadening the use of 
laccase and reducing the cost of laccase mediator catalytic system.

12.3.4  Other Enzymes

Besides the abovementioned ligninolytic enzymes, some enzymes reported recently 
would be promising options for lignin degradation. β-etherases (EC) are non-radical 
ligninolytic enzymes, which can selectively cleave β-O-4 aryl ether bonds in lignin. 
The conversion rate of lignin model compound GGE (1-(4-hydroxy- 3-
methoxyphenyl)-2-(2-methoxyphenoxy) propane-1,3-diol) catalyzed by β-etherase 
from Sphingobium sp. SYK-6 was close to 100% [106]. However, except for 
Chaetomium and Sphingobium genus, the natural existence of β-etherase was rarely 
reported [97]. Another lignin-degrading enzyme called superoxide dismutases has 
been identified recently from Sphingomonas bacterium, which can degrade lignin 
and generate low-molecular-weight aromatic derivatives, such as guaiacol and 
demethylated guaiacol [39].

12.4  Major Metabolic Pathway of Lignin Degradation

It is very important to study the metabolism network of lignin and construct lignin- 
degrading system, which is beneficial for the bioconversion of lignin into high- 
value intermediate metabolites. The known catabolic pathways related to lignin 
degradation in white-rot fungus include benzoic acid metabolism, dioxin metabo-
lism, phenol metabolism, polycyclic aromatic hydrocarbon (PAH) metabolism, 
aminobenzoic acid metabolism, naphthalene metabolism, toluene metabolism, fatty 
acid metabolism, ether ester metabolism, xylene metabolism, carbon metabolism, 
etc. [75]. Due to the biochemical versatility and high environmental adaptability, 
increasing attention has been paid on the catabolic pathways related to lignin degra-
dation in bacteria. Different from fungi, the metabolism of lignin and its derived 
aromatic compounds by bacteria is completed in vivo, taking β-ketoadipate path-
way as the main pathway [131].
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As bioinformatics and genomic sequencing technologies are used to screen func-
tional genes encoding lignin-degrading enzymes, more and more genes and their 
encoded metabolic pathways have been reported. For example, 29 lignin-degrading 
enzyme genes were recognized from Aspergillus fumigatus, including multicopper 
oxidase, lignin-modifying peroxidase, glucose–methanol–choline oxidoreductase, 
vanillyl alcohol oxidase, galactose oxidase, 1,4-benzoquinone reductase, monooxy-
genase, ferulic acid esterase, etc., which degraded lignin by participating in six cata-
bolic pathways, namely, galactose metabolism, phenylalanine metabolism, pyruvate 
metabolism, benzoate metabolism, toluene metabolism, and aminobenzoic acid 
metabolism [71].

At least 15 gene sequences related to lignin degradation, including oxidase, cop-
per oxidase, laccase, dioxygenase, decarboxylase, and so on, were found in 
Comamonas serinivorans C35. These enzymes undergo at least four lignin- 
degrading pathways, i.e., benzoate pathway, phenol pathway, p- hydroxyacetophenone 
pathway, and β-ketoadipate pathway, to depolymerize lignin into a variety of low- 
molecular- weight aromatic compounds, such as 3-methylbenzaldehyde, guaiacol, 
vanillic acid, vanillin, syringic acid, syringaldehyde, p-hydroxybenzoic acid, ferulic 
acid, etc. [144]. The recognition of these metabolic pathways provides a theoretical 
basis for the subsequent biological transformation of lignin through the regulation 
of metabolic pathways. This section would introduce the major metabolic pathways 
related to lignin degradation in microorganisms.

12.4.1  β-Aryl Ether Catabolic Pathways

β-Aryl ether is the most abundant structure in lignin. In bacteria, the study of aryl 
ether catabolic pathways is mainly based on Sphingomonas paucimobilis, whose 
metabolic pathways for lignin dimmers are shown in Fig.  12.1. First, DNA- 
dependent lignin dehydrogenase (LigD) catalyzed the α-hydroxy groups to generate 
the corresponding ketones. Then, a reductive ester (ether) bond cleavage reaction 
took place under the action of glutathione-dependent β-esterase (LigEFG, belong-
ing to glutathione-S-transferase superfamily) [9]. The derived ketone compounds 
would be consequently oxidized to vanillic acid through the oxidation of γ-hydroxyl 
group to carboxylic acid. In the metabolic pathway of S. paucimobilis SYK-6, 
vanillate was demethylated to protocatechuate under the catalysis of LigM 
(tetrahydrofolate- dependent demethylase), producing 5-methyl tetrahydrofolate as 
a by-product (as shown in Fig. 12.2). It can also be oxidized by C–C bond cleavage 
reaction in a manner similar to β-oxidation with the generation of lignin-derived 
products, dominating of methyl ketone (acetovanillone). The latter can be further 
used as the mediator of fungal laccase to promote the lignin degradation [146]. 
Besides S. paucimobilis SYK-6, β-aryl ether catabolic pathway was also found in 
Pseudomonas acidovorans, P. putida, and Rhodococcus jostii rHA1 [9].

In white-rot fungi, P. chrysosporium catalyzed β-aryl ether model compounds by 
Cα–Cβ oxidative cleavage catalyzed by lignin peroxidase catalyses, with the 
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 production of vanillin as a product, as well as other oxidation products like benzyl 
ketone. Then vanillin was oxidized by vanillate dehydrogenase to generate vanillate 
and by-product 2-hydroxyacetaldehyde. The 2-hydroxyacetaldehyde might be fur-
ther oxidized to oxalic acid, which would be used to complex with Mn2+ to promote 
the lignin degradation catalyzed by manganese peroxidase.

12.4.2  Biphenyl Catabolic Pathways

Biphenyl mainly exists between two guaiac units, accounting for about 10–15% in 
the molecular structure of lignin, only inferior to that of aryl ether. Biphenyl cata-
bolic pathway is popular in lignin-degrading microorganisms, which mainly oxi-
dized biphenyl and chlorinated biphenyl to 2,3-dihydroxybiphenyl by oxidative 
cleavage (Fig. 12.2) [145]. Firstly, non-heme iron-dependent demethylase (LigX) 
catalyzed the demethylation of 5,5′-dehydrodivanillate (DDVA) to 
2,2′,3-trihydroxy-3′-methoxy-5,5′-dicarboxybiphenyl (OH-DDVA). Then the extra-
diol dioxygenase (LigZ) was catalyzed the meta-cleavage of OH-DDVA, and the 
ring-opened product was hydrolyzed by C–C hydrolase (LigY) to generate 

Fig. 12.1 β-aryl ether metabolic pathways in Sphingomonas paucimobilis for lignin and lignin- 
derived compounds. LiP lignin peroxidase, LigD DNA-dependent lignin dehydrogenase, LigEFG 
β-etherase (GST), LigM tetrahydrofolate-dependent demethylase [9]
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5- carboxyvanillate (5-CVA). Two decarboxylases (LigW) which can convert 5-CVA 
into the central intermediate vanillate were found in Sphingomonas sp. SYK-6 and 
catalyzed vanillate into protocatechuate (PCA). The metabolic pathway of biphe-
nyls was also common in fungi. Yang and Zhang [134] found that both the laccase 
and MnP in Trametes sp. SQ01 have the ability to convert the conjugated diene of 
2-hydroxy-6-oxygen −6-phenyl-2,4-hexadienoic acid (HOPDA) to monoene, so 
that the hydroxyl group on C disappears, resulting in the hydrolysis of HOPDA. The 
degradation of biphenyl by white-rot fungus mainly depends on oxidative cleavage. 
In vitro, using 1-hydroxybenzotriazole (HBT) as mediator, the Trametes versicolor 
laccase can significantly degrade the phenolic/non-phenolic biphenyl model com-
pounds simulating 5–5′ type condensed lignin substructures [12].

12.4.3  Ferulic Acid Catabolic Pathway

Ferulic acid is a phenylpropane compound and is an important intermediate in the 
biosynthesis of lignin, which connects the benzene ring of lignin through ester 
bond. Ferulic acid structure accounts for about 1.5% of the total plant cell wall. It 
was reported that amounts of microorganisms possessed two types of ferulic acid 
side chain cleavage. In Sphingomonas SYK-6, Pseudomonas fluorescens AN103, 
Pseudomonas sp. HR199, P. putida WCS358, and Amycolatopsis sp. HR167, two 
enzymes were found participating in the cleavage of ferulic acid side chains, i.e., 
feruloyl-coenzyme A (CoA) synthetase and feruloyl-CoA hydratase/lyase [79]. 

Fig. 12.2 The biphenyl metabolic pathways of lignin and lignin-derived compounds [145]. LigZ 
gene encoding OH-DDVA dioxygenase, LigX gene encoding non-heme iron-dependent demethyl-
ase, LigZ gene encoding extradiol dioxygenase, LigY gene encoding C–C hydrolase, LigW/W2 
gene encoding decarboxylases, LigM DDVA, 5,5′-dehydrodivanillate, OH-DDVA 2,2′,3-trihydroxy- 
3′-methoxy-5,5′-dicarboxybiphenyl, 5CVA 5-carboxyvanillate, PCA protocatechuate
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Firstly, the COA was transferred to carboxyl group of ferulate under the catalysis of 
feruloyl-coenzyme A (COA) synthetase. The resulting feruloyl-CoA was then 
hydrated to form 4-hydroxy-3-methoxy-phenoxy-þ-hydroxypropionyl-CoA 
(HMPHP-CoA) under the catalysis of feruloyl-CoA hydratase/lyase (FerB). Finally, 
vanillin and acetyl-CoA were generated by cleaved HMPHP-CoA (Fig. 12.3). There 
is another ferulic acid metabolism pathway catalyzed by non-oxidative decarboxyl-
ase in some microorganisms. It removes one carbon from the side chain of ferulic 
acid, thereby forming 4-hydroxy-3-methoxystyrene. For example, Cupriavidus sp. 
B-8 can directly remove the carboxyl group in ferulic acid to generate correspond-
ing aromatic compounds owing to containing of ferulic acid decarboxylase. The 
4-vinyl aromatic compound generated by decarboxylation is reduced to 
4- ethylphenol under the co-effect of vinylphenol reductase and NADPH.  Then 
4-ethylphenol was further converted to vanillic acid and consequently degraded to 
protocatechuic acid that enters into the ring-open reaction [142].

12.4.4  Tetrahydrofolate-Dependent O-Demethylation Catabolic 
Pathway

Vanillate and syringate are important intermediate metabolites in the biodegradation 
of lignin-derived aromatic compounds. There are two ways for microorganisms to 
metabolize vallinate and finally produce protocatechuate (PCA) that can be further 
oxidized by protocatechuic acid 3,4-dioxygenase through the β-ketoadipate path-
way via intradiol oxidative cleavage (Fig. 12.4) [109].

One of the tetrahydrofolate-dependent O-demethylation catabolic pathways is 
vallinate metabolism depending on O-demethylase, which mainly occurs in aerobic 
bacteria (such as Pseudomonas and Acinetobacter). For example, the vanillate- 
degradation reaction catalyzed by vanillate-O-demethylase in A. dehalogenans 
firstly transferred the methyl of vanillate to the corrinoid protein by methyl 

Fig. 12.3 The ferulic acid catabolic pathway in Sphingomonas SYK-6 [79]. FerA feruloyl-CoA 
synthetase gene, FerB feruloyl-CoA hydratase/lyase gene (ferB), PCA protocatechuate, LigM tet-
rahydrofolate (H4folate)-dependent demethylase

W. Qiu



305

 transferase I; the latter then transferred methyl to tetrahydrofolate (H4folate) by 
methyltransferase II. The other tetrahydrofolate-dependent O-demethylation cata-
bolic pathway is a metabolic system relying on tetrahydrofolate (H4folate)-
dependent demethylase (LigM), which is mainly reported in anaerobic bacteria, 
including Acetobacterium dehalogenans, Acetobacterium woodii, and Moorella 
thermoacetica. In this pathway, syringate was firstly transformed into 
3-O-methylgallate (3MGA) under the action of syringate O-demethylase (encoded 
by DesA). Then gallate was formed by catalyzing 3MGA with tetrahydrofolate 
(H4folate)-dependent demethylase (LigM).

12.4.5  3-Methyl Gallate Catabolic Pathway

There was three proposed 3-methyl gallate (3-MGA) catabolic pathway (Fig. 12.5): 
(1) converting 3-MGA to 4-oxalomesaconate (OMA) via gallate in the reaction 
catalyzed by vanillate/3MGA O-demethylase (LigM) and gallate dioxygenase 
(DesB) or PCA 4,5-dioxygenase (LigAB), which appears to be the major pathway 
of 3-MGA; (2) converting 3-MGA to OMA via 4-carboxy-2-hydroxy-6-methoxy-
6-oxohexa-2,4-dienoate (CHMOD) by 3-MGA 3,4-dioxygenase (DesZ) and a 
hydrolase; and (3) converting 3-MGA to 2-pyrone-4,6-dicarboxylate (PDC) by 
PCA 4,5-dioxygenase (LigAB) and 3-MGA 3,4-dioxygenase (DesZ) [79, 80].

Fig. 12.4 Tetrahydrofolate-dependent O-demethylation pathway of vanillate, syringate, and 3-O- 
MGA linked with H4folate-mediated C1 metabolism in S. paucimobilis SYK-6 [109]. DesA gene 
encoding O-demethylase, LigM gene encoding tetrahydrofolate (H4folate)-dependent demethyl-
ase, 3-MGA 3-O-methylgallate, PCA protocatechuate
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12.4.6  Protocatechuate (PCA) Catabolic Pathway

Many metabolic pathways in the lignin-degrading microbes can produce vanillin or 
its oxidation product vanillate. These compounds further demethylated to produce 
protocatechuate (PCA) which would be degraded by non-heme-o-diphenol dioxy-
genase through oxidative ring opening. There are three known non-heme-o- diphenol 
dioxygenases, i.e., PCA-3,4-dioxygenase (3,4-PCD), PCA-4,5-dioxygenase (4,5- 
PCD), and PCA-2,3-dioxygenase (2,3-PCD). 3,4-PCD catalyzes the meta-cleavage 
between two phenolic hydroxyl groups, while the other two enzymes catalyze 
ortho-cleavage of adjacent groups of phenolic hydroxyl groups (Fig. 12.6).

In bacteria (mainly Gram-negative bacteria), such as SYK-6 and Bacillus 
Ligniniphilus L1, protocatechuate (PCA) was converted to 4-carboxy-2-hydroxy-
muconate semialdehyde (CHMS) through ortho-cleavage catalyzed by 
protocatechuate- 4,5-dioxygenase (LigAB) [6, 129]. Then CHMS is further con-
verted to OMA (4-oxalomesaconate) by CHMS dehydrogenase (LigC). Under the 

Fig. 12.5 Metabolic pathways of 3-methyl-gallic acid [79, 80]. LigM 3MGA O-demethylase, 
DesB gallate dioxygenase, LigAB PCA 4,5-dioxygenase, DesZ 3-MGA 3,4-dioxygenase, 3-MGA 
3-methyl gallate, OMA 4-oxalomesaconate, CHMOD 4-carboxy-2-hydroxy-6-methoxy-6- 
oxohexa- 2,4-dienoate, PDC 2-pyrone-4,6-dicarboxylate
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catalysis of PDC hydrolase (LigI), OMA hydratase (LigJ), and CHA aldolase 
(LigK), CHMS was further converted to pyruvic acid and oxaloacetic acid, which 
would finally enter into the tricarboxylic acid cycle. In other bacteria (mainly Gram- 
positive bacteria), such as Pseudomonas putida and calcium acetate Acinetobacter, 
protocatechuate is oxidized by 3,4-PCD to generate cis-hexanedioic acid and then 
further degraded by β-ketoadipate metabolic pathway or ortho-cleavage pathway.

12.4.7  Diarylpropane Catabolic Pathways

The degradation of diarylpropanes by fungi has been well studied, which was attrib-
uted to the Cα–Cβ cleavage catalyzed by lignin peroxidase. In Phanerochaete 
chrysosporium, 1-(3,4-dimethoxyphenyl)-2-phenylethylene glycol (dimethoxyhy-
drobenzoin) (DMHB) was catalyzed by lignin peroxidase to obtain either benzalde-
hyde and α-hydroxy (dimethoxybenzyl) radical or resverataldehyde and 
α-hydroxybenzyl radicals. The diarylpropane degradation pathway in bacteria was 
different from that in fungi. For example, in Pseudomonas paucimobilis TMY1009, 
the interphenyl double bond in the dimeric lignin model compounds was degraded 
by dioxygenase with the generation of lignostilbene. Then the latter was further 
degraded by lignostilbene-α, β-dioxygenase to generate two vanillins which then 
enters the vanillin metabolic pathway (Fig. 12.7) [9, 58].

Fig. 12.6 Metabolic pathways of protocatechuic acid in SYK-6 [6, 129]. CHMS 4-carboxy-2- 
hydroxy-muconate semialdehyde, OMA 4-oxalomesaconate, LigAB protocatechuate-4,5- 
dioxygenase, LigC dehydrogenase, LigI PDC hydrolase, LigJ OMA hydratase, LigK CHA 
aldolase
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12.4.8  Phenylcoumarane and Pinoresinol Lignin Component 
Catabolic Pathway

Degradation pathways of phenylcoumarane and pinoresinol in Phanerochaete 
Chrysosporium and Fusarium solani have been revealed. The first step in the meta-
bolic pathway of lignin and lignin-derived components was both referred to the 
α-hydroxylation [22]. The α-hydroxylated product can generate benzyl ketone by 
ring opening. Therefore, it was proposed that in bacteria the degradation of phenyl-
coumarin may be catalyzed by lignostilbene-α, β-dioxygenase. For example, P. xan-
thomonas degraded the alkylated phenylcoumarin firstly by side chain oxidation, 
then by heterocyclic oxidation to form a furan, and finally by oxidative cleavage of 
the Cα–Cβ bond [89]. The filamentous fungal Fusarium solani M-13-1 would break 
down the phenolic coumarin by directly breaking the Cα–Cβ bond to form 
5- acetylvanillin [91]. The degradation of benzyl ketone can produce diarylpropane 
skeleton and then degrade through diarylpropane catabolic pathway. As for the deg-
radation process of pinoresinol, in F. solani m-13-1, the cleavage of C–O bond was 
catalyzed according to the oxidation of benzyl group, thus resulting in the genera-
tion of monocyclic ketone as intermediate. Further oxidation of the aryl–alkyl group 
produced a carboxyl group and a corresponding lactone [57].

Sphingomonas SYK-6 can also degrade phenylcoumarin model compounds and 
rosinol model compounds, but the related genes were not found [9, 79].

Fig. 12.7 Metabolic pathways of diarylpropane [9, 58]. (a) erythro-1,2-bis(4-hydroxy-3- 
methoxyphenyl)-1,3-propanediol; (b) 4,4′-dihydroxy-3,3′-dimethoxystibene; (c) vanillin
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12.5  Biocatalytic Conversion of Lignin

Systems biology provides powerful tools to reveal the basic metabolic pathways of 
lignin. These cognitions are applied to the construction of engineered strains using 
synthetic biology technology. The lignin-degrading engineered strains were used to 
produce various value-added products from lignin or lignin-derived aromatic 
compounds.

When catalyzed by lignin-degrading enzyme system, lignin is degraded by 
microorganisms through “upper pathways” to generate heterogeneous mixture of 
aromatic monomers which can be used as carbon and energy sources by many 
microorganisms. This process acts as a “biological funnel” to reduce the heteroge-
neity of carbon for catabolism [55]. It would be a great opportunity if we focus on 
the production of lignin-derived fuels and chemicals by selectively converting het-
erogeneous mixture of lignin-derived molecules instead of single intermediate. On 
the other hand, the lignin-derived aromatic compounds may inhibit the microbial 
growth, thereby hindering the value-added conversion of lignin. Metabolic engi-
neering and synthetic biology can efficiently reduce the product inhibition. At pres-
ent, the lignin-derived products through microbial degradation pathway mainly 
include the secondary metabolic products such as vanillin (vanillin) or cis,cis- 
muconic acid accumulation through the deletion of genes (blue) and the metabolic 
pathway of triacylglycerol lipid or polyhydroxybutyrate (green) accumulated by 
first metabolism (green) (as shown in Fig.  12.8). This section will introduce the 
typical metabolic engineering cases of lignin.

12.5.1  Metabolic Engineering for the Production 
of Lignin- Derived Aromatic Compounds

Lignin, as an aromatic polymer, has always been considered as a renewable source 
of aromatic chemicals in the future. In principle, the deep research and disclosure of 
microbial metabolic pathways and expression genes of lignin enable researchers to 
design biological metabolic pathways for the production of lignin-derived chemi-
cals from renewable materials. In recent years, more and more metabolic pathways 
converting lignin and its derivatives into aromatic chemicals have been constructed 
and some engineered strains have been obtained.

12.5.1.1  Vanillin

Vanillin is a high-value chemical that has been widely used in food/condiment 
industry. More than 99% of vanillin produced in industry is synthesized from petro-
chemical products or lignin derivatives. At present, there are commercial methods 
to produce vanillin from lignosulfonate through chemical way. Although lignin can 
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generate aromatic compounds through pyrolysis or chemical catalysis, such meth-
ods usually generate complex product mixtures with a total yield of 5–15%. 
Nowadays, especially in the food industry, increasing interest has been put on the 
natural and healthy ingredients. Therefore, the alternative source of natural vanillin 
from biotechnology process has attracted more and more attentions. The most 
attractive methods to produce vanillin include biosynthesis using natural aromatic 
compounds like ferulic acid and de novo biosynthesis from primary metabolites like 
glucose. It has reported that there were several microorganisms that can convert 
ferulic acid into vanillin, including Pseudomonas, Rhodococcus, Pycnoporus cin-
nabarinus, etc. The intermediate vanillin is produced by undesired catabolism 
caused by vanillin dehydrogenase. In order to obtain high yield and concentration 
of vanillin by preventing vanillin from being oxidized to vanillin acid, Fleige et al. 
[37] constructed the Amycolatopsis sp. ATCC 39116 vanillin dehydrogenase 

Fig. 12.8 Production of bioproducts from microbial degradation pathways [8]. The metabolic 
pathways responsible for accumulation of small molecule products vanillin or cis,cis-muconic acid 
(in dashed line) and the accumulation of triacylglycerol lipids or polyhydroxybutyrate (in solid 
line)
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 deletion mutant (ΔVDH). This strain cannot grow on vanillin anymore and cannot 
secrete vanillin dehydrogenase. When ferulic acid was used as substrate, vanillin 
concentration was enhanced by 2.3 times, while the vanillin content was greatly 
reduced. Rhodococcus jostii rHA1, a lignin decomposing bacterium, could grow to 
high cell density on the smallest medium containing lignocellulose and could toler-
ate the production of toxic aldehyde metabolites. The vdh gene (ro02986) and vanA 
gene (ro4165), encoding vanillin dehydrogenase and vanillin demethylase, respec-
tively, were found in R. jostii RHA1. Sainsbury et al. [108] constructed R. jostii 
rHA1 mutant strain (ΔVDH gene deletion strain RHA045) which deleted vanillin 
dehydrogenase gene using predictive gene deletion method. The mutant strain could 
not grow when vanillin is used as sole organic substrate but could grow on vanillic 
acid. For the ΔVDH mutant, when it grows in the medium containing 2.5% wheat 
straw lignocellulose and 0.05% glucose, the quantity and intensity of 
p- hydroxybenzaldehyde, vanillin, and protocatechuic acid (4,5-dihydroxybenzoic 
acid) in the metabolites were all increased significantly. After being cultivated for 
144 h, vanillin was accumulated up to 96 mg/L, accompanied by a small amount of 
ferulic acid and 4-hydroxybenzaldehyde.

12.5.1.2  Monolignols

Lignols, including coumarin alcohol, caffeinol, coniferol, and mustard alcohol, are 
important metabolites involved in the lignin biosynthesis of plants, and their deriva-
tives have many physiological and pharmaceutical functions. Chemical reduction 
route has been developed for the production of monolignols from the corresponding 
phenylpropionic acid [102]. However, these methods have the disadvantages of 
expensive raw materials, harsh reaction conditions, low total yield, etc.

There have been some studies on the biosynthesis of coumarin by selecting 
effective enzymes. Then, the pathway could be further expanded to produce caf-
feinol and terpineol by introducing hydroxylase and methyltransferase. Jansen et al. 
[51], for the first time, constructed a complete artificial phenylpropane pathway of 
p-coumarin in E. coli by extending the metabolic pathway of L-tyrosine with the 
combination of genes from various plants and microorganisms. This pathway was 
co-expressed with four enzymes including L-tyrosine ammonia lyase (RsTAL) 
from Rhodobacter sphaeroides, p-coumaric acid CoA ligase (Pc4CL) from 
Petroselinum crispum, cinnamoyl-CoA reductase (ZmCCR) from Zea mays, and 
cinnamyl alcohol dehydrogenase (ZmCAD) in E. coli. Firstly, L-tyrosine is deami-
nated by RsTAL to generate p-coumaric acid which was further activated by CoA 
through p-coumaric acid CoA ligase (4CL) and consequently was reduced to 
p- coumaric acid by ZmCCR and ZmCAD. By co-expression of RsTAL, Pc4CL, 
ZmCCR, and ZmCAD, p-coumaryl alcohol could be directly generated from LB by 
the constructed strain.

However, the productivity of the artificial pathway was low which might be 
attributed to the low TAL activity, since the production of p-coumaryl alcohol was 
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increased by five times when cultivating E. coli with 1 mM coumaric acid as sub-
strate. Phosphorothioate-based ligase-independent gene cloning (PLICing) method 
has become an attractive method characterized as single-gene, enzyme-free, and 
sequence-independent cloning. During the assembly of DNA fragments, the 
Operon-PLICing method changes the interval between the Shine–Dalgarno 
sequence and the START codon to balance the expression of all genes in the meta-
bolic pathway at the translation level, thereby maximizing the concentration of the 
target product and providing an opportunity [7]. Based on PLICing method, Jennifer 
et al. [53] developed Operon-PLICing method for the rapid assembly of p-coumaryl 
alcohol synthetic pathways. They heterologously expressed the encoding genes of 
the four enzymes required for the complete metabolic pathway in E. coli. With 
Operon-PLICing, 81 different clones were constructed within a few days, each of 
which carried a different p-coumaryl alcohol operon. The p-coumarol concentration 
of the selected five optimal mutants was ranging from 48 to 52 mg L−1.

High catalytic activity of enzymes is the prerequisite for effective production of 
p-coumaryl alcohol [53]. In order to increase the production of p-coumarol, Chen 
et al. [15] screened TAL, 4CL1, CCR, and AD with high catalytic activity from dif-
ferent origins to construct a new synthetic pathway. By the combination of RgTAL 
from Pseudomonas glutamicum, the At4CL1 from A. thaliana, the LlCCR from 
Lactobacillus leucocephala, and the ScADH6 from Saccharomyces cerevisiae, the 
constructed strain can effectively transform the phenylpropionic acids into corre-
sponding alcohols. The titer of p-coumaryl alcohol generated by the constructed 
strain was up to 656.0 ± 9.9 mg L−1 (Fig. 12.9).

12.5.2  Metabolic Engineering for Biomaterial Production 
from Lignin

12.5.2.1  Muconate/Muconic Acid

With the increase of oil price and the decrease of resources, people are increasingly 
interested in the production of bioplastics from renewable resources through envi-
ronmentally friendly fermentation. Cis,cis-muconic acid (MA) is one of the most 
valuable diunsaturated dicarboxylic acids of industrial value. It can be further con-
verted into basic material and monomer of commercial polymer materials, such as 
adipic acid or terephthalic acid, which are widely used in cosmetics, pharmaceuti-
cal, and food industries.

In recent years, many different functional engineering strains have been designed, 
such as Pseudomonas putida KT2440, Amycolatopsis species ATCC 39116, and 
E. coli, to produce MA either via biosynthesis from glucose and glycerol or via 
biotransformation from aromatic synthesis of biotransformed MA from glucose, 
glycerin, and even aromatic compounds. The production of MA from aromatic 
compounds is of great significance because it requires only a few biochemical reac-
tion to achieve 100% molar yield. So far, it has been proved that different aromatic 
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compounds (including benzoate, toluene, catechol, phenol, p-coumarate guaiacol) 
can be used in the production of MA. More importantly, the strains that can use 
aromatic compounds to produce MA provide the possibility for the production of 
MA from lignin-derived hydrolysate in the future.

Construction of Engineered C. glutamicum for MA Production

Most biotechnology processes that use Corynebacterium glutamate cell factories 
rely on sugar causing the competition with human nutrition. The β-ketoadipate 
pathway is the main pathway for assimilation of lignin-derived aromatic com-
pounds, which indicated that engineered C. glutamicum strains can produce MA 
from lignin-based aromatic compounds if the gene encoding muconate cycloisom-

Fig. 12.9 Biosynthetic pathways of monolignols derived from lignin [15]. TAL tyrosine ammonia 
lyase, 4CL1 p-coumarate-CoA ligase, CCR cinnamoyl-CoA reductase, ADH6 alcohol dehydroge-
nase, HpaBC 4-hydroxypropanoic acid 3-hydroxylase, CCoAOMT caffeoyl-CoA 
O-methyltransferase, COMT caffeate 3-O-methyltransferase
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erase was deleted. Berker et al. deleted the gene encoding muconate cycloisomerase 
from the genome of wild-type C. glutamicum ATCC 13032 to block the catabolism 
of small aromatics at the MA level resulting in the accumulation of MA [56].

Contrary to the wild type, the obtained mutant C. glutamicum MA-1 can no lon-
ger grow on the aromatic compounds benzoic acid, catechol, and phenol as the sole 
carbon sources. In contrast, by adding a small amount of glucose, the consumption 
of aromatic compounds and the growth of strain were observed. Within 24 h, 5 mM 
phenol, 10 mM catechol, and 20 mM benzoic acid were completely transformed by 
C. glutamicum MA-1. The mutated strain C. glutamicum MA-2 was further obtained 
through constitutive overexpression, which could fasten the conversion of catechol 
into MA. During batch feeding, the mutant strain MA-2 accumulated 85 g L−1 mA 
from catechol within 60 h, and the maximum yield was 2.4 g L−1 h−1. Moreover, 
engineering strain MA-2 successfully converted lignin-derived hydrolysate into 
MA, reaching 12.5 mm (1.8 g L−1) within 27 h.

Construction of Genetic Engineering P. putida for MA Production

In P. putida, muconate is produced by catechol-1,2-dioxygenase, which is a cate-
chol branch of the phthalate pathway. Protocatechuate is metabolized through 
another branch of the β-ketoadipate pathway, which does not use MA as an interme-
diate. Given that many lignin derivatives will be metabolized through one of these 
aromatic intermediates, Vardon et  al. [124] replaced the gene encoding 
protocatechin- 3,4-dioxygenase with the gene encoding protocatechin decarboxyl-
ase from Enterobacter cloacae. This enabled the conversion of protocatechuic acid 
and upstream metabolites to catechol while eliminating the further catabolism of 
protocatechuic acid to β-ketoadipate. This resulted in the transition of aromatic 
compounds from catechol and protocatechuate branches of the β-ketoadipate path-
way to muconate. Acetate was used as carbon source and energy source to evaluate 
the muconate productivity of engineered P. putida KT2440-CJ103 using lignin- 
derived monomers, which can successfully convert catechol, phenol, and benzoate 
into muconate via catechol branch and convert protocatechuate, turpentine oil, feru-
late, vanillin, caffeine, p-coumarate, and 4-hydroxybenzoate via protocatech-
uate branch.

Taking p-coumaric acid as carbon source, the cis-muconate yield of P. putida 
KT2440-CJ103 was 13.5 g/L when cultivated in a fed-batch bioreactor for 78.5 h. 
Alkaline pretreated liquor, mainly containing p-coumarate, ferulate, glycolate, and 
acetate, was used for the cultivation of P. putida KT2440-CJ103, which indicated 
that glycolate and acetate were quickly consumed and used as source of carbon and 
energy required for cell growth and a yield of 0.7 g L−1 cis-muconate was obtained 
after 24 h.
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Construction of Genetic Engineering E. coli for MA Production

Microorganisms with the ability to metabolize aromatic compounds, such as 
Sphingomonas SYK-6, can take syringate and vanillin (main lignin-derived aro-
matic compounds) as carbon sources and metabolize them into small molecular 
metabolites, such as protocatechuate or catechol. The vanillin catabolic pathway is 
responsible for providing SYK-6 with sufficient nicotinamide adenine dinucleotide 
(NADH) and nicotinamide adenine dinucleotide phosphate (NADPH), which is 
critical for microbial growth. Sphingomonas SYK-6 has been proved to be extremely 
highly tolerant to high pH, which is a desirable characteristic for the high-value 
utilization of lignin. Moreover, it was found that the decomposition of lignin is a 
mechanism required for SYK-6 to survive [125]. The unique lignin-catabolizing 
characteristics of SYK-6 made it attractive in the high-value utilization of lignin. 
However, it was difficult for SYK-6 to be used as a host for lignin valorization since 
there were too many genes needed to be knocked out and overexpressed. Wu et al. 
[127] used vanillin as raw material which was derived from hydrogen peroxide cata-
lyzed Kraft lignin to produce cis,cis-muconic acid by a newly developed pathway. 
Based on substrate consumption, Pseudomonas putida mt-239 containing the gene 
encoding catechol 1,2-dioxygenase (CatApmt2) obtained the highest yield of 
cis,cis-muconic acid (314  mg  L−1), followed by Acinetobacter calcoaceticus 40 
containing the gene encoding catechol 1,2-dioxygenase (CatAac) (238 mg L−1).

12.5.2.2  Pyruvate

Pyruvate is the key intermediate for the sugar metabolism of all biological cells and 
the mutual conversion of various substances in vivo. Owing to containing active 
ketone and carboxyl groups, pyruvate is widely used in chemical, pharmaceutical, 
food, agriculture, environmental protection, and other fields as a basic chemical raw 
material. It has been developed as the fundamental strategies for the metabolic engi-
neering of the bio-based production of amino acids, alcohols, terpenoids, lactate, 
etc. In aerobic organisms, the aromatic products (such as benzoate and p-coumarate 
benzoate and p-coumarate) first degraded aerobically into intermediates such as 
protocatechuate and catechol. Then the intermediates would be cleaved by the O2- 
dependent dioxygenase. However, according to the difference position of adjacent 
hydroxyl groups (ortho-position or meta-position), the oxygenase would catalyze 
the aromatic ring cleavage of catechol and protocatechuate through different degra-
dation pathways to generate different combinations of succinate, acetyl-CoA, and 
pyruvate. Then the products would be metabolized through parallel pathways and 
finally entry into the TCA cycle. The ortho cleavage pathway of catechol and proto-
catechuate produces succinate and acetyl-CoA, while, the meta-cleavage pathway 
of catechol generates pyruvate and acetyl-CoA. The products of 2,3-meta-cleavage 
pathway and 4,5-meta-cleavage pathway of protocatechuate were different; the for-
mer generate pyruvate and acetyl-CoA, while the latter produce two pyruvate mol-
ecules [55].
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The metabolic pathway of the target product derived from lignin degradation 
could be optimized. Generally, the meta-cleavage pathway of catechol and PCA is 
superior to the ortho-cleavage pathway. Therefore, the pyruvate yield from lignin 
aromatic molecules produced by a reconstructed strain by replacing the P. putida 
KT2440 endogenous catechol ortho-degradation pathway with the exogenous meta- 
cleavage pathway from P. putida MT-2 was increased by approximately 10%. 
Moreover, the pyruvate production would be increased by nearly five times if 
replacing the endogenous protocatechuate ortho-cleavage pathway with the meta- 
cleavage pathway from Sphingobium sp. SYK-6. Meanwhile, the pyruvate can fur-
ther be converted into L-lactic acid aerobically, which will enhance the total pyruvate 
production consequently [55].

12.5.2.3  Polyhydroxyalkanoates (PHA)

Plastic products are the necessities of people’s daily life and industrial and agricul-
tural production. The widely used petroleum-based plastics cause serious environ-
mental pollution and consume a lot of unrenewable resources. Polyhydroxyalkanoate 
(PHA) is a kind of environmentally friendly plastics, which can be completely bio-
degraded. The physical and chemical properties and processing performances of 
PHA are similar to traditional plastics. Therefore, PHA is an ideal substitute for 
petroleum-based plastics and has broad application prospects. Actually, PHA has 
been widely used in coatings, films, biomedical materials, biocompatible drug 
delivery, and organic/inorganic composite bioplastics [131].

Some microbes can produce PHA, and then PHA can be reserved as carbon 
source under specific nutritional constraints. Therefore, the microbial synthesis of 
PHAs is the major method for the industrial preparation of PHA. It has been found 
that PHA can be transformed from lignocellulose by microorganisms such as 
Ralstonia eutropha, Pseudomonas putida, and Bacillus megaterium [16]. Many 
bacteria have developed complex metabolism for lignin conversion with advanced 
enzyme systems for PHA production. Therefore, screening high-yield strains and 
choosing cheap, renewable, and wide-ranging wastes as substrates for PHA synthe-
sis are of great significance for reducing production cost of PHA, recycling, and 
valorization of wastes.

The β-ketoadipate pathway also plays an important role in lignin conversion, 
because aromatic compounds derived from lignin can be used to synthesize high- 
molecular- weight compounds, including lipids and polyhydroxybenzoates (PHA). 
As the most thoroughly studied Pseudomonas, P. putida KT2440 had various meta-
bolic functions. It had acyl-CoA synthetase that encodes fadD gene, β-oxidation 
pathway that provides 3-OH-aryl-CoA, and polymerization–depolymerization 
 system that integrates two polymerases (PhaC1 and PhaC2) and a depolymerase 
(PhaZ). However, P. putida KT2440 specifically catalyzed the complete assimila-
tion of phenylacetyl-CoA or benzoyl-CoA generated from these polyesters through 
two β-oxidation pathways in the cell. It was found that blocking either fadD or 
PhaC1 can inhibit the synthesis and accumulation of plastic polymers in cells. By 
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disrupting PhaC2, the storage quantity of polymers could be reduced by two-thirds. 
The blocking of PhaZ could hinder the metabolic pathway of polymers, thus reduc-
ing its production. The productivity of plastic polymer in the mutant that absence of 
glyoxylate cycle or β-oxidation pathway was relatively higher than that in the wild 
strain [41]. The aromatic model compounds and heterogeneous lignin hydrolytes 
derived from alkaline pretreated lignin can be converted into medium-chain-length 
polyhydroxyalkanoates (mcl-PHAs). When they were used as substrate for P. putida 
KT2440, 36% of PHA was accumulated in the cell of P. putida after 48 h [72]. 
Olivera et  al. [92] also proposed that the simple mutation or deletion of genes 
involved in the β-oxidation pathway in P. putida could accumulate amount of PHAs 
that account for more than 55% of the cell dry weight of mutants. Genetically bac-
teria Pseudomonas putida was used to produce new type of bioplastic containing 
aromatic or aliphatic and aromatic monomer mixture. The mutation (−) or deletion 
(Δ) of some genes in the β-oxidation pathway (fadA−, fadB−, ΔfadA, or Δfad BA 
mutants) can lead to the accumulation of abnormal homopolymers or copolymers in 
cells. The morphology of microorganisms changed significantly, since these macro-
molecular substances occupied 90% of the cytoplasm. Introducing blockade into 
the β-oxidation pathway or other related catabolic pathways allows mutant strains 
to synthesize polymers different from wild-type strains, to accumulate some inter-
mediate products that are rapidly decomposed in wild type, and to accumulate the 
terminal decomposition products (such as phenylacetic acid, phenylbutyric acid, 
trans-cinnamic acid, or its derivatives) in the fermentation broth.
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Understanding Fundamental and Applied 
Aspects of Oxidative Pretreatment 
for Lignocellulosic Biomass and Lignin 
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13.1  Oxidative Pretreatment: An Overview of Processes

The application of oxidation in the processing of lignocellulosic materials has a 
long history, with the earliest industrial use of gaseous chlorine in bleaching dating 
back to the eighteenth century [1]. Oxidation of lignocellulosic materials alters the 
physiochemical properties of plant polymers, resulting in fractionation and modifi-
cation of plant cell wall components. Oxidative bleaching of plant pulp, in particu-
lar, has been the primary industrial application of lignocellulose oxidation.

Oxidation reactions have also been studied as an approach to improving the 
accessibility of polysaccharides during biochemical conversion of lignocellulosic 
biomass, and to extracting lignins from biomass for further valorization. Since these 
reactions precede enzymatic saccharification of plant polysaccharides, they are col-
loquially referred to as oxidative pretreatment. The use of oxidants in pretreatment 
has been demonstrated to increase the yield of sugars from enzymatic digestion of 
pretreated biomass, and to result in physiochemical changes in plant cell wall com-
ponents. This section reviews the processing characteristics of various oxidative 
pretreatments, and the following section focuses on the effects of oxidative pretreat-
ment on plant cell wall components.
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13.1.1  Pulp Bleaching Processes

Pulp bleaching is a sequence of unit operations (also referred to as stages) where 
wood pulp is treated with oxidants in order to whiten the pulp. A detailed overview 
of the process can be found in the writings of Sjöström [2], Biermann [3], and 
Bajpai [4]. Most pulp bleaching sequences use oxidation reactions to remove resid-
ual lignins and to convert naturally occurring wood chromophores to products that 
absorb little or no light in the visible range. During these reactions, color-bearing 
lignins and aromatic extractives are removed from wood pulp, leaving behind 
bleached product that is primarily cellulose. Because of the economic impacts of 
cellulose depolymerization during pulp bleaching, the oxidants used in pulp 
bleaching.

The oxidants used in pulp bleaching has evolved from early options of chlorine 
[5] and hypochlorite to more environmentally friendly chlorine-free oxidants 
including molecular oxygen, hydrogen peroxide, and ozone [6].

13.1.2  Oxidative Pretreatment for Biochemical Conversion 
of Lignocellulose

Biochemical conversion of lignocellulose offers potential in delivering fuel, chemi-
cals, and materials with reduced life-cycle of greenhouse gas emissions compared 
to petroleum refining [7]. Pretreatment of lignocellulose disrupts the plant cell wall 
structure in biomass, leading to increased yields in enzymatic saccharification and 
sugar bioconversion. As a result, a pretreatment stage is indispensable in any eco-
nomically viable biochemical biomass conversion process.

Oxidative pretreatment is a category of pretreatment methods that involves the 
use of oxidants as a means of disrupting and fractionating lignocellulose. Compared 
to other pretreatment methods, oxidative pretreatment is unique in its ability to 
modify and remove lignin from lignocellulosic biomass [8]. The type and extent of 
chemical changes to lignin, as well as other plant cell wall components, vary 
depending on the type of oxidant used, operation conditions, and the characteristics 
of biomass being pretreated.

13.1.2.1  Wet Oxidation

Wet oxidation is a pretreatment method that employs molecular oxygen or air in a 
pressurized reaction loaded with biomass and an alkaline aqueous solution (e.g., 
Na2CO3, NaOH). Biomass suspended in water is treated under pressurized 
(5–20 MPa) air or oxygen, and elevated temperature (150–350 °C). This pretreat-
ment method has been demonstrated to be effective on various biomass feedstock 
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including wheat straw [9, 10], reed [11], rice husk [12], rape straw [13], sugarcane 
bagasse [14], and wood pulp waste [15].

During wet oxidation of herbaceous biomass, lignin is converted to carbon diox-
ide (CO2) as well as water-soluble carboxylic acids including acetic, formic, suc-
cinic, oxalic, and glutaconic acids. Hemicellulose is also solubilized during wet 
oxidation, with the extent of dissolution and degradation positively correlated with 
temperature [9]. Compared to steam explosion pretreatment, wet oxidation is advan-
tageous due to lower processing temperature (<200 °C) and reduced generation of 
sugar dehydration products (e.g., furfural, 5-hydroxyformaldehyde) known to 
inhibit sugar-fermenting organisms [10].

13.1.2.2  Alkaline Hydrogen Peroxide

Hydrogen peroxide (H2O2) has a higher standard oxidation potential (Table  13.1) 
than molecular oxygen, and demonstrates effectiveness in biomass pretreatment 
under ambient conditions. Under alkaline conditions (pH 11–12), hydrogen peroxide 
dissociates and evolves into potently oxidative radicals (•OH, •OOH). These radicals 
oxidize lignins, resulting in change in lignin dissolution and removal from the plant 
cell wall matrix. The presence of alkali also promotes solubilization of hemicellu-
lose, which further increases the accessibility of cellulose to hydrolytic enzymes.

As a pretreatment method, alkaline hydrogen peroxide (AHP) pretreatment is 
effective in removing both hemicellulose and lignins from the plant cell wall matrix, 
and thus increasing the accessibility of cellulose to hydrolytic enzymes [16, 17]. 
AHP has been demonstrated as an effective standalone pretreatment for a number of 
herbaceous feedstocks including wheat straw [18], rice hulls [19], corn stover [20, 
21], bamboo [22], and agave bagasse [23], while the pretreatment is not effective on 
cactus pear [24] and gooseweed [25]. The efficacy of AHP pretreatment under ele-
vated temperature (150–180  °C) on woody biomass has also been reported for 
Douglas fir [26, 27] and hybrid poplar [21].

AHP pretreatment has also been reported as a secondary post-treatment used in 
tandem with other pretreatment methods including wet oxidation [12], alkali pretreat-
ment [28, 29], steam explosion [30], and microwave [31–33]. As part of a multi-stage 
pretreatment process, the delignifying AHP step reduces the cell wall recalcitrance 
synergistically with other pretreatments that are effective in hemicellulose removal 
[34]. The amount of hydrogen peroxide used in AHP post-treatment is reduced as 

Table 13.1 Standard 
oxidation potential of 
oxidants used in oxidative 
pretreatment of biomass

Oxidant

Standard 
oxidation 
potential (V)

Hydroxyl radical (•OH) 2.86
Ozone (O3) 2.07
Hydrogen peroxide (H2O2) 1.77
Oxygen (O2) 1.23
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compared to using AHP as a standalone pretreatment process, and may lead to an 
improvement in the economic feasibility of the entire pretreatment process [29].

13.1.2.3  Catalytic Hydrogen Peroxide Pretreatment

The application of metal catalysts in AHP pretreatment has been reported as an 
approach to improving both pretreatment efficacy and reducing oxidant use. 
Examples of effective catalysts include manganese acetate [35], copper-diimine 
complexes [36], magnetite nanoparticles [37], and titanium dioxide [38]. The effects 
of catalysts include accelerated oxidation reactions, reduced time needed for effec-
tive pretreatment, and improved efficacy of recalcitrance reduction. In presence of 
metal catalysts, oxidation reactions between hydrogen peroxide and plant cell wall 
components can be accelerated, or go through pathways different from those under 
catalyst-free conditions. Although the specific reaction mechanisms of catalytic bio-
mass oxidation by hydrogen peroxide is not fully understood, a number of possible 
reaction schemes have been proposed. Transitional metal catalysts including man-
ganese, copper, and iron can catalyze Fenton reactions that generate hydroxyl (•OH) 
and superoxide (O2•–) radicals, which in turn oxidizes lignins and other aromatic 
structures in biomass [39].

13.1.2.4  Ozone

Ozone is an environmentally friendly oxidant that generates hydroxyl radicals while 
dissolved in water and thus has potential applications in lignin oxidation and bio-
mass pretreatment. Recent developments in ozone pretreatment of biomass have 
been detailed in a recent review by Travaini and coauthors [40]. The efficacy of 
ozone pretreatment is associated with the moisture content of biomass during pre-
treatment process, as dissolved ozone is more effective in lignin oxidation com-
pared to gaseous ozone [41]. Currently, the high energy and financial cost of ozone 
generation has limited the use of ozone in biomass pretreatment as part of cellulosic 
biofuel production. To overcome these limitations, ozone pretreatment with low 
severity may be used in tandem with other synergistic pretreatment methods [42].

13.1.2.5  Enzymatic Pretreatment

Oxidoreductases have been associated with both the plant biosynthesis and fungal 
biodegradation of lignins. Laccase and peroxidases have been shown to affect lignin 
synthesis and accumulation in Arabidopsis [43–45], and their use in biomass pre-
treatment has also been reported. Deng et  al. independently reported a Trametes 
versicolor laccase pretreatment mediated with 1-hydroxybenzotriazole that reduces 
non-productive enzymatic binding on lignin during wheat straw hydrolysis, and the 
pretreatment also results in a 26% increase in the yield of reducing sugars during 
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enzymatic saccharification [46]. Heap et al. used T. versicolor laccase pretreatment 
in tandem with alkaline peroxide pretreatment to further improve saccharification 
yield from wheat straw [47]. Enhanced saccharification yield was also observed in 
Eucalyptus [48] and bamboo [49] pretreated with a laccase-mediator system.

13.2  Effects of Oxidative Pretreatment Processes on Plant 
Cell Wall Components

Physical and chemical changes to plant cell wall components, as well as an increase in 
enzymatic digestibility, have been associated with oxidation reactions during oxidative 
pretreatment. The extent of these changes is associated with the type of the pretreat-
ment, as well as pretreatment process parameters including pH temperature, oxygen 
partial pressure, residence time, and oxidant–biomass stoichiometry. Some examples 
of pretreatment effects on enzymatic conversion are summarized in Table 13.2.

Via cleavage of covalent intramolecular linkages [39] and oxidation of lignin 
side chains [50], oxidative pretreatment is effective in hemicellulose solubiliza-
tion and lignin removal. Redistribution and removal of recalcitrant cell wall poly-

Table 13.2 Effect of oxidative pretreatment on enzymatic digestibility of biomass

Feedstock Pretreatment conditions
Enzyme 
loading

Cellulose 
conversion (of 
theoretical 
maximum) References

Common reed 
(Phragmites australis)

12 bar O2, 2 g/L Na2CO3, 
200 °C, 12 min

25 FPU per 
g dry matter

82.4% after 48 h [56]

Norway spruce (Picea 
abies)

12 bar O2, initial pH = 7, 
200 °C, 10 min

30 FPU per 
g dry matter

50% after 24 h, 
79% after 72 h

[57]

Sugarcane bagasse 12 bar O2, 2 g/L Na2CO3, 
190 °C, 15 min

25 FPU per 
g dry matter

57.4% after 24 h [58]

Wood pulp waste 12 bar O2, pH = 10, 
195 °C, 15 min

35 FPU per 
g dry matter

42.9% after 48 h [15]

Corn stover 500 mg H2O2/g dry 
biomass, pH = 11.5, 
30 °C, 24 h

20 FPU per 
g dry matter

88.2% after 48 h [16]

Cashew apple bagasse 4.3% v/v H2O2, biomass 
loading at 2% w/v, 
pH 11.5, 35 °C, 24 h

60 FPU per 
g cellulose

50% after 48 h [59]

Douglas fir 
(Pseudotsuga 
menziesii)

0.1 g H2O2/g biomass, 
pH 11.9, 180 °C, 30 min

20 FPU per 
g cellulose

95% after 96 h [27]

Hybrid poplar 
(Populus nigra var. 
charkoviensis × 
caudina cv. NE-19)

Alkaline extraction 
(120 °C, 1 h) followed by 
AHP catalyzed by 
Cu-2,2′-bipyridyl (30 °C, 
23 h)

30 mg 
protein per 
g dry matter

94% after 72 h [60]
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mer is associated with improved accessibility of hydrolytic enzymes. Wu et al. 
reported the reduced binding affinity of oxidized lignins to cellulases, which 
leads to improved enzymatic hydrolysis rate of cellulose [51]. The surface mor-
phology of plant cell wall matrix is also affected by oxidative pretreatment, with 
an increase in surface roughness [52], pore volume [16], and pore surface area 
[22, 53]. Oxidative pretreatment also increases the water retention value [54], 
which is an indicator of enzymatic digestibility of pretreated biomass [55].

13.3  Knowledge Gaps

Oxidative pretreatment has demonstrated potential in reducing plant cell recalci-
trance to biochemical conversion, although additional research is still needed in this 
area to better understand the physiological changes in biomass during oxidative 
pretreatment. Specifically, the oxidation chemistry during depolymerization and 
repolymerization of lignin polymers is not yet fully understood, and the effect of 
catalysts during oxidative pretreatment has not been well studied. The role of natu-
rally occurring, cell wall–associated transition metals in biomass has been reported 
[61], which reveals the potential of breeding biomass crops with metal profiles suit-
able to oxidative pretreatment. In addition, more research is warranted in identify-
ing strategies in reducing costs related to pretreatment chemical consumption and 
product separations during oxidative pretreatment [29].
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Chapter 14
Lignin Valorization in Biorefineries 
Through Integrated Fractionation, 
Advanced Characterization, 
and Fermentation Intensification Strategies
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Zhi-Hua Liu, and Arthur J. Ragauskas

14.1  Introduction

The valorization of lignin has attracted increasing attention as it is now considered 
to be an essential part to achieve cost-effective and sustainable biorefineries [1, 2]. 
Lignin is more energy-dense in comparison with cellulose and hemicellulose due to 
its higher carbon-to-oxygen ratio [3]. However, it is also much more difficult to 
depolymerize due to its complex three dimensional molecular structure and the 
presence of several C–C interunit linkages. Furthermore, the presence of lignin–car-
bohydrate complex (LCC) results in difficulties in obtaining carbohydrate and lig-
nin without structural alterations [4]. Recently, various pretreatment methods have 
been developed to fractionate lignin, cellulose, and hemicellulose in biomass. 
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However, the properties of lignin obtained from different methods vary signifi-
cantly. Table 14.1 lists the different sources, characteristics, and applications of dif-
ferent types of lignin.

Even in the same pretreatment process, the obtained lignin exhibits inhomoge-
neous physicochemical properties such as different molecular weights and func-
tional groups due to the complexity of bond cleavage and repolymerization reactions. 
Lignin chemistry determines its functions, while its structural heterogeneity signifi-
cantly restricts its valorization. To address these challenges, lignin fractionation 
provides an effective approach to obtain lignin fractions with relatively uniform 
properties. The resulting different lignin fractions can be utilized rationally based 

Table 14.1 Sources, characteristics, and applications of different types of lignin

Lignin types Sources Characteristics and applications

Milled wood 
lignin (MWL)

Extraction with neutral 
solvents (dioxane/water) 
from milled wood [5]

Slight change on lignin structure; Used for lignin 
structure comparison

Klason lignin Lignocellulosics treated 
by concentrated acid 
(72% (w/w) H2SO4)

Applied for lignin content measurement [6]

Kraft lignin (KL) Kraft pulping Macromolecular destroyed, low molecular weight 
lignin, main kind of industrial lignin, account for 
85% of whole industrial lignin; Mainly burned 
for energy, low utilization efficiency [7]

Lignosulfonate Sulfite pulping Soluble in water, higher molecular weight than kraft 
lignin; Relatively wide applications in dispersing 
agents, surfactants, cement additives, etc. [8]

Organosolv lignin Extraction with organic 
solvents from 
lignocellulosics

Relatively high processability and purity; 
Application in adhesive, filler, etc. [9, 10]

Alkaline lignin Extraction with alkaline 
or 
alkaline–anthraquinone

Degradation of β-O-4 linkages and aromatic ring 
openings, high content of phenolic hydroxyl; 
Application in surfactants, phenol substitute, 
nanoparticles, etc. [11]

Enzymatic 
hydrolysis lignin 
(EHL)

Isolated from enzymatic 
hydrolysis residues of 
lignocellulosics

Relatively high processability and reactivity; 
Application in adsorbents, modification of 
polymer materials, etc. [9]

Steam exploded 
lignin

Isolation by steam 
explosion process

Relatively high processability and purity, high 
content of phenolic hydroxyl; Application in 
phenol substitute, filler, etc. [9, 12]
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on their special properties, which could contribute to the efficient valorization of the 
parent lignin. Regardless of the source of lignin and different pretreatment or frac-
tionation technologies, lignin characterization is vital to understand the structural 
changes and further provides useful guidance for the lignin processing. Therefore, 
characterization also plays an essential role in lignin valorization.

At present, there are two major ways for lignin valorization, including thermo-
chemical and biological conversion [8, 13]. The thermochemical processes rely 
heavily breaks down large molecules of lignin with high temperature, high pressure, 
extreme pH, etc. While obtaining high reaction rate and efficiency, thermochemical 
processes often have disadvantages such as intensive energy input, severe operating 
conditions, and complex products [13, 14]. Recently, biological conversion of lignin 
has begun to open an alternative pathway for lignin valorization with significant 
potentials [15]. Typically, lignin streams are selected as a feedstock, which can be 
eventually converted to value-added compounds such as lipids, polyhydroxyalkano-
ates (PHAs), muconic acids, and vanillin through the microbial metabolism [8]. 
Although the reaction time is relatively longer, these biological conversions of lig-
nin show potential green and economic process benefits, which have emerged as 
promising approaches for lignin valorization.

This chapter illustrates recent lignin fractionation methods to overcome the het-
erogeneity of lignin. Characterization techniques as well as their important roles for 
understanding lignin structure and improving lignin valorization are also systemati-
cally summarized. Besides these, as an emerging technology platform, bioconver-
sion and intensification strategies of lignin valorization through fermentation are 
reviewed systematically from the aspects of microbial strains, substrates, and pro-
cesses. Finally, the perspectives for future research on more directional lignin valo-
rization routes are discussed.

14.2  Lignin Fractionation

Fractionation has been employed to deconstruct biomass and decrease the structural 
heterogeneity of lignin and thus produces the lignin with specific structures, which 
is beneficial to its rational utilization for material applications and microbial conver-
sion. At present, there are principally three methods for lignin fractionation, includ-
ing membrane technology, sequential precipitation, and organosolv sequential 
dissolution [16, 17].

14.2.1  Fractionation by Membrane Technology

Based on the difference of lignin molecular size (i.e., molecular weight), membrane 
technology is commonly applied for lignin fractionation. Wang and Chen [18] used 
ultrafiltration membrane with different cut-offs (20, 10, and 6 kDa) to fractionate 
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alkali-extracted lignin from steam-exploded corn straw. Considering the pH toler-
ance of the membrane materials, dilute acid was added in the alkali-extracted lignin 
solution to ensure that the pH value was acceptable for membrane operation. Results 
showed that four lignin fractions were obtained after the ultrafiltration membrane 
treatment, of which the weight-average molecular weight (Mw) was 15,867, 7332, 
4575, and 2882 g/mol, respectively. Lignin concentration and purity increased while 
inorganic salts content decreased in the lignin fractions. Moreover, lignin fractions 
with different molecular weight showed various acid-precipitation behaviors, which 
justified the necessity of the fractionation. Compared with traditional polymer 
membranes, a ceramic membrane can be used under a wide range of pH and tem-
perature values, which enhances the applicability of membrane fractionation. 
Toledano et al. [17] applied ceramic membrane with different cut-offs (15, 10, and 
5 kDa) to fractionate black liquor, which was generated from alkaline pulping of the 
Miscanthus sinensis [7.5% (w/w) NaOH, 90 min and 90 °C]. Four fractions with 
different lignin molecular weights were efficiently obtained. Generally, membrane 
technology is suitable for fractionation of dissolved lignin, which can remove inor-
ganic salts, oligosaccharides, monosaccharides, and improve the purity of the frac-
tionated lignin [16].

14.2.2  Fractionation by Sequential Precipitation

Sequential precipitation method typically fractionates lignin based on its molecular 
weight as well as functional groups. Gradient acid precipitation is commonly used 
for alkaline lignin. Lignin was dissolved and formed a stable colloid structure in 
alkaline solutions. Due to the phenolic hydroxyl and carboxyl groups in lignin, the 
surface of colloid lignin is negatively charged in an alkaline solution, which pre-
vents colloid aggregation and precipitation formation. When acid (i.e., HCl, H2SO4) 
is added, the free protons neutralize the negative groups on the lignin colloid sur-
face, which facilitate precipitation formation. Lourençon et al. [19] applied sequen-
tial acid precipitation to fractionate lignin from hardwood and softwood kraft black 
liquors, respectively. Lignin precipitation was made sequentially by acidification at 
pH 9, 7, 5, 3, and 1, and five lignin fractions were obtained accordingly. Regardless 
of the lignins from hardwood or softwood, lignin with higher molecular weight 
precipitated at higher pH, which may due to the relatively fewer contents of acidic 
groups compared with low molecular weight lignin fractions. Meanwhile, lignin 
precipitation using antisolvents is a promising strategy for the separation of lignin 
from organic solvents. The addition of antisolvents with marginal solubility for lig-
nin to organic phase forms solid lignin, which can be filtered from the remaining 
liquid. Holtz et al. [20] studied the separation of lignin from 2-methyltetrahydrofu-
ran using antisolvent precipitation. Antisolvent screening showed that high lignin 
precipitation yield and efficient antisolvent recovery were achieved when using n- 
pentane as an antisolvent. Wang et  al. [21] applied sequential precipitation with 
hexane as an antisolvent to fractionate both Kraft lignin (KL) and cosolvent 
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enhanced lignocellulosic fractionation (CELF) lignin. Characterization results 
showed that lignin fractions with high molecular weight possessed a relatively 
higher frequency of aliphatic hydroxyl groups on the macromolecular chains, while 
fractions with low molecular weight contained more phenolic hydroxyl groups due 
to the cleavage of alkyl aryl ether bonds. The lignin fractions obtained from sequen-
tial precipitation showed narrowly distributed molecular weights and tunable chem-
ical structure, which was beneficial to the subsequent specific application. The 
disadvantage of the sequential precipitation fractionation method is that coprecipi-
tation might occur. Santos et al. [22] detected the presence of Na2SO4, NaCl in lig-
nins precipitated with sulfuric acid, or hydrochloric acid, respectively, which 
decreased the purity of the obtained lignins.

14.2.3  Fractionation by Organosolv Sequential Dissolution

Organosolv sequential dissolution method also fractionates lignin based on its 
molecular weight and functional groups. Lignin after organosolv dissolution frac-
tionation is not only more homogeneous in molecular weight, but also contains 
similar functional groups, which is advantageous to the subsequent specific applica-
tion [23]. Mörck’s research group [24–26] fractionated hardwood KL from birch by 
successive extraction with organic solvents including dichloromethane and metha-
nol. Characterization results of high performance size exclusion chromatography 
and 13C nuclear magnetic resonance spectrometry (NMR) showed that the low 
molecular weight fractions had lower polydispersity but higher contents of phenolic 
hydroxyl groups and higher syringyl/guaiacyl (S/G) ratio. Song et al. [27] applied 
solvents of ethyl acetate, ethanol, acetone, and dioxane/water (95:5, v/v) to fraction-
ate lignin that was extracted by p-toluenesulfonic acid from hybrid poplar. As shown 
in Table 14.2, four fractions were obtained accordingly. Lignin fractions that were 
dissolved in ethanol and acetone possessed high contents of phenolic hydroxyls, 
which might be attributed to the formation of numerous hydrogen bonds. Meanwhile, 
2D heteronuclear single quantum coherence (2D HSQC) NMR results showed that 
the lignin fraction dissolved in ethyl acetate contained more C−C bonds, mainly 
β–β units, compared with other fractions. A single solvent system consisting of 
ethanol and water for lignin fractionation was established as an attractive green 
system. Wang et al. [28] applied a simple one-step ethanol fractionation method to 
fractionate bamboo KL. Soluble and insoluble fractions were subdivided. The solu-
ble fraction (Fs) showed enhanced antibacterial activity compared to bamboo KL, 
while the insoluble fraction (Fi) barely showed any inhibition on bacteria growth, 
and even promoted bacterial growth. As shown in Table 14.2, molecular weight was 
much lower while phenolic hydroxyls content was higher for Fs compared with 
those of Fi. It was deduced that the better solubility and higher phenolic hydroxyls 
content in the Fs fraction contributed to its enhanced antimicrobial performance [29].

Furthermore, organosolv sequential dissolution could also fractionate lignins 
directly from raw lignocellulosics biomass. In a biorefinery concept, Liu et al. [23] 
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applied ethanol plus different-stage catalysts to selectively dissolve lignin from corn 
stover for producing multiple uniform lignin streams, and to tailor their chemistry 
and reactivity for fabricating lignin nanoparticles (LNPs). As a result, polydisper-
sity index (PDI) of LNPs from dissolved lignin by ethanol plus sulfuric acid was 
less than 0.08, indicating good uniformity and stability of the LNPs. Lignin charac-
terization results showed that S/G ratio, β-O-4, and β–β linkage abundance of the 
obtained lignin decreased while more phenolic hydroxyl groups were present, 
which helped to enhance the stability of the LNPs. By tailoring the lignin chemistry 
using sequential dissolution, high-quality LNPs of a spherical shape, small effective 
diameters, and good stability have been fabricated. Moreover, the glucose and 
xylose yields were also increased due to the improved hydrolysis performance. 
Therefore, fractionation by organosolv dissolution could provide an effective route 
for specific utilization of the lignin fractions, which shows great potential for 
upgrading the low-value lignin and thus contributes to the profitability of biorefiner-
ies. The disadvantages of organosolv sequential dissolution fractionation are gener-
ally attributed to complicated processes and difficulties in the recycling of organic 
solvents [30].

Overall, as shown in Table 14.3, each fractionation method has its own special 
characteristics. The options of fractionation method should depend not only on the 
lignin rich substrates but also on the further utilization of the fractionated lignin. 
Clearly knowing the further valorization route of the obtained lignin fractions can 
facilitate the options of lignin fractionation method.

Table 14.2 Molecular weight and functional group content of different lignin fractions

Successive organic solvents fractionation of 
p-toluenesulfonic acid-extracted lignin from 
hybrid poplar [27]

One-step ethanol 
fractionation of bamboo 
kraft lignin [28]

F1 (ethyl 
acetate 
soluble)

F2 
(ethanol 
soluble)

F3 
(acetone 
soluble)

F4 
(dioxane/
water 
soluble)

Fs (95% 
ethanol 
soluble)

Fi (95% 
ethanol 
insoluble)

Mw (g/mol) 1903 2275 4571 45,420 2518 5216
PDIa 1.81 1.44 1.78 4.88 1.79 1.65
Syringyl OHb 1.15 1.67 1.53 0.90 0.89 0.43
Guaiacyl OHb 0.55 0.85 0.75 0.52 0.51 0.27
p-Hydroxyphenyl 
OHb

0.30 0.52 0.45 0.28 0.54 0.29

COOHb 0.68 0.29 0.16 0.14 0.77 0.41
aPDI represents polydispersity index
bThe unit of the functional group content is mmol/g
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14.3  Lignin Characterization

Lignin conversion to fuels and value-added chemicals requires a sound understand-
ing of the lignin structure [34]. Lignin characterization not only provides a detailed 
understanding of lignin structure, but also provides guidance for enhancing lignin 
valorization, which is of great importance for improving the efficiency of 
biorefineries.

14.3.1  Lignin Characterization Methods

14.3.1.1  Molecular Weight Analysis

Molecular weight is one of the critical properties of lignin. Various analytical meth-
ods including electrospray ionization mass spectrometry, vapor pressure osmometry 
(VPO), light scattering, and gel permeation chromatography (GPC) have been 
applied to measure lignin molecular weights [35]. In particular, GPC is commonly 
used to characterize weight-average molecular weight (Mw) and number-average 
molecular weight (Mn) of lignin because of its relatively short processing time and 
broad range of detected molecular weights. The PDI, which indicates the distribu-
tion of molecular weights, can be calculated as Mw/Mn. Tetrahydrofuran (THF) is 
commonly used as the mobile phase in GPC, and lignin acetylation using acetic 
anhydride and pyridine mixture is typically required to improve the solubility of 
lignin in the mobile phase. Table  14.4 shows the molecular weights and PDI of 

Table 14.3 Comparison of different lignin fractionation methods

Fractionation 
methods Principles Characteristics Applications

Membrane 
technology

Based on lignin 
molecular weight 
strictly

Remove inorganic salts, 
oligosaccharides, 
monosaccharides, improve 
lignin concentration and 
purity, single function [9]

Suitable for dissolved 
lignin, relatively mature 
in industry [31]

Sequential 
precipitation

Based on lignin 
solubility, 
involving lignin 
molecular weight 
and functional 
groups

Obtain solid lignin fractions 
with narrowly distributed 
molecular weights and tunable 
chemical structure, lignin 
purity is not always 
guaranteed [21, 22]

Always applied for lignin 
in alkaline or organic 
solvents system, could be 
applied in industry

Organosolv 
sequential 
dissolution

Based on lignin 
solubility in 
organic solvents, 
involving lignin 
molecular weight 
and polar groups 
[27, 32]

Remove polysaccharide, 
improve lignin purity and 
activity obviously, 
complicated processes, 
difficulties in organosolv 
recycling [33]

Suitable for solid lignin 
and raw lignocellulosics 
biomass, relatively high 
cost, generally applied in 
laboratory analysis at 
present

14 Lignin Valorization in Biorefineries Through Integrated Fractionation, Advanced…



344

different lignins, which demonstrate that the lignin molecular weights varied 
depending on their species as well as the processing methods and chemicals 
employed [39].

14.3.1.2  Chemical Structure Analysis of Lignin Polymer

Lignin structure analysis is the basis of lignin research, which is related to lignin 
biosynthesis and regulation, lignin separation and purification, and the subsequent 
lignin utilization [2, 9]. Chemical degradation processes can be used for lignin 
structure analysis. However, these traditional wet-chemical techniques are usually 
time-consuming and complex. Among all the chromatographic and spectroscopic 
approaches, NMR characterization remains the most comprehensive technique and 
has been widely used to offer structural insight into lignin by far. NMR character-
ization techniques mainly include 1H NMR, 13C NMR, 31P NMR, and 2D HSQC 
NMR. 1H NMR has been regarded as a valuable technique for the characterization 
of lignin chemical structure, by which acetate derivatives or underivatized lignin 
can be quantitatively analyzed. It provides information on some key functionalities 
such as alkyl groups, carboxyl group, methoxyl group, phenolic hydroxyl groups, 
aldehydes, and ketones. Both qualitative and quantitative 13C NMR can be applied 
in lignin characterization, of which the quantitative 13C NMR is usually time con-
suming. The addition of a relaxation agent such as chromium acetylacetonate to the 
solution reduces the acquisition time by relaxing all the nuclei in the lignin. 13C 
NMR can provide information of lignin functional groups and structures, such as 
aryl ether bonds, condensation and noncondensation structural units, and methoxyl. 
Meanwhile, the content of aryl ether and C–C linkages can be also calculated quan-
titatively based on the 13C NMR characterization data [40]. The hydroxyl groups 
affect the physical and chemical properties of lignin significantly, which play a sig-
nificant role in defining the lignin reactivity. Lignin phosphitylation followed by 31P 
NMR can quantitatively determine the major hydroxyl groups, including aliphatic, 
carboxylic, and different types of phenolic hydroxyls in short time with only small 
amount of samples. However, the samples are required to be phosphitylated prior to 
the analysis, and an appropriate internal standard needs to be selected for the analy-
sis [41]. 2D HSQC NMR is a powerful method for lignin structural analysis. It is 
widely used as a semiquantitative method to analyze the relative abundance of 

Table 14.4 Molecular weight and PDI of different kinds of lignin

Lignins Mw (g/mol) Mn (g/mol) PDI

Hardwood kraft lignin [9, 36] 3300 1000 3.30
Softwood kraft lignin [36] 6500 1600 4.06
Spruce Na-lignosulfonate [37] 64,000 7200 8.89
Organosolv lignin from wheat straw [38] 8680 1702 5.10
Alkaline lignin from wheat straw [38] 8000 1667 4.80
Enzymatic hydrolysis lignin from corn straw [29] 12,293 7210 1.70

Z.-M. Zhao et al.
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interunit linkages. Besides, the information of monolignol ratios in lignin from 
native and genetically engineered plants as well as pretreated biomass can be 
detected [42, 43]. Detailed principles, characteristics, and applications of different 
lignin characterization methods were illustrated in Table 14.5.

14.3.2  Application of Lignin Characterization

14.3.2.1  Lignin Characterization Enriches Understanding 
of Lignin Properties

Characterization technologies to analyze lignin provide detailed knowledge of lig-
nin structure and its properties. Meng et al. [55] isolated hololignin, which was the 
fraction of poplar lignin that remained after acid chlorite delignification. Hololignin 
properties were analyzed for the first time with various techniques including GPC, 
quantitative 13C NMR, 31P NMR, and 2D HSQC NMR. Compared with milled wood 
lignin (MWL), the representative native lignin isolated from poplar, hololignin has 
a significantly lower molecular weight and higher oxygenated aromatic carbon con-
tent. Meanwhile, hololignin is relatively enriched in guaiacyl units and has a lower 
S/G ratio, fewer aliphatic and phenolic hydroxyl groups, more carboxylic acid 
groups, and lower β-O-4 ether linkages than the poplar MWL. Moreover, it was 
noted that hololignin is enriched in condensed structures, which probably contrib-
utes to the resistance of residual lignin to acid chlorite. Meng et al. [56] examined a 
relatively new poplar lignin stream called CELF lignin, which was acquired from an 
acidic aqueous THF pretreatment (CELF: cosolvent enhanced lignocellulosic frac-
tionation process). GPC results showed that CELF lignin presented a decreased 
molecular weight. 2D HSQC NMR analysis illustrated that β-O-4 interunit linkages 
were extensively cleaved after CELF pretreatment at elevated temperatures 
(>160 °C). Meanwhile, 31P NMR analysis showed a decrease in aliphatic hydroxyl 
groups that was attributed, in part, due to dehydration reactions. The content of total 
phenolic hydroxyl groups significantly increased due to the cleavage of interunit 
linkages.

Pseudo-lignin with lignin-like structures, which is generated under acidic pre-
treatment conditions from hemicelluloses, has been shown to retard biological bio-
mass conversion through either unproductive binding to enzymes and microbes or a 
physical hindrance to enzymes and microbes by blocking the active cellulose sur-
face binding sites. Different analytical techniques were used for pseudo-lignin char-
acterization to reveal the formation mechanism of pseudo-lignin [53]. Pseudo-lignin 
was observed as spherical balls or droplets on the surface of the materials after 
severe acid and hydrothermal pretreatment by using scanning electron microscopy 
(SEM). The generation of pseudo-lignin increased with an increase of pretreatment 
severity [57]. Ma et al. [54] applied XPS to trace pseudo-lignin formation and char-
acterized the structure of isolated pseudo-lignin during hydrothermal pretreatment 
of holocellulose. It was also found that more pseudo-lignin would appear on the 
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biomass surface with extended pretreatment time. Hu et  al. [58] characterized 
pseudo-lignin using Fourier-transform infrared spectroscopy (FTIR) during severe 
acid and hydrothermal pretreatment. Spectra results showed that pseudo-lignin con-
sisted of hydroxyl, carbonyl, and aromatic structure, and further revealed that 
pseudo-lignin was generated through dehydration, rearrangement, aromatization, 
and condensation reactions from carbohydrates. These findings have also been con-
firmed by 13C NMR analysis. Therefore, through a series of characterization tech-
niques, a better understanding of pseudo-lignin structure and formation mechanism 
was accomplished, which is of great significance for the future development of pre-
treatment technology that avoids the formation of pseudo-lignin.

14.3.2.2  Lignin Characterization Reveals Mechanisms and Provides 
Guidance for Improving Biomass Valorization

Lignin characterization is also beneficial for revealing pretreatment/extraction 
mechanisms and providing guidance for optimization of lignin manipulation in 
plants, biomass pretreatment, fractionation, and conversion processes. Liu et  al. 
[59] investigated lignin structural and compositional changes of wild-type and engi-
neered switchgrass before and after aqueous ionic liquid (IL) pretreatment. Their 
results indicated that the engineered switchgrass mutant 4CL was more susceptible 
to aqueous IL pretreatment and more digestible during enzymatic saccharification 
due to its lower lignin content, higher S/G ratio, higher amounts of β-O-4 linkages, 
p-coumarate, and ferulate. Advanced characterization techniques provided insight 
into the impact of lignin manipulation on biomass pretreatment and lignin depoly-
merization, which helped to develop a more efficient biomass utilization.

Softwood KL was applied to produce microbial lipids with oleaginous 
Rhodococcus opacus. Poor bacterial growth was observed when KL was used 
directly as a substrate [60, 61]. Wei et al. [61] carried out O2 pretreatment of KL 
under alkali conditions to improve the bioconversion efficiency. Results showed 
that the yield of lipids utilizing alkaline O2-pretreated KL as a sole carbon source 
was significantly improved. GPC characterization illustrated that Mw and PDI of KL 
decreased significantly after O2 pretreatment. 2D HSQC NMR demonstrated that 
part of signals corresponding to the aliphatic-ether and aliphatic alcohol (lignin- 
interunit) moieties greatly dimished after the O2 pretreatment, whereas aromatic 
structures were fairly resistant to degradation. Quantitative 31P NMR showed that 
the amount of noncondensed structures including aliphatic hydroxyl and guaiacyl 
hydroxyl decreased. On the other hand, the C-5 type condensed structures increased 
slightly after O2 pretreatment, which indicated a selective enrichment of condensed 
structures during the pretreatment process. It was also noted that KL after O2 pre-
treatment possessed more carboxylic acid functionalities. Moreover, SEM observed 
that the surface morphology of KL changed from the initially smooth surface into 
multilayer “eroded” regions with broken particles. These changes might increase 
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the surface area and reduce the recalcitrance of KL, making it easier to be accessed 
by the bacteria. The characterization results above clearly indicated the degradation 
and depolymerization of KL after O2 pretreatment. Based on these characterization 
results, the mechanisms of enhanced lignin bioconversion efficiency were analyzed. 
Das et al. [62] characterized deep eutectic solvent (DES, 1:2 choline chloride:lactic 
acid) extracted sorghum lignin using 2D HSQC NMR, 13C NMR, and 31P 
NMR. Results showed that DES cleaved nearly all ether linkages in native lignin, 
resulting in significant molecular weight reduction and benefiting the preparation of 
low molecular weight phenolic compounds. The advanced characterization tech-
niques provided a mechanistic understanding of lignin depolymerization in DES 
and a guidance for rational valorization of the obtained lignin.

Wang et al. applied ethanol–water dissolution to fractionate EHL and bamboo 
KL [28, 29]. It was interesting to note that different lignin fractions had totally dif-
ferent antimicrobial activity against both Gram-positive and Gram-negative bacte-
ria. Systematic characterization including GPC, FTIR, 2D HSQC NMR, and 31P 
NMR were performed. GPC results showed that the lignin polydispersity signifi-
cantly decreased after fractionation. Moreover, it was observed that the antimicro-
bial activity was centralized in the lignin fraction with lower molecular weight, 
better solubility, and higher phenolic hydroxyl contents, whereas the fractions with 
higher molecular weight had lower phenolic hydroxyl contents and poor water solu-
bility, which barely showed inhibition on bacteria growth, and even promoted bacte-
rial growth. The mechanism was deduced that the poor water-solubility resulted in 
the formation of insoluble particles, which acted as a carrier for bacteria and pro-
moted the bacteria growth. Therefore, advanced characterization confirmed the effi-
ciency of fractionation and further provided an explanation for the different 
antibacterial activity in different lignin fractions.

Li et al. [63] revealed different inhibitory mechanisms for different types of lig-
nin upon cellulose enzymatic hydrolysis using NMR techniques. It was found that 
lignin structural features determined the behaviors of lignin in cellulose enzymatic 
hydrolysis. Organosolv lignin from loblolly pine could adsorb enzyme nonproduc-
tively, reducing the available enzyme for cellulose, which decreased the hydrolysis 
rate and ultimate sugar yield. Kraft pine lignin mainly precipitated on the cellulose 
surface and negatively affected hydrolysis by steric repulsion, which limited the 
productive contact between cellulose and enzyme. On the other hand, Zhou et al. 
[64] found that sodium lignosulfonate from poplar wood could enhance enzymatic 
saccharification of lignocelluloses, which was attributed to lignosulfonate groups 
acting as a surfactant in the enzymatic hydrolysis process. The advanced character-
ization provided insights into the effects of different lignin structure on lignin–
enzyme interaction and cellulose enzymatic hydrolysis, which could be helpful to 
biomass pretreatment design and process optimization. Overall, the advanced char-
acterization could provide guidance for optimization of lignin manipulation in 
plants, biomass pretreatment, fractionation, and conversion processes, which should 
further improve the biomass valorization.
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Overall, lignin characterization techniques are developing in progress with ana-
lytical advances. Due to the disadvantages of complicated operation and noncom-
prehensive information obtained, traditional chemical degradation processes 
including nitrobenzene oxidation, potassium permanganate oxidation, and mercap-
tan acidolysis are gradually being replaced or supplemented by more advanced 
chromatography and spectroscopy analytical techniques, such as GPC, NMR, FTIR, 
and GC-MS. These advanced techniques provide more information on lignin prop-
erties including molecular weight, functional groups, and other structures. However, 
accurate quantitative characterization and structure–activity relationships of lignin 
have still not been completely achieved. Therefore, combining various advanced 
technologies to characterize lignin and developing more powerful and suitable anal-
ysis techniques still need further exploration.

14.4  Fermentation Process Intensification Strategies

Bioconversion of lignin through fermentation is an emerging approach with signifi-
cant potentials. Advanced fermentation utilizing lignin is a systematic project, 
requiring optimal microbial stains, substrates, and processes [15]. Figure 14.1 illus-
trated the outline of the fermentation process intensification strategies involving the 
aspects of microbial stains, substrates, and processes design.

Fig. 14.1 Fermentation process intensification strategies involving microbial stains, substrates, 
and processes design
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14.4.1  Exploration on Microbial Strains

14.4.1.1  Strains Screening

The screening and selection of promising microbial strains with high growth rates 
and productivities is a crucial step for improving lignin bioconversion. Traditional 
methods for screening and identifying strains utilizing lignin are typically achieved 
through monitoring cell growth with lignin as carbon source and detecting lignino-
lytic enzyme activities and products’ yield [13, 65]. Salvachúa et al. [66] utilized 
alkaline pretreatment liquor from corn stover as a substrate to screen strains. Results 
illustrated that Pseudomonas putida KT2440 and Pseudomonas putida mt-2 could 
produce medium-chain length PHAs while Cupriavidus necator accumulated 
mainly short-chain PHAs. Rhodococcus strains are widely used for lipids genera-
tion utilizing lignin-derived aromatic molecules due to the pathways for oxidizing 
ring opening of central aromatic intermediates via β-ketoadipate pathway and 
enabling shuttling of aromatic-derived carbon into central carbon metabolism via 
the tricarboxylic acid (TCA) cycle [67]. Rhodococcus opacus PD630 was isolated 
from a soil sample at a gas-works plant in Germany and was shown to be able to 
produce lipids utilizing lignin substrates effectively [68, 69]. In addition to the tra-
ditional methods, various emerging techniques, such as genomics/metagenomics 
analysis, biosensor, and the spectrometric assay of lignin degradation products, con-
tribute to the fast screening for promising strains. Lin et al. [70] conducted com-
parative genomics analysis between a novel strain P. putida A514 with 12 other 
existing P. putida strains. Results showed that genes encoding a broad range of 
oxidoreductases, enzymes required for aromatic compound funneling and degrada-
tion as well as a PHA synthetic gene cluster had been discovered in P. putida A514, 
which demonstrated its potential on lignin bioconversion. Sana et al. [71] designed 
a biosensor that could detect vanillin at a concentration as low as 200 μM. The van-
illin biosensor could be used for screening lignin-degrading strains that can convert 
lignin to vanillin, which provided a fast method for screening strains.

14.4.1.2  Genetic and Metabolic Engineering for Strains Design

In addition to screening strains from environment samples, genetic and metabolic 
engineering is another rational way to improve strains’ ability on lignin valorization 
through regulating gene expression and metabolic pathway. From a metabolic flux 
perspective, multiple steps of lignin degradation pathways can be engineered and 
optimized to produce valuable products [14]. Lin et al. [70] performed a system 
biology-guided design for KL bioconversion by P. putida A514. It was found that 
P. putida A514 used a DyP-based enzymatic system for lignin depolymerization and 
utilized a variety of peripheral and central catabolism pathways to metabolize aro-
matic compounds. Based on these discoveries, an effective multifunctional DyP 
was introduced to P. putida A514 via genetic engineering. By overexpressing the 
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key enzymes of aromatic compound funneling, the monomers from lignin depoly-
merization were consumed more efficiently by the engineered P. putida A514, 
which resulted in higher cell growth rate and cell mass concentration. To maximize 
carbon flux into PHAs synthesis, the biosynthesis of fatty acids was down-regulated 
while the β-oxidation of fatty acids was up-regulated, which significantly increased 
PHAs content up to 73% of cell dry weight. Xie et al. [72] conducted proteomics 
study on R. opacus PD630 with lignin as a sole carbon source. The proteomics 
results revealed unique mechanisms of lipids accumulation in R. opacus. The high 
correlation between FASI expressions with lipids accumulation along with the phe-
notype in engineered strains indicated that FASI was one of the key enzymes driv-
ing the carbon partition to the storage of lipids through channeling acetyl-CoA to 
fatty acids biosynthesis. This discovery thus provided effective guidance for design 
of R. opacus PD630 for high lipids productivity. With the development of synthesis 
and system biology, more defined and controllable genetic and metabolic processes 
should provide more suitable and promising strains for lignin bioconversion [73].

14.4.2  Modifications of Lignin Substrates

14.4.2.1  Genetic Modifications of Lignin Biosynthesis

The regulation of lignin biosynthesis though genetic engineering represents a prom-
ising strategy to improve lignin properties for fermentation, but this is a nontrivial 
task [15]. Lignin pathway-related metabolites vary among species and individuals 
within a population [74]. Genome-wide association study (GWAS) has been applied 
to help to link genes to phenotypes [75, 76]. Wei et al. [77] identified a glycosyl 
hydrolase, CYT1, SHINE1, and DAR6 as novel regulators for lignin biosynthesis in 
Brassica napus by using GWAS approach combined with transcriptomics. Morris 
et  al. [78] found genes related to lignin content and agroclimatic adaptation in 
Sorghum bicolor also by using GWAS. S/G ratio is an important parameter affecting 
lignin properties [79]. Takeda et al. [80] regulated S/G lignin unit ratio by manipula-
tion of a gene CAld5H in rice. It was noted that RNAi-mediated downregulation of 
CAld5H generated lignins enriched in G units, whereas upregulation of CAld5H 
resulted in lignins enriched in S units, which was revealed by a series of wet- 
chemical and NMR structural analyses. In addition, it was found that lignin biosyn-
thetic genes coexpress with genes related to cellulose and hemicellulose biosynthesis, 
suggesting that biosynthesis of the overall plant cell wall may be in part controlled 
by common regulatory networks [74]. Genetic modifications of lignin biosynthesis 
provide an approach to regulate lignin structure from the original point. As the 
developments in sequencing technologies, high-throughput cellular phenotyping 
platforms, and lignin characterization techniques, effective strategies to reduce the 
recalcitrance of native lignin and improve lignin properties for fermentation would 
become more feasible [74, 81, 82].
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14.4.2.2  Biomass Pretreatment to Alter the Structure of Lignin Polymer

Biomass pretreatment could alter lignin structure and therefore influence lignin 
properties. Optimization of pretreatment process is an important way to make lignin 
more suitable for fermentation. Traditional biorefineries emphasized carbohydrates 
utilization, while leaving lignin as a waste stream from the processes targeted at 
improving carbohydrates output. Nowadays, lignin valorization has attracted 
increasing attentions to obtain high carbon conversion of the entire process of bio-
refineries [83]. Therefore, the pretreatment should focus not only on increasing car-
bohydrates output but also on improving lignin processability [14, 15]. Wei et al. 
[61] applied O2 pretreatment to modify kraft lignin from black liquor. Physical and 
chemical properties of KL were improved for fermentation by R. opacus DSM 
1069. As a result, lipids production was significantly increased. Liu et al. [84] devel-
oped a combinatorial pretreatment strategy aiming not only to increase carbohy-
drates and lignin output but also to improve the lignin processability. By applying 
the optimized combinatorial pretreatment with 1% H2SO4 followed by 1% NaOH, 
glucose and xylose yields increased by 10.0% and 8.1%, respectively, over a single 
NaOH pretreatment while lignin yield increased by 33.4%. Moreover, lignin pro-
cessability was obviously improved, which was indicated by the NMR, GPC, and 
FTIR characterization results. A record level of PHA concentration was then 
achieved using the obtained lignin as a carbon source by P. putida KT2440. 
Therefore, the pretreatment maximized the carbohydrates output and lignin pro-
cessability, and thus improved the fermentation performance utilizing lignin as a 
substrate, which could make a significant contribution to improve the efficiency of 
whole biorefineries.

14.4.3  Advanced Processes Design and Intensification

14.4.3.1  Synergetic Bioconversion Process by a Cofermentation Strategy

Cofermentation with different strains has been employed for synergetic bioconver-
sion of lignin rich substrates to enhance fermentation performance. He et al. [67] 
reported that the alkali-extracted lignin could be successfully utilized by a cofer-
mentation strategy with the wild-type R. opacus PD630 and engineered R. jostii 
RHA1 VanA−. Results showed that the cofermentation strategy could depolymerize 
lignin into aromatics effectively and produce higher yield of lipids than single strain 
fermentation. In order to further enhance the biological conversion efficiency and 
clarify the mechanism, cofermentation strategy was further developed with strains 
including R. opacus PD630, R. jostii RHA1, and R. jostii RHA1 VanA− as well as 
substrates containing both lignin and carbohydrates. Meanwhile, fermentation 
kinetics and proteomics analysis were conducted to identify potential catabolic 
pathways during cofermentation for funneling biosynthesis of triacylglycerol (TAG) 
from both lignin and carbohydrates. Results demonstrated that coculture of the three 
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strains achieved the highest activity of lignin conversion compared with single cul-
ture of each strain or coculture of R. opacus PD630 and R. jostii RHA1 VanA−, 
which may attribute to the synergy among R. opacus PD630, R. jostii RHA1, and 
R. jostii RHA1 VanA−. Proteomics analysis suggested that R. opacus PD630 had 
lower extracellular activity during lignin fermentation compared with R. jostii 
RHA1 and R. jostii RHA1 VanA−. The cofermentation with R. opacus PD630 and 
other two strains may help R. opacus PD630 get access to lignin-derived products 
as carbon sources for cell growth and lipids production [83]. Based on the pro-
teomics study and microorganism engineering, Xie et al. [72] designed a cofermen-
tation process utilizing lignin-containing biorefineries stream from the ammonia 
fiber expansion pretreated corn stover for lipids production. The strains engineered 
with laccase secretion module (R. opacus PD630_La) and lipids synthesis module 
(R. opacus PD630_Fa) were cocultivated. Results showed that the yield of lipids in 
cofermentation increased by 48.4% than that in a single strain fermentation. The 
substrates composition analysis before and after fermentation clearly showed that 
lignin was significantly consumed by the consortium strains. Therefore, the cofer-
mentation showed an effective strategy to improve fermentation performance utiliz-
ing lignin. However, more detailed study is needed to confirm the synergic effect 
and mechanism of coculturing strains [83].

14.4.3.2  Periodic Intensification on Bioprocesses

Periodic intensification has been shown to be an effective strategy to enhance bio-
process performance [85, 86]. Chen and Li [87] invented a bioreactor with pressure 
pulsation through feeding and exhaling sterile air in the reactor periodically. Results 
showed that the periodic pressure pulsation improved fermentation performance 
significantly. A systematic study was further performed to reveal the fermentation 
enhancement mechanisms. First, periodic pressure pulsation strengthened heat and 
mass transfer in the fermentation substrates [88]. Second, it was found that the pres-
sure pulsation enhanced microbial metabolic key enzyme ATPase activity, which 
hydrolyzes ATP to produce energy and provides transmembrane proton and ionic 
gradients for the growth of cells. Thus, the microbial metabolism was stimulated 
[89, 90]. Third, it was noted that microbes grew and metabolized synchronously due 
to the periodic stimulation by pressure pulsation, which was beneficial to shorten 
the fermentation time [88]. Moreover, the pressure pulsation frequency was regarded 
as a key parameter determining fermentation performance and energy consumption. 
Zhao et al. [90] optimized the pressure pulsation frequency systematically based on 
a heat balance model in fermentation. Results indicated that the variable frequency 
was the preferred operation mode rather than the constant one, which further pro-
moted the fermentation performance. Although lignin was not applied as fermenta-
tion substrate in these studies above, periodic intensification strategy provides a 
promising approach for lignin bioconversion.

Z.-M. Zhao et al.



357

14.4.3.3  Optimization of Fermentation Parameters

Microbial growth and product yield are sensitive to a number of environmental fac-
tors [91]. Lignin bioconversion is no exception and is determined by the strains, 
substrates properties as well as the culture parameters. Liu et al. [1] optimized fer-
mentation conditions systematically using lignin as the carbon source by R. opacus 
PD630. Parameters including inoculation density, nitrogen sources, and soluble 
substrate concentration were optimized. Meanwhile, different fermentation modes 
including batch and fed-batch fermentation were investigated. Results showed that 
both the cell dry weight and lipids concentration in fed-batch fermentation mode 
were higher than those in batch fermentation mode. A record of the yield of lipids 
was obtained in fed-batch fermentation under the optimized culture parameters. 
Therefore, the lipids fermentation performance using lignin as a carbon source can 
be favorably improved through the optimization of fermentation conditions.

14.5  Conclusions and Future Perspectives

Lignin valorization requires a systematic design involving lignin substrates, pro-
cessing, and lignin-based products. Advanced characterization techniques are 
expected to provide more exact lignin structure–activity relationships. From the 
point of reverse thinking, value-added products (i.e., lignin nanoparticles) should be 
further developed and expanded. Focus on the lignin characteristics required by the 
target products, suitable raw materials should be selected or even bio-designed, and 
moreover the pretreatment and fractionation methods should be designed direction-
ally. Meanwhile, conversion processes should be stimulated by exploring various 
intensification ways to improve the production. Overall, with the increase of funda-
mental understanding of how different chemical structures will affect lignin pro-
cessability illustrated by the advanced characterization, lignin valorization path 
should be more directional and controllable to improve the profitability and carbon 
efficiency of the entire biorefineries.
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Chapter 15
Novel and Efficient Lignin Fractionation 
Processes for Tailing Lignin-Based 
Materials

Chuanling Si, Jiayun Xu, Lin Dai, and Chunlin Xu

15.1  Introduction

Due to resource shortage and the energy crisis, biorefinery has attracted much atten-
tion. Lignin is the most abundant aromatic renewable resource in nature, accounting 
for 15–30% by weight and 40% by the energy of lignocellulosic biomass [1]. 
However, in the pulp and paper industry, lignin has long been treated as a waste 
byproduct and commonly burned to supply heat and energy due to its chemical 
recalcitrance and structural complexity. In recent years, with the better understand-
ing of lignin physics and chemistry, more and more high performance materials are 
being developed from lignin resources, which would open not only a new design for 
functional materials but also a promising way for biorefinery [2].

The efficient fractionation strategies for lignin are the key and basis for biorefin-
ery [3]. The intricate relationship among lignin, cellulose, and hemicellulose and 
the similarity between some components of lignin and high glycan increases the 
difficulty of separation [4]. So, the harsh treatment was put to issue this question, 
which causes an irreversible degradation and condensation reactions of lignin 
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 during traditional carbohydrate’s first conception of lignocellulose biorefinery. 
Generally speaking, lignin presents the heterogeneous structure and broad molecu-
lar weight distribution, which would severely affect its potential applications in 
materials [5]. In addition, the phenolic hydroxyl (PhOH) group content of lignin is 
one of the most important factors for chemical modification and physical interac-
tion. Many studies showed that the β-O-4 content closely related to the reactivity of 
lignin [6]. However, during the cleavage of ether bonds of lignin, the stable carbon- 
carbon (C-C) bonds instead of the hydroxyl are formed, thus the lignin exhibits 
lower reactivity than native lignin. That has brought up the difficulty of catalytic 
depolymerization of lignin in order to modify or functionalize lignin for down-
stream application.

Therefore, the single target product, the serious degradation of lignin, and 
some other disadvantages of the traditional fractionation method need to be over-
come urgently. Moreover, the presence of sulfur in lignin makes them more prob-
lematic for chemical modification and further application. Although sulfite lignin 
is the most widely used industrial lignin, sulfur-free lignin has greater potential 
applications because it is more environmentally friendly and odor-free [7]. 
According to this philosophy, it is very important to obtain high purity lignin with 
commendable chemical reactivity. In addition, the exploitation of a lignin-based 
coproduct also depends on the inherent structures and chemical reactivity of the 
lignin polymers.

Hence, numerous researches have been made to develop novel fractionation 
approaches to isolate lignin from biomass and to obtain chemicals economically 
valuable for several applications. Based on the concept to utilize the entire lignocel-
lulose substrate, alkali-based fractionation, organosolv fractionation, ionic liquids 
(ILs) fractionation, and deep eutectic solvents (DESs) fractionation approaches are 
recently gradually developed and have received the attention among academia and 
industries. Enzymes can also be used to assist the separation of lignin by, for exam-
ple, hydrolyzing carbohydrates. What’s more, several methods for further fraction-
ation of lignin have been studied to obtain specific molecular lignin fractions with 
defined properties.

The main objectives of the lignin fractionation process are to obtain relatively 
high-purity lignin besides carbohydrates (hemicelluloses and celluloses) and to 
reduce the condensed and degraded nature of conventional biorefinery lignin. 
Importantly, fractionation should meet the following requirements:

• Basing on all-components separation
• Avoiding further condensation of lignin
• Increasing the stability and uniformity of lignin
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15.2  Lignin Properties

15.2.1  The Basic Structural Features of Lignin

Lignin, as one of the three major components of plant raw materials, has a complex 
structure. Numerous studies have confirmed that the chemical structure of lignin 
consists of phenylpropane units, originating from three aromatic alcohol precursors 
(monolignols), p-coumaryl, coniferyl, and sinapyl alcohols. The phenolic substruc-
tures that originate from these monolignols are called p-hydroxyphenyl (H, from 
coumaryl alcohol), guaiacyl (G, from coniferyl alcohol), and syringyl (S, from sina-
pylalcohol) moieties, as shown in Fig. 15.1 [8]. Softwood lignins mainly consist of 
G units whereas hardwood lignins are mainly composed of G and S units. The lig-
nins from non-wood such as wheat straw are mainly composed of G, S, and H units.

Fig. 15.1 The three main precursors of lignin (monolignols) and their corresponding structures in 
lignin polymers
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15.2.2  Functional Groups of Lignin

In the complex structure of lignin, there are aromatic, phenolic, alcohol, carbonyl, 
methoxy, carboxyl, conjugated double bond, and other active groups, which can 
carry out many chemical reactions such as oxidation, reduction, hydrolysis, alco-
holysis, acidolysis, photolysis, acylation, sulfonation, alkylation, halogenation, 
nitration, polycondensation or graft copolymerization.

The typical C-O links are β-O-4, α-O-4 and 4-O-5; and C-C links are β-5, 5-5, 
β-1 and β-β linkage (Fig. 15.2). Especially, β-O-4 plays an important role in the 
internal connection of lignin, accounting for 45–60% of the total number of all link-
ages. In addition, there are also lignin-carbohydrate complexes (LCCs) in lignin [9].

15.3  Lignin Fractionation Process

15.3.1  Alkali-Based Fractionation

The deprotonation of phenolic OH-groups makes the lignin easily dissolve in alkaline 
media [11]. Therefore, the treatment of lignocellulosic biomass is usually in alkaline 
conditions. For example, nowadays, the well-known traditional pulping processes are 
kraft pulping, sulfite pulping, and soda pulping. But the lignin obtained by the kraft and 
sulfite pulping process containing the sulfur and the structure of the lignin was severely 
damaged after soda pulping, which can complicate lignin downstream valorization.

Fig. 15.2 Characteristic linkages in lignin [10]
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Alkali-based pretreatment was investigated, which utilizes various kinds of alka-
line (e.g., NaOH, Ca(OH)2, ammonia). Typically, it can efficiently treat the gramina-
ceous feedstocks due to its lower severity of the treatment compared with traditional 
soda pulping [12]. Obtaining the lignin from wood after alkali-based pretreatment 
may need harsher conditions that risk altering the lignin structure [13]. The common 
reagent used in alkali-based fractionation was NaOH, followed by ammonia, which 
with several well-known benefits, such as the easy recovery of solvent, the preserve 
of lignin structure and alters cellulose crystalline structure [14]. Up to now, some 
ammonia based on extraction and isolation procedures are available, mainly includ-
ing ammonia fiber explosion (AFEX) [15], anhydrous ammonia pretreatment (AAP), 
[16] and recycled aqueous ammonia expansion (RAAE) [17].

Ammonia fiber expansion (AFEX) is a promising thermochemical pretreatment, 
which only changes the cell walls to enhance cellulase accessibility without the 
lignin and hemicelluloses removal. The mechanism of AFEX was discussed by 
Chundawat et al.. They found that the ammonia penetrates the cell walls from the 
outer walls facing the lumen and middle lamella, which would facilitate various 
ester linkages at first, then decomposition products could be allowed onto outer wall 
surfaces with the rapid pressure release and hence results in increased wall porosity 
(white spaces) (Fig. 15.3). During the process, the biomass matrix cannot fraction-
ate to the lignin fraction, but the following lignin extractions were benefiting a lot 
from AFEX, which can up to 50% removal of the AFEX-pretreated feedstocks by 
organic or alkaline solution [18]. Subsequently, the mechanism and the causes for 
improved digestibility of AFEX-pretreated materials were further studied; the 
results show that it is the disruption of lignin-carbohydrate linkages of mainly poly-
meric lignin that contribute to the efficiency of AFEX pretreatment, and the process 
shows minimum change to feedstocks, which can preserve the lignin structure [19].

Another method is anhydrous ammonia pretreatment (AAP). Mittal et al. used 
this method followed by a mild NaOH extraction (0.1 M NaOH, 25 °C) to treat corn 
stover with the result of more than 65% lignin removal [16]. The extracts of lignin 
show considerable antimicrobial and antioxidant activities, when corn stover treated 
by low-moisture anhydrous ammonia (LMAA), subsequently extracted its lignin by 
4% (w/v) sodium hydroxide [20].

Fig. 15.3 Schematic models for lignocellulosic cell walls depicting overall nanoscale ultrastruc-
tural modifications as a result of ammonia-based pretreatments. Different components of the cell 
wall depicted are cellulose (green lines), hemicelluloses (blue strings), lignin (yellow matrix) [18]
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Besides, a novel technology named recycled aqueous ammonia expansion 
(RAAE) was investigated with the object to get high biomass digestibility under a 
relatively lower temperature and shorter pretreatment time. After RAAE pretreat-
ment, about 50–75% lignin was removed while most of the carbohydrates were 
preserved. Specifically, only by 11 min treatment at 85 °C, 80% water to dry corn 
stalks loading and 1.5 L/min ammonia flow rate, up to 68.3% lignin was removed 
and 85.69% of glucan digestibility was achieved [17].

In addition, a few modified aqueous ammonia methods were used in the pretreat-
ment process of biomass. For example, the sugarcane bagasse is treated by aqueous 
ammonia with glycerol (AAWG) at 120–180 °C with 49.34–77.46% delignification 
rates, which indicates that the level of delignification is directly related to tempera-
ture [21]. A modified aqueous ammonia soaking (AAS) method was used to treat 
the eucalyptus, and the results show that the addition of H2O2 to the AAS could 
further promote the delignification of the eucalyptus [22].

The ammonia-based fractionation process is sustainable for large-scale applica-
tions without containing carbon or release greenhouse gas (GHG) contain [23]. 
Although the ammonia-based fractionation is more preferable to limit ether bond 
cleavage due to milder treatment conditions, ammonia lignin residue showed higher 
cellulase adsorption affinity compared to organosolv lignin, which reduced cellu-
lose hydrolysis [24].

15.3.2  Organosolv Fractionation

Organosolv fractionation is a promising process using an organic solvent to dissolve 
lignin from the plant cell walls for effective separation of lignin. The lignin was 
separated in the recovery process to achieve the purpose of the comprehensive utili-
zation of components, which fits well into the concept of sustainable biorefinery 
(Fig. 15.4). Unlike impure lignin obtained by the traditional pulping process, for 
example, kraft and sulfite process, the lignin obtained from organosolv fractionation 
is free of sulfur and the molecular weight is low compared with other lignin produc-
tion methods. Moreover, nontoxic reagent organic solvent can be recovered during 

Fig. 15.4 Flowchart of organic solvent treatment of lignocellulosic biomass
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organosolv fractionation. A wide range of organic solvents, mainly including 
organic alcohols (i.e., methanol, ethanol), organic acids (i.e., acetic acid, formic 
acid), esters, and combined solvents with and without acid or alkaline catalysts are 
used in biomass fractionation. The catalysts used are acid, a base, or a salt.

These solvents provide selective solubilization of lignin from various lignocellulosic 
biomass including poplar wood, wheat straw, and eucalyptus, etc. The  excellent solubil-
ity to dissolve lignin results in slight chemical modification and the mechanisms are 
considered as the cleavage of aryl ether bonds. During the organosolv delignification, 
the β-O-aryl ether bonds are more hardly broken than the α-O- aryl ether bonds, which 
normally need more severe conditions, especially at elevated acid concentrations [25].

Despite organosolv fractionation or pulping being utilized for more than 
100 years, the application is still not widely used in industrial production due to 
high equipment requirements and the dangers, toxic, and costs-increase posed by 
the use of solvents [26]. In addition, organosolv fractionation for non-wood feed-
stocks (e.g., corn stover, wheat straw, rice straw, bamboo) exhibit better effect rela-
tive to woody feedstocks. These feedstocks represent a small fraction of the global 
chemical pulping market but may represent a significant feedstock for biorefining 
processes. Up to now, several organosolv fractionations based on extraction and 
isolation procedures are available. The main fractionations include alcohol-based 
fractionation and organic acid-based fractionation.

15.3.2.1  Alcohol-Based Fractionation

For alcohol-based fractionation, ethanol pulping is the earliest and has the most 
reports. Methanol is cheaper and yields higher pulp than ethanol, but it is toxic. So, 
the ethanol has been considered one potential solvent to treat lignocellulosic bio-
mass. Generally, the ethanol fractionation process is carried out under elevated tem-
peratures without or with the addition of the acidic or alkaline catalysts.

Temperatures used in the process can be as high as 200 °C, but lower tempera-
tures can also be used depending on the type of biomass and the use of a catalyst. 
The process produces three main fractions including high purity lignin, a relatively 
pure cellulose fraction, and hemicellulose-derived products (mainly xylose).

Wheat straw is fractionated by using autocatalytic and acid-catalyzed ethanol 
organosolv and the lignin yield of 84% was reached without the use of a catalyst 
(organosolv at 210 °C, 50% w/w aqueous EtOH). Similar results were obtained at 
190 °C using 30 mM H2SO4 as the catalyst and 60% w/w aqueous EtOH [27].

Lignin condensation is unavoidable reaction during acidic or alkaline ethanol 
fractionation process. It is formed via formation of the carbocation since it easily 
forms bond with an electron-rich carbon atom in the aromatic ring of another lignin 
units [28]. The obtained solid residues are separated by filtration and washed with 
warm organosolv solvent avoiding dissolved lignin redeposition. Then, the lignin 
was obtained by precipitation with water. The treatment of willow uses 2-PrOH/
H2O (7:3) at 190 °C for 10 h, which shows that the obtained lignin yield can reach 
61% with high purity (93%) [29].
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Obviously, ethanol fractionation yields relatively clean and impurity-free lignin 
that can be directly used for the production of value-added materials. But there are 
some factors limiting the application, such as limited delignification (high kappa 
number), safety problems caused by high temperature and pressure.

Based on flow-through fractionation development, the flow-through setup pro-
vided lignin with a β-O-4 content in the range of 45–60 β-O-4 linking motifs, 
whereas in the batch system the β-O-4 content decreased to 8–30 β-O-4 linking 
motifs for the extractions performed with over 80% EtOH [30].

15.3.2.2  Organic Acid-Based Fractionation

Because of effective hydrolysis and extensive delignification organic acids, primar-
ily acetic acid, and formic acid, have been extensively employed in the biomass 
fractionation process. Moreover, the ash content is lower than traditional pulping, 
for example, approximately 64% of ash or 83% of silica in wheat straw remained in 
the pulp after atmospheric acetic acid (AcOH) pulping [31], lower impurities (ash 
0–0.1%) in formic acid lignins [32]. Due to a lower boiling point than acetic acid, 
formic acid had been recognized as a promising agent for organosolv pulping and 
fractionation. As a volatile weak organic acid, formic acid can be converted directly 
from the fraction of lignocelluloses or directly recycled for delignification [33].

Chempolis and CIMV processes involve using formic acid for the treatment of 
non-wood fiber sources in a single-stage process. Dapı́A et al. demonstrated that 
beech wood could be fractionated using 80% formic acid at a temperature from 110 
to 130 °C [34]. Zhang et al. obtained the FA-lignin (FAL) with high guaiacyl con-
tent by using one-step mild formic acid pretreatment, and FAL fraction exhibited a 
loose structure, which is prominent for its further catalytic conversion into chemi-
cals and energy [35]. Similarly, after one-step formic acid hydrolysis (85 °C, 5 h), 
about 80% of lignin was removed from corn husk, and the obtained lignin with 
high-purity (>99%) would have potential for phenol-formaldehyde resin and con-
crete water-reducer applications [36].

In order to realize delignification, severe experimental conditions were needed 
such as increasing temperature and pressure. So, the β-O-4 bonds are broken during 
the formic acid fractionation, which results in the increase of phenol hydroxyl con-
tent, the formation of C-C condensation structure, and the side chain formylation of 
lignin. Although the yield of lignin separated by this method is high, the high value 
potential use of lignin is greatly limited due to a large number of β-O-4 broken.

For example, bamboo was fractionated using formic acid under high pressure (at 
145 °C for 45 min, 0.3 MPa), presents a quick and efficient delignification method 
by enhancing the cleavage of interunitary bonds in lignin (β-O-4′, β-β, and β-5′), 
and dissolved lignin also enabled condensation reaction [37].

Formic acid fractionation can be conducted under low temperatures and at atmo-
spheric pressure [33], but it still needs more treatment or long reaction time to avoid 
lignin condensation, for example, 60 °C for 8 h [38], 105 °C for 3 h [39]. Li et al. 
reported bamboo using the Milox method at 101 °C for 2 h achieved the highest 
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delignification (88.9%) [32]. After acetic and formic acid treatment, M. x giganteus 
showed a low S/G ratio (0.7) and the β-O-4 linkages lost during organosolv fraction-
ation up to 21% and 32%, respectively [40]. It can conclude that extensive degrada-
tion of lignin occurred as a result of long reaction time as indicated by a significant 
reduction of aryl-ether linkages.

These fractionations using formic acid-based organosolv processes are in a batch 
operation. In order to develop organosolv processes for commercialization, develop-
ing a continuous treatment system suitable for flexible biomass feedstocks should be 
considered [41]. Recently, the flow-through strategy was successively applied in lig-
nin-first biorefinery [42] and hemicelluloses extraction [43]. The flow-through strat-
egy had been verified to be an alternative for effective biomass fractionation with 
insignificant degradation of lignin and carbohydrate. Wang et al. used 72 wt% aque-
ous formic acid by flow-through fractionation of biomass, which shows similar lignin 
yields compared with batch extractions but retains high β-O-4 ether bond [44, 45].

15.3.3  Ionic Liquid (IL)-Assisted Fractionation

Ionic liquids (ILs) have received considerable attention and have been extensively 
exploited for biomass fractionation due to their excellent ability to destroy the crys-
talline structure of cellulose or remove lignin/hemicelluloses, the low equipment, 
and energy costs requirement. ILs are mainly composed of cations (generally 
organic) and anions (organic or inorganic) [46]. The use of ILs as biomass process-
ing solvents started with the discovery of cellulose dissolving ILs [47].

Ionic liquids (ILs) can selectively break the bond between cellulose, hemicellu-
lose, and lignin. According to selectivity of ILs, the methods of lignin extraction 
from lignocellulosic biomass  can be classfied into partial and total dissolution sys-
tems (Fig. 15.5). In the former IL-based system, only lignin and hemicellulose can 
be extracted by ILs while the cellulose fraction remains in the form of a solid pulp, 
then the lignin can be precipitated by antisolvent [48]. In the latter system, the entire 
lignocellulose substrate can be dissolved, then cellulose and lignin were precipi-
tated, respectively, from the product mixture by the addition of an antisolvent 
(organic or aqueous–organic solution) [49]. Recent researches on lignin fraction-
ation in ionic liquids have been listed in Table 15.1.

Among numerous ILs, 1-ethyl-3-methylimidazolium acetate ([C2mim]-[OAc]) 
was demonstrated to effectively extract lignin from lignocellulose raw material, 
such as wood [56] and wheat straw. Bogel-Łukasik et al. investigated the fraction-
ation process of the wheat straw in 1-ethyl-3-methylimidazolium acetate ([emim]
[CH3COO]) and reported that 87 wt% purity of the carbohydrate-free lignin-rich 
fraction can be recovered [57]. And the chemical transformations involved in the 
[C2mim]-[OAc] pretreatment were more deeply investigated [58].

Various process parameters would affect the dissolution of lignocellulosic mate-
rial, such as the effect of IL anion or cation, solvation properties of ILs, and viscos-
ity. These relevant parameters were summarized by Badgujar and Bhanage [59], 
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Fig. 15.5 Fractionation procedure of lignocellulose with ILs: (a) extraction of lignin or polysac-
charide using selective ILs (partial dissolution systems) and (b) separation of cellulose and lignin 
with non-selective ILs (full dissolution systems) [50]

Table 15.1 Ionic liquids used for lignin fractionation

Substrate Ionic liquidsa Conditions Results References

Corn stover [HMIM]Cl 70 °C, 3 h Lignin yield 
60.48%

[48]

Wheat straw [emim]
[HSO4]

131.0 °C, 58.7 wt.% H2O and 
88.0 min, followed by alkaline 
extraction and acidified

Lignin yield
42.6 wt.%

[51]

Miscanthus x 
giganteus

[TEA]
[HSO4]

120 °C, 8 h, 1:10 88% 
delignification

[52]

Poplar [Hpy]Cl and 
[Hmim]Cl

100 °C for 30 min Lignin yield
61.0% and 60.4%

[53]

Bamboo [Hpy]Cl and 
[Hmim]Cl

100 °C for 30 min Lignin yield
51.7% and 50.3%

[53]

Eucalyptus [bmim]OAc 120 °C, 4 h 29.7–43.3% 
delignification

[54]

Alkaline 
lignin

[C2mim]-
[OAc]

110–170 °C, 1–16 h Lignin yield 
(60–93%)

[55]

aIonic liquids: [HMIM]Cl: 1-H-3-methy-limidazolium chloride, [emim][HSO4]:1-ethyl-3- 
methylimidazolium hydrogen sulfate, [TEA][HSO4]:triethylammonium hydrogen sulfate, [Hpy]
Cl: Pyridinium chloride, [bmim]OAc:1-butyl-3-methylimidazolium acetate, [C2mim]-[OAc]: 
1-ethyl-3-methylimidazolium acetate
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who suggested that IL should in the context of green sustainable chemistry and IL 
properties should be optimized for biomass processing. A key example is the high 
viscosity of most ionic liquids, so several studies try to solve this issue. For exam-
ple, increasing the temperature may be a method to reduce IL viscosity [55]. In 
addition, the currently popular ionic liquids in lignocellulosic biomass treatment 
such as the imidazolium-based ionic liquids are likely to remain expensive and their 
preparation is often very difficult. Therefore, the recyclability of ionic liquids is 
necessary. Up to now, numerous investigations of the use of IL have focused on the 
cost and recyclable problems. Up to 85% of the lignin can be solubilized into the IL 
solution 80% lignin recovery can be achieved by using the low-cost ionic liquid 
triethylammonium hydrogen sulfate [TEA][HSO4] at mild temperature (120  °C) 
[52]. The lignin-rich solid fractions were obtained with distinct purities and yields 
by aqueous ionic liquid solution ([emim][HSO4]/H2O), and the IL was successfully 
separated, recovered, and reused [51].

15.3.4  Deep Eutectic Solvents (DESs) Fractionation

Issues such as toxicity, poor biodegradability, and high cost have nevertheless 
restricted the implementation of ILs. In order to overcome these problems, a new 
solvent-deep eutectic solvent (DES, also known as the third generation of ionic 
liquids) has entered the field of vision of researchers. The term deep eutectic sol-
vents (DESs) were coined by Abbott and co-workers in 2003 [60]. It has important 
significance as a substitute for traditional ionic liquids for the isolation and extrac-
tion of lignin. Deep eutectic solvents (DESs) are solvents that are synthesized in a 
liquid state at room temperature by at least one hydrogen bond donor (HBD) usually 
quaternary ammonium salts and one hydrogen bond acceptor (HBA) such as alco-
hols or carboxylic acids.

Francisco et al. found that DESs show high lignin solubility and very poor or 
negligible cellulose solubility [61], and the properties of DESs can be easily tuned 
by changing the HBDs and HBAs [62]. Mechanism investigation revealed that the 
functional groups in the DESs significantly affected their ability to dissolve lignin 
[63], and it can evaluate the potential of DES for lignin processing more closely. In 
addition, parameters such as temperature, pH, and DES viscosity play a role in the 
fractionation of lignocellulosic components by DES.  Chen et  al. found that the 
molar ratio of ChCl–PCA (1:1) would allow the formation of more hydrogen bonds, 
which is helpful for the stability of the solvents and lignin removal [64].

Several notable studies have highlighted the benefits of DESs for the preparation 
of lignin. Yu et al. have demonstrated that both the hydrogen bonds and ether bonds 
in lignin–carbohydrate complexes could be cleaved during DESs pretreatment, 
thereby facilitating the selective extraction of lignin [65]. The lignin yield by ChCl 
and HBD (acetic acid, lactic acid, levulinic acid, and glycerin) could reach 78% and 
58% from poplar and Douglas (D) fir, respectively, and the extracted lignin has high 
purity (95%) with unique structural properties [66]. Although the main delignifica-
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tion mechanism employed by DES treatment is the cleavage of ether linkages, little 
re- condensation of lignin fragments occurred (Fig. 15.6). Singh et al. used lignin- 
derived compounds as potential raw materials for DES preparation to biomass pro-
cesses and the lignin removal (60.8%) provided by ChCl-PCA. Higher lignin yield 
(up to 80%) could be obtained from prairie cordgrass (PCG) and switchgrass (SWG) 
biomass [67].

Generally speaking, there is still much room for improvement in the fraction-
ation of lignocellulosic biomass and the extraction of lignin using DES. The integra-
tion of DES pretreatment with other technologies show good results. For example, 
the lignin removal can reach 65–80% using acidic ChCl: lactic acid pretreatment 
with ultrafast 45 s microwave heating at 800 W and the purity reach 85–87% [68]. 
Recently, the green processing of lignocellulosic biomass and its derivatives in the 
DESs system has been comprehensively and critically reviewed. The authors 
pointed out that DESs are attractive solvents for the fractionation of lignocelluloses 
and the valorization of lignin [69]. Another review stressed three key parts: 
 performance of varying types of DESs and pretreatment schemes for biopolymer 
fractionation, properties, and conversion of fractionated saccharides, as well as 
DES, extracted lignin [70].

In spite of the rapid development in the past 10  years, some drawbacks still 
restricted the practical applications of these solvent systems, such as the thermal 
instability, susceptibility to contaminants [69]. In another aspect, the ideal DES type 
for biomass conversion is still uncertain, and the studies about the application using 
the DES lignin still not enough. There is still much research to be done for the DES 
fractionation technology.

Fig. 15.6 Main mechanisms of β-O-4 linkage cleavage reaction during DES treatment of lignin 
based on study of model compound guaiacylglycerol-β-guaiacyl ether [66]
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15.3.5  Enzyme Assisted Fractionation

Usually, Milled wood lignin (MWL) was prepared for the lignin structural charac-
terization research, which was considered to be the most similar to native lignin. 
The isolation of lignin has a detailed introduction [71]. The obtained lignin has low 
yield, which maybe half that of the crude preparation and its residual carbohydrate 
content is about 4%. Subsequently, enzyme assisted extraction to obtain lignin was 
developed, which mainly uses cellulase to hydrolyze cellulose aiming to remove 
carbohydrates. The assistant function of enzyme improves the yield of lignin and 
the obtained lignin was known as cellulolytic enzyme lignin (CEL).

The addition of enzymes into lignin fractionation would reduce the use of toxic 
chemicals with economic and environmental protection advantages. But it may 
extend treat time, so enzymatic mild acidolysis lignin (EMAL), one modified 
method was investigated to improve lignin recovery and purity [72]. This strategy is 
usually used in laboratory research. Li et al. compared the pyrolysis of wood and 
herbaceous EMAL and found that high phenolics yield can be obtained at mild 
pyrolysis temperature of 450–650 °C [73].

There is no reason not to acknowledge that the enzymatic treatment has success-
fully assisted in lignin extraction, such as mild reaction conditions, the use of renew-
able and inexpensive biocatalysts, and reduction in the use of toxic chemicals. 
Enzymatic hydrolysis was applied after mild alkaline treatments in situ to the ball- 
milled swollen cell wall and the yield of swollen residual enzyme lignin (SREL) can 
reach 95% [74]. The novel method combined the alkaline treatment and enzymatic 
hydrolysis, which not only has little change on the lignin structures but also obtained 
the syringyl-rich lignin macromolecules as compared with CEL.

The enzyme was also used in further fractionation of the lignin. For example, 
two common lignin (alkaline lignin: AL, and hydrolysis lignin: HL) were treated 
with laccase, and the results show that the structure, especially the Ph-OH contents 
and molecular weight of lignin could be effectively controlled, which benefits for 
the antioxidant application [75].

15.3.6  Strategies to Quench Reaction During Lignin 
Fractionation

During lignin fractionation, ether bonds are cleaved and a new stable carbon-carbon 
(C-C) bonds are formed, which is an undesirable reaction, limiting the lignin activ-
ity for added-value using. It is well acknowledged that the use of acid and/or high 
temperatures during lignin fractionation leads to severe and irreversible condensa-
tion, so the mild treatment conditions can avoid condensation to some extent. Wang 
et  al. obtained the lignin (up to 90% of original lignin removal) using one-pot 
method for poplar fractionation by acidic water/phenol pretreatment at mild tem-
perature (120 °C), and the phenol phase, which contains depolymerized and pheno-
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lated lignin, is directly used to prepare lignin-based phenolic foam, with satisfactory 
properties [76]. In order to develop a new solvent with mild treatment conditions, 
the separation of lignin with high yield and high activity can also be achieved by 
appropriate physical and chemical quenching methods.

In order to avoid condensation, strategies to prevent structural degradation is the 
direct hydrogenolysis of native lignin in biomass. Currently, A“lignin-first” biore-
finery concept was proposed, which mainly included tandem depolymerization–sta-
bilization of native lignin and active preservation of β-O-4 bonds [77–79]. However, 
there are still several important obstacles, such as catalyst recovery and mass trans-
fer limitations, which have nevertheless restricted the large-scale implementation of 
this method. So, Shuai et al. [80] reported a lignin stabilization strategy by forming 
1,3-dioxane structure using formaldehyde, which can block reactive positions with-
out extra catalysts.

However, these yields uncondensed or less condensed strategies require extra 
chemicals or catalysts. Different from these strategies, a simple but effective strat-
egy to preserve lignin structures by employing rapid flow-through fractionation was 
applied over the last few decades. The diffusive flux remains high in a flow-through 
setup and the lignin concentration is relatively low, as a fresh solvent is constantly 
added to the system. In a batch system, the lignin concentration is increased during 
the extraction, resulting in a decrease in diffusive flux as a function of time. In 
another word, when operating in flow-through mode, the dissolved lignin fragments 
are removed from the heating zone, which limits the extent of structural alteration 
and redeposition. Wang et al. used 72 wt% aqueous formic acid by flow-through 
fractionation of biomass, which shows similar lignin yields compared with batch 
extractions but retains high β-O-4 ether bond [81] (Fig. 15.7a). Using acidic alco-
hol–water mixtures (120 °C) by flow-through fractionation show the similar results 
that extraction efficiencies of over 55% were achieved, yielding lignin with good 
structural quality in terms of β-O-4 linking motifs (typically over 60 per 100 aro-
matic units from Fig. 15.7b) [30]. In addition, sequential extraction (SE) of hemicel-
lulose and lignin to avoid their excessive degradation have been described [82, 83]. 

Fig. 15.7 (a) Correlation between delignification and β-O-4 linkages during fractionation [44]. 
(b) Linking motifs distribution during the mild organosolv extraction (80,20 EtOH/H2O, 0.18 M 
H2SO4, 120 °C, 5 h) [30]
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The second step of SF was characterized by mild conditions of 100 °C, 40 wt% 
p-TsOH, and 1, and achieved 83% lignin dissolution with a well-preserved structure.

The given discussion showed that even if the cleavage of β-O-4 ether bond could 
not be prevented during the lignin fractionation, further C-C bonds condensation 
reaction could be prevented by appropriate quenching methods for improving the 
reactivity of lignin after fractionation.

15.4  Further Fractionation of Lignin

Although numerous studies have showed to obtain the lignin for further application, 
the lignin presents a broad molecular weight distribution that limits the comprehen-
sive and efficient utilization. Therefore, the further fractionation of lignin seems to 
be a preferential way as it can achieve specific molecular lignin fractions with 
defined properties.

Until now, many studies have reported about the methods to fractionate lignin. 
Table 15.1 highlights the major fractionation conditions, molecular weights distribu-
tion, and potential applications. After further fractionation of lignin, the differences 
in their chemical structure were investigated. The lignin obtained by ultrafiltration 
present narrow molecular weight distribution in the results of the size exclusion chro-
matography (Table 15.1). After the ultrafiltration, the obtained lignin fractions can be 
used as bio-based components in blends with polyethylene due to low molecular 
weight (Mw) and a high quantity of phenolic hydroxyl groups  [84]. As mature tech-
nology is widely used in industry, but there are some disadvantages, for example, the 
existence of partial polysaccharides, fouling of the membranes and expensive instru-
mentation. Compared with ultrafiltration, differential precipitation was an easier and 
simpler technique and less energy consuming. Labidi et al. divided kraft lignin into 
three fractions by precipitation at different pH conditions with various acids (sulfuric 
acid and hydrochloric acid), and the effect of the process and the precipitation tech-
nique on lignin composition were analyzed. The fraction of lignin with higher Mw 
were precipitated at higher pH due to this fraction is easier to destabilize (Table 15.2) 
[85]. Subsequently, sequential acid precipitation method showed the similar results 
that lignins with a higher molecular mass were obtained at higher pH values [86].

Solvent fractionation is based on partial solubility of polymers into solvents. 
Jiang et al. using the solvent assisted fractionation method of kraft lignin yielded 
four fractions with varied molecular weights and polydispersities [87]. These sol-
vents are inexpensive, but toxic. GVL is arousing the interest of researchers, due to 
its better stability, harmlessness, biodegradability, and recyclability. Wang et  al. 
fractionated enzymatic hydrolysis lignin (EHL) into three parts only by GVL/water 
solvent (GWS), the GVL subsequent reuse for lignin fractionation, and they found 
that the obtained fractions presented significantly low molecular weight polydisper-
sity and structural heterogeneity [88]. Another renewable solvent, ethanol–water 
solution, was successfully used to fractionate EHL. The high-molecular-weight lig-
nin obtained by 80% ethanol–water (v/v) fractionation of EHL, and its antioxidant 
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activity improved followed by depolymerization [89]. Also, the antimicrobial activ-
ity of EHL was improved after ethanol–water fractionation [90]. Based on the con-
cept of green environmental protection, glycerol was applied with ethanol for lignin 
fractionation and the results showed that this approach could realize the efficient 
fractionation of EHL with relatively narrow polydispersity [91]. In addition, Dai 
et  al. developed a novel hydrogel-assisted fractionation approach using lignin- 
containing cellulose (Cell-AL) hydrogel to fractionate lignin to produce uniform 
lignins [92]. Depending on the future use of the lignin, the right technique to obtain 
the fractions has to be chosen.

15.5  Lignin-Based Material and Applications

Based on the richness of its functional groups and high carbon contents, lignin has 
been known as a very useful macromolecule in material industries [95]. Generally, 
lignin can be utilized as a replacement in different polymeric materials by modifica-
tion or not [96], such as polyurethane products that include rigid and flexible foams, 
adhesives, coatings, and elastomers [96, 97]. A variety of polymers can be derived 
from lignin by simple chemical modification in order to overcome the brittle nature 
and its incompatibility with other polymer systems, for example, the esterification 
of lignin [98] Dai et al. developed a novel functional lignin-based filler and found 
that lignin-graft-poly(D-lactic acid) (LG-g-PDLA) could accelerate crystallization 
in PLLA systems [99]. The hydroxyl group acts as a reaction site for the given 

Table 15.2 A list of major methods for further fractionation of lignin

Lignin type Fractionation conditions

Molecular weight distribution

ReferencesM̅w M̅n
D(M̅w/
M̅n)

Enzymatic 
hydrolysis lignin 
(EHL)

Gradient precipitation 40%, 
30%, and 5% aqueous GVL 
solutions

F1
F2
F3
EHL

11,135
8310
4235
8930

7131
4704
2277
4420

1.56
1.77
1.86
2.02

[88]

Bamboo kraft 
lignin (BKL)

95% ethanol, solid–liquid 
ratio of 1:20, ambient 
temperature

Fs
Fi
BKL

2518
5216
4032

1.79
1.65
2.04

[93]

Black liquor 
(alkaline 
pulping)

Ultrafiltration Rough
>15 kDa
15 kDa
10 kDa
5 kDa

5654
6300
3544
20,221
1806

1879
2032
1891
946
940

3.01
3.10
1.87
2.14
1.92

[94]

Black liquor 
(kraft pulp)

Acid precipitation LKS 2
LKS 4
LKS 6
LKH 2
LKH 4
LKH 6

3522
5741
4575
4993
5798
6760

695
852
750
866
895
1054

5.06
6.73
6.10
5.76
6.47
6.41

[85]
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chemical reaction. But there are several factors limited to its application, including 
some technical lignin that may contain sulfur leading to products yellowing [100]; 
polydisperse lignin show low solubility, which may lead to the difficult application; 
low reactivity leads to the poor incorporation into a polymer matrix. So, obtaining 
relative purity and high reactivity lignin is essential for lignin valorization.

Up to now, the application of lignin-based functional materials has changed from 
the direct physical blending and they are being incorporated into other polymer 
materials to be used as a new functional material for high value-added applications. 
There are two main ways to prepare lignin-based functional materials including 
preparing lignin nanostructured functional materials and lignin carbon functional 
materials. The former materials are based on its own structure and performance 
characteristics. The latter materials are based on high carbon contents (up to 60%) 
and aromatic monomers [101].

Currently, a variety of nanomaterials would be prepared by different methods in 
different fields. Therefore, it is worthwhile to prepare nanomaterials combined with 
the characteristics of lignin. Lignin-based nanomaterials have been used in adsorp-
tion [102, 103], catalysis [104], packaging [105], drug delivery, and sustained 
release system [106] to name a few. In the biomedical field, Dai et  al. created a 
lignin- containing self-nanoemulsifying drug delivery system (SNEDDS) that can 
effectively improve the stability of trans-RSV [107]. The delivery and storage of 
trans-RSV could also be achieved via Pickering emulsion stabilized by lignin-based 
nanoparticles [108]. In wastewater treatment field, Wang and his co-workers evalu-
ated the behavior of dye adsorption from wastewater using lignin-based Fe3O4@
lignosulfonate/phenolic core-shell microspheres and their results demonstrated that 
it could be very efficient in removing methylene blue from aqueous solutions [109]. 
However, in the aquatic environment, the aggregation and deactivation of nanoma-
terials have hindered its development and practical application. Currently, using 
organosolv lignin for the modification of nanoscale zero-valent iron (nZVI) was 
investigated to issue this problem [102]. Ma et al. acquired super long-term stable 
lignin nanoparticles via an acid precipitation method directly from black liquor, 
which also offer the possibility to overcome the poor stability problem [110].

In addition, many studies have reported to use lignin as carbon materials [111, 
112] including activated carbons [113], carbon fibers [101], and graphitic carbon or 
carbon dots [114]. It has brought forth a wide array of promising applications, rang-
ing from advance materials, energy storage to as adsorbents for organic pollutants 
or heavy metals.

Approaches to preparing carbon sorbents derived from lignin are summarized by 
Chistyakov [111]. Zhu et al. summarized the applications of lignin-derived materi-
als in rechargeable batteries and supercapacitors including their use as binders and 
electrodes for rechargeable batteries and electrodes and electrolytes for superca-
pacitors with a focus on the mechanisms behind their operation [70]. Lawoko et al. 
reviewed both the topics of the direct use of lignin and of the chemical modifica-
tions of lignin toward micro- and nanostructured materials. But there are various 
factors that limit its application such as the heterogeneity of lignin molecule, ash 
content, and thermoplastic foaming behavior [12].
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In the last decade, lignin-based materials development has picked significant 
momentum due to the bio-refinery concept as aging pulp and paper mills need to 
diversify their product portfolio to maintain their vitality. However, most of these 
studies have not yet reached an industrial scale. So far, there are many studies 
needed to do about lignin-based materials including the major lignin-derived mate-
rials, functional products, and their potential applications.

15.6  Summary and Outlook

Lignin is the only renewable aromatic native biopolymer in nature, and lignin-based 
materials avoiding the waste of resources become one of the hot topics recently. The 
application can lead to higher profits for pulp and paper industries and second- 
generation biorefineries and better environmental performance. Because the frac-
tionation conditions, such as temperature and robust solvent can destroy the structure 
of lignin and affect the purity of lignin, accordingly, the main challenge in the devel-
opment of lignin for materials is that the stable carbon-carbon (C-C) bonds are 
formed once β-O-4 linkages break, which can influence the activities of lignin. That 
gives the opportunities to investigate novel effective fractionation technologies for 
the next application of lignin.

It has now been widely demonstrated that a higher quantity of phenolic hydroxyl, 
higher β-O-4 linkages, narrow polydispersity, and purity of lignin often determines 
the lignin activities for downstream application. With this in mind, we sought to 
further improve the quality of fractionated lignin by using novel solvents, mild con-
ditions or novel technologies, such as IL-assisted fractionation, EDS-assisted frac-
tionation, and flow-through fractionation. In view of the huge varieties of 
fractionation technologies available, most focus on lignin yield and purity. However, 
the ideal fractionation for lignin obtained is still uncertain. Aside from the ideal 
fractionation, the fractioned lignin can be integrated into a variety of applications as 
it can also be treated as raw materials for further use. But there is a lack of studies 
in the downstream application of fractionated lignin.

In addition, consideration has to be taken on the prospect of applying the frac-
tionation technologies on a large scale and eventually achieving the commercial 
utilization process. Techno-economic analysis is also needed to constantly evaluate 
the progress of the developed technology and scale-up production and application.
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