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�Introduction

Quantitative measurement of Epstein-Barr virus (EBV) DNA in peripheral blood, 
most often using assays employing nucleic acid amplification technology, has sig-
nificantly impacted the management of both solid organ (SOT) and hematopoietic 
stem cell (HSCT) recipients at high risk for or with post-transplant lymphoprolif-
erative disorders (PTLDs). Since the introduction of these assays two and a half 
decades ago, our understanding of the biology of acute and persistent EBV infection 
and its pathophysiologic role in the development of EBV-positive (+) PTLD has 
increased significantly [1, 2]. In addition, technologic advancements have made 
EBV viral load (VL) assays more sensitive and precise, and the development of a 
World Health Organization (WHO) International Standard (IS) has impacted result 
harmonization among assays [3]. Peripheral blood EBV VL assays have been exten-
sively used by transplant clinicians for surveillance of patients at high risk for PTLD 
as part of preemptive programs for PTLD prevention, for PTLD and EBV disease 
diagnosis in symptomatic patients, and to monitor response to PTLD therapy [4]. 
They have also been used for safety monitoring in clinical trials of new immunosup-
pressive agents [5] and for tailoring immunosuppression in individual patients [6, 
7]. However, result interpretation and the optimal matrix for testing (plasma vs 
peripheral blood mononuclear cells (PBMC) vs whole blood (WB)) remain 
uncertain.
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This chapter summarizes current knowledge regarding EBV cell tropism, EBV 
DNA dynamics, and the biologic forms of EBV DNA in the cellular and acellular 
fractions of peripheral blood during acute and persistent EBV infection and in 
EBV+ PTLD. We highlight how this information influences choice of testing matrix, 
EBV DNA assay design, and result interpretation when using quantitative EBV 
DNA assays in specific clinical settings. The current status of result harmonization 
among assays is reviewed along with the impact of standards and calibrators, nucleic 
acid extraction methods, target and probe design, and other factors. Testing of non-
peripheral blood samples and possible future enhancements to EBV VL measure-
ment are also discussed.

�What Are We Measuring When Quantifying EBV DNA 
in Peripheral Blood? Biological Form and Cell Tropism

�How Are Biological Forms of EBV DNA and Cell Tropism Assessed?

The phenotype of EBV-infected cells has most commonly been studied by sorting 
cell subsets based on surface markers using fluorescence-activated cell sorting 
(FACS) followed by detection of EBV DNA in each subset [8]. More recently, some 
investigators have used ImmunoFISH techniques with infected cells detected by 
either flow cytometry [9] or cell counting on slides by fluorescent microscopy [10]. 
EBV DNA in latently infected cells exists in an extrachromosal episome (~170 kb) 
with a nucleosome structure similar to that of the host genome [11]. In addition, 
integration of subgenomic fragments of EBV into specific sites of the cancer 
genome has been observed in a subset of malignant cells in some EBV-associated 
malignancies [11]. Lytically infected cells also contain concatemeric DNA mole-
cules as well as monomeric EBV DNA encapsidated in virions. EBV DNA in viri-
ons is free of nucleosomes. EBV-infected cells may have long half-lives depending 
on their rate of generation, homeostatic cell division, and cell death as well as 
immune-mediated killing (see Section “EBV VL Kinetics: Implications for 
Monitoring Algorithms”).

EBV DNA in plasma could exist as naked free DNA released by apoptosis or 
necrosis of EBV-infected cells, encapsidated in virions or in exosomes. Naked 
EBV DNA in plasma has a very short half-life of ~2 hours [12], making dynamic 
changes in its measurement more rapidly responsive to treatment interventions 
than changes in cellular EBV DNA. Two primary techniques have been used to 
determine whether EBV DNA in plasma is encapsidated virion DNA or is “naked” 
EBV DNA released from cells. The first exploits the property that virions, but not 
free DNA, will be protected from DNase digestion; the second examines the pro-
portion of EBV DNA in pellets versus supernatant after pelleting virions by ultra-
centrifugation [13]. The distribution of EBV DNA fragment sizes in plasma has 
historically been estimated using quantitative polymerase chain reaction (PCR) 
using different sized amplicons [13].
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Circulating cell-free DNA (ccf DNA) is present at low levels in all human plasma 
and is composed of mono-nucleosomal DNA fragments originating from apoptotic 
and necrotic normal hematopoietic cells; ccf DNA levels rise in inflammatory states. 
During apoptosis, DNA is fragmented by caspase-activated DNase resulting in frag-
ment lengths that are multiples of nucleosomal intervals (166 bps) forming a char-
acteristic ladder on sizing gels. DNA fragment length is impacted by cause of cell 
death (necrosis longer fragments than apoptosis [14]) and varies by cell source 
resulting in a “nucleosome footprint” pattern that allows identification of very small 
amounts of non-hematopoietic tumor cell DNA in the background of normal DNA 
in plasma [15, 16]. Recently, target-capture deep sequencing to both count and pro-
file EBV DNA fragment lengths in plasma has been used to study their origin, 
exploiting the non-nucleosomal profile that would be observed in EBV DNA origi-
nating from virions/lytically infected cells versus the nucleosomal pattern of latently 
infected cells [17].

�Biologic Form of EBV DNA and EBV-Infected Cell Type Varies 
with Host Immune Status and Clinical Context

The number and type of cells either lytically or latently EBV infected in peripheral 
blood and the presence and biologic form of EBV DNA in plasma (naked vs. encap-
sidated in virions) vary and depend on clinical context. Because data in transplant 
populations are limited, we also extrapolate and glean important information from 
studies in immunocompetent hosts and other immunocompromised populations 
such as HIV-infected subjects; these data are summarized below and in Table 6.1.

Table 6.1  What biologic forms of Epstein- Barr virus (EBV) DNA are we measuring in the whole 
blood of immunocompetent subjects and immunocompromised patients?

Clinical setting EBV DNA in plasma EBV-infected cells
Immunocompetent
Asymptomatic 
seropositive 
subjects with 
remote infection

Very small fragments of 
naked ccf** EBV DNA 
(predominantly <110 bp)
Not encapsidated in 
virions
May originate from 
apoptotic lytically infected 
cells in tissues [17]
Rarely detected and when 
present only transient [17, 
26]
Increased detection during 
critical illness and sepsis 
[26]

Predominantly:* resting memory B cell 
IgG genes hypermutated, class-switched 
(CD10+, CD20+, CD3−, CD23−, CD80−, 
Ki67−, CD27+ IgD− CD5−) [18–21]; 2–5 
genomes/cell (episomal form) [20]; latency 
0 [22, 23]
Fewer: other memory B cells CD27+ IgD+ 
IgM+ or CD27− IgA+ [24, 25]
Individual-specific stable “set point” VL 
[66, 153, 198] (estimates: in US 
5–3000/107 B cells [1], in UK median 
79/106 PBMC infected) [181]

(continued)
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Table 6.1  (continued)

Clinical setting EBV DNA in plasma EBV-infected cells
Primary infection
symptomatic 
subjects with   
infectious 
mononucleosis 
(IM) and 
asymptomatic 
subjects

ccf naked EBV DNA, not 
further characterized
Presence of EBV DNA 
encapsidated in virions 
uncertain [30]
Almost always detected at 
symptom onset; duration 
15–31 days [29–33]

Predominantly:   as above* [22]
Fewer:  other memory B cells CD27+ 
IgD+ [25]
EBV-infected T cells in EBV-2-infected 
African infants [28]

EBV-HLH Not available
Always detected (numbers 
studied small) [32]

As in seropositive healthy adult plus EBV 
infection of activated CD8 T cell [39]

CAEBV ccf naked EBV DNA, not 
further characterized
Not encapsidated in 
virions [38]
Detected in 86% of 
patients [37, 38]

As in seropositive healthy adult plus EBV 
infects a lymphoid progenitor cell with 
clonal evolution of a specific cell lineage 
or multiple lineages detectable in 
peripheral blood, predominantly T cell 
(CD4 or CD8) or NK cell in Japan [35, 
38], B cell (CD20+ or CD20−) in North 
America [36]

EBV-associated 
malignancy

Very small fragments of 
naked EBV DNA, 87% 
fragments<181 bp, unique 
fragment length peak 
(150 bp in NPC)
Not encapsidated in 
virions [13, 17, 41]
Tumor marker in this matrix

Not available

HIV-infected patients
Children with 
primary infection
Adults with 
persistent high load/
set point

Not available
Infants: detected 
>3 months in most infants 
[34]
Adults: variably detected 
with prevalence 
significantly lower than in 
WB [51]

Children with primary EBV infection: B 
cells (not further phenotyped) plus small 
number of CD4 and CD8 T cells [52]
Adults: B cells (not further phenotyped), 
EBV also detected in plasmablasts and 
plasma cells, monocyte cells not carrying 
B, T, or monocyte markers in some 
patients [10]

EBV+ lymphoma ccf naked EBV DNA, not 
further characterized [30]

Not available

Transplant recipients
SOT early <1 year 
post-transplant

ccf naked EBV DNA, not 
further characterized [30]
Pediatric primary 
infection: always detected, 
duration may be >1 year 
[67, 75]
Adults seropositive 
pre-transplant: variably 
detected, prevalence 
proportional to 
quantitative levels in WB 
or PBMC [60, 66, 68]

Adult population (presumably seropositive 
pre-Tx): as in seropositive healthy adult* 
[18]
Pediatric population experiencing primary 
EBV infection has not been studied during 
this phase
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Table 6.1  (continued)

Clinical setting EBV DNA in plasma EBV-infected cells
SOT >1 year 
post-transplant with 
persistent viral 
load/high set point

Not available
Rarely detected and when 
present only transiently; 
prevalence proportional to 
quantitative levels in WB 
or PBMC [8, 42, 47, 75]

Pediatric with persistent low viral load:  as 
in healthy seropositive adult 
(disproportionately IgM+) [42, 43]
Pediatric with persistent high viral load:
 � As in low load recipient plus up to 30% 

of infected cells highly atypical 
predominantly Ig null cells with 30–60 
genome copies/cell (CD19+, CD5−, 
CD10−, CD27− CD23− CD38− and 
CD69− with variable expression of 
CD20 and CD40, often HLA class I and 
class II negative); may be transient and 
fall with decreasing viral load [43, 45]

 � Predominantly CD20+ IgM+, 
IgD+CD27+ memory B cells, with~ 
16.7 genome copies/cell [9]

 � Some patients also have EBV-infected T 
cells and monocytes and EBV-infected 
cells lacking B, T, and monocyte 
markers [10, 47]

HSCT with early 
high-level 
reactivation

Not available
Variably detected, 
prevalence proportional to 
quantitative levels in WB 
or PBMC [74]

Isotype-switched memory B cells 
(CD19+CD27+) of donor origin (median 
19 genome copies/cell); significant 
proportion proliferating (Ki67+) rather 
than resting and express a plasmablastic 
(CD24− CD38hi) phenotype and have 
latency III EBV gene expression [50]

EBV+ PTLD ccf naked EBV DNA, not 
further characterized
Almost always positive 
(exception CNS PTLD and 
EBV+ mucocutaneous 
ulcer) [48, 49, 68, 82]

Not available (patients not studied 
immediately before or at the time of PTLD 
diagnosis)

Abbreviations: CAEBV chronic active EBV infection, ccf circulating cell free, HLH hemophago-
cytic lymphohistiocytosis, NPC nasopharyngeal carcinoma

�Immunocompetent Patients

Asymptomatic EBV Seropositive with Remote Infection  When ultra-sensitive 
assays are used, EBV DNA can be found in the peripheral blood of all EBV-
seropositive patients, predominately in long-lived resting B cells with the pheno-
typic hallmark of classical antigen-selected memory B cells (CD10+, CD20+, 
CD3−, CD23−, CD80−, Ki67−, CD27+ IgD− CD5−); Ig genes are hypermutated 
and class switched [18–21]. They are latently infected, express no EBV proteins 
(latency 0) [22, 23], and contain two to five genomes/cell [20]. Some investigators 
have also observed EBV DNA in a smaller number of CD27+, IgD+ IgM+, and 
CD27− IgA+ memory B cells, suggesting EBV can enter memory B cells without 
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germinal center transit [24, 25]. The number of infected cells among individuals 
varies significantly from 5 to 3000 /107 memory B cells, but each individual appears 
to have a unique relatively stable “set point” with respect to infected cell number. It 
is estimated that only ~1% of the systemic EBV VL in an individual is in peripheral 
blood [1].

EBV DNA is highly cell associated in healthy adult patients almost all of whom 
are EBV seropositive and is only rarely detected in plasma (0.6–5.5%); when 
detected it is usually transiently present (<4 weeks) [17, 26]. EBV detection preva-
lence increases significantly relative to similarly aged immunocompetent subjects 
in the setting of critical illness with rates higher in WB vs plasma as follows (15/127 
(11.8%) vs. 3/55 (5.4%)); even higher rates are observed in immunocompetent criti-
cally ill patients with sepsis (275/522 (52.7%) vs. 75/235 (31.9%) [26].

Children and Adults with Primary EBV Infection (Symptomatic or 
Asymptomatic)  The limited available data comes from studies of adolescents and 
young adults presenting with symptoms of infectious mononucleosis (IM). As in 
EBV-seropositive patients with remote infection, EBV DNA is found in a latent 
form in memory B cells (CD27+ IgD−) exclusively [22] or predominantly, with 
some CD27+, IgD+ cells also infected [25]. However, in IM, up to 50% of all mem-
ory B cells can carry EBV DNA [22]. Whether infectious virions are being pro-
duced is uncertain; limiting dilution RT-PCR studies of IM peripheral blood 
demonstrated the presence of a very low frequency of cells expressing lytic cycle 
gene BZLF in only two of five IM patients [22, 23].

Non-B cells can be infected during primary EBV infection, even in immunocom-
petent hosts. A recent study of the tonsils of IM patients suggests that approximately 
9% of EBV-infected cells in this tissue express T cell antigens [27]. In a Kenyan 
study of HIV-uninfected mother/infant pairs, Coleman et al. observed that young 
infants infected with EBV-2 had EBV DNA in T cells while those infected with 
EBV-1 did not. Interestingly, T cell EBV infection was not observed in the EBV-2-
infected mothers [28].

Using real-time PCR assays, EBV DNA is detected in plasma in almost all 
symptomatic adult and pediatric patients with IM at lower levels and for a signifi-
cantly shorter period (<30  days from symptom onset) than in PBMCs [29–33]. 
Using a DNase assay to study the plasma of 20 IM patients, Ryan et al. [34] found 
60% had only naked EBV DNA present. The remainder had incomplete degradation 
of the control β-globulin DNA as well as EBV DNA making the interpretation of 
results as demonstrating the presence of virion-associated EBV DNA uncertain (see 
discussion of this confounder by Chan et al. [13]). These results have not been vali-
dated by others. While the plasma of asymptomatic adults with primary EBV infec-
tion has not been studied, Slyker et al. studied EBV infection in Kenyan infants and 
found that 55% of EBV-infected, HIV-uninfected infants and 83.6% of HIV-infected 
EBV-infected infants had EBV DNA detected in plasma; EBV DNA remained 
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detectable in the plasma for >3 months in 62% of the HIV-infected infants but not 
in any of the HIV-uninfected infants [34].

Chronic Active EBV Infection (CAEBV)/Hemophagocytic Lymphohistiocytosis 
(HLH)  This rare disorder appears to be a pre-malignant condition initiated by 
infection of a lymphoid progenitor cell from which malignant cells evolve by 
acquiring DDX3X and other driver mutations leading to monoclonal and less often 
oligoclonal evolution of EBV-infected T, NK, or B cells [35]. Patients exhibit per-
sistent/recurrent IM-like symptoms as well as atypical symptoms and a high predi-
lection for progression to lymphoma or leukemia; B cell depletion and 
hypogammaglobulinemia have been described in B cell CAEBV [36, 37]. EBV 
DNA in the form of naked EBV DNA, not encapsidated in virions, was detected in 
the plasma of 95/108 (86%) patients in a T/NK CAEBV cohort [37, 38]. In EBV-
associated HLH, a hyper-inflammatory syndrome characterized by uncontrolled 
activation of T cells as well as macrophages, the EBV-infected cell appears to be an 
activated CD8 T cell [39]. EBV-associated HLH has been described in the trans-
plant setting [40].

EBV-Associated Malignancies in Immunocompetent Patients  EBV DNA detec-
tion in plasma appears to be preferred when compared to its detection in WB as a 
tumor marker. It has been evaluated as a screening tool for malignancy, as a prog-
nostic marker, and to monitor response to therapy in settings such as NPC, diffuse 
large B cell lymphoma, extranodal T/NK lymphoma, and Hodgkin lymphoma [41]. 
In these settings, plasma EBV DNA appears to be naked DNA, not virion-associated, 
and fragments are very short (majority <180 bp) [13]. Recent studies using target 
capture sequencing and fragment length profiling of EBV DNA in plasma have 
demonstrated that NPC patients have a characteristic 150 bp peak unique to tumor 
cells and a nucleosome-bound fingerprint pattern suggesting latently infected cells 
as the source of plasma EBV DNA [17]. The size of the fragment length peak pro-
posed as a tumor marker of NPC cells of epithelial origin cannot be extrapolated to 
PTLD which is of hematopoietic origin. However, this approach could be explored 
to determine whether EBV-associated smooth muscle tumors that occur after trans-
plant also have a characteristic fragment length predominance.

Immunosuppressed Patients
Pediatric and adult SOT: Most studies examining the phenotype of infected cells in 
transplant recipients have studied patients with persistent VL elevation, usually later 
than 1  year after transplant, sometimes without reference to pre-transplant EBV 
serostatus (Table 6.1). While little is known about the type of cells infected in early 
primary EBV infection post-transplant, studies of adult kidney recipients and pedi-
atric allograft recipients with persistent EBV VL, most of whom had experienced 
primary EBV infection with or without PTLD, suggest EBV is present primarily in 
resting memory B cells as in immunocompetent adults [18, 42, 43]. Schauer et al. 
[43] found that in pediatric SOT >1 year post-transplant with low persistent VLs, 
infected memory B cells contained one to two genomes/infected cells that were 
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disproportionately IgM+. In contrast, high EBV VL load carriers have a mixed pop-
ulation of EBV infected cells including the cell type found in low load carriers and 
EBV-infected cells containing 30–60 genome copies/cell which disproportionately 
contributed to total VL [43]. While the significance of this finding is not totally 
clear, the genome copy number/cell is known to reflect the number of replication 
cycles the EBV-infected cell has undergone [44]. These highly atypical cells were 
predominantly Ig-null. Surface immunoglobulin (sIg), when expressed, was dispro-
portionately IgA+. These atypical cells appear transient, decreasing in number as 
VL falls in serially followed patients [45]. The observations related to these atypical 
high copy number cells have not been confirmed by others. As non-EBV-infected 
cells of this type are also found in pediatric transplant patients with undetectable 
VL, they are not solely the result of EBV infection [45]. Despite these observations, 
several investigators have found a reasonable correlation between total VL mea-
sured directly in peripheral blood of patients with persistent high loads and the 
number of EBV-infected cells detected by in situ hybridization [9, 10, 46]. An 
ImmunoFISH study of the peripheral blood of four pediatric Japanese liver trans-
plant recipients with elevated VL found that the EBV-infected cells were predomi-
nantly CD20+ IgM+, IgD+CD27+ memory B cells, with an estimated 16.7 genome 
copies/cell [9]; this cell subset is usually only a minor infected population in the 
immunocompetent host [25].

Most investigators have found that in adult and pediatric SOT patients with ele-
vated persistent VL, EBV infection is restricted to B cells. However, Greijer et al. 
[47] found EBV DNA in T cells and monocytes in two of six SOT recipients, and 
Calattini et al. [10] found EBV DNA in cells lacking B, T, and monocyte markers in 
two of three transplant recipients. The phenotype of EBV-infected cells in the blood 
of SOT patients at the time of or immediately prior to PTLD diagnosis has not been 
studied; whether they have circulating cells with any unique phenotypic features is 
unknown.

Most SOT transplant patients with chronic elevated EBV load studied late after 
transplant do not have detectable EBV DNA in plasma. When present, it is gener-
ally found in patients with higher VL in PMBC, is present in small amounts, and is 
transient [8, 42, 47]. EBV DNA is known to be present in the plasma of almost all 
cases of EBV+ PTLD in adult transplant patients, although it is not detected in 
EBV-negative PTLD and may miss EBV+ CNS disease and EBV+ mucocutaneous 
ulcers [48, 49]. Ryan et al. [30] studied the plasma of two transplant patients with-
out PTLD and five with PTLD using a DNase 1 assay and found EBV DNA to be 
free DNA, not virion-associated in six, with uninterpretable results because of 
incomplete digestion of control DNA in one PTLD patient.

HSCT Recipients  Burns et al. [50] recently studied the cellular tropism of EBV in 
HSCT recipients with high EBV load detected by WB monitoring within 3 months 
of transplant. They found that EBV resides almost exclusively in supranormal num-
bers of isotype-switched memory B cells (CD19+CD27+) of donor origin, prior to 
a time when memory B cell reconstitution is expected to occur, suggesting the 
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appearance of these cells is EBV-driven. Moreover, the EBV infection is latent 
(median, 19 genome copies/cell), but a significant proportion of infected cells are 
proliferating rather than resting and express a plasmablastic (CD24− CD38hi) phe-
notype and have latency III EBV gene expression.

HIV-Infected Patients  Adult EBV-infected HIV positive patients frequently have 
persistent high levels of EBV DNA detected in whole blood (65.5%) even on 
HAART therapy; detection in plasma is less frequent (4.8%) [51]. In addition to 
infected B cells, non-B cells of variable phenotype may be infected [10, 52] 
(Table  6.1). Using a DNase assay, Ryan et  al. [30] found the EBV DNA in the 
plasma of 11 HIV-related lymphoma patients was free DNA, not encapsidated in 
virions in 10; in one results are uninterpretable because of failure to digest con-
trol DNA.

Conclusions Re: Biologic Form of EBV in Plasma and Phenotype of EBV-
Infected Cells in WB
There is no clear evidence that the EBV DNA in plasma is encapsidated in virions 
at any time during acute or persistent infection or in EBV-associated malignancies 
in either immunocompetent or immunocompromised hosts. EBV DNA in plasma 
likely exists as fragmented free DNA, released predominantly from latently or lyti-
cally infected cells outside the circulation. Fragment length profiling of EBV DNA 
in plasma during different phases of infection and malignancy may be a useful tool 
to confirm this. EBV DNA appears in plasma only during a specific period during 
the course of primary EBV infection and only rarely after viral “set point” is reached 
in a stable patient. Whether the presence of EBV DNA in plasma could be used as a 
surrogate marker of immune control of EBV is unknown.

EBV DNA in the peripheral blood of transplant patients exists as complex mix-
tures of forms in the cellular and plasma fractions that may vary during stages of 
acute and persistent infection, inter-current illness, as well as evolving malignancy. 
There is evidence that EBV DNA may be found surprisingly often in atypical B 
cells as well as non-B cells in the peripheral blood, particularly in the immunocom-
promised host. In transplant patients with persistent viral elevated load detectable in 
WB, it may be important to differentiate patients who have only an altered viral set 
point from patients who carry clonally abnormal B, T, or NK EBV-infected cells in 
their circulation as is seen in CAEBV in the immunocompetent host.

�Choosing Peripheral Blood Specimen Type and Reporting Units

Although there is general consensus that peripheral blood is the preferred sampling 
site for EBV VL assessments in transplant patients, the optimal sample type remains 
unresolved. Cellular specimen types including WB, leukocytes, PBMC, and iso-
lated B cells (BC), as well as acellular fractions (plasma and serum), have been 
evaluated [47–49, 53–69]. In both SOT and HSCT recipients, high correlations have 
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been observed between quantitative EBV DNA measurements in different cellular 
specimen types (WB, PBMC, isolated B cells) when using the same assay [56, 61, 
70, 71]. Moreover, normalization of results in cellular sample types to cell number 
or genomic DNA using either total DNA or housekeeping genes did not signifi-
cantly change this correlation or alter dynamic trending in serially followed patients 
compared to the simpler method of reporting the results/volume (ml) [53, 56, 61]. 
However, the presence of severe lymphocytosis or leukopenia should be reviewed in 
interpreting dynamic changes in results [53, 72]. Because of reduced processing 
steps and lower blood volumes required, WB has become the preferred cellular 
specimen with VL reported in IU/ml, without normalization. Approximate conver-
sion factors among historical reporting units are summarized in Table 6.2.

Serum is sometimes used as an alternative to plasma [49, 58–60, 64]. Although 
these acellular sample types have not been directly compared for EBV DNA detec-
tion, levels of genomic cell-free DNA in serum are known to be significantly higher 
than in plasma because white blood cells lyse during clotting [73]. On a theoretical 
basis, to avoid plasma contamination from EBV DNA in circulating cells, particu-
larly when cellular VL is high, plasma is preferred over serum as the non-cellular 
fraction of choice.

Although, generally, EBV DNA becomes detectable in plasma or serum as EBV 
VL rises in matched WB or PBMC samples and a linear correlation exists for results 
in the two matrices [47, 56, 64], the correlation coefficient between quantitative 
EBV VL measured in WB or lymphocytes versus plasma is relatively low [54, 56, 
60, 63, 64, 74]. When detection is discordant, the pattern most commonly observed 
is EBV DNA detection in WB or PBMC, while plasma is negative, particularly 
when VL in cellular sample types is low. Quantitative differences between WB and 
plasma may be >2 log10 copies/ml; differences appear smaller in symptomatic than 
asymptomatic patients [75]. However, extreme quantitative discordance in both 
directions has been described, particularly in the HSCT setting [47]. The relatively 
poor quantitative correlation between WB and plasma is not unexpected. Most 

Table 6.2  Approximate conversion factors for historical reporting units of EBV viral load relative 
to copies/ml of whole blood

Units Assumption
Conversion 
factor

IU/ml Assay calibrated to WHO IS for EBV DNA Assay specific
Copies/105 
PBMCa

1

Copies /106 
PMBC

10

Copies/107B 
cells

3–15% of PBMC, age dependent 667–3333

Copies/μg 
DNA

16–135 μg /whole blood, white cell count dependent, 2x106 
PBMC/ml of whole blood

1.5–12.5

Copies/ml Cell counts including B lymphocyte counts are stable over 
time, 1.5–2.0x106 PBMC /ml of whole blood

15–20

aPBMC peripheral blood mononuclear cells
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studies comparing peripheral blood fractions were cross-sectional single-center 
studies of samples submitted to the laboratory and pooled for analyses. Transplant 
populations studied were in various stages of EBV infection and malignancy and 
included asymptomatic subjects experiencing primary infection or reactivation 
infection with or without inter-current illness as well as those diagnosed and being 
treated for PTLD; asymptomatic patients with persistent high VL are also often 
included. The biologic forms present and distribution of EBV DNA in the cellular 
component vs plasma differs over time in individual patients and in different clini-
cal settings, likely explaining these observations. Available studies of longitudinally 
monitored patients comparing contemporaneous results in different sample types 
have limitations that make it difficult to determine the preferred sample type in spe-
cific clinical settings. These limitations include small patient numbers and few or no 
PTLD cases studied [56, 57, 60, 66, 74], monitoring of groups at very low risk of 
PTLD (seropositive adult SOT recipients) [60, 66], or sampling not starting at the 
time of transplant in patients in whom PTLD was documented [56].

�Choice of Peripheral Blood Specimen Type 
in Transplant Recipients

The choice of specimen type may depend on the purpose for EBV DNA measure-
ment; one size may not fit all settings. If the goal is to detect EBV infection/reactiva-
tion as early as possible in transplant populations at high risk for developing PTLD, 
with the goal of intervening to re-establish control of the infection assuming this 
will lower future PTLD risk, then the more sensitive WB sample may be preferred. 
EBV VL is most often significantly higher, usually by more than a log10 in cellular 
peripheral blood fractions than in acellular fractions [54, 55, 60, 64, 66, 74] and 
higher during primary infection than reactivation infection in both fractions after 
SOT [60, 76, 77]. Earlier temporal detection after transplant has been documented 
in WB compared to plasma in HSCT recipients [74] and seropositive lung trans-
plant recipients [60]. In the small number of EBV-mismatched SOT for whom lon-
gitudinal contemporaneous monitoring in both specimen types was reported, EBV 
DNA was first detected in WB in only three of ten patients studied [57, 60, 67]. In a 
recent study of EBV-mismatched pediatric liver transplant recipients, all first detec-
tion of EBV DNAemia in WB was concordant with its detection in serum [75]. In 
HSCT recipients plasma monitoring alone has been used successfully in preemptive 
programs for PTLD prevention [78, 79]. Some investigators found results of testing 
in both WB and plasma/serum may be additive and increasing levels of EBV DNA 
in plasma/serum but not WB occur just before PTLD diagnosis; patient numbers 
however are small [56, 64]. Using an assay not calibrated to the WHO IS, Ruf et al. 
found 20,000 genome copies/ml of WB and 1000 genome copies in plasma had 
optimal sensitivity and specificity for PTLD prediction [56]. Using these values 
they found that the sensitivity, specificity, negative predictive value (NPV), and 
positive predictive value (PPV) were 100%, 87%, 19%, and 100% for WB; 
88%,98%, 54%, and 100% for plasma; and 100%, 94%, 50%, and 100% when WB 
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and plasma values were combined for predicting PTLD in pediatric SOT and HSCT 
patients; this is not true in adult SOT populations where >50% of PTLD after the 
first year is EBV negative [48, 80]. Although either specimen type could be used in 
preemptive PTLD prevention programs, monitoring both would be optimal although 
associated with increased cost and more complex laboratory logistics. If the goal of 
EBV DNA testing is early EBV+PTLD diagnosis, treatment monitoring, or predic-
tion of relapse, plasma may be the preferred specimen type, although this requires 
further validation. This would be in keeping with role of EBV DNA detection in 
these settings as a tumor marker in a naked cell-free form with a very short half-life.

The advocacy for WB over plasma as the preferred sample type in the transplant 
setting dates back to early studies that failed to detect EBV DNA in the plasma of a 
significant number of PTLD cases, despite detection in WB samples cases [58, 59]. 
However, these studies were performed using less sensitive pre- real-time PCR 
technology with large amplicons and older nucleic acid extraction methods that may 
have failed to identify the small EBV DNA fragments in plasma [81]. Studies using 
RT-PCR found detectable plasma EBV DNA in almost all cases of EBV+PTLD 
with the exception of CNS PTLD and EBV+ mucocutaneous ulcer [48, 49, 68, 82]. 
EBV DNA detection in plasma is also a more specific marker of EBV disease, 
including PTLD than WB or PBMC detection, when used as a diagnostic test in 
patients with signs or symptoms of PTLD [48, 54, 56, 68] and also discriminates 
EBV+PTLD from EBV- negative PTLD better [48, 68].

In the HSCT population, Kalra et al. [83] reported that persistently detectable 
EBV DNAemia in WB after rituximab treatment of PTLD in HSCT recipients had 
a 71% PPV and a 100% NPV for progression/relapse, though most of the PTLD in 
that study was not biopsy-proven. Similarly, in a multicenter study of 144 cases of 
rituximab-treated PTLD in HSCT recipients, Styczynski et al. [84] observed that 
persistent or increasing EBV DNAemia, from WB or plasma samples (in equal 
frequency with results pooled for analyses), after 1–2 weeks of therapy was a pre-
dictor of poor response and increased mortality. However, in both SOT and HSCT 
populations, the bulk of data suggest that plasma may be preferred over samples 
with cellular fractions for monitoring response to therapy and predicting relapse as 
VL correlations with clinical response appear better [48, 56, 68, 85–87].

The high prevalence of EBV DNA detection after transplant, particularly in WB 
in low-risk asymptomatic adult patients who are seropositive pre-transplant, raises 
questions regarding the cost- benefit and risks associated with routine screening of 
this patient group using either WB or plasma [80, 88]. EBV DNA detection in WB 
appears to increase with time after transplant and to be a poor marker of future 
PTLD risk in this low-risk setting [76]. Elevated and often sustained elevation in 
EBV loads in WB has been observed in many of these patients although peak loads 
are usually lower than those observed in primary infection and many EBV+ PTLD 
cases. Investigators have detected EBV DNA in 67–72% of adult liver [89, 90], 
31–29% of adult kidney [76, 91], and 13–42% (assay dependent) [48] of adult lung 
transplant recipients almost all of whom were EBV-seropositive pre-transplant. 
EBV DNA prevalence appears to be lower when plasma is monitored as illustrated 
by the 13% prevalence in a longitudinal study of adult liver transplant patients [62]. 
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In a recent cross-sectional study of 808 transplant patients without either EBV dis-
ease or PTLD, Kanakry et al. [68] detected EBV DNA in 24% and 7% when testing 
PBMC and plasma, respectively. Data regarding the prevalence of EBV DNA detec-
tion in the peripheral blood of EBV-seropositive pediatric transplant recipients are 
more limited. In two cohort studies of pediatric kidney transplant patients, EBV 
DNA was detected in WB above a “significant level (3,000 copies/ml)” in 19.9% 
[92] and at any level in 44.4% [77]. Children with non-intestinal transplants sero-
positive pre-transplant are at lower risk of PTLD than those who are seronegative, 
although the difference may be less marked in pediatric populations than in their 
adult counterparts [92, 93].

�Result Harmonization

�Calibration Standards, Traceability, and Commutability

Currently, most clinical laboratories use real-time PCR amplification and detection 
methods (RT-PCR) for the measurement of EBV DNA in peripheral blood after 
nucleic acid extraction [94]. RT-PCR assays, used extensively in the last decade, are 
more precise and less prone to effects of inhibitors and have a broader linear range 
(6–7 orders of magnitude) compared to earlier generations of competitive endpoint 
PCR assays, factors that should be considered when reviewing older literature 
reporting EBV VL results [94].

Even when RT-PCR assays are used, there can be extreme variability in results 
reported when the same sample is tested using different assays. In 2009, Preiksaitis 
et  al. [95] found the variation of reported results on individual positive samples 
ranged from a minimum of 2.3 log 10 to a maximum of 4.1 log 10 with only 47% of 
all results falling within ±0.5 log10 of the expected results when 28 international 
transplant center laboratories tested a panel of 12 EBV DNA samples. Inter-
laboratory variation was significantly higher than intra-laboratory variation suggest-
ing that the use of an International Standard (IS) for calibration might improve 
result harmonization. This variability was concordant with observations in the 
period prior to 2011 using laboratory developed test (LDT) and commercial assays 
in both the transplant and NPC settings and was observed regardless of peripheral 
blood matrix tested, plasma [96, 97], PBMC [98], and WB [99–102]. It is not clear 
how much result variability using RT-PCR assays is achievable or clinically accept-
able, but variation of ±0.5 log10 is often used, extrapolated from data in HIV [103].

In October 2011 the WHO Expert Committee on Biological Standardization 
approved a lyophilized whole virus preparation of the EBV B95-8 strain produced 
by the National Institutes for Biological Standards and Control (UK) as the first 
WHO IS for EBV DNA to be used in all nucleic acid testing as a calibrator [3]. The 
preparation was assigned a potency value in international units (IU), a consensus 
value not precisely related to genome copies. IS-calibrated assays report results in 
IU/ml rather than copies or genome copies/ml; the conversion factor from copies to 
IU will be specific for each assay. In order to improve result agreement, an IS must 
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be “commutable,” a concept derived from clinical chemistry which is defined as 
“the equivalence of the mathematical relationships between the results of different 
measurement procedures for a reference material and for representative samples 
from health and diseased individuals” [104]. Commutability of a reference material 
is both assay and matrix specific [104–106], and when the IS is used and is non-
commutable for the assays being tested, result agreement between assays can 
become worse [107]. The IS may be commutable for assays measuring EBV DNA 
in WB but not when the same assays are used in plasma [108]. Assays may demon-
strate excellent result harmonization when proficiency panels created using whole 
virus preparations are tested but still show significant result variation when testing 
clinical samples, perhaps because the biologic form of EBV DNA in the tested 
samples is different [107, 108]. Therefore, to definitively determine the impact of 
WHO IS calibration on result harmonization among assays, clinical samples must 
be studied.

Laboratories have been slowly introducing EBV VL assays calibrated to the 
IS.  When testing the 2013 College of American Pathologists (CAP) EBV DNA 
proficiency panel, only 9.4% of 319 laboratories reported results in IU [109], and in 
a survey of 71 transplant programs in 15 European countries in 2013, only 57.1% of 
virologists supporting these programs were aware of and had accessed information 
regarding the IS [110]. Most information regarding the impact of the WHO IS on 
result agreement comes from analysis of EBV DNA testing results of national or 
international proficiency panels that do not include clinical samples [109, 111, 112]. 
These studies all concluded that use of the IS for assay calibration significantly 
reduced result variability, with >80% results reported by multiple laboratories fall-
ing within ±0.5 log10 IU/ml, for WB and plasma samples [111, 112]. However, when 
four US laboratories participating in a clinical trial reported results for the WHO IS 
serially diluted in plasma, only 62% of values for dilutions above 4 log 10 were 
within ±0.5 log10 IU/ml of expected values [113]. Data using clinical samples tested 
using assays calibrated to the WHO IS are limited and provide variable results, with 
studies often demonstrating excellent result agreement when only two assays are 
compared and others showing significant variability between specific assay pairs 
when a larger number of assays were studied [107, 117–120]. Other potential 
sources of variation summarized in Table 6.3 likely contribute to ongoing subopti-
mal result harmonization. Based on impact validation available to date, use of WHO 
IS-calibrated EBV DNA assays may have improved result harmonization and 
should be widely adopted to eliminate this source of variability at a global level.

Assays typically use secondary or tertiary standards often from commercial 
sources, rather than the primary WHO IS material for calibration. Variable results 
with different magnitudes of bias compared to nominal assigned values have been 
observed when commercial secondary CMV standards were tested by different 
RT-PCR and digital PCR assays, highlighting that these secondary or tertiary stan-
dards must also not only be traceable to the WHO material but also be commutable. 
Similar issues may be at play for EBV, and until the impact of the WHO IS and 
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traceable commutable secondary standards on result harmonization among a wider 
array of assays is validated using clinical samples, inter-institutional result compari-
son requires formal cross-referencing of measurement results obtained from testing 
of the same clinical samples between institutions. In the interim, patients should be 
monitored using the same sample type and the same assay in a single laboratory. 
The precision of RT-PCR assays should be considered when interpreting results, 
recognizing that poorest precision occurs at low VLs. Changes in values should dif-
fer by at least threefold (0.5 log10) and as much as fivefold (0.7 log 10) near the 
assay’s limit of detection to be considered biologically important changes [103, 114].

Digital PCR (dPCR) has been proposed as alternate and perhaps better reference 
technology for EBV VL measurement as it provides absolute quantification without 
need for a standard curve [114]. This technology is more precise when quantifying 
low copy numbers. Other advantages and disadvantages of dPCR relative to RT-PCR 
have been reviewed [114]. Although it removes the calibrator as a source of result 
variability, dPCR does require nucleic acid extraction and design of primers and 
probes which may contribute to variability.

Table 6.3  Factors that may need to be addressed to reduce variability of quantitative results of 
EBV DNA measurement using real-time RT-PCR assays

Calibration
 � Use of secondary and tertiary calibrators traceable to the WHO IS for EBV DNA is 

recommended
 � Commutability should be demonstrated for each assay/standard system
Method for nucleic acid extraction
 � If plasma tested, cell –stabilizing collection tubes that prevent contamination of plasma with 

cellular DNA may be warranted to increase purity and yield
 � Methods that reduce further fragmentation of DNA during the extraction process
 � Methods that improve isolation of small fragments <100 bp that may be significant 

component of plasma cell free EBV DNA
Primer and probe design
 � Target conserved sequence regions
 � Use of small amplicons <100 bp is recommended to allow quantitation of small fragments 

of cell –free EBV DNA likely present in plasma
 � Use of two gene sequences as targets may be beneficial
Other
 � Use of specific reagents
 � Probe chemistry
 � Instrument and software
 � Automated versus manual pipetting
General
 � Automation and standardization of all steps in the measurement procedure
 � Use of commercial versus laboratory developed tests would reduce number of assays used. 

Reduction in overall number of assays available would make global result harmonization 
easier
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�Nucleic Acid Extraction

Nucleic acid extraction procedures are a known source of variation in VL measure-
ment with impact depending on the number and type of extraction systems and PCR 
systems studied [70, 81, 100, 115, 116]. An understanding of EBV DNA fragment 
length profiles, in plasma and WB, is important to inform the choice of DNA extrac-
tion system. As we have no information regarding EBV DNA fragment length pro-
files in the plasma and WB of transplant patients, we extrapolate from studies of 
plasma EBV DNA in NPC population-based screening, where EBV DNA frag-
ments appear to be very short, often <110 bp [13, 17]. Cook et al. [81] recently 
studied the extraction yields of 11 commercial extraction methods commonly used 
in viral diagnostic laboratories and 4 new methods designed to isolate the shorter 
fragments of ccf DNA. Not only were a wide range of extraction yields observed 
across methods, but yields were especially inconsistent and poorer (<20%) for 
50–100 bp fragments, even with two of the ccf extraction methods. If similar very 
short EBV DNA fragments (<110 bp) are also seen in plasma in the transplant set-
ting, the specific extraction system yield of these very short fragments could signifi-
cantly impact quantitation and result variability among systems. The DNA fragments 
in the cellular compartment of WB are likely predominantly episomal in origin and 
may be significantly longer. WB extraction systems are therefore challenged to 
extract longer fragments from the cellular fraction along with very small fragments 
from the plasma compartment. How well they do this is uncertain.

�Gene Targets

Since most testing will occur in the setting of transplant PTLD prevention, diagno-
sis, and monitoring and in NPC screening (in some geographic locations), if possi-
ble, a single clinical assay that could be used in both clinical settings should be our 
goal [117]. Because of the impact of target amplicon size on both the sensitivity of 
the assay and measurement of VL, participants in a 2015 National Cancer Institute 
(NCI USA) workshop on harmonization of EBV testing for NPC recommended that 
the amplicon size for plasma EBV DNA assays should be <100 bp [117].

Advantages and disadvantages of targeting a multi-copy versus a single-copy 
gene in specific clinical situations should also be considered. Historically, in the 
NPC setting, plasma assays have amplified the BamHI-W (Bam W) fragment, a 
sequence found in the EBV nuclear antigen leader protein (EBNA-LP) region of the 
genome which has a variable tandem reiteration frequency of 5–11 copies in clinical 
isolates; the WHO IS has 11 copies. Assays using these targets have greater sensitiv-
ity than single-copy PCR target but may have more imprecision in quantifying EBV 
DNA [118, 119]. Although a “more sensitive” assay may be useful for plasma EBV 
DNA detection, it could prove too sensitive when WB testing is performed if it 
detects viral latency in healthy seropositive immunocompetent subjects with high 
viral set points. Current commercial WB assays have levels of detection (LOD) in 
the range of 1.6–2.5 log10 IU/ml and levels of quantitation (LOQ) in the range of 
2.2–3.0 log10 IU/ml [120].
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Theoretically, assays targeting highly conserved single-copy EBV genes should 
have comparable sensitivity and quantitation. However, Ryan et al. [121] and Tsai 
et al. [48] observed better performance with an EBNA-1 targeted assay with respect 
to sensitivity or quantitation compared to other single-gene targeted assays. 
However, it is difficult to attribute the sensitivity differences to gene targets alone as 
differences in amplification efficiency, amplicon size, calibrators, and polymor-
phisms in specific genes among clinical isolates may all have contributed.

Since 2013, EBV whole-genome sequences (WGS) available in GenBank have 
increased from <10 strains to more than 200, significantly increasing information 
regarding genome heterogeneity [122]. Historically, EBV strains are divided into 
two major groups that vary geographically, type 1 (type A) and type 2 (type B), 
based predominantly on polymorphisms in the EBNA-2 and EBNA-3 genes [123–
125]. The EBV B95-8 WHO IS a type 1 isolate. Recent EBV WGS data analysis 
found large numbers of single nucleotide polymorphisms (SNPs) [124, 125], which 
were more common in latent than viral lytic genes [123, 126]. Although definitive 
links between specific gene polymorphisms and risk of EBV disease or EBV-
associated cancer risk have not been definitively established, several variants are 
being further studied in this regard [122]. Mutations in lytic EBV genes, such as 
thymidine kinase, protein kinase, and DNA polymerase, have not been definitively 
demonstrated. However, these genes are involved in the mechanism of action of 
drugs with anti-EBV activity such as acyclovir and ganciclovir used frequently after 
transplant and known to induce resistance in other herpesviruses making it prudent 
to avoid these genes as targets for EBV DNA assays. Manufacturers of EBV DNA 
assays should regularly review EBV GenBank data to confirm that the gene 
sequences targeted remain conserved among clinical isolates. An approach cur-
rently commonly used to mitigate the problem of false-negative results due to 
genetic polymorphisms is to include two gene targets in the assay [117].

�Toward Reducing Variability in EBV DNA Measurement Using 
Real-Time RT-PCR Assays

Factors such as the use of commercial products, specific commercial reagents, 
probe chemistry, automation, and robotics that have not been extensively evaluated 
to date [97, 116, 127] may also contribute to result variability and are summarized 
in Table 6.3. The problem of lack of quantitative nucleic result harmonization is not 
unique to EBV, and we should extrapolate lessons learned from viruses such as 
hepatitis B virus, hepatitis C virus, and human immunodeficiency virus infection. 
Assay result harmonization has significantly improved for these other viruses 
because a very few commercially produced and highly automated assays are in use 
and all have been cleared or approved by regulators. International quantitative stan-
dards have also been in place for these viruses for long periods of time, allowing 
continuous quality improvement in the assays [109]. While acknowledging that 
some redundancy is required with respect to available tests, significantly reducing 
the number of assays being used for quantitative EBV DNA testing would facilitate 
global result harmonization.

6  Technical Aspects of Epstein-Barr Viral Load Assays



82

�Measurements of EBV Gene Expression in Peripheral Blood

Several investigators have evaluated EBV gene expression of latent and lytic genes 
in the peripheral blood of patients as alternative or adjunct biomarkers of PTLD risk 
or for PTLD diagnosis in both the SOT [8, 18, 47, 128–133] and HSCT settings [47, 
50, 129, 130, 134]. Results have been variable, likely due to a combination of fac-
tors. Reverse transcriptase-PCR assays are not standardized, and assays for indi-
vidual genes may have variable sensitivity both within and among studies. Gene 
expression assays are often performed on pooled cells so the prevalence and distri-
bution of specific expression patterns among individual cells in the pool are unknown 
[1]. Some investigators studied adult SOT recipients likely seropositive pre-
transplant [18, 47, 50, 130, 132, 134], while others studied pediatric populations, a 
significant proportion of whom are likely experiencing primary infections [8, 128, 
129, 131, 133]. Studies are both cross-sectional and longitudinal with variable sam-
pling intervals post-transplant and sometimes included or were restricted to patients 
with persistent elevated loads late after transplant [8, 47, 128, 129, 131]; data from 
SOT and HSCT populations are sometimes pooled for analysis [130].

Initial gene expression profiling in the peripheral blood of a limited number of 
adult, likely seropositive, SOT patients without PTLD suggested that lymphoblasts 
were not seen, and latency 0 EBV gene expression was observed (EBER, BARTs, 
and sometimes LMP2) [18]. Although this latency 0 pattern has also been observed 
by others [8], many investigators also report less restricted latency expression pat-
terns including latency III in some patients with both gene expression levels and 
latency levels varying significantly over time in individual patients [47, 128, 129, 
132, 133]. Lytic gene expression has been observed with variable prevalence in 
conjunction with different latency expression patterns. No specific latency pattern 
has been clearly associated with quantitative EBV DNA measurement, although 
expression levels of LMP2 have been correlated with levels of EBV DNAemia by 
some investigators [129, 133]. No consistent peripheral blood EBV gene expression 
patterns have been found that are predictive for or diagnostic of PTLD although 
only small numbers of patients have been studied [47, 129, 130, 132]. Currently 
there is no evidence to support any additional benefit of EBV gene expression pro-
filing over measurement of EBV DNAemia alone in transplant recipients.

�Measurement of Host and Viral Micro-RNAs (miRNA) 
in Peripheral Blood

miRNAs are a family of small (18–25 nt) non-coding RNAs, with sequence comple-
mentarity to mRNAs that act as negative regulators of gene expression involved in 
the regulation of cellular differentiation, proliferation, and apoptosis. EBV infection 
not only impacts host miRNA expression, but EBV encodes ~44 miRNAs almost 
exclusively from two regions: BHRFI, expressed during latency III and lytic infec-
tion, and BART miRNAs expressed in all forms of latency. These viral miRNAs 
repress expression of both host and viral genes [135]. Because miRNAs are highly 
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stable and easily detected and quantified in either PBMC or plasma/serum using 
either commercial miRNA microarray analysis or reverse transcriptase-PCR tech-
niques, miRNA profiling is attractive for study as a potential biomarker for 
PTLD. Kawano et al. [136] identified the plasma EBV miRNAs miBART2-5p, 13, 
and 15 as potentially more useful biomarkers than plasma EBV DNAemia for dif-
ferentiating active from inactive CAEBV and for monitoring response to therapy in 
immunocompetent patients. Recently, investigators have also identified 215 differ-
entially regulated host and viral miRNAs in the PMBC of college-aged immuno-
competent students at presentation with IM that regressed to levels seen in 
age-matched controls over the subsequent 7 months [137]. Similar studies have not 
yet been performed in transplant recipients with primary EBV infection. However, 
preliminary studies have identified miR- BART22 in serum as a potential biomarker 
of EBV reactivation in pediatric liver transplant recipients [138] and plasma 
miBART2-5p, which targets the stress-induced immune ligand MICB to escape rec-
ognition and elimination by NK cells as possibly having a role in sustaining persis-
tent high set points in pediatric kidney transplant recipients [139]. These interesting 
observations suggest further study of host and EBV miRNA profiling in peripheral 
blood is warranted as an alternative or adjunct marker for PTLD or PTLD risk.

�Testing of Non-peripheral Blood Sample Types

Despite very limited data to inform result interpretation, in clinical transplant prac-
tice, CSF and bronchoalveolar lavage fluid (BAL) are often tested to diagnose EBV 
disease or PTLD in the CNS and lungs, respectively. EBV DNA assays have not 
been validated for these matrices.

�CSF

Testing for EBV VL in the CSF of transplant recipients is used to assist in the diag-
nosis of CNS PTLD or EBV encephalitis, hoping to avoid the need for invasive 
biopsy procedures. Because CSF VL studies of SOT and HSCT recipients are 
extremely limited, data are extrapolated from the HIV-infected population where 
qualitative detection of EBV DNA in CSF is common in a wide variety of HIV 
neurological diseases and has poor PPV but good NPV for diagnosis of EBV+ CNS 
lymphoma [140–142]. Although assays were not calibrated to the WHO IS, quanti-
tative cut-offs in the range of 3.3–4.0 log 10 copies/ml in CSF improved both the 
specificity and PPV of the result for both primary CNS lymphoma and CNS involve-
ment in systemic AIDS-related lymphoma when compared to qualitative results 
alone [140, 142, 143]. In a study that included five SOT recipients, Weinberg et al. 
[144] observed that patients with primary CNS lymphoma had high CSF VLs asso-
ciated with low CSF leukocyte counts. In contrast patients with high leukocyte 
counts were more likely to be diagnosed with EBV encephalitis in the presence of 
high VL or post-infectious complications, when VLs were low. In HSCT recipients, 
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Liu et al. [145] found levels of EBV DNA were higher in CSF than in blood, in 
which EBV DNA was sometimes undetectable. CSF VL was also better at predict-
ing CNS disease, and declining CSF VL correlated with clinical response.

�BAL

In lung and heart-lung transplant patients, the lung is often the primary site of 
PTLD. Investigators initially suggested that high quantitative levels of EBV load in 
BAL fluid may be a more sensitive predictor of PTLD than EBV DNA measurement 
in peripheral blood [146]. However, EBV load in BAL was not predictive of PTLD 
in a larger multicenter study of pediatric lung transplant recipients [147]. Moreover, 
EBV DNA was detected in BAL fluid, often at high levels, of adult lung [148] and 
other transplant recipients [149] in the absence of PTLD.

�Saliva

Studies of EBV DNA in saliva use a variety of techniques for specimen collection 
and assays of variable sensitivity making results difficult to compare. The most 
common collection method is an oral wash or gargle [150–153], but oral swabs 
[154] and chewing on cotton plugs [155] have also been used. A consistent observa-
tion is that there is more EBV DNA in the cell pellet than in the supernatant, sug-
gesting EBV DNA is predominantly cell associated in saliva, presumably in 
epithelial cells [150–153, 156–158].

In adult EBV-seropositive healthy subjects with remote infection, the prevalence 
of EBV DNA saliva detection varies significantly from 24% to 90% tested using 
PCR technology either in cross-sectional [156, 157] or longitudinal studies [151, 
153–155]. In longitudinal studies with follow-up varying from 18  weeks to 
18 months, 96% to 100% of patients had detectable EBV DNA at least once [151, 
153–155]. Historically, EBV-seropositive individuals have been classified as low-, 
intermediate-, and high-level saliva EBV shedders. However, Hadinoto et al. found 
seropositive individuals continuously shed virus in saliva and this reservoir is com-
pletely replaced approximately every 2 minutes. Although shedding levels in indi-
viduals appear stable over short periods of time, when studied over months to a year, 
the level of EBV DNA shedding by a given individual varies by 3.5 to 5.5 logs 
[153]. This rate of virus production in saliva could not be attributed to virus produc-
tion by B cells alone, and the authors suggested virus must be amplified by epithe-
lial cells.

Saliva excretion studies during acute primary infection are largely limited to 
patients with IM. EBV DNA appears in the saliva explosively at high levels approx-
imately a week before onset of IM symptoms, peaks at 2 months after onset of ill-
ness, and remains markedly elevated over the first year after infection, levels that 
may persist for as long as 3.1 years [31, 158–160], Levels then decline over time to 
lower persistent levels seen in all EBV-seropositive subjects [151, 153]. In SOT 
recipients not receiving anti-viral agents with anti- EBV activity, both the detection 
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prevalence (83–96%) and quantity of EBV DNA in saliva increase significantly 
beginning in the second month post-transplant with persistence and then decline in 
the 6–12-month period [150, 161]. Saliva EBV DNA levels were higher with 
increasing immunosuppression, in primary infection and in patients with PTLD, 
demonstrating similar patterns to those described in peripheral blood as a predictor 
of PTLD [150]. In a recent study pre-transplant EBV DNA detection in either saliva 
or blood did not predict post-transplant EBV DNAemia [162].

The known in vitro effects of anti-herpesvirus drugs including IV ganciclovir, IV 
acyclovir, valacyclovir and valganciclovir have been confirmed in vivo by measur-
ing saliva EBV DNA. Clearance or a significant reduction in VL is observed on 
treatment even in immunocompromised hosts, but rapid rebound occurs on drug 
withdrawal [150, 152, 154]. Lytic infection appears to be the major source of EBV 
DNA in saliva supported by the observation that 59–62% of EBV DNA in saliva is 
DNase resistant suggesting it is present in encapsidated virions [153].

Although, using older tissue culture techniques, Yao et al. [161] found a correla-
tion between virus in saliva and peripheral blood in healthy seropositive subjects 
with remote infection, no correlation has been observed by others [153, 155, 156]. 
Patterns and quantitative levels of EBV DNA detection in saliva and peripheral 
blood have not been directly compared using current NAT technology as predictors 
of PTLD in transplant patients. Given the variability in sample collection and the 
frequent post-transplant use of anti-virals with EBV activity, saliva is not recom-
mended as a matrix for VL surveillance in preemptive PTLD prevention programs. 
EBV VL detection in saliva may, however, prove to be a useful adjunct to serology 
in clarification of pre-transplant EBV infection status in patients with passive anti-
body and as an ongoing surveillance tool for community-acquired primary infection 
in children who remain EBV seronegative after the early post-transplant period, but 
this requires further study.

�EBV VL Kinetics: Implications for Monitoring Algorithms

PTLD guidelines in SOT and HSCT suggest that dynamic changes in peripheral 
blood EBV VL may be as important as absolute quantitative levels of EBV DNA to 
inform implementation of preemptive PTLD prevention strategies and to monitor 
response to prevention and treatment interventions [4, 163]. Defining “abnormal” 
EBV VL kinetic patterns in transplant recipients requires an understanding of “nor-
mal” EBV VL dynamics in different fractions of peripheral blood during acute and 
persistent infection in immunocompetent people of varying ages. Comparing VL 
patterns in transplant versus immunocompetent populations is critical to inform 
optimal monitoring algorithms, interpret responses to interventions in PTLD pre-
vention strategies, and identify possible predictors of PTLD.  Since historically 
serology rather than EBV DNA measurement has been used for the diagnosis of 
acute EBV infection, data regarding VL dynamics in immunocompetent hosts are 
recent and limited. Primary EBV infection, assessed by EBV DNA measurements 
in peripheral blood, is characterized by an incubation or “eclipse phase,” an acute 
and convalescent phase during which EBV VL accelerates to a peak characterized 

6  Technical Aspects of Epstein-Barr Viral Load Assays



86

by a doubling time and then regresses, followed by an equilibrium state with an 
individual “set point” marking persistent infection (Fig. 6.1). Time to first detection, 
time from first detection to peak, time from peak to set point, and area under the VL 
time curve (AUC) are additional parameters that might be important to study. 
Although it is challenging to compare studies because of differences in VL assays 
and the matrix used for testing, available data are summarized below.

�Incubation or “Eclipse” Phase

Patients are asymptomatic and therefore rarely identified during the 32–49-day 
incubation period prior to development of IM symptoms determined using known 
or suspected expected exposure to EBV-infected saliva [158, 159, 164, 165]. In a 
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Fig. 6.1  A schematic of quantitative Epstein-Barr virus (EBV) DNAemia measured in whole 
blood in an immunocompetent subject experiencing primary EBV infection. Symptoms, if present, 
begin 32–49 days after exposure [158, 159, 164, 165]. EBV DNA can be detected approximately 
3 weeks before symptoms using very sensitive research assays [160] becoming detectable by diag-
nostic assays 7–10 days before symptom onset and rising rapidly to peak over the next 2 weeks 
[158–160, 179]. EBV DNAemia then regresses in an exponential [166] or biphasic [178] pattern, 
with a rapid decline over the first 2 weeks and a much slower subsequent decline. EBV DNA is 
detected for a median of 17 days in adolescents and young adults [159] but may be detected for as 
long as 5–6 months in infants [192]. Recurrent episodes of EBV DNAemia with or without symp-
toms can occur [31, 158, 192], documented at 60–90 days after first symptom onset in young 
adults. EBV DNAemia does not approach a specific individual “set point” until approximately 
1 year after symptom onset [22, 166, 180]. Reactivation events can occur after the set point is 
established in both asymptomatic subjects [17] and during critical illness and sepsis [26]. 
LOD = lower limit of EBV DNA detection by diagnostic assay [159] [dotted line]; set point [solid 
line] identified as median EBV viral load in healthy seropositive UK adults (79 copies/1 × 106 
peripheral blood mononuclear cells or approximately 158 copies/ml whole blood)
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prospective study of 40 EBV-seronegative university students, Dunmire et al. [160] 
were able to detect very low levels of EBV DNA in WB as early as 22 days prior to 
IM symptom onset in the absence of both saliva EBV DNA detection and evidence 
of an adaptive immune response using a very sensitive nested PCR assay. This level 
of EBV DNA would not be detected by clinical diagnostic assays; investigators 
attribute the low level EBV DNA detection to relatively slow expansion of latently 
infected (latency 0) B cells in tonsillar tissues with spillover of these cells into the 
circulation. Lytic virus replication appears to have no role during this eclipse period 
aside from the initial transmission of infectious virus by saliva from another host to 
naïve B cells in the oropharynx of the recipient. There is an explosive increase in 
EBV DNA detection in both saliva (7 days) and peripheral blood (7–10 days) before 
IM symptom onset. These observations, particularly the late onset of oral viral shed-
ding, contradict the model of acute IM proposed by Hadinoto et al. [166] who sug-
gested that the VL increase in peripheral blood results from EBV reactivation in 
latently infected memory B cells that return to the oropharynx and infect new naïve 
B cells, a repetitive cycle that continues until a cytotoxic T lymphocyte (CTL) 
response is triggered.

The most comprehensive EBV VL data during primary EBV infection in 
infants is derived from two longitudinal studies in Africa where infection is almost 
universal before age 2. One studied EBV DNA in PBMC of infants (14–18 months) 
in Gambia over 6 months during a period of low malaria prevalence [167]. The 
other compared EBV VLs in WB in Kenyan infants (serially followed from 
1 month to 2 years of age) from two regions, one with high and the other with low 
rates of both holoendemic malaria and Burkitt lymphoma [168]. While historical 
evidence suggested that infants may be protected from EBV infection during the 
first 6  months of life [169–171], mathematical modeling using data from the 
Kenyan infant study has made two interesting observations regarding the incuba-
tion/eclipse phase of primary EBV infection [172]. First, detection of early de 
novo EBV-specific serologic responses in the infant suggests that “infection” may 
occur as early as 1–2  months of life, but EBV DNAemia is not detected until 
maternal antibodies wane. The second is that the timing of EBV DNAemia is 
dependent on the initial level of maternal antibody and the rate of its decay. A 
recent Canadian study suggests that infant seropositive donors less than 6 months 
of age do not appear to transmit EBV to seronegative recipients (i.e., only have 
passive maternal antibody) and could be considered seronegative when risk strati-
fying for preemptive strategies [173].

SOT offers a unique opportunity to study the biology of primary EBV infection 
as the exact timing of EBV exposure is known, in the EBV donor positive/recipient 
negative scenario (EBV mismatch), and we are often monitoring VL during the 
eclipse phase. In an era prior to the routine use of anti-virals for CMV prophylaxis 
after SOT, the median time to EBV detection in saliva during primary donor-derived 
EBV infection after SOT was 6 weeks [150], similar to the IM incubation period. 
More recent studies in EBV-mismatched SOT patients monitored serially using 
RT-PCR EBV DNA assays noted later initial detection of EBV DNAemia at a 
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median of 84 days with only rare detection in the first post-transplant month [173]. 
The use of anti-viral prophylaxis appeared to delay the onset of EBV DNAemia in 
a cohort of adult kidney transplant recipients [174], but not in a similar pediatric 
cohort [175]. In the SOT setting, it is not known whether duration of the eclipse 
period is influenced by anti-viral therapy or by passive maternal or transfusion-
derived antibody in the recipient given the mode of transmission. The low-level 
early EBV DNAemia described by Dunmire et al. [160] in IM has not been described 
in SOT recipients: the LOD of clinical assays may not be sensitive enough to detect 
this, even in immunocompromised hosts.

In three HSCT monitoring studies, the median time to EBV DNAemia post-
transplant was 50  days (range 19–368  days) using plasma [176], 99  days (IQR 
84–119 days) using WB [50], and 34 days (range 18–60 days) using either plasma 
or PBMC [54]. It may therefore be reasonable to delay the onset on post-transplant 
monitoring for preemptive interventions until after the first transplant month, par-
ticularly in SOT, to minimize costs; however, from a logistics and compliance per-
spective, this may increase the complexity of implementation.

�Acute and Convalescent Infection Phase

Acceleration phase and peak: Several investigators found that EBV VL in WB or 
PBMC may already be falling when immunocompetent adolescents and young 
adults first present with IM symptoms [22, 166, 177, 178]. However, in prospec-
tively followed seroconverting university students undergoing frequent sampling, 
EBV VL continues to rise and peaks quickly within 2  weeks of symptom onset 
(median 8 days) [158, 159]. Median peak loads in WB reported in studies of IM 
patients were 3.0 log10 copies/ml [158], 3.9 log10 copies/ml [179], 7350 copies/106 
PBMC or ~4.2 log10 copies/ml [180], and 6280 copies/106 PBMC or ~4.1 log10 cop-
ies/ml [181]. Peak VL is similar in both IM patients and asymptomatic patients 
[180, 182] supporting the concept that IM symptoms result from an exaggerated 
immune response rather than a higher VL. In the Kenyan infant study, infants in 
holoendemic vs. sporadic malaria areas were infected with EBV earlier in life 
(mean 7.28 months). Earlier infection was associated with higher and more persis-
tent WB EBV VLs, suggesting infants infected earlier in life had poorer control of 
infection [168]. Mathematical modeling of the data from this study found very short 
EBV VL doubling times, 1.6 and 2.1 days in high and low malaria transmission 
regions, respectively [172]. Limited study of plasma EBV DNA in IM suggests that 
EBV DNA is detectable in the plasma of most patients at symptom onset at lower 
levels than in WB/PBMC and declines rapidly to undetectable levels 15–30 days 
later [29, 31–33].

Although there is overlap, transplant recipients with PTLD appear to have higher 
VLs measured in both plasma [68, 82] and PBMC [46, 68, 183, 184] than those 
observed in immunocompetent IM patients. The majority of historical studies sug-
gest that high peak VL is a sensitive but not specific marker of EBV+ PTLD occur-
ring early, usually in the first year after transplant, with VL most often peaking 
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before the onset of symptoms (reviewed by [185]). This is the basis of preemptive 
prevention strategies. Unfortunately, these studies have significant limitations. Most 
transplant studies are not natural history studies, as clinicians are implementing 
interventions based on available results. Almost all longitudinal studies attempting 
to determine EBV DNAemia levels predictive of PTLD are single-center studies, 
most often involving only pediatric SOT populations. In addition, result interpreta-
tion is complicated by the heterogeneity of the populations studied, with high- and 
low-risk populations and SOT and HSCT populations often pooled for analysis. The 
use of non-standardized assays and sample types precludes making recommenda-
tions regarding quantitative levels of EBV DNA that might be used as trigger points 
for interventions. The small numbers of PTLD cases limit the statistical analyses 
performed.

More recent studies of the association between high WB peak load and PTLD 
have been conflicting in both SOT and HSCT populations. No association was 
found in German pediatric kidney transplant recipients [77] or a Korean SOT popu-
lation (predominantly pediatric liver recipients) [186]. However, Colombini et al. 
[92] identified peak VL as an independent predictor of PTLD, in a multivariate 
analysis of a multicenter study of pediatric kidney transplant recipients. Similarly 
early peak load, in univariate analysis, was a risk factor for PTLD in a single-center 
study of pediatric heart transplant recipients [187]. “EBV exposure” measured as 
area under the EBV viral load concentration-time curve (AUC) is an alternate 
potential biomarker of PTLD risk, although in a study of pediatric kidney transplant 
recipients, AUC of EBV VL during the first post-transplant year was not predictive 
of symptomatic EBV infection that included PTLD [77]. Although peak load was 
associated with increased PTLD risk in a HSCT cohort in the Cho et al. study [186], 
in a recent multicenter UK study of 69 PTLD cases, 45% and 23% of cases had VLs 
at diagnosis measured predominantly in WB that were lower than 40,0000 copies/
ml and 10,000 copies/ml, respectively, commonly used as preemptive triggers in the 
HSCT setting [188]. Peak VL appears to be temporally concordant in plasma and 
WB in HSCT recipients [74]. Salano et al. [189] studying a mixed population of 
HSCT recipients at high and low risk for PTLD using plasma EBV DNA monitor-
ing found that neither initial positive result nor doubling time predicted clinical 
features associated with high PTLD risk; these parameters also did not predict the 
need for preemptive rituximab therapy.

As observed during acute infection in immunocompetent hosts, in primary EBV 
infection after SOT and high-level reactivation of EBV in HSCT, the initial rise in 
EBV VL is explosive [50, 54, 58, 186]. In high-risk HSCT patients, Burns et al. [50] 
found the median time from first EBV DNA detection in WB to high-level DNAemia 
(median load 2.2 × 105 genomes/ml) was 7 days (IQR 0–14 days). Although dou-
bling times as rapid as 56 hours have been described in the lung transplant setting 
[58], the time to peak has been less well described in the SOT setting. This very 
rapid initial VL rise makes the logistics of preemptive therapy challenging. Frequent 
monitoring of at least weekly for at least the 4 first post-transplant months is recom-
mended in guidelines for high-risk HSCT recipients [163]. In SOT recipients, it can 
be argued that any detectable peripheral EBV VL in the setting of a primary EBV 
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infection should trigger review and minimization of immunosuppression when pos-
sible, to optimize opportunities for development of EBV-specific adaptive immune 
responses. Weekly post-transplant monitoring during the highest risk period for 
donor-derived infection (1–4 months) [173] is recommended for EBV-mismatched 
SOT recipients. However, there are no data to suggest that less frequent monitoring 
(i.e., biweekly or even longer intervals later in the first year after transplant) nega-
tively impacts preemptive strategies [4]. In evaluating interventions during the 
acceleration phase of primary infection, reduction in doubling time or lower peak or 
set point may be positive endpoints; short-term absolute quantitative reduction in 
load may not be an appropriate measurement.

Regression from peak load: VL regression patterns in IM are variable among 
patients and may be dependent on patient age and the “immunosuppressive environ-
ment” in which primary infection occurs. In a study of adolescents and young 
adults, the median duration of WB EBV DNAemia was 17 days [159], but EBV 
DNA was detected as long as 202 days in individual patients. EBV DNA in PBMC 
studied by Fafi-Kremer in 20 IM patients progressively declined over 180 days with 
levels approaching those in EBV-seropositive patients by 30 days [31]. Investigators 
have observed that WB/PBMC viral load falls as adaptive immune responses 
develop in a biphasic pattern, with a rapid decline lasting 2–6 weeks (estimated 
half-life 1.5 days) followed by a more gradual decline thereafter (mean half-life 
38.7 +/− 15 days) [177, 178]. After studying 24 children with IM (age 1–16 years), 
Nakai et al. [178] found two-thirds were slow regressors with PBMC EBV DNAemia 
still detectable at last follow-up (up to 90 days after onset of symptoms). VLs gener-
ally approach but do not achieve “set point” observed in EBV-seropositive asymp-
tomatic children and adults until approximately 1 year after IM [22, 166, 180]. EBV 
sero-conversion rates due to community-acquired infection in infants and children 
are high [190, 191]. Some children awaiting transplant are likely recently infected 
(i.e., less than 1 year ago); this is particularly true for seropositive infants between 
1 and 2 years of age. Although not been specifically studied, these children may be 
at intermediate PTLD risk, falling between high-risk seronegative and lower-risk 
seropositive children with remote infection. More extensive pre-transplant and wait-
list serology profiling and WB EBV VL testing may be warranted to allow better 
risk stratification of children as seronegative, acutely (recently) infected, or remotely 
infected to inform monitoring algorithms for preventive measures. Viral kinetic data 
in infant EBV infection from a Kenyan study revealed a median duration of WB 
EBV DNAemia of 6.3 months and 4.9 months for infants in holoendemic and spo-
radic malaria areas, respectively [192]. The AUC of the first episode of EBV DNA 
detection, determined by both doubling time and duration, was greater in the high 
malaria exposure region but was not influenced by age. Malaria is thought to 
increase VLs either through promoting B cell proliferation [193], altering T cell 
responses [194], and/or decreasing maternal antibody transfer [195]. Potential anal-
ogies in the transplant setting include graft-associated chronic or recurrent B cell 
stimulation, even in the absence of observed acute rejection, and recurrent infection 
episodes, exogenous immunosuppression, and possibly more rapid passive maternal 
antibody elimination because of bleeding and transfusion.
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In the transplant setting, observations regarding EBV VL regression kinetics in 
the absence of interventions are extremely limited. The half-life of the biologic form 
of EBV DNA being measured, in the order of hours for ccf EBV DNA in plasma 
versus weeks for latently infected cells, should be considered in interpreting 
dynamic changes observed. In HSCT patients who spontaneously resolved plasma 
EBV DNAemia, Solano et  al. observed a median half-life of 4  days (range 
0.04–123.7 days) and several patterns that included zero-order and first-order elimi-
nation kinetics as well as a biphasic “humped” pattern [189]. Unlike IM patients 
and asymptomatic non-HIV-infected African infants, EBV DNA detection in plasma 
in asymptomatic pediatric liver transplant recipients experiencing primary infection 
was prolonged, as long as a year after first detection [67, 75]. It is very difficult to 
assess the impact of interventions using viral kinetic data in the absence of a control 
group not receiving the intervention or controlling for the timing of the intervention 
relative to the onset of EBV DNA detection. When evaluating interventions imple-
mented during the regression phase of acute primary infection after SOT, the regres-
sion half-life or time to clearance (for diagnostic assays) may be a better measurement 
of efficacy than an absolute quantitative reduction in VL.  Kumar et  al. [196] 
observed a decline in WB VL in 90.3% of 31 SOT patients experiencing primary 
EBV infection with median reductions of −0.49 log10 copies/ml and −0.87 log10 
copies/ml 14 and 30 days, respectively, after either RIS or anti-viral therapy. The 
timing of the interventions relative to first EBV DNAemia or phase of infection was 
not specified in this study.

Recurrent episodes of EBV DNAemia: Acute primary EBV infection may include 
recurrent episodes or waves of EBV DNAemia that are not necessarily associated 
with short-term adverse events in either the immunocompetent subject or transplant 
recipient. In 20 IM patients, Fafi-Kremer et al. [31] observed rebound PBMC EBV 
DNAemia after initial regression between day 60 and 90 after symptom onset asso-
ciated with recurrent symptoms in 20%. In Kenyan infants, patterns of WB EBV 
DNAemia varied with some infants demonstrating a single peak and others having 
multiple waves of detection [192]. However, a shorter time to subsequent waves that 
were characterized by both a slower doubling time and shorter duration of EBV 
DNAemia was seen when infection occurred at a younger age. Repeated waves of 
infection were more likely in high malaria exposure regions but were less likely 
with higher AUC with the first episode. Reinfection episodes could not be ruled out 
as a cause of multiple waves/episodes of infection in this environment. Rebound 
events after initial regression have also been observed in the SOT setting after pri-
mary infection managed by RIS or antiviral therapy [196, 197] with no apparent 
adverse effects [197].

�Equilibrium or Set Point VL

All EBV-seropositive patients have persistent EBV infection in peripheral blood 
even though it is often below the level of detection of RT-PCR assays in specimen 
types used in clinical labs in the transplant setting. This host-virus equilibrium or set 
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point is estimated to take up to a year to achieve after acute infection [22, 166, 180] 
and is unique to an individual and relatively stable for at least 3.5 years [66, 153, 
198]. There is some stochastic variation in values around the set point over time 
estimated at ±25%, and this should be considered when defining clinically mean-
ingful VL kinetic outcomes if interventions in transplant patients are initiated after 
set points are established [153]. Peripheral blood VL may increase with aging in 
adults [199, 200] although results are not consistent [201]. Whether age-related 
increases represent more EBV reactivation events or altered “set point” associated 
with immunosenescence is uncertain. “Set point” VL may also be geographically 
variable. Healthy children and adults in Gambia have a set point (median 850 cop-
ies/ 106 PBMC) >10-fold higher than adults in the UK (median 79 copies/106 
PBMC); some had VLs similar to those seen in UK IM patients [181]. It has been 
suggested that early age of infection may raise set point; recurrent exposure to 
malaria may further contribute [167]. It may be important to evaluate interventions 
occurring after set point has been established separately from those occurring ear-
lier during acute primary infection after SOT as their impact may be significantly 
different in these settings that likely represent very different stages of host-EBV 
immune response development.

In the SOT setting, the time required to develop adaptive immune responses and 
EBV viral set point after donor-derived primary infection may be prolonged com-
pared to the immunocompetent patient because of exogenous immunosuppression. 
Colombini et  al. [92] observed that in the 38% of patients experiencing primary 
infection after kidney transplantation who “cleared” their EBV DNAemia during a 
median 5.4 years of follow-up, clearance occurred at a median of 22.1 months after 
detection. Similar protracted regression was observed by Kullberg-Lindh et al. [75] 
on withdrawal of all immunosuppression in pediatric liver transplant recipients with 
“set point” WB VLs sometimes not observed until 2 years after initial detection, 
often concordant with clearance of EBV DNAemia in serum. A significant propor-
tion of SOT recipients experiencing primary EBV infection have detectable WB 
EBV DNA, sometimes at very high levels, that is sustained for many years and 
appears to represent an “abnormally high” viral set point; this is observed less fre-
quently in SOT patients seropositive pre-transplant and has not been described in 
the HSCT setting [8, 77, 92, 128, 175, 202–206]. The immunopathogenesis and 
factors that influence setting and sustaining EBV viral set point after primary infec-
tion are unknown [207, 208]. Young age at infection, immunodeficiency, and inter-
current infections such as malaria are believed to elevate set points in African infants 
[209]; warm ischemia time and high graft to recipient weight ratio have been identi-
fied as factors in pediatric liver transplant recipients [205]. High EBV set point may 
be a form of neonatal tolerance also seen with other viral infections such as hepatitis 
B, CMV, and rubella acquired in utero or the early post-partum period. Examples of 
variable EBV set points after donor-derived primary EBV infection in three pediat-
ric SOT recipients are illustrated in Fig. 6.2a–c.

Investigators have often defined SOT patients as having a chronic high VL phe-
notype (CHVLP) when having sustained (>50%) WB EBV VLs in the range of 
5000–16,000 copies/ml for >6 months [8, 77, 92, 128, 175, 202–206]. High EBV 
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viral set point may be a preferred terminology rather than CHVLP to describe this 
biologic state as it is the terminology that has been used to describe a similar state 
in the HIV setting [210]. However, it is not known whether 6 months after first 
detection is sufficient time for equilibrium or set point to be achieved and what 
specific quantitative set point, if any, is associated with increased later PTLD risk. 
Although studies of pediatric heart transplant recipients suggest that patients who 
are chronic high VL carriers may be at significantly increased risk of late-onset 
EBV-positive PTLD [202, 203], this risk appears in part to be organ-specific with 
intermediate risks observed in intestinal transplants [204] and low to negligible risk 
in pediatric liver [8, 205, 206] and kidney [77, 92, 175, 208] transplant recipients.

Whether any intervention such as immune reconstitution (i.e., RIS) or prolonged 
antiviral therapy can alter set point when established is not known. EBV-seropositive 
immunocompetent subjects develop increases in EBV viral “set points” that are 
sustained for up to 5 years after experiencing acute HIV infection; increases are 
proportional relative to their pre-HIV infection set points. These increased set points 
remain unchanged despite immune reconstitution by highly active anti-retroviral 
HIV therapy suggesting the increased set point is due to immune activation rather 
than immunodeficiency [210–212]. Similarly, Kullberg-Lindh et  al. continued to 
see elevated “set point” loads even when immunosuppression was withdrawn in 
pediatric liver transplant patients experiencing primary EBV infection early after 
transplant [75]. Hoshino et al. [213] studied EBV-seropositive subjects receiving 
1 year of valacyclovir prophylaxis for HSV infection and found a small but appre-
ciable decrease in EBV set point when compared to a control group where no effect 
was seen. The authors estimated it would take 6 years of therapy to eliminate 99% 
of the systemic EBV load and 11.3 years to clear it if re-infection did not occur. This 
anti-viral effect has not been studied or confirmed by others.

Periodically EBV DNAemia can be detected using clinical assays even in asymp-
tomatic seropositive subjects with remote infection; detection most often lasts 
<4 weeks in plasma [17, 26] and is detected at a higher rate in WB than plasma 
when contemporaneously samples are collected from the same patient [26]. Critical 
illness and sepsis appear to precipitate reactivation events in immunocompetent 
seropositive patients [26]. The duration of these “set point” disturbances is unknown. 
In acute malaria a five- to sixfold increase in PBMC EBV VL was observed that 
persists for at least 4–6  weeks [181]. Whether similar EBV dynamics occur in 
patients with other acute infections in either the transplant or non-transplant setting 
is not known.

�Future Prospects for EBV VL Testing

Quantitative EBV DNA measurement in peripheral blood has a potentially signifi-
cant role to play in PTLD prevention and management (see Chaps. 11 and 18). 
Calibration of assays to the WHO IS and, potentially, the use of dPCR have been 
important first steps toward result harmonization among EBV DNA assays. It is 
important that test manufacturers, national regulators, clinical virologists, transplant 
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physicians, and oncologists work collaboratively to continue to improve result har-
monization through optimization of the commutability of secondary calibrators, 
nucleic acid extraction procedures, target design, and other factors that contribute to 
ongoing result variability. Clinical trials will be required to both validate result har-
monization and evaluate the benefit of these assays in specific clinical settings. We 
must understand what we are measuring. This includes the biologic forms of EBV 
DNA and host and viral EBV miRNAs in plasma and the cellular blood fraction as 
well as the phenotype of infected cells and how these change during primary and 
reactivation infection after transplant and throughout the subsequent stages of 
PTLD development. This information is critical for assay improvement and identi-
fication of new biomarkers. New tools such as target-capture deep sequencing for 
EBV DNA fragment length profiling [17] in plasma and ImmunoFISH assays [9] 
that might allow analysis of EBV-infected cells at a single-cell level are potentially 
useful in that regard.

A high priority for research would be a multicenter trial comparing EBV DNA 
measurements in both plasma and WB to more definitively determine the optimal 
specimen type to use in specific clinical settings after transplant. Analyzing EBV 
DNA kinetics in both WB and plasma, including mathematical modeling of these 
dynamics [172], would increase our understanding of the biology of EBV transmis-
sion and infection in the transplant setting and also improve the definition of “abnor-
mal” relative to natural community-acquired infection in the immunocompetent 
host. When EBV DNA dynamics in peripheral blood are used as surrogate markers 
of response to clinical interventions for prevention and treatment of PTLD, model-
ing of EBV VL data after transplant could also inform identification of VL param-
eters that could be used as better clinically relevant outcome measures.
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