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Chapter 4
The Use of Molecular Methods in Studies 
of Avian Haemosporidians

Staffan Bensch and Olof Hellgren

Abstract During the last two decades, molecular methods to study mitochondrial 
DNA sequence variation have become an important part in the studies of avian hae-
mosporidians. Up until recently, these methods have primarily been used for identi-
fication of the parasites and for tentative phylogenetic reconstructions, allowing 
researchers not trained in traditional parasitology to compare data across the globe. 
However, with the introduction of genome and transcriptome sequencing, studies 
are emerging that go deeper into the genetics and molecular biology of the parasites. 
In this chapter, we describe and summarize the common methods used for genetic 
barcoding of the parasites and give an introduction of what to take into account 
when designing a molecular study of avian haemosporidians. This chapter further 
discusses why nuclear genetic data are needed in order to answer several important 
ecological and evolutionary questions and which methods to use in order to over-
come the obstacles of obtaining nuclear data of the parasites. Finally, this chapter 
highlights the challenges and opportunities that come with the use of molecular 
methods, such as how to study and interpret prevalence, the challenge of aborted 
developments, and how to obtain data for more robust phylogenies and population 
structure studies of the parasites.

Keywords Barcoding · Genomics · Haemosporida · Molecular parasitology · 
Molecular phylogenies · Transcriptomics

4.1  Introduction

The prevailing molecular methods for identification of haemosporidian parasites of 
birds are based on DNA sequence variation within the mitochondrial genome. One 
region in particular, a 479 bp fragment of the cytochrome b gene, has been the 
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target in several hundred publications and, thus by sheer number, has become the 
“barcoding” region for avian haemosporidians (Bensch et al. 2009). Unique haplo-
types of this region are called “lineages”. Published records of haemosporidian 
lineages are stored and available for comparison via BLAST (Altschul et al. 1990) 
or for download in the database “MalAvi”, along with associated information such 
as host species and geographic locality (Fig. 4.1). The MalAvi database presently 
(June 2020) contains information on 1577 lineages of Haemoproteus, 1287 of 
Plasmodium, and 1138 of Leucocytozoon. This barcoding region of the cytb gene, 
for simplicity called the MalAvi region, can be amplified by a number of primer 
pairs (Table 4.1) with the only requirement for identification of lineages that the 
sequenced amplicons cover most (~90%) of this domain. The coordinated efforts 
of barcoding have made a huge impact in the field of avian haemosporidian research 
(Rivero and Gandon 2018). However, to correctly interpret results from cytb stud-
ies, that is, whether the lineages represent good species or intraspecies variation, 
there is a need for more genetic information, especially from genes not linked to 
the mitochondrial genome.

Fig. 4.1 The MalAvi database. Unique cytb haplotypes are called “lineages” and are named, typi-
cally by a 5–6-letter acronym corresponding to the scientific name of the first recorded host species 
combined with a two-digit number. For example, the lineage ACAED02 was the second lineage to 
be found in Acrocephalus aedon. To check whether a lineage is already present in the MalAvi 
database, one can use the BLAST function on the website, or download all of the lineages as a 
FASTA file for examination locally on the computer (click FASTA => All sequences). All the 
report tables can be checked online or downloaded in Excel format. For example, previous records 
of a lineage (host species or locations) can be found in the “Hosts And Sites Table.” The database 
is curated by Staffan Bensch and updated online every 2–3 months. To submit data to the MalAvi 
database, one can use the Excel form provided at the main web page (http://mbio-serv2.mbioekol.
lu.se/Malavi/) and email this (along with questions) to staffan.bensch@biol.lu.se
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Table 4.1 A selective list of primers that amplify haemosporidian mitochondrial DNA from the 
genera Haemoproteus (H), Plasmodium (P), and Leucocytozoon (L)

Primer 
combinationsa

mtDNA 
Region Main use

Lengthb

(bp) H P L

MalAvi
Overlap 
(%) Reference

(1) HAEMF × 
HAEMR2

cytb Identification 479b - - 100 Bensch et al. 
(2000)

(1) HAEMNF × 
HAEMNR2
(2) HAEMF × 
HAEMR2

cytb Identification /
screening

479b - - 100 Waldenström 
et al. (2004)

(1) HAEMNFI × 
HAEMNR3
(2) HAEMF × 
HAEMR2

cytb Identification /
screening

479b - - 100 Hellgren et al. 
(2004)

(1) HAEMNFI × 
HAEMNR3
(2) HAEMFL × 
HAEMR2L

cytb Identification /
screening

479b -c 100 Hellgren et al. 
(2004)

(1) DW2 × DW4
(2) DW1 × DW6

cytb Phylogeny 1138b - - - 100 Perkins and 
Schall (2002)

(1) 621F × 983R cytb Identification /
screening

229b - - 15 Fallon et al. 
(2003a)

(1) 
3760F × 4292Rw2

cytb Identification /
screening

533b - - 100 Beadell et al. 
(2004)

(1) DW2 × DW4
(2) LeucoF × 
LeucoR

cytb Identification /
screening

818b - 100 Perkins and 
Schall (2002), 
Sehgal et al. 
(2006)

(1) HML × HMR cytb Screening 367 - 68 Martinez et al. 
(2009)

(1) 
Plas-F × 4292Rw

cytb Screening 422 - 70 Martinez et al. 
(2009)

(1) Palu-F × Palu-R cytb Screening 391d - - 64 Martinez et al. 
(2009)

(1) CytF1 × CytR1
(2) CytFN × CytRN

cytb Phylogeny 1181b - - - 100 Schmid et al. 
(2017)

(1) F x R
(2) Finternal × 
Rinternal

Whole
mtDNA

Phylogeny 5451 - - - 100 Pacheco et al. 
(2018b)

(1) 213F × 372R n-c Screening 160e - - 0 Beadell and 
Fleischer (2005)

(1) 343F × 496R n-c Screeningf 188 - - - 0 Fallon et al. 
(2003b)

(1) AE064 × AE066 1109 - - - 100 Pacheco et al. 
(2018a)(2) AE980 × AE982 cytb Screening 346 - 0

(2) AE983 × AE985 580 - 47

(continued)
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4.2  Barcoding, Species Limits, and Population Structures

A genetic region suitable for barcoding must first of all exist in all of the species 
attempted to be barcoded; second, it should show sufficient variation so that species 
can be distinguished. At the beginning of this century when the first MalAvi 
sequences were generated (Bensch et al. 2000), there was so little knowledge in the 
field that these assumptions could not be critically tested. A few parasites have 
failed amplification even when tested by multiple primers (Valkiūnas et al. 2016), in 
one case possibly indicating that the mitochondrial genome had been deleted 
(Zehtindjiev et  al. 2012) like in Cryptosporidium, a distant relative within 
Apicomplexa parasites (Kuo et al. 2008). With a few possible exceptions, it appears 
that the MalAvi region is present in the genomes of all avian haemosporidians inves-
tigated to date. Encouraging for species discrimination, it was observed that the 
sequence diversity seemed to be many fold higher than estimates of species diver-
sity based on morphological analyses alone (i.e., the observed genetic variation 
showed potential for investigating the presence of cryptic species). It also seemed 
that the MalAvi region captured most of the lineage diversity when comparing the 
same samples sequenced for the full mtDNA cytb coding region; Hellgren et  al. 
(2007a) tested 8 lineages (2–13 samples / lineage) without finding additional lin-
eages with the full cytb coding region data set. Not surprisingly, later studies have 
found cases of the same MalAvi lineage breaking up into more lineages when 
sequencing the full cytb gene (Musa et  al. 2018) or the whole mtDNA genome 
(Pacheco et al. 2018a, b; Huang et al. 2018). However, these cases are comparably 
few. Hence, for barcoding avian haemosporidians and trying to minimize sequence 

Table 4.1 (continued)

Primer 
combinationsa

mtDNA 
Region Main use

Lengthb

(bp) H P L

MalAvi
Overlap 
(%) Reference

(1) PMF × PMR n-c 377 - 0
(1) HMF × HMR n-c Screening 525 - 0
(1) LMF × LMR co1 212 -c 0

The main use of the protocols is indicated as screening (presence/absence on gels), lineage identi-
fication, or phylogenetics (whole cytb or whole mtDNA genome). The sequences of the primers 
can be found in the original publications
a(1) Denotes primers in first reaction, (2) the primers in a second nested reaction
bExcluding the length of primers (i.e., the length of novel sequences obtained)
cThe primers appear to fail in amplifying many lineages of Leucocytozoon having fusiform game-
tocytes (Lotta et al. 2019)
dTreatment of the amplicon with the endonuclease Hpy CH4III cuts Haemoproteus sequences in 
two fragments (363 bp and 27 bp) and Plasmodium sequences in three fragments (327 bp, 36 bp, 
and 27 bp)
eTreatment of the amplicon with the endonuclease XbaI cuts Haemoproteus sequences (121 bp and 
39 bp), whereas Plasmodium sequences remain intact (160 bp)
fWorks also for estimating total parasitemia by qPCR (Ishtiaq et al. 2017)
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length while maximizing lineage discrimination, it seems that the MalAvi region 
meets the purpose quite well. That more diversity can be uncovered with longer 
mtDNA sequences is not in itself a problem for barcoding. Note, for example, that 
adding sequences from nuclear genes up to the complete nuclear genome will 
always increase the resolution. The purpose of barcoding is to have one sufficiently 
informative and easily studied region that a research community agrees to sequence 
across studies, enabling unambiguous identification of parasites for direct compari-
sons of parasite diversity among host species and geographic regions.

The mitochondrial genome of haemosporidian parasites is minimal in size (6 kb) 
with a linear instead of a circular organization, which is otherwise the common 
arrangement in eukaryotes (Hikosaka et al. 2013). In mammal Plasmodium para-
sites, each mitochondrion contains multiple copies of the 6 kb genome, typically 
arranged in tandem and repeated dozens to up to 150 times (Wilson and Williamson 
1997). Direct studies of avian haemosporidian mitochondrial DNA structure have 
not been carried out, but it is plausible that the situation is similar. An important 
consequence of this is that DNA samples will always contain many more copies of 
parasite mtDNA (10–100×) than any nuclear gene of the parasite. Hence, protocols 
targeting mtDNA fragments will be correspondingly more sensitive than protocols 
amplifying nuclear genes. Attempts have been done to use primers for 18S rRNA 
for avian malaria infections screening (Feldman et  al. 1995), a commonly used 
marker for identification of a wide range of organisms, particularly protozoans. This 
protocol has not been widely used, as it seems to be specific for Plasmodium relic-
tum. In contrast to animals that often have hundreds of tandem repeated rRNA cop-
ies in the nuclear genome, in haemosporidians, they are single copy genes arranged 
on different chromosomes and are often highly divergent from each other (Gunderson 
et al. 1987; Rooney 2004). Hence, it seems unlikely that we will find sensitive and 
universal primers for amplifying rRNA of haemosporidians.

Within the mitochondrial genome, any, or at least many other regions would 
probably work equally well for barcoding. One main reason for keeping focus on 
the MalAvi region is the wealth of information already available for comparisons. It 
is important to note that screening for prevalence using primers that generate long 
amplicons will more likely result in false negatives. This is because such reactions 
are more sensitive to variation in template quality, quantity, and PCR conditions. 
Hence, a more efficient strategy is to first use protocols for shorter amplicons, such 
as the primers for the MalAvi region, to identify the infected samples. The barcod-
ing sequence of these samples can then form the basis when selecting samples for 
generating more complete mtDNA sequences, preferably to be combined with 
sequences from multiple nuclear genes (Borner et al. 2016) for robust phylogenetic 
reconstructions.

A lingering question has been whether similar mitochondrial lineages (i.e., 
sequences that differ by 1–5 bp) represent variation within species or indeed unique 
species. To date, there is no consensus regarding the rate of molecular change for 
the mitochondrial genes in the haemosporidian parasites. There is however good 
evidence that parasite mitochondrial DNA evolves at a slower rate than the mito-
chondria of hosts, and the parasite’s nuclear genes evolve 6–10 times faster than 
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their mitochondrial DNA (Nilsson et  al. 2016). Rate estimates for the cytb gene 
range between 0.1% and 1.3% divergence per million year (Ricklefs and Outlaw 
2010; Bensch et al. 2013; Pacheco et al. 2018b). In practice, this would translate to 
one mutation within the MalAvi fragment (equal to 0.2% sequence divergence) 
every 154,000 to 2 million years. This has two important implications. First, cases 
where lineages only differ by a single mutation will include both very newly arisen 
mutations where the lineages are part of the same recombining population and cases 
where these have diverged for up to four million years (assuming a divergence rate 
of 0.1% and that the lineages are analyzed just before the second mutation has 
occurred). Second, when parasites are sharing the same cytb lineage, these might 
consist of populations that have been isolated for up to 154,000–2 million years. 
With a higher rate of change in nuclear genes, such populations can be substantially 
divergent in their nuclear genomes.

It was early observed that lineages that differ by only 1–2 bp sometimes had 
drastically different host species distributions (e.g., HIICT1 and HIPOL1) (Reullier 
et al. 2006) or gametocyte morphology (Haemoproteus minutus and Haemoproteus 
pallidus; Hellgren et al. 2007a). Moreover, the few studies that have investigated 
nuclear genes of closely related cytb lineages have found that these frequently are 
associated with distinctly different nuclear alleles: in Haemoproteus (Nilsson et al. 
2016), Plasmodium (Beadell et al. 2006), and Leucocytozoon (Galen et al. 2018b). 
This suggests an absence of successful reproduction between these closely related 
lineages. Hence, such strict associations between mitochondrial and nuclear vari-
ants support that they should represent independently evolving nonrecombining 
units (e.g., Bensch et al. 2004), a hallmark for good biological species. With that 
said, it is important to point out that similar lineages also can represent within spe-
cies variation; for example, the Plasmodium relictum lineages SGS1 and GRW11 
share MSP1 alleles (Hellgren et al. 2013b), suggesting that they are recombining. 
Unfortunately, there does not seem to be a general cut-off, or so-called barcoding 
gap, which can separate within-species variation from between-species variation.

To what extent similar lineages represent one or several species needs therefore 
to be addressed case by case. Compared to animals, it is surprising that mtDNA 
distances as low as 0.2% often appears to represent unique species in haemosporid-
ian parasites. In birds, within species divergence is generally <2%, whereas the 
between-species divergence is >4% (Ward 2009). The lack of a clear barcoding gap 
for haemosporidians emphasizes the importance of recording the findings of all 
unique lineages in the primary publications (i.e., not lumping lineages that do differ 
into the same entity), as their species status may be recognized in the future.

4.3  The Design of Molecular Studies

Before the introduction of molecular techniques, most of the species or community 
surveys of haemosporidians reported data on the overall prevalence of the three 
genera Haemoproteus, Plasmodium, and Leucocytozoon, without further attempts 
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to separate the species within these genera (Pierce 1981; see Chap. 1 for a synthesis 
of avian haemosporidian research in tropical regions during the twentieth century). 
This is understandable given that microscopic identification requires high infection 
levels and high-quality blood smears, which is rarely the case in data sets of hun-
dreds of samples from wild captured birds. Molecular methods now make it possi-
ble also for the nonspecialist to identify haemosporidian parasites to a level that 
enables unambiguous identification of the parasites, not only to genus but also down 
to lineages (see Chap. 2 for avian haemosporidian life cycles and study methods). 
However, even if molecular methods have a very strong identification power, they 
can be implemented very differently and also come with a number of caveats that 
will be discussed below (see also Chap. 2).

4.3.1  Selecting Buffer for Storing Blood Samples

There are many buffers equally good for obtaining high-quality DNA from avian 
blood. These include inexpensive alternatives such as ethanol and more expensive 
commercial buffers. It has been reported that buffers containing sodium dodecyl 
sulfate (SDS) may reduce the success of amplifying haemosporidian DNA (Freed 
and Cann 2006) and in general, one should use buffers and sampling procedures that 
minimize polymerase inhibitors, such as heparin, EDTA, and Giemsa staining 
(Palinauskas et al. 2010; Owen 2011). Because each buffer will require its specific 
extraction technique, the choice of buffer for storing the blood should be decided 
with the plan of how the DNA will be extracted. A good starting point is to find out 
what buffers and extraction techniques are normally used in the laboratory where 
the work is to be carried out. When working with a technique that is already well 
established in a laboratory, troubleshooting will be easier as there will be experi-
enced colleagues who can give advice on how to deal with low-yield or low- 
purity DNA.

4.3.2  Selecting Primers

There are many published PCR primers that work equally well if correctly opti-
mized (Table 4.1). Importantly, the optimal condition for a specific set of primers 
may differ between laboratories due to different brands of DNA polymerase, PCR 
instruments, and other reagents. Just because one set of primers works better than 
another pair in a particular laboratory, it does not predict global success. Most of the 
general PCR and sequencing protocols have been developed based on parasites in 
passerine birds. Hence, there are reasons to believe that lineages from nonpasserines 
may be undetected by these primers. High lineage richness can result in failure to 
amplify some parasites, as some of the ~10,000 lineages just by chance may have 
mutations at crucial primer-binding sites. The task for any project is to develop an 
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optimized assay for the study: an assay that generates repeatable results and that 
does not miss infections identified by alternative methods (i.e., microscopy of blood 
smears). However, many data sets consist of just blood samples (no blood smear for 
verification). Starting screening such data without verifying that the selected proto-
col is working well in the laboratory is risky. A recommended strategy is to select 
about 30–50 samples for testing with two different screening protocols that produce 
absence/presence data (Fallon et  al. 2003b; Beadell and Fleischer 2005; Ishtiaq 
et al. 2017; Pacheco et al. 2018a; Ciloglu et al. 2019), in parallel with developing 
the protocol for generating sequence data.

4.3.3   Coinfections

Wild birds are frequently infected with two or more different parasites (Valkiūnas 
et al. 2006). If both parasites have similar infection intensities and the primers bind 
equally well to the DNAs of these parasites, they will be amplified together and 
sequencing electropherograms will show double base-calling at the positions where 
the parasites have different nucleotides (Fig. 4.2). If the common parasites of the 
host species at the specific study site are known, one might be able to resolve the 
coinfections, by finding two lineages that can explain all the positions of the double 
base-calling. If the mix is from more than two parasites, this approach does not 
work. The standard way to resolve coinfections in unknown or complex situations 
is by cloning the PCR product and sequencing multiple clones (Perez-Tris and 
Bensch 2005). Note that sequences of cloned PCR products contain polymerase 
errors that normally go undetected when employing direct sequencing of PCR prod-
ucts, as the sequence is the average of millions of sequence reads. To verify the 
correct sequence from sequenced clones, multiple clones need to be analyzed.

In many instances, the PCR will favor only one of the parasites, either the one 
with the highest parasitemia or the one with the best match to the primers, 

Fig. 4.2 At the top is a sequence of coinfections (six positions of double base-calling: blue arrows) 
that can be explained by a combination of the Leucocytozoon lineages COCOR09 and COCOR13. 
The samples are from Jackdaws (Corvus monedula)

S. Bensch and O. Hellgren



121

erroneously showing the result of single infections (Bernotienė et al. 2016). The 
presence of infections that include parasites of different genera can be efficiently 
identified by examination of blood smears or by protocols with multiplex primers 
(Ciloglu et al. 2019) or by combining PCR with restriction enzymes (Beadell and 
Fleischer 2005; Martinez et al. 2009). However, revealing the hidden sequence by 
sequencing may require design of primers that exclude the masking sequence. 
Coinfections of lineages from the same genus that go undetected by standard PCR 
and sequencing protocols will generally be missed unless blood smears show pres-
ence of morphologically distinct species or that lineage-specific primers are used.

The consequences of failing to detect and determine the sequences in coinfec-
tions depend on the specific questions asked. If the aim is to describe the lineage 
diversity of a host species, missing some coinfections is probably not so important 
as all lineages of the species at some point will occur in single infections (assuming 
the infections are fairly independent). In bird species with generally high prevalence 
(> 70%), rare lineages will often be in coinfections and thus easy to miss. Hence, the 
higher the prevalence, the more samples need to be screened in order to find most of 
the lineages infecting a species. The failure to identify coinfections should generally 
be more problematic in studies aimed at precisely estimating lineage prevalence, 
particularly in bird species with high lineage diversity and high prevalence where 
the lineages will mask each other occurrence. In such cases, lineage- specific qPCR 
may be a solution (Asghar et al. 2011). However, each lineage needs its own PCR 
design and optimization, which can be very laborious and comes with fairly high 
running costs. It is important to remember that even if all efforts are taken, the 
observed frequency of coinfections will most likely be an underestimate of the true 
frequency (Valkiūnas et al. 2006).

4.3.4  Contamination

A successful PCR may generate many millions of copies of the targeted DNA frag-
ment, each copy a potential source of contamination in future experiments. This is 
the reason why it is important to add negative template controls (NTC) to check for 
the presence of contaminants in the preparation of reagents. However, adding one 
or a few NTC on a 96 plate may not be sufficient to identify low-level background 
contamination. If low levels of contaminating PCR products are present in the 
laboratory, it may show up in only some of the NTCs. For example, in our labora-
tory in Lund, we ran a project screening 382 samples from birds from the Azores 
that had overall low rates of infections (Hellgren et al. 2011). We used 1 NTC per 
row of 8 samples, that is, 12 NTC per plate. All of these were negative as were most 
of the wild samples from 10 species of birds with the exception of blackbirds 
(prevalence 57%). Sequencing showed that one European robin (Erithacus rubec-
ula), one blackcap (Sylvia atricapilla), one Eurasian blackbird (Turdus merula), 
and two house sparrows (Passer domesticus) were each infected by the lineage 
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PARUS1, a common parasite of tits in Europe, and not previously recorded in these 
species. We examined blood smears from these specimens but could not find game-
tocytes and analyses of subsequent DNA extractions failed to amplify. So, how did 
we find the lineage PARUS1 in these samples? The most likely reason was due to 
spill-over from a previous project in the lab, completed just a few months earlier 
that included amplifications from 53 blue tits (Cyanistes caeruleus) infected with 
PARUS1 (Stjernman et al. 2008). In this case, we could detect the contamination 
because the records stood out as surprising (wrong host species) and we had blood 
smears to check with microscopy, but in many other situations, such contamination 
may go undetected (including in our lab in Lund). This calls for a general aware-
ness of contamination, not only between samples within a study but also from 
previous projects carried out in the particular laboratory. To confirm that a surpris-
ing finding indeed comes from a parasite infecting the bird and not from a PCR-
contaminated product, one can check the sample with primers targeting other parts 
of the mitochondrial genome and also under the microscope to search for 
gametocytes.

4.3.5  Mixing Up the Samples

This sounds like a problem so obvious that it is not even worth bringing up. However, 
when working with hundreds of samples, it can happen easily, and if it goes unde-
tected, it will lead to erroneous host records of parasites. Samples can be mislabeled 
in the field, during DNA extraction, or when preparing dilutions for the PCR. In 
studies of single species, this is not fatal beyond the study itself, although mixing up 
the tubes from two individuals, one of which is infected and one is not, will give 
incorrect parasite status to two individuals in the data set. This will reduce the power 
of the statistical analyses aimed at finding phenotypic predictors (e.g., sex, age) of 
parasite infection status. The consequences of mixing up samples will however be 
more severe in studies including several species. For example, if the mixed-up sam-
ples belong to two different species, each infected with a host-specific lineage of 
parasites, it would lead to two erroneous host records in the databases that will 
inflate future calculations of host specificity. Mixed-up samples of host species can 
easily be detected by amplifying and sequencing a smaller fragment of the bird’s 
mtDNA (e.g., coxI or cytb) using universal primers (Kocher et al. 1989), but due to 
the extra labor and costs for sequencing, this is rarely done on complete data sets. 
However, checking the host species identity of samples that have resulted in “sur-
prising findings” is a good practice to reduce errors of parasite host records. For 
example, a surprising finding would be a typical host-specific parasite in very dif-
ferent host species. Particularly vulnerable to this kind of problem are studies 
including relatively few samples from many previously not investigated species 
(i.e., the common situation for community studies in the tropics).
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4.4  How Can We Obtain Data from Nuclear Genes?

Many evolutionary and ecological questions require more genetic information than 
can be retrieved from mtDNA alone. However, to obtain data on nuclear genes has 
been far from easy for several reasons. The main reason is the fact that the avian hosts 
have nucleated erythrocytes and that there is a big difference in genome size between 
the host and the parasite, as well as a difference in ploidy during the vertebrate stage. 
Even if all the red blood cells were infected, such an infected sample would mainly 
contain bird DNA (< 1% would be from the parasite). In nature, the level of parasit-
emia is typically <1%, resulting in a parasite proportion of <0.01% of the total 
DNA. Although sequencing costs are decreasing and sequencing platforms steadily 
become more efficient, it would require a tremendous sequencing effort to obtain a 
good coverage parasite genome from a naturally infected bird. In fact, there would be 
a need to sequence around 10 trillion base-pairs in order to obtain a 20× genome of the 
parasite (Videvall 2019). This bias is reflected in the low yield of parasite reads found 
when looking for avian haemosporidian sequences in databases of genome-sequenced 
hosts (Borner and Burmester 2017). Due to these problems, until recently, the only 
way to amplify nuclear genes was by using primers designed based on genomes from 
either mammalian malaria parasites and an unpublished fragmented genome of 
Plasmodium gallinaceum. Despite much effort from many laboratories, the success 
was restricted because designing working primers using alignments of these very 
divergent genomes was problematic. Between 2000 and 2013, publications included 
one apicoplast gene (clpc) and a handful of nuclear genes (DHRF-TS, TRAP, ASL, 
MAELB), of which many only could be amplified from a limited number of lineages 
(Jarvi et al. 2003; Bensch et al. 2004; Martinsen et al. 2008; Santiago-Alarcon et al. 
2010; Farias et al. 2012; Martinez et al. 2013). Simultaneously, a lot of unsuccessful 
effort was put into sequencing the first genome of avian haemosporidians. Since then, 
several different methods have been developed in order to circumvent the problem of 
skewed DNA ratios when obtaining nuclear data of the parasites. At present, there are 
three major strategies of obtaining large number of sequences from nuclear genes: 1) 
RNA/transcriptome sequencing, 2) Parasite enrichment followed by genome sequenc-
ing, and 3) Multigene sequencing using sequenced genomes as the backbone.

4.4.1  RNA/Transcriptome Sequencing

When the parasite has infected a host, the ongoing asexual replication will require 
the molecular machinery responsible for the basic metabolic processes along with 
those for the biological processes during host invasion. This means that DNA tran-
scription in the parasites will be fully switched on to produce mRNA, followed by 
translation into the required proteins. The reason for using RNA sequencing instead 
of DNA sequencing to obtain nuclear data rests on the notion that the parasite is 
producing abundant mRNA in the peripheral blood, resulting in a more favorable 
ratio of parasite-host RNA for sequencing. The first avian haemosporidian RNA 
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data was from a Crossbill (Loxia sp.) experimentally infected with the P. relictum 
lineage SGS1 (Bensch et al. 2014). This first transcriptome was of low coverage and 
included relatively few and incompletely sequenced genes. Nevertheless, this par-
tial transcriptome was sufficient for developing primers for investigating several 
nuclear genes in the parasite P. relictum (Hellgren et  al. 2013a, 2015). As RNA 
isolation and sequencing have been improved, there are now several well-annotated 
transcriptomes available, primarily from different Plasmodium species (Lauron 
et  al. 2014; Videvall et  al. 2017; Weinberg et  al. 2018), but also from the genus 
Leucocytozoon (Pauli et al. 2015). Strong advantages of using RNA sequencing are 
that there is no need to enrich for the parasite in the samples, it does not require any 
prior information of the genome when constructing the protocol, and offers the pos-
sibility of investigating the expression levels of different genes of the parasite. To 
date, transcriptomes have primarily been obtained from birds that have been experi-
mentally infected as this allows for collecting blood samples when the parasitemia 
is at its peak (see Fig. 2.2 from Chap. 2). It therefore remains to be tested whether 
RNA sequencing will work on samples from wild caught birds that typically have 
low parasitemia. Samples for RNA sequencing must however either be stored 
directly at −80 °C (freezer or liquid nitrogen) or in suitable RNA buffers that pre-
vent the RNA from degrading.

When obtaining the RNA sequences from an infected sample, the first challenge 
is to filter out the reads originating from the host. This can be done either by (1) 
deleting reads that map to a reference genome of the host, (2) filtering reads or con-
tigs based on the composition of G and C where the GC% is much lower in the para-
site compared to the host, (3) selecting reads or contigs that map to a related parasite 
genome or through homology searches using BLAST algorithms or, (4) a combina-
tion of these approaches. To date, sequencing transcriptomes seems to be one of the 
easiest ways to obtain nuclear data of the parasites, as it requires no manipulation of 
the parasite or prior knowledge of the parasites genome.

4.4.2  Parasite Enrichment Followed by Genome Sequencing

In theory, there are many ways to enrich samples of blood or tissue for parasites, to 
increase the yield of parasite DNA when aiming for whole-genome sequencing. The 
first Haemoproteus (H. tartakovskyi) genome was sequenced from samples of har-
vested microgametes (Bensch et al. 2016). For this to work, it requires access to live 
birds having infections that contain a high number of gametocytes. When the blood 
is withdrawn, the gametocytes respond as if they were in the gut of a vector (i.e., 
exflagellation is induced), probably triggered by the direct exposure to oxygen and 
the drop in temperature (see Chap. 2). Due to the size difference between microga-
metes and host cells, the microgametes can be enriched by simple centrifugation of 
the samples (Palinauskas et  al. 2013). Some host DNA might still be left in the 
sample due to ruptured red blood cells; however, the proportion of parasite to host 
DNA can be sufficiently enriched for conducting whole-genome extraction and 
sequencing. Though this method works for Haemoproteus species, it seems more 
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difficult to induce exflagellation for species of Plasmodium and Leucocytozoon 
(Arai et al. 2001; Valkiūnas 2005; Valkiūnas et al. 2013, 2015). Another approach is 
to use laser capture microdissection microscopy (LCMM) on blood smears to 
directly separate parasites cells from host cells before sequencing (Lutz et al. 2016). 
This is a promising method for isolating parasite DNA; however, it is time consum-
ing to collect a sufficient number of parasites needed for sequencing, and requires 
that the blood is prepared on specific membrane slides. A further challenge is that 
the microscopy must be done on unstained blood smears as Giemsa staining is a 
potent PCR inhibitor (Palinauskas et al. 2010).

Another way to harvest parasites was used by Böhme et  al. (2018) before 
sequencing the genome of P. relictum (Böhme et al. 2018). In captivity, mosquitoes 
were fed blood from birds infected with P. relictum. After 7 days, oocyst-infested 
midguts were dissected out from the mosquitoes, DNA was extracted and used as a 
template for genome sequencing. This method is specifically suitable for Plasmodium 
species as they often produce a large number of oocysts, where each may contain 
thousands of developing sporozoites (see Chaps. 2 and 6). For enrichment of 
Leucocytozoon spp., one can take advantage of the large difference in shape of 
infected blood cells compared to uninfected cells. This morphological difference 
was used to separate infected from uninfected cells by flow-cytometry (Chakarov 
et al. 2012). As this method requires a size or shape difference of infected and unin-
fected cells, it is less likely to work for Plasmodium and Haemoproteus; however, it 
might be worth testing. In the future, there will most likely be other ways to manipu-
late or to take advantage of the biology of the parasites life cycle in order to separate 
the parasites from the host cells.

The following two enrichment methods have not yet been applied successfully 
for avian haemosporidians but might be worth considering. It has been suggested 
that host and parasite DNAs can be separated based on the observation that CpG 
methylated sites are much more abundant in the nuclear genomes of the vertebrate 
hosts than in the genomes of the host mitochondria and the parasites. Feehery et al. 
(2013) developed this method for Plasmodium falciparum and observed a tenfold 
increase in the number of parasite reads (Feehery et  al. 2013). An alternative 
approach is called selective whole-genome amplification (SWGA). By selecting 
short primers and amplifying sequence motifs that are common in the genome of the 
parasite but rare in the host, the sequence coverage of the parasite genome can be 
enriched a tenfold (Leichty and Brisson 2014). However, for natural infection levels 
of avian haemosporidians that are typically <1%, a tenfold enrichment is probably 
not sufficient to reduce the excessive amount of host DNA.

4.4.3  Nuclear Gene Sequencing Using Available Genomes 
as Backbone

In the beginning of the molecular era of avian malaria research, much effort was put 
into using sequenced human or rodent malaria genomes as backbones when design-
ing primers for avian malaria parasites. In some cases, these efforts have been 
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successful (Bensch et al. 2004; Borner et al. 2016), especially for genes that are 
evolutionarily conserved. However, many of the ecological and evolutionary ques-
tions that we want to answer involve gaining knowledge of genes that, due to their 
function (i.e., genes involved in host invasion or immune system evasion), evolve at 
a faster rate, or because such fast-evolving genes can provide us with a higher reso-
lution about population structures or species boundaries. In those cases, primers or 
protocols need to be developed using genomes/transcriptomes from closely related 
species or using the combined information from multiple genomes of more distant 
parasites.

Several studies have used traditional Sanger sequencing when developing 
sequencing protocols either for single- (Bensch et al. 2004; Hellgren et al. 2013a; 
Garcia-Longoria et  al. 2014; Nilsson et  al. 2016) or multiple-gene approaches 
(Borner et al. 2016; Galen et al. 2018a). For studies requiring data from multiple 
genes, PCR protocols need optimization for each single gene under investigation, 
which are, of course, time, money, and template consuming. An alternative method 
for sequencing multiple genes is by sequence capture, which recently has been 
tested in haemosporidians with satisfying results (Huang et al. 2018; Barrow et al. 
2019). When developing a sequence capture protocol, a researcher utilizes one or 
multiple genomes as a template for designing probes for the targeted genes. The 
protocols developed by Barrow et al. (2019) and Huang et al. (2018) targeted 498 
and 1000 preselected genes, respectively. In brief, the method exploits the fact that 
target sequences are bound to biotin-labeled probes that can be captured by 
streptavidin- coated magnetic beads. Following a step of amplification with sample- 
specific index primers, many samples can be sequenced in parallel on a next- 
generation sequencing platform. Since samples can be indexed before capture 
(Barrow et al. 2019), the cost can be reduced substantially. One advantage with this 
method is that multiple probes, designed from different species, can be used in par-
allel, which should increase the success of recovering sequences from species and 
lineages that are evolutionarily distant from the available reference genomes. In the 
studies by Barrow et al. (2019) and Huang et al. (2018), approximately half of tar-
geted loci were retrieved from lineages with an mtDNA difference of 5% from the 
reference genomes. It should however be noted that the success rate of loci recov-
ered decreases drastically when the parasitemia drops below 0.1% (Barrow 
et al. 2019).

The number of available genomes and transcriptomes will progressively make it 
easier to develop specific protocols that include a larger phylogenetic range of the 
parasites. This will in turn enable larger phylogenetic comparative studies (see 
Chap. 3 for an introduction to systematic and phylogenetic concepts) of parasites 
with different life-history traits, varying, for example, in host specificity or viru-
lence. This will vastly increase our knowledge of the epidemiology of the parasites, 
and what might be limiting transmission success and host range. However, in order 
to take the next step in this line of research, there is a need to expand the genomic 
research, which to date has primarily been done for parasites transmitted in temper-
ate regions, to also include more data on avian parasites that are transmitted in the 
tropics.

S. Bensch and O. Hellgren

https://doi.org/10.1007/978-3-030-51633-8_3


127

4.5  Challenges and Opportunities with Molecular Methods

4.5.1  Molecular Methods to Estimate Prevalence

We now know that the three genera Haemoproteus, Plasmodium, and Leucocytozoon 
are very species rich. To set up a molecular study with the goal of just determining 
the prevalence of genera seems therefore a waste of resources, given the relative 
ease by which lineage identification can be obtained. No ornithologist would be 
satisfied with a study that describes bird communities by the proportion of individu-
als belonging to different orders, Passeriformes, Galliformes, etc. Although the age 
of the genera Haemoproteus, Plasmodium, and Leucocytozoon is a contentious 
issue (Bensch et al. 2013), it seems likely that they diverged before the radiation of 
extant birds (Pacheco et al. 2018b) and thus represent very divergent organisms that 
deserve as much attention as the species they infect.

The ideal goal of any screening project is to identify all infections in the col-
lected samples (i.e., to find the true parasite prevalence and diversity). In practice, 
this is impossible because low-level infections will always be missed. Consider a 
small songbird of 10 grams that has a total blood volume of ~1.0 ml, or about 5 bil-
lion erythrocytes (assuming five million erythrocytes/μl). For PCR, we typically 
add 25 ng of total DNA as a template, which corresponds roughly to 20,000 bird 
genomes. In order to confirm an infected sample to be positive by PCR, it then fol-
lows that it must have at least 250,000 infected erythrocytes! Admittedly, these cal-
culations are rough and since the parasites have several mtDNA genomes per cell, 
the sensitivity of the PCR might be a lot higher. Dilution experiments have sug-
gested that the detection limit is about 1 parasite / 100,000 erythrocytes for the most 
commonly used nested PCR protocol (Waldenström et al. 2004). The take-home 
message is that the bird must be infected by tens of thousands of parasites before we 
can detect infection by PCR. From these calculations, one would be tempted to add 
more template DNA to the PCR (e.g., 100 ng rather than 25 ng that theoretically 
would increase the sensitivity fourfold). We are not aware of any test of this possi-
bility, however, because too much DNA is in itself a PCR inhibitor, it may in the end 
not increase the sensitivity.

A common experience when retesting samples is that, for some samples, the 
infection status is inconsistent (e.g., out of a total of five PCRs, only three are posi-
tive). Based on the calculations above, this is precisely what we are to expect if 
samples are close to the detection limit. When taking 25 ng of template repeatedly 
from the extract, sometimes it contains enough parasites for the PCR to amplify 
them, but sometimes there are no parasites in the template volume.

Whatever efforts we take, our estimates of prevalence will always be an underes-
timate of the true prevalence. However, the knowledge of the distribution of natural 
parasitemia can inform us on the reliability of our estimates. Each protocol has a 
detection curve relative to the infection intensity of a sample, with highly infected 
samples being less likely missed than low infection samples (Fig. 4.3). If the distri-
bution of the parasitemia is high for the given sample set, there will be few false 
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negatives. However, if the distribution of the parasitemia overlaps with the decline 
of the detection curve, we can be sure that we have missed many infected samples. 
Thus, variation in parasitemia may lead to wrong conclusions of variation in preva-
lence. It is therefore important to consider the temporal aspect of parasitemia when 
estimating prevalence. Consider a parasite that has a seasonal variation in parasit-
emia, for example, higher in the wet season than in the dry season. By PCR, we will 
miss more infections in the dry season samples than in the wet season samples and 
conclude that prevalence is higher in the wet than in dry season, when in fact it is 
the parasitemia, but not the prevalence, that varies between the seasons. For any 
study that aims for carefully estimating prevalence, it is important to collect and 
examine blood smears or if these are not available, use qPCR to estimate 
parasitemia.

4.5.2  Aborted Development

To be a competent host, the parasite must be able to reach the blood and develop into 
mature gametocytes that are able to be transmitted to the vector and subsequently to 
new vertebrate host individuals. Similarly, to being a competent vector, the parasite 
must be able to develop into sporozoites that reach the insect’s salivary glands (see 

Fig. 4.3 A schematic illustration of the relationship between the successes of identifying true 
positive infections relative to infection intensity (i.e., parasitemia). The blue line shows the detec-
tion curve for a well-optimized protocol, the stippled line for a protocol that misses many infec-
tions already at median infection intensities and also results in false positives. The natural 
distributions of infection intensities of two parasites (orange and green) are illustrated at the bot-
tom of the graph. The optimized protocol will correctly recover the infections of the green parasite, 
but for the orange parasite, it will result in many false negatives
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Chaps. 2 and 6). However, molecular screening of haemosporidian infections is 
based on determining the presence or absence of parasite DNA, without differentiat-
ing where this DNA came from. Molecular methods, particularly those that involve 
amplification steps, are very sensitive and may therefore detect DNA from other life 
stages of the parasites (e.g., sporozoites recently injected by a vector or parasite 
DNA released into the blood from exoerythrocytic replication points). Sporozoites 
circulating in the blood are probably only rarely amplified by PCR although these 
can sometimes been seen on blood smears (Valkiūnas et al. 2009). Based on the 
calculations above, we can assume that 25 ng of total DNA corresponds to 0.004 μl 
blood. To be regularly picked up by PCR, sporozoites hence need to reach a density 
of 250 μl−1 (to have one sporozoite genome/25 ng of total DNA). For a ten-gram 
bird, this would correspond to a total of 250,000 sporozoites in the blood volume 
and would require bites from hundreds or thousands of infected vectors, which is 
probably a rare situation in nature. In contrast, it has become increasingly clear that 
primers for haemosporidians can amplify parasite DNA released into the blood 
from replication points in other organs (Olias et al. 2011). Importantly, molecular 
detections of parasites cannot distinguish whether infections are within competent 
host species or cases of aborted development of the parasites. A striking example 
comes from the parasite Haemoproteus witti, which uses hummingbirds as compe-
tent hosts, but is frequently amplified from various species of passerines in which 
gametocytes do not seem to develop (Moens et al. 2017). It has been shown that 
abortive development infections can severely harm both hosts (Olias et al. 2011) 
and vectors (Valkiūnas et al. 2014), thus sometimes presenting a higher selection 
pressure than competent parasites. Although infections resulting in abortive devel-
opment might be dead ends for both the parasite and sometimes also for the host, 
such infections are of both ecological and evolutionary interest as they might repre-
sent the first signs of host range expansion; the parasite obviously has reached the 
capacity to establish and replicate to some degree in the novel host(s) (one of the 
first stages of the aggressive symbiosis hypothesis; Ryan 2009).

The traditional way to verify that a host or a vector is competent is by confirming 
presence of gametocytes in analyses of blood smears or sporozoites in the salivary 
glands of the vector. For human and rodent malaria (P. falciparum and P. chabaudi), 
there are already molecular methods that utilize genes that are specifically expressed 
in the gametocytes that can be used to detect if transmissible stages exist in the ver-
tebrate host (Wargo et al. 2006; Babiker and Schneider 2008). It would be possible 
to develop similar protocols for detection of sporozoites due to expression differ-
ences of genes involved in different development stages in the vector (Roth et al. 
2018). For avian haemosporidians, there are already several RNA-sequencing stud-
ies that can be used to look for life-stage-specific genes (Videvall et  al. 2017; 
Weinberg et al. 2018) and soon, there will be transcriptome data for life stages in the 
vectors. However, a particular challenge for identifying life-stage-specific genes in 
avian haemosporidians is that the data comes from samples with un-synchronized 
life cycles (i.e., the samples include parasites that are in different life stages). To 
overcome this problem, there is a need to be able to culture the parasites in vitro, as 
is done in human malaria research. For the vectors, this problem might be less 
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important as it is possible to dissect out the parasites belonging to the different life-
cycle stages before sequencing, (i.e., separating the blood meal with zygote forma-
tion, oocysts, and sporozoites into different sequencing batches). Once we have this 
information, it might be possible to develop protocols that identify stage- specific 
RNA profiles of the parasite, thus allowing us to identify whether the parasite has 
completed its life cycle in that specific host.

4.5.3  Population Structure

Today, we are only at the beginning of understanding the genetic structure of para-
sites that have identical cytb lineages. This question needs to be addressed with a 
large number of nuclear genes across the genome in order to evaluate levels of link-
age disequilibrium and gene flow between potential populations. Many cytb lin-
eages have been recorded across vast geographical areas as well as in taxonomically 
divergent hosts (Bensch et  al. 2009). Do these cases represent large genetically 
unstructured parasite populations or do these consist of a multiple isolated popula-
tion with no or very little gene flow occurring between them? The lineage SGS1, 
found in 126 species in 39 countries (June 2019), appears to have active transmis-
sion both in temperate regions in Eurasia as well as in tropical parts of Africa 
(Beadell et al. 2006; Hellgren et al. 2007b, 2015; Marzal et al. 2011). However, 
when investigating data from a fast-evolving nuclear gene (MSP1), the lineage 
SGS1 was found to consist of several populations, each with its own MSP1 haplo-
types with different variants transmitted in tropical and temperate regions (Garcia- 
Longoria et al. 2015; Hellgren et al. 2015). Another example is the lineage SISKIN1 
(Haemoproteus tartakovskyi) that is a common parasite of siskins (Spinus spinus) 
and crossbills in northern Eurasia, but also of house finches (Haemorhous mexica-
nus) in Mexico. Huang et  al. (2019) analyzed ~1000 genes of SISKIN1 isolates 
from Europe and Mexico using the sequence capture technique. The complete 
mtDNA genomes were found to be very similar although not identical (6 differences 
corresponding to 0.1% divergence), whereas the average nuclear gene divergence 
was 20-fold higher (2.85%) between the European and Mexican isolates. This 
shows that minimal divergences in mtDNA in some cases are associated with highly 
divergent genomes. In order for future avian haemosporidian researchers to under-
stand the epidemiology/epizootiology of the parasites, host range evolution, and 
processes of speciation, it will be important to identify the genetic structure of pop-
ulations across transmission areas as well as across phylogenetically divergent hosts.

4.5.4  Molecular Phylogenies

To be able to study the direction of evolution (e.g., do generalists evolve from spe-
cialists or vice versa?), how selection is acting on certain genes or to be able to 
account for phylogenetic constraints when studying any life-history trait of the 
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parasite, we need robust phylogenies (see Chap. 3 for a thorough introduction to 
systematic and phylogenetic concepts and methods). For phylogenetic analyses, the 
MalAvi fragment is too short for obtaining well-supported topologies. Ellis and 
Bensch (2018) constructed ML trees for all the lineages that presently were in 
MalAvi (n = 2451) and determined that only 20% of the nodes had bootstrap sup-
port values >70%. In order to obtain better-supported phylogenies, it would clearly 
be advantageous to amplify and sequence the whole cytb or even the whole mtDNA 
genome (Pacheco et al. 2018b), or – even better – to use multiple gene-sets across 
the whole genome of the parasites.

We will approach the ultimate goal of a robust phylogeny of all avian haemospo-
ridians much faster if future studies will direct efforts toward generating data for the 
same set of nuclear genes. Borner et al. (2016) developed primers for 21 nuclear 
genes that can also be found in the published genomes of avian haemosporidians 
(Bensch et al. 2016; Böhme et al. 2018). These consist of a promising set of genes 
for future studies. As mentioned above, it is hard work to obtain data for nuclear 
genes by traditional PCR and sequencing. Such genes will also be biased toward 
those that evolve slowly, which on the one hand will be helpful for resolving deeper 
nodes in the phylogeny, but may not provide enough variation for resolving phylog-
enies of closely related species at the tips of the tree. As more genomes and tran-
scriptomes become available for avian haemosporidians, they will facilitate 
researchers in developing specific protocols and molecular markers for “their” 
group of parasites, whether these efforts will be done by PCR and sequencing, 
sequence capture, or other methods based on reference genomes.
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