
Studies in Mechanobiology, 
Tissue Engineering and Biomaterials 23

Yanhang Zhang    Editor

Multi-scale 
Extracellular 
Matrix 
Mechanics and 
Mechanobiology



Studies in Mechanobiology, Tissue Engineering
and Biomaterials

Volume 23

Series Editor

Amit Gefen, Department of Biomedical Engineering, Tel Aviv University, Ramat
Aviv, Israel



More information about this series at http://www.springer.com/series/8415

http://www.springer.com/series/8415


Yanhang Zhang
Editor

Multi-scale Extracellular
Matrix Mechanics
and Mechanobiology

123



Editor
Yanhang Zhang
Department of Mechanical Engineering,
Department of Biomedical Engineering and
Division of Materials Science & Engineering
Boston University
Boston, MA, USA

ISSN 1868-2006 ISSN 1868-2014 (electronic)
Studies in Mechanobiology, Tissue Engineering and Biomaterials
ISBN 978-3-030-20181-4 ISBN 978-3-030-20182-1 (eBook)
https://doi.org/10.1007/978-3-030-20182-1

© Springer Nature Switzerland AG 2020
This work is subject to copyright. All rights are reserved by the Publisher, whether the whole or part
of the material is concerned, specifically the rights of translation, reprinting, reuse of illustrations,
recitation, broadcasting, reproduction on microfilms or in any other physical way, and transmission
or information storage and retrieval, electronic adaptation, computer software, or by similar or dissimilar
methodology now known or hereafter developed.
The use of general descriptive names, registered names, trademarks, service marks, etc. in this
publication does not imply, even in the absence of a specific statement, that such names are exempt from
the relevant protective laws and regulations and therefore free for general use.
The publisher, the authors and the editors are safe to assume that the advice and information in this
book are believed to be true and accurate at the date of publication. Neither the publisher nor the
authors or the editors give a warranty, expressed or implied, with respect to the material contained
herein or for any errors or omissions that may have been made. The publisher remains neutral with regard
to jurisdictional claims in published maps and institutional affiliations.

This Springer imprint is published by the registered company Springer Nature Switzerland AG
The registered company address is: Gewerbestrasse 11, 6330 Cham, Switzerland

https://doi.org/10.1007/978-3-030-20182-1


Preface

Extracellular matrix (ECM) forms the primary load-bearing component in many
connective tissues. In addition to providing structural support, ECM also plays an
important role in modulating cell function. Reciprocally, cells can modulate the
structure and composition of ECM. Many pathological conditions are associated
with loss of organization and function of ECM; however, the mechanisms by which
ECM mechanics influence cell and tissue function remain to be fully elucidated.
Such understandings require multi-scale approaches since the changes associated
with pathological developments span from the tissue to molecular level.
Furthermore, ECM has extremely complex hierarchical three-dimensional struc-
tures and there exists a tremendous interdependence of ECM compositional,
structural, and mechanical properties. This book describes the current state of
knowledge in the field of multi-scale ECM mechanics and mechanobiology with a
focus on experimental and modeling studies in biomechanical characterization,
advanced optical microscopy and imaging, as well as computational modeling. This
book also discusses the scale dependency of ECM mechanics, translation of
mechanical forces from tissue to cellular level, and advances and challenges in
improving our understanding of cellular mechanotransduction in the context of
living tissues and organisms.

Boston, MA, USA Yanhang Zhang
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Biomechanics and Mechanobiology
of Extracellular Matrix Remodeling

Jay D. Humphrey and Marcos Latorre

Abstract Biomechanics is the development, extension, and application of the
principles of mechanics for the purposes of understanding better both biology and
medicine.Mechanobiology is the study of biological responses of cells tomechanical
stimuli. These two fieldsmust be considered together when studying the extracellular
matrix of load-bearing tissues and organs, particularly, how the matrix is established,
maintained, remodeled, and repaired. In this chapter, we will illustrate a few of the
myriad aspects of matrix biology and mechanics by focusing on the arterial wall.
All three primary cell types of the arterial wall are exquisitely sensitive to changes
in their mechanical environment and, together, they work to establish and promote
mechanical homeostasis, loss of which results in diverse pathologies, some of which
have life threatening consequences. There is, therefore, a pressing need to understand
better the intricate inter-relations between the biomechanics and themechanobiology
of arteries and so too for many other tissues and organs.

1 Introduction

The extracellular matrix (ECM) consists of myriad proteins, glycoproteins, and gly-
cosaminoglycans (GAGs) that collectively endow healthy tissues and organs with
both appropriate structural properties and critical instructional information. In par-
ticular, it is the ECM that provides much of the mechanical stiffness (a measure of
how stress changes with changes in strain) and mechanical strength (a measure of the
maximum stress that can be tolerated prior to failure) that are needed formany tissues
and organs to function properly under the action of applied loads. It is also the ECM
that sequesters and presents to cells diverse growth factors (to promote cell prolifer-
ation and matrix production), cytokines (secreted by inflammatory cells), proteases
(which degrade proteins), and other biomolecules that are needed to inform or enable
cell-mediated functions. The specific composition and architecture of the ECM
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dictates its different roles in different tissues, thus it should not be surprising that
cells within the ECM establish, maintain, remodel, and repair the matrix in response
to local biochemomechanical signals [21]. That is, the structure and properties of a
particular tissue or organ are designed by the resident cells to achieve specific func-
tions under normal conditions. A lost ability by cells to accomplish these tasks often
leads to disease progression or an inability to repair after injury.

Because of the important mechanical roles of many soft tissues and organs, we
will review some of the basic mechanics and the associated mechanobiology. By
mechanics, we mean the study of motions and the applied loads that cause them; by
mechanobiology, we mean the biological responses by cells to mechanical stimuli.
Clearly these fields should be studied together for the mechanics influences the
cellular responses, which in turn dictate the geometry and mechanical properties of
the tissues and thus how they respond to applied loads structurally. For illustrative
purposes, we will also use a series of computational simulations to emphasize a
number of key factors that determine tissue properties, particularly during ECM
growth and remodeling (G&R). By growthwemean a change inmass; by remodeling
we mean a change in microstructure. Although most of our discussion is meant to
be general, we focus on mechanobiological or biomechanical simulations for central
arteries, such as the mammalian aorta, which will illustrate salient considerations.
These vessels serve as deformable conduits for blood flow, which because of the
pulsatile system and associated pressure waves must have appropriate resilience as
well as stiffness and strength [14]. Hence, we begin our discussionwith a brief review
of central arterial structure.

2 Arterial Composition and Microstructure

Central arteries comprise three basic layers: the intima (innermost), media (middle),
and adventitia (outermost). The intima consists primarily of a monolayer of endothe-
lial cells attached to a basement membrane that consists primarily of laminin and the
network forming collagen IV, and in some conditions the glycoprotein fibronectin.
The media consists primarily of smooth muscle cells that are embedded within a
lamellar structure consisting primarily of elastic fibers, fibrillar collagen (mainly
type III), and aggregated glycosaminoglycans (GAGs). In particular, the elastic fibers
consist of about 90% elastin in addition to multiple elastin-associated glycoproteins,
including the fibulins and fibrillins. The fibulins appear to play important roles in
elastogenesis whereas the fibrillins play important roles in long-term biological sta-
bility, among others. These elastic fibers form nearly concentric laminae within
which the smooth muscle cells reside along with the fibrillar collagen III and the
proteoglycan versican (note: a proteoglycan consists of a protein core and attached
negatively charged GAGs such as chondroitin sulfate). The adventitia consists pri-
marily of fibrillar collagen I with embedded fibroblasts, though admixed elastin and
other constituents as well. In particular, the proteoglycans biglycan and decorin play
important roles in collagen assemblywithin the adventitia and so too thematricellular
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Collagen

Smooth
Muscle

Elastic Fibers
(laminae)lumen

ATA IAA

MediaAdventitia

Fig. 1 Geometry and composition of the adultmurine ascending thoracic aorta (ATA) and infrarenal
abdominal aorta (IAA), showing three of the primary structural constituents [elastic fibers -> laminae
(black), collagen fibers (brownish-grey), and smooth muscle (red)] and two of the three primary
layers (media and adventitia, noting that the third layer, the intima, is too thin to visualize on these
sections). Note the greater number of elastic laminae in the ATA, which is closer to the heart, and
its thinner adventitia. Note, too, that vessel sections were stained with Verhoeff-Van Gieson (VVG)
after fixation of the vessel in the unloaded state, which provides a reliable state for comparison across
regions and mouse models wherein segments can necessarily experience different axial loads and
blood pressures

protein thrombospondin-2. See Fig. 1 for the basic structure of two central arteries,
the ascending thoracic aorta (ATA—the most proximal segment of the aorta) and the
infrarenal abdominal aorta (IAA—the most distal segment) from a normal mouse.
Consistent with a strong structure-function relationship, the former contains more
elastic fibers (~7 laminae in themouse) and the latter fewer elastic fibers (~4 laminae)
but more collagen fibers (thicker adventitia). That is, elastic arteries are found closer
to the source of the pulsatile blood flow, the heart.

The elastin-rich elastic fibers endow the arterial wall with its resilience, that is,
its ability to store energy elastically upon deformation. Elastin is a unique protein
within the vasculature for it has an extremely long half-life (50+ years) under normal
conditions. That is, elastic fibers are typically deposited, organized, and cross-linked
during the perinatal period; they are then deformed significantly during somatic
growth, which results in a pre-stretch that stores elastic energy—hence the termi-
nology “elastic fibers”. It appears that the natural tendency of an elastic fiber to
recoil in its homeostatic configuration is offset, in part, by neighboring structural
constituents, including fibrillar collagens and GAGs. Indeed, the elastic pre-stretch
may help to build in a natural undulation in the collagen fibers [10], which increases
overall compliance of the arterial wall under normal pressures. Note that one of the
primary mechanical functions of central arteries is to use energy stored elastically
during systole to work on the blood and adjacent soft tissues during diastole to aug-
ment blood flow. Interestingly, species with higher heart rates tend to have higher
ratios of elastin to collagen [20]. The mouse, with a heart rate ~600 bpm, has an
arterial elastin:collagen ratio >1 whereas rats, rabbits, dogs, pigs, and humans have
progressively smaller ratios < 1.
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Thefibrillar collagens endow the arterialwallwith its tensile stiffness and strength,
both ofwhich are needed tomaintainmechanical functionality and structural integrity
under the incessant loading due to pulsatile changes in blood pressure (typically ~11
to 16 kPa under resting conditions). It appears that the overall circumferential mate-
rial stiffness of central arteries is ~500 to 1000 kPa under normal conditions across
many species [3, 34]. Indeed, the normally undulated collagen fibers at normal blood
pressures allow considerable deformation of the aortic wall; in contrast, these fibers
become straightened in response to abrupt increases in blood pressure, which limits
deformation of the wall. It is thought that straightening of the fibrillar collagen I,
mainly in the adventitia, thereby protects the underlying more fragile smooth mus-
cle cells, elastic fibers, and fibrillar collagen III of the media during marked, acute
increases in blood pressure, as, for example, in weight lifting wherein pressures can
transiently exceed 200 mmHg [2]. Importantly, the normal aortic wall can with-
stand quasi-static increases in pressure in vitro up to ~1500 mmHg, evidence of
the remarkable strength of engaged collagen fibers in health. In contrast, aggregat-
ing GAGs endow the arterial wall with its compressive stiffness. That is, the nega-
tively charged GAGs attract Na+ ions to ensure electroneutrality, which via osmosis
sequesters water, thus hydrating the wall and providing a modest Gibbs-Donnan-
swelling pressure. It has been suggested that, although GAGs constitute only ~3 to
5% of the arterial wall by wet weight, the associated normal swelling pressure may
help maintain preferred separation distances between the elastic laminae despite the
overall compressive radial stress on the wall; such separation between laminae may
facilitate certain aspects of smooth muscle cell mechano-sensing of its mechanical
environment [32]. More detail on arterial wall composition can be found in [36].
Discussion of pathologic consequences of excessive accumulations of intramural
GAGs can be found in [32].

Importantly, each of the three primary cell types of the arterial wall—endothe-
lial, smooth muscle, and fibroblast—are highly sensitive to changes in their local
mechanical environment [16]. For example, increased blood pressure-induced wall
stresses can increase the production of the peptide angiotensin II (AngII) by smooth
muscle cells, which in turn can stimulate a host of downstream consequences: synthe-
sis of collagens or GAGs, in part through the up-regulation of transforming growth
factor beta (TGF-β), as well as degradation of such matrix constituents via both
up-regulation of matrix metalloproteinases (MMPs) and up-regulation of mono-
cyte chemoattractant protein-1 (MCP-1), which recruits monocytes/macrophages
that also secrete various proteinases. That is, in many cases there is a delicate bal-
ance between ECM production and removal in G&R processes, not just in nor-
malcy. Indeed, even the activity of the MMPs is counteracted by tissue inhibitors
of MMPs, known as TIMPs, noting that increased mechanical stress can both stim-
ulate the production of MMPs and TIMPs as well as sterically reduce the binding
sites available on a protein to enable MMP-mediated degradation. As another exam-
ple, increased blood-flow induced wall shear stresses can increase the production of
nitric oxide (NO) by endothelial cells, with NO both causing relaxation of smooth
muscle cells (and thus vasodilatation) and attenuating their production of ECM. In
contrast, decreased blood-flow induced wall shear stresses can increase the produc-
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tion of endothelin-1 (ET-1) by endothelial cells, with ET-1 causing contraction of
smooth muscle cells (and thus vasoconstriction) and heightening their production of
ECM. Clearly, therefore, understanding better the mechanobiological responses of
multiple cell types, and their interactions, is critical to understanding tissue structure
and function.

Towards this end, it is important to note that cells tend to interact mechanically
with the ECM in which they reside via specialized transmembrane receptors, espe-
cially integrins. These heterodimeric receptors are typically denoted as αxβy , as, for
example, α1β1 and α2β1 which bind collagen, α5β1 and αvβ3 which bind fibronectin,
and α7β1 which binds laminin. Although these integrins have preference for partic-
ular components of the ECM, they are not specific to single constituents. For exam-
ple, α5β1 and αvβ3 also bind fibrillin-1. Importantly, intracellular domains of these
transmembrane receptors couple to the cytoskeleton, particularly actin and myosin.
In this way, cells can directly probe or assess their local mechanical environment
by reaching out and pulling on the ECM. Many studies have sought to quantify
precisely what the cells “feel” and thus respond to mechanobiologically. Although
stress and strain, andmetrics derived from them, have emerged as convenient metrics
for correlating cellular responses to changes in their mechanical environment, these
quantities are conceptual and not physical. Hence, actual mechanosensing is prob-
ably via forces and associated displacements that result in conformational changes
in proteins and other biomolecules. Nevertheless, because of the continual evidence
that the continuum assumption is valid (that length scales associated with the inher-
ent microstructure are well less than the physical length scale of interest) and that
continuum biomechanics is useful, basing biomechanical and mechanobiological
studies on metrics such as stress, stiffness, and strength is appropriate in most cases
[15].

Advances in genetics over the past few decades have revealed critical new insights
into the roles of many of the constituents that form the ECM. For example, mutations
to the gene that encodes elastin (ELN) can lead to supravalvular aortic stenosis (i.e.,
narrowing of the aorta, particularly at the aortic root) as in Williams syndrome;
mutations to the genes that encode fibrillin-1 and fibulin-4 (FBN1 and FBLN4) lead
to aneurysms (i.e., local dilatations) of the aortic root and/or ascending aorta, as in
Marfan syndrome; mutations to the genes that encode collagen III (COL3A1) and
biglycan (BGN) lead to fragile arteries, highly susceptible to dissection or rupture
as in vascular Ehlers-Danlos syndrome. These and many other syndromic and non-
syndromic diseases arising from genetic mutations emphasize the need to link the
genetics with both the clinical and biomechanical phenotypes, noting that defects
in either the primary structural proteins (e.g., elastin or collagen) or their accessory
proteins and glycoproteins (e.g., fibrillin-1 and biglycan) can have dire consequences
and thus deserve our very best attention. Again, the interested reader is referred to
[36] for more on genetic drivers of changes in ECM composition and function.
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3 Quantification of Mechanical Properties

A constitutive relation describes the response of a material to applied loads under
conditions of interest, noting that the term constitutive is used since these material
responses depend on the internal constitution, or make-up, of the particular material.
Soft tissues, in general [11], and arteries, in particular [14], exhibit complex mechan-
ical responses to applied loads that result in large part from the specific ECM that
was fashioned and remodeled by the resident cells. In particular, these tissues tend
to exhibit nonlinearly, inelastic, and anisotropic behaviors. The nonlinearity appears
to result from the gradual recruitment of previously undulated fibers, mainly colla-
gens; the inelasticity appears to result from the GAG-sequestered water within the
tissue, often referred to as a ground substance matrix; and the anisotropy tends to
arise from non-uniform spatial distributions of the primary structural constituents,
often elastic fibers and collagen fibers, but also differences in prestretches at which
the constituents are deposited into and incorporated within extant tissue. In addi-
tion, soft tissues are often heterogeneous in both composition and behavior, as, for
example, due to the medial and adventitial layers of the aorta (Fig. 1).

Under many physiological conditions of interest, however, these tissues often
exhibit a nearly elastic response, hence they are frequently described using a concept
of pseudoelasticity [11] or hyperelasticity. In hyperelasticity, one introduces a stored
energy function W that depends of the state of strain, that is, a Helmholtz potential
under isothermal conditions. The classical model of soft tissue pseudo-elasticity
(wherein best-fit material parameters are given separately for loading and unloading
curves) is the Fung-exponential,

W = c
(
eQ − 1

)

whereQ is quadratic in the Green strain, E = (
FT F − I

)
/2 with F the deformation

gradient tensor (note by the polar decomposition theorem, F = RU = V R where
R is a rotation tensor and U and V are stretch tensors, thus FT F and E are properly
insensitive to rigid body motions). For an orthotropic behavior (with respect to the
reference configuration, and referring to physical components of the tensor E), Q
can be written

Q = c1E
2
11 + c2E

2
22 + c3E

2
33 + 2c4E11E22 + 2c5E22E33 + 2c6E33E11

+ c7
(
E2
12 + E2

21

) + c8
(
E2
23 + E2

32

) + c9
(
E2
13 + E2

31

)

with ci the material parameters that need to be determined from data, namely via
nonlinear regressions. An advantage of this form of Q, with 9 material parameters
for orthotropy, is that it can also be used to describe either transversely isotropy,
by collecting together select terms and reducing the number of parameters to 5, or
isotropy, by collecting together more terms and reducing the number of parameters
to 2. Additionally, a 2-D theory can be constructed easily from this 3D form [13].
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Regardless, given a specific form for W, one can then compute the 2nd Piola-
Kirchhoff stress directly, or using the Piola transformation, the Cauchy stress t ,
which in the case of incompressibility (often a good assumption because of the
GAG-sequestered water) can be written:

t = −p I + 2F
∂W

∂C
FT

where p is a Lagrange multiplier (not hydrostatic pressure, in general) that enforces
the kinematic constraint of incompressibility, detF = 1. Note that the second Piola-
Kirchhoff stress is S = 2∂W/∂C. If the response is visco-hyperelastic, one can add
to the general expression for Cauchy stress an additional (linear) term 2μD, whereμ

is a viscosity and the stretching tensor D =
(
ḞF−1 + F−T Ḟ

T
)
/2 with the over-dot

denoting a rate of change. Of course, given an expression for Cauchy stress, onemust
then satisfy linear momentum balance,

div t + ρb = ρa

where ρ is the mass density, b the body force, and a the acceleration. In the case
of equilibrium (i.e., static or quasi-static processes), the acceleration is zero and
the equation reduces in complexity. Because of the generally low mass density and
low accelerations, most of arterial mechanics can be studied within a quasi-static
framework [17] whereby one need only enforce div t = 0, except in cases such as
deceleration injuries in vehicular accidents.

An advantage of the Fung-exponential relation is that it has proven successful time
and time again in describing well the available experimental data from multiaxial
tests on many different soft tissues, including arteries. A disadvantage, however, is
that this relation is purely phenomenological. For this reason,many have soughtmore
microstructurally motivated relations. Among the first to pursue this was Lanir [25],
whose work continues to inspire many studies to this day. Of note here, Holzapfel
et al. [12] presented a two-fiber family model for the arterial wall that was later
extended to a four-fiber family model by Baek et al. [1]. Both have proven useful
in many studies, noting that the latter tends to fit multiaxial data better (cf. [9, 33]).
Nevertheless, these fiber-based models can be written

W = c(IC − 3) +
n∑

k=1

ck1
4ck2

(exp[ck2(I V k
C − 1)2] − 1)

where IC = tr(C) = tr
(
FT F

)
and I V k

C = M · CM are coordinate invariant
measures of the deformation, with M a unit vector denoting the direction of locally
parallel fiber family in a reference configuration; finally, c, ck1, and ck2 are material
parameters. Because the values of these material parameters need to be determined
via nonlinear regressions of data, this relation is also phenomenological, though struc-
turally motivated: the first term is motivated by a contribution due to an amorphous
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(isotropic) matrix while the second set of summed terms is motivated by multiple
directional contributions due to n locally parallel families of fibers, with n = 2 or
4 usually. If two families of fibers are directed circumferentially and axially in a
cylindrical artery, one obtains an orthotropic model with 5 parameters (in contrast to
the 10 parameters in the Fung model, which describes shearing behaviors better). It
appears, however, that two symmetric diagonally oriented families of fibers reflects
better the imaging data on collagen fiber distributions in some arteries [12], consis-
tent with concepts from composite materials on optimal fiber orientations [7]. The
four-fiber family model, combining circumferential, axial, and symmetric diagonal
families of fibers yet appears to describe multiaxial data better [33] because it cap-
tures the different prominent fiber orientations seen in some arteries [9, 37] and it can
also account phenomenologically for the effects of unmeasured cross-links or phys-
ical entanglements within a complex ECM. Importantly, these and other structurally
motivated (not structurally based since no model yet accounts for all microstructural
complexities of soft tissues, including the ECM and its interactions with cells) mod-
els have also helped to advance our understanding of tissue adaptations and disease
progression.

4 Quantification of Growth and Remodeling

Recalling that an individual soft tissue is defined largely by its particular ECM and
embedded cells that produce, maintain, remodel, and repair it, we emphasize that
the myriad structural constituents found within a given tissue can exhibit individual
mechanical properties (stiffness and strength), individual stress-free (i.e., natural)
configurations, and individual rates of turnover (production and removal). Hence,
although multiple theories exist for describing growth (change in mass) and remod-
eling (change in microstructure), mixture-based models can be particularly useful
because one can account for the different mechanics and biology of the individual
constituents. Indeed, mixture approaches can even be used to model the G&R of
tissue engineered constructs that consist, at different times, of changing percent-
ages of synthetic (polymeric) and natural (cells and ECM) constituents [31]. That
said, using a full mixture theory for mass and linear momentum balance, even in
isothermal situations, poses significant challenges. Notably, it is difficult to identify
appropriate constitutive relations for momentum exchanges between multiple con-
stituents, particularly as they evolve, and it is difficult to prescribe traction boundary
conditions, which requires rules for how tractions partition on boundaries. For these
and other reasons, we proposed and advocated for a constrained mixture theory [18]
to describe soft tissue G&R, that is, adaptations to perturbations in loading as well
as disease progression.

Briefly, one satisfies a full mixture relation formass balance but a classical relation
for linear momentum balance, with stored energy written in terms of a simple mass
averaged rule-of-mixtures (i.e., the total energy is the sum of the energies of the
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constituent parts, each multiplied by their respective mass fractions). Mass balance
can be written in spatial form as

∂ρα

∂s
+ div(ραvα) = mα

where ρα is the apparent mass density for constituent α(= 1, 2, . . . , N ), with vα its
velocity andmα itsmass exchange (i.e., net rate ofmass density production/removal),
where s denotes the current G&R time. Three key constitutive assumptions that have
proven useful are: each constituent can possess an individual natural configuration
(Xα �= X , which denotes original positions), but is otherwise constrained to move
with the mixture as a whole (namely xα = x, which denotes current positions,
and thus requires vα ≡ v); the G&R process is sufficiently slow so that the tissue
can be assumed to exist in a sequence of quasi-static equilibria (v = 0); and the
net rate of mass density production/removal mα can be written as a multiplicative
decomposition in terms of the true rate of productionmα > 0 and a survival function
qα(s, τ ) ∈ [0, 1], which accounts for that fraction of constituent α produced at G&R
time τ ∈ [0, s] that survives to the current time s. The resulting mass balance for this
open system is integrable, namely one can find [26, 35]

ρα
R(s) = ρα(0)Qα(s) +

s∫

0

mα
R(τ )qα(s, τ )dτ

where the subscript R refers to quantities defined per unit reference volume (e.g.,
ρα
R = Jρα , with J the Jacobian of the mixture), hence ρα

R(0) ≡ ρα(0)), and Qα(s) =
qα(s, 0) is a useful special case. Because most removal (i.e., degradation of ECM or
death of cells) follows first order-type kinetics, we can often let

qα(s, τ ) = exp

⎛

⎝−
s∫

τ

kα(t)dt

⎞

⎠

where kα is a rate-type parameter that may depend on biochemomechanical stimuli.
Nonetheless, a useful form for the stored energy function of the mixture (tissue) per
unit reference volume can be written,

ρW α
R (s) = ρα(0)Qα(s)W

∧α(
Fα

n(0)(s)
) +

s∫

0

mα
R(τ )qα(s, τ )W

∧α(
Fα

n(τ )(s)
)
dτ

where ρ = ∑
ρα is the mass density of the mixture (tissue) which typically remains

constant, and W
∧α

are stored energy functions for individual structurally significant
constituents that depend on constituent-specific deformations Fα

n(τ )(s) that are mea-
sured relative to individual (potentially evolving) natural configurations κα

n(τ ) ≡ n(τ ).
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0 day 4 day 7 day 14 day 21 day 28 day

P/P(0) 1.00 1.38 1.49 1.61 1.64 1.66

h/h(0) 1.00 1.12 1.28 1.59 1.65 1.65

0 day 4 day 14 day 28 day

G&R Time

(a)

(b)

Fig. 2 Evolution of the composition and geometry of the infrarenal abdominal aorta from an
adult male Apoe-/- mouse over 28 days of hypertension induced with angiotensin II infused at
1000 ng/kg/min. a The histological stain is similar to that used in Fig. 1, hence the elastin stains
black, though in this case the smooth muscle stains purple and the collagen pink. bNote that overall
wall thickness h increases in response to the fold-increase in pressure (P/P(0)) so as to nearly
mechano-adapt by 14 days (theoretically requiring h → ε1/3γ h(0), where ε is the fold-change in
blood flow, which in this case was unity, and γ is the fold-change in blood pressure). This adaptation
appeared to be driven by mechano-mediated processes alone. Data from [5]

Note that W α
R (0) ≡ W α(0) = φα(0)W

∧α
(0) where φα = ρα/ρ is a mass fraction,

hence recovering a standard rule-of-mixtures prior to G&R as desired. Note, too,
that in the case of tissue turnover within an unchanging configuration, n(0) ≡ n(τ ),
the full mixture relation again recovers the simple rule-of-mixtures. This model has
proven useful inmodeling diverse conditions, including arterial adaptations to altered
mechanical loading [35], the enlargement of aneurysms [38], and inflammation-
mediated aortic fibrosis in hypertension [28] (Figs. 2 and 3), among others. Of course,
the total stored energy is simply assumed to be W = ∑

W α at any G&R time s,
which can then be used in a standard way to compute Cauchy stress and satisfy linear
momentum balance given appropriate constitutive equations.

Importantly, this theory reveals the need for three constituent-specific constitu-
tive relations: true mass productionmα(τ ), mass removal qα(s, τ ), and stored energy
W
∧α(

Fα
n(τ )(s)

)
. As noted above, the survival function is often assumed to follow first-

order type kinetics, hence necessitating the prescription of the rate parameter/function
in terms of biochemomechanical stimuli, often time varying. The true rate of mass
production similarly needs to be prescribed in terms of biochemomechanical stimuli
whereas the stored energy function for individual constituents can often be pre-
scribed similar to select terms in the structurally motivated fiber-based models. In
other words, the greatest challenge tends to be identification of constitutive relations
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Fig. 3 Illustrative polarized light microscopic images of picro-sirius red stained sections from the
descending thoracic aorta (DTA) after 14 days of hypertension induced with angiotensin II infused
at 490 ng/kg/min, withmarked immuno-mediated adventitial fibrosis (see bottom left image relative
to the top left image). Shown, too, are predictions from a constrained mixture model of the primary
hypertensive response, namely, medial (top right) and adventitial (bottom right) thickening. The
solid line is the prediction when accounting for both mechano- and immuno-mediated G&R; the
dashed line shows the prediction when accounting for mechano-mediated G&R alone; the open
triangles show experimental data at 14 and 28 days, which were taken from [4]

for tissue turnover, namely, ECM synthesis and degradation and cell division and
apoptosis.

Notwithstanding the challenges of solving initial-boundary value problems on
complex domains, as for an asymmetric aortic aneurysm, identification of appropri-
ate constitutive relations is generally the most difficult challenge of biomechanics,
particularly in biosolid mechanics. Whereas standard methods now exist to identify
best-fit material parameters for common stored energy functions for tissues, much
remains to be learned regarding the best functional forms of these relations and the
related parameters for individual constituents, initially elastic fibers versus collagen
fibers but eventually elastin versus fibrillin-1, collagen III versus collagen I, and so on.
Currently, most relations are restricted to “constituent-dominated” phenomenolog-
ical behaviors, as, for example, describing elastin-dominated amorphous behaviors
with a neo-Hookean form of W

∧α
or describing collagen fiber-dominated directional
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behaviors with a Fung-exponential form of W
∧α

. Although associated simulations
capture many salient features of tissue behavior, much more work is needed in this
regard.

Even more challenging, however, is identification of the functional forms and
values of the related parameters for mass production and removal of different struc-
turally significant constituents. It is here that the importance of mechanobiology is
most evident (cf. [16]). Early (mid-1970s) and continuing studies reveal that endothe-
lial cell production of NO and ET-1 exhibits a sigmoidal relationship (increasing for
NO and decreasing for ET-1) with increasing flow-induced wall shear stress [14].
Considering relations near the homeostatic value of shear stress allows one to use
a linear approximation, however. Recalling from above that increases in NO and
ET-1 tend to attenuate and hasten, respectively, the production of collagen and GAGs
by smooth muscle cells and fibroblasts reveals an important paracrine factor that
must be included in most vascular G&R modeling. Similarly, early (mid-1970s) and
continuing studies reveal that smooth muscle cells and fibroblasts increase their pro-
duction of collagen and GAGs in response to increasing pressure-induced normal
stresses, again sigmoidal in relation but approximately linear about a homeostatic
state. Consequently, a reasonable first approximation for a stress-based relation for
mass density production is

mα
R(τ ) = mα

N (τ )
(
1 + K α

σ �σα(τ) − K α
τw

�τα
w(τ)

)

where mα
N (τ ) > 0 is a nominal rate of production (mass per volume per time) that

may change over G&R time, with mα
N (0) ≡ mα

o the original basal rate; K α
σ and

K α
τw
are positive gain-type parameters, and�σα and�τα

w are normalized differences
in current values of normal or shear stress relative to homeostatic targets. In most
cases, increases in intramural stresses above homeostatic values increase production
rates whereas increases in wall shear stress above homeostatic decrease produc-
tion rates. That such targets are typically on the order of 150 kPa versus 1.5 Pa for
intramural normal and luminal wall shear stress, respectively, is a strong reminder
that although one component of stress may be negligible with respect to another in
terms of the mechanics, all components can be critical mechanobiologically depend-
ing on the cell types (endothelial versus smooth muscle) and homeostatic targets.
Importantly, however, we have mentioned but a few responses by endothelial and
intramural cells to changes in their local mechanical environment, as indicated by
changes in stress. There are likely changes in the expression of literally hundreds of
genes with sustained changes in mechanical stimuli, affecting additional vasoactive
molecules, structural proteins, growth factors, chemokines, cytokines, and proteases,
among others. Much more remains to be discovered with regard to the associated
“mechanobiological dose response curves” which will be needed to build improved
models, particularly as we move to the age of precision medicine.
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5 Mechanobiological Equilibrium and Stability

Concepts of equilibrium and stability are well established in mechanics, and are
equally fundamental in biomechanics. For example, one can consider an intracranial
saccular aneurysm to exist in quasi-equilibrated states at different times during a
cardiac cycle and examine whether it is mechanically stable at any such state, as, for
example, if a limit point (static) instability exists—which does not [24]. Indeed, one
could assess suchmechanical stability within any quasi-equilibrated state at any time
of G&R, treating the lesion at each stage of enlargement as a mechanical structure
subjected to mechanical loading. One can similarly examine the dynamic stability
of an aneurysm that is subjected to a time varying load, determining for example
when an attractive limit cycle exists—which does exist [8]. Identifying whether a
tissue is mechanically unstable (i.e., allows marked changes in state in response to a
perturbation) or stable (insensitive to the action of a perturbation) is thus important.

In parallel, one can define and should consider concepts of mechanobiological
equilibrium and stability. Recalling the aforementioned form for the survival function
qα(s, τ ), if we assume that the original homeostatic value of the rate parameter is
given by kα

o and the original homeostatic production rate is mα
o , then it can be shown

that, in this case, ρα(0) = mα
o/k

α
o for all α = 1, 2, . . . , N structurally significant

constituents [35]. In other words, appropriately balanced rates of production and
removal exist in normal tissues inmechanobiological equilibrium, as promoted by the
process of mechanical homeostasis, regardless of the specific functional forms of the
rates of change in cases of adaptation, disease, or injury. Other terms have been used
to describe this mechanobiological equilibrium, which in the most basic case exists
in “tissue maintenance” wherein balanced turnover in an unchanging state preserves
the geometry and properties of the tissue despite continual mass removal and mass
production. Indeed, fully balanced rates of production and removal must exist in
mechanobiologically equilibrated states that evolve in response to sustained stimuli
[26], for which, equivalent to the original homeostatic case, it can be shown that
ρα
h = mα

h/k
α
h , with subscript h used for evolved homeostatic quantities. Interestingly,

one can even generalize this concept to find that a nearly balanced turnover ρα
R(s) ≈

mα
R(s)/kα(s) also holds in evolution form if the characteristic time of the external

loading stimulus ismuch longer than the characteristic timeof theG&Rprocess itself,
that is, for mechanobiologically quasi-equilibrated states [27] that may progress,
for instance, during slow hypertensive or aneurysmal G&R processes. Assessing
mechanobiological stability is more difficult and much remains to be accomplished
in this regard. The interested reader is referred to, for example, the work by Cyron
andHumphrey [6] or Latorre andHumphrey [29] for an introduction to this important
topic.
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6 Illustrative Results

Here,we provide a few illustrative examples for arterialG&R in response to sustained
increases in pressure, noting that elevated blood pressure (hypertension) is one of
the primary risk factors for many cardiovascular diseases. To do so, and because
we are often most interested qualitatively in fully resolved G&R responses, we do
not consider transient effects, but rather compute mechanobiologically equilibrated
solutions directly for each pressure increment. Hence, the following results hold
equally for fully equilibrated states that are reached after a sustained application of
each pressure increment (i.e., on a point-by-point basis [26]) or quasi-equilibrated
states computed for slow increases in pressure (i.e., in evolution form [27]). The
reader is referred to the original papers for detailed explanations of these simplified,
yet useful, G&R frameworks. Table 1 lists representative values of key geometric,
elastic, and G&R parameters for a single-layered, thin-walled model of the murine
descending thoracic aorta (DTA).

In particular, we address arterial adaptations to increases in pressure for differ-
ent properties of the collagen fiber families within the ECM, namely cross-linking
between different families (Fig. 4), orientation of diagonal fibers (Fig. 5), and overall
fiber undulations that manifest from different deposition stretches (Fig. 6). We let the
strain energy function for collagen-dominated behaviors be described by a Fung-type
relation, which, under mechanobiological equilibrium, specializes to

W
∧c(

Gc
) = cc1

4cc2

(
ec

c
2(G

c2−1)
2 − 1

)

Table 1 Representative baseline material parameters for a mouse descending thoracic aorta
(adapted from the bilayered model in [27])

Arterial mass density ρ 1050 kg/m

Inner radius, thickness a, h 647μm, 40 μm

Constituent mass fractions φe
o, φ

m
o , φc

o 0.3, 0.35, 0.35

Collagen relative fractions βθ , βz, βd 0.07, 0.35, 0.58

Diagonal collagen orientation α0 45°

Elastic material parameters ce, cm1 , cm2 , cc1, c
c
2 115 kPa, 400 kPa, 1, 400 kPa, 5

Deposition stretches Ge
θ ,G

e
z ,G

m = Gc 1.9, 1.6, 1.15

Mass production gains Km
σ = Kc

σ , Km
τ = Kc

τ 1, 1

Mass removal rates kmo = kco 1/15 day−1

Superscripts e, m, and c denote elastin, smooth muscle, and collagen. Superscripts/subscripts θ ,
z, and d denote circumferential, axial, and symmetric diagonal directions. Subscript o denotes
original homeostatic values whereas subscripts σ and τ denote intramural and wall shear stresses,
respectively
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Fig. 4 Mechanobiologically stable (static) equilibrium responses illustrated for the DTA for differ-
ent degrees of collagen cross-linking, represented by different strain energy constants for collagen
cc1. Note that increasing values of c

c
1 tend to stabilize the equilibrated (fully grown and remodeled)

response, which approaches the ideal mechano-adaptive limit (dotted line). Note that the baseline
results described the experimental data well [28]
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Fig. 5 Similar to Fig. 4, but for different orientationsα0 of the symmetric diagonal families of colla-
gen fibers, with the angle calculatedwith respect to the axial direction in the reference configuration.
Note that the baseline results described the experimental data well [28]
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Fig. 6 Similar to Fig. 4, but with clearly differentiated mechanobiologically stable (Gc =
1.15, 1.30) and unstable (Gc = 1.01) static equilibrium responses computed for different collagen
undulations, represented by different deposition stretches of collagen Gc. Note that the baseline
results described the experimental data well [28]

with cc1, c
c
2 and G

c the associated material parameters and deposition stretch. We can
thus assign higher values of cc1 to increasingly cross-linked fiber networks, as well
as interpret lower values of Gc as more undulated fibers at the time of deposition. Of
course, the orientation of diagonal fibers with respect to the axial direction is ideally
described in our four-fiber family model by the angle α0.

Figure 4 shows mechanobiologically stable (static) equilibrium responses for the
DTA for different degrees of collagen cross-linking, represented by different values
of the constant cc1 in the stored energy function for collagen. Panels (a, b, d, e)
show equilibrium values for (bounded) inner radius ah and wall thickness hh , as
well as (bounded) circumferential σθθh and axial σzzh stresses, as functions of the
stimulation-driver for different elevations of blood pressure, namely the pressure
ratio γh = Ph/Po. Panels (c) and (f) show the associated evolution of the homeostatic
state in phase-type planes. Also shown for comparison is an ideal mechano-adaptive
response for which σθθh/σθθo = σzzh/σzzo = 1, ah/ao = ε

1/3
h and hh/ho = ε

1/3
h γh .

Note that increasing values of cc1 tend to stabilize the equilibrated (fully grown and
remodeled) response, which approaches the ideal mechano-adaptive limit.

Similar to the prior figure, Fig. 5 shows effects of different orientations α0 (mea-
sured with respect to the axial direction) for the symmetric-diagonal families of
collagen fibers in the four-fiber family constitutive model. Note that wall thickness
and circumferential stress (and, slightly, inner radius) approach their ideal mechano-
adaptative responses for increasing values of α0 (i.e., with diagonal fibers oriented
more towards the circumferential direction), although at the expense of a more pro-
nounced drop in axial stress. Interesting is the finding in panel (c) that the equilibrium
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relation hh/ho(ah/ao) does not depend on changes in α0 (with other orientations
tested but not shown).

Finally, Fig. 6 reveals clearly differentiated mechanobiologically stable
(Gc = 1.15, 1.30) and unstable (Gc = 1.01) static equilibrium responses resulting
for different degrees of collagen fiber undulation, represented by different values of
deposition stretch Gc, with respective bounded (Gc = 1.15, 1.30) and unbounded
(Gc = 1.01) inner radius ah and wall thickness hh , as well as bounded (all cases)
circumferential σθθh and axial σzzh stresses. Thus, increasing values ofGc tend to sta-
bilize the equilibrated response,with the (perhaps, excessively high) valueGc = 1.30
providing even lower (ah and hh) and higher (σθθh and σzzh) values than the respec-
tive ideal ones and the (perhaps, excessively low) value Gc = 1.01 yielding an
asymptotic growth response for γh → 1.025, for which σzzh > 0 (not shown).

In summary, these simple examples show that ECM parameters such as collagen
cross-linking, orientation, and undulation play key roles in potential G&R responses
to sustained changes in mechanical loading, here illustrated for elevated pressure
loading of a central artery. Perhaps as one would expect, collagen undulation
(reflected by the value of the deposition stretch parameter) emerged as a particularly
sensitive parameter, hence suggesting that greater attention should be directed to
understanding how synthetic cells regulate this parameter in health and especially
in disease. There is also a need to parameterize factors such as collagen type (I
vs. III) and similarly contributions by accessory constituents such as biglycan and
thrombospondin-2, which affect collagen fibrillogenesis and thus mechanics. Much
remains to be discovered and then modeled.

7 Discussion

Biological soft tissuesmanifestwonderfully diverse characteristics,most importantly
an ability to grow, remodel, adapt, and repair in response to myriad changes in con-
ditions. This homeostatic process depends on changing gene expression, sometimes
reflecting a phenotypic modulation of the resident or infiltrating cells. Much has been
learned, but much remains unknown. Continuing mechanobiological experiments
promise to provide the information that is needed both to increase our understanding
and to inform our increasingly sophisticated models, both murine and computa-
tional. Whereas considerable success has been gained over the past few decades in
describing the complex (nonlinear, anisotropic, nonhomogenous) mechanical behav-
iors of soft tissues, our understanding of mechanobiologically controlled growth and
remodeling processes remains limited. There is, therefore, a pressing need for new
data-driven theoretical frameworks and constitutive frameworks that can describe
better the complex ability of cells to mechano-sense and mechano-regulate the ECM
[22], thereby controlling tissue and organ size, shape, properties, and multiple func-
tions. We briefly reviewed a constrained mixture approach that has proven success-
ful in capturing many salient features of vascular G&R and suggest that continued
advancements in the associated constituent-specific constitutive relations promises
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even greater insight into tissue and organ physiology and pathophysiology. Although
we did not discuss the associated hemodynamics beyond wall shear stress control of
endothelial gene expression leading to changes in NO or ET-1 production, there is a
pressing need for combining advances in modeling fluid-solid interactions and wall
growth and remodeling, resulting in coupled fluid-solid-growth (FSG) models [19].
Indeed, understanding the interactions between wall G&R and blood pressure pulse
waves demands increased attention to the coupling between local mechanobiological
and global physiological responses, particularly in aging and hypertension [23].

Notwithstanding the importance of the biomechanics andmechanobiology, recent
studies have revealed an often critical role of immunobiology as well. Blood borne
immune cells (i.e., white blood cells, includingmonocytes/macrophages of the innate
immune system and T-cells and B-cells of the adaptive immune system) can also play
critical roles in the G&R of diverse tissues, including arteries. For example, Wu et al.
[39] showed that aortic fibrosis (i.e., excessive deposition of ECM, mainly collagens
in the adventitia) resulted primarily from T-cell activity in a wild-type mouse model
of hypertension induced using continuous angiotensin II infusion. Specifically, they
showed that fibrosis did not develop in Rag1-/- mice, which lack mature T-cells and
B-cells, but that the fibrosis re-emergedwhen T-cells were adoptively transferred into
these mice. This fibrosis resulted in a mechano-maladaptation, meaning that mean
circumferential wall stress (σθθ = Pa/h, where P is the distending pressure, a the
luminal radius, and h the wall thickness) was not maintained at its original homeo-
static value. Bersi et al. [4] quantified associated changes in the compositional and
mechanical properties in the fibrotic wild-type mice, and Latorre and Humphrey
[28] showed that this maladaptation could be modeled well with the aforementioned
constrained mixture G&R model if one adds inflammatory burden to the mass den-
sity production function and lets the mechanical properties of smooth muscle and
collagen evolve accordingly. Indeed, the maladaptation could not be captured with
the purely mechano-driven production function, regardless of the values of the asso-
ciated material parameters. Importantly, Louis et al. [30] had also shown a loss
of fibrosis in mice without the α1 integrin subunit, which binds fibrillar collagens,
hence affirming the importance of mechanical loads in stimulating the hypertensive
phenotype. Thus, experiment and simulation agree—one should account for both
mechano- and immuno-mediated turnover of ECM in general. This general concept
is also reinforced by G&R simulations of the in vivo development of a tissue engi-
neered vascular graft that begins as a polymeric scaffold. This graft elicits a strong
foreign body response, and thus immuno-driven ECMproduction, and the associated
neovessel development could only be described and predicted when both immuno-
driven and mechano-mediated mechanisms were included in the model [31].

In summary, the production and removal of ECM in potentially evolving states
enables tissuemaintenance but also drives tissue growth, remodeling, repair, and even
many diseases. In many cases, such production and removal is driven by the asso-
ciated cells sensing and regulating this matrix, with signals arising from biological,
chemical, and mechanical processes. Although significant understanding continues
to come from clever and careful experiments, computational models are expected to
play increasingly greater roles in advancing our understanding.
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Abstract Heart valve interstitial cells (VIC) are fibroblast–like cells that reside
within the interstitium of heart valve leaflets. The biosynthetic activity of VICs is
highly dependent upon the themechanical demands of the extracellular environment.
Thus, regular deformation of the leaflets throughout the cardiac cycle provides the
mechanical stimulation that is necessary for VICs to maintain homeostasis of the
valve and manage normal turnover of extracellular matrix constituents. When the
deformation pattern of the VICs is altered during periods of growth or disease, VICs
can undergo cellular activation and remodel the ECM of the valve to re-establish
homeostasis. In order to better engineer treatments for heart valve diseases, it is
of great importance to delineate the underlying mechanisms governing this crucial
remodeling process. In this chapter, we present current experimental and compu-
tational modeling approaches used to study the complex multi-scale mechanical
relationship between the valve leaflets and the underlying VICs. In addition, we
discuss future directions toward modeling VIC signaling pathways and developing
improved 3D multi-scale models of VICs.
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1 Introduction

Heart valves are dynamic living tissues whose physiological function is quite simple:
to prevent the retrograde flow of blood within the heart. The mammalian heart has
four valves: the aortic valve (AV), mitral valve (MV), pulmonary valve (PV), and
tricuspid valve (TV). All valve leaflets are multi-layered structures composed of
a heterogenous mixture of extracellular matrix (ECM) components with a specific
structure that allows proper opening and closure of the valves. For instance, in theAV,
the fibrosa layer contains mainly collagen and provides the majority of mechanical
support in the valve while the ventricularis layer contains radially orientated elastin
fiber networks that act as a low-energy recoiling mechanism during valve closure.
In between these two layers, the spongiosa layer contains mainly proteoglycans and
glycosaminoglycans that aid in compression of the valve leaflets during coaptation.

All valves undergo a complex time varying pattern of stretch and flexure that
in turn deform the underlying valve interstitial cells (VIC). VICs are fibroblast-like
mechanocytes that comprise ∼10 % of the total valve leaflet volume and respond to
tissue-level stresses and deformations [5, 20]. In order to maintain the intricate and
precise structure of the valve, VICs sense their mechanical environment and remodel
the ECM constituents accordingly. In the quiescent state, VICs maintain the normal
upkeep of ECM components to ensure valve homeostasis. During periods of both
growth and disease, VICs are known to transition to an activated, myofibroblast-
like phenotype, where they display increased contractility, prominent alpha smooth
muscle actin (α-SMA) stress fibers, and increased ECM remodeling activity [4,
13]. VIC-ECM coupling is made possible through the VICs binding via integrins
containing α and β subunits to ECM components such as fibronectin, laminin, and
collagen [23, 43].

Remodeling of heart valve leaflet ECM can occur due to intrinsic and extrinsic
factors. For instance, during pregnancy, the heart undergoes a drastic pressure over-
load, which drastically increases ventricular size and the mechanical loading of the
MV [38]. Initially, this causes a reduction in collagen crimp which mechanically
compresses the mitral VICs (MVICs). This in turn induces growth and remodeling
mechanisms in an attempt to reestablish a normal homeostatic cell shape. It is thus
hypothesized that in late pregnancy, homeostasis is reestablished through remodel-
ing processes that decrease collagen fiber alignment and restore the collagen crimp,
relieving the compression of MVICs.

Another example, for a diseased state, is ischemicMV regurgitation (IMR) which
arises from cardiomyopathy and/or coronary heart disease that induces MV regur-
gitation as a secondary complication [7, 8]. This is driven by the displacement of
papillary muscles, which assist in tethering the MV via chordae tendineae [21], dur-
ing left ventricular (LV) remodeling. This process can cause the MV to dilate and
prevent proper closing. To compensate, theMV enlarges and becomes stiffer through
remodeling processes. Despite this, theMVICs fail to reestablish a homeostatic load-
ing state within the MV because the altered loading patterns persist. As a result, MV
repair and replacement procedures are commonly performed in these scenarios [1].
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Pregnancy and IMR are two compelling examples of how tissue-scale mechan-
ics can drive the cellular-scale deformation of MVICs and in turn induce drastic
remodeling mechanisms. In the AV, calcific aortic valve disease (CAVD) is a major
driver of aortic stenosis in elderly individuals and those with bicuspid aortic valves.
During the onset of CAVD, AVICs form calcium nodules which drastically stiffen
the valve leaflets, leading to stenosis. AV replacements with heterograft tissues or
bioprosthetic valves are commonly performed to combat these symptoms.

These phenomena highlight the importance of multi-scale and holistic approaches
to studying the mechanobiology of VICs and how the mechanobiology ultimately
determines the tissue-level response of the valves. Despite our current understanding
of the relationship betweenVICmechanobiology andvalvemechanics, little is known
about the underlying cellular processes that govern it. In addition, little is known
about layer-specific properties of VICs and how this connects to the formation of
different valve layers with vastly different mechanical function [37]. In this chapter,
we discuss current experimental and computational modeling techniques to study
the mechanics of isolated VICs. We then go on to discuss the in-situ properties
of VICs and preliminary investigations into layer-specific mechanical responses.
We end by summarizing the use of synthetic hydrogel environments to study VIC
mechanobiology and provide future directions towards developing cell signaling
models that can be used to explain cellular mechanisms that allow for VIC regulation
of valve ECM and refining existing models to more accurately elucidate VIC and
ECM mechanical properties.

2 Isolated Cell Studies

2.1 Overview

Previous isolated cell studies have shown that VICs from the AV andMV are intrinsi-
cally stiffer than VICs from the PV and TV owing to the larger mechanical demands
of the left side of the heart in which the AV and MV reside [33, 34]. In this more
mechanically demanding environment, the VICs of the AV and MV undergo larger
cytoplasmic and nuclear deformations which drives an up-regulation of α-SMA
expression and subsequently increases VIC stiffness. In addition, VICs from the AV
andMVdisplay an up-regulation of ECMbiosynthesis, resulting in thicker and stiffer
valve leaflets overall.

Micropipette aspiration (MA) [34] and atomic force microscopy (AFM) [33] are
valuable techniques that have been used to study the mechanics of isolated VICs.
However, AFM measurements of VIC stiffness are 10–100 fold larger in magnitude
than MA measurements. This is thought to be caused by the difference in internal
stress fiber composition and architecture between free-floating, suspended VICs in
MA experiments, and VICs seeded on a planar substrate in the AFM experiments.
In suspension, VICs are thought to be in an inactivated state and do not express
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prominent α-SMA fibers. This contrasts with VICs seeded on a 2D substrate that are
in an activated state and therefore generate stronger contractile forces. In addition
to the differences in VIC subcellular structures between the two tests, differences
in effective stiffness values may arise because the organelles and cell structures are
being measured at different length scales with each test. MA experiments measure
a broader region on the cell while AFM is used to assess more local properties at
the periphery or near the nucleus. A continuum mixture finite element model of an
isolated VIC was developed to gain a better understanding of the role that organelles
and especially stress fibers play in VIC effective stiffness.

2.2 Model Formulation

A first mechanical model of the VIC was developed through integrating the experi-
mental data from both MA and AFM measurements on VICs from the AV (AVIC)
and PV (PVIC) [39]. In the formulation of the model, consideration was given to
the organelles most likely to contribute during a specific test. For example, during
analysis of the MA results, the passive properties of both the basal cytoskeleton and
cytoplasm (all organelles except for the stress fibers and the nucleus) and the stress
fibers were thought to contribute the most and therefore their shear moduli were
estimated from the MA data. Then, data from AFM measurements at the periphery
of VICs and directly above the nucleus was used to calibrate the contractile strength
of the α-SMA stress fibers and the shear modulus of the nucleus, respectively.

The finite element models were developed in the open source software FEBio
[30]. In the MA simulations, the initial shape of the VIC was modeled as a sphere
and the boundary between the cell and the micropipette was subjected to a contact–
traction to induce friction-less sliding between the two surfaces [39]. In the AFM
experiments, a representative VIC was modeled on a flat surface with two separate
subdomains for the nucleus and the cytoplasm [40]. A no-slip boundary condition
was applied on the bottom surface of the VIC and the contact between the VIC and
the rigid indenter was modeled with a no-penetration, no-slip boundary condition.

2.2.1 Calibration of the Cytoplasm, Stress Fibers,
and Nuclear Mechanics

The initial step in estimating the mechanical properties of the VIC uses MA data to
extract the shear modulus of the cytoplasm (μcyto) and the stress fibers (μsf ) (Fig. 1a).
The total Cauchy stress T is the sum of both components

T = Tcyto + Tsf . (1)

The cytoplasm ismodeled as a nearly incompressible, isotropic, hyperelasticmaterial
with a neoHookean material model with a transversely isotropic contribution from
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μsf μcyto

f μnuc

(A)(A) Micropipette Aspiration

B(B)(B) AFM on Peripheral Region

C(C)(C) AFM on Nuclear Region

μsf μcyto

f μnuc

μsf μcyto

f μnuc

μsf,μcyto

μsf,μcyto, f

Fig. 1 a First, micropipette aspiration data is used to calibrate the shear modulus of the stress fibers
(μsf ) and the cytoplasm (μcyto). b Next, AFMmeasurements made at the periphery of VICs is used
to estimate the stress fiber contraction strength (f ). C Finally, AFM measurements made above the
nuclear region are used to back out the shear modulus of the nucleus (μnuc). Figure adapted from
[39]

the passive stress fibers. The full explicit Cauchy stress used to analyze the MA data
is as follows

T = 2
1

J
F

∂

∂C

[
μcyto

2
(I1 − 3) + 1

2
K(ln J )2

]
FT

+ 1

4π
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0
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0

[
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(
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(I4 − 1)2

)
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]
sin θ dθdφ.

(2)

where I1 = J
−2
3 I1, I1 is the first invariant of the deformation gradient tensor

F (I1 = tr(F)), J is the jacobian (J = det(F)), C is the right Cauchy-Green defor-
mation tensor (C = FTF), K is the bulk modulus, H is a heavy side step-function
introduced to enforce the passive stress that only arises from the fiber stretch, I4 is the
stress fiber stretch along the initial directionm0,m is the current state of the fibers ini-
tially oriented alongm0 (m = λ−1F · m0, where λ = √

I4), and φ̄sf is the normalized
α-SMA expression level. Directionm0 is characterized using two angles: θ ∈ [0,π]
and φ ∈ [0, 2π] andm0(θ,φ) = sin θ cosφe1 + sinθ sin φe2 + cos θe3 where e1, e2,
and e3 are the unit normal basis vector for the Cartesian coordinates. The parameters
μcyto and μsf are determined through minimization of the least square error between
the simulated and experimental aspiration lengths with respect to the applied aspira-
tion pressure of the VICs in the MA experiments.
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During the analysis of AFM experimental results, the properties of the stress fiber
contraction strength and the nucleus are incorporated into the total Cauchy stress
(Fig. 1b, c) as:

T = Tcyto + Tsf + Tf + Tnuc. (3)

First, AFM results from measurements performed on the periphery of VICs are used
to find the contraction strength (f ) of the stress fibers with the following expanded
equation of the total Cauchy stress:

T = 2
1

J
F

∂

∂C

[
μcyto

2
(I1 − 3) + 1

2
K(ln J )2

]
FT
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where �t(m) is the constrained von-Mises distribution [17] which represents the
stress fiber orientation distribution with respect to m, the current fiber direction.
Then, the shear modulus of the nucleus μnuc was determined by using AFM data
from measurements made above the nucleus and through the following equation for
Cauchy’s stress:

T = 2
1

J
F

∂

∂C

[
μnuc

2
(I1 − 3) + 1

2
K(ln J )2

]
FT . (5)

The parameters f and μnuc are calibrated through minimization of the least square
error between the experimental and simulated indentation depth with respect to
applied force at the cell periphery and above the nucleus, respectively.

From the constitutive model (Eqs. 4 and 5), the shear modulus of the cytoplasm,
stress fibers, the nucleus and the stress fiber contraction strength (f ) are deter-
mined (Table1). The model predicts that the intrinsic stiffness of the cellular sub-
components is conserved between VICs from the AV and PV. However, a drastic
difference in the contraction strength between AVICs and PVICs is predicted. AVIC
contraction strength is reported to be∼10 times stronger than PVIC contraction, rein-
forcing that the stiffness of VICs is positively correlated withα-SMA expression lev-
els [34]. This is consistent with the previous discussion of why AFM measurements
are 10–100 fold larger than MA measurements.
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Table 1 Parameter values determined from the constitutive model for both AVICs and PVICs.
Table adapted from [39]

μcyto (Pa) μsf (Pa) f (kPa) μnuc (kPa)

AVIC 5 390 35.27 ± 3.42 15.64 ± 2.46

PVIC 5 390 3.86 ± 0.61 16.06 ± 2.19

2.2.2 Incorporation of Stress Fiber Force-Length Relations, Expression
Levels, and Strain Rate

In an extended mechanical model of the VIC [40], stress fiber force-length relations,
expression levels of F-actin and α-SMA stess fibers, and the strain rate sensitivity of
VICs in response to AFM indentation are incorporated. Briefly, VICs were seeded
onto 2D collagen coated cover slips and were subjected to five separate treatments
before AFM measurements were made:

1. CytoD: Cytochalasin D was used to disassemble the actin fiber network of the
VICs. This group served as a negative control.

2. C5 and C90: The C5 VIC group was subjected to testing within 5 mM potassium
chloride (KCl) to emulate normal physiological conditions. The C90 group was
tested within 90 mMKCl (induces cell activate contraction) and is representative
of a hypertensive cell state. These groups served as a negative control for the
TGF-β1 group to follow.

3. T5 and T90: TGF-β1 is a potent cytokine that effectively induces the activation
of VICs and has been shown to lead to complications in vivo such as calcification
and valve stenosis [12, 36]. TGF-β1 has been shown to induce VICs to transition
to a myofibroblast-like phenotype which increases α-SMA expression and con-
tractility. The T5 group is treated with both TGF-β1 and 5 mM KCl to allow for
measurements on VICs in the myofibroblast state and under normal conditions.
The T90 group is treated with TGF-β1 and 90mMKCl to studymyofibrolast-like
VICs in a hypertensive state.

For model formulation and subsequent analysis of the AFM results, the F-actin
and α-SMA stress fiber expression levels of the VICs under each chemical treatment
group were quantified from analyzing fluorescence images (Fig. 2a, b). Only α-
SMA stress fibers that co-localized with F-actin stress fibers are considered to avoid
accounting forα-SMA subunits that exist within the cytoplasm and do not contribute
to active contraction. Consistent with the first pass model, the total Cauchy stress
is taken to be the sum of the contributions from the cytoplasm and the stress fibers
(Eq.1). The cytoplasm is modeled as a nearly incompressible neo-Hookean material
as follows:

Tcyto = 2
1

J
F

∂

∂C

[
μcyto

2
(I1 − 3) + 1

2
K(ln J )2

]
FT . (6)
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20 µm

F-actin α-SMA (a) (b)

Fig. 2 a F-actin expression levels of VICs with respect to the chemical treatment conditions.
b Expression level of α-SMA stress fibers that co-localize with F-actin fibers under the different
chemical treatments. Figure adapted from [40]

The stress fibers were modeled as

Tsf = 1

J
F

[∫ π
2

− π
2

�(m0)[H (I4 − 1)Tp(m0) + Ta(m0) + Tv(m0)] × (m0 ⊗ m0)dθ

]
FT

(7)

where m0 defines the inital direction of the stress fibers and Tp,Ta, and T v are the
one dimensional passive, active, and viscous contributions to stress, respectively. The
passive component of the stress fibers are captured by

Tp = 2μsf φ̄F−actin(I4 − 1) (8)

where μsf is the shear modulus of the stress fibers and φ̄F−actin is the expression level
of F-actin (Fig. 2a). The active portion of the stress fibers is modeled as

Ta
(
φ̄α−SMA, φ̄F−actin,λ

) = f0
(
φ̄α−SMA, φ̄F−actin

)
f1(λ) (9)

where f0 is the maximum amount of contraction possible and is a function of the
α-SMA and F-actin expression levels (Fig. 2a and b), and f1 is the length-tension
relationship which is a function of the stretch (λ). The maximum contraction is thus
modeled as:

f0
(
φ̄α−SMA, φ̄F−actin

) = fα−SMAφ̄α−SMA + fF−actinφ̄F−actin, (10)
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where fα−SMA and fF−actin are the contraction strength of each stress fiber per unit
expression level and are kept constant regardless of activation level. The length-
tension relation is adapted from [44] and is implemented as:

f1(ε, ε0, ε
∗) = exp − ((ε − ε∗)/ε0)2

ε = (I4 − 1)/2
(11)

where ε is the fiber strain, ε∗ is the strain level where maximum contraction occurs,
and ε0 is the rate of decay of the contractile strength with respect to ε∗. From sim-
ulation, it is noted that the value of ε∗ had no substantial effect on the results when
|ε∗| < ε0. Therefore ε∗ and ε0 are set to 0 and 0.1, respectively, producing a similar
length-tension relationship to one used previously to model muscle fiber contraction
[15, 44]. From the indentation experiments, it is noted that the stiffness of the VICs
is highly dependent upon levels of α-SMA. Thus, it is assumed that the viscous
response of the stress fibers should be related to the viscosity of α-SMA (ηα−SMA),
α-SMA expression level, and strain rate (ε̇) as follows:

T v = ηα−SMAφ̄α−SMAε̇. (12)

In its entirety, the updated constitutive model of the VIC is as follows:

T = 2
1

J
F

∂

∂C

[
μcyto

2
(I1 − 3) + 1

2
K(ln J )2

]
FT

+ 1

J
F[

∫ θp+ π
2

θp− π
2

�(m0)[H (I4 − 1)2μsf φ̄F−actin(I4 − 1)

+ f0
(
φ̄α−SMA, φ̄F−actin

)
f1(λ) + ηα−SMAφ̄α−SMAε̇]

× (m0 ⊗ m0)dθ]FT .

(13)

where the first term represents the contributions of the cytoplasm, and the second
through fourth terms are the passive, active contraction, and viscous contributions of
the stress fibers, respectively.

2.3 Model Results

The system of partial differential equations presented previously was incorpo-
rated into FEBio to simulate the MA and AFM experiments (Fig. 3a and b).
All parameters of interest were computed using non-linear least squares with the
Levenberg-Marquardt algorithm to match the experimental and simulated indenta-
tion depth versus force data obtained fromAFMmeasurements. From the constitutive
model, the shear modulus (μsf ), contraction strength (f0), and viscosity (ηα−SMA)
of the stress fibers are determined. From this, the total stress fiber shear modulus
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IniƟal Tared Aspirated

∆P = 0 Pa ∆P= ~60 Pa ∆P =   250 ~  Pa

(a) (b)

(c) (d) (e)

Fig. 3 Finite element models of the aMA and b AFM experiments, respectively. The c total shear
modulus (μtot

sf ), d contraction strength (f0), and e total viscosity (ηtotsf ) of the stress fibers for each
treatment condition. Higher expression ofα-SMA in the T90 group largely increases the contraction
strength and viscosity of the stress fibers. Figures taken from [39, 40]

(μtot
sf = μsf φ̄F−actin) and total viscosity of the stress fibers (ηtot

sf = ηα−SMAφ̄α−SMA)
are easily computed (Fig. 3c–e).

Results of the simulation clearly show that as VICs become more activated, the
contraction strength (f0) of the stress fibers increases (Fig. 3d). In addition, the viscos-
ity of the stress fibers increases drastically (Fig. 3e, T90 group). This finding indicates
that the difference in mechanical response when VICs in the T90 group were sub-
jected to fast and slow strain rates (Fig. 4) is due to an increase in α-SMA stress
fiber viscosity. No strain-rate sensitivity was observed in any of the other treatment
groups.

The computed contraction strength (f0) is found to be non-zero for the C5, T5,
C90, and T90 groups (Fig. 3d). From these values, the contractile force arising sep-
arately from α-SMA and F-actin stress fibers is calculated using Eq.10, resulting in
four linear equations and two unknowns. From this, fα−SMA and fF−actin are estimated
to be 96.8 and 76.7Pa, respectively. This result indicates that the incorporation of
α-SMA in the stress fibers increases the contraction of VICs, consistent with pre-
viously reported experimental findings [10, 19, 31, 46]. The separate contributions
of F-actin and α-SMA stress fibers to the overall contraction strength the estimated
total contraction strength (f0), and the expression levels of α-SMA (φ̄α−SMA) and
F-actin (φ̄F−actin) are computed by using Eq.10 (Fig. 5). It is observed that within
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Fig. 4 Indentation depth versus force plots fromAFMmeasurements performed onVICswithin the
T90 treatment group. Strain rate sensitivity is only observed within this group. The model predicts
that an increase in the total viscosity of the α-SMA fibers (ηtotsf ) is likely the source of the observed
strain-rate sensitivity. Figure adapted from [40]

f 0
[p

a]

Fig. 5 The contributions of F-actin and α-SMA stress fibers to the overall estimated contraction
strength. Note how every group contains contributions from both stress fibers but the T90 group is
largely dominated by the effects of α-SMA. Figure taken from [40]
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each treatment group, both F-actin andα-SMA stress fibers contributed to the overall
contraction strength. However, in the T90 group, the contribution fromα-SMA dom-
inates the contraction strength due to the higher level of VIC activation in this group.

2.4 Conclusions

Mechanical assessment of isolated cells provided valuable insight into the differences
between VICs under different conditions. Combining experimental techniques with
computational models explains why these differences exist. Namely, the computa-
tional models are able to attribute the difference in stiffness between AVICs and
PVICs to an increase in expression of α-SMA which leads to an increase in total
stress fiber contraction strength. Furthermore, computational models of the VIC are
able to delineate the separate contributions of F-actin and α-SMA to the total stress
fiber contraction strength under different activation levels.

3 A Macro-micro Modeling Approach for the Down-Scale
Estimation of AVIC Mechanics

3.1 Overview

Studying isolated VICs provides valuable insight into how VIC activation and
increased expression levels of α-SMA alter the VIC biophysical state. However,
these techniques are limited because they require VICs to be studied either on 2D
glass coverslips or in suspension. These environments are not representative of the
native cellular milieu and fail to elicit accurate in-situ VIC response.

Using native valve tissue to study VIC mechanics offers an alternative method to
isolated cell studies. Native tissue is an attractive tool because of its physiological
relevance and the availability of animal models. Previously, Merryman et al. showed
that VIC contraction has a direct effect on the bending stiffness of AV leaflets and that
the bending response of AV tissue is direction dependent [32]. In addition,Merryman
et al. showed that when bent against the natural leaflet curvature, AVIC contraction
had a larger effect on the overall bending stiffness of the leaflet compared to being
bent in the direction of the natural leaflet curvature. Although these experimental
results are insightful, it is difficult to delineate the underlying causes. Thus, the
development of computational models is needed to further our understanding of the
role that the underlying AVICs play in AV micromechanics. However, the AV leaflet
tissue does not satisfy conventional multi-scale requirements due to the similarity
in scale between the average leaflet thickeness (500µm) and the average size of
an AVIC (15µm). This similarity in scale (10:1) is not appropriate for multi-scale
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modeling methods and thus an alternative approach must be utilized. To circumvent
these issues, a macro-micro modeling approach is established to directly map the
boundary conditions on the macro level to the micro level.

3.2 Summary of Experimental Methods

Fresh native porcine AV leaflets were excised and subjected to three-point bending
tests (Fig. 6a, b) [32]. Each leafletwas tested under normal, hypertensive, and inactive
conditions. This was done by incubating the test specimenswithin 5mMKCl, 90mM
of KCl, and thapsigargin (a known potent inhibitor of calciumATPase), respectively.
From the tests, moment versus curvature plots (M/I vs.�κ) are generated. Then, the
effective stiffness (Eeff ) of the leaflets under each contractile level and with respect
to testing with the natural leaflet curvature (WC - ventricularis under tension and
fibrosa under compression) and against the natural leaflet curvature (AC - fibrosa
under tension and ventricularis under compression) are calculated using the Euler-
Bernoulli relation as follows:

M

I
= Eeff �κ (14a)

Eeff = M

I�κ
. (14b)

Values of Eeff calculated from Eqs. 14a and 14b for the AV leaflet test specimens are
reported in Fig. 6c.

From the experimental results, it was noted that only in the AC direction showed
a substantial increase in Eeff after treatment with 90mMKCl (Fig. 6b). In addition, a
decrease in Eeff was noted in all groups treated with thapsigargin, which completely
inhibits the contraction of the underlyingAVICs.Although these experimental results
provide insight into how AVIC contraction modulates the flexural stiffness of the AV
leaflet, they fail to meaningfully delineate the underlying mechanisms that cause a
drastic change in Eeff in the AC curvature direction. In addition, they fail to elucidate
the lack of significant changes observed in the WC direction despite treatment with
90 mM KCl. To further investigate the underlying phenomenon responsible for this
behavior, a finite-element model of the bending experiment is developed and the
displacements of the macro level representative volume element (RVE) are mapped
to a refined micro level RVE to determine the underlying parameters that govern
AVIC in-situ contractile effects on AV leaflet flexural stiffness [2].

3.3 Macro Model Formulation

Previously, it has been shown that the spongiosa layer behaves mechanically as
a contiguous extension of the fibrosa and ventriculars layers [3]. Therefore, the



34 A. Khang et al.

Fig. 6 aAn excisedAV leaflet. The test specimenswere consistently excised just below the nodulus
of Arantus. b Photograph of an AV test specimen undergoing three-point bending. c The effective
stiffness (Eeff ) of the AV leaflets before (5mM KCl) and after (90mM KCl) exposure to the active
contraction treatment under normal (no thapsigargin) and inactive (thapsigargin) conditions. Eeff
of the leaflets not treated with thapsigargin increased drastically in the AC direction after treatment
with 90mM KCl. The introduction of thapsigargin decreased Eeff in all groups. Figure adapted
from [32]

AV leaflet is modeled as a bilayer, bonded beam with the finite-element software
ABAQUS (Dassault Systemes, Johnston, RI, USA) using brick elements. Both layers
were assigned a bimodular neo-Hookean isotropic nearly incompressible material
model as follows:

Wd = stateµ
l,d
Macro

2
(I1 − 1) − p(I3 − 1) (15)

where stateµ
l,d
Macro is the state dependent shear modulus of the layer (l = fibrosa (F)

or ventricularis (V)) with respect to the testing direction (d = under tension (+)
or compression (−)), I3 = det(C) is the third invariant of the right Cauchy-Green
deformation tensor, and p is the Lagrange multiplier that enforces incompressibility.
The macro-level simulation boundary conditions are a pin constraint at the left edge
of the specimen with small and controlled displacements in the x-direction applied
at the right edge of the specimen. The dimensions of the simulated geometry are
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Fig. 7 Macro-level FE simulation of the bending experiments. The displacements of the “Macro”
RVE model are mapped as boundary conditions to the “Micro” RVE model. Figure taken from [2]

kept consistent with that of the experimental test specimens (15mm × 4mm ×
0.462mm). The bilayer is divided in the thickness direction as 60 % fibrosa and
40 % ventricularis based on measurements from native AV tissue [5] (Fig. 7).

3.4 Macro Model Parameter Estimation

The tissue parameters are estimated using the experimental bending data. From a
previous study [3], the moduli ratios for each layer under tension and compression
were determined and used to estimate the inactive tissue parameters by fitting the
FE simulation in the WC and AC bending directions simultaneously. The simulated
moment-curvature plots are generated using the nodal locations along the edge of
the geometry and the resulting reaction force on the left side of the geometry due to
end displacement.

Next, the tissue parameter estimation for both the hypertensive and normal cases
is performed. It is assumed that under compression, AVICs do not contribute to the
stiffening of the valve tissues due to lack of tension from the surrounding ECM,
an integral component needed for actin filament assembly and thus cell contraction.
Therefore, the inactive compressive moduli are held constant and the tensile moduli
are determined for both layers under normal and hypertensive conditions by fitting
the simulated results to the experimental data for the AC and WC cases. Twelve
total parameters are estimated from the macro RVE model (2 (layers) × 2 (tensile
and compressible moduli) × 3 (each contractile state - “inactive”, “normal”, and
“hyper”) = 12 total parameters) and are reported in Table2.

3.5 Micro Model Formulation

The micro model contains discrete ellipsoidal AVIC inclusions with distribution,
size, and density determined from histological slices (Fig. 8) [5, 20]. The AVICs are
modeled using a prolate spheroid, and are 14.16µm long and 7.49µm wide. The
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Table 2 Estimated tissue parameters for each layer in tension and compression and under inactive,
normal, and hypertensive contractile states. In addition, goodness of fit to the experimental data
(R2) as well as thickness normalized (0 = start of ventricularis, 1 = end of fibrosa) neutral axis
locations (where axial stretch = 1) are reported for each activation state and test direction. Table
taken from [2]

Activation
state

Layer μ+
Macro μ−

Macro Tension/compression
Layer Moduli Ratios

R2 Neutral
axis (WC)

Neutral
axis (AC)

Inactive F 206.42 43.76 ∼5:1 0.990 0.36 0.75

V 96.19 24.77 ∼4:1

Normal F 1496.67 43.76 ∼34:1 0.998 0.28 0.87

V 311.93 24.77 ∼13:1

Hyper F 2250.78 43.76 ∼51:1 0.989 0.28 0.88

V 311.93 24.77 ∼13:1

Fig. 8 Mico RVE model with ellipsoidal AVIC inclusions. �ECM , �AV IC , and �β represent the
sub-domains of the ECM,AVIC, and inter-facial boundary, respectively. δ� represents the boundary
of the domain facing outwards. Figure taken from [2]

density of the AVICs is kept consistent with native tissues at 270 million AVICs per
ml, and the AVICs are assigned a preferred direction along the circumferential axis
and are oriented at normally distributed angles of 9.7◦ and 5.3◦.

3.5.1 Modeling of the ECM Subdomain

The micro RVE model is divided into three subdomains: the ECM (�ECM ), the
AVICs (�AV IC), and the boundary between the two (�β) (Fig. 8). A neo-Hookean
material model is used to model the ECM subdomain (�ECM ) with the Cauchy stress
defined by

T = 2
1

J
F

∂

∂C

[
μl,d
micro

2
(I1 − 3) + 1

2
K(ln J )2

]
FT . (16)
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3.5.2 Modeling of the AVIC Subdomain

For the AVIC subdomain (�AV IC), a modified version of the VIC mechanical model
formulated from the isolated cell studies discussed in the earlier section is used with
a combined Cauchy stress of

T = Tcyto + Tsf + Tactive (17)

where Tcyto, Tsf , and Tactive are contributions from the cytoplasm, passive stress
fibers, and active contractile response of the stress fibers, respectively. The consti-
tutive model used for the isolated VIC (Eq.13) was adapted to remove any contri-
butions from the viscous effects of the stress fibers since strain rate studies were not
performed under bending. The final AVIC constitutive model is as follows:

T = 2
1

J
F

∂

∂C

[
μcyto

2
(I1 − 3) + 1

2
K(ln J )2

]
FT

+ 1

J
F
[ ∫ 2π

0

∫ π

0
�(m0(ψ, θ))H (I4 − 1)2μsf φ̄F−actin(I4 − 1)

m0(ψ, θ) ⊗ m0(ψ, θ) sinψ dψ dθ

]
FT

+ 1

J
F

[∫ 2π

0

∫ π

0
�(m0(ψ, θ))f0fI (λ)m0(ψ, θ) ⊗ m0(ψ, θ) sinψ dψ dθ

]
FT .

(18)

A π periodic von Mises distribution [29] (the 3D counterpart to the constrained
von-Mises distribution used for the isolated VIC models [39, 40]) is used to model
the 3D stress fiber orientation distribution. The function takes the form:

�(b,m) = 1

π

√
b

2π

exp(2bm2
1)

erfi(
√
2b)

(19)

where m = (m1, m2, m3) is the orientation vector of the stress fibers and b > 0 is a
shape concentration parameter. The function erfi is defined as

erfi(b) = −ierf(ib) = 2√
π

∫ b

0
exp(t2)dt. (20)

Only the case in which b is real is considered. This produces a transversely isotropic
fiber orientation because Eq.19 only contains the first component of m (i.e. m1). In
Eq.20, the parameter b is tunable such that the lower limit produces an isotropic
orientation (b = 0) and the upper limit produces a completely one dimensional ori-
entation (b = ∞).
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3.5.3 Modeling of the Boundary Interface

The complete microstructure of each layer is not explicitly modeled due to lack of
feasibility and computational cost. Instead, a thin interface boundary (�β) around
every AVIC inclusion is incorporated to allow for the control of the AVIC-ECM
connectivity level. This boundary is 0.650 µm in thickness and is modeled using
explicit boundary elements that replaced a small volume of the ECM around each
AVIC. The interface boundary is modeled with the following constitutive equation

T = 2
1

J
F

∂

∂C

[
(βl

AV IC)(μl,d
micro)

2
(I1 − 3) + 1

2
K(ln J )2

]
FT . (21)

When βl
AV IC = 1, the AVICs are completely connected to the ECM and the interface

boundary has the same mechanical properties as the ECM. As βl
AV IC approaches 0,

the softer interfacial layer causes the AVICs to become less connected to the ECM.

3.6 Macro and Micro Model Homogenization Scheme

After the tissue scale parameters are determined from the macro RVE model, the
displacements of the RVEs from each layer are mapped to the micro RVE model
as boundary conditions (Fig. 7). This essentially imposes a boundary value problem
on the micro model. The parameters within the micro model are then determined
by minimizing the difference in the von Mises stress index between the macro and
micro RVE models to maintain continuity between them using

T
VM
MacroRVE =

√
3

2
T

′
Macro : T ′

Macro (22a)

T
VM
MicroRVE =

√
3

2
T

′
Micro : T ′

Micro (22b)

where T
′
Macro and T

′
Micro are the deviatoric stresses of the volume averaged Cauchy

stresses in the macro andmicro RVEmodels, respectively, and the : operator symbol-
izes the double dot product of the two second order tensors. The difference between

T
VM
MacroRVE and T

VM
MicroRVE are calculated and minimized using

� = T
VM
MacroRVE − T

VM
MicroRVE (23a)

‖ � ‖= √
� : � |min . (23b)

The computed von Mises stress for the macro RVE are reported in Table 3. The
residual von Mises stress between the macro and micro RVE models was minimized
to enforce consistency between both models and to ensure proper mapping to the
down–scale model.
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Table 3 The von Mises stress index (T
VM
MacroRVE) used for macro-mico model coupling. Values are

reported for both layers (Fibrosa–F, Ventricularis–V) in tension (+) and compression (−) and under
inactive, normal and hypertensive states. Table adapted from [2]

Activation State F+ (kPa) F− (kPa) V+ (kPa) V− (kPa)

Inactive 4.58 3.08 3.46 2.76

Normal 6.92 3.29 4.90 2.89

Hyper 8.18 3.29 4.90 2.99

3.7 Micro Model Parameter Estimation

The AVIC cytoplasm stiffness (μcyto) and ECM stiffness (μl,d
ECM ) are defined as fixed

values within the micro RVE model. Cytoplasm stiffness (μcyto) is set to 18 kPa
based on AFM measurements performed on AVICs [33]. ECM stiffness (μl,d

ECM ) is
computed using the tissue parameters determined from the macro RVEmodel for the
inactive treatment group to systematically exclude contributions from either AVIC
basal tonus or contraction. Using the rule of mixtures, the relation between ECM
stiffness and AVIC cytoplasm stiffness is formulated as:

inactiveμ
l,d
Macro = μl,d

ECMφECM + μcytoφAV IC (24)

where inactiveμ
l,d
Macro are the inactive layer tissue parameters from the macro RVE

model and φECM and φAV IC are the volume fractions of the ECM and AVICs set at
0.90 and 0.10, respectively. Using Eq.24, the stiffness of the ECM for each layer
under tension and compression (μF+

ECM , μF−
ECM , μV+

ECM and μV−
ECM ) are determined and

input into the micro RVE model.
After μcyto and μl,d

ECM are determined, the following parameters are estimated from
the micro RVE model through the macro-micro coupling approach:

1. stateμ
l,d
SF : Stress fiber stiffness

2. statef
l,d
0 : Stress fiber contraction strength

3. βl
AV IC : AVIC connectivity to the ECM.

The remainder of this section describes the influence of each parameter.

3.7.1 The Effect of Stress Fiber Stiffness on the Micro RVE Response

The inactive state volume average vonMises stress in the fibrosa was used to evaluate
the effect of the stress fiber shear modulus on tissuemechanical response. Stress fiber
stiffness (μsf ) is varied from 0–50 kPa and it is observed that this had little effect
on the micro RVE model volume averaged von Mises stress (Fig. 9a). Therefore, μsf

was determined to be 1 kPa from previous 2Dmicroindentation studies and was fixed
at this value for the remainder of the simulations.
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Fig. 9 a The stress fiber shear modulus (μsf ) has little to no effect on T
VM
MicroRVE . b The effect of

the stress fiber orientation parameter b on T
VM
MicroRVE . c The effect of the AVIC-ECM connectiv-

ity parameter β on the volume averaged von Mises stress. As connectivity increases, T
VM
MicroRVE

increases as well. Figure taken from [2]

3.7.2 Determination of AVIC In-Situ Contraction Strength

To estimate the contraction strength, an appropriate stress fiber orientation parameter
b is first determined. A parametric study of the parameter b is performed where the
value for b is set to 0, 0.5, 1, 2, 4, and∞ (Fig. 9b) for the fibrosa layer in the inactivated
state. Itwas observed thatwhenb=0, theAVICcontraction did not contribute towards
the von Mises stress of the micro RVE and it remained at 4.58kPa as determined
from the macro RVE (Table3). As b increased, a linear trend between the contraction
strength f0 and T

VM
MicroRVE emerged. It is noted that as b increases, less contraction
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Table 4 Parametric study of the parameter b. The contraction force required to match the RVEmacro
von Mises stress decreased as b increased for both the normal and hypertensive cases

b 0 0.1 0.5 1 2 4 ∞
f0–normal [kPa] N/A N/A 223 105.5 52.1 35.1 27.4

f0–hypter [kPa] N/A N/A 306 156.3 79.9 53.8 42.4

[Pa]f0=40 kPa f0=80 kPaf0=0 kPa

Fibrosa under tension

NA

Fig. 10 The effect of AVIC contraction strength (f0) on the surrounding von Mises stress of the
ECM. Figure taken from [2]

force is needed to reach the same T
VM
MicroRVE (Table4). This is because increasing b

essentially increases the alignment of the 3D stress fiber orientation, allowing the
AVIC inclusions to contribute in concert and as a result decrease the total level of f0
needed per AVIC to reach the same outcomes.

From comparison of the π-periodic von Mises distribution with different b values
to the constrained 2D von Mises distribution quantified previously [39, 40], a b
value of 2.0 was chosen as the estimate of the 3D stress fiber orientation distribution.
Shown in Table 4, f0 = 52.1 and 79.9kPa are used here on out for the normal and
hypertensive simulations, respectively. With b = 2.0, simulations are implemented
to assess how the magnitude of the contraction strength alters the surrounding ECM
(Fig. 10). When the contraction strength is set to 0kPa, the von Mises stress of the
ECM is greater than that of the AVIC inclusions due to the lack of contraction. As
contraction is increased to 40 and 80kPa, the vonMises stress of the AVIC inclusions
surpassed that of the ECM.

3.7.3 Layer-Specific AVIC-ECM Connectivity

With the b and f0 parameters determined, the AVIC-ECM connectivity (β) within
the ventricularis is estimated using Eq.21. The β term is varied and the effect on
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β=1.0 β=0.5 β=0.2

Ventricularis under tension

[Pa]

NA

Fig. 11 The effect of AVIC-ECM connectivity (β) on the von Mises stress of the surrounding
ECM. Figure taken from [2]

the resulting von Mises stress is plotted for the ventricularis under tension (Fig. 9c).
Figure9c, shows that a β value of 0.24 best matches the von Mises stress (4.90kPa,
Table3), suggesting that the vetricularis is ∼75% less connected than the fibrosa.

It is noted that as the value of β increases, the total von Mises stress increases as
well (Fig. 11). This is because the mechanical connection between the AVICs and
the ECM governs the net effect of AVIC contraction on the von Mises stress of the
surrounding ECM. Not only does the von Mises stress within the AVIC inclusions
increase due to an increase in connectivity, but the vonMises stress of the immediately
surrounding ECM also increases.

3.8 Differences in Cell Total Traction Forces in 2D Versus 3D

To better understand the difference in AVIC biophysical state in 2D vs 3D, the total
force generated by each individual AVIC is computed through the expression

Ftot =
∫

�

|T (x)|dA (25)

where� represents the boundary of theAVIC inclusions andT (x) is the traction along
the boundary. It is found that in-situ, AVICs generate 0.2 and 0.35µN of force in the
normal and hypertensive states, respectively. This is more than twice the force that is
generated by AVICs seeded on 2D substrates as determined from microindentation
studies (normal = 0.07µN and hypertensive = 0.16µN) [40]. The average traction
force over the boundary is computed as
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Tavg = 1

SA

∫
�

|T (x)|dA. (26)

In-situ, the average traction over the AVIC boundary is 429Pa and 752Pa for the
normal and hypertensive states, respectively. In the 2D micro-indentation studies,
the average traction over the boundary is computed as 300 and 450 pa for the normal
and hypertensive state, respectively, which is substantially lower thanwhatwas found
for AVICs in-situ.

3.9 Conclusions

The insights gained from the isolated cell studies were successfully incorporated
into a more physiologically relevant model of the AVIC in-situ. From the macro-
micro modelling approach, the total force and average traction of the AVICs in-situ
is determined. In 3D, AVICs generate greater total and average forces per unit area.
This is hypothesized to be driven by the increased attachment sites available in 3D
compared to 2D cultures.

The layer-specific connectivity of the AVICs is also estimated. Most notably,
AVICs within the ventricularis are estimated to be ∼75% less connected to the ECM
than AVICs in the fibrosa. This offers a possible explanation as to why no significant
change in Eeff was observed from the AV bending experiments when the AVICs were
in a hypertensive state and the AV test specimens were bent in the WC direction
(ventricularis under tension) (Fig. 6b). In contrast, the AVICs in the fibrosa layer are
predicted to bemore connected to the ECMwhich potentially explains the significant
increase in Eeff observed when the AV leaflets are tested in the AC direction under
hypertensive treatments.

The macro-micro model of the AV leaflet described here should be considered a
first pass towards modeling in-situ AVIC mechanical behavior. Recent advances in
micromechanical continuummechanics offers a potential strategy to solve the micro
RVE model analytically which will reduce computational costs [35]. In the future,
the model should also be refined to include realistic cell geometries, and incorporate
the separate contributions of the stress fiber networks (namely α-SMA and F-actin).
In addition, future efforts should also focus on modeling the structural differences
between the fibrosa and ventricularis layers.

4 An Approach to Studying VIC Mechanobiology Using
Tunable Hydrogels

4.1 Overview

Themajority ofVICmechanical andmechanobiological studies have been performed
either on 2D substrates or in suspension. Although insightful, these techniques vastly
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underestimate the complexity of the native heart valves and do not recapitulate the
in-vivo cell environment. Using native tissue for experimentation offers an alterna-
tive to 2D cultures but is also limited in that they cannot be tuned to answer spe-
cific mechanobiological questions nor can the subcellular components of the AVICs
be directly and conveniently visualized. In response to these limitations, synthetic
hydrogels have recently grown in popularity as an alternative method to study cells
within highly tunable and transparent 3D environments. Synthetic hydrogels also
open up the possibility of conducting high-throughput studies using healthy and dis-
eased VICs isolated from human tissue samples. Studies have been conducted to
assess AVIC contractile responses within peptide-modified, poly (ethylene glycol)
(PEG) hydrogels [22] and are summarized in this section.

4.2 Experimental Methods

4.2.1 AVIC-Hydrogel Fabrication

Porcine AVICs were suspended in a hydrogel pre-cursor solution consisting of
norbornene-functionalized PEG, matrix metalloproteinase (MMP)-degradable
crosslinking peptides, CRGDS adhesive peptides, lithium phenyl- 2,4,6 -trimethyl-
benzolphosphinate photoinitiator, and PBS at a concentration of 10millions cells/ml.
The cell seeded hydrogel polymer solution was then pipetted into 10 × 5mm molds
and AVIC-hydrogels were cured under UV light for 3min (Fig. 12). The amount of
MMP-degradable crosslinks and CRGDS peptides were tuned to study the effect of
hydrogel stiffness and adhesive ligand density, respectively, on AVIC contraction.

8-Arm Poly(ethylene glycol) 
Functionalized With Norbornene

Valve Interstitial Cell (VIC)

MMP-degradable crosslinking peptide 
(KCGPQG^IWGQCK)

Adhesive Peptide (CRGDS)

365 nm
UV Light

LAP

(a) (b)

Fig. 12 a The components of the hydrogel pre-cursor solution. b Schematic of the theorized AVIC-
hydrogel internal structure. Figure taken from [22]
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4.2.2 End-Loading, Flexural Deformation Testing

Similar to the bending tests performed on native AV leaflets [32], the AVIC hydrogels
were subjected to repeated flexural deformation tests after treatment with 5mMKCl
(normal), 90mMKCl (hypertensive), and 70%methanol (inactive) for a total of three
flexural tests per specimen (Fig. 13).

The Euler-Bernoulli relation was used for analysis. The change in curvature of
the specimen (�κ) was computed using the position of the fiducial markers. The
moment (M) at the center of the specimen was computed as:

M = P ∗ y (27)

whereP is the end-loading force required to bend the specimen and y is the deflection
of the center marker in the y-direction. From these calculations, moment versus
curvature plots were generated for the AVIC-hydrogel specimens (Fig. 14).

4.3 Finite Element Modeling

From the experimental data, it was observed that the moment-curvature plots for
the AVIC hydrogels were consistently non-linear (Fig. 14). This causes Eeff to be
non-constant and a function of the change in curvature. This posed difficulty towards
selecting an appropriateEeff to compare between hydrogel groups with both different
compositions and different contractile states of the underlying AVICs. To mitigate
this, a finite element model of the bending experiment was developed in FEniCS

Moving Post

Bending Bar

Reference Rod

y

P

Red tracking bead

Fig. 13 Flexural deformation testing of an AVIC-hydrogel. Red fiducial markers were placed along
the length of the hydrogel to track the deformation of the test specimen. Figure taken from [22]
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Hypertensive

Normal

Inactive

Hypertensive

Normal

Inactive

Hypertensive

Normal

Inactive

(a) (b) (c)

Fig. 14 Experimental (dotted line) and simulated (solid line) moment versus curvature plots for a
2.5, b 5, and c 10kPa hydrogels under normal, hypertensive, and inactive conditions. Figure taken
from [22]

[27, 28], and the AVIC-hydrogels weremodeled with a neo-Hookeanmaterial model
with the following strain energy density function:

W = μ

2
(I1 − 3) + 1

2
K(J − 1)2 (28)

where μ serves as a convenient material parameter to compare between hydrogel
groups and contractile levels and is the large deformation equivalent of the shear
modulus and K is the bulk modulus of the material. To enforce incompressibility,
K = μ ∗ 10,000 and the change in volume ratio was subsequently confirmed to be
insignificant. Shear modulus (μ) was determined using a gradient descent algorithm
to minimize the least-square errors between the simulated and experimental moment
vs curvature data (Fig. 14).

4.4 Modeling Results

The percent change in μ from the inactive to the normal state and from the inactive
to the hypertensive state is reported for both the stiffness modulated and CRGDS
adhesive peptide modulated AVIC-hydrogels in Fig. 15.

In the stiffness modulated group, AVICs seeded within 2.5kPa gels displayed
a larger change in stiffness from the inactive to the normal condition and from
the inactive to the hypertensive condition than in the 5 and 10kPa gels (Fig. 15a).
This may be due to an increase in AVIC activation within softer hydrogels and the
development of prominent α-SMA fiber networks that are seen in the fluorescent
images discussed in the next section (Fig. 16). A higher percent change in μ from the
inactive condition to the normal condition within the 2.5kPa gels suggests that the
basal tonus of the AVICs contributes more to the overall construct stiffness than in
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Fig. 15 a The percent change in μ for the stiffness modulated AVIC-hydrogels. b The percent
change in μ for AVIC-hydrogels with varying levels of CRGDS adhesive peptide concentration.
Figure adapted from [22]

5 
kP

a

DAPI F-actin Superimposed

10
 k

Pa
2.

5 
kP

a

Fig. 16 Subcellular AVIC structures imaged directly within the hydrogel using confocal
microscopy (scale bar = 20 µm). Figure taken from [22]
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the higher stiffness hydrogels. Notably, the AVICs in the 5kPa gels produce a larger
change in μ in the hypertensive state than in the 10 kPa gels. However, the basal
tonus (inactive to normal state) remained the same between the two groups.

As CRGDS concentration increased, the effect of AVIC contraction on the hydro-
gel construct flexural stiffness increased as well (Fig. 15b). The most prominent
effects were observed in the 1mM CRGDS group followed by the 0.5 mM CRGDS
group. In the 0mM CRGDS group, AVIC contraction had no positive effect towards
the construct flexural stiffness.

4.5 Visualization of AVIC Cellular Structures Directly Within
the Hydrogel Environment

A separate group of AVIC-hydrogels were stained for α-SMA fibers, the nucleus
(DAPI stain), and F-actin fibers and visualized using confocal microscopy (Fig. 16).
AVICs seeded within softer hydrogels seemed to elongate more than in higher stiff-
ness hydrogels. In addition, AVICs within 2.5kPa gels displayed detectable α-SMA
expression whereas AVICswithin 5 and 10kPa gels did not. This potentially explains
the larger influence of AVIC contraction on hydrogel construct flexural stiffness
within the 2.5kPa group. Complex F-actin fiber networks were present within AVICs
among all hydrogel stiffness groups.

4.6 Conclusions

AVICs establish significant mechanical coupling to the synthetic hydrogel environ-
ment and can effect the overall flexural stiffness of these constructs. The gel sys-
tem is an extremely attractive tool for future mechanobiological studies involving
mechanical conditioning of the AVIC-hydrogels within uniaxial and biaxial stretch
bioreactors. Current work is underway to use the gel system to study the effects of
cyclic uniaxial loading on human AVICs from healthy patients and those with bicus-
pid AVs to investigate the effects of cell deformation in a 3D microenvironment on
AVIC biosynthesis. This is a first pass attempt at modeling the macro level respose
of cell seeded hydrogels in bending. Future work will focus on incorporating the
explicit contraction effects of AVICs within the hydrogel through adapting the cur-
rent AV leaflet macro-micro modeling approach to the hydrogel system and utilizing
the transparency of the gels to inform the model with realistic cell and stress fiber
geometries.
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5 Future Directions

5.1 Modeling of VIC Cell Signaling Pathways

Themacro-micromodeling approach described in Sect. 3 uses the parameterβl
AV IC to

describe the degree of connectivity between theAVIC and the ECMand this approach
has been able to describe somekey aspects of howVICs sense their surroundingECM.
However, a mechanistic view that couples the binding of AVIC receptors to the ECM
and how these events propagate to altered transcription is lacking. Therefore, future
research will be directed toward elucidating the intracellular mechanotransduction
pathways that allow VICs to sense and respond to altered ECM concentrations and
mechanical stimuli via mathematical modeling.

As the major receptors that allow cells to adhere to substrates such as ECM, inte-
grins are key players in VIC mechanotransduction processes. In addition to binding
the ECM, integrins also bind a variety of adapter proteins that provide a structural
link to the actin cytoskeleton, connecting external and internal cellular forces. This
structural linkage has been described as a “mechanical clutch” andwas initially mod-
eled by Chan and Odde [6] and has been recently extended by others (e.g., [11, 16,
47]). These models explicitly incorporate the force on the ECM-integrin-adapter-
actin structural linkage through force-dependent bond lifetimes and the unveiling of
binding sites for structural reinforcement in the adapter. These models are able to
relate substrate rigidity to the maturity of focal adhesion structures developed.

In addition to their structural properties, integrins also signal through proteins such
as focal adhesion kinase (FAK). FAK interacts with many downstream pathways,
including (a) Rho/Rac signaling to alter the actin cytoskeleton [24], (b) Ras/ERK
pathways to dismantle focal adhesions [41], and (c) PI3K/Akt pathways to facilitate
themyofibroblast transition andαSMAproduction [9, 45]. These “pathways” are not
linear cascades; rather, they are influenced by many cross-talk mechanisms, instead
creating a complex signaling network.

The complexity of this integrin-mediated signaling network obfuscates the role of
individual proteins in overall VIC phenotypic transitions. However, reconstructing
these pathways throughmathematical modeling can provide information on the most
influential states or parameters governing these transitions, directing future exper-
iments. Furthermore, such a model can be used to influence cellular biomechanics
models within a multiscale framework.

5.2 A Flexible and Extensible 3D Multi-scale Computational
Modeling Framework

Future computational research will be geared towards robust mechanistic model-
ing of the VICs seeded in the 3D hydrogel systems described in Sect. 4. The tunable
hydrogel system and themulti-scale,multi-resolutionmodeling frameworkwill work
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in concert to elucidate experimentally observed cell and system behavior and ulti-
mately aid in comparing between the synthetic and native VIC environments. Direct
enhancements to the VIC-ECM model described in Sect. 3 include the implementa-
tion of a more realistic cellular geometry, implementation of additional sub-cellular
features such as cell nuclei, a more complex strategy for capturing the cell-ECM
attachment zone, and the consideration of aleatoric uncertainty. With regard to the
ECM fiber network, sub-cellular scale mechanism based material models for ECM
and cell cytoplasm remodeling will be explored [14]. Finally, integrating aspects of
the cell signaling models described in Sect. 5.1 into the finite element framework
will offer a controllable platform to explore potential non-linearities and feedback
loops that rely on spatial information.

With this significant added model complexity, model interpretability will suffer.
And, more computationally expensive models will pose feasibility challenges for
robust simulations at larger spatial scales. To mitigate this, novel strategies for model
interpretability are required [25]. One key strategy will be defining experimentally
relevant quantities of interest, and running global sensitivity analysis to understand
the relative contributions of different model input parameters [18, 26, 42]. Another
key strategywill be developing and incorporating appropriatemethods formulti-scale
and multi-resolution model integration. Looking forward, the computational model
and associated techniques developed to meet these challenges should be extensible
to modeling other experimental systems.
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Modeling the Structural and Mechanical
Properties of the Normal
and Aneurysmatic Aortic Wall

T. Christian Gasser

Abstract The structural properties of the Extracellular Matrix change in response
to many factors, such as mechanical stress, age, disease and lifestyle. The ECM
ensures not only the vessel wall’s structural integrity, but it also defines the micro-
mechanical environment within which vascular cells are embedded and to which
they respond. Its mechanical properties are governed by the delicate interaction of
elastin, collagen, ProteoGlycans, fibronectin, fibrilin and other, constituents which
are synthesized by vascular cells and degraded,mainly byMatrixMetalloProteinases.
The present chapter discusses the structural organization of the vessel wall towards
the multi-scale mechanical characterization of the aneurysmatic aorta. It is assumed
that aneurysmatic vessel wall properties are mainly governed by collagen fibrils,
with their undulation and orientation being the most influential micro-histological
parameters. Purely passive constitutive descriptions are further complemented by
collagen turnover kinetics, and all models are set-up such that they may be used for
organ-level vascular biomechanics simulations.

1 Introduction

Vascular diseases are among the leading causes of death in industrialized countries
and associated risk factors, such as obesity, diabetes, and life expectancy are increas-
ing. Current clinical options are somewhat limited, and therefore there is clearly an
urgent need for multi-disciplinary approaches to improve our current understanding
of vascular diseases. Biomechanical conditions play a key role in the genesis and
development of vascular diseases [1] and the identification of the specific causative
links between biomechanics and biochemistry may help advance our current view
of physiology and pathology.
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Continued advances in computer technology and computational methods allow
us to nowadays model patient-specific problems, where the nonlinear Finite Element
Method (FEM) effectively solves the governing, and often strongly coupled mechan-
ical problems. The FEM allows for the incorporation of the inherent non-linearity
of related problems and also combines synergetically with medical imaging. Conse-
quently, computer simulations have become highly significant in the exploration of
vascular biomechanics phenomena. Although, to some extent, traditional mechan-
ics concepts are directly applicable to the solution of such problems, they remain
a modeling challenge due to complex spatial domains, constitutive nonlinearities,
and coupling among structural, fluid, chemical and electrical fields. Specifically, the
inherent property of biological tissue to adapt to mechanical and chemical environ-
ments remains a challenging modeling task.

The present chapter discusses the mechanical characterization of the normal and
the aneurysmatic vessel wall. During the first part, the histology and the physiolog-
ical function of vessel wall layers are reviewed, with the focus on the Extracellular
Matrix (ECM) components elastin and collagen. Specifically, their structure orga-
nization within the vessel wall, their synthesis by vascular cells, and their degrada-
tion by Matrix MetalloProteinases (MMPs) are of particular interest. Subsequently,
some macroscopic properties of the normal and the aneurysmatic aorta are reported,
always in relation to the vessel wall’s histology and morphology. The last part of
this chapter is dedicated to the mechanical modeling of the aneurysmatic aorta, and
followsLanir’s general framework of fibrous biological tissues [2]. Here, themacro-
scopic mechanical properties are governed by collagen fibers, with their undulation
and orientation being the most influential micro-histological parameters. Together
with the fibers’ mechanical properties, they determine the macroscopic tissue prop-
erties, which are derived through two nested integrations: one over the undulation
and another one over the fibers’ spatial orientation. Under certain assumptions, time-
consuming numerical integrations can be avoided, which in turn allows such models
to be used for organ-level vascular simulations. The initially purely passive descrip-
tion of the aneurysmatic aortic wall is enriched further through the modeling of
collagen turnover, and the expansion of an Abdominal Aortic Aneurysm (AAA) over
time is simulated.

2 Histology and Morphology of the Vessel Wall

ECM components, such as elastin, collagen, ProteoGlycans (PGs), fibronectin and
fibrilin ensure the vessel wall’s structural integrity, whilst vascular cells, such as
Endothelial Cells (EC), SmoothMuscle Cells (SMC), fibroblasts and myofibroblasts
maintain its metabolism, and thus generate building blocks that in turn form the
ECM. In parallel, ECM components in the vessel wall are continuously degraded,
mostly by MMPs [3]. Both processes together determine the continuous turnover of
tissue constituents, which in turn establishes the growth and remodeling of the vessel
wall. The vessel’s geometrical, histological and mechanical properties change along
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the vascular tree, likely in an effort to maintain conditions for optimal mechanical
operation [4]. However, vessel wall properties also alter in response to a plethora of
other factors, such as age, disease and lifestyle.

2.1 Vessel Wall Layers

The vessel wall is built-up by intimal, medial and adventitial layers that are separated
by the elastica lamina interna and the elastica lamina externa, see Fig. 1.

Situated inner to the elastica lamina interna, the intima is the innermost layer,
see Fig. 1. It is formed by the endothelium resting on a thin basal membrane and a
subendothelial layer made of ECM. The basal membrane provides physical support
for ECs and mechanically decouples their shear deformation from the deformation
of the vessel wall. This allows ECs to sense and in turn respond to Wall Shear Stress
(WSS). In addition, ECs provide an anti-thrombogenic and low-resistance lining
between blood and vessel tissue. In non-diseased large vessels, the structural impact
of the intima is often negligible.

Situated between the elastica lamina interna and the elastica lamina externa, the
media is the middle layer of the vessel wall, see Fig. 1. It consists of a complex 3D
network of SMCs, elastin, collagen fibers and fibrils, and other connective tissue.
These structural components are preferentially aligned along the circumferential
vessel direction [5, 6] and organized in repeating Medial Lamellar Units (MLUs)
of 13–15 (µm) in thickness [6–8]. The thickness of MLUs is independent of the
radial location in the wall and the number of MLUs increases with increasing vessel
diameter. The tension carried by a single MLU in the normal vessel wall remains
constant at approximately 1.6–2.4 (N m−1) [7]. The media’s layered structure is
gradually lost towards the periphery, and a discrete laminated architecture is hardly
present in muscular arteries or smaller veins. The high SMC content in the media
equips it with excellent vasoactivity, a property that is especially important in smaller
vessels in order to regulate blood streams. Additionally, differentiated SMCs in the
media synthesize ECM constituents.

Situated outside of the elastica lamina externa, the adventitia is the outermost
vessel wall layer, see Fig. 1. It consists mainly of FibroBlasts (FBs) embedded in an
ECM of mainly thick bundles of collagen fibrils and some other connective tissue.
The adventitia shields the vital medial layer from overstretching and anchors the
vessel to surrounding tissue. FBs in the adventitia continuously synthesis ECM. The
adventitia also hosts nerves running to the SMCs in the medial layer, as well as the
vasa vasorum, as a means to perfuse not only the adventitia itself, but also the outer
media. The intima and the inner media are perfused by the radial convection of fluid
that arises due to the pressure gradient between the circulation and the interstitial
pressure in the adventitia.

The thickness of the media and the adventitia depends strongly on the physi-
ological function of the blood vessel and its topographical site. The thickness of
vessel wall layers, especially the one of the intima is influenced by factors, such as
atherosclerosis and age.



58 T. C. Gasser

The adventitia is formed by thick bund-
les of collagen fibers, fibroblasts and  a 
few elastin fibers. Fibers in the adventi-
tia are highly dispersed in orientations

The media is formed by Medial Lamel-
lar Units (MLU) within which elastin 

fibers, collagen fibers and SMC  fibers 
are predominanltly aligned along the 

circumferential direction 

Collagen fibrils and fibers
Elastic lamina externa

Smooth Muscle Cell (SMC)

Elastin fiber
Elastic lamina interna

Endothelial cell 

Fibroblast cell 

Collagen fibril

Proteoglycan bridges 

Collagen fibers are assembled by 
interlinked  collagen fibrils of diffe-
rent undulations

Elastin is organized in sheets with a 
fibrous surface, in a rope-like interlamellar 
elastin fibers, and as thick radial struts

Elastin fibers are assembled by an amor-
phous core of highly cross-linked elastin
protein and an outer mantle of highly undu-
lated and cross-linked fibrillin

Elastin core 

Microfibril

Cross-link

Thick radial strut

Elastin fiberElastin sheet

100 nm

3 µm

5 mm

  2 µm

200 nm

Collagen fibrils are assem-
bled by interlinked collagen 
triple helix molecules

Fig. 1 Histological idealization of the normal aorta. It is composed of three layers: intima (I), media
(M), adventitia (A). The intima is the innermost layer consisting of a single layer of endothelial
cells, a thin basal membrane and a subendothelial layer. Smooth Muscle Cells (SMCs), elastin and
collagen are key mechanical constituents in the media, and in the human aorta these constituents
are arranged in up to 60 Medial Lamellar Units (MLUs) of the thickness of 13–15 (nm). In the
image, only three MLUs are shown. In the adventitia the primary constituents are collagen fibers
and fibroblasts. Collagen fibers with a thickness in the range of micrometers are assembled by
collagen fibrils (50–300 (µm) thick) of different undulations. Load transition between collagen
fibrils is maintained by Proteoglycan (PG) bridges. Elastin fibers with a thickness of hundreds
of nanometers are formed by an amorphous core of highly cross-linked elastin protein that is
encapsulated by 5 (µm) thick microfibrils. Elastin fibers are organized in thin concentric elastic
sheets, in a rope-like interlamellar elastin fibers, and as thick radial struts

2.2 Cells in the Vessel Wall

Vascular cells, such as ECs, SMCs, and FBs, sense and respond to mechanical loads
and thus allow the vessel to undergo changes during normal development, ageing,
and in response to disease or to implanted devices.

ECs have a half-life time of one to three years. They are constantly exposed to
WSS, in response to which they secrete vasoactive agents that control the tonus of
adjacent contractile SMCs. ECs present as a non-thrombotic surface to prevent blood
from clotting.

SMCs are layered within each MLU in the media. They are aligned with the
circumferential direction and at a radial tilt of approximately 20◦ [6, 9]. SMCs are
involved inmany vascular diseases, such as artherosclerosis, restenosis, hypertension
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and aneurysm disease. In their contractile phenotype, vascular SMCs contract in
response to electrical, chemical or mechanical stimuli, and actively influence aortic
diameter [10]. Whilst in their synthetic phenotype, SMCs respond to injury, diseases
or remodeling throughmigration, proliferation, and different kinds of proinflamatory
and secretary responses. SMCs switch between phenotypes in response to environ-
mental cues, where pulsatility and blood pressure appear to determine SMC phe-
notype in the aorta. Contractile SMCs are quiescent, and thus do not proliferate. In
contrast, at their synthetic phenotype, SMCs have a high migration and proliferation
rate, which enables them to effectively respond to injury and the like.

FBs and SMCs can produce ECM proteins, mainly collagen and elastin, and
secrete MMPs to facilitate remodeling. Additionally, ECs and SMCs are able to
produce a variety of immune and inflamatory mediators, and thus stimulate the
migration of immune cells and inflamatory cells from the blood into the vessel wall
tissue.

3 The ECM’s Role in Vessel Wall Mechanics

The ECM provides an essential supporting scaffold for the structural and functional
properties of vessel walls. The three-dimensional organization of ECM constituents,
such as elastin and collagen is vital to the accomplishment of proper physiological
functionality. Therefore, the ECM, rather than being merely a system of scaffolding
for the surrounding cells, is an actively evolving mechanical structure that controls
the micro-mechanical and macro-mechanical environments to which vascular tissue
is exposed. Consequently, the ECM’s mechanical properties control the amount of
stress and strain that is transmitted from the macroscopic to the cellular levels of
vascular tissue.

Collagen is one of the most dominant structural proteins in the ECM and has a
large impact upon its mechanical properties. Sixty years ago Roach and Burton
[11] reported that collagen is the main determinant of the mechanical properties of
arterial tissue at high strain levels. In contrast to collagen, elastin determines the
mechanical properties of arterial tissue at low strain levels and plays an important
role in the recoiling of the vessel wall during the diastolic phase of the cardiac cycle.

3.1 Collagen Structure and Function

Collagen of the types I, III, and IV are found in the vessel wall, where veins tend
to have higher collagen contents than arteries. The fibrilar types I and III constitute
most of the collagen in the wall, of which type I accounts for 50–70%. Type IV is
mainly seen in the basal membrane and surrounding SMCs. Collagen is in a con-
tinuous state of deposition and degradation, with a normal half-life of 60–70days
[12]. Physiological maintenance of the collagen structure relies upon a delicate (cou-
pled) balance between degradation (mainly through MMPs, collectively known as



60 T. C. Gasser

collagenases) and synthesis by cells, such as SMCs, FBs and myofibroblasts [13].
Collagen is synthesized throughout the lifespan, and in the normal vessel, it leads to
collagen of stable quality.

Collagen gives stiffness, strength and toughness to the vascular wall. Earlier obser-
vations indicated that the collagen-rich abdominal aorta is stiffer than the collagen-
poor thoracic aorta [14, 15], and later, the regional variations of aortic properties
has been specifically documented [16]. Numerous further references can be found
in the seminal works of Fung [17] and Humphrey [18]. Other than the amount of
collagen in the wall, its spatial orientation [19], as well as the variation in orien-
tations [20], strongly influences the macroscopic mechanical properties of vascular
tissue. At Mean Arterial Pressure (MAP), only about 6–7% of collagen fibers are
mechanically engaged [21, 22].

Collagen fibrils range from fifty to a few hundreds of nanometers in diameters.
They are the basic building block of many fibrous collagenous tissues [19], and
their organization into suprafibrilar structures highly influences the vessel wall’s
macroscopic mechanical properties. Within the MLU, collagen fibrils or bundles of
fibrils (10–40 fibrils per bundle) run in parallel, closely enveloping the SMCs [6].
The collagen fibers are not woven together but aligned in parallel, very much like in
a tendon or ligament, a factor that most likely enables the vessel wall to better cope
with mechanical load [6].

To ensure the collagen fibers’ structural integrity, the fibrils within it have to be
mechanically interlinked. Currently it is unclear how fibrils are interlinked, but it is
thought that PG-bridges [23, 24] could potentially support interfibrillar load tran-
sition. Specifically, small PGs, such as decorin, bind noncovalently but specifically
to collagen fibrils and cross-link adjacent collagen fibrils at about 60 (nm) inter-
vals [23]. Reversible deformability of the PG bridges is crucial to them serving as
shape-maintaining modules [23] and, fast and slow deformation mechanisms have
been identified. The fast (elastic) deformation is supported by the sudden exten-
sion of about 10% of the L-iduronate (an elastic sugar) at a critical load of about
200 (pN) [25]. The slow (viscous) deformation is based on a sliding filament mech-
anism of the twofold helix of the glycan [23], and may explain the large portion
of macroscopic visco-elasticity observed from collagen. PG-based cross-linking is
supported by many experimental studies which show that PGs play a direct role
in inter-fibril load sharing [23, 26–28], and this has been further verified through
theoretical investigations [29–31]. However, the biomechanical role of PGs is still
somewhat uncertain, and some data indicates minimal PG contribution to the tensile
properties of the tissue [29, 32, 33]. Whilst all these information relates to tendon
and ligaments, no such information of vascular tissue has been reported.

3.2 Elastin Structure and Function

Elastin functions in partnershipwith collagen, andmainly determines themechanical
properties of the vessel wall at low strain levels [11]. In arteries, elastin is important
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Fig. 2 Variationof geometrical properties andhistological compositionof the porcine aorta reported
elsewhere [16]. a Change of outer aortic diameter together with the thicknesses of the medial and
the adventitial layers. The intimal layer thickness covers less than 1% of the total wall thickness.
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area density represents the area that is covered by a constituent in histological stains. (Asc.Thor. -
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to recoil the vessel during each pulse cycle. Elastin is predominantly seen in the
media, see Fig. 2b. It is organized as 1.0–2.0 (µm) thick concentric sheets (71%),
100–500 (nm) thick rope-like interlamellar elastin fibers (27%) and about 1.5 (µm)
thick radial struts (2%) [6, 8, 34]. The elastin sheets encapsulate the MLUs, but they
are perforated and gusseted by elastin fibers.

Microscopy studies also indicate that elastin is made-up of repeating self-similar
structures at many length-scales [35]. Elastin fibers are composed of two significant
components: 90% of which is an amorphous core of highly cross-linked elastin
protein and the remaining 10% is a fibrillar mantle of about 5 (nm) thick microfibrils
[36, 37]. Many elastin molecules are cross-linked and connected to each other and
other molecules, including microfibrils, fibulins, and collagen.

Elastin is synthesized and secreted by vascular SMCs and FBs, a process that
normally stops soon after puberty once the body reachesmaturity. Although the dense
lysyl cross linkingmakes elastin fibrils extremely insoluble and stable (half-life times
of tens of years [38]), elastinmay be degraded by selectiveMMPs, collectively known
as elastases. Elastases cause disruption of elastin fiber integrity and subsequently
diminishes tissue mechanical properties. Elastin is a critical autocrine factor that
maintains vascular homeostasis through a combination of biomechanical support
and biologic signaling, see [1] and references therein. Whilst elastin degradation is
related to several diseases, such as atherosclerosis, Marfan syndrome, Cutis laxa, it is
also important for many physiological processes. Amongst them are growth, wound
healing, pregnancy and tissue remodeling [39], and thus the proteolytic degradation
of elastin may have important consequences for normal elastogenesis and repair
processes [40]. Repair of protease-damaged elastin can occur, but does not appear
to produce elastin of the same quality as when originally laid down during primary
vascular growth [41].

Elastin and rubber share some mechanical similarities. For example, both mate-
rials are highly deformable, entropic-elastic, and go through a glassy transition.
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However, elastin’s hydrophobic interactions are a determining factor in its elasticity,
such that elastin is only elastic when swollen in water [40].

4 Normal Aorta

The aorta is the first arterial segment of the systemic blood circulation, directly
connected to the heart. The aorta is the largest artery in the human body and may
be divided into the ascending and descending thoracic as well as abdominal aortic
segments, respectively. At its origin the aorta has a diameter of about 3 (cm), which
reduces to about 1.8–2 (cm) in the abdomen. Due to its prominent role, the aorta is
one of the most investigated vessels.

The aorta’s pressure-diameter property is of critical importance to the entire car-
diovascular system and determines the non-linearity of its pressure-flow relationship
[42]. The aorta contributes almost the entire capacity of the cardiovascular system,
and thus defines itsWindkessel properties, see [43] and references therein. The aortic
volume compliance C = ΔV/Δp is constant over a wide range of pressures p, and
the thoracic aorta alone contributes 85% to the overall aortic compliance [44].

The properties of aortic wall tissue vary depending upon its location within the
vasculature. Figure2 illustrates the variation of some properties from the ascending
to the abdominal aortic segments. The aorta’s circumferential stiffness is highest at
the level of the diaphragm [44, 45] and might also be higher in males than in females
[46]. The thick and collagen-rich adventitial layer of the abdominal aorta leads to the
observed heightened stiffness of the abdominal aorta in comparison to the thoracic
aorta. The aorta’s elastic properties as well as its strength are discussed in relation to
aneurysmal disease in Sect. 5. Analyzing in-vivo pressure-diameter properties of the
abdominal aorta revealed that the load-bearing fraction of collagen between diastole
and systole oscillates between 10 and 30%, respectively [47]. In humans, the aorta
is axially pre-stretched at about 5% [47], a property that, however, changes with age
[48] and between the different aortic segments [44].

The aorta is highly vulnerable to aging, such that age-related increase in diameter
and stiffness [13, 47, 49, 50] are much more pronounced in the aorta than in other
vessels. Specifically, the amount of elastin in the wall decreases, while collagen and
MMP-2 increases. In addition, the aged aortic wall is thinner, exhibits splitting and
the fragmentation of the MLUs, and increased levels of glycation of elastin and
collagen cross-linking.

5 Aneurysmatic Aorta

An aneurysm is a local dilatation of an artery by at least 1.5 times its normal diame-
ter. Although every artery can become aneurysmatic, the infrarenal abdominal aorta
seems to be most vulnerable to this disease, and frequently develops an AAA. The
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formation of AAAs is promoted by factors such as age, male gender, family suscep-
tibility, high mean arterial blood pressure and smoking. If left untreated, an AAA
progresses in time until the wall stress eventually exceeds the failure strength of the
degenerated aortic tissue, and the AAA ruptures.

AAAs are the end-result of irreversible pathological remodeling of the ECM [51,
52]. Specifically, the walls of larger AAAs show [1, 51, 53–55] (i) degradation of the
elastin, (ii) compensatory increased collagen synthesis and content, (iii) excessive
inflammatory infiltration, and (iv) apoptosis of vascular SMC. It is widely accepted
that loss of elastin (and possibly SMC) triggers initial dilatation, while collagen
turnover promotes enlargement and local wall weakening that eventually leads to
wall rupture [51].

Due to its high clinical relevance, the aneurysmatic infrarenal aorta has been
extensively studied. Along with the development of aneurysm disease, the well-
defined organization of the normal vessel wall shown in Fig. 1, is lost. Often in
larger AAA it is not even possible to distinguish between individual vessel wall
layers, such as intima, media and adventitia. The entire wall seems to resemble a
fibrous collagenous tissue similar to the adventitial layer in the normal aorta [5]. In
nearly all AAAs of a clinically relevant size, an Intra-Luminal Thrombus (ILT) forms
[56]. The ILT is a pseudo-tissue that develops from coagulated blood and has solid-
like properties [57, 58]. It is composed of a fibrin mesh, traversed by a continuous
network of interconnected canaliculi and contains blood cells, such as erythrocytes
and neutrophils as well as aggregated platelets, blood proteins, and cellular debris
[59, 60]. It creates an environment for increased proteolytic activity [61, 62] that
may be linked to the observed weakening [63] and thinning [53] of the vessel wall.

As already indicated by the AAA wall’s inhomogeneous patho-histology [64],
its strength also shows significant inter-patient and intra-patient variabilities [65].
Whilst some of the factors influencing aortic wall strength are known [66–70],
much remains unclear and the experimentally measured strength is highly scattered.
Table1 illustrates this by summarizing some of the reported AAA wall strength and
thickness data. On average, the wall withstands a stress of 865 (SD 390) (kPa) and
it is 1.6 (SD 0.6) (mm) thick. The aneurysmatic aorta is weaker than the normal
infrarenal aorta, which is reported to have a strength of 1210 (SD 330) (kPa) [71]
or even 1710 (SD 140) (kPa) [72]. The normal thoracic aorta is slightly stronger,
with strengthes of 1950 (SD 600) (kPa) [73] and 1470 (SD 910) (kPa) [74] reported
for the descending thoracic and midthoracic aortic segments, respectively. However,
very limited experimental data is available for the Thoracic Aortic Aneurysm (TAA)
wall, some of which is listed in Table2. The aforementioned wall strength infor-
mation is, with very few exceptions [75], commonly derived from uniaxial tensile
testing, which unfortunately does not reflect the biaxial in-vivo loading of the AAA
wall.

AAA wall strength and thickness are strongly negatively correlated [65, 67],
which is also seen from the data in Table1. Consequently, the local variations of
wall thickness and strength may at least partly compensate for each other, which
could explain the reasoning behind why wall stress multiplied with wall thickness
has been suggested to be a more robust rupture risk predictor [86]. The inverse
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Table 1 Abdominal Aortic Aneurysm (AAA) wall thickness and wall strength measured from in-
vitro tensile testing.Thenumber of test samples is denotedbyNand some further cohort specification
is listed.

Reference Sample specification Thickness (mm) Strength (MPa)

[76] N = 31; fibrous 1.2 1.2

N = 38; partly calcified 1.5 0.87

[77] N = 28 1.18 –

[78] N = 83 – 0.81

[79] N = 26 1.32 –

[80] N = 25; AAA diam. <55 (mm) 1.53 0.77

N = 65; AAA diam. >55 (mm) 1.58 1.03

[81] N = 76 – Female: 0.68

Male: 0.88

[65] N = 163 1.57 1.42

[82] N = 374/48 1.48 1.26

[83] N = 14 1.5–1.9 Long.: 0.93

Circ.: 1.15

[66] N = 16 2.06 0.57

[84] Anterior: N = 29 2.73 Long.: 0.38

Circ.: 0.52

Lateral: N = 9 2.52 Long.: 0.51

Circ.: 0.73

Posterior: N = 9 2.09 Long.: 0.47

Circ.: 0.45

[85] Intact AAA: N = 26 2.5 0.82

Ruptured AAA: N = 13 3.6 0.54

[86] Intact: N = 278/56 1.5 0.98

Ruptured: N = 141/21 1.7 0.95

[87] Long.: N = 45 – 0.86

Circ.: N = 19 – 1.02

[63] ILT layer thick. >4 (mm): N = 7 – 1.38

ILT layer thick. <4 (mm): N = 7 – 2.16

Circ. - circumferential; Long. - longitudinal; ILT - intra-luminal thrombus

correlation between wall strength and thickness may also justify the commonly-used
uniform wall thickness employed in AAA biomechanics simulations.

Besides its strength, the elastic properties of theAAAwall also differ considerably
from the normal aorta. Figure3 shows equi-biaxial tensile properties extracted from
data reported elsewhere [79]. It illustrate that the AAA wall is considerably stiffer
than the aged but still normal abdominal aorta.
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Table 2 Thoracic aortic aneurysm (TAA) wall thickness and wall strength measured from in-vitro
tensile testing. The number of test samples is denoted by N and data for Tricuspid aortic valve
(TAV) and Bicuspid aortic valve (BAV) anatomy is reported separately.

Reference Sample specification Aortic valve anatomy Strength (MPa)

[88] N = 163 TAV Long.: 0.54

Circ.: 0.961

BAV Long.: 0.698

Circ.: 1.656

[67] N = 27 TAV 0.878

BAV 1.310

Circ. - circumferential; Long. - longitudinal
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Fig. 3 Elastic properties of the normal aorta wall (a) and the Abdominal Aortic Aneurysm (AAA)
wall (b). Data reflects equi-biaxial tension and has been extracted from in-vitro experimental tissue
characterization reported in the literature [79]. The thick solid line and the shaded area represents
the median and the domain within which approximately 75% of the data falls, respectively

5.1 Collagen Fiber Orientation in the AAA Wall

In large, and thus clinically relevant AAAs, elastin is degraded and fragmented, and
collagen is the only remaining protein able to carry the mechanical load. Conse-
quently, the structural organization of collagen in the AAAwall is of primary impor-
tance to AAA wall mechanics. Collagen is intrinsically birefringent and Polarized
LightMicroscopy (PLM) provides an ideal method for its detection and analysis [89–
91]. Enhanced by picrosirius red staining, PLM provides a clear qualitative image
of the organization of collagen. Combined with a Universal Rotary Stage (URS),
it even allows a quantitative representation of the 3D collagen fiber organization
[5, 92, 93].

The orientation of a collagen fiber, or a coherent bundle of fibers, in the 3D space
is uniquely defined by its azimuthal angle θ and its elevation angle φ, which are
measured by (in-plane) rotating and (out-of-plane) tilting the URS, respectively. In
order to acquire robust experimental data, it is required to measure the collagen
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orientation of a large number of data points covering a representative section of the
vessel wall. This makes 3D PLM measurements very labor intensive. However, in
combination with image processing, the acquisition of the azimuthal collagen fiber
distribution can be highly automatized [94].

Themeasurements fromPLMmay be represented by frequency plots, and then fit-
ted to an Orientation Density Function (ODF), such as the BinghamODF [5, 95, 96]

g(θ, φ) = c−1 exp[κ1(cos θ cosφ)2 + κ2(cosφ sin θ)2]. (1)

Here, κ1 and κ2 are parameters that determine the shape of the ODF, whilst c is used
to normalize it, such that

∫ π/2
φ=−π/2

∫ π/2
θ=−π/2 g cosφdφdθ = 1 holds. This condition is

satisfied for

c(κ1, κ2) = √
π

∞∑

i, j=0

Γ (i + 1
2 )Γ ( j + 1

2 )κ
i
1κ

j
2

Γ (i + j + 3
2 )i ! j !

(2)

where Γ and i ! denoted the Euler gamma function and the factorial of i , respectively.
The identified collagen ODF of the AAA wall is shown in Fig. 4. The light-blue sur-
face denotes the experimentally-measured data, whilst the red surface illustrates
the Bingham ODF with parameters κ1 = 11.6 and κ2 = 9.7, respectively. Details
regarding the applied optimization method for parameter estimation are given else-
where [5].

The Bingham distribution is symmetric g(φ, θ) = g(φ + π, θ + π), and able to
capture a large spectrum of distributions. Specifically, it accounts for different fiber
dispersions in the tangential and cross-sectional planes, and it has more flexibility
than a transversely isotropic distribution, suggested earlier to model the collagen
fiber organization in the arterial wall [20].

Fig. 4 Bingham Orientation
Density Function (ODF)
with κ1 = 11.6 and κ2 = 9.7
(red) fitted to the
experimentally-measured
fiber orientation distribution
(light-blue) in the
Abdominal Aortic Aneurysm
(AAA) wall

O
D

F 

Azimuthal angle Elev
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6 Constitutive Modeling of AAA Tissue

Constitutive modeling of vascular tissue is an active field of research and numerous
descriptions have been reported. The phenomenological approaches [97–101] have
been successfully used to fit experimental data, but cannot allocate stress or strain to
the different histological constituents in the vascular wall. Structural constitutive
descriptions [2, 20, 102–107] overcome this limitation and integrate histological
and mechanical information of the arterial wall.

TheAAAwall is essentially a collagenous tissue, andLanir’s constitutive frame-
work [2] seems ideally suited to describe the mechanics of such a tissue. This pow-
erful approach allows the integration of the undulation, orientation and stiffness of
collagen fibers. It assume that the tissue’s Cauchy stress is the superposition of the
individual collagen fiber contributions, according to

σ = 2

π

π/2∫

φ=0

π/2∫

θ=0

g(φ, θ)σ (λ)dev(m ⊗ m) cosφdφdθ + pI. (3)

Here, m = FM/|FM| denotes the spatial orientation vector of the collagen fiber, and
pI being the hydrostatic stress contributionwith the hydrostatic pressure p serving as
a Lagrange parameter to enforce incompressibility. In equation (3) the constitution of
the collagen fiber is incorporated through its Cauchy stress σ(λ), and the integration
is taken over the unit sphere, see Fig. 5.

Equation (3) can be numerically integrated by spherical t-designs, and thus

π/2∫

φ=0

π/2∫

θ=0

f (θ, φ)dφdθ ≈ 4π

lint

lint∑

i=1

f (θi , φi )

Fig. 5 Integration over the
unit sphere. The Cartesian
base vectors eθ , ez, er denote
the circumferential, axial and
radial vessel wall directions,
respectively. The tangential
plane is formed by the
vessel’s circumferential eθ

and axial ez directions.
Elevation φ and azimuthal θ
angles determine the fiber
direction M in the vessel
wall

Circumferential 
vessel direction

Tangential 
vessel plane
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with lint denoting the total number of integration points distributed over the unit-
sphere. A spherical t-design integrates a polynomial expression f (θ, φ) of degree
≤ t exactly [108], with further details regarding the numerical integration given
elsewhere [109].

Finally, collagen fibers are embedded in an isotropic and soft matrix captured
by a neoHookean strain energy ψ = μ(I1 − 3)/2 per unit reference tissue volume.
Here, I1 = trC denotes the first invariant of the right Cauchy-Green strain C, and μ

is a stress-like material parameter. In larger AAA, the matrix contribution is almost
negligible, but helped to stabilize the numerical computations.

6.1 A Passive Histomechanical AAA Wall Model

Each collagen fiber within the AAA wall is assembled by a bundle of collagen
fibrils mutually interconnected by PG bridges [23, 24] that provide interfibrillar
load transition, see Sect. 3.1. This structural view defines a basic load carrying unit,
termed the Collagen Fibril ProteoGlycan-complex (CFPG-complex). Stretching a
collagen fiber involves the continuous recruitment of collagen fibrils, such that they
gradually start carrying a load. A straightening stretch λst defines the stretch, beyond
which the collagen fibril is stretched elastically and elastic energy is stored in the
CFPG-complex.

6.1.1 Finite Strain Kinematics

Finite deformation kinematics was considered, where the unit direction vector M
denotes the local collagen fiber direction in the reference configuration Ω0, see
Fig. 6. The deformation gradient Fst i relates to the straightened i-th collagen fibril:
it mapped its crimped referential configuration into a straight, but still unstressed
intermediate configuration Ωst i . In contrast the deformation gradient Fc i records
deformation relative to Ωst i and maps the fibril to its spatial configuration Ω . Here,
the intermediate configuration serves as a local reference configuration, with fibril
stretch λc i and fibril tension Tc i = 0, relative to which the fibril deforms elasti-
cally. Consequently, multiplicative kinematics relates the continuum deformation
F = Fc iFst i to the sub-deformations Fc i and Fst i , respectively.

For simplicity and due to the lack of micro-structural data it was assumed that
those collagen fibrils that formed a collagen fiber straightened according to a sym-
metric triangular PDF [110]. Specifically, the first and last fibrils within a collagen
fiber straightened at fiber stretches λmin and λmax, respectively. Finally, affine defor-
mation between the continuum and the collagen fiber, such that λ = |FM| = |m|,
was considered.
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Fig. 6 Multiplicative
kinematics of the collagen
fiber reinforced tissue.
Configurational map, where
the intermediate
configuration Ωst i separates
the straightening and the
stretching of the i-th
collagen fibril. A collagen
fiber is thought to be
assembled by a number of
undulated collagen fibrils x1

x2

x3

6.1.2 Constitutive Description of the CFPG-Complex

The first Piola-Kirchhoff stress in the intermediate configuration is the most conve-
nient metric to formulate a collagen fibril constitutive model [112]. Collagen fibrils
have an approximately linear stress-stretch property [113, 114], which is captured
by the first Piola-Kirchhoff stress Tc i = klogλc i in the logarithmic stretch domain.
Here, λc i = λ/λs denotes the stretch of the i-th fibril with respect to its intermedi-
ate configuration Ωst i , see Fig. 6. It was assumed that the same constitutive relation
also describes the i-th CFPG-complex. Considering the continuous recruitment of
collagen fibrils, the first Piola-Kirchhoff stress may be expressed by

T (λ) =
λ∫

0

k

x
CDF(x)dx, (4)

where CDF(x) denotes the Cumulative Density Function of the triangular PDF.
Integrating this expression yields piece-wise analytic expressions for the first Piola-
Kirchhoff stress T (λ) of a collagen fiber, and so far we have not imposed incom-
pressibility of the collagen fiber.

Limiting the fiber model to incompressibility, the expression (4) defines the
Cauchy stress σ(λ) = ∫ λ

0 kCDF(ξ)dξ , through which integration led to the very
simple analytical expressions

σ(λ) =

⎧
⎪⎪⎨

⎪⎪⎩

0, 0 < λ ≤ 1,
k 2
3a2 (λ − 1)3, 1 < λ ≤ b,

k[λ − 2
3a2 (λ − λmax)

3 − b], b < λ ≤ λmax,

k(λ − b), λmax < λ ≤ ∞.

(5)

Here, the abbreviations a = λmax − 1 and b = (λmax + 1)/2 have been used, and
the expression 5 exhibits the typically non-linear property of vascular wall tissues.
Whilst the derivation of 5 followed the framework proposed elsewhere [112], an
earlier derivation [104] used different assumptions and found the identical analytical
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expressions, but instead of the Cauchy stress, they defined the first Piola-Kirchhoff
stress of the collagen fiber. In any case, with the application to AAA tissue, which
is known to deforms in the range of 5%, the distinction between T (λ) and σ(λ) is
negligible.

The outlined model has been extended to supra-physiological loading and applied
to tendon failure [112]. To this end, it considered the rupture of collagen fibrils once
a predefined failure stretch λf is reached, which is thought to be another material
property.

6.1.3 Parameter Identification and Model Validation

The proposed model for vascular tissue used the parameters κ1, κ2 to describe the
orientation, and the parameters k, λmin, λmax to describe the stretch-stress properties
of a collagen fiber. These parameters have been identified from macroscopic planar
biaxial testing of AAA wall tissue [79], where λc and λa denotes the circumfer-
ential and axial tissue stretches, respectively. Introducing the deformation gradient
F = diag[λc, λa, (λcλa)

−1] of biaxial deformation of an incompressible solid, and
expressing theorientationof the collagenfiberM = [cosφ cos θ sin θ sin φ cos θ ]T
through the azimuthal and elevation angles, the circumferential σc and axial σa

Cauchy stresses read

σi = 2

π

π/2∫

φ=0

π/2∫

θ=0

g(φ, θ)σ (λ)(aii − arr) cosφdφdθ; i = c, a. (6)

Here, acc, aaa and arr were the diagonal coefficients of the spatial tensor a =
m ⊗ m = (FM) ⊗ (FM). The data from biaxial AAA tissue characterization [79]
has been complemented with the Bingham ODF g(φ, θ) using the parameters
κ1 = 11.6 and κ2 = 9.7, see Fig. 4. Consequently, the expressions (6) permitted the
estimation of k, λmin, λmax from the reported experimental data [79] through least-
square optimization. All details are given elsewhere [5].

In order to achieve a reasonable agreement with the experimental AAA wall data
[79], it was essential that collagen fibers changed their properties with respect to
their azimuthal alignment, and the upper undulation limit λmax of a circumferentially-
aligned collagen fiber was assumed to be about twice the one of an axially-aligned
fiber [5]. This seems reasonable, since the undulation of collagen fibrils is likely to
be determined by the pulsatility of the vessel wall, to which collagen is continually
deposited. Consequently, the higher undulation limit of collagen fibrils aligned with
the circumferential direction may be the direct consequence of the higher pulsating
strains in the circumferential direction, compared to the axial vessel direction.

In another vascular biomechanical study, the collagen fiber ODF g(φ, θ) has been
identified together with the sample’s biaxial tensile properties [115]. Consequently,
complete sets of data for all individual aorta samples have been acquired, which
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allowed a more rigorous validation of the proposed constitutive model. This study
concluded that the model showed very good extrapolative capability, and the tissue’s
biaxal mechanical properties could be accurately predicted from uniaxial tensile tests
[115].

6.2 An Adaptation Model for the AAA Wall

Vascular tissue responds to mechanical stimuli, a mechanism necessary for the opti-
mization of cardio-vascular function. It is likely that the vessel’s geometrical, his-
tological and mechanical properties change along the vascular tree, in an effort to
maintain conditions for optimal mechanical operation [4]. However, malfunction
of such vascular adaption could potentially lead to pathologies, such as aneurysm
formation. Besides the size of an AAA, its growth rate is used to assess its risk for
rupture. An increase of the AAA’s largest diameter by 10 (mm) per year is a common
indication for progressive clinical treatment [116]. However, current understanding
of AAA growth is somewhat limited, and AAAs are seen to grow inhomogenously in
both time [117] and space [118], which is thought to be influenced by many factors
[119]. The reliable prediction of AAA growth could potentially improve their clin-
ical management. This explains as to why several AAA growth models have been
reported, base on several different conceptual frameworks [120], see among others
[121–126]. However, these models require significant further development if they
are to successfully augment clinical decisions.

This section includes a description of collagen turnover to the purely passive
AAAwall model introduced in Sect. 6.1. Fibrobast-based synthesis andMMP-based
degradation of collagen is considered, such that the ODF g(φ, θ) and the undulation
limits λmin and λmax of collagenmay develop towards potentially homeostatic targets.

6.2.1 Collagen Turnover Model

The present model assumes that fibroblast senses the state of strain and pre-stretches
collagen fibrils prior to their deposition. This is formulated through three distinct
sub-models, denoted as the sensing model, the collagen turnover model and the
structural update model, respectively. The sensing model defines the physical quan-
tity that stimulates collagen synthesis, the collagen turnover model quantifies the
relation between the sensed stimulus and the change of collagen mass, and the struc-
tural update model details the manner in which collagen is integrated/disintegrated
into/from the existing collagen structure.

The sensing model defines the physical quantity ξ that stimulates collagen syn-
thesis, and thus the production of new collagen. For ξ > 1, the existing collagen is
stretched too much, such that in total more collagen is required to reach homeostasis.
In this case, the rate of collagen turnover needs to be elevated in order to increase
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the total collagen density in the tissue. Equivalently, for ξ < 1, the rate of collagen
turnover needs to decrease in order to that homeostasis is reached.

Specifically, themodel assumes that collagen stretch tends towards its homeostatic
value of λph by satisfying the optimality condition

ξ(M) = λ(M)

λph

ρ

ρ
→ 1 . (7)

Here, ρ denotes the specific collagen density that aims at approaching the target
density of ρ. The use of ρ in expression 7 replaces the maximum collagen turnover
rate, which was introduced previously [127]. Whilst in the normal artery wall only
about 6–7% of collagen is engaged atMAP, we consider the homeostatic value of λph

that corresponds to 10% of engaged collagen fibrils in the AAA wall [127]. Finally,
it is emphasized that ξ depends on the orientation, through the unit direction vector
M that defines the orientation of the particular collagen fiber, see Fig. 5.

Themass turnovermodel quantifies the relation between the sensed stimulus ξ(M)

and the change in the specific collagen density, i.e. the relation between degraded ρ̇−
and synthesized ρ̇+ collagen density rates, respectively. Despite experimental data
suggesting a stretch-based degradation of collagen (see [128] and references therein),
in the present model collagen is considered to degrade independently relative to the
orientation M. The rate equation ρ̇− = −ηρ is used, where η defines the time-scale
of the degradation process. In contrast, collagen synthesis is linked to the stimulus
ξ(M) and follows ρ̇(M)+ = ηρξ(M).

Finally, the structural update model specifies how collagen fibrils are integrated
and removed over time. The model assumes that collagen fibrils are removed without
changing their undulation characteristics. In contrast, synthesized collagen fibrils
are integrated at a certain distribution of pre-stretches, and follow a triangular PDF
with pre-defined λmin and λmax; details are reported elsewhere [127]. Note that the
triangular PDF, which describes the integration of collagen also explicitly defines
the aforementioned homeostatic stretch λph. Specifically, for a 10% recruitment of
collagen fibrils, this stretch reads λph = λmin + 0.224(λmax − λmin) [127].

Although the outlined structural update model assumes a pre-stretched deposition
of collagen fibrils, one could also consider collagen fibrils being stretched by fibrob-
lasts subsequent to their deposition. It is widely accepted that fibroblasts impose
tensile forces upon the collagen network to which they are attached [38]. However,
Fig. 5 in [129] (taken from [130]) nicely shows that collagen fibrils may already be
in a state of tension when synthesized.

6.2.2 Results

The model has been implemented in the finite element environment FEAP (Uni-
versity of California at Berkeley, US) [131] and a patient-specific AAA was recon-
structed from standard Computed Tomography-Angiography (CT-A) images using
A4clinics Research Edition (VASCOPS GmbH, Austria) [132, 133]. Although the
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intra-luminal thrombus is known to be an important solid structure [57] that increases
the predictability of biomechanical AAA models [134], it was not considered in the
present study.

The individual AAA model was exposed to a constant blood pressure of
100 (mmHg), and the parameters that determined collagen turnover, have been set
to match the measured growth of the AAA’s maximum diameter reported elsewhere
[118]. Figure7 shows the computed AAA expansion over a time period of four
years based on the parameters summarized in Table3. In order to ensure the suffi-
ciently accurate integration of governing equations, a ‘look-ahead’ technique was
used. Specifically, the largest collagen density increment max[ρ̇−, ρ̇+]Δt over all
Gauss points of all finite elements was used to control the time step through FEAP’s
AUTOMATErial command [131]. Overall, the results showed promising correlations
with experimental data. Simulations are able to replicate the coupled circumferential
and longitudinal growth of the AAA wall, and the AAA developed into reasonable
geometries, see Fig. 7. In addition, the adaptationmodel avoided high stress gradients
across the vessel wall [135], which are thought to be non-physiological. Other than

Fig. 7 Evolution of the shape of an Abdominal Aortic Aneurysm (AAA), as predicted by the
adaptive AAAwall descriptions desribed in Sect. 6.2. The simulation covered a period of four years
of AAA growth and used the parameters listed in Table3

Table 3 Parameters used to simulate Abdominal aortic aneurysm (AAA) growth according to
constitutive model described in Sect. 6.2

Parameter Value Description

μ 21.0 (kPa) neoHookean parameter of the matrix

k 60.0 (MPa) CFPG-complex stiffness

λmin 1.045 Initial collagen minimum straightening stretch

λmax 1.117 Initial collagen maximum straightening stretch

ρ 0.4 Specific collagen target mass density

λmin 0.94 Minimum straightening stretch of deposited collagen

λmax 1.117 Maximum straightening stretch of deposited collagen

η 0.167 (years) Collagen turn over rate
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the discussed macroscopic consequences of collagen turnover, the initially isotropic
collagen orientation density shifted into a locally orthotropic distribution, which
correlates well with histological studies of the AAA wall, see Sect. 5.1.

6.3 Discussion and Conclusion

Vascular biomechanics is critical in order to define new diagnostic and therapeutic
methods that could have a significant influence on our medical understanding and
even on the lifestyle of human beings. Vascular biomechanical simulations criti-
cally depend on an accurate constitutive description of vascular tissue. As with other
biological tissues, the vascular wall responds to its mechanical environment and pre-
dictions based on passive constitutive models, i.e. suppressing tissue remodeling and
growth, can only cover a limited time period. Vascular tissue develops at a loaded
in-vivo configuration, which implicitly defines residual strains in its (hypotheti-
cal) load-free configuration, the setting that typically serves as a reference for finite
element computations. Predicting realistic physiological stress states with passive
constitutive models commonly requires residual strains in the load-free configura-
tion, which, for complex geometries are unfortunately unknown. Consequently, the
key towards improving biomechanical models is to further the understanding of the
tissue’s inherent properties to adapt to its mechanical and other environments.

The constitutive models discussed in this chapter have been based on reasonable
histological assumptions, which in turn allowed for a multi-scale modeling of the
vessel wall. Specifically, cross-linked collagen fibrils formed collagen fibers, the
properties of which were then integrated over the unit-sphere to define the tissue’s
macroscopic properties [2, 109]. The proposed models introduced two statistical
probability distributions, one to capture the undulation of collagen fibrils and another
one to describe the orientation of the collagen fibers. Vascular tissue is heterogenous
and the parameters defining such probability distributions will likely change over the
vessel wall, very much like constitutive parameters of any other description. Whilst
direct, especially in-vivo measurements of the parameters defining such probability
distributions seemsunfeasible, their physical interpretationmay support their indirect
estimation. The probability of collagen fibers aligned along directions that do not
experience tension should disappear, and the collagen straightening stretches are
tightly linked to the strains experienced during the cardiac cycle.

It is well understood that inter-fiber and inter-fibril sliding plays a significant role
in tendon deformation [136]. Whilst the present collagen fiber model could account
for inter-fibril sliding, any inter-fiber sliding was suppressed through the prescribed
affine kinematics between collagen fiber and tissue levels. A sound experimental
investigation of this point requires a strict definition of a mechanical fiber, to be
distinguished from a fibril, and tracking the the fiber under conditions that reflect the
in-vivo mechanical environment of the vessel. In addition, experimental data should
be provided from a large number of tissue samples in order to allow the definition of
a Representative Volume Element (RVE). Each of which is challenging and current
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microscopy techniques are not able to image collagen fibers dynamically during a
cardiac cycle. Whilst recent data rejects the affine transformation of collagen fibers
in the adventitia [111], it is clearly not representative for in-vivo loading conditions
of vascular tissue. In the case inter-fiber sliding would also constitute an important
element in vascular tissue biomechanics, the applied affine transformation should
be replaced. An interface model, explicitly accounting for the non-rigid interface
between the fibers and the matrix, could be introduced instead. Unlike the affine
fiber-continuum kinematics employed in the present work, fiber-reinforced tissues
have been modeled by interlinked network structures [137]. Such an approach is
clearly justified for hydrated collagen networks, where the absence of inter-fibrillar
(solid) material allows a largely unconstraint motion of collagen fibrils. In contrast,
the inter-fibrillar material in the AAA wall is expected to define a rather affine trans-
formation between the collagen fibers and the continuum. Likewise, in the media of
the normal aorta, bundles of collagen are not woven together [6], i.e. cross-linking
among fibers (but not between fibers and matrix) is missing, which further reinforces
the affine kinematics approach. Whilst there is still no experimental evidence avail-
able concerning whether or not affine kinematics holds for the AAA wall tissue, a
recent study questions affine kinematics in the adventitial layer of carotid arteries
[111, 138].

The suggested adaptation model was able to predict the growth of an ILT-free
aneurysm, where the undulation limits λmin and λmax of the newly-formed collagen
seemed to be the most influential parameters. However, their direct experimental
identification is not straightforward.

The collagen target density ρ, another model parameter likely plays an important
role in the final phase of aneurysm disease. Through equation (7), it gradually limits
the synthesis of collagen at wall segments that already have a high density of collagen
ρ > ρ. Consequently, the collagen synthesis can no longer keep-up with the increase
of wall stress, which in turn accelerates AAA growth until it ruptures.

The present AAA wall adaptation model did not explicitly prescribe how an
increase of collagenmass, and thus collagen volume, updates the vessel wall’s geom-
etry. For simplicity, isochoric growth kinematics have been used, such that only very
moderate AAA expansion may be simulated. Explicit assumptions regarding the
underlying growth kinematics would be required to generalize the model towards
3D growth [121].

It is likely that synthesis, deposition and degradation of collagen fibers are also
influenced by factors, such as systolic-diastolic pulsatility of the vessel wall. The
present version of the model was not able to consider such factors, but assumed that
MAP-based mechanical loading is the dominating factor in collagen turnover. Much
more experimental evidence is needed in order to better understand suchmechanisms
in the vesselwall, and in doing so, form the basis ofmore sophisticated biomechanical
modeling.

The present chapter focused on the structural aspects of vascular tissue, whilst it
is known that aneurysm disease is also greatly influenced by the blood flow through
the aorta [139]. The widened lumen lowers the WSS in AAAs [140] and vortex
dynamics differ remarkably from the normal aorta [141]. These hemodynamic alter-
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ations dictate the distribution of chemical species, such as thrombin [142], and their
associated biological consequences are as yet unknown. Finally, although the consti-
tutive models presented were able to successfully capture some features of an AAA
wall, a rigorous validation against experimental data is crucial toward the evaluation
of its descriptive and predictive capabilities. In this respect, a mixed experimental
numerical approach that accounts for tissue growth and remodeling seems to be the
most appropriate.
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Cellular and Extracellular Homeostasis
in Fluctuating Mechanical Environments

Béla Suki, Harikrishnan Parameswaran, Calebe Alves, Ascânio D. Araújo
and Erzsébet Bartolák-Suki

Abstract Homeostasis is considered to be a cellular feedback mechanism that
maintains a target such asmean blood pressure at a well-defined level, which is called
upward causation. In this chapter, we consider a downward causation in which higher
level properties are not only sensed by cells, but they also cause changes in cellular
level behavior. Specifically, we examine how fluctuations at the level of the target,
such as beat-to-beat blood pressure variability, present themselves as boundary con-
ditions at the level of the cell and how this affects cellular behavior such cytoskeletal
structure or homeostasis of bioenergetics. The changes in low level mechanisms may
feed back to the regulation of the target until some homeostasis is achieved in which
the system is under far from equilibrium conditions but without ever reaching a
steady state. Consequently, the target is allowed to fluctuate within homeostatic lim-
its. We will first summarize current concepts in conventional mechanotransduction
and then discuss the dynamic aspects ofmechanotransduction in the presence of noisy
mechanical inputs, called fluctuation-driven mechanotransduction (FDM). Next, we
will demonstrate how FDM alters cytoskeletal organization using a computational
model of the actin-myosin network under time-varying strain boundary conditions in
which peak strains vary from cycle to cycle. The simulation results imply that FDM
should be considered as an emergent multiscale network phenomenon. In vascular
smooth muscle cells, cytoskeletal structural alterations also lead to mitochondrial
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remodeling with subsequent changes in ATP production. The latter affects cell con-
tractility as well as bioenergetics which in turn feed back to collagen maintenance,
vascular wall stiffness and ultimately blood pressure regulation. We argue that FDM
is a general phenomenon that other cell types also exhibit such as enhanced surfactant
production by lung epithelial cells due to tidal volume variability. Following some
speculation on the possible roles of fluctuations in diseases and aging, we will offer a
general picture of how the breakdown of FDM disturbs homeostasis which can lead
to the pathogenesis of diseases.

1 Introduction

The idea of homeostasis, loosely stated as the ability of organisms to exhibit long-term
stability in an ever-changing environment, has long been recognized as a driving force
of life. Perhaps the oldest known expression of homeostasis was due to Hippocrates
who said that “Natural forces within us are the true healers of disease”. The term
homeostasis, however, was only coined in 1926 by Cannon [1] who defined it as
follows: “The highly developed living being is an open system havingmany relations
to its surroundings … Changes in the surroundings excite reactions in this system,
or affect it directly, so that internal disturbances of the system are produced. Such
disturbances are normally kept within narrow limits, because automatic adjustments
within the system are brought into action and thereby wide oscillations are prevented
and the internal conditions are held fairly constant.” Classic examples can be found
in the vascular literature, which has mostly focused on blood pressure, salt and
electrolyte homeostasis [2–4].

More recently, the possibility of a mechanical homeostasis began to emerge based
on the discovery that endothelial cells feel and respond to blood flow-induced shear
stresses in a way to control vessel caliber by inducing vascular smooth muscle cell
(VSMC) relaxation or contraction [5].Using a previously developed optimal relation-
ship between vessel diameter and flow, now calledMurray’s law [6], Zamir proposed
[7] that during laminar flow a linear relation between blood flow and the cube of ves-
sel diameter can result in a constant shear stress. This constancy of the shear stress
may in turn be the physiological target of vascular mechanical homeostasis. The
mechanisms driving such mechanical homeostasis may involve the full repertoire of
mechanotransduction, the conversion of mechanical stimulus to biochemical signals
[8, 9], including mechanosensing by surface receptors, intracellular signaling and
changes in gene expression [10]. These findings led to the notion of a multiscale
version of mechanical homeostasis that attempts to maintain a preferred mechanical
state spanning scales from subcellular structures through cells to tissues and organs
[11]. Interestingly, in isolated endothelial cells, tensional homeostasis is maintained
only when cells organize themselves into multicellular objects [12]; this breakdown
of mechanical homeostasis, however, appears to be limited to endothelial cells [13].

More generally, cells in the body are continuously exposed to various mechanical
factors including osmotic stress, external pressure, shear stress and tensile stress. For
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homeostasis to function, deviation from the target value must be tracked and hence,
cells must also serve as mechanical sensors. Indeed, cilia in kidney [14], bone [15],
cartilage [16] and eye [17] cells are sensitive to pressure. During movement, muscles
contract and exert stresses on themselves [18] as well as on nerves [19]. As the heart
ejects blood into the circulation, the propagating blood pressure (BP) waves generate
shear stresses on endothelial cells [20] and circumferential stresses on VSMCs [21].
During breathing, contraction of the respiratory muscles produce rhythmic stretch of
the lung that is transmitted along the extracellular matrix (ECM), including mostly
collagen and elastin [22], to all resident cells of the lung [23]. In all these cases,
cells respond by altering signaling, and eventually changing the production of some
factors to restore homeostasis. For example, a critical response to stretching the lung
is the release of surfactant by type II epithelial cells at the air-liquid interface [24]
which in turn increases lung compliance to reduce the work of breathing, as part of
the mechanical homeostasis in the lung.

Homeostasis, however, should not be conceptualized as a regulatory mechanism
that operates similar to a household thermostat whose sole function is to minimize
fluctuations and maintain temperature at a well-defined set point. Indeed, Zamir
raised the possibility that certain variations in shear stress on the endothelium should
be acceptable [7]. As Torday argued, homeostasis is everything but static and if
viewed through the lens of multiple generations across large time scales, homeosta-
sis is an essential component of biological evolution [25]. This idea then brings
forth the necessity that a target physiological parameter must be controlled within
allowable limits over both short and long time scales. As an example, consider the
cardiovascular system. While the mean heart rate is ~70/min in healthy adults, nor-
mal values can fluctuate between about 50 and 115 corresponding to sleep and daily
activity, respectively [26]. What came as a surprise, however, is the fact that cardio-
vascular health is associated with long term correlated fluctuations in heart rate while
too much irregularity, as in fibrillation, or too much regularity, such as mode locking
into a highly periodic behavior, signify severe pathology [27, 28]. Just as heart rate,
BPmust also be under dynamic homeostatic control because blood pressure variabil-
ity (BPV) is significant even in health [29]. Similarly, tidal volume (TV) even during
quiet breathing exhibits substantial variations [30]. The question is how the complex
time varying mechanical stresses due for example to BPV or tidal volume variability
(TVV) affect the ability of cells to maintain dynamic mechanical homeostasis.

Besides the magnitude of mechanical stresses, both their exposure time and fre-
quency composition contribute to the actual signaling response [31]. The dynamic
effects of time varying mechanical stimuli (e.g., BPV or TVV) on mechanotransduc-
tion are rarely examined in the laboratory. Instead, mechanotransduction is studied
using static or cyclic but monotonous stretch (MS) patterns. In a recent study, we
presented evidence that fluctuations in peak cycle-by-cycle strain, called variable
stretch (VS), applied toVSMCs fundamentally alter cellular bioenergetics, cytoskele-
tal organization and signaling [32]. In this chapter, we will describe how fluctuations
in mechanical stimuli regulate mechanotransduction in the context of homeostasis.
While homeostasis is invariably considered to be a cellular feedback mechanism that
maintains a target such as BP, here we also consider a downward causation in which
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higher level properties are not only sensed by cells, but they also cause changes in
cellular level behavior [33]. Specifically, we will examine how fluctuations at the
level of the target, namely BPV or TVV, present themselves as boundary condi-
tions at the level of the cell and how this affects cellular behavior such cytoskeletal
structure or homeostasis of bioenergetics. The changes in low level mechanisms
may feed back to the regulation of the target until some homeostasis is achieved
in which the system is under non-equilibrium conditions but without ever reaching
a steady state. Consequently, the target is allowed to fluctuate within homeostatic
limits, a phenomenon that has been termed homeokinesis [34]. We will first sum-
marize current concepts in conventional mechanotransduction and then discuss the
dynamic aspects of mechanotransduction in the presence of noisy mechanical inputs,
called fluctuation-driven mechanotransduction (FDM), closely following our previ-
ous review [35]. Next, wewill demonstrate howFDMalters cytoskeletal organization
using a computational model of the actin-myosin network during VS in which peak
strains vary from cycle to cycle while maintaining the same mean strain as MS.
The simulation results imply that FDM should be considered as an emergent mul-
tiscale network phenomenon. Cytoskeletal structural alterations can affect VSMC
contractility as well as bioenergetics which feeds back to collagen maintenance, vas-
cular wall stiffness and ultimately BP. Following some speculation on the possible
roles of fluctuations in diseases and aging, we will offer a general picture of how
the breakdown of FDM disturbs homeostasis which can lead to the pathogenesis of
diseases.

2 Conventional Mechanotransduction

Mechanotransduction plays fundamental roles in the genesis and maintenance of
normal tissue structure and function and hence tissue homeostasis [8]. Being a com-
plex signaling process, mechanotransduction influences many cell functions such as
migration, contraction and production of ECMmolecules [31, 36–43]. Cells interact
with the ECM through adhesion receptors such as integrins which in turn structurally
and functionally regulate cell membrane proteins and their linkages to the cytoskele-
ton including actin microfilaments, microtubules and intermediate filaments. These
events involve multi-molecular conformational changes, biochemical reactions as
well as whole organelle responses such as the reorganization of the cytoskeleton,
organelle biogenesis or changes in organelle structure and function.

A key element in mechanotransduction is the coupling of the cell to the ECM by
multi-molecular complexes, the focal adhesions (FAs) which serve as dynamic bio-
chemical signaling hubs capable of regulating signaling proteins, adhesion receptors
and their binding to theECMaswell as receptors onother cells [44–47].Among these,
the bidirectional integrin mediated processes have been studied extensively [48].
Mechanical signals arriving from the ECM to integrins reorganize FAs, which are
also regulated by intracellular biochemical events. Nearly all cells express integrins
with cell type specificity that is often further regulated by structural and mechanical
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features of the cell’smicroenvironment. Integrins formheterodimerswhich consist of
α and β subunits. Ligands such as the RGD (Arg-Gly-Asp) sequence along collagen,
fibronectin or laminin bind to integrins depending on subunit combination [36, 49,
50]. Following ligand binding, integrin subunits form domains and clusters [51] and
undergo conformational changes from a low to a high affinity state [52]. G-protein
coupled receptors and Ras-related small GTPases and their effectors modulate inte-
grin binding affinity [52, 53]. The external [54] and internal [55] integrin domains
interact with other proteins which regulate the bidirectional signaling events. For
example, talin and α-actinin bind to the intracellular domains connecting thus inte-
grins to vinculin, paxillin and tensin as well as FA kinase (FAK) which, via tyrosine
phosphorylation, regulate the assembly of actin filaments [56]. Following integrin-
mediated cell adhesion to the ECM, FAK is rapidly phosphorylated to recruit Src and
phosphorylate FAK, which then regulate FA assembly/disassembly with additional
proteins such as Rho and mitogen-activated protein kinase (MAPK). TheMAPK can
also be activated by integrins without FAK. After integrin activation, MAPK translo-
cates to the nucleus to regulate transcription factors [57] leading to fast expression
of vinculin, actin, α-actinin and β1 integrin [58]. Of note is that MAPK can activate
myosin light chain kinase (MLCK) and hence influence cell contractility andmotility
[59]. Furthermore, MAPK can also physically associate with microtubules and alter
their assembly [60]. The other major signaling pathway is through the Rho family
of GTPases which regulates actin stress fiber formation and anchorage for integrin
signaling [61]. Similar toMAPK, the Rho kinase can also phosphorylateMLCwhich
affects cell contractility [62].

3 The Concept of Fluctuation-Driven
Mechanotransduction

3.1 Physiological Variability in Stresses and Strains

The above mechanisms related to conventional mechanotransduction mostly consid-
ered the type of proteins and their interactions, not the types of mechanical stimulus.
In other words, information on signaling was obtained under static or cyclic but
monotonous stimuli. However, mechanical stresses and strains exhibit fluctuations
throughout the body in an organ and tissue specific manner. The mechanical con-
ditions at the organ level result in microscopic level stresses and strains acting on
cells. The actual micro-strains depend on the structural organization of the ECM and
the distribution of stiffness at different length scales. For example, tidal breathing
generates regional mechanical stresses in the lung parenchyma which in turn stretch
the alveolar septal walls straightening up collagen fibrils [22]. This chain of force
transmission eventually determines part of the time-varying boundary conditions
which cells are exposed to and respond by mechanotransduction.
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In the lung, mechanical fluctuations are due to breath-to-breath variability of tidal
volume [30] as well as regional variations in tissue stiffness. Tidal stretches are
superimposed on a pre-existing stress corresponding to functional residual capacity.
Additionally, gravity generates a gradient in both the pre-stress and regional stretch
due to tidal breathing which results in a larger static stretch and a smaller dynamic
tidal stretch in the upper regions of the lung. At the macroscale, the breath-to-breath
coefficient of variation (CV) of regional tidal volume varies between 0.28 and 0.39
[30]. The microscale linear strains vary considerably in the lung and are estimated
to range between 0.1 and 0.4 when the lung is inflated from 40 to 80% of total
lung capacity [63]. Epithelial cells covering the surface of the alveoli experience
approximately 2-dimensional strains and undergo 10–15% cyclic area strain during
breathingwith amaximum of ~37% corresponding to total lung capacity [64]. Due to
the thin membranous structure of alveoli, fibroblast in the septal walls should receive
strains similar to those seen by epithelial cells. In vitro analysis suggests that airway
smooth muscle cells experience ~5% circumferential strains during quiet breathing
but deep inspirations can lead to ~25% strain in the larger and 40% strain in the
smaller airways [65]. These values are generally consistent with in vivo imaging in
rats, but the data also suggest substantial heterogeneities both in circumferential and
axial strains [66].

In the vasculature, both heart rate and stroke volume show significant beat-to-
beat variabilities [67] and so does blood pressure [29]. The range of fluctuations in
circumferential strain can be estimated from BPV and the stress-strain curve of the
vessel wall. Accordingly, VSMCs in the rat aorta experience a static strain of ~70%
with the peak strain amplitudes distributed between 77.5 and 92.5%with frequencies
ranging from 2 to 6 Hz [32]. In that in vitro study, the strains and frequencies were
chosen on a cycle-by-cycle basis that maintained a constant strain rate. However,
the in vivo strain rate is not constant due to natural heart rate variability which
follows a long-range correlated time series with a non-Gaussian distribution [68].
Furthermore, heart rate variability is altered by vascular disease [69]. Shear stresses
on the endothelium vary largely along the arterial tree [70–72] with peak shear
stresses between about 7 and 18 dyn/cm2 during a 12 h period [73]. While blood
pressures are similar in magnitude across mammals, heart rate (f ) varies between
~30 and ~600 beats per minute across the spectrum of mammals [74]. Furthermore,
hear rate f H is said to follow an allometric scaling relation with body mass M [75]:
f H~M−0.25. Consequently, if wall strain depends less onM than f H , strain rates in a
mouse would be much higher than in an elephant. A similar analysis is likely valid
for the lung [75]. It is currently not known how such different strain rates affect
mechanotransduction in various species.
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3.2 Effects of Fluctuating Boundary Conditions

Little is known about the mechanisms of how fluctuations influence mechanotrans-
duction. Our recent study demonstrated in VSMCs that VS alters many cellular
processes when compared to MS [32]. In the following discussion, we will con-
sider several possible mechanisms that could lead to different signaling during MS
and VS. Since cells adhere to collagen or fibronectin through integrins, stretch-
ing of ECM fibers will be sensed by the integrins that are linked intracellularly to
talin and, through vinculin, to the cytoskeletal protein network. Forces of different
magnitudes may be sensed by multimodular proteins along the chain of mechan-
otransduction triggered by conformational changes and unfolding motifs [76]. Thus,
mechanotransduction may be governed by switch-like mechanisms so that stronger
and weaker forces can be detected by unfolding different protein domains. Dur-
ing MS, domain folding might undergo cyclic variations eventually leading to a
non-equilibrium steady state. However, the occasionally larger than average forces
during VS can unfold different protein domains. If this happens a sufficient number
of times, VS will induce mechano-activation by phosphorylation and binding of a
different set of signaling molecules than MS, which in turn is equivalent to exciting
a different signaling pathway. While VS also maintains non-equilibrium conditions,
cells and the stretch-sensitive subcellular structures may never reach a true steady
state because the incessant fluctuations always kick the molecular arrangement out
of the steady state. Furthermore, because the average time for a motif to be in the
unfolded state is expected to be different during VS than MS, biochemical signal-
ing pathways with different time constants can be selectively triggered by FDM.
There are additional mechanisms not based on switch-like conformational changes
that may be involved in FDM. For example, since bond dissociation depends on the
force on a bond [77], the binding and unbinding rates can also be affected by the
amount of fluctuations in VS. A possible mechanism is the force-rate sensitivity of
bond dissociation. Small amplitude fluctuations can trigger the release of slip bonds,
while catch bonds are reinforced until a larger than average stretch arrives causing the
catch bonds to cross the catch-slip threshold [78]. Taken together, the reinforcement
of FAs by mechanical forces are expected to be different during MS and VS, which
results in stretch pattern-dependent cytoskeletal mechanosensing via myosin motors
(see below).

We can conceptually demonstrate why FDM can initiate different signaling path-
ways compared to conventional mechanotransduction. Consider a nonlinear vis-
coelastic Kelvin body characterized by a nonlinear spring in parallel with a linear
spring connected in series with a linear dashpot (Fig. 1). The nonlinear spring has
a force (F)-displacement (x) relation given by F1 = k1x + bx2 where k1 and b are
the linear and nonlinear spring constants, respectively. The linear spring is described

by F2 = kxk and the linear dashpot by F2 = r
·
xr where k and r are the linear

spring constant and the dashpot coefficient, respectively. The xk and xr denote the
displacements of the linear spring and dashpot, respectively, and the dot over a vari-
able represents differentiation with respect to time. The total displacement of the
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Fig. 1 A schematic diagram of the nonlinear Kelvin body. The system is driven by the input
displacement x and the output is the total force F that is the sum of the forces F1 in the lower branch
and F2 in the upper branch. The constitutive equation for each element is given above the element.
The linear spring with constant k experiences a displacement xk while the dashpot with coefficient
r experiences a displacement xr

unit is x = xr + xk while the total force is F = F1 + F2. After some algebraic
manipulation, we can obtain the following nonlinear differential equation:

Ḟ + k

r
F = (k + k1 + 2bx)ẋ + k

r
(k1 + bx)x (1)

Notice that if r → ∞ and b = 0, we obtain a linear elastic system whose solution is
F = (k1 + k)x for which we can easily calculate the response to VS.We assume that
x consists of N sine waves each with a different peak-to-peak amplitude xi stitched
together. We have shown that if xi = x0 + ui (i = 1, . . . , N ) where x0 is the mean
amplitude and ui are drawn from a zero mean distribution, the total elastic energy
EVS delivered to the system after N cycles [35]:

EV S = EMS + 1

2
(k1 + k)Nσ 2 (2)

where EMS = 1
2N (k1 + k)x20 is the total energy following N identical cycles during

MS and σ 2 is the variance of the time series of ui. Since both terms in Eq. 2 containN,
we can see that the average energy stored in the system per cycle (EV S/N ) during VS
increases linearly with the variance of the fluctuations in the input stimulus. While
this insight from linear analysis is useful, it is limited because cells and tissues are
nonlinear and viscoelastic.

For the case of MS, or when r → ∞ during VS, Eq. 1 can be solved analytically.
However, when the input is a complex, fluctuating displacement signal, numerical
solution of the general case is easier. For VS, the input displacement is a sequence
of N sine waves of one period each stitched to the end of the previous cycle (Fig. 2a)
with the ith segment defined as

xi (t) = −(x0 + ui ) cos{2π( f + � fi )t} + xs (3)

Here, �f i is the random component of the frequency f chosen such that the strain
rate is the same for all cycles and xs is the static component of the displacement
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added when the effect of pre-stress is investigated. The results in Fig. 2b compare
several solutions with different parameters. In the case of a linear elastic system
(green, b = 0, r = 108), the force F is also sinusoidal with its amplitude and fre-
quency varying from cycle to cycle exactly following the input displacement. When
nonlinearity is added (black, b = 0.5), both the magnitude and the fluctuations of F
increase. Allowing for linear viscoelasticity (blue, r = 2), slightly increases the fluc-
tuations, but notice that F no longer returns to zero at the end of the cycle because the
time constant of the system is comparable to the time period of oscillations. Finally,
combining nonlinearity and viscoelasticity (red, b = 0.5, r = 2) further increases
the fluctuations. The energy taken up is calculated by integrating the force over the
displacement for only the loading parts and averaging over 1000 cycles. The energy
due only to fluctuations, �EV S = EV S − EMS , corresponding to the 4 cases are
compared as a function σ 2 in Fig. 2c. Notice that for the linear elastic case (black),
this energy linearly increases with σ 2 in agreement with Eq. 2. For the nonlinear
elastic case, the energy still linearly increases with σ 2; however, due to fluctuations,
the curve is no longer smooth. Interestingly, adding viscoelasticity introduces a non-
linear relationship between �EV S and σ 2 and the combination of nonlinearity and
viscoelasticity leads to the highest energy uptake for large fluctuations.

The above results imply that fluctuations generally increase the energy taken up
by cells the amount of which is modulated by nonlinearity and viscoelasticity. This
energy surplus is then converted to chemical energy.One could argue that ifwe elevate
the extension x during MS in Eq. 1 so that EMS = EVS , the difference between the
two stretching modes should disappears. However, this is not necessarily the case.
Consider for example a signaling protein that unfolds at an extension xi > x0. If
xi < x0 + σ , then VS can occasionally unfold the protein, while MS won’t be
able to do that. Gradually increasing x0 in MS so that EMS = EVS , with MS now
having a different x0 than VS, MS can be made to unfold the same protein. However,
MS will unfold the protein in every cycle while VS only occasionally achieves that
despite the total energy delivered by the two stretching modes being the same. As
a consequence, during VS, the fraction of time the protein is in the phosphorylated
state is different than during MS. If the boundary conditions are force or stress,
the analysis is slightly different, but it remains true that MS and VS would take
up different amounts of energy from the environment. An interesting implication
is that by varying σ 2, different signaling pathways may be selected. Nonlinearity
and viscoelasticity can also amplify the difference between MS and VS in terms of
the elastic energy uptake by the cell (Fig. 2c). Therefore, due either to the surplus
energy or the different phosphorylation state of the cell, VS should result in different
signaling mechanisms eventually leading to altered gene and protein expressions
compared to MS [79].
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�Fig. 2 Numerical solutions of the nonlinear Kelvin body in Fig. 1. a A short segment of the time
varying input displacement composed of single sine waves of different amplitudes and frequencies
stitched together to form a time series. bComparison of the solutions for the linear, non-linear, linear
viscoelastic and nonlinear viscoelastic cases. The variance σ2 of the peak amplitude is 0.1. Note that
for the elastic systems, the force always returns to zero (green and black) when the displacement
is zero, whereas in the presence of viscous losses (blue and red), the force does not reach zero
especially after a small-amplitude faster cycle. c The extra energy taken up by each model from
panel (b) due to fluctuations as a function of σ2

3.3 Contractile Cytoskeletal Responses to Fluctuations
in Stretch

In the above analysis, we assumed that cell stiffness remains constant during stretch.
However, in response to MS and VS, cell stiffness will likely change. There is data
suggesting that during MS, cell stiffness declines [80]. Following VS, the organiza-
tion of the actin cytoskeleton, themost important contributor to cell stiffness, exhibits
a stronger network structure [32] which should result in a higher stiffness. To test
this prediction, we used a previously developed active network model of the actin-
myosin cytoskeletal network [81]. Briefly, a 2-dimensional network is composed of
randomly oriented springs in a square lattice which represents the sub-cortical actin
of the cell. Actin filaments are discretized as a set of springs of identical length and
spring constant. The end points of each spring along a filament also serve as binding
sites for myosin crosslinks which we model as linear elastic springs with a different
spring constant. The myosin springs can attach to binding sites on two distinct but
neighboring actin filaments. The number of actin filaments is approximately equal
to the number of myosin crosslinks. At every point along the square boundary where
actin filaments are attached, an additional linear elastic spring is added to represent
the combined effective stiffness of FAs and the ECM. These springs connect to an
actin filament at one end while the other end is held fixed. The non-muscle myosin
II motor proteins use energy from ATP hydrolysis to repetitively bind to actin and
undergo conformational changes that result in the molecule walking along the actin
filament towards its plus (barbed) end which is implemented by moving each end
of the myosin crosslink to the next binding site along the filament. Consistent with
experimental observations [82, 83], when the network carries no force, the time
interval between two walk steps is the same for all myosin crosslinks. However,
once the myosin motors start walking, the network develops tension and the time
interval between walk steps increases in proportion to the force that the crosslink
carries. If the load on a myosin cross link exceeds the stalling force, the motor stops.
After each walk step, the network rearranges itself to balance local forces and the
new equilibrium configuration is determined by minimizing the total elastic energy
of the network given by the sum of the elastic energy of the actin, myosin and the
ECM springs (Fig. 3a). The total traction force is obtained as the sum of the forces
carried by the ECM springs whereas the stiffness of the network is computed by first
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Fig. 3 A computational model of the cytoskeletal actin-myosin network. a Network configuration
following 10 cycles of monotonous stretch (MS) modeled as a sequence of identical pulse waves.
The green segments denote ECM attachments, the blue and red lines are actin andmyosin filaments,
respectively. Notice the “star”-shaped highly clustered actin configuration. b The normalized cell
stiffness gradually decreases during MS. Blue arrow shows the time point that corresponds to the
network configuration on panel (a). During the rising edge of the square wave, stretching breaks
myosin bonds and the stiffness drops (red arrow) whereas during the constant part of the square
wave, myosin bonds reattach and the stiffness builds up (green arrow)

applying a small incremental equi-biaxial strain on the network and calculating the
ratio of the change in force and the incremental strain.

Next, the network is subjected to equi-biaxial cyclic stretch using repetitive pulses.
In MS, the pulses are the same while in VS, the height and width of the pulses vary
from cycle to cycle similarly to the stitched together sine wave time series in Fig. 2a.
During the stretch phase of the pulse, an actin-myosin crosslink can rupture if the
load on the myosin exceeds a predefined threshold force. Following a rupture event,
both ends of the cross-link detach and the myosin diffuses through the network.
The myosin can form a new cross-link at another location if the binding sites on
two neighboring actin filaments are sufficiently close. In between the stretch phases,
the attached cross-links ratchet up the internal tension and the network gradually
recovers its force and stiffness. Since traction force and stiffness are linearly related
in the model, as well as in experiments [84], the results shown for stiffness are also
valid for contractile force. During MS both the traction force and stiffness start to
quickly decline after only 3 stretch cycles (Fig. 3b). Interestingly, stable “star” like
junctions develop that persist through further stretch cycles. These star junctions
are created by geometrical configurations in the network where the barbed end of
different actin filaments are brought together by myosin motors. The formation of
star junctions causes a decline in network force and stiffness because force generation
depends on the ratcheting motion of myosin cross links along actin filaments and
when myosins reattach close to a star junction, the average distance available for a
crosslink to ratchet up an actin filament decreases, reducing the available increase
in network force. When the network is stretched with VS, the situation is drastically
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Fig. 4 a Network configuration following 5 cycles of variable stretch (VS) modeled as a sequence
of pulse waves of different height and width. The green segments denote ECM attachments, the
blue and red lines are actin and myosin filaments, respectively. Notice the lack of star-shaped actin
clusters. b The normalized cell stiffness fluctuates during VS, but does not decline over the same
simulation time as during MS in Fig. 3b

different. The occasional larger than average pulses in VS are able to break up the
star formation prohibiting the network from settling in a non-equilibrium steady
state (Fig. 4a). Since the network is often kicked out of a developing steady state,
the myosin motors constantly ratchet up tension but rarely reach the stalling force.
Consequently, both the traction force and the network stiffness are higher during VS
than MS showing no sign of decline over the same simulation time (Fig. 4b). An
interesting consequence of this adaptive response is that if the boundary conditions
are nearly independent of the increasing network stiffness, then the energy taken
up during VS is maximized by the dynamic adaptation of network structure. The
unsteady nature of the actin-myosin network dynamics should thus result in more
ATP consumption than the steady state during MS. Consequently, it is reasonable
to conclude that this excited state of the cytoskeletal network responds to additional
mechanical or chemical stimuli differently than during MS, which is the essence of
FDM.

The predictions of the active network model can be contrasted with our previous
work [32] in which we reported that the fractal dimension, a measure of complexity
and space filling capacity, of actin was higher following 4 h of equi-biaxially deliv-
ered VS than MS in VSMCs in culture (Fig. 5a). Besides other cytoskeletal changes
including microtubule and vimentin, a key observation was that ATP production rate
(Fig. 5b), assayed by the mitochondrial membrane potential, as well as total ATP
amount (Fig. 5c) in the cell was also higher during VS than MS. Because both the
production and amount of ATP is higher during VS, the consumption must also be
higher. These results suggest that FDM stimulates the cytoskeleton to be in a much
more active state which allows different signaling that can be seen from the higher
overall tyrosine phosphorylation of the cell (Fig. 5d). Although measurement of cell
stiffness under VS still needs to be carried out experimentally, the phosphorylated
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Fig. 5 Comparison of the fractal dimensions Df of the actin cytoskeleton (a), ATP production
rate measured by TMRM intensity (b), total ATP content (c) and tyrosine phosphorylation (d) in
vascular smooth muscle cells in culture following 4 h in the unstretched (US) condition, and 4 h
of monotonous stretch (MS) or variable stretch (VS). Except for Df, all data are normalized to the
level under VS. Data were obtained from Bartolak-Suki et al. [32] with permission

myosin light chain (phMLC), which regulates cell contractility, was significantly
higher following VS [32]. Figure 6 demonstrates that these cell culture-based results
are also maintained at the aorta tissue level. Here, the mean and amplitude of circum-
ferential cyclic strain for MSwas obtained frommeasured blood pressure recordings
and pressure-radius curves in rats whereas the variability in VS was computed from
beat-to-beat blood pressure fluctuations. The mean force generated by aorta rings
during 4 h of MS or VS (Fig. 6a, b) shows that contractility, assessed at times 0
and 4 h using KCl challenge, declined by ~25% during MS compared to VS which
maintained contractility after 4 h (Fig. 6c). Recalling that stiffness and traction force
are linearly related, these numbers compare well with the ~30% reduction in stiff-
ness of the network following MS (Fig. 3b) and no change in stiffness following
VS (Fig. 4b). To test how ATP availability influences contractility, oligomycin, an
inhibitor of the ATP synthase, was applied for an additional hour followed by another
KCl challenge demonstrating that contractility decreased significantly under bothMS
and VS. The phMLC also decreased by 28% after MS compared to VS which was
further reduced in both MS and VS following oligomycin (Fig. 6d). Furthermore,
immunohistochemical expression of phMLC in muscle cells within the aorta wall
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(Fig. 6e) and the corresponding statistics (MS 22% lower than VS; Fig. 6f) closely
mirrored both the biochemically determined phMLC (Fig. 6d) and tissue contractility
(Fig. 6c). Taken together, these results demonstrate that tissue level phMLC and vas-
cular contraction are regulated by stretch pattern in a mitochondrial ATP-dependent
manner. Thus, we see that downward causation from BPV-induced fluctuations in
the boundary conditions applied to cells regulates microscale contractility which in
turn influences macroscale BP via maintaining arterial wall stiffness [85]. We thus
conclude that FDMplays a role in a bi-directional dynamic homeostatic maintenance
of BP regulation.

4 Examples of Fluctuation-Driven Mechanotransduction

A prime example of FDM is our recent study [32] part of which is presented in Fig. 6.
In this study, we found that ATP production rate in VSMCs in culture stretched equi-
biaxially was higher by about a factor of 2 following 4 h of VS compared toMS [32].
The ATP production was quantified by the inner mitochondrial membrane potential
(mMP) [86] that is a measure of ATP production [87]. The FDM-induced increase
in ATP production was accompanied by upregulation of key components of the elec-
tron transport chain including the ATP synthase. Using a set of 15 inhibitors, the
underlying mechanism can be described as follows [32]. When actin polymeriza-
tion, microtubule depolymerization, the ATP synthase, FAK or calcium availability
were inhibited individually, ATP production was altered, but VSmaintained a higher
ATP production than MS. Two cytoskeletal structures, microtubules and vimentin,
however, play a key role in mitochondrial ATP-related FDM since inhibiting their
polymerization eliminated the difference between MS and VS cells. Blocking non-
muscle myosin II, the dynamin-related protein 1, which regulates mitochondrial fis-
sion [88], or mitotic kinesin-like protein 2, which reduces mitochondrial movement
alongmicrotubules, all reduced ATP production in VS cells to the levels found inMS
cells. Since changes in ATP production are associated with alterations in mitochon-
drial network complexity [89], VSMCs appear to utilize the elastic energy surplus
available during VS (Fig. 2c) via remodeling the cytoskeletal network and convert it
to chemical energy stored in ATP via reorganization of the mitochondrial network.
FDM should thus play crucial roles in many essential cell functions that require
ATP-based energy supply. Hence, we conjecture that all cellular processes that par-
ticipate in homeostatic control of some physiological parameter are dynamically also
regulated by organ level mechanical fluctuations.

Surfactant in the lung, secreted by type II epithelial cells, is a key component of
alveolar surface film stability. A potent stimulant of surfactant production and secre-
tion is a single large stretch [24]. A period of 30 min of cyclic stretch with 50% area
strain applied to epithelial cells in culture showed first a decline in surfactant secre-
tion after an additional incubation time of 30 min, but resulted in increasing levels
of secretion after further incubations for 60 and 210 min [90]. Another study found
an increase in secretion at 60 min when type II cells were stretched for 15 min, but a
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Fig. 6 Contractility of aorta rings is regulated by stretch pattern. Rat aorta rings were stretched
first to a circumferential strain of 70% and allowed to relax for 45 min. Tissues were then cyclically
stretched with MS (a; 30% sinusoidal strain amplitude with a fixed peak strain of 85%, 3 Hz) or
VS (b; peak strains distributed between 77.5 and 92.5%, mean frequency of 3 Hz). After 10 min
of stabilization, KCl was added and 30 min later washed out. The KCl protocol was repeated after
4 h stretching. In a subset of tissues, oligomycin was added to block the ATP synthase and the
KCl challenge was repeated after 1 h. The instantaneous force fluctuations (gray lines) were low-
pass filtered (black lines). The insets show a short segment of the wave forms for MS and VS. c
Contractility is defined as the difference in force between the force at 30 min after adding KCl
and the force just before adding KCl. The contractility normalized to its value at time 0 drops
significantly in MS samples (n = 10) but not in VS samples (n = 9) and this difference disappears
following oligomycin treatment (n= 9, two-way ANOVA, p < 0.005). d Example western blots and
loading controls (LC) of phosphorylated myosin light chain (phMLC, top row) in aorta segments
after 4 h of MS or VS and following 1 additional hour of exposure to oligomycin (MSo or VSo) to
inhibit the ATP synthase. The effect of stretch is significant (p < 0.001), the effect of oligomycin
is significant (p < 0.001) and all groups are different. e Immunohistochemical images of phMLC
in aorta walls with blue and pink denoting phMLC and nuclei, respectively. f Statistical analysis
of phMLC levels from immunohystochemical images after MS (n = 54), VS (n = 42), MSo (n =
24) and VSo (n = 24). Data are normalized to the median of the VS group. The effect of stretch is
significant (p < 0.001), the effect of oligomycin is significant (p < 0.001) and all groups are different
except MS and VSo. Data were obtained from Bartolak-Suki et al. [32] with permission
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decreasewhen these cellswere stretched for 30 or 60min [91]. The delayed responses
are consistent with the notion that stretch increases surfactant transport from the inte-
rior to the exterior through a surface layer with a limited number of secretory pores
which temporarily hinder secretion due to an interaction among the surfactant con-
taining lamellar bodies, effectively creating a “traffic” jam [92]. When the stretch
stops, the jam takes additional time to clear implying that surfactant secretion is a
fundamentally nonlinear processwithmemory representing collective behavior at the
level of a single cell. The jam is likely due to the organization of the cytoskeletal net-
work around fusion pores since depolymerizing actin generally enhances surfactant
secretion [93]. Additionally, surfactant secretion is tightly regulated by membrane-
bound target SNARE (soluble N-ethylmaleimide-sensitive factor attachment protein
receptors) proteins called SNAP-23 and syntaxin-2 [94]. Syntaxin in the plasma
membrane also self-organize into clusters due to weak inter-molecular attractive
interactionswith cluster sizes limited bymolecular crowding-induced repulsion [95].
The available syntaxins in the membrane may group into a finite-number of docking
sites, allowing jamming to occur when secretion is stimulated. How does FDM affect
the jamming process? When a small amount of cycle-by-cycle variability (5%) was
added to the peak amplitude stretching type II epithelial cells in culture, surfactant
secretion was doubled [91] suggesting that VS reduces jamming. While the precise
mechanism is not known, several possibilities arise. First, as Fig. 4a demonstrates,
VS can have significant impact on subcortical cytoskeletal organization which in
turn should alter the cluster distribution of docking proteins and hence the fusion
pore opening dynamics. The opening of calcium channels required for secretion
[24] is a nonlinear stretch-dependent process [96]. Since fluctuations can enhance
signal transduction even in the simplest ion channel [97], the VS-induced cytoskele-
tal changes can increase intracellular calcium levels too. Finally, if ATP production
is upregulated by VS in type II cells similarly to VSMCs [32], the excess ATP can
depolymerize actin and act as a strong surfactant stimulant. Since surfactant is essen-
tial for maintaining normal lung elasticity and stability [98], it can be concluded that
natural TVV at the level of the organ alters cellular processes to produce proper
amounts of surfactant which in turn contributes to the homeostasis of macroscopic
lung mechanical function.

Endothelial cells lining the vascularwalls provide a selective tight-junction barrier
to circulating blood cells and macromolecules in the presence of shear stresses due
to blood flow. Countless studies have demonstrated that shear stress regulates var-
ious genes [10] which in turn control the production of vasoactive materials such
as nitric oxide (NO), which relaxes VSMCs, and endothelin-1, which contracts
VSMCs. While this knowledge comes from countless experiments using steady
shear flow, only one study examined how physiological variability in shear flow
based on observed in vivo flow patterns might influence vascular signaling [73].
Both steady and variable shear flows upregulated superoxide dismutase that protects
against oxidative stress; however, variable shear flow also upregulated NO synthase
activity and NO production as well as down-regulated TNF-α-induced leukocyte
adhesion which implies a more quiescent endothelium. Thus, while FDM seems to
lower endothelial inflammation, little is known about the underlying mechanism. It
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is likely that the glycocalix, comprised of proteoglycans and glycoproteins, on the
cell surface mediates such mechanotransduction [99]. For short time scales, mechan-
ical noise in shear stress due to turbulent flow may contribute to selective activation
of signal transduction pathways [100]. For longer time scales, slowly varying shear
stresses may modulate glycocalix synthesis and degradation [101]. The amount and
clustering of glycocalix in turn can influence how instantaneous shear stress acti-
vates G-protein signaling which regulates the burst-like production and release of
NO [102]. Although uncovering the exact mechanisms requires further studies, NO
release significantly influences vascular wall stiffness [85] which is a key determi-
nant of overall BP. FDM therefore may regulate general endothelial function which
feeds back to organ level BP regulation.

Several studies also attempted to incorporate variability into tissue engineering
approaches. Using a novel stretcher, Gelfoam samples were seeded with neonatal rat
lung fibroblasts and uniaxially stretched with different levels of variability (0, 25, 50
and 75%) superimposed on 20% mean strain [79]. While the data showed that VS
increased the mRNA expression of collagen 1α and lysyl oxidase, the mRNA expres-
sion of syndecan-4 was maximized at 25% variability in strain amplitude. Further
studies are required to assess any functional consequences of the altered expression
profile. In another study using a novel bioreactor, VS with 25% variability was used
in cardiac tissue engineering with a small but significant increase in twitch force
compared to static stretch [103]. There is only one study that tested the effects of
varying the frequency alone [104]. Cardiomyocyte constructs from neonatal rats in
fibrin hydrogels were stimulated with constant, Gaussian or uniform distribution of
frequencies for 2weekswith 10 or 20%variations around themean. The observed dif-
ferences in protein expressions suggest that variable-frequency stimulation affected
cell–cell coupling and growth pathway activation. Although these studies are more
descriptive, they present new opportunities to selectively tune the composition of
tissue constructs and better understand ECM homeostasis.

5 Homeostatic Maintenance of the Extracellular Matrix

Most cells in the body continually probe the mechanical properties of the ECM
through integrin receptors and the active network of actin and myosin [105] and
respond by balancing enzymatic degradation with replacement of the digested frag-
ments with newly synthesized molecules [106]. This mechano-regulatory process
shapes and maintains the ECM in a homeostatic manner [8]. The strong links among
the cytoskeleton, mitochondria and mechanical factors [89] also raise the possibil-
ity that beyond conventional mechanotransduction, the FDM-induced bioenergetic
stimulation of cells will also affect ATP-dependent cellular processes responsible
for the production and secretion of ECM material and their remodeling enzymes.
We attempt to address this question by separately examining the cell-ECM interac-
tions at two different time scales. At long time scales, the maintenance of the fibrous
structure of tissues may be more influenced by the average stresses than their fluc-
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tuations whereas at shorter time scales FDM may be more directly involved in the
homeostatic maintenance including response to injury.

5.1 ECM Maintenance at Long Time Scales

In several organs and tissues such as the vasculature, skin, heart and periodontium,
a quick turnover of collagen with half-lives between 20 and 250 days have been
observed [107, 108]. Interestingly, the mechanical stresses of exercise and the asso-
ciated metabolic activity were found to induce a rapid and significant increase in
collagen turnover within 72 h in tendon [109], a tissue that exhibits a very long col-
lagen turnover [110]. Despite the continual cellular maintenance, collagen structure
appears to remain in a stable homeostatic state throughout most of adult life even
when demanding mechanical stresses lead to strong remodeling. For example, while
the diameter distribution of collagen in mouse tail tendon undergoes major changes
in the first 3 months of life due to development, this distribution remains nearly
independent of age between 4 and 23 months [111], a range that spans the adult life
of the mouse and corresponds approximately to the span between 10 and 60 years in
humans [112]. Collagen morphometry is also nearly constant throughout adult life
in skin [113]. The functional consequence of the nearly constant diameter distribu-
tion is a stable strain energy density that maintains proper mechanical function and
resistance to rupture [111]. An important question of mechanobiology is then: “How
are cells able to maintain such a homeostatic structure over a period that corresponds
to decades of human life”?

In an effort to answer this question at least partially, we developed a computational
model of the long-term maintenance of collagen fibers under tensile stress [106].
Briefly, the model attempts to account for the ability of cells to balance enzymatic
digestion and repair of a single collagen fiber such that the fiber diameter remains
constant over time as well as along the fiber. The cell is able to probe the stiffness
of the fiber using its acto-myosin network (not explicitly included in the model) and
respond to changes in overall stiffness by releasing regenerative (R) or degradative
(D) particles when the overall fiber stiffness decreases below or increases above
a threshold, respectively. The R and D particles represent collagen monomers and
collagen-cleaving enzymes (e.g., MMPs) responsible for the local fiber repair and
digestion, respectively. The fiber consists of a one-dimensional chain of linearly
elastic springs in series surrounded by two layers of sites along which the R and D
particles can diffuse and bind to the fiber at discrete locations corresponding to the
springs (Fig. 7a). Both ends of the chain are subject to a constant force that mimics
tension on ECM fibers.

When a D or an R particle unbinds from the fiber, the local spring constant k
is reduced (k → γ k) or increased (k → k/γ ), respectively, by a constant factor
γ < 1. If the fiber was a regular array of molecules, cleavage would simply decrease
the number of molecules in parallel. This would then result in a linear decrease in
the spring constant during subsequent cleavages and it is possible that over a long
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time scale, the local spring constant reaches zero effectively rupturing the chain. In
reality, the molecules overlap and are connected via multiple inter-molecular as well
as inter-fibril cross-links in a complex manner (Fig. 7b). Hence, the degradation of
the fiber is also a complex process and a single cleaving event does not eliminate a
complete monomer from the chain. As Fig. 7b demonstrates, following the cleavage
of a monomer, part of this monomer can still carry a force. Thus, subtracting one unit
from k following unbinding of a D particle is not appropriate; instead, the cleavage
process is modeled by assuming that the decrease in k is proportional to its actual
value, which leads to a multiplicative degradation process. The above consideration
is valid only when the process of degradation is far away from the rupture threshold
and under this assumption, this model provided an accurate description of stress
relaxation and fragment release from elastin fibers during digestion [114]. While

Fig. 7 Schematic diagram of a fiber during cellular maintenance. a The fiber is a chain of springs
with binding sites represented by small open circles. The two layers of sites surrounding the fiber
are represented by the big open circles and the two types of particles are shown as filled circles
with the red and blue circles corresponding to a diffusing degradative and a bound regenerative
particle, respectively. A particle at the top, can move down with an on-binding probability (pon),
left or right with a diffusing probability (pd/2) whereas a particle at the bottom can similarly move
up, left, or right. When a particle binds to a spring, it can stay there or move up or down with an off-
binding probability (poff/2). The ends of the chain are submitted to a constant force F. A periodic
boundary condition was applied along the axis of the chain. b A zoom into one of the springs
representing collagen monomers in parallel (black) reinforced by cross-links (gray). Red shows the
force transmission pathways and the blue scissors represent a bound enzyme to a collagen monomer
(middle diagram). Once the enzyme unbinds, the monomer is cleaved, but part of the monomer still
participates in force transmission (bottom diagram). Images were obtained from Alves et al. [106]
with permission
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this model was able to achieve a stable total stiffness of the chain (K), the control
mechanism failed to produce a constant variance of k along the chain because, for
long time scales, the variance increased nearly linearly with time, similar to a random
walk, producing a highly heterogeneous fiber not observed in experiments [106].

The only solution to avoid the divergence of the variance of k is to introduce local
control that can increase the probability of binding one of the particles to a binding
site that requires a change. For example, a random local decrease or increase in k
requires that aRor aDparticle, respectively, fixes the local departure from the average
stiffness. This means that either the cell “figures out” the local inhomogeneity of the
fiber and releases the proper particle at the exact location of repair, or the already
released particles are biased to bind to the location with an altered k. Since both the
enzyme and the collagen monomer are very small compared to the cell (~100 nm
vs. ~10 μm), this would require an extreme precision from the cell. It seems more
plausible that the cell senses the stiffness at a scale of its own size, since stiffness
sensing requires larger scale structural transitions within the actin network [115].
The other possibility is that the binding probability itself is biased such that if a local
region is too stiff or too soft, the binding sites in that region attract D or R particles,
respectively. Since the force on a fiber can be taken to be constant as long as the
diameter to length ratio is small, a soft region would stretch more than a stiff region
allowing different binding sites to open up or unfold as a function of local stretch
[116, 117] and hence stiffness. Accordingly, we can introduce stiffness-dependent
on-binding probabilities for R and D particles as follows:

pon,R = 1 − 2

3
e−F/k and pon,D = 1 − 2

3
e−k/F (4)

where F is the force per unit length on the fiber and k is the local stiffness. Notice
that if k → 0, pon,R → 1 and pon,D → 1/3, whereas if k → ∞, pon,R = 1/3 and
pon,D → 1. In other words, the on-binding probabilities approaches 1 for R or D
particles when the site locally needs to increase or decrease its stiffness, respectively.
For homeostasis to be functional, it is sufficient if one of these mechanisms is active.
Indeed, implementing pon,R in the model successfully achieves homeostatic control
for bothK and the spatial homogeneity of k along thefiber [106].Moreover, themodel
suggests that there is an optimum force on the fiber that minimizes the variance of k.

Can we experimentally validate these model predictions? Atomic Force
Microscopy measurements along type I collagen fibril in indentation mode showed
significant axial heterogeneity of stiffness [118]; however, the indentation induces
both compression and shear and since collagen is anisotropic with different axial and
lateral moduli, such data are not directly applicable to estimate the Young’s modulus
in axial stretch. A positive correlation between average fiber diameter and the low
strain modulus has been reported for artificial assemblies of type I collagen fibers
[119]. We can extend this result to obtain a relation between local diameter and local
stiffness. First, note that the stiffness at a given location should be related to the num-
ber of collagenmonomers Nc that pass the cross sectionA of the fiber. If the cross-link
density is constant along the fiber, the local stiffness should be proportional to Nc.
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Since A is the sum of the cross sectional areas of individual monomers, A is also
proportional to Nc implying that fiber diameter is proportional to the square root of
Nc. Thus, the distribution of

√
k can be compared with the distribution of measured

diameters along individual collagen fibrils. Scanning electron microscopic images of
the thoracic aorta of normal rats [106] were processed (Fig. 8a) and segments were
selected if their borders could be identified properly (Fig. 8b). The distribution of
diameters exhibits two peaks (Fig. 8c) similar to the results obtained by measuring
cross sectional areas on images perpendicular to the fiber axis [111]. When each
diameter value along a fiber is normalized with the median diameter of the fiber,
the distribution becomes unimodal which is compared to the distributions of

√
k

of the model for 3 values of F in Fig. 8d. There is a good agreement between the
experimental results and the model simulations when F = 0.6, which corresponds to
the minimum of the variance of k or the maximum homogeneity of the fiber [106].
Despite several limitations such the 2-dimensional system, the lack of convective
particle transport via interstitial flows, or volume exclusion, this modeling exercise
suggests the possibility that the ECM evolved together with cells in a manner to
actively participate in its own homeostatic maintenance. Whether FDM contributes
to such long-term processes is an open question.

5.2 ECM Maintenance at Short Time Scales

Could fluctuations in stretch or mechanical force at a shorter time scale play a role
in ECM maintenance? With regard to FDM, we argued above that the cytoskeleton
exhibits a strong response to VS which is also reflected in gene expressions [79]
and ultimately the production and secretion of ECM maintaining R and D particles
such as collagens and MMPs. Indeed, our preliminary data suggest that collagen
secretion by mouse lung fibroblasts in culture is sensitive to fluctuations in stretch
amplitude [120]. Furthermore, we recently also reported that MS and VS differ-
entially regulate the organization of the ECM [121]. Briefly, representative images
of elastin, collagen and β-actin within the aorta wall soon after isolation (termed
unstretched, US) and following 4 h of MS or VS are shown in Fig. 9a. For elastin,
there are strong wavy elastic lamellae within the media layer which appear dark
blue and are interspersed with bundles of dark red/pink VSMCs. The thick lamellar
fibers and the thin inter-lamellar fibrils are wider and looser and hence darker during
MS. The thin network of collagen fibrils appears as bright blue in the media and
adventitia. Immunohistochemistry also revealed a significant stretch dependence of
the thin network of β-actin in the smooth muscle layer (labeled blue) with visibly
more β-actin following VS. The complex space-filling capacity of these structures
was characterized by the fractal dimensionDf from ~50 images (Fig. 9b). For elastin,
Df was higher after MS than VS (p < 0.001) whereas for collagen, Df significantly
dropped following MS (p < 0.001). Compared to US, Df of β-actin did not change
following MS but significantly increased following VS (p < 0.001), the latter being
consistent with the VSMC culture results in Fig. 5a. The changes in ECM struc-
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Fig. 8 Panel a shows part of the collagen fiber structure of the thoracic aorta of a healthy adult rat
obtainedusing scanning electronmicroscopy.Thehighlightedparts inb are the segments selected for
measurement of diameters along the contour length of the fibers. Panel c presents the distribution of
diameters exhibiting a bi-modal shape. In d the diameters corresponding to each fiber are normalized
by themedian of the fiber diameter (filled black circles).Note that the distribution now shows a single
peak. Also shown are several model simulations of predicted diameter distributions corresponding
to 3 values of the force F on the fiber in the model. Note that for F = 0.6, the simulated distribution
matches the experimental one. Data were obtained from Alves et al. [106] with permission.

ture imply a looser elastic lamella and more compact collagen fibers following MS.
However, in the muscle layer, it is likely that following isolation of the aorta, actin
is quickly depolymerized in the US samples because of the lack of ~30 min stretch
before fixation. Thus, the larger β-actin amount in VS suggests that stretch pattern
affects β-actin more than stretch itself. These differences in turn influence cortical
actin organization in agreement with Figs. 3 and 4, and hence ECM stiffness sensing.
SinceDf and other ECM structural parameters (not shown) followingVSwere closer
to US than MS [121], these results are consistent with the notion that in vitro, VS
better maintains the natural organization of the ECM than MS. Lamellar fibers were
also segmented on the elastin images and their waviness was determined (Fig. 9c).
Compared to US, both MS and VS resulted in a higher waviness which was highest
after VS (p < 0.001, not shown). Interestingly, many of the structural parameters
were changed and the difference between MS and VS disappeared after treatment
of the aorta with oligomycin A, an inhibitor of ATP production, and blebbistatin, an
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Fig. 9 a Representative images of elastin, collagen and β-actin for experimental conditions includ-
ing unstreched (US) samples following isolation, samples following 4 h ofmonotonous stretch (MS)
or variable stretch (VS). Elastin was stained dark blue using the Verhoeff’s elastic staining whereas
collagen is light blue stained by Masson’s trichrome method. The network of cytoskeletal β-actin
within the smoothmuscle layer is shown in blue by immunohistochemistry with pink counterstained
nuclei. The scale bar on MS β-actin corresponds to 100 μm. b Statistics of the fractal dimension
Df of elastin, collagen and β-actin in US, MS and VS samples. One-way ANOVA showed that
except for US and VS for elastin and US versus MS for β-actin, all conditions were significantly
different from each other (p < 0.001). c Example binary images of lamellar elastin after MS (left)
and VS (right). The corresponding values of waviness, defined as the ratio of contour length and
end-to-end distance of a fiber, are given in each image. d Regression between the median waviness
and normalized contractile force from Fig. 6c including the data corresponding to the ATP synthase
inhibitor oligomycin (Oli) and the β-actin polymerization inhibitor blebbistatin (Bls). Images and
data were obtained from Imsirovic et al [121] with permission

inhibitor of non-muscle myosin II which hinders cortical actin network formation.
However, there was an unexpectedly strong correlation between contractile force and
waviness with an r2 = 0.833 (Fig. 9d). Taken together, these results suggest that mus-
cle tone regulated by FDM is necessary for proper homeostatic ECM organization
even at a relatively short time scale, a notion that is in agreement with a recent report
that mechanical homeostasis appears to restore collagen fibril waviness in tendon
via active fibroblast contraction [122].
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6 Homeostasis and Disease

In disease, there are characteristic changes in stretch pattern that should influence
FDM. Breath-to-breath variability in respiratory variables has been reported in both
health and disease [30, 123]. For example, while the CV of TVV is ~26% in normal
subjects, it is 43% in obstructive and only 17% in restrictive lung diseases [124].
Although the local mechanical properties of the lung tissue can influence the actual
strains delivered to lung cells by a tidal breath, FDM is primarily determined by
TVV. If, as part of the downward causation, TVV is altered by a disease, the homeo-
static regulation of some lung physiological parameter through FDM should also be
affected. The upward causation should modulate TVV via alterations by the disease
of tissuemechanical properties or their nervous control. Indeed, when variability was
partitioned into random and non-random components, healthy subjects under elastic
loading mimicking restrictive diseases decreased the random component of TVV
[125]. Furthermore, increasing variability in breathing pattern also induced dysp-
nea in patients with restricted lung disease, indicating that these patients decreased
TVV in order to minimize dyspnea [126]. Whether changes in breathing pattern are
inherent to the disease or adopted by the patient to alleviate breathing problems, the
increase or decrease in TVV will result in abnormal strains delivered to cells which
should lead to pathological FDM and possibly contribute to the progression of the
disease in a feedback loop. Although currently little experimental data are available,
a significant shift in FDM should affect fibroblasts’ ability to maintain a dynamic
homeostatic control of the lung ECM. An extreme reduction in TVV occurs during
mechanical ventilation of patients which eliminates all variability. The monotonous
stretching of the lung during conventional mechanical ventilation has been shown to
impair surfactant metabolism and promote cytokine release while adding variability
to tidal volume can be used as a potential treatment in animal models of lung injury
[127–129]. Furthermore, in prematurely born lambs with surfactant deficiency, 3 h
of ventilation with TVVwas able to differentially regulate surfactant protein expres-
sions and reduce lung inflammation and alveolar leakage compared to conventional
ventilation with no variability [130]. This suggests the intriguing possibility that
evolution has built fluctuations into the maturation of the surfactant system of the
lung.

In the cardiovascular system, heart rate and BPV arises from the numerous feed-
back systems interacting in a noisy environment [131]. While such fluctuations are
necessarily present in healthy subjects, BPV increases in hypertensive patients and
animals [132, 133]. Furthermore, BPV is known to occur at widely different time
scales ranging from beat-to-beat, to 24 h, and to periodic doctor visits [134, 135].
While mean BP as well as systolic BP are considered primary diagnostic indexes
of cardiovascular disease, various measures of increased BPV on the time scale of
periodic doctor visits was identified as an independent predictor of stroke [135].
Similarly, lower 24 h BPV correlated with lesser prevalence of target organ damage
in patients with hypertension [134]. An increase in BPV elevates themaximum strain
acting on endothelial cells as well as VSMCs, both of which are exquisitely sensitive
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to fluctuations in mechanical stimuli exhibiting thus FDM [32, 73]. An interesting
animal model of high BPV is the sinoaortic denervation which increases BPV and
leads to aortic and left ventricular hypertrophy without an increase inmean BP [136].
Alternatively, long-term treatment of spontaneously hypertensive rats with low-dose
ketanserine, an anti-hypertensive agent, reduced BPV but not mean BP and less-
ened end-organ damage [137]. The biological outcome of decoupling mean BP from
BPV is important. Indeed, cells in the vessel wall are likely able to accommodate
an increase in static stretch associated with increased mean BP leading to a non-
equilibrium steady state. However, cells may react unexpectedly to a pathological
increase in BPV which maintains an unsteady non-equilibrium condition. Increased
BPV in humans is also associated with arterial wall remodeling and elevated arterial
wall stiffness [138], a strong and independent predictor of cardiovascular risk [139].
Thus, the increased BPV in cardiovascular diseases is perhaps not just a symptom of
the disease, but may also be a mechanical signal that contributes to the breakdown
of the healthy homeostatic regulation of BP. Indeed, in hypertensive patients under-
going 3 months of antihypertensive treatment, the reduction in BPV by amlodipine,
a calcium channel blocker, was also associated with a reduction in mean blood pres-
sure [140]. At the other end of the spectrum, too low BPV can occur under certain
conditions such as anesthesia [141] or brain death [142] suggesting a role for the
central nervous system in the regulation of normal BPV. Complete elimination of
circumferential strain variability in in vitro experiments in otherwise normal VSMCs
in culture demonstrated a substantial shift in metabolic activity, reduced contractility
and increased reactive oxygen species (ROS) production [32]. While it is possible
that similar to high BPV, long-term pathologically low BPV results in loss of home-
ostatic control, further experiments are required to determine how FDM changes and
whether such changes have detrimental effects on tissue remodeling.

7 Homeostasis and Aging

Before concluding, some remarks on the possible role of FDM in aging are due.
Although many molecular theories of cellular aging have been put forth since the
middle of the last century [143–145], little is known about howmechanotransduction
itself ages or contributes to aging. While organs may age differently, there is a
trend that collagen processing becomes slower leading to increased cross-linking
and stiffer collagen as we age [146, 147]. This phenomenon represents a gradual
shift in the homeostatic maintenance of collagen. Since many cell functions are
sensitive to the local stiffness of the ECM to which they attach [148], cells are likely
to respond to the gradual changes in the physical properties of the ECM in aging
[149]. For example, VSMCs cultured on proteolysis-resistant collagen display early
aging with reduced replicative life-span that can be blocked by vitronectin, a ligand
forα5β3 integrin. Alternatively, senescence can be triggered in cells grown on normal
collagen by inhibiting α5β3 integrin binding [150]. It seems reasonable to assume
that mechanotransduction plays a role in aging. Below, we discuss three possible
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factors related to mechanotransduction that could contribute to the observed shift in
mechanical homeostasis in tissue aging.

The first is related to the aging of the mitochondrial-nuclear (mitonuclear) com-
munication. Mitochondria have been at the forefront of aging theories since the
introduction of the idea that ROS from mitochondria are a primary cause of aging
[151]. Although there is a steady decline in respiratory chain activity during aging
[152], this idea has been questioned because reducing the gene expression of the
electron transport chain results in longer life in flies [153]. However, aging also
induces significant oxidative/nitrosative stresses in mitochondria which is accompa-
nied by a substantially reduced activity of the respiratory chain and ATP production
that could bemitigated by administration of melatonin [154]. Since the production of
ECMmolecules and remodeling enzymes requires ATP, the aging of mitochondria in
fibroblasts should play an important role in how the homeostatic maintenance of the
ECM ages. For proper ATP generation, the nucleus and the mitochondria must con-
tinuously communicate [155]. During aging, there is a specific loss of mitochondrial
subunits of the electron transport chain [156]. Interestingly, the underlying cause of
the reduced mitonuclear communication is a decline in nuclear NAD+ and the accu-
mulation of hypoxia-inducible factor HIF-1α under normoxic conditions. Deleting
sirtuin 1 accelerates aging, whereas restoring normal NAD+ levels in old mice ele-
vates mitochondrial function to that of young mice. It is plausible that the decline in
mitonuclear communication contributes to reduced mitochondrial ATP production
which in turn redistributes the energy budget of fibroblasts such that their cytoskeletal
organization and capacity to maintain the ECM via mechanotransduction becomes
impaired, a prediction that needs experimental verification.

The second mechanotransduction-related factor involved in aging is the stiff-
ness of the ECM. Aging alters the composition of lung ECM [157] including the
pulmonary vessels [158]. The morphology of collagen and elastin, the two major
determinants of ECM stiffness, changes in aging with the fibers becoming straighter
and thicker [159]. Both the turnover of collagen [160, 161] and the activity of
lysyl oxidase, a key enzyme in collagen and elastin processing, decrease with age
[162]. The less stable reducible cross-links gradually decline whereas the more sta-
ble non-reducible cross-links increase throughout life [147]. The non-enzymatic
cross-linking of collagens by sugars through Maillard glycation results in advanced
glycation end-products [163] which gradually accumulate during aging [164]. Cross-
linking and denaturing of proteins caused by glycation are key factors in early aging
of the lung [165, 166], which should increase fiber stiffness although no direct data
are available. Cross-linking not only stiffens the tissue, but makes collagen more
resistant to proteolysis, a key process of normal homeostatic ECM maintenance by
fibroblasts. Furthermore, resistance to proteolysis has been shown to drive the aging
process in vascular cells [150]. Thus, fibroblasts’ ability to maintain the ECM is
reduced during aging due to increases in cross-linking and stiffness of ECM fibrils
to which fibroblasts attach. These pathological shifts disturb normal homeostasis by
inhibiting normal mechanosensitive processes with the possibility of reinforcing a
mild fibrotic phenotype.
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Third, healthy FDM itself likely suffers from aging. As discussed above, cells
respond to external cues [167] utilizing ATP producedmostly in mitochondria. Mito-
chondria form a tubular network [168] and the inner membrane potential, oxidative
respiration and ATP production are down regulated when this network is fragmented
[169]. Mitochondrial network formation is also related to the ability of mitochondria
to move along microtubules [170]. Macroscopic physiological processes such BPV
[171] and TVV [30] maintain and drive cellular homeostasis utilizing FDM such
that cells can harness the fluctuations in external mechanical stimuli by altering their
cytoskeletal and mitochondrial network leading to altered membrane potential and
hence ATP production [32]. Specifically, VS enhances ATP production by increasing
the expression of ATP-synthase’s catalytic domain, cytochrome C oxidase and its
tyrosine phosphorylation, mitofusins and PGC-1α [32], the master regulator of mito-
chondrial biogenesis under external stimuli [172]. FDM is also mediated by motor
proteins and by the enhancement of microtubule-, actin- and mitochondrial-network
complexity measured by the fractal dimension [32]. Since these mechanisms are key
to proper ATP production, mechanosensitive and ATP-dependent cellular processes
should be sensitive to alterations in the level of fluctuations that occur with advancing
age. For example, the coefficient of variation of TVV increases from 33% at a mean
age of 29 years to 44% at a mean age of 69 years [123]. On the other hand, the liter-
ature on BPV is slightly controversial showing only a mild negative dependence of
diastolic BPV on age [173]. Nevertheless, visit-to-visit diastolic BPV is significantly
associated with mortality risk in the elderly [174]. In a recent preliminary study, we
found that TVV significantly impacts mitochondrial structure and function in lung
fibroblasts in an age dependent manner [175].When young fibroblasts were stretched
with VS corresponding to young TVV, mitochondrial structure was more complex
and ATP production rate was higher than those in old fibroblasts stretched with VS
corresponding to an old age. Interestingly, these age-related structural and func-
tional changes in old cells could be partially restored to the levels seen in young cells
when the old cells were exposed to the physiologic TVV of young cells. Although
more experiments will be needed to shed light on the relevant molecular details,
the reduction in ATP availability due to age-associated changes in TVV and BPV
should contribute to the altered fibroblast phenotype responsible for the gradual loss
of proper ECM sensing and maintenance characteristic of the young age.

Finally, it is likely that the above 3 mechanisms are not independent of each other.
ATP is a common link because it is related to mitonuclear function, ECM remodeling
as well as FDM. Downward causation may come from aging of the central nervous
regulation of TVV and BPV leading to altered cellular maintenance of the ECM
which can contribute to the stiffening of fibers and tissues which in turn can cause a
shift in the mean and range of fluctuations of homeostatically controlled parameters
such as blood pressure.
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8 Summary and Implications

It is now well documented that many cell types are sensitive to physical forces as
well as the physical properties of the microenvironment and their signaling response
influences many regulatory functions in the body. In the laboratory, such mechan-
otransduction is invariably studied using monotonous mechanical stimuli. Cells in
the body, however, are exposed to irregular mechanical stimuli which are in gen-
eral time varying but often exhibit spatial variations such as inhomogeneity and
anisotropy of ECM stiffness. Cells sense and probe their mechanical microenviron-
ment via adhesion molecules linked to the cytoskeleton and many cellular processes
are sensitive to both the mean and the fluctuations of the mechanical boundary con-
ditions they are exposed to. It is tempting to postulate that evolutionary forces must
favor structures, both intra- and extracellular, that not only respond to the average but
can also adapt to and take advantage of the fluctuations. As a consequence, cellular
responses to fluctuations must be evolutionarily built into genetic mechanisms that
eventually control long-term homeostasis within acceptable limits leading to both
downward and upward causations. By accepting mechanical energy from the fluctu-
ating boundary conditions via cytoskeletal and mitochondrial remodeling, vascular
cells are capable of exploiting such mechanical fluctuations via increased ATP pro-
duction. Several lung cell types appear to behave similarly. Since ATP is required for
many basic cell functions, FDM leads to selective activation of signal transduction
pathways. If the increase in ATP availability during FDM is also confirmed in other
cells and organs, FDMmay turn out to be a general phenomenon implying that active
networks may be capable of harnessing energy from mechanical fluctuations in their
microenvironment.

Many challenges and open questions remain however. At the most general level,
we argued that FDM is a dynamic non-equilibriumprocess that never reaches a steady
state. Hence, generalizing from results obtained under steady state MS conditions
is not possible even when a range of amplitudes and frequencies are sequentially
included in the steady state analysis. The primary difficulty is that no general ther-
modynamic description has been developed to describe the behavior of nonlinear
dissipative systems driven far from equilibrium. There are several additional factors
to consider. For example, fluctuations are not random because over long time scales,
heart rate and breathing pattern show long-range correlations.Whether and how such
time correlations in mechanical stimuli affect FDM is not known. Since cells and the
ECM are viscoelastic implying mechanical memory, it is thus likely that FDM is also
sensitive to the correlated nature of fluctuations. Physiological rates such as heart
rate and respiratory rate also fluctuate which in turn result in variability in the strain
rate boundary conditions for cells. Fluctuations in local strain rate lead to fluctuations
in mechanical forces on proteins which, due to the viscoelastic nature of biological
materials, can result in folding and unfolding patterns and bond dissociations that are
different than in ideal elastic materials. The effects of the non-equilibrium unsteady
conditions at the level of single proteins and bonds within the cell adhesion complex
is not well understood. However, the general organization and the dynamics of the
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cytoskeleton, an active network under non-equilibrium conditions, may respond to
FDM in a way that is nearly independent of cell type because all adherent cells have
a subcortical actin network. Whether such generalization can be made should be
experimentally tested. Additionally, nothing is known about the nuclear responses to
FDM, which also need to be elucidated because the genetic response to fluctuations
must be involved in the long-term homeostatic control of physiological parameters.
Finally, the breakdown of a componentwithin a hierarchical and bi-directional home-
ostatic control mechanism can amplify or attenuate mechanical fluctuations which
in turn regulate FDM with aberrant intra-cellular signaling that can contribute to the
pathogenesis and progression of diseases. In summary, uncovering how cells deal
with physiological variabilities may also help unravel how cells regulate homeo-
static control in the organs and tissues of the body with possible impact on better
understanding vascular and respiratory diseases as well as neuro-degenerative and
metabolic disorders and aging.
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Experimental Characterization
of Adventitial Collagen Fiber Kinematics
Using Second-Harmonic Generation
Imaging Microscopy: Similarities
and Differences Across Arteries, Species
and Testing Conditions

Cristina Cavinato, Pierre Badel, Witold Krasny, Stéphane Avril
and Claire Morin

Abstract Fibrous collagen networks are well known to play a central role in the
passive biomechanical response of soft connective tissues to applied loads. In the
current chapter we focus on vascular tissues and share our extensive experience in
couplingmechanical loading andmulti-photon imaging to investigate, across arteries,
species and testing conditions, how collagen fibers move in response to mechani-
cal loading. More specifically, we assess the deformations of collagen networks in
rabbit, porcine or human arteries under different loading scenarios: uniaxial tension
on flat samples, tension-inflation on tubular samples, bulge inflation on flat samples.
We always observe that collagen fibers exhibit a wavy or crimped shape in load-free
conditions, and tend to uncrimp when loads are applied, engaging sequentially to
become the main load-bearing component. This sequential engagement, which is
responsible for the nonlinear mechanical behaviour, is essential for an artery to func-
tion normally and appears to be less pronounced for arteries in elderly and aneurysmal
patients. Although uncrimping of collagen fibers is a universal mechanism, we also
observe large fiber rotations specific to tensile loading, with significant realignment
along the loading axis. A unified approach is proposed to compare observations and
quantitative analyses as the type of image processingmay affect significantly the esti-
mation of collagen fiber deformations. In summary, this chapter makes an important
review of the basic roles of arterial microstructure and its deformations on the global
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mechanical response. Eventually, directions for future studies combiningmechanical
loading and multi-photon imaging are suggested, with the aim of addressing open
questions related to tissue adaptation and rupture.

1 Introduction

The passive biomechanical response of soft connective tissues to applied loads is well
known to depend on their structure as well as on their composition [1–7]. Various
proteins, like elastin and collagen, typically assemble together to form fibrils, fibers,
and bundles of these fibers, thus creating a structural support for the extracellular
matrix (ECM) of soft tissue [8]. The architecture and particular composition of this
structural support is believed to respond to specific mechanical demands of each
tissue [9–12].

Among such tissues, arterial tissue has been verymuch focused on due its essential
role in human physiology. Arteries are made up of three concentric layers, with the
medial one being the most important in healthy and normal physiological conditions
[13–16]. The adventitia, the outermost layer, plays a crucial role in over-distention
events or in pathological and aged tissues where its main component, collagen, is
organized to act as a mechanically protective barrier [17, 18]. More precisely, adven-
titial collagen comes in the form of thick fiber bundles, organized to form a net.
Those bundles are undulated at no or very low loads (the load being then born by
medial tissue), and progressive uncrimping and possible re-orientation put them at
play at increasing loads (a process generally referred to as fiber recruitment or fiber
engagement) [19–24]. This sequential engagement of collagen becoming the main
load-bearing component explains the typical non-linear stress-strain curve observed
in these tissues [25–28]. Though this qualitative structural response of collagen net-
work is understood and commonly accepted, structure-to-mechanics relationships in
arterial collagenous networks remain to be fully elucidated and quantified as they
are involved in biological processes like fluid transport throughout the ECM [29],
mechanical stimuli provided from their environment to cells [30–32], and they may
help in many clinically-relevant situations where mechanical function is impaired
and requires accurate diagnosis for improved medical management.

For this reason, microstructural observations are needed, with the specific require-
ment of dynamically imaging loaded tissues. The latter prevents from using the most
common techniques based on staining and/or histology, which are destructive or
affect the mechanics of the tissue [33–37]. Though several other techniques may
be appropriate for specific purposes, like OCT (optical coherence tomography) and
X-ray micro-tomography [38, 39] for instance, one of the most suitable to perform
studies at the scale of collagenous structures in arteries is second-harmonic generation
(SHG) imaging [20, 40–45] which is very specific of collagen [46]. SHG is a com-
plex physical phenomenon arising from the interactions of photons with matter. This
phenomenon occurs in SHG-capable components (i.e. being a non-centrosymmetric
medium), when two photons with the same energy simultaneously interact with the



Experimental Characterization of Adventitial Collagen … 125

matter and combine into a single photon re-emitted at exactly double energy. To
practically reach the high-intensity conditions required for SHG at a given point in
a volume, a pulsed laser source, like a femtosecond laser, has to be focused at that
point [40, 46–48]. As a consequence, a complete 3D image of a volume requires a
scanning procedure. For this reason, SHG microscopy is intrinsically a technique
that allows sectioning the imaged volume, which may explain why it is sometimes
referred to as confocal microscopy [49] bymistake. SHGmicroscopy provides excel-
lent in-plane resolution and allows through-depth imaging typically reaching one to
two hundred microns in arterial tissue. Though this is a very attractive property, it is
important to note that this depth is not sufficient to scan thewhole thickness of human
large arteries. It is also worth mentioning that the axial resolution of this technique
is much smaller than its in-plane resolution, which prevents accurate out-of-plane
geometrical measurements [49].

Irradiation with such a laser source will also generate two-photon fluorescence
in sensitive components (called the fluorophores), which is the property used in
two-photon microscopy [42, 50, 51]. However the light is re-emitted at a different
wavelength and can be easily separated from the SHG signal; for instance, for an
excitation wavelength of 830 nm, the SHG signal was emitted at a wavelength of
415 nm, whereas the autofluorescence signal was collected with a filter between 560
and 700 nm. In the present context, the advantage of the technique is that collagen
is a structure that is intrinsically capable of SHG, unlike the other components of
the ECM, which allows specific and non-destructive observation of this component
within the arterial wall.

SHGmicroscopic imaging has focused for at least 2 decades on visualizing colla-
gen fibers in a variety of connective tissues (e.g., skin [4, 52], bone [46, 53], tendon
[5, 47, 54], blood vessels [19, 20, 44, 50, 55–58], and cornea [59]) and internal organs
(e.g., cervix [60], liver [61], kidney [62], and lung [63, 64]), see [40] for a detailed
review on this topic. This has permitted unprecedented imaging for the detection
of collagenous fibrosis (with possible application for medical diagnosis) or for the
quantification of extracellular matrix remodeling by comparing the arrangement of
collagen at different physiological stages of a tissue or an organ. More recently,
since 2012 and several pioneering studies, SHG microscopic imaging has been used
to capture almost real time changes to the collagen structure during uniaxial or biaxial
deformation in soft tissues [20, 21, 24, 66–69]. This has provided new quantitative
evidence on the sequential engagement of collagen bundles and collagen fibers in
response to mechanical loading.

In the current chapter we share our extensive experience in coupling mechanical
loading and SHG imaging to demonstrate, across arteries, species, and testing condi-
tions, the interesting sequential engagement of collagen fibers in response tomechan-
ical loading, which is essential for an artery to function normally. More specifically,
we analyze morphological changes of the microstructure of rabbit carotid arteries
under loading, and investigate how the underlying microscopic mechanisms gov-
erning fiber reorientation compare with the same mechanisms in aortic tissues from
porcine and human origin (healthy or aneurysmal). A unified analysis approach is
proposed in order to compare observations and quantitative analyses in different load-
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ing scenarios: uniaxial tension on flat samples, tension-inflation on tubular samples,
bulge-inflation on flat samples. Analysis and discussion focus on the kinematics,
especially re-orientation, of adventitial collagen fibers and differences arising from
the type of arteries and loading scenarios.

2 Materials and Methods

For a detailed and concise view on all realized tests, the nature, origin, and all relevant
data of each tested sample are summarized in Table 1.

2.1 Tissue

2.1.1 Origin

In a first testing campaign [66, 67], carotid arteries were harvested from healthy
male New Zealand White rabbits (R), weighing three kg approximately (as shown
on Fig. 1a). These arterial samples were used for uniaxial and tension-inflation tests,
as detailed in the following sections. In a second campaign dedicated to bulge-
inflation experiments on aortic tissue [68], three types of tissue were collected,
namely: (i) porcine whole aortae (P), at a local slaughterhouse from domestic pigs
aged 6–12 months (as shown on Fig. 1b); (ii) fresh non-aneurysmal human aortae
(H), through the French voluntary body donation program from the Department of
Anatomy of the University of Saint-Etienne (France) (see Fig. 1c); and (iii) unrup-
tured human ascending thoracic aortic aneurysms (ATAA), from patients undergoing
elective surgery to replace the diseased segment with a graft (see Fig. 1d). Collec-
tions and experiments on all samples fromhuman specimenswere done in accordance
with a protocol approved by the Institutional ReviewBoard of theUniversityHospital
Center of Saint Etienne. All aortic samples were classified as segments of ascending
thoracic part (AT) or descending thoracic part (DT), and their external diameter was
measured in different zones using a digital caliper.

2.1.2 Sample Storage and Preparation

Within 12 h after excision, each sample underwent careful removal of surrounding
tissue by a trained operator, and was conserved in a PBS (phosphate buffered saline)
solution at 5 °C until testing within the next 12–36 h maximum, except the samples
dedicated to uniaxial tension, which were kept frozen after preparation. From the
collected tissue samples, several samples were prepared, according to the following
protocols:
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Fig. 1 a Excised carotid artery from a New ZealandWhite rabbit; b porcine aorta in its descending
thoracic segment; c non-aneurysmal human thoracic aorta; d unruptured human ascending thoracic
aortic aneurysm

– for uniaxial tension, 10-mm-long cylindrical segments were cut from the carotids
and longitudinally cut open; rectangular strips were then cut into dogbone shapes
[24] aligned along the three following in-plane directions: circumferential (circ.),
longitudinal (long.), and along the first bisector of the circumferential-longitudinal
plane, referred to in the sequel as the diagonal (diag.) direction;

– for tension-inflation, a 15 ± 1-mm-long cylindrical segment was cut from each
carotid sample;

– for bulge-inflation, aortaewere cut open along the longitudinal direction, following
the line of the intercostal arteries; 45-mm2 samples were cut, with edges parallel
to the longitudinal and circumferential directions of the aortic tube.

2.1.3 Sample Measurement in the Reference Configuration

For stress and stretch measurement, the reference configuration was defined as the
configuration of the sample after preconditioning (see Sect. 2.2 for a more precise
description of the preconditioning). Besides, the thickness of each sample was mea-
sured in different positions with either a digital caliper and two rigid plastic plates for
large samples (bulge-inflation testing) or using a macro objective camera (Nikon®

D7200 equipped with Nikon® AF-SVRMicro-Nikkor optical 105mm f/2.8G IF-ED
lens) for small ring samples (tension and tension-inflation). Noticeably, in tension-
inflation tests, the measurement of the arterial diameter showed a limited variability
along the sample length (standard deviations being as low as 2% of the measured
mean diameters).
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2.2 Mechanical Testing Benches and Protocols

All mechanical tests were performed under quasi-static conditions, at an ambient
temperature of 20–24 °C with samples immerged in PBS. For all tests, five cycles
of preconditioning were performed prior to the mechanical test itself; in uniaxial
tensile tests and tension-inflation tests, the preconditioning was performed up to the
maximum load applied during the test itself, whereas in the bulge-inflation tests, pre-
conditionningwas stopped at a pressure of 80mmHg. Themechanical tests consisted
in increasing the mechanical load until predefined thresholds. At these thresholds, a
stack of second-harmonic generation microscopy images was acquired. In the fol-
lowing section, we give details about the characteristics of each of these mechanical
tests.

2.2.1 Uniaxial Tension and Tension-Inflation Testing

A screw-driven high precision tensile machine (Deben® Microtest ten-
sion/compression stage) with a 0.01 N precision load cell was used for uniaxial
tensile loading. Both crossheads of the tensile machine moved in opposite direc-
tions, allowing the operator to identify and keep track of a motionless central region
of interest to be imaged under the microscope.

Inflation loading was applied by a syringe pump (Harvard Apparatus®) equipped
with a ±300 mmHg pressure transducer (FISO® optical fiber connected to the fluid
network at the sample inlet) which infused PBS into the needles which were cannu-
lated onto the sample. The setup enabled pressure control under constant or cyclic
conditions, and was connected to the previously described tensile machine [66, 70].

The following testing protocols were used:

• For uniaxial tensile tests, a displacement was imposed at a rate of 0.5 mm.min−1,
corresponding to a stretch rate of 0.2 min−1. Images were acquired at fixed loads,
the maximum force being equal to 1 N (i.e. a maximum stress of about 2 MPa)
(see Fig. 2, left).

• For tension-inflation tests, two loading scenarii were considered in agreement with
well-established tension-inflation protocols for arteries [70, 71], namely: axial ten-
sion under a 100mmHg pressure (corresponding to the rabbit average carotid pres-
sure) and inflation under a 1.6 axial stretch (in vivo axial stretch of rabbit carotids).
Few tests were also performed by maintaining either a 20 or a 140 mmHg pressure
or a 1.3 or 1.8 axial stretch (see samples #39, #41, #42, and #44). Inflation was
applied by steps of 20 mmHg every 30 s, and the applied pressure was maintained
during image acquisition. Axial tension was applied at a rate of 2 mm.min−1 (i.e.
an axial strain rate of 0.2 min−1) and the applied axial stretch was maintained
constant for image acquisition (see Fig. 2, middle). Note that for each test, after
preconditioning, a first cycle was performed to acquire macroscopic data using the
optical camera, followed by a cycle to acquire microscopic images.
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For both uniaxial tension and tension-inflation, the samples were not fully
unloaded, a small (but non-zero) loading was maintained to avoid buckling of the
sample. For the exact characteristics of these tests, please refer to [66, 67].

2.2.2 Bulge-Inflation Testing

Aortic samples were clamped by gluing the adventitial side to a 30-mm-diameter
PVC (Polyvinyl chloride) support and the intimal side to a second PVC support. The
adventitial surface always faced outwards, while a hermetic closure was ensured
on the intimal surface. An automatic water pumping system (WPI®, NE-501 Multi-
Phaser) injected PBS at a constant rate of 2 mL.min−1 to inflate the sample. Pressure
values were recorded simultaneously by a pressure transducer (Omega®). For image
acquisition, inflation was stopped, and the volume was kept constant (see Fig. 2,
right). For the exact characteristics of the bulge-inflation tests, please refer to [68].

Fig. 2 Schematic views and pictures of the 3 test benches coupled with the two multi-photon
microscopy setups. From left to right: uniaxial tension, tension-inflation and bulge inflation devices
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2.3 Image Acquisition

2.3.1 Description of the Microscopes

Two multi-photon microscopy setups were used in these studies to image the colla-
gen networks. A multiphoton microscope (NIKON, A1R MP PLUS®) of the IVTV
platform (Engineering and Ageing of Living Tissues Platform, ANR-10-EQPX-06-
01) was used for rabbit samples. A LEICA TCS SP2 upright microscope (HCXAPO
L UVI ×20 NA0.5 with a Ti:Sapphire femtosecond laser source Chameleon Vision
I from COHERENT, Inc) equipped with a water immersion objective was used for
the other samples. The scanning volumes were respectively of 512 × 512 μm2 and
750 × 750 μm2 and depth of view ranged up to 90 μm for rabbit samples or up
to 200 μm for human samples, depending on sample transparency. All technical
details of microscope settings and specific adjustments for acquisition are available
in [66–68].

All microscopic investigations were performed such that the same region of inter-
est was tracked during each test.

2.3.2 Choice of Mechanical Configurations for Microstructure Imaging

During uniaxial tensile tests, two to four microscopic configurations were acquired,
corresponding to the zero-stress and the maximum imposed stress levels as well as
stresses in the zone of large changes of the stress-stretch slope. The latter zone is the
closest to the in vivo configuration.

During tensile tests under constant pressure, three configurations were acquired,
at stretches of 1.3, 1.6, and 1.8, while during inflation tests at constant axial stretch,
the three configurations were acquired at pressures of 20, 100, and 140 mmHg. In
both cases, the three configurations correspond respectively to a low stress state with
a sufficient decrimping degree, the in vivo axial stretch of rabbit carotids, and a stress
state beyond the physiological range.

Finally, during bulge-inflation tests, three configurations were acquired: a zero
pressure level was first imaged, corresponding to the reference configuration; then, a
pressure level of 200 mmHg was chosen as it induced a wall stress close to diastolic-
systolic loading conditions (equivalent to average in vivo pressure of ~120 mmHg
[72]); finally, a third pressure level of 450 mmHg state was sometimes reached
as it induced a stress corresponding to over-pressurization beyond the physiological
range. The conversion between in vivo pressure levels and applied pressures assumed
hemispherical membranes for both the in situ sample [73] and the in vivo aneurysm
(or cylindrical shape for healthy vessels) and the use of the Laplace law (see [70] for
details on the conversion process).

All imaged configurations are summarized in the last column of Table 1.



136 C. Cavinato et al.

2.4 Post-processing

For all tested samples, preliminary observations in the radial direction showed the
nearly planar orientation in the longitudinal-circumferential plane of the adventitial
collagen network, in good agreementwith other studies [19, 20, 74]. Itwas also shown
that the most relevant morphological changes in the adventitial collagen network
occur in this same plane. As a consequence, only planar orientation distributions of
collagen fibers in the axial-circumferential plane were estimated by means of several
of the methods available in the literature (see Table 2).

Table 2 Review of different methods to process multiphoton micrograph for characterizing colla-
gen fibers in arteries

Quantification
technique

Applicability Software tool References

Fiber angle
densities

Structure tensor
method

All fiber networks Custom or
OrientationJ
(ImageJ)

[75, 76]

Fast Fourier
transform

All fiber networks Custom
(Matlab,
Fortran); “Oval
profile plot and
directionality”
plugin (ImageJ)

[35, 77]

Fiber waviness Semi-automatic
tracking

Wavy fibers
(crimped collagen)

Custom,
NeuronJ
(ImageJ)

[21, 78]

Fiber diameter Custom image
skeletonization

All fiber networks Custom [78, 79]

Fiber lengths Custom image
skeletonization

All fiber networks Custom [19, 79]

Fiber volume
fractions

Image
thresholding

All fiber networks Custom,
ImageJ

[13, 80]

Fiber tortuosity Custom image
skeletonization

Medial elastin,
medial collagen

Custom
(Matlab)

[45]

Node
connectivity

Custom image
skeletonization

Medial elastin,
medial collagen

Custom
(Matlab)

[45, 79]

Density of
transversely
oriented
segments

Custom image
skeletonization

Medial elastin,
medial collagen

Custom
(Matlab)

[45]
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2.4.1 Extraction of Collagen Fiber Orientations

Before further analysis and discussion, it is here proposed to compare two commonly
used methods, namely a structure tensor-based approach (OrientationJ, plugin avail-
able in ImageJ software) and a Fast Fourier Transform approach.

On the one hand, the structure tensor-based approach is based on the computation
of intensity gradients and their relatedweighted 2D structure tensors at each pixel of a
given slice, as described in [19]. In the present post-processingmethod, inspired from
[68], the structure tensor was computed with a user-specified observation weighting
window of 3 pixels using a Gaussian gradient interpolation. Two isotropic proper-
ties resulting from the structure tensor, namely energy and coherency, were used
to separate significant and negligible oriented area. Such a distinction was made by
considering pixels which had at least 3 and 15% of normalized energy and coherency,
respectively, which provided a good trade-off between adequate number of usable
pixels and elimination of insignificant information in the images. A weighted orien-
tation histogramwas built for each slice, discarding pixels below these thresholds and
the average histogram within the stack was calculated for the subsequent analysis.

On the other hand, the Fast Fourier Transform method consists in performing a
2D discrete Fourier transform of the projection of the stack. We here compare two
different options, namely: orthogonal projection of the whole stack onto a single
image using a maximum intensity projection algorithm or a mean intensity projec-
tion algorithm. The 2D Fourier transforms are then converted to a power spectrum,
eventually integrated by means of a wedge-shape sum approach, to create a fiber
orientation distribution of the fiber network [35, 77, 81]. The whole procedure is
shown in Fig. 3.

In the sequel, all resultant histograms were normalized with respect to their total
area and only a qualitative comparison between the different methods is proposed.

2.4.2 Evaluation of the Load-Induced Changes in Fiber Orientation

Upon mechanical loading, the originally crimped and variously oriented collagen
fibers are progressively stretched and possibly reoriented. First, principal orientations
of the fibers were defined as follows: each histogram of fiber orientation averaged
over a stack was fitted by a sum of four independent Gaussian functions yi , i ∈
{1, . . . , 4} (with peak height ypi , mean orientation θmi , and standard deviation σmi ,
i ∈ {1, . . . , 4}) and a constant function yb, corresponding to the base value (see
Fig. 4).

Each Gaussian function yi defines a family of fiber orientations; the resulting four
families of orientations were first ranked by calculating their respective contribution
to the global distribution, defined by the ratio between the area under the respective
Gaussian curve and the area under the whole histogram: the principal fiber orienta-
tions within the observed region were defined as the mean orientation of the families
whose area outweighed 25% of the cumulative area.
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Fig. 3 Fast Fourier Transform approach. Flowchart and illustration of the different steps to get the
fiber orientations from the raw multiphoton images

Fig. 4 Example of a normalized histogram of fiber orientations and of their approximation with a
sum of four independent Gaussian distributions yi , i ∈ {1, . . . , 4}. yb stands for a constant function
representing the base value
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Then, an alignment index and a dispersion index were defined to separately quan-
tify the decrimping and reorientation mechanisms. They were computed as:

– The alignment index (AI), which characterizes the straightness of fibers, considers
the dispersion of fiber orientations around their mean values:

AI =
4∑

i=1

ypi
σmi

(1)

The narrower the orientation peaks, the higher the alignment index.

– The dispersion index (DI), which denotes the contribution of the base value to the
total distribution, hence the extent to which the fibers are evenly spread over the
orientation range, was computed as:

DI = 180yb
∫180
0 y(θ)dθ

(2)

For each family, principal orientations, alignment and dispersion indexes, were
calculated in each different configuration of the mechanical tests at which images
were acquired, and their variations due to the specific loading were finally analyzed.

2.4.3 Kinematical Affinity Assessment

The affine or non-affine nature of kinematical transformations observed in soft tis-
sues has seldom been questioned [66]. This aspect was addressed using the uniaxial
tension and tension-inflation data because re-orientations were too small in bulge-
inflation tests to be assessed accurately.

In previously published papers [66, 67], we analyzed the transformations of the
collagen network by developing a custom algorithm for the extraction of local density
maxima with their related dispersions. The corresponding orientations were used in
a theoretical calculation yielding their affine re-orientation. More precisely, local
density maxima were determined by a standard peak detection algorithm and the
related dispersions were evaluated by determining the angles at which the density
threshold that represented 80% of total fiber angles extracted from the image, was
reached. We here propose an extended methodology that focuses not only on the
changes of the peaks but also of thewhole histogram.Adventitial collagen fiberswere
highly crimped in the unloaded configuration, which led to a difficult determination
of global fiber orientations. Accordingly:

– For uniaxial tensile tests, we chose to apply the affine kinematics calculation tak-
ing the diagonally-loaded configuration as reference and applying the loading in
two consecutive steps: first unloading along the diagonal direction with a diagonal
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stretch of λdiag = 1/1.9, and with a transverse stretch of λtr = 1/0.92, then load-
ing along either circumferential or the longitudinal direction, with, respectively,
λcirc = 1.7 and λlong = 2.1, and, for each load direction, a transverse stretch
of λtr = 0.9 (all numerical values correspond to experiments). For tensile tests
under constant inner pressure, the chosen reference configuration was a partially
loaded configuration, defined as: λlong = 1.3 and p = 100 mmHg; the longitudi-
nal applied stretch amounts to λlong = 1.8/1.3, while the inner pressure leads to
a transverse contraction evaluated to λcirc = 1 − 0.65.λlong .

– For inflation at a fixed axial stretch, the reference configuration corresponds to
λlong = 1.6 and p = 20 mmHg; the maximum applied pressure corresponds to a
circumferentially measured stretch of λcirc = 1.37.

For quantitative comparison between the affinely-transformed histograms and the
experimentally-determined histograms, we compared the peak locations. To this aim,
the different experimentally-determined histograms were fitted by the sum of a con-
stant function and two Gaussian functions, similarly to the methodology described
in Sect. 2.4.2. The mean angle of each Gaussian function θexp was then compared
to the affinely-transformed mean angle θaff of the reference configuration (while θref
stands for the mean angle of the reference configuration); the error between the affine
prediction and the experimental observations was computed as:

e = θaff − θexp

θref − θexp
(3)

For all cases where only one peak was visible, only the mean angles of the highest
peaks were compared.

3 Results

3.1 Comparison of Image Processing Methods to Derive
Fiber Orientations

The comparison of image processing methods was performed on one sample of each
type of specimen origin and of mechanical test. Figure 5 reports the comparison
between the structure tensor approach and the mean and max intensity projection
algorithms.

The choice of a mean or max intensity projection algorithm leads to almost the
same orientation histograms, whether the fiber network was highly crimped (as it
is the case for the lowest curves in each plot) or progressively stretched, as well as
whatever the species or the healthy/aneurysmal state. In particular, the peaks were
always located at the same angles. The comparison between the intensity projection
algorithms and the structure tensor approach was more delicate: in general, when
the tissue was under mechanical loading, i.e. when the fibers are (at least partially)
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Fig. 5 Distributions of orientation angles of adventitial collagen fibers as obtained from 2D FFT
(red circles and black squares) or from OrientationJ (blue crosses) on different types of tissues and
for different types of tests, together with the corresponding projected images
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uncrimped, the histograms showed a high similarity, and the peaks were at the same
angles with comparable widths; in the crimped situation, however, the peak locations
may be located at different angles, underlining the difficulty to assess a precise fiber
orientation in this case.

3.2 Qualitative Approach to Fiber Reorientation Under
Mechanical Loading

Figure 6 reports projected SHG images of adventitial collagen in different load
configurations.

First, Fig. 6a shows how the adventitial collagen network, as observed in the
unloaded configuration (bottom left), evolved when the tissue was subjected to a
uniaxial tensile test either in the circumferential direction (bottom right), in the
diagonal direction (top right), or in the longitudinal direction (top left). The fiber
network has an impressive ability to decrimp and align along any load direction.
This is especially remarkable, since the results of Krasny et al. [67] showed that
both adventitial and medial elastin networks, along with medial collagen, do not
display such reorientation abilities. However, a different scheme is observed when
subjecting the arterial tissue to tension-inflation, as shown in Fig. 6b: in the case of
cylindrical samples, axial tension again provokes large reorientations (as observed on
the horizontal line of images), but inflation only provokes very limited reorientations
(as observed on the vertical line of images). Finally, when the artery is subjected
to bulge-inflation (see Fig. 6c), fiber reorientations appear to be negligible for all
tested tissues (as observed on all three vertical lines of images). The next sections
are devoted to the quantification of how fiber networks evolved during mechanical
loading.

3.3 Evolution of the Principal Orientations of Collagen
Fibers for the Different Loading Cases

We here use the principal orientations of fibers, as extracted by the method described
in Sect. 2.4.2, i.e. the mean orientations of the Gaussian fits whose area outweighed
25%of the cumulative area. In the unloaded configuration, it is interesting to note that
whatever the tissue under consideration, and although the tissue has been subjected to
preconditioning cycles before acquiring images, the orientation peaks are distributed
over the entire range of angles, as shown in Fig. 7.

The most frequent principal orientation for rabbit carotids, pig aorta, and ATAA
is the longitudinal direction (at an angle of 90°), which corresponds to the principal
orientation of the adventitial elastin network [67]. Although non-aneurysmal human
samples do not display the same trend, one should underline the small number of such
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Fig. 6 Multiphoton images obtained during: a uniaxial tension in the circumferential, longitu-
dinal and diagonal directions on rabbit carotids (samples #26–28); b tension-inflation on rabbit
carotids (samples #35–36); c bulge inflation on porcine (P, #6), human non-aneurysmal (H, #11)
and ascending thoracic aortic aneurysmal (ATAA, #14) samples

samples. Globally, there is a large dispersion of fiber orientations when the tissue is
unloaded. This can be explained by the fact that the reported principal directions are
actually local orientations of the highly crimped fibers which only straighten when
the tissue is subjected to mechanical load.

We now analyze how these highly crimped fibers progressively decrimp and reori-
ent, as displayed in Fig. 8.

Starting with uniaxial tensile tests, Fig. 8a shows the evolution of the principal
orientations with respect to the stress state for samples #23–#30. The principal orien-
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Fig. 7 Principal orientation distribution of collagen fibers at zero load for all analyzed samples,
sorted by species. Circumferential and longitudinal directions are indicated by the labels Circ and
Long respectively

tations were always evaluated by setting the 0 angle along the tension axis. We first
notice that the principal orientations strongly vary with the applied load, confirming
the dramatic reorganization that was qualitatively observed in the microstructural
stack of images of Fig. 6a. Interestingly, whatever the load direction, the decrimping
and reorientation processes occurred at low stresses and led to large stretches in the
tissue. The consequence is a cluster of points grouped along the abscissa axis. Finally,
when most fibers are recruited, they all align along the load direction (i.e. along the
ordinate axis) and the tissue becomes much stiffer. Data are best described by a
decreasing exponential trend curve, plotted in grey on Fig. 8a. Similarly, dramatic
reorientationswere also observed for the tensile tests under constant internal pressure
(see Fig. 8b, which results from the postprocessing of samples #42–#44). Whatever
the applied internal pressure (i.e. 20, 100, or 140mmHg), the axial stretch provoked a
progressive shift of the principal orientation towards the axial direction (at 90° here).
The response was however quite different when a pressure was applied onto the arte-
rial sample subjected to a constant axial stretch. The principal orientations showed
only limited reorientations, as proved by the proximity of the dots on each line of
the Fig. 8c (which results from the post-processing of samples #39–#41). Also, the
larger the applied axial stretch, the more limited was the reorientation consecutive
to inflation.

Finally, Fig. 9 reveals that the bulge-inflation tests also led to limited reorien-
tations. Firstly, during the first part of the inflation process (i.e. between 0 and
200 mmHg), the decrimping process took place, which only slightly modifies the
graph of principal orientations shown in Fig. 7 for the zero load configuration: peaks
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Fig. 8 Evolution of the principal orientations of the rabbit carotid collagen fibers as a function of
the applied loading. a Uniaxial tensile tests in all three tested directions. The solid line corresponds
to the exponential fitted trend curve b Axial tensile tests of cylindrical samples subjected to a
constant inner pressure; c Inflation tests of cylindrical samples subjected to a constant axial stretch
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Fig. 9 Bivariate relationship between principal orientations of collagen fibers at 200 mmHg and at
450 mmHg for all human and porcine samples subjected to bulge-inflation tests up to 450 mmHg.
The dashed line represents the hypothesis of non-reorientation of collagen fibers

of principal orientations are made more clearly visible (result not shown). Then,
between 200 and 450 mmHg, no reorientation took place for any of the samples,
as shown by the very good alignment of all points along the first bisector of Fig. 9
(which results from the post-processing of all human and porcine samples subjected
to an inflation up to 450 mmHg).

3.4 Evolution of the Alignment Index (AI) for the Different
Loading Cases

In this section, we focus on the alignment index, defined by Eq. (1) for all tested
samples.

Figure 10 reports the evolution of the alignment index for zero and increasing
loads. Looking only at values corresponding to unloaded configurations, the align-
ment index remains small, characterizing a spreading of the fiber orientations around
the detected principal orientations. Still, the alignment index of human tissues (either
healthy or aneurysmal) exhibited a slightly higher index, which is in good agreement
with the previous qualitative observations: namely, the human samples, stemming
in general from old individuals, and the aneurysmal samples are less crimped in the
zero-load configuration (compare for instance the left and middle images of the bot-
tom line of Fig. 6c to the bottom right image of Fig. 6c and to the bottom left image
of Fig. 6a). Regarding the evolution of the alignment index for increasing loads,
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Fig. 10a focuses on the samples subjected to uniaxial tension (with microstructure
imaged formore than two loaded configurations, i.e. samples #23, #24, #25, #27), and
with a normalized stress-stretch curve. Interestingly, AI followed the same profile as
the stress-stretch curve, i.e. a slight increase at low stretches (i.e. until reaching the
equivalent physiological state), followed by a much larger increase at high stretches.
Regarding tensile tests under a fixed internal pressure (see Fig. 10b), for a low inter-
nal pressure of 20 mmHg, the observations are very similar to the previous results,
i.e. stable AI up to a stretch of 1.6, followed by a rapid increase between 1.6 and
1.8 stretch. For higher internal pressures (of 100 and 140 mmHg), the initial AI was
higher, reflecting fiber stretching due to the internal pressure; as a result, only very
limited variations of AI were observed during axial tension of the sample.

For all (bulge-) inflation tests (see Fig. 10c, d), themajor increase of AI takes place
during the first part of the load, i.e. for mechanical states being lower than the in vivo,
physiological state (corresponding to 200mmHg for human and porcine samples, and
to 100 mmHg for rabbit samples), while over-pressurizing the sample does not lead

Fig. 10 Evolution of the alignment index (AI)with the applied load. aAI as a function of the applied
uniaxial stretch for four of the tested samples. Superimposed to it, the evolution of the normalized
stress with respect to the normalized applied uniaxial stretch for the same samples (solid lines);
b AI as a function of the applied longitudinal stretch for different applied inner pressure on samples
#42–#44; c AI as a function of the applied inner pressure for different applied longitudinal stretch on
samples #39–#41; d AI as a function of the applied pressure for all porcine, healthy and aneurysmal
human samples pressurized up to 450 mmHg



148 C. Cavinato et al.

to a further large increase of AI. Concerning the bulge inflation tests (Fig. 10d), this
phenomenon is very much pronounced for healthy and aneurysmal human samples,
but is reduced for porcine samples. Two hypotheses may here be discussed: either the
degradation of the sample microstructure (due to ageing or pathology) or the absence
of a preferred fiber orientation. A very particular effect occurs for the inflation tests
on rabbit sample (Fig. 10c): applying first an axial stretch of 1.8 induces a large
alignment of the fiber, which the inflation test tends to disorganize, as revealed by
the decreasing AI index, a phenomenon which was not observed for smaller axial
stretches.

3.5 Evolution of the Dispersion Index (DI) for the Different
Loading Cases

Now we analyze the evolution of the dispersion index (DI) during the different
mechanical load cases under consideration (see Fig. 11).

For all analyzed tests, the dispersion index tends to decrease while the load is
increased. This is clearly visible from the uniaxial tensile tests (see Fig. 11a), as
well as from the bulge-inflation tests (see Fig. 11d). Regarding the bulge-inflation
tests, one should note that the strongest variation in the DI happens for the porcine
samples. Going more into details, the largest changes in the dispersion index occurs
during the first part of the test, between the zero-load configuration and the physio-
logical one, when decrimping occurs. The same was also observed during inflation
tests performed at a low or physiological axial stretch (see Fig. 11c). Regarding the
inflation test at a high level of axial stretch, the large axial tension already uncrimped
and realigned the fibers along the axial direction; consequently, inflating the sam-
ple leads to a small reorientation of the fibers towards the circumferential direction,
which tends to slightly increase the dispersion index all along the loading path. The
same conclusion can also be drawn for the tensile test at a fixed internal pressure
of 100 and 140 mmHg (see Fig. 11b): these pressure levels allowed the decrimping
of the collagen fibers as well as their reorientation, and the axial tension tends to
disorient the fibers, leading to the increase of the dispersion index. The tensile test
at an internal pressure of 20 mmHg exhibits the same trend as the uniaxial tensile
test of Fig. 11a: fibers are crimped in the initial configuration, explaining the large
dispersion index, and their progressive decrimping and reorientation along the axial
direction leads to the final strong decrease of the dispersion index.

3.6 Assessment of Kinematic Affinity

The comparison between affine predictions and experimental observations is shown
in Fig. 12 for uniaxial tension, Fig. 13 left column for tensile tests at a fixed inner



Experimental Characterization of Adventitial Collagen … 149

pressure, and Fig. 13 right column for inflation tests at a fixed axial stretch. For all
tests, the error between the affine prediction and the experimental observations, as
computed by Eq. (3) is reported in Table 3.

For all samples subjected to uniaxial tensile tests, experimental observations show
that collagen fibers undergo a strong reorientation, with fibers being almost parallel
to the load direction at a stretch larger than 1.7 (see Fig. 6 for qualitative observations
and the circle curves of Fig. 12, with peaks close to 0/180°, 90°, and 45/135° for tests
performed in the longitudinal, circumferential, and diagonal directions respectively).
The affine rule would require a much larger stretch to reach such a reorientation, and
consequently it strongly underpredicts the observed fiber rotations, with an averaged
error of 59% (compare the location of the solid line and of the circles with same
color on each plot of Fig. 12, and see Table 3 for quantitative details). Very similar
results were obtained for the samples subjected to tensile tests on cylindrical samples
subjected to constant pressure, confirming the previous results (see left column of
Fig. 13, with initial experimental peaks located close to the circumferential direction
and moving towards the longitudinal direction during axial tension). Once again, the

Fig. 11 Evolution of the dispersion index with the applied load. a DI as a function of the applied
uniaxial stretch for four of the tested samples. Superimposed to it, the evolution of the normalized
stress with respect to the normalized applied uniaxial stress with respect to the normalized applied
uniaxial stretch for the same samples (solid lines); b DI as a function of the applied longitudinal
stretch for different applied inner pressure on samples #42–#44; c DI as a function of the applied
inner pressure for different applied longitudinal stretch on samples #39-#41; d DI as a function
of the applied pressure for all porcine, healthy and aneurysmal human samples pressurized up to
450 mmHg
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Fig. 12 Comparison between affine predictions (solid lines) and experimental observations (cir-
cles) for uniaxial tension tests for the four tested samples. Curves in black, blue, and magenta refer
respectively to the diagonal, circumferential, and longitudinal directions. Samples #1–#4 corre-
spond respectively to the three directions of samples #23–#34 of Table 1, see Table 3 for the exact
correspondence

collagen network showed a dramatic ability to reorient under mechanical loading.
Again, the affine rule underpredicts the real fiber reorientation by about 61% (com-
pare, for instance, the blue circles with the blue solid line on all plots of the left
column in Fig. 13). The response is however quite different during the inflation tests
at fixed axial stretch (see Fig. 13, right column). In these tests, the fiber reorientation
is very limited (as noticed by the superimposition of the two circle curves and their
proximity to the reference configurations plotted with black circles), and although
the deviation between affine predictions and actual measurements is reduced here,
the affine rule does not reproduce well this limited reorientation either (as seen by
errors being larger than 100% or being negative), see [66] for more details.

4 Discussion

This chapter gathers observations and analysesmade from in situmultiphotonmicro-
scopic imaging during several mechanical tests performed on samples from several
different species. It shows that collagen fiber networks in arterial walls share com-
mon patterns but one has to be cautious as the type of loading or even the image
processing method may affect significantly the observations.
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Fig. 13 Comparison between affine predictions and experimental observations for tension inflation
tests: left column: axial tension at fixed internal pressure; right column: inflation at fixed axial stretch.
The different configurations are displayed with different colors: black: reference, red: intermediate,
blue: final; circles: experimental observations, solid lines: affine prediction of the intermediate and
final states
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4.1 Influence of the Post-processing Method

Two methods, OrientationJ—a structure tensor-based method [19, 75, 76]—and 2D
FFT-basedmethod [35, 82–85],were comparedon a large dataset of second-harmonic
generation microscopy images obtained from various arterial tissues. The nature of
these images is such that automatic analysis and extraction of relevant data is most
often limited. The two methods of interest in this chapter are currently among the
most commonly used in previous research about arterial microstructure characteri-
zation focusing on fiber orientations, see [21, 22, 28, 86–88] and references therein,
justifying the need for a detailed comparative assessment.

Overall, bothmethods are comparable and provide close results. This is especially
true when analyzing non-unloaded tissue, where correlations between both methods’
results (peaks in fiber angle distribution and their widths) are excellent. The case
of unloaded tissue is more complex and the results presented in this contribution
demonstrate the difficulty of analyzing global fiber orientations in such configuration
which is, however, the easiest one from an experimental point of view. In particular,
peaks may be found at different angles in those complex images. Indeed loaded
tissues show mainly linear fiber bundles which are well handled by any algorithm,
whereas the configuration of unloaded tissues reveals highly entangled and crimped
structures. In that case, fiber orientation is characterized by two scales, which may
distort the results of the presented algorithms, as also noted in [21, 67]. The largest
scale is that of the whole fiber or bundle (at least its visible portion in the image),
and the smallest scale is that of undulations of these fibers/bundles. The presence
of these two scales in the images renders the analysis inaccurate when using local
algorithms as those presented here. This should be kept in consideration and carefully
managed.Currently, this issue raises the need formore robustmethods based on either
non-local algorithms (such as fiber tracking method, which follows the evolution of
the global orientation of the fibers during the loading [19, 20, 89]) or algorithms
combining various approaches. An example could be to use inverse methods in
which the morphological parameters of synthetic images would be sought to match
the true image with highest confidence.

4.2 Comparison with Existing State of the Art on Arterial
Microstructure

Despite these limitations in analysis of fibrous orientations, several trends could be
observed and quantifiedwith confidence along thiswork. In the following, the authors
highlight and discuss the main findings about the microstructural characterization
of collagen networks and microstructure-to-mechanics relationships that could be
evidenced thanks to these observations in various adventitial tissues.

First, the microstructural arrangement of collagen fiber bundles was observed and
analyzed in unloaded tissues. Overall, adventitial collagen networks are character-
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ized by a very low alignment of fibers (i.e. they are widely spread around preferred
directions, if any) and a large dispersion of preferred orientations, in good agreement
with, e.g., [12, 19, 57]. This translates into very smooth orientation histograms as
shown in the present results, for all examined tissues and species. Similarly to [12, 22,
90], a slightly higher occurrence of the 90° (longitudinal) orientation was observed
(see Fig. 8) and should be mentioned, but no definitive conclusion about the orienta-
tions of collagen bundles in adventitial tissue could be drawn from this study. This
high-dispersion trend was especially marked in animal (healthy and young) tissues.
Looking more into details, an interesting difference could be observed from human
aneurysmal tissues which showed more aligned fibers and less dispersed orientation
distributions. It is hypothesized that this observable trend results from tissue remod-
eling in which collagen bundle arrangements may be affected [91]. Nevertheless, it
is important to note that such remodeling could be the result of either normal aging
or pathological remodeling. Unfortunately access to healthy tissue is very difficult
and limited, which prevents from drawing any conclusions on that specific aspect.
Also, aged and/or aneurysmal tissues are known to be stiffer and less extensible
[11, 92–97], suggesting a reduced stretch difference between load and no load states
compared to young healthy tissue. This is especially true for calcified tissue, and
could explain that fibers are less crimped, almost straight and oriented like in loaded
configurations, even at no load.

The second focus of the present chapter was to compare re-orientation of fibers
along with various loading scenarii. Obviously, re-orientation depends on the load-
ing scenario, but it was interestingly observed that the nature of the load influenced
the extent or inclination of fiber bundles to re-orient. First, uniaxial tension was the
loading case which induced most remarkable reorientation. The different loading
directions (i.e. longitudinal or circumferential) behaved similarly and the general
trend of orienting towards the loading direction as stress increases was strongly
marked in those uniaxial tests; these observations made on rabbit carotids were sim-
ilar to the ones made on porcine coronary adventitia in [22]. In this phenomenon, it
is important to mention that the collagen reorientation response seems to be different
in the media, as detailed in [22, 67, 98] related to both rabbit carotids and porcine
coronaries, underlining the likely effect of neighboring components, morphological
arrangements and interactions with them. In addition to this global behavior of reori-
enting towards the loading direction, we showed that the proposed fiber alignment
index followed a non-linear evolution with imposed stretch, remarkably similar to
the evolution of stress. This confirms that the characteristic J-curve response of such
tissue is due to underlying mechanisms of progressive straightening of fiber bundles
which govern their recruitment for load bearing [74]. This hypothesis was formulated
long time ago [20, 35, 37, 74] and was recently confirmed in other similar experi-
mental studies on soft connective tissues like skin for instance [4, 52]. Our results
do not only confirm this uncrimping phenomenon, but they also specify that fibers
and/or bundles tend to be more and more parallel to each other during this process.
When considering combined longitudinal tension and inflation of tubular vessels,
other observations could be made which emphasize the complexity of re-orientation
mechanisms. Two distinct responses were indeed evidenced. In tests where pres-
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sure is maintained at a fixed value, the longitudinal tension produced reorientations
characterized by an increase, respectively decrease, in indexes of alignment and dis-
persion of fiber bundles. This response is similar to that observed in uniaxial tension
tests with, however, slight differences to be noticed depending on the initial pres-
sure load. Indeed, the pressure level dictates an initial state of the micro-structure
from which the dynamics of re-orientation may slightly vary (see also [23] for sim-
ilar results). Specifically, at low pressure, the response is similar to that observed in
uniaxial tests with marked changes in dispersion and alignment indexes, along with
large re-orientation angles. At higher pressures, alignment and dispersion indexes
were already respectively at higher and lower than relaxed levels before applying
tension. For this reason, their variations were smaller when applying tension, which
also combined with smaller reorientation angles. The case of inflation at a given
stretch value revealed different responses, mainly characterized by limited changes
of alignment and dispersion metrics (as also noted in [20], where only uncrimping
occurs but no reorientation). In that testing configuration, the competition between
longitudinal tension effects and inflation-induced circumferential stretch seems to
explain the observations. The higher the initial stretch, the lower the influence of
the pressure load, up to a point where its effect would invert. Interestingly, at such
high imposed stretch, the effect of the additional pressure load was rather to slightly
disperse and de-align fibers. That effect was marginal and looked rather like a pertur-
bation of the already installed tension-drivenmorphology. Of course, the influence of
boundary conditions during these tests has to be discussed. In fixed pressure tensile
tests, a circumferential Poisson’s effect is allowed which is in favor of fiber rotation
towards the longitudinal traction direction. On the opposite, pressurization at fixed
longitudinal stretch, or tensile tests at fixed circumferential stretch (as imposed by
[23]) does not allow longitudinal Poisson’s effect. In addition, the pressure boundary
condition, unlike displacement boundary conditions, did not enforce as large circum-
ferential stretch due to the stiffening of the tissue. These reasons are likely to explain
the limited effects of pressurization observed in our experiments.

Last, we addressed bulge-inflation testing. In this test, when material anisotropy
is low or negligible, tissue inflates in a rotational symmetry shape, inducing an equi-
biaxial stretch test at the top of the bulged test (where our image acquisitions were
made). In such conditions, it is sensible to expect low or null reorientation. Our
observations and associated analyses fully confirm that response of the microstruc-
ture. The relationship between the main orientations of bundles at 200 mmHg and
their corresponding orientation at 450 mmHg remarkably supports this conclusion
(Fig. 9). We also quantified fiber parallel alignment and orientation dispersion. This
analysis revealed clear trends in which alignment increased and dispersion of ori-
entation decreased (see also [99]). This observation is valid for all species, with an
interesting distinction that could be evidenced between human (elderly) specimens
and (young) pig specimens, with the latter exhibiting much higher variations in both
indexes. This observation is probably related to higher decrimping arising from dif-
ferences in the tissue itself as observed from unloaded images (human fibers were
already at a higher alignment that pig ones). This also suggests a possibly higher fiber
bundle mobility. Unfortunately, this specific aspect cannot be individually assessed
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from these tests, but it would deserve further investigations as it may constitute one
key effects of aging.

4.3 Structure-to-Mechanics and Implications

The previous discussion emphasizes the role of the micro-structure and its kine-
matic response in the global mechanical response of arterial tissue. In addition to
the previous discussion which detailed the progressive uncrimping and alignment
of fibers/bundles, additional elements were brought to the description of kinemat-
ics in these fibrous structures thanks to the analysis testing the hypothesis of affine
kinematics.

These results confirm that the kinematics of fiber bundles does not obey affine
transformation rules [67, 100]. This means that, under given boundary conditions,
these fibrous structures do not behave like a simple network of wires would. Inter-
actions of the fibrous components with their neighboring components like other
solid components, cells, or liquids impact their kinematic behavior, hence the
global mechanical response. A complete understanding of these coupling phenom-
ena remains to be provided but, already, hypotheses have been made to explain
them. In this context, multi-scale homogenization models taking into account the
micro-structural content and morphology succeeded at reproducing this non-affine
response [52]. In these models, the non-affinity is due to shear interactions between
fibers and their surrounding matrix, model of the interstitial fluid. This supports the
importance of mechanical interactions between fibers and interstitial fluid as a first
order mechanism in the deformation of these soft tissues. Furthermore, a very rele-
vant study by Ehret et al. [29] recently demonstrated the essential role of interstitial
fluid mobility in the mechanical properties of soft tissues, governed by so-called
inverse poro-elasticity. Inverse poro-elasticity induces chemo-mechanical coupling,
such that tensile forces are modulated by the chemical potential of the interstitial
fluid, so being coupled to the osmotic pressure. They concluded that water mobility
would determine the tissue’s ability to adapt to deformation through compaction and
dilation of the collagen fiber network.

These conclusions confirm that mechanical and chemo-mechanical interactions
between the fibrous structure and its neighborhood have significant role in the
mechanics of soft collagenous tissues. Accordingly, they raise a number of questions
related to cellular sensing and interactions coming into play when tissue undergoes
deformation. Without going into the details of such interactions, the present work
also suggests that these interactions would dramatically change with aging of tissues.
We showed that aged and diseased tissues presented very limited fiber movements,
including uncrimping and alignment phenomena, compared to young tissue. It is
sensible to hypothesize that this loss of deformation-induced mobility in the fibrous
structure would impact interactions with the environment, limitingwatermobility for
instance, and affecting cell mechano-sensing. As a cause or a consequence, remod-
eling of tissues, within the processes of either aging or disease, would be impacted
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as well. Similarly, fiber volume fractions have direct mechanical impact on these
interactions. Differences in fiber volume fraction were visible in our different sam-
ples, and raise the question of possible evolution with aging. This phenomenon is
also probably an additional element involved in the cascade of tissue degeneration
and/or remodeling. Our analyses did not make it possible to accurately estimate fiber
volume fraction, but this should be investigated in future work as another piece of
the complex understanding of soft tissue mechanics and its evolution.

5 Conclusion and Future Work

In the current chapter we shared our extensive experience in coupling mechanical
loading andmulti-photon imaging to demonstrate, across arteries, species and testing
conditions, the interesting sequential engagement of collagen fibers in response to
mechanical loading,which is essential for an artery to functionnormally.More specif-
ically, we gathered observations and analyses to show that collagen fiber networks in
arterial walls share common patterns: applying a mechanical loading on an arterial
sample provokes large movements of the adventitial collagen network, which, first,
uncrimps and stretches, and eventually, depending on the principal strain directions,
reorient to stiffen the arterial wall in these directions and prevent overdistension.
As a consequence, while the uncrimping process is observed for all species and all
tested samples, the reorientation process is more pronounced in uniaxial tension,
which generally produces larger stretches than inflation, while all planar directions
are equivalently principal strain directions during bulge inflation test, leading to
no reorientation. Regarding the fiber orientation distribution, the uncrimping pro-
cess leads to a less dispersed fiber orientation, i.e. a lowering of the base value of
the orientation profile, while the reorientation of the fibers, if any, leads to more
pronounced, i.e. narrower and higher peaks. This seems to be true whatever the
investigated species and samples. Despite the very limited number of human healthy
samples, aneurysmal and healthy but old human samples seemed to exhibit almost
no crimping, with fibers already stretched and with less mobility as compared to
young porcine or rabbit samples. This study also evidences the particular role of the
nearly physiological configuration, which is generally situated at the slope change of
the mechanical response, but which also corresponds to the point where the majority
of the fibers are uncrimped and where reorientation starts to play a major role. This
was clearly visible in the change of variation of both the alignment and dispersion
indexes. However, our study also has severe limitations: first, one has to be cautious
as the type of loading or even the image processing method may affect significantly
the observations; second more tests should be made to be able to really compare the
fibrous structure among the different species and tissues, in the in vivo configuration
as well as during the application of the load; last but not least, our study does not
allow to differentiate between samples stemming from old individuals and aneurys-
mal samples: a study dedicated to how fiber kinematics is affected by disease should
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be undertaken. Still, all these results emphasize the role of the microstructure and its
kinematical response in the global mechanical response of arterial tissue.

Regarding future works, more focus should be put on the evolution of the arterial
microstructure during ageing and during the development of pathologies. Among the
different mechanisms potentially involved, chemo-mechanical interactions between
the fibrous structure and its neighborhood seem to deserve major investigations (e.g.,
role of hydration) to develop multi-scale mechanobiological models of arterial walls.
Also, the role of the interactions between the collagen and the elastin networks (e.g.,
through the different crosslinks) should be investigated, since the latter is known
to be strongly damaged in the elderly as well as in pathological cases, changing the
morphology of the collagen network and its possible mobility. All these future works
would improve the understanding of rupture mechanisms and pathology evolution.
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Intrinsic Optical Imaging of ECM
Mechanics

Raphaël Turcotte and Yanhang Zhang

Abstract This chapter provides a comprehensive introduction to optical imaging in
the context of extracellular matrix (ECM) mechanics. The goal is to address the crit-
ical aspects of optical microscopy so that researchers in the biomechanics research
field are able to take full advantage of optical imaging technologies in their stud-
ies. Optics is of particular interest to answering questions of multiscale mechanics
because of its multiscale nature; information can be obtained at the tissue, fiber, and
even molecular levels. Revealing the microstructure of the load-bearing ECM con-
stituents, elastin and collagen, and the interplay between ECM structure andmechan-
ical loading is probably the area where optical microscopy has contributed the most
to our understanding of ECMmechanics in recent years. The discussion is therefore
confined to optical imaging technologies able to resolve ECM fibers using signals
from molecules endogenous to tissue and emphasizes the importance of unbiased
imaging and image analysis. Descriptions of polarimetric multiphoton microscopy
and adaptive optics are also provided because of their potential for enabling discov-
eries in ECM mechanics. Although arteries are used here as an exemplar tissue, all
concepts covered in this chapter are expected to be generalizable to other organs and
tissues.

1 Introduction

Elastic and collagen fibers are the major ECM components in blood vessels (Fig. 1).
Elastic fibers endow blood vessels with critical mechanical properties such as flexi-
bility and extensibility. They are essential for accommodating deformations encoun-
tered during physiological function of arteries, which undergo repeated cycles of
extension and recoil. In the medial layer of elastic arteries, elastic fibers form thick
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concentric fenestrated layers of elastic lamella. Together with alternating layers of
smooth muscle cells and medial collagen, these elastic lamella form a functional unit
of the arterial wall (Fig. 1a–c) [21]. Adventitial collagen, commonly described as a
meshwork of helically woven fibers layered around the vessel wall [40], provides
structural integrity at higher strains (Fig. 1d).

Determining how the ECM components contribute to the mechanical behavior
of an artery is essential for understanding the mechanisms of vascular remodeling
and disease progressions. Optical imaging plays an important role in the study of
the effect of ECM structural changes on vascular function. Information obtained
through improved medical imaging and biomechanical testing methods would be
useful in the understanding of vascular remodeling associated with diseases. Several
methods, including optical coherence tomography and Brillouin microscopy, can be
used to directly measure mechanical properties [45, 75, 79]. Other optical technolo-
gies such as point-scanning microscopy and micro-optical coherence tomography
are able to provide information about the ECM organization within biological tissue
[19, 117]. In particular, the last decade has seen a surge in the application of multi-
photonmicroscopy to ECMmechanics.Multiphotonmicroscopy enables visualizing
the microstructure of the two main ECM constituents, collagen and elastin fibers, in
three dimensions (Fig. 1a–d) [80] and imaging in intact tissue, even in living organ-
isms. The ability to image intact tissue is of paramount significance as it implies
that imaging can be coupled with mechanical loading (Fig. 1e). The opportunity to

Medial collagen Medial elastin

Adventitial collagen

(a) (b) (c)

(d) (e)

Fig. 1 Optical imaging of ECM in porcine thoracic aortawithmultiphotonmicroscopy. a–c Images
from the media are shown with a both collagen (green) and elastin (magenta), b only collagen, and
c only elastin (image width: 300 μm). d Image of collagen from the adventitia (image width:
200 μm). e Combining imaging and mechanical loading that allows the sample to be imaged while
subjected to biaxial stretching [17]



Intrinsic Optical Imaging of ECM Mechanics 167

link the microstructure of elastin and collagen to the tissue mechanical properties
provides important insights into the complex multiscale nature of tissue mechanics.
The mechanical roles of ECM constituents that cannot be optically measured can
also be studied indirectly through their impact on the elastin and collagen fibers
microstructure and mechanics [60, 61]. Finally, it is also possible to widen the mul-
tiscale window offered by multiphoton microscopy when considering polarization
to include the molecular organization of ECM fibers [34, 91].

2 Fundamentals of Optical Imaging

Before diving into a discussion on aspects of imaging directly related to multiscale
ECM mechanics, it is necessary to briefly introduce some fundamental concepts of
optical imaging. Here, we attempt to provide an intuitive picture sufficient for fully
understanding the core ideas of this chapter.

2.1 Optical Images

An optical imaging system is an instrument that uses light to obtain spatially-defined
information about a sample [6, 27, 63]. The general working principle of optical
imaging is that light is shined onto a sample, altered by the sample through a light-
matter interaction, and then detected by a device converting the optical signal to an
electrical one. The type of information acquired does not only depend on the light-
matter interactions occurring in the sample, but on the nature of the illumination
and light-detection systems as well. The strength, or magnitude, of the light-matter
interaction being space-variant, the physical parameter containing the desired quan-
titative information about the sample is usually represented in a structure-preserving
map: the image.

The above definition of optical imaging is broad, and it aims to encompass thewide
variety of existing experimental systems. Essential to the definition of imaging is the
fact that a physical property should vary in space; otherwise, the generated uniform
image is equivalent to a point measurement. This leads to an alternative definition
of (scientific) images that is more closely related to the experimental configuration:
a collection of point measurements in an n-dimensional space arranged to conserve
the relative dimensional organization. It should be noted that imaging technologies
do not perfectly map the object information. For example, the signal at one location
may be “contaminated” with signal from other locations [64] or optical aberrations
might alter the mapping [27]. Also, different sources of noise can contribute to the
imperfect mapping of information in optical images [63].
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2.2 Contrast and Spatial Resolution

Howmuch the signal varies between “adjacent” points within the observed volume is
often referred to as the contrast (or modulation) and is a useful metric to characterize
the performance of an imaging system or modality, although it can be dependent on
the imaged sample. Contrast is expressed in term of the signal intensity (I) and is
quantified as [37]:

C = Imax − Imin

Imax + Imin
(1)

where Imax corresponds to the brightest pixel and Imin to the dimmest one. It can
intuitively be understood as our ability to visualize objects (white), to distinguish
them from the background (black, Fig. 2) [7]. The contrast is ideally high and close
to its maximal value of 1.

Another metric to characterize the performance of an imaging system, the spa-
tial resolution, addresses how the intensity varies spatially (Fig. 3a, b). Here, it is
essential to understand that an infinitesimal object will appear to have a larger size
in the image (Fig. 3c). Indeed, filtering of the optical signal occurs in such a way
that all objects (and borders) will have a minimal size determined by the physical
parameters of the microscope. Great importance is (rightfully) placed on spatial res-
olution because it dictates the length scale of objects that can be resolved with a
given microscopy technique. More formally, spatial resolution is commonly defined
in two ways: (1) the width of the impulse response of a system (Fig. 3) [63], or (2)
the minimal distance required to resolve, or identify the presence of, two adjacent
point objects [103]. Each of these two definitions comes with its own criteria on
how to quantify resolution. Metrics for characterizing spatial resolution are usually
presented as scalars for simplicity. It is nevertheless important to keep in mind that
spatial resolution may be anisotropic. Often, the resolution is constant within the
imaging plane (lateral axes), but lower in the direction orthogonal to the imaging
plane (axial axis) [63].

Fig. 2 Contrast. Images of point objects with, from left to right, increasing contrast
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(a) (b)

Image plane Object plane

Tube lens Objective

Axial 

Lateral 

ab 

(c)

Fig. 3 Spatial resolution. a Point objects distribution. b Images of point objects with, from left to
right, increasing spatial resolution. c Schematic of an imaging system

2.3 Temporal Resolution

Resolution can also be temporal. The temporal resolution quantifies the minimal
time between two sequential images, e.g. the highest achievable imaging rate. It can
be limited by the instrumentation because some operations have a finite duration
(i.e., a camera takes time to read and send data to a computer). The brightness of the
sample must also be considered because enough photons must be detected to obtain
an image of sufficient quality and this means that the duration of the illumination
period may have to be increased for achieving high contrast in dim samples [65].

When thinking about ECM constituents such as elastin and collagen and their
mechanical roles, knowing their spatial arrangement is essential. To determine their
microstructure, it is necessary to perform volumetric, or three-dimensional (3D),
structural imaging. How long it takes to acquire 3D data is determined by the imag-
ing rate. This parameter will often pose a practical limit on the observable volume
fraction (spatial sampling) within an experiment. Imaging can also be dynamic: the
same region is imaged repetitively. This would enable, for example, seeing structural
changes during viscoelastic relaxation [98]. Dynamic imaging is also necessary for
functional imaging where the goal is to measure molecular transients in cells or any
other marker of functions. For instance, it might be of relevance to look at calcium
transients in smooth muscle cells (functional imaging), when cellular contraction
changes the structure of the soft tissue, and describe how the ECM around those
cells is changed during a single event (dynamic imaging) [39]. In short, the temporal
resolution dictates the time scale of observable processes.
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2.4 Summary on Fundamentals of Optical Imaging

Image, contrast, spatial resolution, and temporal resolution are concepts that have to
be considered when selecting an imaging modality and system. Contrast and spatial
resolution are closely related, but we would argue that they need to be independent
to be meaningful. Indeed, some definitions convolute contrast with resolution and
some information is then lost about the imaging system. This section was not meant
to present the physical principles behind those concepts. For more information on
these topics, we recommend readingFundamentals of BiomedicalOptics byCaroline
Boudoux as its content will be accessible to experts in non-optics fields (including
biomechanics) [7]. For a formal introduction to optical microscopy, the reader is
directed to Introduction to Optical Microscopy by Mertz [63].

3 ECM Imaging Modalities

The development of optical imaging technologies is closely related to their usage in
biological applications. Several systems have been applied to visualize the main con-
stituents of the ECM, collagen and elastin, or to measure their mechanical properties
[79, 116, 117]. Nowadays, optical microscopes are ubiquitous in research institutions
and their operation is becoming more user-friendly. It nevertheless remains essential
to understand how signal is being generated and how tissue is altering this signal.
In this section, we will present ECM imaging modalities based on different contrast
mechanisms, which are light-matter interactions modulating the light field and thus
making the contrast, as defined in Eq. 1, non-null.

We will focus our discussion around intrinsic contrast mechanisms. Such mech-
anisms are defined by the fact that the light-matter interaction takes place with
molecules endogenous to the tissue of interest [113]. This is in contrast to exogenous
contrast mechanisms which require the introduction of an additional molecule into
the sample through some labelling strategies (molecular targeting or genetic modifi-
cation). Intrinsic, or endogenous, contrast mechanisms possess a series of properties
making them advantageous for imaging in the context of ECM mechanics:

1. Issues related to labelling uniformity are avoided. It is important that the detected
signal quantitatively represents the distribution (including the concentration) of
the molecular species of interest in the tissue. Nonuniformities associated with
extrinsic labeling will lead to nonlinearities in the mapping between the sample
and the image, thus limiting the usefulness of quantitative information.

2. The signal directly informs on the structure of interest. Directly probing the
molecules of interest not only allows accurately mapping structures but also
enables characterizing other properties [10].With exogenous contrast, suchmea-
surements, when at all possible, required specialized labeling agents.

3. Tissue processing is not needed. Beyond saving time, the elimination of tissue
processing ensures that the tissue’s mechanical properties are not altered by the
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introduction of exogenous agents forming chemical bonds with the tissue and
potentially altering the molecular environment (viscosity, hydration, etc.).

4. Compatible with in vivo (intravital) experiments. Intrinsic imaging techniques
developed for excised tissue samples can readily be employed in live animals as
no additional sample processing is needed other than the required surgery.

We should note here that the use of exogenous signals also has some important
advantages over intrinsic ones. First, specific molecules can be targeted in a fashion
that is not dependent on themolecular integrity of the structure of interest. This ability
makes it possible to visualize altered ECM constituents in a pathological context.
Also, not all ECMconstituents can emit light endogenously, but exogenous labels can
make them visible. Finally, the signal strength of exogenous agents and their spectral
emission bandwidth can be modulated according to experimental needs, resulting in
a more flexible system.

3.1 Scattering and Fluorescence Microscopy

In this section, we address linear, or one-photon, interactions, which occur when
one photon interacts with the tissue to generate a different photon. As photons
travel through tissue, they have a probability (termed “cross-section”) to interact
with molecules. A large portion of the light will be absorbed or diffused by the
tissue and will not produce a useful contrast. This absorption and diffusion lead to an
exponential decrease of the illumination power as a function of the propagation path
length and limits the imaging depth. Other interactions generate a signal suitable for
ECM imaging: fluorescence and scattering, both of which can be understood through
energy level diagrams (Fig. 4) [7].

Elastin and collagen can both be visualized by fluorescence (Fig. 5) [53, 111]. For
fluorescence, a photon is absorbed by a molecule in the ground state |S0〉 (Fig. 4a).
The photon energy Eexc brings the molecule into an excited state |S1〉. When the
molecule relaxes, on a time scale of nanosecond, a photon of lower energy Eem , or
equivalently of longer wavelength, is emitted. This wavelength shift between excita-
tion and emission is known as the Stokes shift (Fig. 6a). The Stokes shift originates
from the relaxation of vibrational states νi , which occurs on a picosecond timescale.
The Stokes shift facilitates the spectral separation between the excitation and emis-
sion. In the case of elastin and collagen, they can both be excited in the ultra-violet
region, with a peak at ~335 nm (Fig. 6a) [94]. Fortunately, elastin undergoes a larger
shift than collagen, enabling the spectral separation of their endogenous fluorescence
emission [86]. Endogenous fluorescence can also be referred to as autofluorescence.
This “self” fluorescence is often considered detrimental in most exogenous fluores-
cence imaging applications based on extrinsic labels as it can reduce the specificity
of the detected signal.

Linear fluorescence can be generated at any location along the light path. Even if
the object of interest is properly positioned with respect to the objective lens and its
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TPEF SHGFluorescence Scattering

(a) (b) (c) (d)

Fig. 4 Energy level diagrams for a one-photon fluorescence, b linear scattering, c two-photon
excited fluorescence (TPEF), and d second-harmonic generation (SHG). An energy level diagram,
also known as a Jablonksi diagram, is a representation of the electronic states for molecule (hori-
zontal lines) and the transition routes between those states (vertical arrows). The ground state |S0〉,
singlet excited state |S1〉, and their related vibrational states νi are typically included. Virtual states
can also be included (horizontal dashed lines). The vertical axis represents an energy scale. The
horizontal axis facilitates the display of event sequences but is not strictly a temporal axis

Fig. 5 Linear fluorescence images of a elastin in a circumferential cross-section of a porcine carotid
artery (scale bar: 50 μm) and b collagen in human skin. Reproduced with permission from [53]
and [111], respectively

signal correctly transmitted to the optical detector in the image plane, out-of-focus
fluorescence from objects located above or below the object plane can contaminate
the image [64]. As determining the 3D organization of ECM fibers requires knowing
the axial plane from which the signal originate, a strategy for rejection of the out-of-
focus signal is needed. Confocal microscopy is a solution to this problem. In confocal
microscopy, the illumination light is focused to a single point by the objective and
the fluorescence output is filtered in the image plane by a pinhole [70]. The position
of the pinhole is such that only the in-focus fluorescence (light from the axial plane
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Fig. 6 Emission spectra. a One-photon autofluorescence emission spectra from elastin and col-
lagen and three spectral regions (gray, numbers indicate central wavelength/bandwidth) for fiber
identification through ratiometric analysis [86]. b Combined second-harmonic generation (SHG)
and two-photon excited fluorescence (TPEF) from arterial tissue at different excitation wavelength
[116]. Reproduced with permission

where the focus occurs in the object, optical sectioning) will go through and reach a
point photo-detector (e.g. photomultiplier tube and avalanche photodiode). An image
is formed by translating the focal point laterally and sequentially acquire the signal
for each pixel. Even when hundreds of thousands of pixels must successively be
recorded to form a complete image, the imaging rate can reach 30 frames per second
[93].

Achieving optical sectioning is also possible with widefield fluorescence imaging
techniques, in which the entire field of view is illuminated at once and the image
formed onto a camera. These techniques have in common that (i) multiple widefield
images need to be acquiredwith some variation in the illumination pattern and (ii) the
optically sectioned image is produced in post-processing by combining the multiple
raw images. For example, optical sectioning structure illumination microscopy (OS-
SIM) requires at least three images recorded with a sinusoidal illumination pattern
that is phase shifted between the images [64, 68, 104]. HiLomicroscopy requires two
images: one with a uniform illumination and a second with non-uniform illumination
containing high spatial frequency variations [54, 55]. OS-SIM and HiLo microscopy
have not been widely applied to ECM imaging, but would be suitable when a high
imaging speed is required. Indeed, although multiple raw images must be acquired
to produce a single optically-sectioned image, widefield imaging can reach hundreds
and even thousands of frame per second [20, 57, 84].

Scattering is another important light-matter interaction for imaging. During a
scattering event, the photon is not absorbed by a molecule, but causes an oscilla-
tion of the electronic cloud, which brings the molecule to a virtual state [7]. At the
end of the oscillation, a photon of equal energy to the incident one leaves the sys-
tem, with a different direction (Fig. 4b). The concept of confocal point-scanning
microscopy also applies to scattering. Scattering differs from fluorescence in that
it doesn’t offer chemical specificity, i.e. the signal doesn’t originate from a specific
molecular component allowing one to distinguish collagen from elastin or any other
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scatterers. Instead, a scattering microscope maps variation in the index of refraction
and linear scattering has a limited usefulness for ECM imaging because of the lack
of specificity. Its nonlinear counterpart is nevertheless important enough for ECM
imaging that understanding scattering is relevant.

3.2 Multiphoton Microscopy

Nonlinear, or multiphoton, light-matter interactions occur when two or more
photons interact with a material and generate another photon [9]. Two-photon
excited fluorescence (TPEF) is the nonlinear counterpart to one-photon fluorescence
and occurs when a molecule absorbs two photons simultaneously and reaches an
excited state (Fig. 4c) [114]. The following processes of molecular relaxation and
emission of a fluorescence photon are then equivalent between linear and nonlin-
ear excitation. Because two photons contribute to the excitation, their energy only
needs to be about half of that required for single photon excitation. Therefore, lasers
operating at longer wavelengths, in the near infrared between 700 nm and 900 nm,
are employed for multiphoton ECM imaging [117]. The use of longer wavelengths
increases the penetration depth by reducing the scattering [43, 47], but also by reduc-
ing absorption from water and blood [81]. This is a substantial benefit for imaging in
thick tissue, especially considering the short linear excitation wavelength of elastin
and collagen (<400 nm).

The optimal illumination wavelength for TPEF of elastin is at 730 nm [117]. The
emission spectrum is broad with a peak at ~495 nm (Fig. 6b). The large wavelength
shift (~80 nm) between the one- and two-photon emission spectra is indicative that
different endogenous molecules are at the origin of elastin autofluorescence [100].
Indeed, not all molecules generating a strong linear fluorescence signal will generate
an equivalently strong nonlinear signal, and reciprocally, some molecules with a
relatively strong nonlinear signal might yield a weak linear fluorescence [23]. In fact,
the TPEF from collagen is weak to the point that a different multiphoton contrast
mechanism is used to visualize collagen: second-harmonic generation (SHG).

SHG is the nonlinear counterpart to scattering (Fig. 4d) and requires two pho-
tons to cause oscillations of the electronic cloud on the same molecule for a single
photon at exactly half the wavelength to be produced. The SHG emission spectrum
has nonetheless a non-zero width but this width remains very narrow compared
to fluorescence (Fig. 6b). The optimal excitation wavelength for SHG from colla-
gen is at 800 nm, which results in an SHG emission at 400 nm [117]. This SHG
emission does not overlap with TPEF from elastin, which facilitate the spectral sep-
aration of signals in comparison to linear fluorescence. SHG can only occur in non-
centrosymmetric media (not possessing an inversion symmetry) [9]. There are few
biological structures having permanent dipole moments that are sufficiently ordered
and non-centrosymmetric. However, collagen is a highly ordered fibrillar structure
and can produce strong SHGwhich effectively provide signal specificity [11, 14]. As
a consequence, SHG was rapidly adopted to image collagen in arteries, skin, tendon,
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Fig. 7 Multiphoton imaging in porcine aorta. a, b SHG images from adventitial collagen a with
no strain and b with a 40% strain (scale bar: 180 μm). Reproduced with permission [91]

and other tissues where the ECM plays an important mechanical role [8, 114, 116,
117]. It should be noted that different types of collagen do not generate the same
amount of second-harmonic signal. Fibrillar collagen of type I and II produce the
strongest SHG signal, whereas non-fibrillar type IV and V provided very limited
SHG contrast. Collagen of type III yields weak SHG signal even though it has a
fibrillar arrangement [72]. Exemplar images of adventitial collagen in porcine aorta
during a mechanical loading experiment are shown in Fig. 7. Of note, the molecular
alignment of collagen fibril creates a polarization effect that can be deleterious for
structural imaging applications as the signal will be dependent on the fiber orienta-
tion in the laboratory frame and the incident polarization [85]. Fortunately, this effect
can be alleviated by using a circularly polarized incident light [14].

The probability that two photons arrive at the same location and at the same time,
within the extent of the Heisenberg uncertainty principle, is low and thus so is the
cross-section for TPEF and SHG [114]. For this reason, multiphoton microscopy
is generally implemented with spatially focused excitation (point-scanning) from a
pulsed laser source. The use of laser pulses effectively compresses in time the arrival
of photons at the focus. These two strategies suffice to generate enough photons
for high-quality images to be formed. The requirement for a high photon density
for multiphoton events to occur has the benefit that the out-of-focus background
is negligible. Optical sectioning is therefore an intrinsic property of multiphoton
microscopy (Fig. 8); no confocal pinhole is necessary.

3.3 Summary of ECM Imaging Modalities

In recent years, there have been a very large number of studies in which collagen
and elastin were imaged with SHG and TPEF microscopy, respectively, to study the
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Fig. 8 Multiphoton imaging in murine carotid artery. Images at different depths showing a adven-
titial collagen, b the transition between adventitial and medial layers, and c medial elastin (TPEF:
green; SHG: white; scale bar: 100 μm). Reproduced with permission from [108]

relation between tissue mechanics and microstructure. Constitutive modeling of soft
biological tissue is a challenging field of research due to the complexity of the tissue
behavior, hierarchical structures in the tissue, and the ability of biological tissue to
remodel in response to stimuli. Advances in optical methods and image processing
techniques have made possible exploring/quantifying the architecture of ECM struc-
tural components of soft tissues at different scales. Using multiphoton microscopy,
arterial elastin and collagen has been simultaneously captured in previous studies
[16, 17, 26, 110]. Constitutive formulations that are motivated by the tissue struc-
ture has been proposed for biological tissues, along with many studies attempted to
incorporate some of the structural information into the structural-based constitutive
models [38, 95, 99, 109, 110]. In sum, SHG and TPEF are powerful modalities for
ECM imaging because intrinsic signals are available to visualize collagen and elastin,
respectively, in 3D at a length-scale appropriate for mapping the fiber microstructure.

4 Prospective ECM Imaging Technologies

This chapter on optical imaging of the ECM would not be complete without dis-
cussingmore advanced technologies. Someof these technologies canbe implemented
as add-ons to standard microscopes. Beyond instrumentation, advanced imaging
techniques can also refer to the status of the sample. In this section, we will cover the
following technologies: polarimetric multiphoton microscopy and adaptive optics.
These technologies have yet to be exploited to their full potential to study ECM
mechanics.
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4.1 Polarimetric Multiphoton Microscopy of ECM Molecular
Order

So far,we have focused on techniques quantifying intensity, not phase or polarization.
Intensity provides information on themicroscopic scale and is ideal tomap themicro-
architecture of the ECM. The multiscale relation between microstructure and tissue
mechanics can be extended to also includemolecular organization ofECMfibers. The
molecular order can be probed by polarimetric multiphoton microscopy [14, 25, 69,
85]. This technique is particularly relevant for SHG collagen imaging applications,
but the appropriate extrinsic labelling agent could enable similar measurements for
elastin [10, 52].

At the core of polarimetric multiphoton microscopy is a polarization dependence
effect. The polarization dependence describes the modulation of the detected (SHG)
intensity as a function of the 3D angular relation between themolecular dipole axis of
scatterers and the spatial orientation of the electric field oscillation of the illumination
light. This dependence can be mathematically expressed by a tensorial quantity, the
nonlinear susceptibility [9]. By controlling the polarization of the incident light, it is
therefore possible to interrogate the molecular dipole arrangement by determining
the nonlinear susceptibility tensor or related quantities.

Polarimetric multiphoton microscopy is usually performed with linearly polar-
ized light, for which the electric field oscillates within a single plane. For collagen
fibers residing in the object plane, the SHG intensity will vary as a function of the
polar angle between the polarization axis and average molecular orientation within
each focal volume (Fig. 9a). By recording multiple images with different orientation
of the incident linear polarization, the polarization dependence of the SHG signal
can be plotted and fitted to an analytical expression having nonlinear susceptibility
tensor elements as free parameters (Fig. 9b). The exact form of the analytical expres-
sion depends on the sample and typically involves many geometrical and symmetry
assumptions [3, 18]. The intensity variation is large for ECM collagen fibers as they
have a highly symmetric molecular structure. If the molecular dipoles had a ran-
dom distribution, their average orientation would be isotropic and there would be no
polarization dependence.

By performing the fitting at every pixel in the image, it is possible to producemaps
of the nonlinear susceptibility tensor components (Fig. 10a, b) [13, 18, 62]. These
are particularly useful as they show differential molecular organization, which may
not be visible with intensity measurements alone or by analyzing intensity variations
for the entire image. The existence of different types of collagen is further evidence
by the bimodality of the tensor element histogram (Fig. 10c, d).

Several other optical properties related to polarization can be mapped in this
way. Of particular relevance for ECM mechanics is the mapping of the principal
orientation per pixels [89]. This mapping is spatially more resolved than the results
from FFT analysis, as the results from the latter depends on surrounding pixels,
whereas adjacent pixels are independent in the polarization analysis.
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Fig. 9 Polarization dependence. a SHG images of collagen recorded at one location with different
orientation of the incident linear polarization (scale bar: 50 μm). b Plot of the SHG intensity as a
function of the polarization angle. Reproduced with permission from [14]

(a) (b) (c) (d)

Fig. 10 Molecular imaging at a tendon-muscle junction. a, b Nonlinear susceptibility tensor ele-
ment χi jk ratio mapping of a χzzz/χzxx and b χxzx/χzxx . c, d Histogram distribution of the tensor
ratio c χzzz/χzxx and d χxzx/χzxx fitted with the sum of two Gaussian functions. Reproduced with
permission from [13]

It was mentioned in Sect. 3.2 that the use of a circularly polarized illumination
alleviated the effect of polarization dependence and that this was essential for struc-
tural imaging of collagenwith SHG. It should nevertheless be noted that the nonlinear
susceptibility tensor can be characterized using circularly polarized light [24] and
that there is a distinction between an image taken with circularly polarized light
and an image of the amplitude calculated from fitting the analytical expression for
polarization dependence [91].

Polarimetricmultiphotonmicroscopy has been used extensively to study the prop-
erties of collagen, but often not enough consideration was given to how the mechan-
ical state of the tissue can affect the measurement. Reciprocally, very few studies
have taken advantage of the additional length-scale provide by polarization analysis
and this approach has yet to provide new insight into the biomechanics of the ECM.
It is expected that as fibers are being recruited to carry a load their molecular orga-
nization will change to become more uniformly aligned. Consequentially, the SHG
signal measured with circular polarization should increase and the intensity modu-
lation form the polarization dependence should be more pronounced (Fig. 11a, b).
Two studies have reported preliminary observation supporting these predictions. The
first study reported changes in the SHG signal from adventitial collagen during equal
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Fig. 11 Molecular ECM mechanics. a, b The SHG intensity is dependent on molecular alignment
for any incident polarization state [91]. c Fractal analysis and polarization-dependent intensity
measurements during equal biaxial loading of SHG images from adventitial porcine aorta [91].
dOptical parameters ρ from rat-tendon obtained from polarization SHG data as a function of strain
[34]. Reproduced with permission

biaxial loading in porcine aorta and was measured with circularly polarized light.
The observed variation corresponded closely with previous results obtained from
fractal analysis—a measure of the degree of self-similarity of an image at different
scales. Here changes in the fibrous network was quantified with a parameter corre-
sponding to the normalized variation in fractal number to the initial experimental
condition—(Fig. 11c) [91]. A second study characterized different optical parame-
ters in rat tail tendon under mechanical loading [34]. In particular, it is shown how
the anisotropy, a parameter related to the nonlinear susceptibility tensor, varies with
strain (Fig. 11d), but the authors link this result to fibril orientation. Much remains
to be done to link the molecular information to the fiber and tissue levels in order to
yield new insight into the multiscale ECM mechanics.

Several factors contribute to the alteration of the polarization state during propa-
gation in biological tissue: birefringence [32, 33], geometrical parameters [88], and
scattering [22]. They will not be discussed in detail, but it should be understood that
polarimetric multiphoton microscopy is challenging to perform at depth and will
often require empirical corrections in order to be accurate. Another important limi-
tation comes from the fact that the structure to be probed does not necessarily lies in
the imaging plane, i.e. the azimuthal angle between the linear polarization and the
fiber orientationmay not be zero. In such common cases, a complete characterization
of the nonlinear susceptibility tensor would require probing with axially oscillating
polarization states, which requires more advanced optical tools to be generated.

4.2 Adaptive Optics

To assess the mechanical properties of the ECM, it is necessary to image the ECM
constituents in situ as they interact together microscopically to give tissue level
properties. This multiscale shift precludes relevant mechanical and microstructural
information frombeing obtained by imaging in thin tissue sections or along cutsmade
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Fig. 12 Optical aberrations.
Two-photon fluorescence
excitation volume a without
and b with optical
aberrations introduced by a
tilted glass surface (X:
lateral; Z: axial; scale bar:
2 μm). Reproduced with
permission from [90]

on excise volumes. As previously mentioned, imaging deep in biological tissue is
limited by absorption and scattering, which cause an exponential attenuation of the
illumination power. The imaging depth is further decreased by optical aberrations.
Optical aberrations are characterized by an alteration of the illumination wavefront,1

which results in an intensity and spatial resolution losses (Fig. 12) [4, 44]. Therefore,
not only is the imaging depth reduced, but the image quality at the accessible depths is
degraded. Optical aberrations caused by the sample can have multiple origins. They
can originate from a mismatch in index of refraction between the immersion milieu
for the optics and the sample [5]. They can also arise from the interface between the
sample and immersion milieu being tilted [90] or curved [59]. These situations will
result in wavefronts with predictable conformation such as spherical and comatic
aberrations.

More challenging to predict are the aberrations generated by the heterogenous
index of refraction distribution in biological tissue. Indeed, biological tissues do
not, in general, possess uniform optical properties and this can have severe effects
on image quality. Methods for wavefront control are therefore needed. Adaptive
optics refers to a group of technologies for wavefront control [4, 44]. As there exists
many variations in implementation of adaptive optics, we will not review them here.
Instead, the two core principles, common to all adaptive optics methods, will be
presented: sensing and correction. Sensing refers to the determination of the aber-
rated wavefront. The measurement of aberrations can either be performed directly
or indirectly. Direct wavefront sensing involves measuring the wavefront itself and
requires additional optical components to be integrated into the imaging system [2,
96, 97]. In general, direct wavefront sensing has the advantage of being fast, as only a
single measurement is needed, but has the disadvantages of having increased instru-

1Awavefront is a surface orthogonal to the local propagation vectors on which the phase of the light
wave is uniform. For a plane wave, aberrations are causing the wavefront to no longer reside in a
single plane, but instead to form a complex 3D surface, i.e. the phases in the plane are not uniform.
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Fig. 13 Adaptive optics. Ex vivo murine skin images (xy) and axial-lateral reconstructions (xz
and yz) a without and b with aberration correction. Green: SHG from collagen. Reproduced with
permission from [67]

mental complexity and requiring calibration procedures to be routinely performed
for performance to be maintained.

Indirect sensing methods do not directly measure the wavefront, but instead use
the signal of interest, either in the form of a point or as an image, as a beacon for
an optimization procedure. For instance, the optimization could aim at increasing
the contrast in an image or the brightness of a point. In opposition to direct sensing,
indirect sensing requires a large number of measurements and is thus slower [44].
It possesses the advantage of not necessitating modification of the microscope, the
standard imaging detector being a sufficient sensor. The selection between indirect
and direct sensing should therefore be based on a comparison between time con-
straints (which are likely low for structural ECM imaging) and the availability of
support to operate more advanced imaging systems.

Correction of the aberrations is done following a single approach for multipho-
ton imaging: pre-compensation. The pre-compensation consists in imparting to an
unaberrated incident wavefront the same amplitude of phase error as will be encoun-
tered in the sample but of the opposite sign. As the shaped wavefront travels through
the tissue, the pre-compensation will cancel out the effect of tissue-induced aberra-
tions. Wavefront shaping is achieved by positioning a segmented device which can
control the local slopes within a wavefront (either a deformable mirror or a liquid-
crystal spatial light modulator) in the appropriate Fourier-conjugate plane. Adaptive
optics has been implemented most frequently in bio-imaging for neuroscience appli-
cations using multiphoton point-scanning fluorescence microscopy [44], but a few
examples of collagen imaging with SHG can be found (Fig. 13) [67].

Increasing the imaging depth and improving image quality with adaptive optics
would benefit all ECM imaging applications, but somewould profit more fromwave-
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front control methods than others. Mouse arteries are sufficiently thin to be imaged
through their entire thickness with multiphoton microscopy. Unfortunately, their
large curvature on the scale of the wavefront from their cylindrical shapes generate a
substantial amount of aberrations, making it challenging to visualize medial elastin
and to reconstruct elastic lamellae [107]. Collagen bundles in the adventitial layers
are also highly aberrating and cause underlying structures to appear dim and smeared
(Fig. 22). As will be further discussed, the local shadowing effect from collagen bun-
dles can make quantitative analysis challenging. Unlike the undesirable effect from
tissue curvature, collagen bundles cause aberrations that are likely spatially-variant
within the field-of-view and are consequentially more challenging to correct. Most
current adaptive opticsmethods are suitable exclusively for spatially-invariant optical
aberrations.

4.3 Other Prospective ECM Imaging Technologies

In this chapter, we focus on only two technologies (polarimetric multiphoton
microscopy and adaptive optics) to preserve generality. Several other approaches,
such as super-resolution imaging, expansion microscopy, and optical clearing, could
potentially advance the field of ECMmechanics as well. We will mention them here
briefly. Super-resolution microscopy has been demonstrated for ECM imaging in the
brain [92]. Itsmain benefit is the extended spatial resolution it provides, going beyond
the diffraction-limit, which could enable detailed mapping of individual fibers in a
complexmeshwork [78]. Increased spatial resolution is also achievedwith expansion
microscopy by chemically processing the sample for it to be physically and homo-
morphically expanded [12]. Unlike super-resolution imaging, this approach is not
compatible with mechanical testing, but provides increased light penetration depth
by making the sample more transparent. In optical clearing methods, the chemical
treatment exclusively aims to make the sample optically transparent without expan-
sion. Here again the goal is to increase the imaging depth and this method has been
used together with SHG to visualize skeletal muscle [71].

5 Unbiased Imaging

It is often tempting to immediately place a sample under the microscope and acquire
images. Before doing so, there is nevertheless a critical, yet oft-omitted step: design-
ing the imaging study. Even imaging experts will frequently not perform an imaging
study and instead report a proof-of-principle that a certain measurement can be per-
formed with their latest device. Unfortunately, this is insufficient to answer questions
of ECM mechanics. More likely is that imaging at many (but not all) locations in
several samples will be necessary. Going beyond making single measurements is
essential but establishing the optimal sampling strategy is not trivial. In this section,
we will explore how to think about sample and sampling in the context of ECM
mechanics.
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5.1 Stereology for Biomechanics

Stereology is the science of analyzing 3D materials such as biological tissue from
spatially sampled data [66, 77, 101]. The goal of stereology can be understood as
creating a set of approaches and tools to evaluate quantitative parameters—volume,
surface area, length, and number, whichwill be referred to as the first-order stereolog-
ical parameters—for a sample, and the population it belongs to, when only a fraction
of the sample is probed [66]. Stereology can thus be divided into two parts: sampling
and analysis. Here, we will look at the sampling; the analysis will be addressed in a
later section.

Historically, the spatial sampling consisted of discontinuous cross-sections from
fixed and cut tissue because it was not possible to image and analyze the entirety of a
sample volume [101]. When imaging is discontinuous, it is not possible to determine
with certainty the structures located between two adjacent planes [66]. The main
challenge therefore involved extending the information obtained from 2D planes to
the full 3D tissue. This extension is not as simple as one might think and failure
to account for the difference in dimensionality leads to significant inaccuracies and
imprecisions.Most early stereological tools are related to the “2D-to-3D” correspon-
dence and therefore suitable for optical imaging data, which is often intrinsically 2D.

Thanks to advances in automation and imaging speed, it is now common to image
samples continuously along the light propagation axis. For the imaging to be con-
tinuous implies that the axial sampling is sufficiently high with respect to the spatial
resolution such that the volumetric information can be reconstructed between adja-
cent planes; the uncertainty about structures in between planes is eliminated. As
previously mentioned, performing volumetric imaging is critical when assessing the
organization of ECM structure, which are located inmultiple axial planes due to their
waviness, their bundle arrangement, and the tissue curvature. For instance, medial
elastic lamellae in mouse carotid arteries might appear as large wavy fibers under
two-photon fluorescence microscopy if the axial sampling is not sufficient (Fig. 8b,
c), whereas a volumetric reconstruction will reveal its lamellar nature [107]. Vol-
umetric reconstructions are also necessary when assessing relations between two
objects, such as the distance between two elastic lamellae. Even if a lamella rests
exactly in a single imaging plane, tissue deformation will change the absolute posi-
tion of this plane with respect to the imaging device such that under somemechanical
conditions the lamella might no longer be visible if the axial sampling (the distance
between two imaging planes) is insufficient.

For smaller vessels, it is possible that nearly the full thickness can be imaged
from the adventitial side (Fig. 14b). For larger vessels, the entire thickness of the
sample is rarely imaged (Fig. 14a). The reasons for this are two-fold. First, light is
scattered as it propagates through tissue, thus posing a limitation on the imaging
depth (as discussed in Sect. 3.1). Second, it is more efficient to keep in line with
the stereological perspective, using several 3D sub-volumes distributed throughout
a sample to probe the 3D structure of the whole sample. However, in tissues that
are thick in comparison to the optical penetration depth, the number of accessible
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Fig. 14 Multiphoton images of collagen (blue) and elastin (green) acquired in a a circumferential
cross-section from a pig aorta (width: ~1200μm) and b an intact mouse carotid artery reconstructed
to show a circumferential cross-section view (width: 350 μm)

sub-volumes is limited. It is thus questionable whether the ECM structure obtained
from a small depth is representative of the ECM network structure in the arterial
wall. Transmural variation in elastin fiber distributionwas demonstrated by acquiring
images from 3D slabs across the thickness (Fig. 15) [108]. It was concluded that the
transmural variation in fiber orientation distribution is important in characterizing
the anisotropic mechanical behavior of ECM network and should be considered in
constitutive modeling of tissue mechanics.

An important question is “howmuch of the tissue should be sampled?” To answer
this question, we should be reminded that the goal of most scientific measurements
is to test the information that will be obtained against a multitude of hypotheses and
for the conclusions to be extrapolatable to a population. In order to achieve this, it is
not only necessary to accurately determine the value of stereological parameters, but
also their variation. Therefore, a sufficient fraction of the tissue should be imaged
such that this fraction encompasses most of the biological variation in a parameter
within a sample, most of the intra-sample biological heterogeneity. A corollary is
that enough samples should also be imaged to assess the inter-sample variability.
Quantification of both the intra- and inter-sample biological variations are essential.
Imaging a large number of samples but only at one location will yield inaccurate and
imprecise data. Imaging a single sample in its entirety doesn’t provide information
about the population it belongs to. In brief, stereology dictates rule which guarantee
that spatially sampled imaging data is suitable for statistical inferences [66].
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Fig. 15 Multiphoton images showing the distribution of elastin fibers in a the innermedia,b–dmid-
dle media, and e outer media. Images width 250 μm; L: longitude; and C: circumference. Adapted
from [108]

5.2 Reference Space

In order to compare different samples, it is essential that the probed regions be
consistent. Otherwise the accuracy of the subsequent analysis may be worsened, and
the inter-sample variation will be increased. It will then be impossible to separate the
variation due to this sampling error and the real biological variation, thus limiting
the performance and adequacy of statistical inference methods [42]. It is well known
that the content and architecture of elastin and collagen and, hence, the mechanics
of aorta vary with anatomical locations throughout the aortic tree [29, 46, 51, 74,
76, 115]. For instance, elastin content [15, 35, 36, 82] and the number of lamellar
units [83, 105] appear to drop markedly from proximal thoracic to distal regions of
aorta. Therefore, it is essential to establish a reference space that can be consistently
imaged in different subjects [66].

The structure of the ECM largely dictates the properties of the organs and tissues
in which they are located. The goal of imaging in this context is to inform the relation
between the ECM and tissue mechanical properties. Consequentially, the reference
space should be defined in a way that reflects biological functions [66]. Ideally, the
borders of the reference space will correspond exactly with the borders of an organ or
biological structure. This definition of the reference space is the most robust one for
repeatability. It also enables normalization of volumes to create standardized tissue
maps. In addition, volumetric changes/alterations due to growth and remodeling are
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Fig. 16 Representative SHG images of collagen in adventitial collagen of proximal (left) and distal
(right) regions of thoracic aortas. Adventitial collagen fibers are highly undulated in the proximal
region compared to the distal region while there is no obvious difference in medial elastin and
collagen waviness between proximal and distal region (Images width: 360 μm)

common when comparing experimental groups of different age, gender, strain, or
disease status, and this definition also allows for correction of these biases.

In large organs, taking a fraction (a sub-region) of a biological structure as the
reference space may be beneficial. This is particularly true when results can be
sample-matched between ECM imaging and mechanical testing, i.e. the same sam-
ple is used for both measurements. The requirement for the reference space to be
deterministic remains regardless of the fact that it does not incorporate an entire func-
tion or structural biological unit. Indeed, if cuts are made in a tissue, such cuts should
be made at morphologically defined positions, and a unique position should be used
for a study. For example, the ECMmicrostructures was found to vary longitudinally
in porcine aorta, in accordance to an equivalent mechanical variation (Fig. 16), and
such gradient could not have been observed with a random selection of samples
within aortas [110]. More importantly, such gradient would generate undesirable
inter-sample variation and potentially mask subtle biomechanical phenomena. This
illustrates the benefit of using sub-regions as reference space.

We will conclude the discussion on reference spaces by distinguishing them from
regions of interest (ROIs). While reference spaces are deterministic, ROIs will only
be selected after the imaging and according to the distribution of interesting features
within the dataset. The goal of selecting ROIs is to identify groups of pixels on which
further analysis should be performed, which contrast with the physiological nature
of reference spaces. It is usually challenging to establish formal criteria to define
ROIs. As a consequence, it is frequent for different individuals to obtain different
quantitative results. Nonetheless, the same qualitative observations should be made.
Otherwise, it might be that the ROIs were poorly chosen.
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5.3 Systematic Random Sampling

Once the reference space is defined, the next step consists in establishing how it will
be sampled. In order to make such a determination two questions must be answered:
(1) what fraction of the volume should be imaged and (2) how should the probes
(imaging area) be spatially distributed? The volume fraction that should be imaged is
determined by the intra-sample variation. The aim is to image enough of the sample
to capture its biological heterogeneity. Of course, if the entire sample is imaged,
the variance of the imaged volume fraction will correspond exactly to the variance
of the sample. However, acquiring such a large amount of data is often technically
unrealistic. In the study of ECM mechanics, it is often more informative to image a
sample under a number of mechanical conditions. We routinely determine properties
of the ECM in porcine aorta by imaging only 10% of the optically accessible volume
fraction [17, 60].

The optimal volume fraction can be found by performing a pilot study [1, 66,
102]. This pilot studywould consist in imaging a large fraction of a single sample and
evaluate the statistical estimates for different volume fractions artificially generated in
post-processing. By plotting the statistical estimates as a function of volume fraction,
one can then find the smallest volume fraction at which the statistical estimates have
converged to the sample values. As independence is needed between samples for
statistical inference, the decision of including the sample in which the pilot study
was conducted should be taken carefully; independence is lost if a sample included
in the experimental group affects the selection of the other samples.

The spatial distribution of the imaging areas should be random for the imaging
and sequential quantitative analysis to be unbiased. It is indeed essential for the
reference space to be probed randomly for the results to be unbiased. One would cor-
rectly expect a non-random and random distribution to appear as shown in Figs. 17a
and b, respectively. The reason Fig. 17a represents a non-random probe distribu-
tion is because the reference space in partially probed, not because of the systematic
arrangement of the probes. It is indeed the case that a partial sampling of the reference
space is necessarily not random, as exemplified in Fig. 17c. In fact, the distribution in
Fig. 17a is a limiting case of the one in Fig. 17c, where 100% of the partial reference
space is probed.

Optimal probe distributions for ECM imaging are shown in Fig. 18 [31]. Two key
features are apparent: the probes have a uniform distribution and the distribution is
based on the geometry of the reference space. Unbiased stereology requires that no
mathematical models be used to inform the probe distribution and that no assump-
tions be made about the geometry of the reference space [66], the rationale being
that biological objects do not follow geometrical rules, and the assumptions and
models are thus imperfect. The distributions shown in Fig. 18 are termed systematic
random sampling if the origin is randomly assigned and the spacing between probes
is uniform (systematic) and preserved from sample to sample [31]. The systematic
arrangement of probes does not affect the randomness as long as the starting point is
randomly assigned for each sample. In previous studies, we performed such assign-
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(a)

ProbeReference space

(b) (c)

Fig. 17 Sampling distributions. a Non-random probe distribution. b Random probe distribution.
c Partial covering of the reference space; non-random probe distribution

Fig. 18 Systematic random
sampling. a Equidistant
probe separation forms a
systematic sampling. The
origin must be determined
randomly. b The same
distribution is used for
different samples but the
origin is randomly changed

(a) (b)

ProbeReference space Origin

ment by arbitrarily positioning the samples, and thus the reference space, under the
microscope. Another option would have been to position each sample very exactly
under the microscope and use computer generated origin coordinates for each sam-
ple. Systematic sampling possesses the important advantage of being more efficient
than non-systematic sampling [66]. Less data is required with systematic than non-
systematic sampling for the sample estimates to converge. In addition, the uniform
spacing makes the data easier to acquire manually or through automation. It should
nonetheless be noted that systematic and non-systematic random sampling will pro-
vide data of equivalent accuracy.

5.4 Other Experimental Considerations

The last step before beginning data acquisition is to determine a key experimental
parameter, the illumination power. The illumination power is the number of photons
per unit of time (in watts) incident onto the specimen. For most biological applica-
tions, it is desirable to keep this power low because too much light may cause dam-
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age, thus altering the biology of interest, and engender photobleaching, a decrease
of the signal due to the inability of molecules to be excited multiple times. Collagen
and elastin are less vulnerable to photodamage than cells and minimally susceptible
to photobleaching [10, 30, 41, 48]. These properties allow for large illumination
powers to be used for ECM imaging, although one should be mindful of collagen
cross-linking; collagen cross-linking can alter the mechanical properties of the sam-
ple and spectrally contaminate the multiphoton fluorescence signal of elastin with
new fluorescence signal from collagen [50, 73]. No absolute power values are given
here because photobleaching, photodamage, and collagen cross-linking depend not
only on the illumination power, but also on other physical parameters such as pixel
dwell time and imaging rate.

Using a large illumination power has several advantages. First, it will improve the
image quality by increasing the signal-to-noise ratio. Another way of increasing the
signal-to-noise ratio consists in acquiringmultiple images sequentially and averaging
them, which requires more time but is nonetheless advisable (averaging just a few
frames can substantially improve image quality). Second, a larger dynamic range
is made available, making features which are less bright visible. Third, the imaging
depth is increased. The effective illumination power decreases exponentially through
tissue due to absorption and scattering, thus limiting the depth at which imaging can
be performed. In the past, our strategy has been to find the saturation point at the
surface of the samples and use a fixed laser power. Alternatively, the power could be
increased to compensate for the attenuation. Adjusting the power of the light source
can usually easily be done either through software control or by rotating a wave
plate located in front of a prism. In any case, the power should be measured directly
with a power meter calibrated for the wavelengths and power range of the source,
kept constant for all samples, and saturation absolutely avoided. Due to inter-sample
variation in optical properties, it is possible that there will be saturation appearing
between the preliminary and main studies or between samples within the main study.
It is therefore a good practice to sacrifice some dynamic range by decreasing the laser
power by a few percent to avoid saturation. The illumination power should always
be reported in scientific publications, as should the reference space and sampling
parameters.

5.5 Unbiased Imaging Summary

By performing systematic random sampling of the reference space in a sufficiently
large number of samples, a dataset will be generated that is suited for statistical
inference. Abiding by stereological rules also means that the experiment will not
have to be repeated and can serve as a reference. For instance, we conducted an
imaging study of the ECM in porcine aorta to characterize the engagement of col-
lagen and elastin during mechanical loading [17]. Because of the use of unbiased
imaging, we were able to use the same data as a baseline to assess the specific role
of glycosaminoglycans [60]. Of course, only the imaging strategies is unbiased. A
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different set of considerations might be necessary to make the mechanical testing
more quantitatively robust. Finally, we would like to note that the terminology used
and the selection of concepts to be introduced was based on Principles and practices
of unbiased stereology by Mouton [66]. Readers should nevertheless note that we
depart significantly from the content of that book.

6 Methods for Image Analysis

Image analysis is an important part of imaging, as is the accompanying post-
processing. There certainly are many valid ways of analyzing a single dataset, and
ideally, each of these should bring us to the same conclusion. Therefore, guidelines
for image analysis and reporting of imaging data are presented here that can be gen-
eralizable to any chosen analysis method. Quantitative analysis will also be placed
into a stereological context. For ECM imaging, it is important to characterize the
complex networks at different structural hierarchies; an emphasis will thus be put on
how to describe geometric objects in biological tissue efficiently and accurately.

6.1 Standard Approach for Image Analysis

6.1.1 Quantitative Image Analysis

When deploying an imaging modality for a new application, such as imaging an
organ from a new experimental animal model, the first step of image analysis should
consist in verifying that the optical signal originates from the structure of interest.
For example, in early imaging of elastin in the descending aorta of mice, multiphoton
fluorescence imageswere presentedwith images fromhistologicalmethods (Fig. 19).
It is quite striking in Fig. 19b which elastic lamellae is different from the others, and
one might be tempted to stop the analysis at this point. We argue here that imaging
analysis should always be quantitative, even if the interpretation of the results will
be qualitative. Unbiased quantitative analysis is necessary for meaningful reporting
of conclusions from statistical inference testing, i.e. significance of the observation
should be demonstrated.

Quantifying the imaging data will also help to select the images to display for
reporting. Displayed images should be representative of the populations studied. An
unbiased way of performing this selection is to systematically pick the image for
which the quantitative metric is the closest to the average value of the sample. For
instance, the image in Fig. 19b of the experimental condition in transgenic (KO)
mice should have a “fiber dispersion” value close to 34° as suggested by Fig. 19c. Of
course, displaying extreme cases would be more evocative and may thus facilitate
the communication of the results, which is an aspect that should not be neglected. It
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Fig. 19 Exemplar imaging analysis figure. Representative images of a elastin-stained aortic sec-
tions and b elastic lamellae by multiphoton fluorescence microscopy (green: elastin, blue: colla-
gen; image width: 306 μm). c Quantification of the elastin signal from multiphoton data (1-sided
Wilcoxon rank-sum test, *P < 0.05; n= 4 for each saline conditions and n= 5 for each experimental
condition, AngII) based on the elastin fiber dispersion in the descending aorta. WT: wild-type, KO:
transgenic model. Reproduced from [28]

is our opinion that representative imaging data should necessarily be presented, and
can, if desired, be supplemented with more drastic examples. In any cases, the two
should be differentiated explicitly.

6.1.2 Direct Metrics

The second step in image analysis is to choose ametric for quantification of a physical
property of the tissue. The metric can directly capture the properties of interest. This
is the casewhen stereological parameters aremeasured (number, length, surface area,
and volume). Some ECM relevant examples are i) counting the number of elastic
lamellae in the medial layer of an artery and ii) quantifying the volume occupied
by collagen bundles in the adventitial layer of porcine arteries. Direct metrics are
straightforward to interpret but can nonetheless be challenging to obtain. For instance,
assessing the waviness of collagen bundles in adventitial collagen of porcine aorta
by measuring the end-to-end distance and the contour length of individual fibers and
then taking their ratio as the straightness parameter involves tedious manual tracing
(Fig. 20a).

6.1.3 Indirect Metrics

An alternative solution is to select an indirect metric serving as a proxy for a physical
parameter. Such indirect metrics are often more complex to interpret as they do not
necessarily have a physical definition in the stereological sense and their variations
can have multiple phenomenological origins. This complexity can lead to erroneous
conclusion, and interpretations should be validated when needed. Figure 20b shows
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Fig. 20 Comparison between a a manual quantification of the waviness through direct length
measurements and b automatic quantificationwith the proxymetric (fractal analysis) to characterize
waviness in porcine adventitial collagen bundles during mechanical loading imaged with SHG.
Reproduced with permission from [17]

the results of a fractal analysis as a function of strain of adventitial collagen from
porcine aorta. For this specific case, the fractal analysis appears to be equivalent to
the manual waviness analysis and can thus serve as a proxy for waviness (Fig. 20a
was originally made to validate the interpretation of Fig. 20b). A clear advantage
here is that the fractal analysis is computer automated. The absence of a need for
manual inputs makes the analysis more consistent among users. Another important
advantage is that the analysis can easily be adapted to other tissue types. Of course,
when it is possible to automate the quantification of a direct metric, this option is
preferable.

It was mentioned that indirect metrics variations can have a multitude of origins.
To explain this fact, we will look again at the fractal analysis, but this time consider
both medial collagen and elastin in porcine aorta during mechanical loading. The
images reveal that waviness would have only a partial contribution in characterizing
changes in the complex network of intertwined fibers (Fig. 1b) [17]. Yet, the fractal
analysis revealed progressive changes in fiber organization and sequential recruit-
ment of the different fiber families. It turns out that the fractal analysis metric is
highly sensitive to any structural changes, including but not limited to waviness. It
was therefore concluded that in the context of mechanical testing variations in the
fractal number represent global changes in fiber engagement. Here, by making the
interpretation more general, it also becomes more exact. This case also evidences
another benefit of automated quantification of indirect metrics as they are a unique
solution to quantitatively characterize tissue on which manual measurements cannot
realistically be performed.
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6.2 Dimensionality

Technical advances now make it possible to image 3D volumes in biological tissue
with submicrometer spatial resolution. This capability should substantially circum-
vent the need to implement stereological methods of analysis of 2D images that
inform on 3D parameters. However, 3D data requires analysis methods of the same
dimensionality. The transition from 2D to 3D analysis is not trivial. Any manual
measurements become much more time consuming. More importantly, automated
methods that can perform essential tasks, such as following a fiber in multiple planes
(for length measurements) or segmenting fiber bundles and lamellae for 3D recon-
struction (for surface area and volume measurements), still need to be developed and
their usage made robust for end-users.

In the meantime, a common approach in ECM imaging has consisted in com-
pressing the 3D data to a 2D plane by performing intensity projections (Fig. 21).
This approach allows one to use 2D analysis tools, which are extensively developed,
for 3D data. The cost of this convenience is a loss of information. The point here is
not to discourage the use of dimensional compression. After all, several important
new observations about the ECM and its mechanical functions have been made with
this simplistic strategy [17, 60]. However, it is important to be aware of the existing
biases.

In projections, fiber length and waviness measurements are proxies for the actual
fiber length and waviness in the 3D space; they are not stereological parameters.
Lengths will appear shorter in projections if fibers do not reside in a single imaging
plane. This bias is further pronounced during mechanical loading because as fibers
are getting engaged, they will tend to rest increasingly within the imaging plane,
i.e. the bias may change within a measurement. This applies for biaxial or uniaxial
loading when the imaging plane contains one of the stretch axes. Another source
of bias in characterizing fiber distribution originates from the use of the surface
fraction, instead of volumetric fraction, occupied by a fiber group within a projected
image as the weighting, or normalization, factor. Alleviating this bias is crucial as

Fig. 21 Space compression. SHG signal from adventitial collagen in porcine aorta under mechan-
ical loading shown as a, b 3D reconstructions from different angles and c a maximum intensity
projection image along the axial dimension (scale bar: 50 μm)
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(a) (b)

Fig. 22 Shadowing effect. SHG images fromadventitial collagen in porcine aorta undermechanical
loading. a Maximum intensity projection image (MIP) of the axial image stack. b MIP of the
deeper half of the axial image stack. The red contour line indicates the shadowed area caused by
the overlying collagen fibers. Scale bars: 50 μm

the distribution of fiber orientations is a central metric in mechanical modeling and
to evaluate fiber recruitment [17, 49, 108, 109].

A common method to characterize the distribution of fiber orientation is the fast
Fourier transform (FFT) analysis [17, 49, 106, 112]. During an FFT analysis [56],
a projected image is divided into a matrix of small square regions. Then, each of
these sub-regions is binarized independently before being Fourier transformed into
the spatial frequency domain. Finally, the principal orientation is found for every
sub-region through fitting an ellipse on the transform output. Typically, a histogram
of the principal orientation (fiber angle) is generated to illustrate the distribution.

In addition to being susceptible to the bias caused by weighting, an optical shad-
owing effect further biases the results. The shadowing effect occurs when light prop-
agating through a fiber bundle is altered to the extent the optical signal from any
underlying structure is substantially degraded (Fig. 22). As a consequence, the results
of FFT analysis are more heavily weighted toward bright and superficial structures.
Several other limitations of the FFT analysis are discussed in the supplementary
materials of [17].

To minimize the inherent bias associated with 2D image analysis, some effort
has been made toward the development of 3D reconstruction tools for ECM images.
Recently, the 3D surfaces of elastic lamellae in the mouse carotid artery were seg-
mented (Fig. 23). Reconstruction is nevertheless only one of the necessary steps for
a complete analysis. Due to the lack of quantification tools suitable to process 3D
surfaces, the main discovery of this study, which provided the microstructural expla-
nation for transmurally uniform lamellar stretching through a transmural gradient in
lamellar unfolding, was still obtained from 2D circumferential cross-sections (but
without dimensional compression) [107].

The distance between elastic lamellae was a key parameter in the above study
(Fig. 23). A possible unbiased stereological strategy to quantify this parameter would
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Fig. 23 3D image reconstruction. a The axial image stack images (TPEF from elastin in murine
carotid arteries) are resliced before applying an algorithm to reconstruct the lamellar layers, which
primarily involved b extraction of seed points and c line tracking from the seed points. d Recon-
structed 3D elastic lamella. Reproduced with permission from [107]
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Fig. 24 Cylindrical geometry. Schematic of concentric elastic lamellar layers in the arterial wall.
Assuming a cylindrical geometry substantially simplifies the evaluation of the interlamellar dis-
tances (di). Adapted from [107]

have been to evaluate the volumes between two lamella and to divide this value by the
surface area corrected for curvature. The last step adds quite a lot of complexity, but
this approach would ensure that no geometrical assumptions are made in the analysis
and its outcome is hence unbiased. Away to simplify the quantification of interlamel-
lar distances is to assume that the tissue possesses a cylindrical symmetry. Indeed,
fitting circular segments onto lamellar profiles in circumferential cross-section was
amply sufficient tomeasure precisely the distance between layers (Fig. 24). Selecting
a geometry to which the biological samples are never a perfect match will cause bias.
Nonetheless, this choice can be suitable when model-free stereological approaches
are too complex for implementation.
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6.3 Optics and Image Analysis

The optical system can also impact the quantitative analysis. Firstly, length esti-
mates are dependent on the magnification, which is the scaling between the object
and image planes [66]. This is true whether or not the imaging system is optical. This
phenomenon is most commonly known as theCoastline Paradox and its explanation
lies in fractal theory [58]. Length measurements acquired under different magnifi-
cations cannot therefore be compared.

Secondly, the mapping between the sample and the image is not always linear.
The strength of the fluorescence signal is expected to be proportional to the concen-
tration of fluorophores in the sample, for both one- and two- photon excitation. This
relation is modulated by the depth dependence and other factors by which light is
altered when propagating through biological tissue. More importantly, some contrast
mechanisms scale nonlinearlywith the number of scatterers or are coherent processes
complexifying themapping (e.g. the optical signal strength can be proportional to the
square of the number of scatterers). The analysis of stereological parameters should
be insensitive to the scaling (beyond how the scaling affect thresholding), but when
using an indirect metric caution should be used.

Thirdly, optical images are a spatial convolution of the object, which occurs as
light propagates through the instrument. This impulse response of optical systems
is known as the point spread function (PSF) (Fig. 12a) and related to the spatial
resolution (Fig. 3). For point-scanning systems, the axial extent is usually larger than
the lateral one and this gives the PSF an ellipsoidal shape. The convolution will not
affect distance measurements if they are performed between geometric centers of
objects, but it will lead to a systematic overestimation of surfaces and volumes. If
the PSF is known, a deconvolution can be numerically performed to limit the bias
it introduces [87]. Even with deconvolution, one still doesn’t get an infinite spatial
frequency spectrum, but an improved image. It should also be noted that the PSF
may vary as a function of depth, and sometimes lateral position, in biological tissue
(see Sect. 4.2) and that applying deconvolution might not always be possible.

In summary, methods for image analysis should be validated, quantitative, and
unbiased. All steps of image processing and analysis should be described when
reporting results. It is also a good practice to take sufficient notes when performing
manual measurements such that the analysis can be exactly repeated.

7 Conclusion and Future Directions

In this chapter, we presented fundamental concepts related to optical imaging, con-
trast mechanisms, imaging strategies, and image analysis. These concepts were posi-
tioned within the context of ECM imaging in an attempt to provide integrative guide-
lines for experimental design. We would like to reiterate that even if the discussion
was focused on imaging for arteries,most, if not all, concepts addressed apply to other
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types of biological tissues aswell. Imaging data and statistical inferences can together
provide powerful means for understanding complex multi-scale tissue mechanics.
However, this can only be achieved by adopting an imaging method suitable for the
length-scale of the structure of interest and also possessing the required signal speci-
ficity. Multiphoton microscopy is currently the optimal method for visualizing the
microstructure of elastin and collagen ECM in intact tissue and we expect that this
fundamental approach will yield many more discoveries in multiscale biomechanics
in the years to come. The restricted imaging depth is the most important limita-
tion of multiphoton microscopy to ECM imaging and advances on this front using
a variety of strategies (e.g.: adaptive optics and optical clearing) would be highly
beneficial through increased axial sampling. Increasing the imaging speed such that
imaging in living animals is enabled would also constitute a substantial gain because
it would then be possible to couple in vivo tissue deformation, ECMmicrostructure,
and cellular dynamics in a unified experimental model.
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Collagen Self-assembly: Biophysics
and Biosignaling for Advanced Tissue
Generation

David O. Sohutskay, Theodore J. Puls and Sherry L. Voytik-Harbin

Abstract Type I collagen is the predominant protein in the body and the
extracellular matrix, where it gives rise to the vast diversity of tissue form and
function. Within the extracellular matrix, this natural polymer exists as the fibrillar
scaffolding that not only dictates tissue-specific structure and mechanical properties
but also interacts with cells and other biomolecules to orchestrate complex processes
associated with tissue development, homeostasis, and repair. For this reason, the
hierarchical self-assembly of collagen molecules and their inherent biochemical and
biophysical signaling capacity have been a long-standing subject of study across
multiple disciplines, including structural biochemistry, biomechanics, biomaterials
and tissue engineering, computational modeling, and medicine. This review works
to capture some of the major discoveries and innovative technologies related to the
supramolecular assembly of collagen in vivo and in vitro, with a focus on motivat-
ing their integration and application for advanced tissue fabrication and regenerative
medicine therapies.
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1 Tissue Engineering and Regenerative Medicine: The
Goal and Challenge

The fields of tissue engineering and regenerativemedicine, which operate at the inter-
face of engineering and life sciences, have evolved over the last three decades with
the goal of restoring damaged or dysfunctional tissues and organs through the devel-
opment of biological substitutes and/or the promotion of tissue regeneration. Minia-
turized in vitro human tissue systems are also highly sought after as an alternative
to animals for cosmetic and chemical toxicity testing, high-throughput/high-content
drug screening, and basic research. One foundational element of such efforts has
been development of biomaterials that recreate the extracellular matrix (ECM) com-
ponent of tissues. The ECM constitutes non-living material produced and secreted
by cells within which they are distributed and organized. It represents a composite
material, largely composed of an insoluble collagen-fibril scaffold surrounded by
an interstitial fluid phase, giving tissues both poroelastic and viscoelastic properties
[84]. More specifically, applied deformation to the composite will intrinsically lead
to fluid flow that homogenizes scaffold pore pressure. At the same time, the compos-
ite will undergo viscoelastic deformation, exhibiting both viscous (liquid) and elastic
(solid) characteristics [137]. ECM is found in all tissues and organs, providing not
only the essential physical structure that organizes and supports cellular constituents
but also crucial biochemical and biomechanical signaling required for tissue mor-
phogenesis, homeostasis, and remodeling. In fact, a dynamic and reciprocal dialogue
exists between cells and their surrounding ECM, such that multi-scale tissue archi-
tecture and function are integrated [216]. As such, the ability to recapitulate this
natural scaffold and dynamic cell-ECM interactions has been a focused effort of
tissue engineering and regenerative medicine even prior to the formal definition of
these fields.

When tissue engineering emerged as a new field in the early 1990s, emphasis
was placed on the use of synthetic polymers for development of porous scaffolds to
mimic the structural features of ECM [115]. Synthetic materials received preference
over natural polymers, such as collagen, largely owing to advantages associated with
cost, batch-to-batch reproducibility, mechanical stability, as well as amenability to
customization, processing, and scale-up manufacturing. Furthermore, at the time,
medical devices containing candidate synthetic materials had already received FDA-
approval, documenting their biocompatibility and paving the way for translation into
the clinic. To date, extensive effort has been invested in the design andmanufacturing
of synthetic biomaterials that are biocompatible (non-toxic to cells) and possess the
structural and mechanical properties of a target tissue. Another fundamental design
criteria was that the biomaterial should be biodegradable, allowing host cells to
progressively deposit site-appropriate replacement tissue over time [64, 107, 201].
However, in recent times, concerns have been raised regarding the immune-mediated
foreign-body responses elicited by synthetic materials [46, 98] as well as their lack of
biological signaling capacity [71, 88]. As a result, design criteria for next-generation
biomaterials are changing, moving away from merely providing bulk structure and
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mechanical properties to strategies that guide biological processes underlying tissue
regeneration [3, 71, 128].

Despite this initial focus on synthetics, others targeted the use of natural materials,
including intact ECMs prepared from various tissues and their component molecules
(e.g., collagen, fibrin, glycosaminoglycans). Here, the goal was to capitalize on the
biological signaling capacity inherent to these molecules and their assemblies for
purposes of inducing site-appropriate tissue regeneration. Interestingly, evaluation
of the present-day tissue engineering and regenerative medicine market, shows that
biologically-derived materials (e.g., decellularized tissues) and natural polymers,
specifically type I collagen, account for the majority of translated technologies [8].
Within this context, this chapter focuses on type I collagen and its use for tissue engi-
neering and regenerative medicine applications. We start by providing a historical
overview of milestone discoveries related to collagen biochemistry and collagen-
based biomaterials, highlighting their impact on research and medicine. The next
section describes what is known regarding the biosynthesis and hierarchical self-
assembly of type I collagen as it occurs within the body. This is followed by a brief
description of collagen biomechanics and themore recent discovery of collagen’s par-
ticipation inmechanobiology signaling, which collectively have contributed new and
important design criteria for cell-instructive biomaterials. We then rigorously define
and compare various collagen preparations, lending support to the notion that “all
collagens or collagen-containing materials are not alike.” We then hone in on colla-
gen advancements and applications that support next-generation, multi-scale design
and custom fabrication of collagen scaffolds and tissues. Finally, we conclude with
a look to the future, where this natural polymer interfaces with other tissue engineer-
ing and regeneration advancements, including stem cells (adult, induced pluripotent),
computational modeling, and advancedmanufacturing, to address today’s challenges
and unmet clinical needs.

2 Collagen Biomaterials: The History

Scientific inquiry and applications of collagen as a tool and in medicine date back
millennia. Figure 1 provides a timeline, outlining some of the major milestones
in the development and application of collagen biomaterials. The word collagen is
Greek, from the roots “κóλλα” (glue) and “γšν” (to make), so called because the first
application of denatured collagen (gelatin) was as an adhesive for wood furnishings
[63]. The first medical application of collagen as an implantable biomaterial was
likely “catgut” suture, which was documented as early as 150 A.D. by Galen of
Pergamon [41, 124]. Despite the moniker, these collagenous threads were typically
formed from decellularized sheep intestine, not cats. Although catgut sutures were
used for centuries, it wasn’t until the late 19th century that their production was
perfected, with the development of chromic acid-based sterilization procedures by
Lister and MacEwen [67, 121]. Catgut persisted into modern use, though largely
supplanted by resorbable synthetic products due to their ease of manufacturing and
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Fig. 1 Timeline of key developments in the history of collagen biomaterials. a Assembly and rein-
forcement of glutaraldehyde-treated aortic valve xenograft onto supports (reprinted with permission
from Zudhi et al. [226]). b Man-made bioprosthetic valves prepared from glutaraldehyde-treated
bovine pericardial tissue (reprinted with permission from Society for Cardiothoracic Surgery in
Great Britain and Ireland). c Freeze-dried collagen-glycosaminoglycan sponge. d Processing and
sterilization of catgut sutures using the Kuhn procedure (reprinted with permission from Dietz et al.
[56]). e Living-skin equivalent prepared from fibroblast-contracted collagen matrix (reprinted with
permission from Bell et al. [15]). f Vascular graft fashioned from decellularized small intestine
submucosa (reprinted with permission from Badylak et al. [10])

sterilization. Despite the common usage of collagen over this early time period, it’s
unique structure as a semiflexible, triple helical rod was not determined until the
1950s. Ramachandran and others used fiber diffraction analysis and model building,
together with early amino acid composition and sequence data, to elucidate that the
three component polypeptide chains, each in an extended left-handed polyproline
II-helix conformation, were supercoiled in a right-handed manner about a common
axis [166].

In the mid-1960s, another historical milestone was reached for collagen bioma-
terials—the use of biological tissue valves derived from porcine or bovine sources.
The very first xenograft (porcine) aortic valve replacement in a human patient was
performed in 1965 by Carpentier and his team [18]. It was later discovered that
stent reinforcements and treatment of these valves with exogenous glutaraldehyde
crosslinking reduced their antigenicity and degradation, dramatically improving clin-
ical success rates [127, 226]. The first clinical use of an “engineered” or man-made
heart valve followed in 1971, whenMarian Ion Ionescu introduced the novel concept
of constructing heart valves by attaching glutaraldehyde-treated bovine pericardium
to a support frame [90]. This application of a replenishable collagen tissue source
for valve design and manufacturing has contributed significantly to the evolution of
the heart valve industry. Today, innovative, non-invasive trans-catheter approaches
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involving stented pericardial tissue are paving the way for expanded valve applica-
tions and patient populations, including children [187].

More widespread use of collagen for tissue-engineered medical products came
with the isolation and decellularization of porcine small intestine submucosa (SIS),
developed at Purdue University in the late 1980s [10]. Here, the design strategy was
to remove all cellular components while maintaining the complex molecular com-
position, architecture, mechanical properties, and biological activity inherent to the
naturally-occurring ECM.With a focus on inducing tissue regeneration, SIS became
one of the first major tissue engineering industry success stories [122, 123], with
Cook Biotech continuing to expand its portfolio of wound management and surgical
reconstruction products based on this technology. Today, a number of decellularized
tissue products populate the market, including those derived from multiple animal
tissue sources (porcine and bovine small intestine, dermis, and urinary bladder) as
well as human tissue sources (dermis and placenta). It is notable that AlloDerm, pro-
duced by LifeCell, was the first decellularized human dermal tissue on the market,
receiving initial FDA approval in 1992 for treatment of burns [204].

As an alternative to these top-down approaches to tissue design, others have
applied bottom-up strategies, focused on applications of purified collagen in both
insoluble fibrillar and soluble, fibril-forming (self-assembling) formats. Improve-
ments in biotechnology and development of scalable extraction procedures, such
as those developed by Miller and Rhodes [134], facilitated large-scale production
of high-purity collagens, paving the way for their use in tissue engineering and
medicine. One of the first and most successful products created from insoluble fibril-
lar collagen was the “collagen-glycosaminoglycan membrane,” which was initially
developed by Yannas and Burke for management of skin wounds [51, 219, 220].
These scaffolds were created by freeze drying a viscous slurry of purified bovine
hide particulate and chondroitin 6-sulfate from shark cartilage followed by chemical
crosslinking. Design criteria including pore size, mechanical properties, and degra-
dation (resorption) rateweremodulated, with the goal of retardingwound contraction
while carefully controlling host cell infiltration and tissue deposition. This technol-
ogy was acquired by Integra, which successfully entered the burn market with the
first dermal regeneration template in 1995. Integra’s tissue-engineered products have
become a significant commercial success with many applications, including burns,
diabetic ulcers, and dental wounds. One might argue this is, in large part, owing to
the design control afforded by their fabrication process.

Insoluble fibrillar collagen also served as the starting material for injectable soft
tissue fillers products that reached popularity for cosmetic applications in the late
twentieth century [188]. More specifically, Zyderm and its chemically crosslinked
counterpart Zyplast consisted of insoluble bovine dermal collagen dispersed in
phosphate-buffered saline, which contained lidocaine as a local anesthetic. Because
these injectable collagens required multiple injections and chemical crosslinking to
enhance their stability in vivo, they are no longer on the market and have been super-
seded by hyaluronic acid products [99]. Lyophilized collagen sponges, again which
comprise insoluble fibrillar collagen, have also been used as drug or growth factor
carriers. One particular example of amainstay collagen-based drug delivery device is
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InFuse bone graft, which received approval in the early 2000s. This product involves
the application of recombinant human bone morphogenetic protein-2 (rhBMP-2) to
a lyophilized collagen sponge prior to implantation into bone defects [33, 65].

Some of the first descriptions of in vitro collagen self-assembly, also referred to
as fibrillogenesis or polymerization, came in 1952 by Gross and Schmitt as well as
Jackson and Fessler in 1955 [73, 92]. Collagen self-assembly refers to the sponta-
neous and precisemulti-scale aggregation of collagenmolecules to form longitudinal
staggered arrays, giving rise to insoluble fibrous networks with a characteristic band-
ing pattern. Additional details regarding this process as it occurs in vivo and in vitro
can be found in Sects. 3 and 5, respectively.

Although some earlier studies identified the ability of cells to interface with colla-
gen, it was Bell and co-workers, in 1979, who reported that human dermal fibroblasts
encapsulated within a reconstituted collagen matrix reorganized the fibrous scaffold
into a “dermal equivalent” following culture in vitro [13]. This landmark discovery,
which came at the infancy of tissue engineering, eventually gave rise to Apligraf, the
first “living” dermal-epidermal skin product [15]. Apligraf was produced by cultur-
ing human keratinocytes on the surface of the contracted collagen-fibroblast dermal
layer. It received initial FDA approval in 1998 and remains on the market to date
with indications for venous leg and diabetic foot ulcers that are not responding to
conventional therapy.

Although self-assembling collagens have received considerable attention for
development of 3D in vitro tissue systems, tissue-engineered constructs, and drug
delivery vehicles, translation into medically useful products has been limited to date.
There have been and continue to be numerous commercial products consisting of
acid-soluble collagen in lyophilized or solution format for research or cell culture
applications. These formulations represent single collagen molecules (monomeric
collagen) extracted and purified from various tissue sources; however, little focus is
given to self-assembly as a functional and standardizable collagen property [112].
As a result, significant product-to-product and lot-to-lot variation exists in the time
required for collagen self-assembly (polymerization kinetics) as well as the physical
properties (microstructure and mechanical properties) of self-assembled construct
[5, 112]. Other persistent challenges of monomeric collagens include long polymer-
ization times (>30 min), low mechanical integrity of formed constructs, and rapid
degradation following culture in vitro and/or implantation in vivo [97].

Increased attention on self-assembling collagens came in the late 1990s and early
2000s, with the emergence of recombinant collagens, collagen mimetic peptides,
and oligomeric collagen. Advancements in recombinant technology and peptide
synthesis facilitated the pursuit of recombinant human collagen (rhCOL) and syn-
thetic collagen-mimetic peptides (CMPs) as potential alternative collagen sources
[4]. Today, rhCOL has been produced in plant, insect, yeast, and bacterial systems
which co-express the necessary enzymes to create stable collagen triple helices; how-
ever, only a subset of these can self-assemble into fibrils [4, 177]. The first report of
tissue-derived oligomeric collagen for tissue engineering applications came in 2010
[47, 112]. Unlike monomeric collagens, oligomers represented aggregates of colla-
genmolecules (e.g., trimers) that retained their natural intermolecular crosslinks [12].
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Published work shows that oligomers overcome many of the limitations of conven-
tional monomeric formulations, with rapid polymerization, dramatically improved
mechanical integrity, and resistance to proteolytic degradation both in vitro and
in vivo (see Sect. 5 for specific details).

Collagen has a storied history as the preeminent biomaterial of the body and
medicine. The current landscape has led to a variety of collagen formats and for-
mulations, which are routinely categorized as crosslinked tissues, decellularized
ECMs (dECMs), insoluble fibrillar collagens, and self-assembling collagens. There
exists great promise and potential at the interface of self-assembling collagens, bioin-
spired multi-scale tissue design, and scalable manufacturing processes for advanced
tissue design and fabrication. Additionally, unraveling the mechanisms by which
this natural polymer guides fundamental cell behaviors through biochemical and
biophysical signaling will continue to inspire approaches to promote tissue regener-
ation.

3 Hierarchical Design of Collagen In Vivo

Understanding the unique hierarchical organization of type I collagen and its asso-
ciated physical properties, interactions with other biomolecules, and metabolism
(turnover) is fundamental to its use in the fabrication of next-generation biomaterials
and tissue-engineered medical products. As the most prevalent protein, collagen is
widely distributed throughout the body, where it is found in load-bearing tissues (e.g.,
skin, bone, tendon, cartilage, and blood vessels), organs (e.g., bladder, stomach, and
intestine), and other connective tissues (e.g., pericardium, fat, and placenta). Colla-
gen molecules are produced by cells and deposited within the extracellular space,
where they self-assemble in a multi-scale fashion to give rise to the fibrillar scaffold
of the tissue ECM. As shown in Fig. 2, this supramolecular assembly involves sev-
eral aggregation steps: first from single polypeptide chains to a stable triple helical
molecule, then to microfibrils, fibrils, and fibers, and finally to macro-scale tissues.
Although its primary sequence is identical across tissues, post-translational modi-
fications and formation of intermolecular crosslinks contribute to diversification of
collagen building blocks, ECMcollagen-fibril networks, and therefore tissue-specific
form and function [61, 109].

3.1 Biosynthesis of Collagen

The biosynthesis and folding of collagen as it occurs within the cell has been the
topic of extensive study since the 1950s. It represents a highly complex process
involving various post-translation events, including hydroxylation, glycosylation,
trimerization, and crosslinking, so only the fundamentals are covered here. For more
comprehensive coverage, the reader is referred to recent reviews [36, 100, 183].
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Fig. 2 Multi-scale synthesis and assembly of collagen as occurs in vivo. (A) Collagen genes are
transcribed from DNA into RNA. (B) Translation of component polypeptide alpha chains by ribo-
somes and translocation into the rough endoplasmic reticulum. (C) Hydroxylation of alpha chains
by lysyl hydroxylases. (D) Folding of trimeric procollagen molecule. (E) Transfer of procollagen
to Golgi for additional post-translational modification and packaging for exocytosis. (F) Enzymatic
cleavage of propeptide ends yielding tropocollagen molecules. (G) Crosslinking of tropocolla-
gen molecules by lysyl oxidases to form oligomers. (H) Self-assembly of collagen molecules into
D-banded fibrils. (I) Fibrils merge to form fibers and networks, giving rise to complex tissue archi-
tecture

Type I collagen is a trimeric protein composed of two α1 and one α2 polypeptide
chains. Each of these chains contains the hallmark Gly-X-Y repeat, where X and
Y can be any amino acid but are usually proline and hydroxyproline, respectively.
This repeating sequence results in the formation of left-handed helices by compo-
nent polypeptide chains, the interaction of which results in an overall right-handed
triple helical structure. The full-length, processed tropocollagen molecule, which
represents the fundamental building block of tissues, is approximately 300 nm in
length and about 1.5 nm in diameter. Mutations in any of the component α chains,
particularly ones that cause problems with folding and crosslinking, have signifi-
cant consequences on tissue architecture and function, such as the heritable disease
osteogenesis imperfecta (OI), a potentially lethal brittle bone disease [141].
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As outlined in Fig. 2, synthesis beginswith transcription and translation of individ-
ual soluble protocollagen chains. Within the endoplasmic reticulum, protocollagen
α chains are strategically hydroxylated on proline and lysine residues by specific
hydroxylase enzymes. These hydroxylation reactions are important not only for pro-
tein folding, but also for downstream intra- and inter-molecular crosslinking. Pro-
cessed polypeptides then fold and assemble into the procollagen molecule, which
contains a central triple-helical region, flankedbynon-helical telopeptide andpropep-
tide domains on each end. Terminal propeptides, most notably the one found at the
carboxy terminus, and the Gly-X-Y repeats, are critical to proper protein folding [36,
118]. This folding and trimerization process is further assisted by molecular chaper-
ones and enzymes [144, 212].Additional post-translational processingof procollagen
molecules includes the addition of carbohydrate moieties prior to translocation to
the Golgi apparatus, where modification of N-linked oligosaccharides is known to
occur.

Secretion of procollagen from cells is similar to that of other extracellular pro-
teins,wheremolecules passing through theGolgi are packaged into secretory vesicles
prior to moving to the cell surface for release by exocytosis. After secretion, amino-
and carboxy-terminal propeptides are cleaved by multiple C– and N– terminal pro-
teinases. This conversion is critical for proper self-assembly of fibrils, since tropocol-
lagen has a drastically decreased critical aggregation concentration [36]. In fact,
defects in N-terminal proteinase ADAMTS2 (a disintegrin and a metalloproteinase
with thrombospondin repeats 2) have been shown to lead to the dermatosparaxis vari-
ant of Ehlers-Danlos syndrome, which is characterized by fragile, hyperextensible
soft tissues [141].

3.2 In Vivo Collagen Self-assembly and Crosslinking

In contrast to the intracellular biosynthetic pathways described above, the precise
mechanisms underlying collagen fibril assembly and tissue-specific organization are
less well defined. Various models have been proposed to describe the progressive
assembly ofmicro-fibrils, fibrils, fibers, andfiber bundles; however, significantmech-
anistic gaps that lack corroborating experimental evidence remain. There is, how-
ever, strong support suggesting that molecular aggregation begins within secretory
vesicles, with the rest of the assembly process occurring exterior to the cell [36].
An important element of collagen assembly and stabilization is the formation of
crosslinks, catalyzed by members of the lysyl oxidase (LOX) family. It is here where
divergent theories exist, with lysyl oxidase often portrayed as a “welding” mecha-
nism for already assembled collagen fibers. However, the isolation and properties
of soluble collagen oligomers, representing stable crosslinked collagen molecules
(e.g., trimers), together with what appears as a strategic tissue-specific distribution
of crosslink chemistries (Fig. 3) challenges this notion [61]. Furthermore, it has
been documented experimentally, that LOX is unable to penetrate the fibril surface,
despite the presence of crosslinking throughout the fibril [48]. Based upon these find-
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Fig. 3 Structures ofmature, trivalent collagen intermolecular crosslinks and their associated tissue-
specific distribution (based on Eyre and Wu [61])

ings and our experience with collagen oligomers, we are a proponent of the theory
where collagen assembles as prefibrillar aggregates of staggered monomers, with
LOX binding and catalyzing the formation of oligomers [48]. In turn, these early
oligomer precursors serve as nucleation sites and direct the progressive molecular
packing and assembly that ultimately gives rise to tissue-specific ECMs.

Naturally-occurring intra- and inter-molecular collagen crosslinks, which impart
mechanical strength to collagen assemblies, have been extensively studied since the
1960s. These bonds form not only between collagen molecules of the same type in
homopolymeric fibrils but also between different types of collagen molecules that
give rise to heteropolymeric structures [61]. The significant contribution of differ-
ent crosslinks chemistries in tissue-specific structure and function can be gleaned
by analyzing their distribution (Fig. 3), where crosslink number and type appear to
be associated with mechanical loading and collagen turnover [60, 61]. Furthermore,
these crosslink chemistries, like the primary sequence of collagen, arewell conserved
across species. Finally, evidence that crosslink content is a critical determinant of
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collagen fibril ultrastructure, ECM microstructure, and tissue mechanical properties
is derived from numerous hereditable diseases as well as in vitro and in vivo studies
where specific crosslinking enzymes (e.g., lysyl oxidase or lysyl hydroxylase) are
selectively inhibited or genetically knocked out [80, 125, 156]. Our own in vitro work
with purified soluble oligomers shows the profound effect of these crosslinked col-
lagen building blocks on the supramolecular assembly, including assembly kinetics,
fibril-fibril associations, scaffold mechanical properties and persistence (resistance
to proteolytic degradation), and modulation of fundamental cellular processes, such
as vessel morphogenesis and tumor cell invasion.

The bulk of research defining the basic pathways of collagen crosslinking was
performed over 3 decades ago, with the identification of new crosslink chemistries
and their implications continuing today. For detailed reviews, see [7, 61, 174]. In
brief, major collagen crosslinks are derived from the oxidative deamination of ε-
amino groups of specific lysine and hydroxylysines by LOXwithin non-triple helical
telopeptides regions of the molecules. In turn, the resulting aldehydes react with
lysine or hydroxylysine residues within the central triple-helical region of adjacent
molecules to form intermediate divalent crosslinks of the aldol, hydroxyaldol, or
ketoimmine varieties. Upon maturation, these divalent crosslinks convert into more
stable trivalent crosslinks such as the histidine derivative histidinyl-hydroxylysino-
norleucine (HHL) which is prominent in skin and hydroxylysyl pyrrole which is
prevalent in bone.

3.3 Supramolecular Collagen Assemblies

The supramolecular assembly of collagen is not random but ordered, andmuch of the
process is inherent to the post-translationally modified molecule itself. While resid-
ual propeptides have an inhibitory effect on fibril formation, telopeptides are required
for proper molecular registry and alignment [184]. The generally accepted Petruska
model of collagen fibril structure is a repeated lattice, where collagen molecules are
present in a head-to-tail quarter staggered array generating a characteristic banding
pattern with 67 nmD-spacing (Fig. 2). While this general value of D-spacing is most
commonly found in the literature, there is ample evidence suggesting that a distri-
bution of values occurs throughout tissues, and may vary with age as observed with
estrogen depletion in osteoporosis [62, 205]. Additionally, atomic force microscopy,
x-ray diffraction, and crystallography studies have elucidated more complex 3D
structures within fibrils, including polar ends, tilted or twisted molecules, and crys-
talline and disordered regions [87, 102, 152]. Oligomers may serve to nucleate for-
mation of branch sites or connections between fibrils during self-assembly, providing
an additional mechanism of stabilization [209]. In turn, these fibrils and their net-
works merge as well as entangle with each other to form larger composite structures
such as fibers, bundles or fibrils, and lamellae. Tissues contain an array of higher-
order collagen network structures that might be recreated in tissue engineering to
give rise to improved functional outcomes. For example, skin is well-known for its
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anisotropic basket weave structure that contributes to its multiaxial tensile strength
[29, 116, 117]. Tendons are composed of criss-crossing fibers densely bundled in par-
allel, making them ideally suited for their load-bearing function [16]. Other unique
structures include the orthogonal lattice of the cornea [133] and the parallel lamellae
in osteons of bone [59].

The high conservation of collagen primary sequence and crosslink chemistries
across species illustrate their importance as determinants of tissue form and function
[61]. Collagen molecules also contain many critical functional domains (motifs) that
allow adhesion of cells, binding to other ECM molecules and growth factors, and
control of proteolytic degradation. In fact, one fundamental reason why synthetic
polymers have failed to displace collagen as a leading tissue engineering material is
because of the immense biological activity held in its multifunctional domains. A
comprehensive summary and diagram of these various domains has been provided by
Sweeney and co-workers [195]. Reciprocal binding interactions between collagen,
growth factors, heparin, fibronectin, and other matrix components lends further sta-
bility, fluid retention, and biological signaling capacity to the ECM [113]. Collagen
is recognized by several cell surface receptors including integrins, discoidin domain
receptor (DDR) receptor tyrosine kinases, glycoprotein VI for platelet adhesion,
and the immunomodulatory leukocyte-associated immunoglobulin-like receptor 1
(LAIR1) [119]. Of these, integrins are exquisitely mechanosensitive and a prime
target for tissue engineering and regeneration design.

4 Biomechanics and Mechanobiology of Collagen

Energy storage, transmission, and dissipation are some of the key mechanical func-
tions provided by ECMs, contributing to bulk tissue mechanical properties as well as
guiding cellular behavior through mechanochemical transduction. The hierarchical
structure of collagen lends itself to both experimental and computational approaches
for deciphering structure-function relationships at the various size scales as well as
determining how forces are transmitted between the matrix and resident cells.

4.1 Scaffold and Tissue Biomechanics

Todate,measurements ofmechanical properties have beenmade on singlemolecules,
individual collagen fibrils, collagen fibers, as well as native and engineered collagen
tissues, with atomic force microscopy (AFM) serving as an important tool at the
smaller size scales [23, 173, 208]. From these efforts, the elastic modulus, which
provides a measure of rigidity or stiffness, and the fracture strength for a single
tropocollagen molecule, has been estimated at 6–7 and 11 GPa, respectively, sup-
porting its role as a “rigid rod” [31]. As we move up size scales, the mechanical
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properties of fibrils, fibers, and tissues are somewhat less and largely a function of
their nano- and micro-structural organization.

The diversity of tissue mechanical properties is a manifestation and optimization
of collagen structure at its various size scales. In general, collagenous tissues exhibit
a non-linear stress-strain behavior with characteristic strain-stiffening, where the net-
work becomes more rigid with increased deformation [136]. The small strain region,
also known as the toe region, corresponds to removal of crimp, both at the molecular
andfibrillar levels. The following phase ofmechanical testing is a linear region,where
the stiffness of collagen fibrils increases considerably with extension. This region
has been associated with stretching of collagen triple helices or of the crosslinks
between helices, implying a side-by-side gliding of neighboring molecules. Finally,
at failure, a disruption of component fibrils occurs. It is well established that initial
loading curves for collagenous tissues are different from subsequent loadings, there-
fore conventionally tissues are “preconditioned” via application of several loading
and unloading cycles prior to measurement of mechanical properties. Precondition-
ing assists in reducing the contributions weak bonds/entanglements and the subse-
quent reorientation of component fibrils [83, 194]. The stress-strain response is also
sensitive to strain rate, a characteristic of viscoelastic materials. Other behaviors
exhibited by tissues and other viscoelastic materials include hysteresis—time-based
dependence of a material’s output on its history, stress-relaxation—decrease in stress
in response to a persistent strain (deformation), and creep—tendency to deform in
response to a persistent stress [138, 145, 146].

Experimental studies on intact tissues and engineered collagen-fibril constructs
as well as computational simulations indicate that key determinants of tissue vis-
coelastic and poroelastic properties include intrinsic stiffness of the constituent fib-
rils, interfiber connectivity (branching, bundling), fibril/fiber dimensions (length and
diameter), and interactions between insoluble collagen fibrils, other ECM compo-
nents, and the surrounding interstitial fluid. For example, when fibrils are aligned in
parallel to the applied force, constructs fail at lower strain but higher stress values
than those with more random fibril organizations. With aligned fibrils, low levels
of deformation are required for their recruitment and reorganization in the axis of
extension, where they are able to bear load. By contrast, with randomly organized
fibrils, higher deformation levels are required for fibril reorganization and not all
fibrils are positioned to bear load due to bending or buckling. In addition, while
fibril diameter and length certainly contribute to bulk mechanical properties, fibril
connectivity is likely the most important determinant, with native and engineered
tissues with increased fibril connectivity (branching) and stronger fibril-fibril asso-
ciations (bundling) able to store increased elastic energy. Supporting this notion we
find Young’s modulus values for tendon, where fibrils and fibers are parallel aligned
are 43–1600 MPa, while reported values are 21–39 MPa for dermis with its basket
weave construction and 0.6–3.5 MPa for artery and vein with their layered laminae
[131]. The high tear-resistance of skin also has been attributed to unique features of
collagen networks, namely fibril straightening and reorientation, elastic stretching
and interfibrillar sliding, which redistribute stresses and do not allow tear propaga-
tion [218]. While these molecular level events associated with preyield deformation
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of tissues are fairly well established, those that occur from the yield point to tissue
failure (post yield) are less well defined. A number of studies on the overloading of
tendon have documented fibril dissociation into their fine subfibrillar components
[108, 200], while others report events associated with molecular unfolding [202,
203].

4.2 Mechanobiology and Functional Tissue Engineering

Since the early days of tissue engineering, significant focus has been placed creating
constructs that matched the physical characteristics of natural tissues, such as geome-
try and structure, or the mechanical measures, such as Young’s modulus (stiffness) or
failure strength. However, with the advent of mechanobiology, it is now recognized
that cells can sense and respond to mechanical cues at the molecular and micro-scale
levels, just as easily as they do chemical ones. Now, tissue design has shifted from
simply mimicking the physical properties (e.g., architecture, mechanical properties)
of tissue to focusing on creating biomaterials that provide the correct mechanochem-
ical signals to direct cell phenotype and function as well as tissue morphogenesis
[76]. This viewpoint was formalized as “functional tissue engineering” in 2000 by a
United States National Committee on Biomechanics subcommittee. Their main goal
was to increase awareness of the importance of engineered tissue biomechanics by
identifying criteria for mechanical requirements and encouraging tissue engineers
to incorporate biomechanics into their design process [34]. This encourages a more
multi-scale design approach to tissue engineering and regeneration strategies, which
is more focused on guiding the cell response, including therapeutic cell populations
within the construct as well as host cells. This perspective is further bolstered by
advancements in the stem cell area, where plentiful numbers of multi-potential cell
populations can be harvested directly from tissues (e.g., fat, bone marrow, blood) or
developed from induced pluripotent stem cells, which are created by reprogramming
skin or blood cells into an embryonic-like pluripotent state.

When approaching tissue fabrication, whether in the body or man-made, it is
important to understand how hierarchical collagen construction contributes to not
only tissue-level mechanical properties but also transmission of loads across size
scales to cells and vice versa. Biophysical cues such as those originating from the
ECM microstructure and mechanical properties are now recognized as major sig-
naling sources, regulating growth and differentiation of cells [126]. It’s important
to note that this transmission of biophysical signals is a two-way street, evoked
by the contractile machinery of resident cells or by loads applied externally. This
exchange of biophysical information is further facilitated by the physical connec-
tivity between cells and collagen fibrils, which in large part is mediated through
specific cell surface receptor proteins known as integrins. It was Donald Ingber that
first depicted the dynamic force balance that exists between cells and their ECM
using the popular tensegrity model, where cytoskeleton and ECM form a single, ten-
sionally integrated structural system [89]. It is at this interface where specific design
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criteria and constraints for advanced tissue fabrication continue to emerge. While
certainly a difficult task, sophisticated methods designed to probe biophysical and
biomolecular responses of living cells within tissues continue to assist in elucidation
of the mechanochemical signaling that occurs from tissue level through the ECM to
the cell nucleus.

5 Collagens as a Natural Polymer for Custom Tissue
Fabrication

Because type I collagen is one of most commonly used biomaterials in both research
and clinical settings, there exists a wide variety of formulations, as alluded to in
Sects. 1 and 2. Most collagen-based products used clinically represent processed
intact tissues (e.g., dECMs) or insoluble fibrillar collagenin various formats (e.g.,
sponge, particulate), with only a few products prepared from self-assembling colla-
gens. This section focuses on advancements related to self-assembling collagen for-
mulations and their potential for multi-scale tissue design. We begin with molecular
and micro-level design control, identifying how specific collagen building blocks,
assembly conditions, and exogenous crosslinking affect the microstructure of engi-
neered biomaterials and tissues. This is followed by a description of higher-level
fabrication and manufacturing techniques for controlling macro-scale properties,
including 3D geometry and physical properties (e.g., mechanical strength and stiff-
ness). Special emphasis is placed on the cellular response, whether in vitro or in vivo,
documenting its dependence uponmultiple size scale features, extending frommolec-
ular to macroscopic.

5.1 Micro-scale Design Control

The first fundamental level of design control for collagen materials resides at the
molecular level. Molecular level features largely determine the achievable range of
chemical, biological, and physical attributes of resulting scaffolds and tissue con-
structs; however, user control at this level is often overlooked.

5.1.1 Molecular Building Blocks

The molecular make-up, structure, and self-assembly capacity of various collagen
building blocks are summarized in Table 1, where extraction, processing and recon-
stitution techniques are known to be a source of variation. Insoluble fibrillar col-
lagen, which is the starting material for many freeze-dried collagen and collagen-
glycosaminoglycan sponge products, represents a particulate of undissociated colla-
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gen fibers isolated and purified from comminuted tissues.While this form of collagen
does not self-assemble or offer molecular and fibril-microstructure control, it does
aggregate to form a viscous gel or slurry when swollen in acid or hydrated in phos-
phate buffered saline, which has proven useful for various medical applications. As
documented by Yannas and Burke and others, insoluble fibrillar collagen supports
cell adhesion and offers design control of larger scale material features such as par-
ticulate content, porosity, and resorption rate [51, 219, 220].

Unlike fibrillar collagen, other collagen building blocks do have the capacity to
self-assemble or form fibrils in vitro, providing control over molecular and fibril
microstructure features. The ability of relatively pure collagen molecules to sponta-
neously form fibrils when brought to physiologic conditions (pH and ionic strength)
and warmed was first reported by Gross in the 1950s and has since been the subject
of extensive research [73, 74]. Collagen is routinely extracted and purified from var-
ious tissue sources (rat tail tendon or calf skin) using either dilute acid or enzymatic
digestion (pepsin), yielding a solution composed predominantly of single molecules
(monomers) [5]. Historically, crosslinked oligomers and insoluble molecular aggre-
gates that accompanied monomers were viewed as undesirable by-products, espe-
cially for studies focused on collagenmolecule structure and fibril assembly [143]. In
fact, enzymatic digestion, secondary purification strategies, or young or lathrytic ani-
mals were routinely used to minimize or eliminate these components [39, 132, 134,
142]. Acetic acid extraction followed by salt precipitation is one of the most common
approaches used to generate telocollagen, which represents full length tropocollagen
molecules with telopeptide regions intact [25]. The addition of pepsin to the extrac-
tion mixture increases yield but causes cleavage of telopeptide regions, giving rise to
atelocollagen [179].More recently, a sodium citrate extraction processwas applied to
porcine dermis, generating a high fraction of soluble oligomeric collagen for bioma-
terials development [12, 112]. Oligomers represent aggregates of individual collagen
molecules (e.g., trimers) that retain their natural intermolecular crosslinks.

Monomeric collagens, specifically telocollagen and atelocollagen, continue to be
the most commonly used self-assembling collagens because of their relatively facile
extraction and commercial availability. However, the shortcomings of these prepara-
tions are well established and commonly cited by users, including lot-to-lot variabil-
ity in purity and self-assembly capacity, long polymerization times (often >30 min),
lack of user control, low mechanical strength, and poor stability in vitro and in vivo
[1, 5, 112]. When comparing telocollagen and atelocollagen, it has been shown that
telopeptide preservation is important for the thermal stability of the collagen triple
helix and the organized arrangement of collagen molecules into fibrils [82, 183].
The loss of the telopeptide regions in atelocollagen significantly hinders and slows
assembly kinetics, resulting in less organized fibrils that vary in size and lack natural
D-banding pattern [21, 79, 179]. This difference in molecular chemistry and fib-
ril microstructure also affects matrix physical properties and proteolytic resistance,
with atelocollagen generating weaker (i.e., Young’s modulus and yield strength)
constructs that are more prone to rapid dissolution and proteolytic degradation
[81, 112].
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Table 1 Summary of collagen building block characteristics and their associated level of design
control for engineered biomaterials and tissues

Building block Molecular composition, structure,
and self-assembly capacity

Design control

Fibrillar
collagen

• Insoluble
• Collagen fiber particulate
processed and purified from
comminuted tissues

• Does not exhibit self-assembly

• Macrolevel

Atelocollagen • Soluble
• Tropocollagen molecule devoid of
telopeptide ends

• Exhibits fibril assembly with
modified or no D-banding

• Contains collagen functional
domains

• Microlevel
• Macrolevel

Telocollagen • Soluble
• Telopeptide ends allow for
formation of D-banded fibrils

• Contains collagen functional
domains

• Microlevel
• Macrolevel

Oligomer • Soluble
• Aggregates of tropocollagen
molecules (e.g., trimers) that retain
natural intermolecular crosslink

• Exhibits fibril and suprafibrillar
assembly with D-banding and high
fibril-fibril connectivity or
branching

• Contains collagen functional
domains

• Microlevel
• Macrolevel

Recombinant • Soluble
• Recombinant human procollagen
• Post-translational modification
requires co-expression of relevant
enzymes

• Endopeptidase treatment yields
self-assembling atelocollagen

• Contains collagen functional
domains

• Molecular
• Microlevel
• Macrolevel

Collagen
mimetic
peptides

• Soluble
• Peptides (~30 to 60 amino acids)
containing repeats of helical
region sequences

• Self-assembly into helices and
fibers largely driven by
electrostatic interactions

• Lack collagen functional domains

• Molecular
• Microlevel
• Macrolevel
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Oligomers, a more recently-discovered collagen building block, appear to play a
critical role in collagen self-assembly, both in vitro and in vivo. Over the past decade,
oligomer preparations have proven to be quite robust and reproducible, exhibiting
rapid polymerization (<1 min at 37 °C) and generating distinct fibril microstruc-
tures compared to telocollagen and atelocollagen formulations [12, 112, 190]. Since
oligomers retain intermolecular crosslinks, they exhibit a higher average molecular
weight compared to monomers and a distinct protein and peptide banding pattern
[12, 112]. In addition, the presence of crosslinked oligomers induces fibrillar as well
as suprafibrillar assembly, resulting in networks with high fibril-fibril connectivity
and branching. These higher-order assembly properties support formation of collagen
scaffolds that not only retain their shape but exhibit a much broader range of physical
properties and slow turnover (Fig. 4) [21, 112, 190]. In particular, collagen oligomer
scaffolds demonstrate significantly increased shear, tensile, and compressive mod-
uli compared to their monomeric counterparts (Fig. 4c–e). Since these parameters
increase linearly or quadratically with oligomer concentration, differences become
even greater at high concentration. The improved stability and mechanical integrity
exhibited by oligomer effectively eliminates the need for exogenous crosslinking,
which is routinely applied to constructs produced from monomeric collagens [77,
136].

Other approaches for generating purified collagen molecule preparations, espe-
cially human, include recombinant technology or peptide synthesis. Production of
collagen molecules and peptides via these techniques supports design control at the
molecular level (Fig. 5a), which is especially useful for elucidating relationships
between specific molecular motifs/domains and functional properties [26]. To date,
researchers have successfully genetically modified mammalian, bacterial, and plant
systems to produce recombinant human procollagen, from which self-assembling
collagen formulations can be derived [96, 155, 176, 197]. One of the challenges
associated with recombinant collagen production has been the ability to introduce
and co-express various genes involved in collagen post-translational modifications,
including prolyl-4-hydroxylase and lysyl hydroxylase,which are necessary for triple-
helix stabilization [217]. To date, a number of groups have overcome this obstacle,
successfully generating stable procollagen triple helices [111, 165, 167, 170, 189]
Since procollagenmolecules are unable to undergo self-assembly due to the presence
of propeptide ends, endopeptidase treatment (e.g., pepsin, ficin) is routinely applied
to yield fibril-forming recombinant human atelocollagens [11, 26]. At present, atelo-
collagen produced recombinantly yields thinner fibrils with less mechanical integrity
than their tissue-derived counterparts (Fig. 5b) [211]. Researchers focused on recom-
binant collagen development for biomedical applications continue to work to scale
their processes to support more cost-effective, large-scale production [26, 167].

Collagen mimetic peptides (CMPs) produced using synthetic chemistry meth-
ods are another means of achieving molecular-level design control [191]. Relatively
short sequences, roughly 30 amino acids in length, are synthesized with the goal of
forming homo- or hetero-trimeric collagen helices, which in turn self-assemble into
fibrils. The majority of sequences consist of amino acid triplet repeats found within
the helical region of collagen, capitalizing on electrostatic forces to drive molecular
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Fig. 4 Self-assembly of collagen and comparison of different collagen formulations. a Hierar-
chical, multi-scale assembly of type I collagen as occurs in vivo and in vitro with polymerizable
monomer (atelocollagen and telocollagen) and oligomer formulations (reprinted with permission
from Blum et al. [21]). b Representative images of oligomer, atelocollagen, and telocollagen con-
structs before (3.5 mg/mL) and after (24.5 mg/mL) confined compression (86% strain or 7×
), demonstrating differences in shape retention and mechanical properties. Scale bars = 2 mm
(reprintedwith permission fromBlum et al. [21]). c–eComparison ofmechanical properties, includ-
ing (c) shear storage modulus (G’), unconfined compressive modulus (EC), and tensile modulus
(ET), for oligomer (PSC) and commercial atelocollagen (PureCol) and telocollagen (Sigma, BD-
RTC) formulations (reprinted with permission from Kreger et al. [112])

Fig. 5 Examples of the utility of recombinant collagens. a Schematic representation of recombinant
bacterial collagen construct, showing examples of possible sequence manipulations (reprinted with
permission from Brodsky and Ramshaw [26]). b Scanning electron microscopy of fibrils formed
from purified recombinant human atelocollagen produced in tobacco plants. Scale bar = 5μm
(reprinted with permission from Stein et al. [189])
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Fig. 6 Notable examples of self-assemblingCMPs. a Schematic ofCMPand associatedCoulombic
forces between cationic and anionic blocks that yield self-assembled fibrils. Transmission electron
microscopy image of CMP fibril shows D-periodicity with D= 17.9 nm. Natural type I collagen has
D ≈ 67 nm (reprinted with permission from Shoulders and Raines [183]). b Chemical structure of
the common amino-acid triplets used to generate CMPs. Photo and scanning electron microscopy
image show shape-retaining fibrillar gel (1%) formed following self-assembly of CMPs consisting
of (Pro-Lys-Gly)4(Pro-Hyp-Gly)4(Asp-Hyp-Gly)4 (reprinted with permission from O’Leary et al.
[154])

assembly.While a number of groups have createdCMPs that generate fibrils, creating
peptides that mimic the various levels of collagen supramolecular assembly, includ-
ing staggered alignment, has been a challenge [111]. In 2009, Chaikof, Conticello
and co-workers reported a CMP that, in part, formed fibrils with a regular D-spacing
pattern; however, the periodicitywas about 18 nm rather than the characteristic 67 nm
observed in native collagenfibrils (Fig. 6a) [170]. Building off thiswork,O’Leary and
colleagues prepared a new CMP, where arginine residues were replaced with lysine
and glutamate residues were replaced with aspartate, to give the sequence (Pro-Lys-
Gly)4(Pro-Hyp-Gly)4(Asp-Hyp-Gly)4 [154]. These CMPs showed improved fibril-
and hydrogel-forming characteristics, giving rise to shape-retaining gels as shown
in Fig. 6b. Finally, although functional domains, such as integrin binding sequences
(e.g. GFOGER), can be engineered into CMPs, size constraints inherent to peptide
synthesis (about 60 amino acids or less) preclude the inclusion of all functional
collagen domains, thereby limiting overall biosignaling capacity [70].

5.1.2 Polymerization Conditions

In addition to the various collagen building blocks described above, there are a
wide variety of external means by which collagen self-assembly can be modulated
to create hydrogels, matrices, and scaffolds with distinct structural and physical
properties. This section summarizes various conditions, such as concentration, pH,
temperature, and ionic strength, that have been used to modulate collagen assembly
kinetics and outcomes. These conditions can be carefully controlled to modulate fib-
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ril density, fiber length, fibril diameter, fibril-fibril associations (e.g., branching), and
pore size, all of which, in turn, determine functional physical properties, including
strength, stiffness, fluid and mass transport, and proteolytic degradation. When cells
are encapsulated in these self-assembled collagenmatrices, they quickly adhere to the
collagen fibrils, sensing and responding to differences in microstructure mechanical
properties [72, 160, 171]. Through this mechanotransduction signaling, fundamental
cell behavior is modulated, including cell-induced matrix contraction and remodel-
ing, morphogenesis, proliferation, migration, and differentiation. Additionally, these
microstructure features dictate how external mechanical loads are transmitted from
the construct or macro-level to resident cells [14].

A landmark study by Wood and Keech in 1960 showed that increasing collagen
concentration or temperature, and decreasing pH and ionic strength, accelerated
the formation of individual collagen fibrils [213]. Additionally, they reported that
higher temperatures, increased pH, and lower ionic strengths yielded thinner fibrils;
however, no correlation was made between structural and mechanical properties of
resultingfibrilswas provided [213]. The effects of temperature, pH, and ionic strength
on fibril assembly of telocollagen have been confirmed by many, and studies have
expanded to include more detailed mechanical characterization [2, 6, 168, 175, 178].
In addition to the effects on self-assembly kinetics, increasing the temperature or pH
of the reaction results in decreased pore size and fibril diameter, which have been
shown to increase compressive, tensile, and shear storage moduli [2, 6, 168, 175].
The effect of ionic strength on matrix mechanics seems to be dependent on pH and
temperature, thus making distinctive trends difficult to decipher [2].

Collagen concentration is another primary means by which many researchers
vary matrix mechanics, since increasing collagen concentration leads to increased
fibril density which increases matrix stiffness (compressive, tensile and shear) [112,
160, 175]. In attempts to independently control collagen fibril density and matrix
stiffness, many have created composite systems, sometimes termed interpenetrating
networks, composed of mixtures such as gelatin and collagen [17], alginate and
collagen [50], polyethylene glycol and collagen [120]. Whittington and co-workers
identified another approach for independently controlling fibril density and matrix
stiffness which did not rely on non-collagenous agents. Here, the total content and
ratio of type I collagen oligomers tomonomers were used to independently vary fibril
density and the extent of fibril-fibril branching, both ofwhich are knowndeterminants
of in vivo ECM stiffness [209, 210].

Another way in which researchers have attempted to gain design control of colla-
gen self-assembly is motivated by the fact that collagen fibrillogenesis and assembly
in vivo is guided by other collagenous and non-collagenous proteins and proteogly-
cans of the ECM. For example, fibronectin and collagen assembly in vivo are known
to be reciprocally dependent such that interruption of one decreases the other [101].
However, early experimental evidence from Brokaw and co-workers suggested that
in vitro, the addition of fibronectin only affected collagen self-assembly kinetics,
with no changes in the resulting microstructure [27]. On the other hand, it has also
been shown that co-polymerization of fibronectin with collagen increases the tensile
strength of formed matrices, supporting the notion that fibronectin affects collagen
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fibril organization and microstructure [68]. Type V collagen also affects in vivo col-
lagen assembly, where it is thought to serve as a nucleation site. Loss-of-function
mutations are embryonic lethal, characterized by lack of collagen fibril formation
in the mesenchyme [101]. While type I collagen can self-assemble in vitro without
type V collagen, Birk et al. showed that the presence of collagen V during in vitro
self-assembly yielded heterotypic fibrils with decreased diameter and altered D-
periodicity [19]. More recently, Piechocka et al. demonstrated that these relatively
minor changes in microstructure caused drastic decreases in shear storage modulus
[158]. These authors propose that this discrepancy between in vitro results and in vivo
mechanisms may be due to the fact that the type V collagen used in vitro is pepsin
treated and lacks theN-propeptide regionwhich is present during in vivoECMassem-
bly. One final example demonstrating how other ECM components guides collagen
assembly and mechanics involves glycosaminoglycans and proteoglycans, which
consist of glycosaminoglycans attached to a core protein. Interestingly, polymer-
ization of monomeric collagen in the presence of the glycosaminoglycan dermatan
sulfate resulted in increased lateral fibril aggregation and decreased tensile properties
compared to control matrices. On the other hand, co-polymerization of collagen and
the dermatan sulfate containing proteoglycan decorin yielded highly interconnected,
long, thin fibrils with increased tensile strength [66, 159, 169]. Collectively, these
studies highlight the impact of other ECM components on the hierarchical orga-
nization of collagen. Discrepancies between in vivo and in vitro results, as well as
between studies reveal the sensitive nature of these reactions and their dependence of
specific molecular features and reaction conditions. Continued elucidation of mech-
anisms underlying supramolecular collagen assembly both in vivo and in vitro will
continue to inspire tissue engineering and regeneration design strategies.

5.1.3 Exogenous Crosslinking

Mechanical integrity, metabolic turnover, and degradation resistance are properties
afforded to in vivo collagen assemblies, in part, by the formation of natural intra-
and inter-molecular crosslinks as described in Sect. 3.2. These natural crosslinks are
controlled via post-translational modifications and enzymatic reactions that occur
within and outside the cell, respectively, making them difficult to recreate in vitro
[61]. The application of oligomeric collagen allows tissue-engineered constructs to
capture some of the performance characteristics imparted by natural intermolecu-
lar crosslinks. However, for materials produced from insoluble fibrillar collagen or
self-assembling monomeric collagens, the development and application of exoge-
nous physical and chemical crosslinking is commonplace to improve mechanical
properties and proteolytic resistance [78].

Glutaraldehyde is one of the most commonly employed chemical crosslinking
agents [37]. It is well established that glutaraldehyde enhances collagenous mate-
rial stiffness, strength, and resistance to proteolytic degradation through formation
of intramolecular and intermolecular crosslinks by non-specifically reacting with
lysine and hydroxylysine residues on collagen [52]. Despites its widespread use,
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glutaraldehyde is far from ideal as its crosslinks are transient and release of glu-
taraldehyde monomers over time is cytotoxic [78, 207]. Additionally, calcification
of glutaraldehyde crosslinked tissues upon implantation remains a challenge [180,
181].

Dehydrothermal treatment (DHT) and ultraviolet (UV) radiation have been exam-
ined as alternatives to glutaraldehyde since the 1980s [135, 207]. DHT and UV
crosslinking methods are thought to be advantageous because they do not introduce
any exogenous toxic chemicals; however, these treatments can induce partial denatu-
ration or fragmentation of collagen [78]. Carbodiimide treatment is another technique
used to form amide-type bonds within collagen. Here, the only by-product is urea,
which can be washed away after crosslinking [78]. The combination of 1-ethyl-3-
(3-dimethylaminopropyl)-carbodiimide hydrochloride with N-hydroxysuccinimide
(EDC/NHS) is the most commonly used strategy and has been applied both dur-
ing and after self-assembly of monomeric collagen to enhance scaffold strength
[224]. Interestingly, when EDC crosslinking was applied to scaffolds created from
oligomeric collagen, it did not enhance the mechanical properties thus suggesting
that the presence of the natural intermolecular crosslink outweighs the effect of these
unnatural chemistries [150]. It is important to note that owing to their non-specificity
and cytotoxicity, the majority of exogenous crosslinking strategies are incompatible
with self-assembled collagen constructs formed in the presence of cells.

Enzymatically crosslinking collagen with LOX and transglutaminase or gen-
erating advanced glycation end-products (AGE) with sugars such as ribose are
crosslinking strategies that are reported to be more compatible with cells. How-
ever, these methods only modestly improve mechanical strength and are reported to
be cost-prohibitive for large/clinical scale applications [78, 192]. Despite being non-
cytotoxic in the short term, non-enzymatic glycation, as occurs during ageing and
pathological processes such as diabetes, has been linked to reactive oxygen species
production and cellular inflammation via the receptor for advanced glycation end
products (RAGE) pathways, suggesting this method of crosslinking may be subop-
timal for many engineered products intended to for permanent tissue replacements
[186]. Finally, genipin, a plant-derived chemical used in traditional Chinesemedicine
is another collagen crosslinker that has been shown to be cell-compatible at low con-
centrations [192, 193]. However, genipin crosslinking turns crosslinked collagenous
materials blue and upon in vivo implantation induces inflammation and an associated
foreign body response, although the extent is reduced compared to glutaraldehyde
[40, 55].

Collectively, molecular and microscale features, including molecular composi-
tion, endogenous or exogenous crosslinking, andfibril ultrastructure and architecture,
are important considerations when designing next-generation tissue engineering and
regenerative medicine strategies. This is especially true when working to promote a
regenerative phenotype since cells naturally interface with collagen at these levels
and can readily detect and respond to changes at these size scales.
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5.2 Meso- and Macro-scale Design Control

The ECM component of tissues has a complex construction with spatial gradients,
anisotropies, and higher-order structures. By contrast, the majority of constructs
formed by encapsulation of cells within self-assembling collagens in vitro repre-
sent isotropic random fibril networks, and are often limited in concentration or fibril
density due to the solubility and phase behavior of collagen. For accurate recre-
ation of tissues, the density and spatial organization of the collagen-fibril ECM is
an important design consideration. Historically, these meso-scale features have been
difficult to control, making the engineering of functional tissue replacements chal-
lenging. Recent years have seen the rise of process engineering and manufacturing
techniques to address these challenges.

5.2.1 Compression

Initial efforts to convert polymerized collagen-fibril matrices into constructs with
tissue-like histology and consistency relied on the remodeling properties of cells to
densify or compact surrounding collagen fibrils. More specifically, collagen-fibril
matrices seeded with fibroblasts and cultured up to 2 weeks yielded contracted or
condensed dermal-like tissue equivalents [15]. Seeding keratinocytes on the surface
of these dermal equivalents resulted in the formation of a multilayered epidermis,
yielding a tissue-engineered living skin, which ultimately was produced by Organo-
genesis and gained FDA approval in 1998 for management of diabetic ulcers and
hard-to-heal venous ulcers. Persistent drawbacks to this product include its costly
manufacturing process, limited shelf-life (5–10 days) and the slight risk of disease
transmission, all of which are due to the requirement of allogeneic cells to contract
and further mature the ECM and finished product [182].

In 2005, Brown described a process designed to “engineer tissue-like constructs
without cell participation.” This “cell-independent” approach involved polymeriza-
tion of monomeric collagen in the presence or absence of cells followed by plastic
compression (PC) in an unconfined format and/or capillary fluid flow into absorbent
layers to reduce the interstitial fluid content [30].Here, low-loads (50–60 g or 1.1 kPa)
are applied to the top surface of a collagen matrix to achieve significant fluid reduc-
tion (approximately 85–99.8% compressive strain) through a supporting nylon mesh
(Fig. 7a). The resulting densified collagen sheets, which measure 20–200 μm in
thickness are still fragile, requiring spiraling and multiple compressions to facili-
tate handling and further mechanical testing. Tensile strength and modulus values of
0.6 ± 0.11 MPa and 1.5 ± 0.36 MPa, respectively, have been supported with 85%
viability of encapsulated cells [20]. Additional compression of spiraled constructs
improvesmechanical integrity but reduces cellular viability [20, 42]. This technology
contributed to development of the RAFT 3DCell Culture System byTAPBiosystems
(now part of Sartorius Stedim Biotech Group), which applies their patented absorber
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Fig. 7 Densification of collagen-fibril constructs through plastic deformation achievedwith uncon-
fined compression and absorption. a Plastic compression is achieved by applying known weights to
low-density collagen-fibril matrices to achieve fluid reduction through a supporting nylon mesh into
an absorbent layer (based on Brown et al. [30]). b Dermo-epidermal skin substitute produced by
densification of monomeric type I collagen in the presence of human dermal fibroblasts. Seven days
following culture the collagen-fibroblast construct was seeded with human keratinocytes (reprinted
with permission from Braziulis et al. [24])

technology to monomeric rat tail collagen to create densified tissue constructs for
research applications.

An adaptation of this PC technology was reported by Reichmann’s group for
generation of an autologous tissue-engineered skin. This work involved custom-
fabrication of a large (7× 7 cm) compression chamber, fashioned to support weights
on top and absorbent filter paper on the bottom [24]. This device was used to cast
square polymerized collagenmatrices containing human dermal fibroblasts, which in
turn were compressed to 0.5–0.6mm thickness and then transferred to culture dishes.
Following 7 days of culture and maturation in vitro, a high density of keratinocytes
was applied and cultured for an additional 7 days. To date, analyses of histological
outcomes as well as gene expression of relevant dermal and epidermal markers
have been conducted [24, 151]; however, mechanical properties testing has yet to
be reported. This tissue-engineered autologous dermo-epidermal skin graft, referred
to as denovoSkin (Fig. 7b), has obtained orphan drug designation as a treatment for
burns by Swissmedic, European Medicine Agency, and the FDA. Reports indicate
that this product can be safely and conveniently handled by surgeons, and matures
into high quality skin in animal models as well as recently performed clinical studies
[151].

Expanded efforts on this front, include work by Voytik-Harbin and collaborators
where scalable plastic compression processes have been applied to type I oligomeric
collagen, providing increased versatility in product design and geometry as well as
predictive meso-scale control [21, 149]. As mentioned previously, type I oligomeric
collagen exhibits not only fibrillar but also suprafibrillar assembly, yielding highly
interconnected collagen-fibril scaffoldswith substantially improvedproteolytic resis-
tance and mechanical integrity compared to standard monomeric collagens. In this
work, plastic compression was applied in a confined, rather than an unconfined, for-
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mat to increase fibril density via controlled fluid removal (Fig. 8a). Interestingly, this
approach was not applicable to monomeric matrices due to the inability of the resul-
tant fibril microstructure to sustain or support associated compressive and fluid shear
forces [21]. This fabrication process provided control of the final solid fibril content
(fibril density) of the compressed construct through modulation of starting volume
and concentration of the oligomer solution together with the applied compressive
strain [149]. Additionally, strain rate was used to control steepness of fibril density
gradient, and placement of porous polyethylene foam and associated porous-solid
boundary conditions defined high-order spatial fibril organization (e.g., alignment).
Finite element analysis confirmed this process to be dependent upon the fluid flow
induced during compression, with steepness of gradient formation dependent on
strain rate [149]. These early findings support the notion that controlled, plastic
compression together with computational models can be used for predictive design
and scalable manufacture of a diverse array of precision-tuned tissue constructs.
To date, this fabrication method has been applied for the development of cartilage
constructs for laryngeal reconstruction [28, 225], articular cartilage constructs with
continuous fibril density gradients that recapitulate the different histological zones in
native cartilage (Fig. 8c) [149], acellular and cellular dermal replacements (Fig. 8b)
[149], as well as an in vitro model of cardiac fibrosis [215].

5.2.2 Electrospinning

Electrospinning is a fiber-forming process that applies a large electric field between
a polymer solution reservoir and a collection plate to form polymer fibers with
nanometer-scale diameters. More specifically, when a sufficiently high voltage is
applied to a liquid polymer droplet, the body of liquid becomes charged, and elec-
trostatic repulsion counteracts the surface tension and the droplet is stretched. At a
critical point a stream of liquid erupts from the surface forming a fiber. This fiber
elongates and thins, and the solvent evaporates, as it moves towards the grounded
collector where it is deposited. Published work on the electrospinning of collagen
dates back nearly two decades [85, 86, 130]. In this case, materials are designed
to mimic the geometry (e.g., diameter) of collagen fibrils or fibers found in vivo
within the extracellular matrix. Since that time a large number of design variables
including solvents, molecular make-up of collagen, collagen concentration and vis-
cosity, applied electric field, flow rates, collection distance, and collection strategies
(plates, rotating mandrels) have been explored [35, 130]. At present, this technique
has been used to generate collagen-based scaffolds of varying geometries (tubes,
mats) and architectures (randomly oriented, aligned, high porosity, low porosity) for
various tissue applications including bone [163], nerve [164], blood vessel [22, 196],
and skin [162, 172]. For more details, the readers are encouraged to see DeFrates
et al. [54]. A major limitation associated with present-day electrospinning is its
requirement for volatile solvents (e.g., fluoroalcohols), which denature the native
structure of collagen yielding gelatin. Furthermore, resulting materials lack col-
lagen fiber ultrastructure (axial periodicity and D-banding) and therefore display
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Fig. 8 Controlled confined compression for fabrication of acellular and cellular constructs with
and without continuous structural gradients a Schematic depicting controlled confined compression
process for densification of collagen-fibril constructs. A low-density collagen-fibril matrix is formed
in a mold and then compressed at a controlled strain rate to achieve a specified strain. Fluid flow is
directed through the porous boundary (adapted from Blum et al. [21]). bDensified sheet formed via
controlled confined compression of type I oligomeric collagen. Scale bar = 2 mm (reprinted with
permission by Blum et al. [21]). c Gradient densification of collagen-fibril matrices as achieved via
controlled confined compression. Type I oligomer matrices were compressed with a porous platen,
directing fluid flow through an upper porous boundary condition. Confocal reflection microscopy
revealed a gradient in fibril density, with a high density of fibrils aligned parallel to the construct
surface near the top progressing to a low-density region of randomly organized fibrils near the
bottom. Scale bar = 100 μm (reprinted with permission from Novak et al. [149]). Encapsulated
cells responded to their local microenvironment as a result of densification, as detected 1 week with
confocalmicroscopy (green= F-actin; blue= nucleus). Cells in the high-density region developed a
spindle shape andwere oriented parallel to the fibrils,while cells in the low-density regions displayed
a more rounded morphology. Scale bar= 10μm. Such gradients in collagen microstructure and cell
morphology/phenotype are reminiscent of the gradient layers found in articular cartilage
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altered biological and physical properties compared to native collagen assemblies.
To address these issues, electrospinning of collagen is routinely performed in the
presence of other synthetic [polycaprolactone, poly(lactic-co-glycolic acid)] or nat-
ural (elastin) polymers or in conjunction with physical or chemical crosslinking (e.g.,
N-(3-dimethylaminopropyl)-N′-ethylcarbodiimide hydrochloride andNHS, and glu-
taraldehyde) to improve mechanical integrity.

To overcome the persistent challenges associated with the electrospinning of col-
lagen, alternativemanufacturing processes are continued to be developed for creation
of collagen fibers. For example, Polk and co-workers [161] described volatilization
of collagen using a high-speed compressed air jet such as that produced by a com-
mon airbrush. This process which they termed pneumatospinning was used to form
non-wovenmeshes of randomly organized and aligned fibrils, approximately 200 nm
in diameter. Interestingly, pneumatospun and electrospun fibers formed from acetic
acid showed similarity in size, strength, and cytocompatibility. However, like elec-
trospun fibers, pneumatospun fibers were not stable in aqueous media in absence of
chemical crosslinking.

5.2.3 3D Bioprinting

In the early 1990s, 3D printing emerged as an additive manufacturing technique for
production of 3D objects based on computer-assisted design [49]. With advantages
ofmass production and fine tuning of spatial-dimensional properties, this process has
been adapted for purposes of developing functional tissues andorgan constructs. Such
constructs are being fashioned for use as in vitro model systems for basic research
or drug screening [110, 147], delivery of pharmaceutical agents (genes, drugs) or
cells [93, 185], and tissue-engineered medical products for tissue replacement or
reconstruction [153]. Bioprinting involves sequential layer-by-layer deposition of
biomaterials in the presence and absence of specific cell populations in predetermined
spatial-dimensional patterns with millimeter or nanometer scale resolution. In this
way, porosity, permeability and mechanical properties, and cell-cell and cell-ECM
associations within the construct may be controlled. Of the various 3D printing
technologies, direct inkwriting and inkjet printing have received themostwidespread
use for bioprinting applications. For direct ink writing, high viscosity hydrogels in
the presence or absence of cells are extruded to obtain 3D structures with or without a
carrier. By contrast, inkjet bioprinting applies low viscosity solutions or suspensions
as droplets.

A critical component of bioprinting are the “bioinks”, which typically are poly-
mericmaterials that are used to deposit cells and/or serve as the extracellular scaffold.
Ideally, bioink materials need to exhibit (i) good printability, (ii) biocompatibility
for maintaining cell viability without eliciting immune reactions, (iii) cell-friendly
curability, (iv) mechanical stability with shape retainability, (v) predictive biodegrad-
ability includingmechanism (hydrolysis or proteolytic degradation) and kinetics, and
(vi) predictable material-cell interface with ability to promote fundamental cellular
behaviors (adhesion and remodeling, migration, proliferation, differentiation) and
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processes (morphogenesis) [95]. While bioink materials used to date satisfy a subset
of these design requirements, bioink development and characterization remains a
high-priority activity, together with optimization of the bioink-bioprinter interface
[139].

To date a number of synthetic, nature-derived, and natural biomaterials have been
used for amyriad of bioprinting activities and have been the subject of recent compre-
hensive reviews [53, 95, 139]. Here, we focus on the application of various collagen-
based formulations, especially those that exhibit self-assembly. As stated previously,
the use of collagen is advantageous because of its inherent biocompatibility and
biosignaling capacity. However, a persistent limitationwith conventional monomeric
collagens has been their poor mechanical properties and long polymerization times,
contributing to poor shape retaining properties and printing resolution. To circumvent
these problems, collagen and its denatured counterpart gelatin have been modified
by introducing new functional groups or used in conjunction with other biomaterials.

Gelatin methacryloyl (GelMA) represents one of the most popular bioinks, offer-
ing fast polymerization, good biocompatibility as well as tunable mechanical prop-
erties (for recent reviews see [223]). GelMA is a chemically-modified version of
gelatin that exhibits photopolymerization (gelation) upon exposure to light irradi-
ation in the presence of photoinitiators. Gelatin is distinct from native collagen in
that it represents a mixture of collagen peptides and single-stranded polypeptide
chains produced by collagen hydrolysis and denaturation. Although gelatin retains
arginine-glycine-aspartic acid (RGD) sequences that promote cell attachment as well
as target sequences formatrixmetalloproteases, it does notmaintain collagen’s native
triple helical structure and therefore inherent fibril-forming capacity. Introduction of
methacryloyl groups confers to gelatin the capacity to be photocrosslinked with the
assistance of photoinitiators and exposure to light. Many physical parameters of
GelMA hydrogels, such as mechanical properties, pore sizes, degradation rates, and
swell ratio can be readily tailored by changing the degree of methacryloyl substitu-
tion, GelMA prepolymer concentration, initiator concentration, and light exposure
time [43, 148].

More recently, tissue- and organ-derived dECMs that retain collagen’s fibril-
forming capacity have been gaining increased use as bioinks for 3D bioprinting
applications [106].While traditionally intact dECMs derived from various allogeneic
and xenogeneic tissue sources have been used clinically (surgical mesh, wound man-
agement), recent studies have focused on adapting these materials for tissue-specific
3D bioprinting applications [94, 157]. Creation of dECM bioinks involves applica-
tion of various decellularization methods to remove cells from tissues and organs.
The resulting dECMs are then exposed to acid-treatment in the presence or absence
of pepsin, yielding a complex mixture of self-assembling collagen as well as other
ECMcomponents (glycosaminoglycans, proteoglycans, growth factors, fibronectin).
It is noteworthy that that dECM bioink composition can vary widely since it depends
largely on the decellularization and solubilization protocols employed. Furthermore,
removal of cells and their associated components is essential so to avoid elicitation of
immune-mediated responses when used in vivo [9]. At present, most dECM bioinks
form soft hydrogels, therefore the use of exogenous crosslinking in commonplace.
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To date dECM bioinks have been derived from various tissues and organs includ-
ing heart, liver, fat, cartilage, skeletal muscle, skin, and vascular tissue. For a more
comprehensive review of dECM bioink use in 3D bioprinting see [45].

5.2.4 Extrusion, Electrochemical Processes, and Magnetic Fields

One of the first applications of flow to induce preferential alignment of collagen
fibrils was provided by Elsdale and Bard in 1972 [58]. This method, referred to as
the “draining method”, involved pipetting polymerizable collagen into a dish and
placing the dish at an incline to achieve gravity-induced flow and aligned bundles
of fibrillar collagen. These findings have been extended to more scalable, industrial
processes such as extrusion. Extrusion is formally defined as the act or process of
shaping a material by forcing it through a die. In the late 1980s and early 1990s,
Kato and co-workers described a scalable process for collagen fiber production
that involved extrusion of acid-swollen dispersions of insoluble fibrillar collagen
through polyethylene tubing into a phosphate-based buffer reservoir to induce gela-
tion (Fig. 9a) [103, 105]. The resultant fibers were then transferred to isopropyl
alcohol followed by air drying under tension. Chemical and physical crosslinking
resulted in fibers with ultimate tensile strength values that were comparable to those
for rat tail tendon fibers (24–66 MPa). When fashioned and implanted as tendon
and ligaments, implants showed inflammatory reactions, degradation profiles, and
neotissue formation that varied with type of crosslinking [57, 69, 104, 206]. More
recently, a similar approach was applied to soluble telocollagen and atelocollagen
formulations, yielding “strings” of flow-aligned collagen fibrils (Fig. 9b) [91, 114].
Although this process could be applied to yield a wide variety of geometries and
patterns, including sheets, meshes, and tubes, functional mechanical properties for
tissue engineering applications have yet to be achieved.

Taking advantage of the rapid polymerization and improved mechanical integrity
of type I oligomeric collagen, Brookes and co-workers described methods of extrud-
ing self-assembling oligomer solutions in the presence of muscle progenitor cells
for creating engineered skeletal muscle for laryngeal reconstruction (Fig. 9c). This
process yielded mechanically stable constructs with aligned cells surrounded by
highly aligned collagen fibrils [28]. Resident muscle progenitor cells readily fused,
forming multi-nucleated myotubes upon culture in vitro. When used for laryngeal
muscle reconstruction in a rat hemi-laryngectomy model, these tissue-engineered
muscle constructs integrated with the surrounding host tissue in absence of a sig-
nificant inflammatory response. Furthermore, functional muscle regeneration and
maturation occurred over a 3 month period marked by progressive increases in stri-
ations, innervation, and functional motor unit activity [28]. Other recently reported
methods for achieving aligned cellularized collagen constructs include the multi-
step process referred to as gel aspiration-ejection [129]. Here, isotropic, densified
collagen constructs are aspirated into a syringe and then ejected through capillary
tubes, 0.3–0.9 mm in diameter. Initial in vitro studies showed that constructs formed
by this process containing mesenchymal stem cells showed accelerated osteoblast
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Fig. 9 Extrusion processes for production of collagen threads and aligned collagen. a Collagen
fiber formation from acidic dispersions of insoluble fibrillar collagen (based on Kato et al. [103]).
Collagen dispersions are extruded into a sodium phosphate based fiber formation buffer. Resulting
threads are sequentially dehydrated in isopropyl alcohol, washed in water, and air dried prior to
spooling. b Wet spinning of collagen fibers (adapted from Caves et al. [38]). An acidic solution of
collagen monomers is aggregated into a gel-like fiber by mixing with a buffered PEG solution. The
extruded fiber is dehydrated in ethanol prior to collection on a spool. Resulting threads are exposed
to phosphate buffer to induce formation of D-banded collagen fibrils, rinsed, and then air dried prior
to spooling. c In-flow collagen fibril formation and alignment (based on Brookes et al. [28]). Neutral
solutions of oligomer collagen in the presence or absence of cells are extruded through a die, resulting
in alignment of self-assembled collagen fibrils and resident cells. d Electrochemical aggregation
and alignment of collagen. Soluble collagen molecules are placed within an electrochemical cell
consisting of two parallel electrodewires. Isoelectric focusing occurswith application ofDCvoltage
resulting inmolecular accumulation into compacted threads. Formation ofD-banded collagen fibrils
occurs when resulting collagen thread is placed in phosphate buffered saline. eMagnetic alignment
of collagen as occurs when neutralized collagen solutions are placed within high strength magnetic
fields. Mechanical torque on molecules results in alignment orthogonal to the applied field

and neuronal differentiation when cultured in the appropriate differentiation medium
formulations.

Methods other than extrusion have been used to create anisotropic collagen con-
structs. Specifically, collagen monomer solutions have been exposed to electrochem-
ical processes, where isoelectric focusing is used to drive aggregation of collagen
molecules (Fig. 9d). While this process does not produce the staggered arrangement
of molecules observed in native collagen fibrils, D-spacing can be achieved with
exposure to phosphate buffered saline [44]. Follow-up processing of these electro-
chemically aligned collagen threads by sequential treatment with genipin crosslink-
ing, peracetic acid/ethanol exposure, and heparinization in EDC/NHS yields hep-
arinized sutures that can be used for growth factors such as platelet derived growth
factor [221, 222]. On the other hand, application of large magnetic fields to polymer-
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izable collagens, which was first described in the 1980s [140, 199], orients collagen
molecules and associated fibril-forming counterparts perpendicular to the applied
field (Fig. 9e). This outcome is largely attributed to diamagnetism of the peptide
bond [214]. Since that time,magnetic fields have been applied to generate anisotropic
constructs for mechanistic studies of cell contact guidance [75] as well as generating
tissue-engineered constructs cartilage [150], cornea [32, 198], and peripheral nerve
replacement [32, 198] and regeneration. Notable findings from this work, was that
orthogonal patterns of collagen fibrils, similar to those found in native cornea stroma,
could be generated by polymerization-rotation-polymerization of sequential layers
of collagen in the presence of amagnetic field [198]. Resident cells, whether grown in
culture or infiltrating from surrounding tissue following implantation, align by con-
tact guidance along the long axis of the fibrils. Interestingly, magnetically aligned
constructs produced with atelocollagen and telocollagen showed improved handling
and mechanical properties upon exogenous crosslinking [44]. However, magneti-
cally aligned constructs produced with oligomeric collagen showed no significant
change in mechanical integrity upon chemical crosslinking [150]. This observa-
tion was attributed to the fact that compared to monomers, oligomer produces more
mechanically stable fibril microstructureswith increased connectivity between fibrils
(interfibril branching).

6 Conclusion and Future Directions

Todate, tissue engineering and regenerativemedicine approaches involving collagen-
based scaffolds, cells and combinations thereof have led to a number of new, FDA-
approved therapies. However, many would say that the field, in general, has still not
lived up to promises and enthusiasm generated early on. The ability to replace or
regenerate damaged or diseased tissues and organs remains one of the great chal-
lenges and unmet needs facing medicine and society. Continued translation and
commercialization of next generation therapies must forge new pathways that inter-
face biomolecules and cells, scalablemanufacturing processes, and regulatory policy.
Careful consideration of the scientific, regulatory, and business hurdles is paramount
in streamlining translation and maximizing clinical impact. Integration of com-
putational modeling for predictable, customizable design will facilitate precision
medicine, applications, whichworks to account for the inevitable variability in health
status and intrinsic healing/remodeling potential between patients. Translating these
biomedical advances to medical successes will help fulfill the long-standing promise
of tissue engineering and regenerative medicine to patients, clinicians, investors, and
society.
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Roles of Interactions Between Cells
and Extracellular Matrices for Cell
Migration and Matrix Remodeling

Jing Li, Wonyeong Jung, Sungmin Nam, Ovijit Chaudhuri and Taeyoon Kim

Abstract Cells can sense mechanical properties of surrounding environments and
also structurally remodel the environments. Interactions between cells and extra-
cellular matrix (ECM) play a crucial role in diverse cellular behaviors, including
migration, growth, and differentiation. Advances in experimental and computational
methods enabled us to better understand the molecular bases and underlying mech-
anisms of the cell-ECM interactions. This chapter provides a comprehensive review
regarding how cells sense and remodel ECMs and why such capabilities are of
great importance for cell migration. First, the molecular structure, dynamics, and
functions of focal adhesions (FAs) formed between cells and ECM are discussed,
followed by a brief review about the significance of interactions between FAs and the
actin cytoskeleton occurring in the intracellular space. Then, it is discussed how cells
remodel surrounding ECMs mechanically and biochemically. Additionally, various
experimental and computational methods designed for studying cell migration facil-
itated by cell-ECM interactions and ECM remodeling are summarized, and findings
obtained using these methods are discussed.
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1 Introduction

Interactions between cells and extracellular matrix (ECM) play an important role for
various cellular behaviors, including migration, growth, and differentiation. During
these behaviors, cells are able to sense mechanical forces and properties of their
surrounding ECM. Such mechano-sensing ability of cells is of great importance for
a wide range of physiological processes, including morphogenesis and angiogenesis
[1, 2] . In particular, effects of the stiffness of ECMon diverse cellular processes have
been investigated. For example, it was shown that a gradient of ECM stiffness can
guide migrating cells toward stiffer regions, which is called durotaxis [3]. In addi-
tion, mesenchymal stem cells are differentiated into cells with different phenotypes,
depending on the stiffness of surrounding mechanical environments [4].

Cells can also remodel surrounding ECM actively rather than sensing it passively;
forces transmitted through focal adhesions (FAs) are capable of significantly remod-
eling ECM for physiological functions, such as cancer metastasis and wound healing
[5–7]. For example, fibroblasts migrate toward a wound site to close it by generat-
ing contractile forces [8]. During the initial stage of metastasis called intravasation,
cancer-associated fibroblastsmake collagen fibers aligned to help tumor cellsmigrate
effectively toward blood vessels via the aligned fibers [9]. In addition, matrix remod-
eling enables cells to sense distant cells. The long-range sensation plays an important
role inmany biological processes [10–14]. For example, at the single-cell level, long-
range mechanical communication regulates tube formation and the detachment of
cells from multicellular aggregates [15].

Therefore, a deep understanding of cell-ECM interactions and cell-induced ECM
remodeling is crucial for illuminating mechanisms of a wide range of biological
processes. This review article will cover various aspects of the cell-ECM interactions
at multiple length-scales. First, force-dependent dynamic behaviors of FAs will be
discussed. Then, effects of the actin cytoskeleton on cell-ECM interactions will be
explained. Lastly, matrix remodeling and cell migration driven by the cell-ECM
interactions will be discussed.

2 Molecular Interactions Between Cells and ECM

Interactions between cells and ECM are based on binding between receptors and
ligands atmolecular level. There are various types of receptors and ligands depending
on types of cells and ECM. We will primarily review the most important adhesion
between cells and ECM called focal adhesion (FA) and will discuss how FAs are
regulated by the actin cytoskeleton within cells. In addition, computational models
and experimental techniques designed for studying cell-ECM interactions will be
introduced.
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2.1 Focal Adhesions Between Cells and ECM

Cells form physical links between the cytoskeleton and ECM via FAs (Fig. 1). The
function, molecular structure, and dynamics of FAs have been studied during recent
decades. One of the most important functions of FAs is bi-directional transmission
of mechanical force between intracellular and extracellular spaces. This function
enables cells to sense mechanical properties of surrounding ECM and also mechan-
ically remodel the ECM. Dozens of proteins are involved with formation of the
FA complex, but the main component is a receptor protein called integrin (Fig. 1)
[16]. Integrin serves as a pivotal linker as it binds to both the actin cytoskeleton
and ligands in ECM, such as fibronectins [17]. A functional unit is a heterodimer
consisting of α and β integrin subunits, and binding affinity to ECM ligands depends
on types of α and β subunits [18]. For example, integrin with β1 subunit plays an
important role for binding to collagen and fibronectin [19]. Binding to ECM ligands
causes a conformational change in integrin subunits, resulting in separation of cyto-
plasmic tails of α and β subunits. The cytoplasmic tail of β integrin interacts with
proteins responsible for a signaling cascade of intracellular dynamics [20], such as
Rho activity [21]. Rho activation induces formation of FAs [22]. The initial adhesion
is associated with talin, which binds to both actin and integrins [23, 24] and can be
characterized by accumulation of vinculin which binds talin and actin [25] or by the
recruitments of paxillin and phosphoproteins (Fig. 1) [26, 27]. FAs undergo mechan-
ical forces exerted by both intracellular and extracellular forces. The magnitude of
forces exerted on individual FAs in cardiac fibroblasts or myocytes was measured
to be ~10 nN [28]. The magnitude typically varies depending on types of cells. For
example, FAs in myocytes bear higher forces than those in fibroblasts [28]. A bond
formed by a single integrin can only withstand very low level of forces (<40 pN) [29,
30]. Thus, to bear high force in FA and maintain the physical links, a large number of
integrins are required in each FA site. FAs can be matured by growth in response to
mechanical forces [26, 31] or increasing stiffness of ECMs [32, 33]. An increase in
force facilitates clustering of integrins and FA-associated proteins, leading to growth
of FAs in the direction aligned with the force [28, 34, 35]. Previous studies have
shown that FAs are stabilized by force-dependent recruitment of vinculin, leading
to further maturation of FAs [26, 31]; it was observed that concentration of vinculin
scales linearly with forces [28]. Other FA-associated proteins, including talin and
tensin, are known to be stabilized by an increase in forces or ECM rigidity [36–38].
The molecular composition of FAs is one of the criteria to differentiate nascent FAs
from matured FAs. Nascent FAs are enriched with tensin but lack the other proteins.
By contrast, matured FAs have high levels of paxillin and vinculin with a relatively
low level of tensin [39].
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Fig. 1 Formation and maturation of focal adhesions (FAs) facilitated by various proteins. a For-
mation of nascent FAs governed by integrin. Integrin is localized to a plasma membrane, playing a
role as pivotal linkers between intracellular cytoskeleton and extracellular matrix (ECM). Integrin
consists of α (green) and β (orange) subunits. In the intracellular space, β subunit of integrin actively
binds to other actin binding proteins, such as talin and tensin, many of which are mechano-sensitive.
b Maturation of FAs is characterized by the accumulation of a number of integrin proteins as well
as by binding of vinculin to both F-actin and talin. The downstream signaling of integrin proteins
requires other FA-associated proteins including paxillin and focal adhesion kinase (FAK). Paxillin
helps the maturation process by connecting FAK to F-actin as a substrate for FAK. As crosslink-
ing protein (α-actinin) and myosin motor bind to F-actin with VASP assembling F-actin, the actin
cytoskeleton is structurally remodeled to thick bundles

2.2 Roles of the Actin Cytoskeleton for Cell-ECM
Interactions

Mechanical forces exerted on FAs originate mostly from molecular interactions
betweenmyosinmotors and actin filaments (F-actins) in the actin cytoskeleton. Acto-
myosin contractility has been studied extensively using in vivo experiments, in vitro
reconstituted actomyosin networks, and computational studies [40–42]. Since the
intracellular forces are transmitted to ECM via FAs for matrix remodeling and cell
migration, it is very important to understand how the actin cytoskeleton generates
protrusive and contractile forces and structurally remodels itself in response to var-
ious mechanical stimuli. Various mechano-sensitive proteins constituting the actin
cytoskeleton facilitate the maintenance and remodeling of the cytoskeletal structures
and mediate FA dynamics.

A major load-bearing component in cells is the stress fiber (SF) consisting of
F-actins cross-linked in parallel [43]. There are three types of SFs in cells: dorsal
SF, ventral SF, and transverse arcs (Fig. 2a). Dorsal SFs are relatively short non-
contractile SFs formed by rapidly growing barbed ends interacting with FAs near the
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Fig. 2 Examples of actin structures emerging during cell-ECM interactions. a Three major types
of stress fibers. Stress fibers are thick bundles consisting of F-actins. Dorsal and ventral stress fibers
interact directly with focal adhesions, whereas transverse arcs do not interact with FAs. Reprinted
with permission from [213]. b Filopodia are finger-like protrusive structures composed of cross-
linked parallel F-actins. c Lamellipodia are protrusions composed of branched actin networks.
Reprinted with permission from [214]. d Podosomes and e invadopodia (white arrows). Podosomes
and invadopodia are actin-rich dynamic protrusions formed on a plasma membrane, playing an
important role as sites that bind to or degrade ECM. Reprinted with permission from [70]

leading edge [44–46]. Transverse arcs in lamella formed by compaction of branched
networks assembled by Arp2/3 in lamellipodia are highly contractile, and they do
not directly interact with FAs but are linked to dorsal SFs [45, 47]. Ventral SFs are
also contractile due to myosin motors and interact with FAs [45]. Thus, contractile
forces generated by SFs can be transmitted to substrates via FAs. Recent experiments
showed that laser ablation of SFs disrupts connection between SFs and FAs and
thus leads to relaxation of traction stress exerted on a substrate [48]. SFs respond
to mechanical cues in various fashions. For example, several experimental studies
showed that force polarizationwould induce anisotropic distribution of FAs, resulting
in remodeling of ventral SFs from an initial isotropic structure to a highly aligned
one [28, 34, 49–51]. It was found that the aligned structure is capable of generating
larger and more stable forces. In addition, it was observed that oscillatory strains can
drastically change the direction of aligned SFs [52].

The formation and force-dependent maturation of FAs are significantly affected
by actin dynamics. Fast actin retrograde flow in the lamellipodia is known to be a
necessary precursor for initial assembly of FAs, and formation of FA sites substan-
tially slows down the otherwise fast flow [53, 54]. Actin polymerization dominates
and leads to growth of dorsal SFs in contact with FAs [45]. An experiment using high
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resolution total internal reflection fluorescence (TIRF) microscopy demonstrated
that stability of maturation depends on actin polymerization [55]. The maturation
rate scales proportionally with the growth rate of the dorsal SF facilitated by the
actin polymerization [55].

Protrusions to surrounding ECMs are driven by various actin structures, such
as filopodia, lamellipodia, podosomes, and invadopodia (Fig. 2b–d). Filopodia are
protrusive bundle structures elongated by formin and cross-linked by fascin and α-
actinin (Fig. 2b) [56–59]. Interestingly, it was suggested that filopodia primarily pull
ECM fibers rather than pushing them [60, 61]. Filopodia are of great importance
for cell-cell adhesion, migration, and spreading [56, 62–67]. Lamellipodia are sheet-
like protrusions composed of dense branched actin networks and found mainly in
the leading edge of migrating cells (Fig. 2c) [68, 69]. F-actins in lamellipodia are
consistently pulled toward lamella by myosin motors, inducing the actin retrograde
flow, and they are eventually compacted into transverse arcs [68]. Podosomes are
adhesive structures on the ventral surface of cells that are composed of F-actin, FA-
associated proteins, and other proteins, such as Tks5 and Wiskott-Aldrich syndrome
protein (WASP) (Fig. 2d) [70]. Podosomes degrade ECMs and facilitate migration
during tissue remodeling and immune response [70]. Invadopodia are protrusive
F-actin bundles cross-linked by fascin and composed of proteins, such as Arp2/3
and cortactin (Fig. 2e) [70]. Invadopodia degrade a basement membrane by releas-
ing proteases called matrix metalloproteinases (MMPs), thus facilitating cancer cell
invasion [71]. All of these structures show mechano-sensitive behaviors that enable
them to probe the structural and mechanical properties of surrounding ECMs.

2.3 Experimental Methods for Studying Cell-ECM
Interactions

Recent advances in live-cell imaging technique with high resolution microscopy,
nano-scale force measurement, biomimetic models, and engineering and synthesis
of biomaterials have enabled us to better investigate intrinsic mechanisms of cell-
ECM interactions. Traditionally, collagen-coated polyacrylamide gels with variable
stiffness have been a robust platform for studying effects of stiffness of a two-
dimensional (2D) substrate on cell behaviors [72]. For studying cell behaviors in
three-dimensional (3D) matrices, hydrogels made of both synthetic materials (e.g.
polyethylene glycol) and biomaterials (e.g. alginate, hyaluronic acid, and polypep-
tides) have been used [73]. In addition, reconstituted ECMs (e.g. collagen gel, fibrin
gel, and reconstituted basement membrane composed of laminin I and collagen IV)
have been employed popularly [73, 74]. One advantage of these in vitro materials
is that their mechanical properties can be modulated [73, 75, 76]. The easiest way
for modulation of stiffness is to vary concentrations of material components. For
example, an increase in collagen density results in higher stiffness of collagen gels.
However, higher collagen concentration also leads to a decrease in pore size and
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an increase in ligand density [77]. Since modulating mechanical properties without
changes in pore size and ligand density is challenging, several studies have focused on
addressing this problem. For example, a study employed interpenetrating networks
composed of alginate and reconstituted basement membrane, where ionic crosslink-
ing changes stiffness without significant variations in pore size and ligand density
[78]. In collagen-coated polyacrylamide gel, stiffness can be changed by varying
density of a cross-linking agent called bis-acrylamide [3, 72]. If reversible cross-
linkers are used, viscoelasticity of 3D hydrogels can be tuned [73]. Viscoelastic gels
exhibit both viscous and elastic behaviors in response to mechanical stimuli, such
as stress and deformation. In addition, one study showed that critical stress beyond
whichmaterial becomes stiffer can be tuned in polyisocyanopeptide-based hydrogels
[79]. Specific applications of diverse bio- and synthetic materials mimicking ECMs
were comprehensively reviewed before [73].

In addition, substrates with patterns have been popularly used for studying cell-
ECM interactions because the size, density, and ligand of regions with which cells
interact can be controlled easily. For instance, micropost arrays and micro-contact
printing techniques using polydimethylsiloxane are both widely used due to their
capability of allocating contact sites individually and spatially confining cell-ECM
interactions. Using these techniques, effects of cell-ECM interactions on cell adhe-
sion [80–82], migration [83], contractility [84–86], division [87], differentiation [88,
89], and cell stiffness [90] were investigated extensively. To study forces at the indi-
vidual protein level, researchers employed a complex porous substrate fabricated by
advanced nanolithography. Ligands are deposited into pores with specific distances
at nanometer length-scale. Several studies have revealed that the nano-patterned sur-
face affects cell spreading, adhesion, and other cellular behaviors via regulation of
cell-ECM interactions [91–96].

Since the dynamics of FAs and cytoskeletal proteins related to cell-ECM inter-
actions occurs rapidly, it remains one of the challenges to enhance the temporal
resolution of live-cell imaging. An early study succeeded to predict a correlation
between FA dynamics and ECM deformation with time-lapse differential interfer-
ence contrast images [97]. Recently, harmonic generation microscopy is extensively
applied to analyze the localization of signaling proteins during cancer cell invasion
[98–101]. In addition, cellular forces have been measured at various length-scales.
One of the most common techniques is traction force microscopy (TFM) that mea-
sures traction stress generated by cells usingfluorescently labeled particles embedded
into an optically-transparent hydrogel [3, 84, 102, 103]. In this technique, displace-
ment of particles induced by cellular forces is measured via imaging, and then the
traction stress can be calculated using constitutive relations. TFM-based experiments
have shown that traction stress is strongly correlated with cell adhesion strength, cell
spreading, and substrate rigidity [104, 105]. Forces involved with protein interac-
tions, such as binding of talin, vinculin, and ECM ligands, have also been probed
using atomic force microscopy [23, 106, 107], which measures force by probing
a sample with a micron-scale cantilever that acts like a Hookean spring for small
deflection. More recently, tethering biosensors which enable visualization of the
force distribution on individual adhesion proteins have been developed [108, 109].
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The technique was first used tomeasure tension across vinculin by inserting a tension
sensor between head and tail parts of vinculin [108]. The tension sensor has repetitive
amino-acid motifs between two fluorophores, which exhibit fluorescence resonance
energy transfer (FRET). Measuring FRET efficiency, which depends on a distance
between the flurophores, provides estimation of tension across the fluorophores and
proteins. Using this technique, a study uncovered complex distribution of tension on
individual integrins in a single FA [109].

2.4 Computational Methods for Studying Cell-ECM
Interactions

Despite the advances in experimental techniques described above, there are still
limitations in spatiotemporal resolutions for measurements. Computational models
built based on experimental observations and measurements can help overcome the
limitations to uncover working principles of cell-ECM interactions. For example, a
finite element (FE) model showed how TFM measurement is correlated to cell stiff-
ness and the energy density of FAs regardless of cell contractility [110]. To better
understand how cells sense ECM stiffness during spreading, adhesion, and migra-
tion, Chan et al. developed a model that describes bonds between a cell and ECM
as a molecular clutch (Fig. 3a) [111]. The molecular clutch model consists of mul-
tiple dynamic bonds between F-actin and a substrate which resist actin retrograde
flow induced by myosin activities. Results from the molecular clutch model explain
distinct retrograde flow rates and traction stress, depending on substrate stiffness
(Fig. 3b, c) [112–114]. A stiffer substrate reduces the number of engaged bonds due
to fast tension buildup, leading to frictional slippage between the cell and substrate
and thus fast actin retrograde flow [115, 116]. By contrast, soft substrate results in
transitions between slow and fast actin retrograde flows because tension is developed
slowly [111]. The molecular clutch model was extended to account for viscoelastic
substrates [117]. Viscoelastic substrates exhibit energy dissipation upon the applica-
tion and removal of loads. In this study, the authors showed that cells spread more
on viscoelastic substrates than on elastic substrates, thus demonstrating that stress
relaxation also plays a role for mechano-sensing of cells.

A model simulating the growth of FAs driven by actomyosin contractility reveals
amechanical feedback between actin-based structures and FAs [46]; a branched actin
network promotes FAmaturation and an increase in traction force in the leading edge
of cells, and the resultant higher traction force in the FAs leads to formation of SFs
in the same direction. Another study explained the dependence of cellular forces
on substrate stiffness by the force-depending walking motion of myosin motors.
Myosins walk on F-actin and thus generate force until they become stalled due to
high force. On a soft substrate, myosin motors are not stalled well, and there is larger
energy dissipation, resulting in lower maximal stress as opposed to stress generated
on a stiffer substrate [118]. In addition, effects of non-linear and inelastic properties
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Fig. 3 Molecular clutch model describing mechano-sensitive behaviors of a cell on a substrate.
a This model accounts for dynamic linkage between the substrate and the cell. Myosin motors
generate forces on an F-actin bundle, leading to a retrograde flow. Near the leading edge of the
F-actin bundle, physical links called molecular clutches are formed in a reversible manner. The
molecular clutches are confined on a plate that is connected to a rigid surface by a spring. It was
assumed that the unbinding rate of each molecular clutch varies depending on a force applied to
the clutch that is equal to its spring constant multiplied to its displacement with respect to the plate.
Reprinted with permission from [215]. b, c The molecular clutch model predicts that substrate
stiffness would result in three distinct regimes for traction force level and a retrograde flow rate. At
low substrate stiffness, the traction force is high, but the flow rate is low. In this regime, multiple
molecular clutches can remain bound to the F-actin bundle even when the substrate displacement is
large (load), and then they unbind from the F-actin bundle simultaneously due to a highly developed
load (fail). By contrast, at high substrate stiffness, the traction force is low, but the flow rate is high.
In this regime, each molecular clutch binds to and unbinds from the F-actin bundle rapidly, resulting
in frictional slippage. The traction force and flow rate are also affected by the number of molecular
clutches (nc). At nc = 300, the model becomes a stalled system, meaning that clutches never
collectively unbind, and F-actin retrograde flow is nearly zero, regardless of substrate stiffness.
At nc = 5, the model becomes a free flowing system, meaning that the F-actin bundle flows with
velocity close to an unloaded velocity, regardless of substrate stiffness. Reprinted with permission
from [111, 216]
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of ECM on FA size are investigated by multi-scale computational models [119].
With a non-elastic substrate which exhibits plastic deformation typically under larger
mechanical strain at longer time scales due to dissociation of covalent cross-linking
bonds [120–123], FA size is inversely proportional to substrate stiffness, which is
opposite to dependence of FA size with an elastic substrate [119].

3 Cell-Induced ECM Remodeling

Cells can remodel the ECM to maintain tissue homeostasis and govern cellular pro-
cesses, such as morphogenesis, migration, and wound healing. In addition, ECM
remodeling plays an important role for progression of diseases including fibrosis,
tumorigenesis, and tumor invasion. Remodeling of ECM occurs in various ways
(Fig. 4). Cells can biochemically remodel surrounding ECM by secreting ECM com-
ponents or by secreting enzymes that degrade or cross-link ECM fibers. Cells can
also remodel ECM mechanically by exerting contractile forces on ECM, resulting
in various structural changes in ECM, such as fiber alignment, contraction, translo-
cation, and stiffening. In this section, current literature on the cell-induced ECM
remodeling will be reviewed.

3.1 Deposition, Cross-Linking, and Degradation of ECM

Cells maintain tissue homeostasis and regulate ECM compositions by depositing,
cross-linking, and degrading ECM (Fig. 4). The ECM components are secreted by
cells that reside within the ECM or by cells recruited to the ECM from other tissues
[124, 125]. Components of the basement membrane, such as collagen IV, fibronectin
(FN), laminin, and heparan sulphate proteoglycan, are synthesized by epithelial cells
during morphogenesis [126, 127]. In the interstitial matrix, fibroblasts play a major
role for depositing ECM components including collagen, FN, hyaluronic acid (HA),
glycosaminoglcans, and proteoglycans [128] within both intact and wounded tissues
[124, 129, 130]. In cartilage and bone, chondrocytes and osteoblasts deposit ECM
components [131].

ECM components secreted by cells support cell dynamics chemically, by pro-
viding cells growth factors and cytokines needed for cell growth and signaling or
mechanically, by serving as a physical scaffold or transmitting mechanical signals.
For performing themechanical role, fibrous ECMproteins including collagen and FN
form a fiber network which is suitable for serving as a scaffolding structure and trans-
mitting forces. Formation of a fiber network requires fibril formation from soluble
molecules in a process known as fibrillogenesis and cross-linking of fibrils. Collagen
fibrils are cross-linked by enzymes (e.g. lysyl oxidase (LOX) andLOX family of amin
oxidases [100]) or by glycation and transglutamination that are not associated with
enzymes [100]. Cross-linking of collagen fibrils enhances connectivity of collagen
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Fig. 4 Remodeling of ECM by cells. a Cells can cross-link ECM fibers, resulting in the enhanced
stiffness and elasticity of the ECM. b Specific types of cells, such as fibroblast, deposit additional
ECM components on a surrounding matrix. This can lead to elevated matrix stiffness and smaller
matrix pore size. c Cells may biochemically degrade a surrounding ECM by secreting various types
of matrix metalloproteinases (MMPs). d Mechanical forces generated by cells can structurally
remodel the ECM by stretching and aligning ECM fibers

fiber network, enabling it to bear a large fraction of loads exerted on ECM. Cells are
also able to degrade ECM for biological processes, such as repair of damaged tissue
and invasion of cancer cells. For example, proteases including MMPs, adamalysins,
and meprins biochemically break down ECM components [132]. In addition to pro-
teolytic degradation, cells’ internalizing and degrading ECMmolecules in lysosomes
is another way of ECM degradation [128].

Failure in the proper regulation of deposition, cross-linking, and degradation of
ECM leads to the abnormal composition and mechanical properties of ECM, which
is related to pathological conditions. For example, excessive deposition and cross-
linking of collagen increase ECM stiffness, which can result in fibrosis and tumor
progression in vivo (Fig. 5a) [101]. In various kinds of cancer including breast, head,
and neck cancer, increased level of LOX was reported [128]. In addition, abnormal
MMP-inducedECMdegradation in tumors forms tube-like structures in ECM,which
facilitates tumor cell invasion (Fig. 5b) [133].
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Fig. 5 Experimental observations of cross-linking and degradation of ECMfibers induced by cells.
a Mammary glands from FVB MMTV-Neu mice stained for lysyl oxidase (LOX, red) and DAPI
(nuclei, blue) at different stages of tumor progression. Compared to a normal tissue, premalignant
tissue and tumor exhibit a high level of LOX, indicative of excessive ECM cross-linking. Reprinted
with permission from [101]. b Degraded collagen (COL23/4C) induced by HT1080/MT1 cells
migrating within a 3D collagen matrix. Proteolytic rear (empty arrowheads) was bordered by par-
tially degraded fibers in parallel alignment (white arrows). Scale bars indicate 10 μm, and a black
arrow represents migration direction. Reprinted with permission from [133]

3.2 Contraction, Alignment, and Stiffening of ECM

Forces generated by the actomyosin machinery can be transmitted to the ECM
through FAs,which leads tomechanical remodeling of the ECM. For example, highly
contractile fibroblasts can significantly remodel the ECM by aligning collagen fib-
rils and contracting collagen networks. Such mechanical remodeling processes vary
the mechanical properties of the ECM, which regulates cellular processes [134].
Therefore, it is of great importance to understand the process of ECM remodeling.

Many studies focus on cell-induced alignment of ECM fibrils due to its impor-
tance for many physiological phenomena. For example, long-range communica-
tion between cells during angiogenesis and collective cell migration depends on
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the alignment of the ECM fibrils. It was shown that alignment of collagen fibrils
in the direction of forces generated by cells (Fig. 6a) increases force transmission
distance between cells to 10 times the cell diameter, enabling long-range cell-cell
communication [11, 135]. In addition, ECM fibril alignment was found to enhance
the invasion of tumor cells via a positive feedback loop between cell contraction and
ECM remodeling [136]; after collagen fibrils are aligned, cells can generate greater
force, leading to further fibril alignment [137]. In vitro experiments demonstrated
that fibril alignment tends to be irreversible by showing that the alignment remains
unchanged even after a cell is removed from the ECM or after cell contractility is
inhibited (Fig. 6b, c) [138–140]. Remodeling of ECM consisting of collagen or fibrin
cross-linked by non-covalent interactions was shown to be plastic deformation [141].
The plastic deformation of ECM plays a crucial role for cell invasion and migration.
Several studies showed that cell migration leads to formation of tube-like structures
or expansion of nanometer-scale matrix pores and this plastic deformation enhances
migration of other cells later [139, 142].

In addition, cells can stiffen ECM, which helps a tissue maintain its integrity in
response to large stress or force. ECM stiffening can occur at different length-scales.
At individual fibril level, stiffening of fibrils can arise from their non-linear force-
extension behavior [143]. A fibrin protofibril gel is a typical example showing such
fibril-level stiffening [12, 144]. Stiffening of the matrix may emerge without the non-
linear force-extension behavior of individual fibrils. As mentioned above, fibrils can
be aligned in a specific direction due to applied stress or strain, resulting in a transi-
tion from bending-dominated deformation to stretching-dominated deformation [12,
145]. Because fibrils are generally able to resist extension better than bending, the
transition leads to anisotropic stiffening of the ECM.

Cell-induced ECM stiffening was demonstrated in both in vitro and in vivo stud-
ies. It was shown that blood clots composed of fibrin protofibril can stiffen due to
alignment of fibrin fibrils induced by contraction of fibroblasts or human mesenchy-
mal stem cells [12, 146]. It was also demonstrated that contractile behaviors of cells
stiffen collagen network (Fig. 7a) [147, 148] and matrigel [148]. The ECM stiffening
has been reported to regulate stem cell fate [79]. It was shown that when the critical
stress for the onset of stress-stiffeningwas increased, humanmesenchymal stem cells
preferentially show osteogenesis over adipogenesis [79]. The matrix stiffening can
be enhanced by increasing cross-linking density [12] but also affected by viscoelas-
tic and viscoplastic properties of the matrix. For example, a recent in vitro study
showed that stiffening at high strain can be less due to stress relaxation originating
from force-dependent unbinding of weak cross-links (Fig. 7b) [123].

3.3 Computational Models of ECM Remodeling

Computational models can describe and capture details of cell-ECM interactions, at
spatiotemporal scales beyond experimental limits, in order to explain mechanisms of
the ECM remodeling. In addition, it is feasible to calculate distribution ofmechanical
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Fig. 6 Experiments demonstrating the cell-induced contraction and alignment of the ECM. a A
pair of fibroblasts embedded in a collagen gel at 4 h (left) and 24 h (right) after seeding. At 24 h
after seeding, collagen fibers between cells are densified and aligned, implying that they sense the
existence of other cells located distantly. Reprinted with permission from [11]. b Contractile mam-
mary acini in a collagen result in densification of collagen that remains for 24 h after contractility
inhibition. c Fibroblast spheroids in a collagen gel align collagen fibers, and the alignment persists
after contractility is inhibited by blebbistatin or after removal of spheroids via trypsin. b, c are
reprinted with permission from [140]



Roles of Interactions Between Cells and Extracellular … 261

Fig. 7 Complicated mechanical properties of ECMs. a A relationship between force and displace-
ment of a collagen gel with MDA-MB-231 cells measured by laser tweezers. These were mea-
sured at several locations with different distances from the cells. A curve for “remote” represents
locations very far from the cell (>200 μm). The non-linear relationship in all cases indicates the
strain-stiffening behaviors of the gel which means gel stiffness increases with larger deformation.
Note that the gel tends to be stiffer in locations closer to the cells because cells make their vicin-
ity stiffer by exerting contractile forces. Reprinted with permission from [148]. b A collagen gel
exhibits enhanced stress relaxation with higher shear strain. The strain-dependent stress relaxation
is attributed to force-dependent unbinding of weak cross-links between collagen fibers. Reprinted
with permission from [123]

force or stress on the ECM generated by cells using computational models, which
cannot be done accurately in experiments due to the heterogeneity of the ECM and
the invasive nature of measurement techniques [149].

Several computational models were developed to study effects of forces generated
by cells on surrounding ECM modeled as a continuum material. Such a continuum-
based ECM model is suitable for tissue-level simulations due to its lower compu-
tational cost compared to discrete models. For example, pattern formation during
tissue morphogenesis [150] and ECM contraction induced by fibroblasts [151] were
simulated using a model where ECM is described as an isotropic viscoelastic mate-
rial with cells modeled as stress fields. However, the continuum-based ECM model
cannot easily account for non-affine deformation of ECM and structural remodeling
of ECM such as fibril alignment.

Recently, discrete models have been used to capture the deformation and remod-
eling of ECMs more accurately. For example, a 2D FE model for a discrete fiber
network demonstrated that distance over which force generated by cells propagate
increases as a cell’s aspect ratio increases (Fig. 8a, b) [152]. To overcome limitations
of 2D models, recent studies developed various 3D models. For example, to account
for large-scale ECM remodeling, researchers developed fiber network models in the
presence of permanent or transient cross-links. A lattice-based model of fiber net-
works with permanent cross-links was employed to demonstrate stress amplification
and the extended range of force transmission in disordered networks with contractile
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cells (Fig. 8c) [153]. Another fiber network model with transient cross-links was
used to investigate the molecular origin of plasticity of ECM deformation (Fig. 8d)
[140, 154]. This study found that both force-dependent unbinding of cross-linkers at
low strain and elongation of fibers at high strain can lead to plastic deformation of
the ECM.

4 Cell Migration Regulated by Cell-ECM Interactions

Cell migration is a representative cell behavior for which cell-ECM interactions and
ECM remodeling play a very important role. Thus, we review literature showing how
cell migration is affected by interactions between cells and ECM.

4.1 Roles of Adhesion Between Cells and ECM for Cell
Migration

Traditional experimental studies on cell motility focused primarily on migration on
a 2D substrate because 2D migration experiments were much easier to perform and
more suitable for real-time imaging [155, 156]. For 2D migration, formation and
maturation of FAs are particularly important (Fig. 9a) [22, 157]. Stabilization and
maturation of FAs enable cells to move effectively by transmitting contractile forces
generated by the cytoskeleton to the substrate. An experimental study found a high
correlation between the size, direction, and orientation of the cell-ECMadhesions and
the ECM deformation caused by migrating cells [158]. This demonstrates that intra-
cellular forces transmitted to ECM via the FAs indeed play an important role for cell
migration. Once a cell nucleus passes over FA sites after symmetry breaking, the FAs
located on the side of the trailing edge are disassembled for net movement (Fig. 9b)
[159, 160]. Several factors, including binding affinity, ligand density, integrin expres-
sion level, and cytoskeletal dynamics, cooperatively regulate cell migration. Early
in vitro studies showed the strong dependence of migration speed on binding affin-
ity between integrin and ligands [161, 162]. High affinity reduced migration speed,
regardless of which one was modified between ligand or integrin receptor for reduc-
tion of affinity [161]. Density of ligands also affects migration speed; the speed was
maximal at optimal ligand density. With higher integrin-ligand affinity, the optimal
ligand density was lower. One study using a multi-dimensional model system within
microenvironments showed the significance of myosin-dependent FA dynamics for
cell migration [163, 164]; cells in the confined geometry need active mechanical
coupling between a contractile actomyosin network and FAs to maintain protrusive
dynamics at the leading edge for migration.

Recent studies have focused on cell migration within 3D matrices which is more
physiologically relevant. Cells migrating within a 3D matrix show very different
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Fig. 8 Computational models designed for investigating mechanical properties of ECMs and inter-
actions between cells and ECMs. a, b A two-dimensional (2D) discrete network model composed
of randomly oriented fibers and rigid cross-links. A cell with a low or b high aspect ratio is located
at the center of the network, exerting contractile forces to its vicinity. An elongated cell results in
anisotropic deformation of the network as well as force propagation over a longer distance. The
dimensions of the networks are a 100 μm × 100 μm and b 170 μm × 170 μm. Reprinted with
permission from [152]. c 2D and three-dimensional (3D) lattice-based fiber network models. In
the 2D cases, network connectivity (p) was varied to let networks to be in a bending-dominated
or stretching-dominated regime. The red circles and sphere located at the center of each network
represent a force generating unit that mimics actions of contracting cells. Blue and red in the left half
of each figure indicate tensile and compressive stress, respectively. Red and green in the right half of
each figure show buckled and unbuckled fibers, respectively. Force propagation is better in networks
in the bending-dominated regime, and buckling of fibers also helps the force propagation. Reprinted
with permission from [153]. d A 3D lattice-based fiber network model. This model can account for
plastic deformation, so the microscopic axial strain on fibers does not disappear completely even
in the unloaded state after shear deformation. Reprinted with permission from [140]
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Fig. 9 Roles of focal adhesions (FAs) in cell migration. a Two-dimensional cell migration. Before
the initiation of migration, a cell undergoes symmetry breaking, leading to the emergence of leading
(front) and trailing (rear) edges. Both sides of stress fibers are coupled to matured FAs. Nascent
FAs are formed mainly near the leading edge where lamellipodia extend to the surroundings. As the
leading edge keeps moving forward, FAs near the trailing edge are disassembled for the retraction
of the rear part, followed by formation and maturation of new FAs on the end of stress fibers.
b Three-dimensional cell migration. Migration of cells within an ECM is also initiated by polar-
ization. FAs are accumulated at high density on protrusive structures, such as filopodia, whereas
FAs are disassembled at the rear in conjunction with biochemical degradation of ECM fibers for
net translocation of the cell

migratory behaviors compared to those emerging in 2D migration [165]. For exam-
ple, cells have thinner, more elongated shapes and show more persistent movement
in 3D matrices [165]. Also, cells can change substrate compliance more freely in 3D
matrices, thus altering integrin distribution that can affect migration [165]. Cukier-
man et al. designed a 3D matrix derived from mouse embryos or fibroblasts and
showed that fibroblasts are attached more strongly to the matrix, compared to con-
ventional 2D matrices [166]. Another difference is that integrin does not exhibit
substantial local clustering behaviors that lead to FA sites in a cell adhered on a 2D
surface [167]. Adhesions formed on a 3D matrix are more elongated than adhesions
formed on 2D substrates [166]. Adhesions between the cell and matrix in a 3D envi-
ronment regulate cell migration by affecting dynamics of protrusion and retraction at
the cell edge as well as by ECM deformation [168, 169]. In contrast to 2Dmigration,
integrin-mediated adhesions are not indispensable for cell migration in 3D environ-
ments [170–172]. Even without physical adhesions to the ECM, cell motility can be
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driven by fast actomyosin retrograde flow which generates sufficient friction pro-
pelling the cell forward [172, 173]. The friction-driven adhesion-independent cell
migration in 3D environments can also be triggered and sustained via an osmotic
pressure gradient induced by active water transport across a semi-permeable plasma
membrane [174]. However, the efficiency of adhesion-independent cell migration
requires further quantification.

4.2 Effects of ECM Stiffness on Cell Migration

Migration of cells placed on substrates, such as PDMS or collagen gels, is sensi-
tive to ECM stiffness [3]. Dependence of migration speed on ECM stiffness has
been observed in various in vitro experiments designed for studying epithelial-
mesenchymal transition, tumor invasion/metastasis, and capillary morphogenesis
[72, 175–179]. Tumorigenesis is sensitive to the concentration and cross-linking
density of ECM fibers [180]; stiffer ECM results in more stable FAs and more effec-
tive invasion of the epithelium [101]. In a study with glioma cells migrating on
polyacrylamide gels with Young’s modulus ranging from 0.08 to 119 kPa, it was
found that the cells migrate faster on a stiffer substrate due to elevated cell spread-
ing, maturation of FAs, and stress-fiber formation [179]. Another experiment with
vascular smooth muscle cells on polyacrylamide substrates with Young’s modulus
between 1 and 308 kPa showed the biphasic dependence of the migration speed on
substrate stiffness, meaning that an increase in stiffness facilitates migration at lower
stiffness, but a further increase inhibits migration [181]. Optimal substrate stiffness
for the fastest migration with fibronectin density of 0.8 and 8 μg/cm2 was 51.9 and
21.6 kPa, respectively. The optimal stiffness results in FAs that are stable enough to
allow cells to exert strong traction force and are also transient enough to enable cells
to slide forward fast without significant delay [72]. In addition, a stiffness gradient
regulates cell migration. Cells migrate preferentially toward stiffer substrates, which
is termed durotaxis [3]. Durotaxis is caused by generation of higher traction force on
stiffer regions, and it is enhanced in collective cell migration by force transmission
between cells [182].

Migration of cancer cells embedded within a 3D collagenmatrix exhibits biphasic
dependence on collagen concentration [181, 183], meaning that the most efficient
migration occurs at intermediate collagen concentration. A matrix with higher col-
lagen concentration enables cells to exert stronger traction forces on the matrix.
However, if pores become too small due to very high collagen concentration, cells
cannot migrate efficiently through small pores because of their cytoplasmic volume
or nucleus volume [184–186]. Thus, optimal collagen concentration exists for the
most efficient 3D cell migration. Mason et al. varied the stiffness of a collagen gel
between ~175 and ~515 Pa without a significant change in the gel architecture via
glycation before polymerization, showing that endothelial cells spread more with
higher gel stiffness (Fig. 10a) [177].
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Fig. 10 Effects of matrix stiffness on cell spreading and migration. a Spheroids consisting of
multiple endothelial cells were grownwithin three-dimensional collagen gels with tunable stiffness.
An increase in stiffness enhanced spreading and branching of cells. Reprinted with permission
from [177]. bMigration speed of spreading U373-MG human glioma cells placed on channels with
various widths and stiffness values. Migration within a narrow channel shows a monotonic increase
as ECM stiffness increases. However, a biphasic relationship between migration speed and stiffness
emerges for wider channels or an unconfined flat 2D gel. c Independent regulation of cancer cell
migration via variation of confinement. As the channel width increases, the polarized alignment of
stress fibers (green) is reduced. On a flat 2D gel, stress fibers are randomly oriented. dAlignments of
actin and myosin in stress fibers are affected by ECM stiffness and channel width. b–d are reprinted
with permission [187]
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Interestingly, cells migrating through narrow channels show monotonic depen-
dence of migration speed on ECM stiffness [187]. Those cells migrate faster as ECM
stiffness increases in contrast to the biphasic dependence of migration speed on ECM
stiffness observed on unconfined ECMs (Fig. 10b). In addition, cells surprisingly
migrate faster than those in wide channels or on unconstrained 2D surfaces, which
is attributed to an increase in the polarization of cell-ECM traction forces (Fig. 10c,
d).

4.3 Influences of Structural Properties of ECM on Cell
Migration

ECMs have various structural properties depending on their types and conditions. In
addition, since cells exert forces to surrounding ECMduringmigration, the structural
properties of ECMs can change, resulting in alteration of biochemical andmechanical
properties of the ECM, such as fiber alignment and porosity. All of these can affect
characteristics of cell migration, such as speed and persistency.

It has been shown that dimensionality of ECMcritically governsmigratory behav-
iors. Cell migration looks quite different, depending on whether cells migrate on the
ECM (2D migration) or within the ECM (3D migration). For example, fibroblasts
show a spindle shape with fewer protrusions and fewer stress fibers during the 3D
migration, compared to the 2Dmigration (Fig. 11a) [188]. It was found that there are
similarities between the 3D migration and the 1D migration along micro-patterns
in terms of significant roles of actomyosin contractility and anterior microtubule
[189]. Cells in both cases exhibit rapid uniaxial migration that does not depend on
ligand density because aligned fibers in the 3D matrix provide cells with 1D-like
environments [189].

Fibers in ECMs are often oriented in an anisotropic fashion. For example, col-
lagen fibers in mammary tumors are aligned perpendicularly to the boundary of
tumor cells and stroma [190]. It was shown that aligned collagen fibers can enhance
directional cell migration, which was termed contact guidance [191]; alignment of
fibers increases the directionality of cell migration by inducing formation of protru-
sion, adhesion, and polarized actin structures in the direction of alignment (Fig. 11b)
[190, 192]. It has been observed that the contact guidance plays an important role
for invasion of cancer cells including breast cancer [13] and pancreatic ductal ade-
nocarcinoma [193].

As mentioned earlier, porosity of ECMs also affects cell migration. It was found
that cells migrate most effectively in a matrix with pores whose size is similar to
or slightly smaller than size of the cells [194]. However, if pore diameter signifi-
cantly decreases, limited deformability of a cell nucleus prevents cells from migrat-
ing through such small pores [195]. It was found that cells cannot squeeze through
pores with a size smaller than 3 μm [186]. If pores are larger than the cell size, cells
cannot form protrusions and adhesions on ECM well, so cell migration is impeded
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Fig. 11 Influences of dimension and anisotropy of ECMs on cell migration. a Cancer cells on a
two-dimensional (2D) substrate and within a three-dimensional (3D) matrix. Within the 3D matrix,
cells are elongated to a larger extent. Reprinted with permission from [188, 217]. b Migration of
MDA-MB-231 cells in a matrix with aligned collagen fibers (left) and with randomly oriented
collagen fibers (right). It was observed that migration of the cells is much faster in the anisotropic
collagen matrix. Scale bars in both cases indicate 500 μm. Reprinted with permission from [190]

[194]. Recently, a study demonstrated that the shape of pores influences the efficiency
of cell migration using a micro-fabricated wall with various pore shapes [196]; cells
migrate most effectively through pores with long, narrowed shapes oriented along
the apicobasal axis of the cells. Cells also modulate pore size during migration. Cells
can compact adjacent fibers [197, 198] or degrade ECM components by secreting
MMPs [186] to expand pores and thus enhance cell migration. Biochemical degra-
dation of the ECM can further promote migration by changing migration mode. For
example, degradation of the ECM leads to a transition from individual to collective
migration in case of cancer cells [199]. However, inhibition of biochemical degrada-
tion does not prevent cell migration. It was shown that blocking proteolysis of tumor
cells results in a transition from mesenchymal to amoeboid migration which does
not require ECM degradation [200].

As discussed earlier in Sect. 4.2, concentration of ECM components is also an
important factor that can govern cell migration because it affects several ECM prop-
erties, such as ECM stiffness, ligand density, and pore size. It was reported that
collagen concentration highly affects cell shape and migration mode. In one study, it
was shown that cancer cells in a high-density collagen matrix exhibit transdifferenti-
ation and thus migrate collectively [201]. Other studies showed that cancer cells in a
densely packed collagen matrix use invadopodia and degrade the ECM via MMP for
migration, whereas cancer cells in a less dense collagen matrix form pseudopodial
protrusions or blebs for amoeboid migration [99, 201, 202]. In addition, cells can
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vary collagen density of surrounding ECM, which can enhance invasiveness. In an
in vivo study, it was shown that tumors expressing lysyl oxidase-related protein-1
(LOR-1)which increases density of collagen fibers exhibit higher invasiveness [203].

4.4 Computational Models of Cell Migration

Cell migration is an emergent behavior originating from complex interactions
between cells and ECM, so various aspects can be further elucidated using com-
putational models [204]. A number of computational models have been developed to
study cell migration by accounting for the complex interactions in various ways. Sev-
eral studies have focused on how ECMgeometry affects cell migration. For example,
a model based on computational fluid dynamics was used to investigate how ECM
fiber alignment affects shear and drag forces that interstitial fluid exerts on cells
(Fig. 12a) [205]. It was found that fibers aligned perpendicularly to the interstitial
flow decrease shear and drag forces on cells, which can affect cell movement [205].
Other studies focused onhowcell-inducedECMremodeling affectsmigratory behav-
iors. For example, to simulate 3D cell migration, a continuum model was developed
with consideration of adhesions between ligands and receptors and MMP-induced
ECM degradation [206]. The model showed that MMP can play two different roles
for cell migration by increasing cell speed via removal of steric hindrance and by
decreasing cell speed via reduction of traction forces. In addition, a mathematical
model with a set of partial differential equations was used to demonstrate that MMP
and LOX highly affect migration of cancer cells by degrading and cross-linking col-
lagen fibers, respectively [207]. Both MMP and LOX result in the alignment and
bundling of collagen fibers, leading to stiffening of ECM and enhancement of cell
migration.

A cell’s shape continuously changes during cell migration, affecting the effi-
ciency and strategy of migration significantly. Several models were developed with
consideration of the cell shape change. A 2D agent-based model was employed to
investigate the effects of matrix geometry on cell migration (Fig. 12b) [208]. In this
model, cell membrane and actomyosin cortex were modeled as nodes connected by
viscoelastic elements, and an internal cell body was modeled as a viscoelastic mate-
rial. The membrane nodes interact with highly simplified, non-deformable ECM
structures by forming reversible adhesions that break in a force-dependent manner.
The model demonstrated that cells can migrate fast by either filopodial protrusion or
blebbing, depending on the geometry of a surrounding matrix, which is supported
well by in vitro and in vivo experiments. In addition, an FE model was developed
to simulate cell-ECM interactions in a microfluidic environment [209]. This model
takes into account cell shape change by simplifying a cell into a variable number
of voxels; voxels can be added or removed, depending on flow conditions, chem-
ical concentration, and mechanical stress. Mechano-sensing of cells was modeled
by incorporating contractility of cortex and cytoplasm that vary depending on ECM



270 J. Li et al.

Fig. 12 Computational models for cell migration. a Computational fluid dynamics models for
cell migration. Cells are modeled as continuum material subject to a fluid flow. Three different
configurations of fibers are considered; fibers are aligned perpendicularly to the flow (left), form a
cubical lattice (middle), or are aligned in parallel to the flow (right). This model showed that cells
can reduce shear and drag forces exerted on them by the flow via alignment of fibers in a direction
perpendicular to the interstitial flow. Reprinted with permission from [205]. b A two-dimensional
cell migration model. A cell is simplified into a structure with actomyosin cortex, membrane, and
osmotic pressure. Mechanics of the cortex and membrane is governed by viscoelastic elements. The
cell forms filopodial protrusions or blebs, and it can adhere to continuous surfaces or ECM fibers
in a reversible fashion. This model showed the relative importance of two types of protrusions and
other factors depending on the geometry of extracellular environments. Reprinted with permission
from [208]. c A three-dimensional migration model. A deformable cell with a nucleus and stress
fibers interacts with a three-dimensional matrix composed of ECM fibers. The model showed that
mechano-sensing at the tip of filopodia formed on the cell is important for cell migration. Reprinted
with permission from [212]

stiffness. This model was able to predict diverse aspects of cell migration, such as
velocities, trajectories, mechanical stress, and cell shapes.

A variety of computational models were developed to investigate durotaxis. For
example, a 2D agent-basedmodel with cells and fibers simplified into interconnected
nodes was developed to demonstrate that ECM fiber alignment can lead to durotactic
behaviors of cells [210]. Recently, a highly detailed model with deformable cells
embedded in a 3D discrete matrix was developed to show important roles of inter-
actions between filopodia and ECM fibers for durotaxis (Fig. 12c) [211, 212].
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5 Summary and Concluding Remarks

In this chapter, we reviewed the mechanism and regulation of interactions between
cells and ECM and how cells can migrate and remodel ECM via cell-ECM interac-
tions. First, the molecular bases and cytoskeleton-based regulation of FAs were dis-
cussed, and experimental techniques and computational models designed for study-
ing FAs were introduced. In the second section, cell-induced ECM remodeling was
discussed. Cells can remodel surrounding ECMs in various ways. Cells deposit,
cross-link, degrade, and align ECM components to contract and stiffen ECMs. In the
last section, we reviewed literature that showed how cell-ECM interactions facilitate
and regulate migratory behaviors of cells.

All of the studies reviewed in this chapter have significantly contributed to
advances in understanding of cell-ECM interactions and how the interactions can
affect and facilitate biological processes at larger length scales. Nevertheless, there
is a long way to go because of many questions that remain unclear. First, roles
of mechanical feedbacks between cells and ECMs for matrix remodeling and cell
migration just started being considered and studied very recently.Many aspects of the
feedback mechanisms are still elusive. For example, while a cell attempts to migrate
by mechanically remodeling a surrounding ECM, it is likely that force-sensitive
cytoskeletal proteins, such as myosin II and α-actinin, in the cell are spatially redis-
tributed because the cell would feel highly heterogeneous forces transmitted from
the ECM. The redistribution enables the cell to exert more anisotropic, focused
forces on the ECM, which may enhance the efficiency of migration even more.
Despite their potential importance, roles and mechanisms of such mechanical feed-
backs have not been studied well yet. In addition, experiments with cells embedded
within 3D ECMs have been widely performed for studying 3D cell migration and
matrix remodeling relatively recently. Imaging live cells and cytoskeletal dynam-
ics at high spatiotemporal resolution in such experiments remains very challenging.
Thus, roles and variations of cytoskeletal structures during ECM remodeling and
3D cell migration have not been fully understood yet. Lastly, although several com-
putational models have been developed in order to understand complex interactions
between cells and ECM, most of them have various critical limitations and drastic
simplifications, so insights from those models are often limited. It is expected that
continuous advances in experimental techniques and computational models will help
elucidate mechanisms of the cell-ECM interactions and related biological processes
at cell and tissue scales gradually.
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Quantification of Cell-Matrix Interaction
in 3D Using Optical Tweezers
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and Ming Guo

Abstract The behavior of living cells is significantly affected by the mechanical
properties of the surrounding soft extracellular matrix (ECM) comprising of various
types of biopolymers. More complexity is added as cell-generated forces in turn can
mechanically modify their microenvironment. Moreover, these forces can also act
as mechanical signals for other cells leading to emergent collective cell dynamics.
Bulk measurement techniques are not capable of resolving these local mechanical
interactions which are often hidden in 3D, thus, optical tweezers have emerged as
a powerful tool to directly characterize microscale mechanics and forces at play. In
this chapter, we first introduce a typical experimental setup of optical tweezers and
calibration methods that has been widely accepted by the mechanobiology commu-
nity. Subsequently, we discuss various ways in which optical tweezers can be used to
probe mechanics at different length scales such as the cytoplasm at the sub-cellular
level, at the level of whole cell and finally explore the cell-cell and cell-matrix inter-
action. Later, perspectives on the future development of optical tweezers to study
cell-matrix interaction is also provided.
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1 Introduction

In 1970,Ashkin first reported that one could significantly affect the dynamics of small
transparent particles by leveraging the forces of radiation pressure from a focused
laser beam [3]. Using the scattering force in the direction of the incident light beam
and a gradient force in the direction of the gradient of the beam, it was experimentally
demonstrated that one could accelerate, decelerate and even trap micron-sized par-
ticles. However, it was only in 1986 when Ashkin and his colleagues demonstrated
that a tightly focused light beam was capable of stably holding microscopic beads in
three dimensions (3D) which now is typically referred to as optical tweezers [6]. It
was originally envisioned for trapping and cooling of atoms [6] however, soon after
its invention Ashkin and his colleagues realized its applicability in investigation of
biological systems comprising of bacteria [5], viruses [5] and cells [7]. Subsequently,
it was adopted and developed by numerous researchers and now optical trapping has
emerged as a powerful technique to investigate broad ranging phenomena in living
systems from single molecule spectroscopy to cell-matrix interaction [1, 14, 83, 84].

Historically, our understanding of physical properties of cells and their interaction
with the surrounding environment has come from light microscopy. The very pri-
mary exploration was the observations of the protoplasm structure and its interaction
with the surrounding environment. In the late seventeenth century, VanLeeuwenhoek
reported themotion of ciliateVorticella as a result of its interactionwith the surround-
ing water [32]. Later, Brownian motion of the particles and organelles were reported
in the cytoplasm and suggestions on extraction of viscosity of the protoplasm from
the motion were made [52, 53]. Presently, we understand that the Brownian motion
cannot be used to extract themechanical information of the cytoplasm as cells operate
out of equilibrium [20, 38, 44, 47, 67, 80, 93] with an exception at high frequencies
[47]. These early attempts to understand biological world from a physical perspective
were critical in establishing the idea that physical properties and mechanical forces
play an important role in biological systems. Therefore, constant efforts have been
devoted to develop novel approaches to study the physical properties of the living
cells and the mechanical interaction with their microenvironments [11], including
atomic force microscopy (AFM) [72], optical tweezers [28, 45], micropipette aspi-
ration [56], magnetic tweezers [12], fluorescence resonance energy transfer (FRET)
based force sensors [26] and traction force microscopy (TFM) [76, 81, 94]. Amongst
these cutting-edge platforms, optical tweezers exhibit extraordinary advantages in
studying the forces, mechanical properties and dynamics in 3D living systems due
to its high spatial and force resolution, particularly the capability to perform mea-
surement in 3D environments [83].

Comprehensive reviews on construction, applications and limitations of optical
tweezers can be found in previous literature [51, 68, 75, 105]. The main focus of this
chapter is kept on applications of optical tweezers inmeasuringmechanics, dynamics
and forces in living cells and their surrounding extracellular matrices (ECM). We
will first introduce a typical experimental setup of optical tweezers and calibration
methods that is commonly used to study cells and tissues from a physical viewpoint.
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Then, we discuss various ways in which optical tweezers can be used to probe
mechanics at different length scales starting with the mechanical behavior of the
cytoplasm at the sub-cellular level, move to mechanics at the level of whole cell and
finally explore the cell-cell and cell-matrix interaction. We also briefly describe a
recent method Force Spectrum Microscopy (FSM) [44] that uses optical tweezers
to probe the stochastic force fluctuations in the cytoplasm as a result of activity of
molecular motors and other active processes as these forces are critical in general
operation of the cells. Finally, concluding remarks and perspectives for the future
development of optical tweezers to study cell-matrix interaction are addressed.

2 Optical Tweezers Setup

In this section we describe an optical tweezer setup that is typically used for bio-
physical studies. A schematic representation of the setup is shown in Fig. 1. The
instrument is usually built on an inverted microscope and includes a laser for trap-
ping and a LED source that provides broad-spectrum excitation for fluorescence
microscopy. Alternatively, a laser source can also be used for fluorescence. A stage-
up kit is usually incorporated to provide sufficient clearance for the rear entry of the
laser beam and space for introducing fluorescent light in the same optical path which
enables simultaneous imaging and trapping. The laser beam is introduced through
the optical path bypassing the fluorescence filter cubes and hence, changing the fil-
ters does not affect the intensity, alignment, polarization and general quality of the
laser beam. A 1064 nm laser coupled with single mode optical fiber that produces
a Gaussian TEM00 mode beam profile with an excellent pointing stability and low
power fluctuations is used. Pointing instabilities lead to unwanted displacements of
the optical trap position in the specimen plane, whereas power fluctuations lead to
temporal variations in the optical trap stiffness. The use of fiber also reduces mechan-
ical noise as the laser source that comprises of electronics with fans and other noise
causing elements can be located off the optical table. A Gaussian mode produces an
efficient harmonic trap as it focuses the laser to the smallest diameter beam waist.
The wavelength of the laser is chosen as 1064 nm to minimize photodamage to
biological samples [82]. The beam from the optical fiber is first passed through a
λ/2 wave plate and then a variable polarizing beam splitter (PBS) to achieve a lin-
early polarized light of desired intensity. To manipulate the trapped particle or more
than one particle at once, a number of methods have been developed to create and
manipulate planar arrays of optical traps using galvano [96] or piezoelectric scan-
ning mirrors [79], acousto-optic deflectors (AODs) [105], interference of specially
designed light beams [19] or the generalized phase contrast method [36]. Here, we
describe a setup that uses an AOD to manipulate the trapping laser. The transmit-
ted polarized light from the PBS is shrunk to a beam diameter of ~2 mm using a
beam shrinker to reduce the response time of the AOD, elaborated later. The shrunk
beam is passed through a two axis AOD driven by an oscillatory drive signal pro-
duced by a driver circuit (arbitrary function generator (AFG) in Fig. 1). An AOD is
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essentially a high optical density crystal in which a traveling sound wave creates a
moving diffraction pattern. It comprises of a piezo–electric transducer driven with
an oscillatory drive signal that induces a sound wave which propagates through the
crystal and creates traveling regions of high and low optical density. A laser beam
that is input at roughly the Bragg angle diffracts off this moving grating with most
of the power in the first-order diffracted beam. Adjustment of the frequency of the
sound wave by changing the drive signal frequency causes changes in the spacing of
the diffraction grating and therefore, changing the deflection angle of the first-order
diffracted beam. The angular position of the diffracted beam can be changed very
quickly by adjustment of the drive frequency with a fast, computer–controlled signal
generator which affords fast computer steering of the laser beam. The time response
of the AOD is limited only by the time required for the traveling wave to cross the
laser beam, and so is equal to the laser beam diameter divided by the acoustic speed
which is about 0.21μs for a 2 mm beam. The purpose of reducing the beam diameter
is to achieve a low response time as mentioned earlier, however, here, the limitation
is typically set by the analog modulation bandwidth of the driver. After the AOD,
the beam is then expanded by deploying a beam expander. This makes the beam
size sufficiently large to slightly overfill the back aperture of the objective which
can increase the ratio of trapping to scattering force, resulting in improved trapping
efficiency [4, 37]. The beam coming out of the beam expander is passed through a
relay lens system such that the AOD and back focal plane of the objective are in
conjugate planes. The beam through the relay lens system is coupled into the objec-
tive using a short pass filter that reflects the laser wavelength, while transmitting the
illumination wavelength. An oil immersion high NA objective is used to produce the
strong gradient forces necessary to overcome axial scattering force and thus achieve
stable trapping. Along with the trapping branch described before, optical tweezers
also comprise of a detection branch. Typically, for high bandwidth detection, the
back focal plane detection method is adopted wherein, the forward scattered light is
collected using a condenser and is detected by a quadrant photo diode (QPD) placed
in conjugate with the condenser iris plane. A neutral density (ND) filter is used to
achieve a proper intensity of the laser such that the QPD is operated within its linear
regime. The objective and condenser lenses are set up in a Keplerian telescope when
aligning Koehler illumination to have better illumination of the sample and also it
puts back focal plane of the objective and condenser in conjugate planes. In contrast
to the imaging detector scheme, laser-based detection requires the incorporation of
a dichroic mirror on the condenser side of the microscope to couple out the laser
light scattered by the specimen. Therefore, a short pass dichroic mirror that reflects
the laser wavelength and transmits visible light is incorporated before the QPD. The
back-aperture of the condenser lens is inaccessible, and so a lens is used to image
a photodetector into a plane conjugate to the back–focal plane. Signals from the
four quadrants of the QPD are passed through a K-cube position sensor detector that
generates a left-minus-right x difference signal (x-position), a top-minus-bottom y
difference signal (y-position), and a sum signal (average intensity on all four quad-
rants of the QPD). A data acquisition card (DAQ) is used to acquire these signals
using a custom written software.
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Fig. 1 Schematic of a typical experimental setup. A half-wave plate and variable polarization beam
splitter is used to achieve a linearly polarized beam of desired output power. Lens pair (L1, L2)
shrinks the beam two-fold and is introduced into the AOD. Lens pair (L3, L4) expands the beam
to slightly overfill the back aperture of the objective. Lens pair (L5, L6) is a 1:1 telescope (relay
lens system) that images the back focal plane of the objective onto L5. The back apertures of the
condenser and objective lenses, the QPD and L5 are in optically conjugate planes. Trapping laser is
introduced to the objective through an optical path bypassing the fluorescence filter cube to keep it
unaffectedwhile the filter cubes are changed. LED source that provides broad-spectrum excitation is
used for fluorescence imaging. Forward scattered light is collected using the condenser for the back
focal plane detection using a quadrant photodiode (QPD). The back focal plane of the condenser is
imaged on the QPD using the L7 and a ND filter is deployed in between to reduce the light intensity
to keep the QPD in the linear regime
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Fig. 2 Representative PSD
of a 2 μm bead in the trap
fitted to a Lorentzian curve
(red line) where the extracted
corner frequency yields a
trap stiffness of
0.0242 pN/nm. For this
measurement, the trap
stiffness calculated by
equipartition method is
0.0231 pN/nm

2.1 Calibration of Optical Tweezers

To use optical tweezers as a quantitative instrument, a careful calibration of the device
is necessary. Calibration of an optical tweezer usually involves two parts. First, the
calibration of the quadrant photo detector to determine the relation between the
voltage signal from the detector and the position of the bead. Second, the stiffness of
the trap to calculate the force exerted by the trap on the bead. The position response
and trap stiffness vary with the size of the bead and the power of the laser, therefore,
it needs to be calibrated before each independent experiment. There are numerous
methods of calibration, however, two methods that have been widely accepted in
the literature are the power spectral density method and the equipartition theorem
method and are discussed below.

2.1.1 Power Spectral Density (PSD) Method

This method involves calibrating the position response of the QPD and trap stiffness
directly from the power spectrum of a trapped bead (Fig. 2). The calibration factor
is obtained by observing the thermal fluctuations of beads in a solution taken at the
same power settings as for the actual samples of interest. The PSD of a bead in the
solution has a Lorentzian form [2, 13, 102]

Svv( f ) = ρ2 kBT

π2β( f 20 + f 2)
(1)

where, Svv( f ) is the uncalibrated power spectrum with units of V2/Hz, f is the
frequency, kB is Boltzmann constant (≈1.38× 10−23 J K−1), β is the drag coefficient
equal to 6 πηr, η is the viscosity of the fluid medium, r is the radius of the bead, T is
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the absolute temperature, ρ is the linear voltage to displacement calibration factor,
and f 0 is the corner frequency. Corner frequency refers to a frequency that divides
the power spectrum into two regimes where, for f < f0, Svv( f ) is almost constant
and for f > f0, Svv( f ) falls as 1/ f 2. From, the above equation ρ i.e. the calibration
factor is determined which has the units of V/m. Moreover, the trap stiffness k is also
determined using the corner frequency using the following equation

k = f02πβ. (2)

It is worth mentioning that the calibration parameters depend on the beam profile
and the polarization of the laser therefore, similar approach is applied to determine
the parameters in both directions.

2.1.2 Equipartition Theorem Method

The equipartition theoremmethod assumes 0.5 kBT of thermal energy for each degree
of freedom. Energy associatedwith thermal fluctuations of a particle in an optical trap
with stiffness kx in x-direction equals 0.5kx

〈
x2

〉
, where

〈
x2

〉
is the position variance

of the trapped particle in the x-direction. By calculating the position variance of the
trapped bead experimentally, we can measure the trap stiffness along the x-axis as

kx = kBT
〈
x2

〉−1
. (3)

Likewise, we can measure the trap stiffness in the y-direction ky using the particle
position variance along the y axis. It is worth mentioning that PSD method can be
used to calibrate both trap stiffness and responsivity of the QPD, while equipartition
method only calibrates the trap stiffness.

3 Quantifying Cell and Matrix Interaction with Optical
Tweezers

Accumulating evidence has shown that the cellmicroenvironment plays a critical role
in regulating cellular functions in a wide range of biological processes from embryo
development to cancer metastasis [50, 59, 61, 98, 103, 110]. While the biochemi-
cal microenvironment has been widely quantified with imaging-based approaches,
the mechanical interaction between a cell and its neighbors and the surrounding
matrix remains largely unknown, partially due to the challenges in probing these
interactions, particularly in 3D. A living cell within tissues generate forces within its
cytoplasm and transmits the force to surrounding matrix by forming adhesions, as
shown in Fig. 3, and have been widely reviewed [23, 27, 62]. The cell exerts forces
and also deforms itself to carry out certain type of biological functions. For instance,
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Fig. 3 Living cells actively form adhesion with their surrounding matrix in 3D microenvironment
and mechanically interact with their surroundings. Various factors contribute to these physical
interactions including mechanical properties of cells and their surrounding matrix, the intracellular
dynamics within the cytoplasm

red blood cells need to deform themselves to squeeze through the capillary vessels
and deliver oxygen to the body [17] while cancer cells usually generate strong con-
traction forces and stiffen their surrounding matrix for disease progression [49]. In
all these interactions, the mechanical properties of both cell and ECM are important
parameters in regulating these physiological processes. Due to the high spatial and
force resolution and its ability to carry out measurements in a 3Dmicroenvironment,
optical tweezers can be a great tool to quantitatively study these interactions. In this
section, we review the recent progresses in measuring cell mechanics, cytoplasmic
forces and matrix mechanics using optical tweezers based approaches.

3.1 Cell Mechanics

The mechanical property of cells plays important roles in regulating many key cel-
lular functions, such as mechanotransduction [106], cell migration [66, 91] and even
stem cell fate [25, 35, 46]. Thus, characterizing the mechanical properties of liv-
ing cells and subcellular structures during biological processes is essential for us to
understand fundamental cell physiology and subsequently its interaction with the
surrounding matrix. To achieve this, optical tweezers can be used to directly mea-
sure cell mechanics at different length and time scales. It is considered a powerful
platform for its high probing resolution, versatility and non-invasive loading regime.

3.1.1 Cytoplasmic Mechanics

Cytoplasm is a highly heterogeneous complex microenvironment comprising of
cytoskeletal network and organelles immersed in cytosol. It is a physical container
for countless biochemical reactions that are responsible for almost any cellular
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functions. Therefore, physical understanding of the cytoplasm could lend us signif-
icant insights into the biological functioning of the cell. Indeed, studies have been
carried out using optical tweezers to probe cytoplasmic mechanics at various length
and time-scales. Since a laser beam can be focused on any specific position in a 3D
sample, it endows optical tweezers the capability to manipulate objects within a cell
and detect resultant forces and displacements. By applying a well-designed loading
method, one can measure mechanical characteristics of the cytoplasm or particular
subcellular structures of interests.

For instance, to study the function of the intermediate filaments in cytoplasm, Guo
et al. [45] performed microrheological measurements using optical tweezers where
beaddisplacementwas recordedunder periodic oscillatory input of the laser trap. Two
types of mouse embryonic fibroblasts, wild-type and vimentin-/- were examined and
it was observed that the vimentin intermediate filaments (VIFs) stiffen the cytoplasm
by approximately two times within the frequency range of 1–100 Hz (Fig. 4a–d).
Interestingly, further magnetic microrheology showed that cortical stiffness varied
little with or without VIFs. Together, these quantified results revealed that VIFs
contribute little to cortical stiffness but are a crucial component within the cytoplasm
that significantly contributes to its mechanics [45, 92].

In another article, Gupta and Guo [47] used optical tweezers to perform active
microrheology and study the mechanical response of living cells at a wide range of
frequencies (Fig. 4e). They used a combination of experimentation and theoretical
analysis, to show that intracellular fluctuations are indeed due to non-thermal forces
at relatively long time-scales, however, are dominated solely by thermal forces at
relatively short time-scales. Therefore, they proposed that the mechanical properties
of the cytoplasm can be measured using passive microrheology at high frequencies,
which was previously rendered incorrect as cells operate out of equilibrium. As the
cytoplasm behaves as an equilibrium material at short time-scales, the mean square
displacement of intracellular fluctuations can be used to extract cytoplasmic shear
modulus at high frequencies.

To better understand the mechanical response of the cytoplasm, Hu et al. [58]
combined optical tweezer experiments and scaling analysis to reveal the size- and
speed-dependent resistance in a living mammalian cytoplasm (Fig. 5). Micron-sized
beads of varying diameter a were dragged by laser trap in a unidirectional manner
with a speed V to obtain force-displacement curves. By combining the measurement
with a simple scaling analysis, they showed that the cytoplasm exhibited size-
independent viscoelasticity as long as the effective strain rate V /a was maintained in
a relatively low range (0.1 s−1 < V /a < 2 s−1) and exhibited size-dependent poroe-
lasticity at a high effective strain rate regime (5 s−1 < V /a < 80 s−1). Specifically, to
identify viscoelasticity or poroelasticity, normalized force-displacement curves with
the same loading parameter combination V /a or Va were plotted together (Fig. 5).
Viscoelasticity describes the mechanical characteristics of materials exhibiting both
elastic and viscous resistance when undergoing deformation. According to the
mechanics of viscoelastic materials, loading curves with same characteristic time
scale V /a should collapse (Fig. 5a). On the other hand, poroelasticity describes
the mechanical features of porous materials filled with liquid where under loading,
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Fig. 4 Microrheology of living cells. a Schematic diagram of intracellular optical tweezers mea-
surement. b Immunofluorescence using antibodies against vimentin in wild-type (WT, left) and
vimentin−/− (right) mouse embryonic fibroblasts. Vimentin in the left panel is shown in green.
Cell boundary in the right panel is represented by the yellow line. Scale: 10 μm. c, d Cytoplasmic
elastic moduli G′ (solid symbols) and loss moduli G′′ (open symbols) as functions of frequency.
e Comparison of cytoplasmic moduli of A7 cells measured by active microrheology using optical
tweezers and passivemicrorheology. Bothmethods show an excellent agreement at high frequencies
suggesting an equilibrium regime at short time scales. Figures b–d are reproduced with permission
from [45] and figure e is reproduced with permission from [47]

material deformation is determined by solid stresses and fluid flows. According to
the mechanics of poroelastic materials, loading curves with same parameter product
Va, which has the dimension of diffusivity, should collapse (Fig. 5b). They also
showed that the cytoplasmic modulus positively correlated with only V /a in the vis-
coelastic regime and increased with the bead size at a constant V /a in the poroelastic
regime. Finally, they obtained a mechanical state diagram of the living mammalian
cytoplasm, which showed that the cytoplasm changes from a viscous fluid to an
elastic solid, as well as from compressible material to incompressible material, with
increase in the values of two aforementioned dimensionless parameters.

It is worth mentioning that most of the studies report mechanical measurements
in terms of a stiffness or a shear modulus assuming that cells are isotropic. How-
ever, Gupta et al. [48] used optical tweezers along with particle tracking to show
that cell morphology is a critical regulator of the anisotropic behavior of mechanics,
dynamics, and forces within the cytoplasm. They found that cells with aspect ratio
(AR) ~1 were isotropic; however, when cells broke symmetry, they exhibited signif-
icant anisotropy in cytoplasmic mechanics and dynamics. They demonstrated that
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Fig. 5 Normalized force-displacement curves measured in cytoplasm of normal rat kidney epithe-
lial cells. Here the applied force F is divided by cross section area S of a bead. aUnder low effective
strain rate given by bead displacement x divided by bead diameter a, normalized curves with the
same speed-diameter ratio V /a are close to each other, while the ones with the same product V.a
deviate from each other, suggesting viscoelastic behavior. b Under high effective strain rate, nor-
malized curves with the same V.a are close to each other, while the ones with the same V /a deviate
from each other, suggesting poroelastic behavior. Figure is reproduced with permission from [58]

the anisotropy in mechanics arises as a consequence of the alignment of cytoskele-
tal components and the anisotropy in dynamics is mainly due to the generation of
anisotropic forces and biased cytoskeletal structures. Therefore, it is important to
consider the directional dependence of intracellular mechanics, dynamics and forces
under the conditions when the cell shape deviates from isotropicity. These results
are particularly important for understanding of biological processes such as migra-
tion, differentiation, cancer extravasation and intravasation, etc., where cell polarity
is induced.

3.1.2 Deformability of Individual Cells

Deformability of a living cell critically interplays with intra- and extra-cellular envi-
ronment and regulates the functioning of a cell throughout its cell cycle. This infor-
mation can lend significant insights in understanding cell functions, cell interac-
tion with extracellular environment and certain types of disease [11, 24, 33, 69, 97,
107]. Indeed, several studies concentrated on deformability of human red blood cells
(RBCs) at single-cell level have been carried out using optical tweezers. From the
deformation measured under certain loading condition coupled with theoretical or
numerical models, one can infer important mechanical parameters like membrane
shear modulus, as an index of cell stiffness or deformability, which are known to sig-
nificantly influence blood flow in microcirculation and serve as important indicators
in disease progression [28].
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Bronkhorst et al. [17] first proposed the idea of using optical tweezers to measure
deformability ofRBCs.Theymanipulated three beads to deformcells into a parachute
shape and after release, recorded the process of relaxation. They used relaxation time
as an indirectmeasurement of deformability and reported a reduction in deformability
during aging process of RBCs, explained by increased viscosity of cell membrane
and cytosol. In this work, flexibility for multiple laser traps to induce preferred types
of deformation was leveraged. However, subsequently, uniaxial stretching became
the most popular way of loading which is relatively easier and makes better use
of the symmetric geometry of RBCs [28, 55, 71, 100]. For instance, Suresh et al.
[101] deployed optical tweezers to explore the evolution of cell deformability during
progressivematuration of Plasmodium parasite. They observed an increased stiffness
of RBC cells at different stages during parasite development. Also investigating
malaria, by combining optical tweezers and gene interruption techniques, Mills et al.
[78] observed cell stiffening during development of Plasmodium falciparum in host
RBCs and investigated the role of a parasite-exported protein, Pf 155/Ring-infected
erythrocyte surface antigen (RESA), in cell stiffening events.

3.2 Forces in Cytoplasm of Living Cells

Cytoplasm of a living cell is highly dynamic as the intracellular environment is sub-
jected to a wide variety of forces [57, 104]. Majority of these forces can be attributed
to the operation of molecular motors such as kinesin and dynein that typically are
responsible for driving directional cargo transport along the microtubule tracks and
myosin II motors that actively contract actin filaments [104]. The cooperative activ-
ity of these motors and other active processes in the cytoplasm can drive critical
functions at the level of whole cells such as contraction, division and migration [29,
30, 41, 43, 54]. Nonetheless, the average effect of all the motors and active pro-
cesses also contribute to an incoherent background of fluctuating forces which is
associated with the functional efficiency and the complete metabolic state of the cell
[29]. These overall fluctuating forces can give rise to random motion of intracellular
components and quantifying it will enable us in characterizing the dynamic state of
the cell. In this section, we introduce Force SpectrumMicroscopy (FSM) (Fig. 6a, b)
that combine independent measurements of the intracellular fluctuatingmovement of
injected tracer particles and mechanics of the cytoplasm with active microrheology
using optical tweezers to directly quantify random forces within the cytoplasm of
the cell [44, 47]. The method involves calculating the force experienced by the probe
particle by adopting the fundamental force displacement Hooke’s relation, f = Kr
where, f is the driving force, r is the resulting displacement and K is the stiffness of
the medium. However, as the effective spring constant for the cytoplasm is frequency
dependent and the intracellular fluctuations are random, thus, a quadratic form of the
averaged quantities in the frequency domain is considered. Therefore, the frequency
spectrum of the intracellular fluctuating forces can be given by:
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Fig. 6 Graphical representation of FSM. a Schematic illustration of intracellular fluctuating forces
responsible for enhanced cytoplasmicmotion. bBasic procedure of FSM. (i) Soundwave in the time
can be represented in the frequency domain by taking a Fourier transform to reveal the frequency
composition. (ii) First step involves taking the Fourier transform of MSD in the time domain to
express it in the frequency domain (iii) The cytoplasmic material property, specifically the spring
constant, is measured directly using optical tweezers, also in the frequency domain. (iv) Using
Hooke’s Law, the randomly intracellular fluctuating force at each frequency is calculated as f 2(ν) =
|K (ν)|2x2(ν). Figure reproduced with permission from [44]

〈
f 2(υ)

〉 = |K (υ)|2〈r2(υ)
〉
. (4)

where, 〈r2(υ)〉 is the frequency spectrum of the particle displacement and K (υ) is
the frequency dependent spring constant.

FSM has been demonstrated to have broad applications for understanding the
cytoplasm and its intracellular processes in the context of cell physiology in healthy
and diseased states. In particular, FSM has been used to compare the intracellular
force spectrum in the benign cells (MCF-10A) to that in the malignant cells (MCF-7)
and show that the malignant cells have about three times higher force fluctuations
than that to its benign counterpart suggesting that the malignant cells have a more
active cytoplasm (Fig. 7c). It is also shown that the movement of tracer particles
is enhanced in the malignant cells compared with the benign counterpart (Fig. 7a),
while the cytoplasmic stiffness was only about 30% smaller in the malignant MCF-7
cells (Fig. 7b).

3.3 Mechanics of Cell-Cell and Cell-Matrix Adhesions

Cell-cell adhesion plays a crucial role in assembling individual cells into 2D or 3D
tissues and regulating tissue functions and dynamics [40, 42, 87, 111]. Optical trap-
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Fig. 7 Intracellular mechanics, dynamics and forces in benign and malignant tumor cells. a Two-
dimensional MSD �r2(τ ) of 500 nm tracer particles are plotted against lag time on a log-log scale,
in the benign breast cells MCF10A (red circle) and malignant breast tumor cells MCF-7 (black
triangle), respectively. The fluctuating movement of tracer particles is stronger in the malignant
cells, as compared to the benign cells. b Cytoplasmic mechanics measured by active microrheology
using optical tweezers. The effective spring constant of the cytoplasm is larger in the MCF-10A
(red circle), as compared to the MCF-7 (black triangle). c The spectrum of intracellular forces
calculated using FSM. The intracellular forces are stronger in the malignant tumor cells MCF-7
(black triangle), than the benign cells MCF-10A (red circle). Figure reproduced with permission
from [44]

ping can be a great tool to measure these contacts and to understand the role of these
contacts in the physiological processes. Bambardekar et al. [9] used laser to measure
the tension of cell junctions in Drosophila embryos during germ-band elongation.
A laser beam was focused directly (without probing particles) on cell-cell interface
to introduce perpendicular stretching deformation and imaged the deformation with
light sheet microscopy, which was modeled with concentrated force acting on an
elastic sheet to calculate the surface tension of cell-cell adhesion (on the order of
44± 22 pN). The frequency-dependent response of the cell junction was probed with
this method and they observed elastic-dominant response at low frequency (≤0.5Hz)
and began to observe viscoelastic response at high frequency (>0.5 Hz), which was
ascribed to elasticity of themembrane and viscosity of the cytosol. Furthermore, they
found the measured tension is highly correlated with the germ-band elongation.

In addition to cell-cell junction, cell-matrix adhesion is also important in many
cellular activities like migration [60], differentiation [22] and apoptosis [95]. In a
work by Castelain et al. [21], adhesion strength of Saccharomyces cerevisiae on
a glass substrate was measured using optical tweezers. A laser beam was directly
focused near the upper surface of yeast cells. Then starting from a low laser power,
they moved the trap back and forth with fixed frequency and amplitude, while slowly
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increasing the power. The power upon detachment was recorded and transformed to
a threshold drag force for an individual cell.

3.3.1 Matrix Mechanics

The mechanical properties of the ECM play an important role in morphogenesis and
tumorigenesis [18, 73]. Changes of ECM stiffness are associated with many diseases
including atrial and pulmonary fibrosis, infantile cortical hyperostosis, Ehlers–Dan-
los syndrome and cancer [77, 88, 89]. Therefore, constant efforts have been made to
understand the fundamental aspects of these ECM from both structural and mechan-
ical outlooks.

Biopolymers are usually discontinuous and hierarchical in structure at different
length scales which further determine the distinct mechanical response when mea-
sured with various approaches. For instances, at nanoscale, collagen gels are formed
by inter-crosslinked fibers with diameters ranging from 10 to 300 nm [10]; at rel-
atively larger scale, the fibrous network is largely heterogeneous with typical pore
sizes within a few to tens of microns [65]. Given this pore size is much larger than
cell-ECM adhesions [85], it is expected that the micromechanics of local matrix
rather than the macroscopic rheology of the ECM regulate the cellular function [8].

3.3.2 Single Fiber Mechanics

Fibrous networks are abundant in 3D cell microenvironment in vivo. On molecular
level, cells mechanically interact with the fibers through integrins by forming focal
adhesions on 2D surface or clathrin/AP-2 lattices in 3D collagen networks [34]. Thus,
a molecular-level understanding of how ECM responds to cell generated stress, or
how its mechanical properties are sensitive to spatial geometries, requires a precise
quantitative knowledge of the mechanical properties of individual fibers.

Dutov et al. [31] developed a novel method to study the mechanical response of
a single collagen fiber of type I collagen (rat-tail) to bending by optical tweezers.
Experimentally, a cantilever collagen fiber, that has one end integrated rigidly with
the bundle and other end free (Fig.8a), was identified using bright field microscopy
and polystyrene microspheres of 1 μm in diameter were injected and attached on
the free-end of the fiber through proteoglycans in the solution. Then the microsphere
was dragged in the direction perpendicular to the original axis of the fiber, as shown
in Fig. 8a, b inset, with a low velocity (0.1 μm/s) to minimize the viscous drag force
from the surrounding liquid. The displacements of the microsphere and the forces
were recorded, as shown in Fig. 8b. To estimate the stiffness of the fiber, a thin beam
Euler-Bernoulli elasticity theory was used:

E = 4L3F

3πR4H
(5)
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Fig. 8 Measurement of single collagen fiber and fibers bundle mechanics with optical tweezers. a
Schematic illustrates the experimental settings. A free end-collagen fiber was bended by dragging a
1-μm particle that attached to the fiber using optical tweezers. b The resulting force-displacement
curves of single collagen fiber from 5 tests. Inset: a phase contrast image shows a free-end single
collagen fiber branched out from a collagen bundle. Figure reproduced with permission from [31]

where E is the Young’s modulus of the fiber, L is the length of the fiber, F is the resis-
tant force perpendicular to the fiber, R and H are the radius and the deflection of the
fiber respectively. The F/H was determined by linear fitting the force-displacement
curves measured by optical tweezer while the R was measured by atomic force
microscopy (162 ± 20 nm). The average elastic modulus in longitudinal direction
varied between 100 and 360 MPa, indicating the heterogeneous nature of collagen
mechanics at the level of single fiber.

3.3.3 Spatial Heterogeneity

The local fibrous structure of biopolymers varies in space and time in vivo, leading
to a spatial heterogeneity of material properties. This local heterogeneity is usually
not detectable by conventional bulk rheology measurement because it gets averaged
at large scale. Juliar et al. [64] systematically investigated this effect by comparing
the mechanical properties and stabilities of fibrin network at difference scales. The
mechanical response at large scale was measured using plate rheology while the
one at microscale was done by optical tweezers (Fig. 9a). At large scale, the shear
modulus of the network remains nearly constant up to two weeks, with a dramatic
decrease in heterogeneity as shown by the error bars in Fig. 9b. To measure the
microscalemechanical response, 2μmsilicamicrobeadswere embedded in the fibrin
network and oscillated at 50 Hz and an amplitude of 175 nm by optical tweezers. The
shear modulus measured at microscale exhibited increased heterogeneity compared
to measurements of bulk rheology, as shown in Fig. 9c. These results demonstrate
that the mechanical properties of fibrin network are spatially heterogeneous at length
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Fig. 9 Comparison of mechanical heterogeneities between bulk rheology and optical tweezers
based microrheology. a Illustrations of the mechanical measurement at macro-scale using parallel
plate rheology (left) and at micro-scale using optical tweezers (right). Shear modulus measured
at macro-scale (b) and micro-scale (c) over 14 days, where micro-rheology reveals significant
mechanical heterogeneity both with and without using cytodex beads. Figure reproduced with
permission from [64]

scales comparable to cell length, which lays the very fundamental basis to understand
how individual cells mechanically interact with their surrounding matrix.

3.3.4 Anisotropy

Anisotropy of native ECM is another property that can have major implications on
cell-matrix interaction. Jones et al. [63] developed a pioneering framework to inves-
tigate this phenomenon in 3D biological networks using optical tweezers. To do so,
optical forces were applied to polystyrene beads (3 μm in diameter) that were dis-
persed in the collagen network prior to gelation (Fig. 10a). Specifically, the trap was
positioned 0.725 μm away from the particle in +x direction and the movement of
the bead was recorded by a camera. Its displacements in x- and y-directions were
analyzed from a video as shown in Fig. 10b. These two displacements indicate the
deformation of the local matrix in the directions along and perpendicular to the
applied force. By varying the direction of applied forces, the local network mechan-
ical anisotropy was mapped (Fig. 10c, d). These results demonstrate that the local
structures and properties of the collagen network is anisotropic and asymmetric in
contrast to its bulk properties. As mentioned previously these local direction depen-
dent physical properties may have implications in the behavior of cells embedded in
the 3D network.

3.3.5 Nonlinearity

It is well known that native ECM networks exhibit strong nonlinear mechani-
cal responses with various underlying mechanisms from the entropic elasticity of
individual filaments to collective network effects governed by critical phenomena
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Fig. 10 Local anisotropy measured with optical-tweezers based microrheology. a structures of
collagen fibers (green) in collagen gels. The white arrows indicate the particles embedded in the
matrix. Inset scale: 50 μm. b Displacements of the embedded particle in response to a pulsed
loading by optical tweezers at +x direction. c Displacements of the embedded particle in response
to a pulsed loading by optical tweezers at four directions (+x, red; −x, blue, +y, green, −y, pink).
d Displacements of the embedded particle in response to a pulsed loading by optical tweezers at 24
directions. Figure reproduced with permission from [63]

[15, 16, 39, 70, 86, 99, 109]. Although the nonlinear characteristics have been largely
studied with bulk rheology, direction dependent measurement of microscale nonlin-
ear properties within a 3Dmatrix has recently become accessible by optical tweezers.
Han et al. [49] embedded latex particles of 4.5 μm in diameter into collagen net-
work to measure its nonlinear mechanical property deploying optical tweezers. The
network had an average pore size of ~2.0 μm therefore the beads were trapped by
the collagen fibers maintaining an elastic continuum. The surrounding matrix was
deformed by dragging the particle away from its equilibrium position, and resultant
forces reflected the local network’s restoring force, as shown in Fig. 11a. As the
displacement of the particle increased, the force increased nonlinearly. To further
quantify the local stiffness of the collagen network under loading, the slope of the
force displacement curves (spring constant, pN/μm) was taken and plotted against



Quantification of Cell-Matrix Interaction in 3D … 301

Fig. 11 Nonlinearity of collagen networks probed with optical tweezers. a Force-displacement
curves of ten measurements; b corresponding force-spring constant curves show that the collagen
network is stress stiffened. Figure reproduced with permission from [49]

the force, as shown in Fig. 11b. For small forces, the spring constant was a constant;
it strongly increased as the force approached 1 pN.

3.4 Cell-Matrix Interaction

Due to the accessibility of local micromechanical properties of ECM, it is now
possible to study the cell-matrix interaction quantitatively using optical tweezers .
Consequently, some groups have started to directly quantify the cell-matrix interac-
tion in various biological context including cancer invasion and angiogenesis [49, 63,
64]. Cancer progression is associated with a series of alterations in ECM mechan-
ics, however, how cancer cells actively promote these changes remained unclear
until recently. By mapping the matrix mechanics near individual cancer cells in
3D collagen networks (Fig. 12a–e), Han el al. [49] found that human breast cancer
cells (MDA-MB-231) were able to stiffen their surrounding matrix by two orders
of magnitude while the normal mammary epithelial cell line (MCF-10A) were not,
as shown in Fig. 12f. This strong stiffening effect were caused by larger contractile
forces generated by cancer cells, as inhibition of myosin activity or depolymerization
of F-actin decreased it. These results described the mechanical scenario that cancer
cells generated a large stress gradient which created a stiffness gradient near the
cell. This similar stiffening effects were also observed in other highly contractile cell
types such as NIH 3T3 fibroblast [110]. A large strain gradient was evident near a
contractile cell in collagen networks (Fig. 12g). By measuring the local compliance
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of collagen networks, a contractile force dependent increase in local compliance was
observed (Fig. 12h).

In addition to studying the single cell behavior in 3D matrix, optical tweezers
are also capable of studying the spatiotemporal evolution of ECM micromechanics
during various biological processes such as capillary morphogenesis. Capillary mor-
phogenesis is a process where endothelial cells (ECs) invade in the matrix and form
capillary vessels in 3D. Juliar et al. [64] used a co-culture system (ECs with normal
human dermal fibroblasts) to mimic the capillary morphogenesis in fibrin gel; the
ECs were grown on a surface of microbeads on day 1 and formed vessel-like struc-
tures in following 14 days, as shown in Fig. 13a. The local elasticity was measured
on a length scale relevant for single cells over time using optical tweezers, during
the sprouting out of the EC. As the ECs invaded into the fibrin gel, the local matrix
elasticity became stiffer over time (Fig. 13b). This was the first experimental evi-
dence that showed real time mechanical dynamics in capillary morphogenesis, and
uncovered the role of matrix mechanics and cell-matrix interaction in this process.

3.4.1 Measurement of Cell Generated Stresses in 3D ECM

As discussed above, cell generated forces are critical in regulating various biological
processes and constant efforts have been made to measure these forces in physi-
ologically relevant contexts. Comprehensive reviews that summarize and compare
available methodologies are available in the literature [90, 108], here, we report an
emerging approach to measure the cell-generated stress using optical tweezers. It
has been discussed that stiffening of the matrix near living cells was caused by cell
contraction in Sect. 3.3. If the increased stiffness is due to the contractile stress, one
should be then able to extract the stress distribution from the measured stiffness map.
We discuss a recently developed technique Nonlinear Stress Inference Microscopy
(NSIM) that leverages this idea [49]. NSIM takes advantage of the nonlinear prop-
erties of the biopolymers, since they usually become stiffer when force exceeds a
certain threshold. This stiffening behavior could be quantitatively probed using opti-
cal tweezers, and used as a dictionary to readout the forces according to the extent
of stiffening. The detailed protocol along with the schematic is shown in Fig. 14.

4 Concluding Remarks

Mechanical interactions between cell and its microenvironment play a central role in
basic multicellular processes including embryonic development, wound healing and
cancer progression. Various approaches including traction force microscopy, mag-
netic tweezers and bulk rheology have been developed to quantify these interactions
separately by measuring cells mechanics, matrix mechanics and contractile forces.
However, none of these platforms are able to systematically measure these interac-
tions in a 3D multicellular system at single cell resolution. Spatially and temporally
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Fig. 12 Cells stiffen their surroundings through active contraction in collagen networks. a Image
of a MDA-MB-231 cell (blue) in a 3D collagen network. b–d Graphics describe the experimental
measurement with optical tweezers and the scenario in which cell-generated stress field induces
a matrix stiffening gradient. Scale is 10 μm. e Local force-displacement curves at locations with
different distance to the cell. f Local matrixmechanics as a function of distance to the cell. gA strain
gradient was observed near a contracting cell in collagen networks. h A stiffening effect within the
matrix was correlated with the observed strain gradient. Figure reproduced with permission from
[49, 63]
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Fig. 13 Capillary morphogenesis is associated with increasing matrix stiffness. a Representative
images show the formation of capillary vessels in 3D fibrin hydrogel over 14 days. Scale is 500μm.
b Stiffness map measured with optical tweezers shows the dynamic spatiotemporal dynamics in
local ECM mechanic, where arrows indicate areas of significant stiffness heterogeneity. Scale is
20 μm. Figure reproduced with permission from [64]

quantifying these mechanical interactions in a 3D multicellular system would help
us to understand the fundamental aspect of cell-microenvironment interaction and to
develop new strategies to mimic and control these interactions in vitro.

Optical tweezers hold great promise to address these problems due to their high
resolution in force and displacement, and their capability to measure in 3D. Numer-
ous studies have been done in past decade to enhance our understanding of cell
mechanics, matrix mechanics and their interactions, as discussed in this chapter.
However, like any other technology, limitations are associated with optical tweez-
ers applied to a 3D biological system. The maximum force that can be applied by
optical tweezers is usually around 100 pN, which limits the ability to manipulate
particles embedded in stiffer environment (~1 MPa). Of course, increasing the laser
power could increase this maximum force to some extent but it also generates higher
amount of heat that may damage the system and some approaches to overcome this
has been adopted [74]. The throughput of the optical tweezers is another potential
problem when large amount of measurements is necessary. Multiple traps using time
sharing of the beam and computer-designed diffractive optical element (DOE) alle-
viates this issue to some extent, however technological advancements in modulation
techniques and better design could possibly increase the throughput significantly.
Nonetheless, optical trap is a powerful tool to study cell and matrix mechanics and
their interaction. Strategies that incorporate other established techniques such as
single molecule microscopy, in situ sequencing, gene editing techniques and other
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Fig. 14 Schematics illustrate the steps of NSIM. a To measure the local prestress in a matrix, a
reference curve for the specific matrix is generated using optical tweezers by dragging the particle
unidirectionally with a constant speed in a random direction. b The slope in the force-displacement
relationship is defined as the differential stiffness of the matrix, as indicated by the gray dashed line
in the Fig. 14a. Then the differential stiffness of the matrix is calculated, as: knl = d f

dx , where f is the
applied force and x is the particle displacement. knl is plotted against f, as shown in Fig. 14 b. This
relationship is used later as a reference curve to readout the local forces induced by a contracting cell.
cMeasure the stiffness of the matrix under a pre-stress (such as cell contraction stress) with optical
tweezers using method similar to a. d–e To infer the local stress from the local stiffness, the force
value is read from the reference curve obtained in step 2, by finding the force value corresponding
to the same stiffness value on the reference curve. Figure reproduced with permission from [49]
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biochemical assays with optical tweezers have recently become popular and enable
us to better understand 3D biological systems.
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Cell-Matrix Interactions in Cardiac
Development and Disease

Matthew C. Watson, Erica M. Cherry-Kemmerling and Lauren D. Black III

Abstract Cardiac development is a dynamic process in which cells and tissues
experience a multitude of biophysical cues. The extracellular matrix, long thought to
have a passive role throughout cardiac development, is now known to actively mod-
ulate cells during development via both chemical and mechanical cues. Throughout
cardiac development and cardiac disease, the cardiac extracellular matrix remodels,
changing its composition, organization, and mechanical properties in response to a
variety of cues. Cardiac cells both initiate and respond to these changes in cardiac
extracellular matrix properties to maintain homeostasis or promote either normal or
pathological tissue development. In order to better understand this interplay, it is
necessary to study how cardiac extracellular matrix and cardiac cells interact, and a
number of specialized techniques have been utilized to study this complicated inter-
action. This chapter first provides a review of common techniques used to interrogate
the bidirectional interaction between cardiac cells and cardiac extracellular matrix
before discussing changes in the phenotype of the major cell populations of the heart
in response to changes in cardiac extracellular matrix properties throughout cardiac
development and cardiac disease.
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1 Introduction

Development is a complicated and continuous process. Interactions between cells
and their environment (i.e. mechanics, growth factors, other cells, etc.) orchestrate
the proper development of the organism. Cells are dynamic; they proliferate, migrate,
and change shape and structure to eventually make up functional tissues and organs.
In the context of development, the heart is the first functioning organ in the developing
embryo and the primitive linear heart tube begins to contract well before the final
formation of the four-chambered heart. In humans, as with most mammals, heart
development begins with two separate heart fields present in the cardiac crescent
which signal each other through soluble factors and lead to the development of the
primitive heart tubes on either side of the flat embryo. As the embryo folds together,
these bilateral linear heart tubes fuse to a single tube,which then undergoes a dynamic
looping and folding process to become a functioning four chambered heart. During
this early process, and throughout cardiac development, cardiac cells and cardiac
extracellularmatrix (cECM)are exposed tomanymechanical forces, causing changes
to cell phenotype as well as the remodeling of cECM and cardiac tissue. The cECM,
long thought to be a passive scaffold in which cells reside, has within the last few
decades been re-classified as a complex signaling milieu, in which, in addition to
its structural role, it actively interacts with cells and surrounding tissues via both
chemical andmechanical cues [58]. Understanding the dynamic interactions between
cardiac cells and cECM in response to a dynamic physical environment is critical to
understanding cardiac development and disease. To understand these physical cues
that modulate cell-cell interactions and cell-cECM interactions, an understanding of
how the biophysical properties of the environment change throughout development
and disease is necessary. In the first part of this chapter, we will give an overview
of methods used to study and measure the changes in ECM mechanics and ECM
composition, before addressing techniques utilized to incorporate these mechanics
in both in vitro and in vivo experiments aimed at investigating alterations in cell-ECM
interactions in response to changes in the biophysical environment.

Through changes in cECM composition and cECMmechanical properties, cECM
is able to communicate with cells through both physical and chemical cues con-
trolling cell migration, differentiation, morphogenesis [39, 117, 127]. For example,
compositional differences in fetal cECM and adult cECM significantly impacted
the proliferative response of neonatal rat cardiomyocytes to varying degrees; car-
diomyocytes cultured on fetal cECM were more proliferative than cardiomyocytes
cultured on adult cECM [156]. Dysregulation of cECM composition and mechanical
properties can also lead to many pathological conditions throughout development.
Such pathologies include congenital endocardial fibroelastosis (EFE), hypertrophy,
or cardiac fibrosis [140]. The mammalian ECM is composed of approximately 300
proteins which have been shown to be relatively consistent across species [59, 87,
117]; however, composition and relative abundance of these proteins vary between
tissues and organ systems within species. The environment dictates organ devel-
opment and cell specification, and these compositional differences between organs
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suggest that ECM plays a direct and dynamic role in development, using mechan-
ical and biochemical cues to communicate with surrounding tissue. Studies related
specifically to the heart and cECM show structural and compositional changes to
cECM occur during aging and disease, and that these changes can influence cell
fate, phenotype, and function [9, 133, 135, 156, 157]. These studies implicate the
influence that cECM composition and mechanics have on cardiac development and
pathological conditions. cECM is composed of many macromolecules with diverse
roles in signaling cardiac cells. Many of these macromolecules have structural and
mechanical functions [35] which influence material mechanics, cell adhesion, cell
migration, and morphology. These properties affect cytoskeletal organization [117]
and a variety of cell functions including proliferation [1, 36], migration [83], and
differentiation [31, 64, 65, 92, 127]. Cells that reside in the cECM are responsible
for maintaining homeostasis of the heart, and many aspects of this involve functions
related to maintenance of the cECM including cECM synthesis, cECM organiza-
tion, and maintenance and remodeling of cECM in response to developmental aging,
disease, or injury [35, 41]. The maintenance or imbalance of cECM in the heart is
critical as it can govern both the normal function and as well as the development of
pathologies of the heart.

In summary, the interactions between cECMandcardiac cells constitute a complex
bidirectional system. This chapter will explore the role that cECM mechanics and
composition plays in the dynamic interactionswith cardiac cells.Wewill beginwith a
brief overview of cardiac development, cardiac cell populations, cECMcomposition,
and how cardiac cells sense and respond to biophysical signals. Then wewill provide
an overview of some of the techniques used to measure cECM properties, and then
provide examples of how researchers have incorporated these properties into in vitro
and in vivo models. Finally, we will clarify the biophysical interactions between
cECM and major cardiac cell types during fetal and post-natal development, and
how these interactions change during disease before concluding with some open
questions and potential future directions for the field.

2 Overview of Cardiac Development

2.1 Normal Cardiac Development

Heart development begins soon after gastrulation, and the heart is the first organ to
form and begin functioning in the developing vertebrate embryo [3, 154]. The heart
is derived from themesoderm, which lies between the endoderm and ectoderm layers
of the early embryo. The cardiac crescent is first formed by cardiac precursor cells
originating from the anterior lateral mesoderm [13] (Fig. 1). The cardiac crescent
supports the development of the bilateral primitive heart tubes which then fuse into
the linear heart tube, comprised of an inner layer of endothelial cells and an outer
myocardial layer. The inner endothelial layer andoutermyocardial layer are separated
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Fig. 1 a Early steps in heart development with corresponding timelines for both the mouse embryo
and the human embryo. bMaturation of the embryonic heart prior to birth. Adapted from [13]

by acellular cECM called the cardiac jelly. Over the next several weeks, the linear
heart tube then undergoes a dynamic asymmetric looping process, beginning with
rightward looping for the formation of heart chambers in physiological positions,
and a subsequent leftward looping that is necessary for the formation of the great
vessels and the outflow tracts. In the human fetus, cardiac crescent formation, heart
tube formation, and cardiac looping begin before the end of the first trimester. Heart
structure continues to develop and mature until birth.

2.2 Major Cardiac Cell Populations

There are several major cell types that reside within cECM and interact with cECM
to form the functioning heart. During embryonic cardiac development, cardiac
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progenitors differentiate into cardiomyocytes, cardiac fibroblasts, endothelial cells,
and many other supportive cells (i.e. smooth muscle cells, resident immune cells,
etc.). Early in heart development, cardiac progenitor cells arise from the mesoderm
and from the cardiac crescent. Cardiac progenitor cells then migrate and morph to
form a beating linear heart tube comprised of an outer layer of early cardiomyocytes
and an inner layer of endothelial cells [61, 110]. Cardiomyocytes are responsible for
heart function, actuating contractions andmodulating heart growth. In the fetal heart,
growth of the heart is primarily due to proliferating cardiomyocytes, while in hearts
for most of the postnatal time period, growth is primarily due to cardiomyocyte
hypertrophy [78]. During and after asymmetric looping, more cell types are present,
including cardiac fibroblasts. Although poorly characterized in molecular terms, and
in origin, cardiac fibroblasts have a critical role in maintenance of normal cardiac
function [164]. Early in heart development, the endocardium and myocardium are
responsible for the secretion of cECM, or cardiac jelly; however, in thematuring fetal
and postnatal heart, cardiac fibroblasts are primarily responsible for synthesizing,
maintaining, and remodeling the cECM to maintain homeostasis [154].

2.3 Major cECM Components

cECM is composed of many types of molecules, including collagen-based or elas-
tic fibers, glycoproteins, and glycosaminoglycans (GAGs) and proteoglycans (PGs)
[117, 154]. Given the need for dynamic cell infiltration and remodeling, embryonic
cECM is vastly different from adult cECM. Embryonic cECM is less cross-linked
and contains components that are softer and more malleable than adult cECM [154].
Among these molecules, collagens are some of the most abundant molecules in
cECM. There are 28 types of collagens characterized by different structure and func-
tion. Among these collagens, those found in the developing heart include types I, III,
IV, V, VI, and XIV [154, 156], with collagen types I and III being the major compo-
nents of the fibrillar cECMnetwork. They are present early in cardiacmorphogenesis
and provide mechanical strength and elasticity to the mature heart [68]. Collagen IV
is abundant in the basement membrane surrounding cardiomyocytes and is critical
for the stability and function of the basementmembrane under increasingmechanical
load [11, 104]. Though abundant in low amounts, the functions of “minor” collagens
(i.e. types V, VI, and XIV) in normal development and cardiac pathologies likely
play important roles in structural fiber bundling and crosslinking and warrant further
study.

Glycoproteins have diverse structures and functions. Important glycoproteins
that contribute to cardiac development include fibronectin, laminins, vitronectin,
EMILIN, fibrillins, and fibulins [154]. Fibronectin is present in all tissues of the
body and throughout development. Through interactions with other ECM proteins,
cell surface receptors, glycosaminoglycans, and other fibronectin molecules [124],
fibronectins can mediate cardiac regeneration and a variety of cell processes, includ-
ing proliferation, migration and cell spreading or morphology [149]. In addition to
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collagen IV, Laminins are a major component of the basement membrane and are a
set of adhesive ligands for mature cardiomyocytes [11]. Vitronectin is found in the
developing heart and is a cell-adhesive glycoprotein that can influence cell migration
and cell proliferation [108]; however, it does not appear to be necessary for normal
embryonic morphogenesis and survival [117]. EMILINs (Elastin Microfibril Inter-
face Located proteINs), which are found throughout heart, develop and contribute
to elastic fibers of the cECM [154, 156], although their specific influence on cardiac
cells has not yet been studied. Fibrillins also form elastic microfibrils, providing
structural templates and support to the developing cECM. Furthermore, fibrillin can
interact with cell surface receptors, can interact with other cECM proteins, and can
locally regulate growth factors important in cardiac development, such as members
of the transforming growth factor beta family (TGF-βs) and bone morphogenetic
proteins (BMPs) [113].

Both GAGs and PGs bind water and provide structural integrity to hydratedmatri-
ces. Among the important GAGs and PGs present in cECM and cardiac development
are hyaluronan, versican, and perlecan. These cECM components are abundant in the
cardiac jelly during early heart formation; however, perlecan is also present in neona-
tal and mature ventricular cECM [156]. Hyaluronan promotes cell migration, cell
invasion, and epithelial-to-mesenchymal transition, and is necessary for the devel-
opment of functioning heart valves. By interacting with hyaluronan, versican plays
a role in cECM assembly. Studies show that versican plays a crucial role in cardiac
development [95]; however, the mechanism is not yet fully understood. Perlecan
is an abundant PG secreted into the pericellular space, where it can modulate the
action of signaling molecules controlling cell migration, cell cycle, and differentia-
tion [152]. Fibulins contributes to the basement membrane and elasticity of cECM,
and are required during ventricle formation [20].

3 Cell-cECM/Cell-Cell Mechanosensing
and Mechanosensitive Pathways

Mechanosensors help cardiac cells to detect mechanical forces and activate signaling
cascades, allowing them to interact with both cECM and neighboring cells. The pri-
mary mechanism by which cardiac cells attach to the cECM and detect mechanical
forces is via integrins. Integrins are a family of large cell-surface receptors, com-
prised of heterodimeric α and β subunits with large extracellular domains and small
intracellular domains [154], which couple the cellular cytoskeleton to the cECM at
locations called focal adhesion sites [28]. The large extracellular domains bind to
the cECM, while the smaller domains bind to cytoskeletal molecules [74]. There
are at least 24 unique integrins, consisting of various combinations of the α and
β subunits [143]. Integrins and integrin associated proteins facilitate bidirectional
signaling between the cell and cECM, and modulate cell behaviors such as pro-
liferation, spreading, migration, and survival [55, 129]. Integrin expression is not
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only restricted to particular cell types, and expression is often spatiotemporal, with
integrin expression varying with developmental age [17].

The process of cells by which sense the surrounding mechanical environment
and respond by converting the mechanical cues to biochemical signals is called
mechanotransduction. There are numerous mechanosensitive signaling pathways.
We will review a few that are critically important to cardiac development and dis-
ease, although others may also play a role. Among these pathways, those involving
transforming growth factor β (TGF-β) and bone morphogenic protein (BMP) among
the most studied. A detailed review of TGF-β signaling in cardiac development
and remodeling has been done by Dobaczewski et al. Briefly, TGF-β signaling or
BMP signaling begins when TGF-β ligands or BMP ligands bind to serine/threonine
receptor kinases [27]. This phosphorylates cytoplasmic signaling molecules Smad2
and Smad3 for TGF-β signaling and Smad1, Smad5, and Smad9 for BMP signal-
ing. These receptor-activated Smads form complexes with Smad and Smad4 which
translocate to the nucleus where they activate or repress gene transcription [27].
This transcriptional regulation can alter a variety of cell processes including cECM
deposition, cell proliferation, and cell differentiation [27].

4 Methods for Characterizing cECM Composition,
and Investigating Cell-cECM Interactions

4.1 cECM Composition

Over the last decade, many techniques have been developed to measure cECM com-
position and mechanics ex vivo and in vitro. By using these techniques, accurate
matrix mechanics can be incorporated into studies investigating cardiac develop-
ment or the progression of cardiac disease. Traditionally, the compositional makeup
of cECM was assessed via assays for specific components using gene expression or
Western blot analysis for protein expression [21, 128]. Advances in proteomicsmeth-
ods now offer improved characterization of ECM composition via compiled libraries
of detailed proteins and protein abundance in different tissue types [94]. Liquid chro-
matography tandem mass spectrometry (LC-MS/MS) offers a way to characterize
the abundance of individual cECM components. LC-MS/MS is a combination of
liquid chromatography, which physically separates components of a liquid mixture,
and mass spectrometry, which is used to measure the mass to charge ratio of charged
particles. Recently, our group has used LC-MS/MS to observe cECM composition
at different developmental ages [156], demonstrating significant variations in cECM
composition throughout development. For example, the most abundant protein in
fetal rat cECM is fibronectin, while in the adult rat heart, cECM composition is dom-
inated by collagens, in particular collagen I. These techniques have not only been
utilized to study cECM, but also in studies of ECM composition in a wide variety of
tissues. For example, an investigation by Ungerleider et al. used mass spectrometry
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to characterize the abundance of proteins in decellularized porcine skeletal muscle
tissue and the abundance of proteins in decellularized human umbilical cord extracel-
lular matrix, and utilized the data to engineer injectable ECM hydrogels as a therapy
for patients with peripheral arterial disease [141].

4.2 cECM Mechanics

In tandem with cECM composition, mechanical properties of the cECM govern cell,
tissue, and organ behavior, and it is important to measure the mechanical charac-
teristics of these cardiac tissues to advance our knowledge of cardiac development
and cardiac diseases. Importantly, cECM composition and mechanics are linked
(although not linearly) in that alterations to composition can lead to changes to cECM
mechanical properties (e.g. increased Collagen I expression leads to increase bulk
tissue stiffness).Temporal changes and pathological cell phenotypes can also change
the bulk mechanics of the cardiac tissue and cECM, usually through modulation of
ECM expression and crosslinking (for example stiffening of the ventricular walls
under increased pressure load) [86]. While cell phenotype dictates cardiac function
and cECM mechanics, cardiac cells directly sense mechanics at a cellular scale. A
study by Majkut et al. demonstrated that changes to these substrate mechanics affect
cardiomyocyte phenotype; the authors observed decreased beating in myocytes cul-
tured on soft and stiff cECM [86]. This study suggests that mechanical forces on the
cellular scale are equally important to bulk mechanics in governing cellular pheno-
type and thus cardiac function. Techniques to study both bulk mechanics and cellular
scale mechanics exist, and we will review a few common methods for each.

There have been a variety of methods used to assess the bulk mechanics of car-
diac tissue and cECM.Uniaxial and biaxialmechanical testingmachines canmeasure
mechanical properties of tissues via controlled stretch [99, 112, 122, 130].While sev-
eral studies have been carried out on normal tissue, assessing the mechanics of the
cardiac ECM in its native form was difficult until the advent of perfusion decellular-
ization techniques, which allowed the maintenance of the ECM structure and com-
position after cell removal. In the seminal study by Ott et al., equibiaxial mechanical
testing was used to measure stress-strain behaviors in cadaveric and decellularized
left ventricles. Decellularized ventricle samples at 40% strain yielded a higher tan-
gential modulus in both tangential and longitudinal directions compared to cadaveric
left ventricles. However, the comparison of bulk mechanics between these two sam-
ple types does not make much sense. This is because during the decellularization
process 90% of the tissue thickness is lost (the cardiomyocytes themselves makeup a
significant fraction of adult tissue volume), and the lost volume contributes very little
to the overall passive tissue modulus (ECM accounts for most of the tissue mechan-
ical properties in passive conditions). This comparison would be akin to comparing
the bulk mechanics of iron rods evenly distributed throughout a large volume of
gelatin and comparing it to the bulk mechanics of the iron rods bundled together: the
bulkmechanicswouldmost certainly be different, but themechanics of the individual
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iron rods would not change. To combat this effect, the authors calculated membrane
stiffness of the samples in order to remove the dependence on thickness. Importantly,
membrane stiffness at 40% strain did not differ between decellularized and cadaveric
tissues, demonstrating importance of scalability between bulk mechanics and cell-
scale mechanics [99]. While the bulk mechanical properties of the tissue differed
between the decellularized ventricle and the cadaveric ventricle, the mechanics of
the individual ECM fibers remained the same for the two cases.

As discussed above it also necessary to measure mechanical properties of cECM
and cells at a cellular scale. Atomic force microscopy (AFM) is commonly used
to characterize cellular scale mechanics [75, 81]. A study by Lieber et al. used
AFM to investigate changes in stiffness of individual young (4 months) and old
(30 month) male rat cardiomyocytes. They demonstrated a significant increase in
stiffness from 35.1 kPa in young cardiomyocytes to 42.5 kPa in old cardiomyocytes
[81]. Additionally, AFM has been used to characterize the stiffness of cardiac tissues
[44], and verify themechanical properties of in vitromodels. An additional technique
utilized to assess cellular mechanics is traction-force microscopy [64, 101]. Traction
force microscopy functions by culturing cardiac cells onto deformable substrates
that contain entrapped beads as fiduciary markers. By tracking small displacements
in the substrate material via the beads and knowing the stiffness of the substrate, the
strains and stresses generated by individual cells can be determined.

4.3 Animal Models to Study Cell-cECM Interactions

Animal models, including zebrafish, chick embryo, mouse, and rat, have greatly
contributed to our understanding of the vertebrate heart. In these models, the heart
arises from bilateral heart fields of cardiac precursor cell. The type of animal used for
cardiac studies remains dependent upon the experiment. Techniques such as high-
resolutionmicroscopy (i.e. confocalmicroscopy), in situ immunostaining and single-
cell transcriptome analysis allow for the interrogation of cardiac cell phenotype
during development and disease. In recent years, the zebrafish has been a popular
model to study cardiac development and disease, given its propensity for cardiac
regeneration at any developmental stage [5]. The zebrafish genome has almost been
entirely sequenced, and gene function compared to humans is highly conserved,
making the zebrafish a decent model to study genetic variations and cardiovascular
defects [5]. Furthermore, the zebrafish genome encodes a similar overlap of ECM
associated proteins found in other vertebrate organisms [67]. Combined with its high
affinity for high-resolutionmicroscopy, the zebrafish offers a useful platform to study
the structure and function of ECM proteins [67].

Due to low costs, the lack of requirement for IACUC approval at many institutions
and the development of open-egg handling techniques, the embryonic chicken has
been used as an animal model to describe early cardiac development and pathologies
in ovo and ex ovo [69]. The relatively large size of the in ovo embryo offers a useful
platform for studying the differentiation and behavior of cardiac cells [69]. Advances
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in culturing the chick embryo ex ovo allows a more accessible way to view cardiac
development, and offers ways for experimental manipulation [69]. A detailed review
of the chick embryo as a model of cardiovascular research is provided by Kain et al.

The mouse has become a popular model used to study human heart disease. One
reason mouse models are so popular is that the relatively short life span of mice
expedites investigations cardiac development and cardiac diseases [114]. Mice are
also especially useful in studying genetic defects in humans, as 99% of human genes
have direct murine orthologs [114], and the development of transgenic mice lines has
accelerated our understanding of the role of genetic abnormalities on human disease.
In particular, these models allow for the identification of genes and mechanisms that
are necessary for the progression of the disease [49]. Transgenic mice are therefore
a useful platform to study the interactions between cECM and disease. For example,
in a study using elastin knockout mice, mice are born with stiff, tortuous arteries, and
cardiac hypertrophy [147]. Although widely used, the mouse model is a mammalian
heart model that is least representative of human heart contractile function [15].
Thus, mouse models are often used as proof-of-principle models which can be later
extended into larger animal models [15]. Rat models have also found usefulness in
the field mostly due to the aforementioned shorter lifespan, low cost and larger heart
size which makes it easier for carrying out surgical procedures as compared to the
mouse.

4.4 In Vitro Models to Study Cell-cECM Interactions

In determining the impact of mechanics on cardiac cells, in vitro models offer
platforms to study cellular-cECM interactions ex vivo. In order to accurately
mimic the physiological environment, it is important for these in vitro models
to incorporate cECM components and to mimic the mechanical forces present
in vivo, including those caused by substrate stiffness and/or mechanical strain.
Two-dimensional polyacrylamide (PAA) hydrogels are frequently used to study
the effects of cECM composition and substrate stiffness on monolayers of cardiac
cells [4, 8, 52]. Preparation of PAA gels is described elsewhere. Briefly, gels are
cast on activated glass coverslips by crosslinking an acrylamide solution with
a bisacrylamide (bis) solution. Changing the ratio of acrylamide solution to bis
solution controls PAA elasticity, and a wide range of physiological and pathological
cardiac stiffnesses (~1–100 kPa) can be achieved [8, 30, 52, 101]. Furthermore, PAA
allows cECM and cECM components to be covalently added to the substrate without
changing the stiffness of the gel [30]. In a study by Pasqualini et al, neonatal rat
cardiomyocytes (NRCMs) were seeded onto fibronectin patterns stamped on PAA
with soft (1 kPa), normal (13 kPa), and diseased (90 kPa) stiffnesses. Fluorescent
beads were integrated into the PAA gels, and traction force microscopy was used
measure stiffness of NRCMs and work of NRCMs [101]. A similar method of
incorporating fluorescent microbeads into PAA gels of varying stiffness was used in
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Fig. 2 Schematic (a) and images (b) of a custom made stretching device capable of applying
precise customizable stretch waveforms c to cells in culture. Adapted from [77]

a recent study by Wheelwright et al, who interrogated the force output of single cell
human induced pluripotent stem cell derived cardiomyocytes (iPSC-CMs) [151].

While hydrogels are an easy way to assess the role of substrate stiffness on cardiac
cell phenotype and function, specialized devices are needed to investigate the effects
of mechanical strain on cell-cECM interactions (see Fig. 2 for an example taken from
[71]). Flexcell® plates, and other similar systems, utilize vacuum systems and motor
systems to induce cyclic, bidirectional strain on 2D cultures by applying a vacuum
or plunger to flexible-bottomed plates [7, 29, 76]. These strains can be tuned to repli-
cate the strains associated with physiological and pathological hearts [33, 120]. A
recent study by Rysä et al. applied bidirectional strain to neonatal rat cardiomyocytes
and characterized gene expression [120]. Laser-etched glass plates have been used
with a piezoelectric length controller to induce unidirectional stress in cardiomy-
ocytes [16, 109]. A study by Caporizzo et al. utilized a glass plate stretching device
to stretch cardiomyocytes while simultaneously imaging cardiomyocyte sarcomere
structure. They investigated microtubule buckling in adult rat cardiomyocytes, and it
was concluded that microtubules regulate contractility in cardiomyocytes via break-
able crosslinks between the cytoskeleton that resist length changes induced by stretch
[16].

To better mimic the cardiac mechanical environment in vitro, a combination of
stiffness and stretch can be incorporated into three-dimensional engineered cardiac
tissue constructs using customizable bioreactor systems [63, 80, 85, 93, 132]. Static
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stretching platforms are a simple way to control mechanical preload on engineered
cardiac tissues [12, 85]. Most of these platforms feature plastic pillars which can be
adjusted to induce physiological and pathological loads on engineered cardiac tissues
[12, 85]. Uniaxial cyclic stretching platforms offer a way to induce cyclic stress on
cardiac cells in vitro [91, 132]. A recent experiment utilized a uniaxial stretching sys-
tem to stretch embryonic stem cell-derived cardiomyocytes (ESC-CMs) seeded into
gelatin-based scaffolds. Cyclic stretch induced a greater yield of ESC-CMs express-
ing mature cardiac markers characterized by increased cardiac troponin-T expres-
sion, elongation of cells, and enhanced expression of genes associated with cardiac
maturity [91]. Recent custom bioreactors can also be used to induce cyclic stretch
in tissue culture. We have utilized a bioreactor system in which cardiomyocytes
encapsulated in ring-shaped fibrin constructs can be electrically and mechanically
stimulated simultaneously, promoting improved cardiac function over constructs that
had been mechanically or electrically stimulated alone [93, 163]. A detailed review
by Stoppel et al. provides details on further mechanical and electrical stimulation in
cardiac tissue constructs [132].

5 Developmental Cellular-cECM Interactions

The cECM is a complex, three-dimensional network inhabited primarily by
myocytes, fibroblasts, and vascular endothelial cells, as well as significant population
of other cells (smooth muscle cells, macrophages, etc.) [116]. The cECM begins to
be synthesized and excreted by embryonic cells at very early stages [117], providing
a microenvironment rich in biochemical and mechanical cues supportive of prolifer-
ation, differentiation, and maturation. Throughout development, changes to the local
stiffness, stresses, and strains change the behavior of these residing cardiac cells [53,
117, 156] (Fig. 3). For migration and morphogenesis to occur, the mechanical prop-
erties and composition of the early cECM is critical: softer cECM is more adaptive
to infiltration and morphogenesis and important for normal heart development. Both
fibronectin and collagens are needed for normal embryonic development and dictate
cECM bulk mechanics by cross-linking via enzyme activation in the native tissue
[96].

Immediately after birth, the heart undergoes dramatic changes in phenotype,
including the closing of the foramen ovale as a pressure gradient forms from left
to right [136], and a switch from proliferative cells to hypertrophic cells as the
primary mechanism of heart growth [148]. cECM must adapt to these changes, par-
ticularly to increases in pressure load, and thus, stiffens by changes its composition
and organization. A reduction in fibronectin, which is necessary for proliferation and
embryonic development, and a replacement increase in collagen is observed in the
composition of neonatal rat cECM. By the time the rat heart matures to adulthood,
fibronectin is reduced to only 4% of cECM composition [156]. At this stage, the
cECM is dominated by collagens, especially collagen I, which increases tissue stiff-
ness in response to increased cardiac load [156] and leads to a more homeostatic
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Fig. 3 Characterization of cardiomyocyte proliferation in fetal, neonatal, and adult hearts. a Rep-
resentative images of tissues sections stained for nuclei (blue), cardiac α-actinin (red), and the
mitosis marker phosoph-histone H3(PlH3). bQuantification of proliferating cells, with a significant
decrease in proliferating cells in the adult heart. c Quantification of proliferating cardiomyocytes,
with the highest proliferation observed in the fetal heart. Adapted from [158]

maintenance of tissue function. The compositional changes of cECM during postna-
tal development orchestrate changes in the mechanical properties of the cECM that
cells sense, and also alter the transmission of mechanical loads from contractile cells
to the cECM as well as from hemodynamic pressures in the heart to the cells [86,
126, 127]. In the subsequent sections we detail the impact of cECM changes dur-
ing normal development on the phenotype and function of cardiac progenitor cells,
cardiomyocytes, cardiac fibroblasts and endothelial cells.

5.1 Cardiac Progenitor Cell-cECM Interactions

Cardiac progenitor cells (CPCs) are defined as self-renewing cells present in the
embryonic heart with the ability to differentiate into cardiomyocytes, endothelial
cells, or cardiac fibroblasts [89]. Among these cardiac progenitor cells, type III
tyrosine kinase receptor c-kit+ cardiac progenitor cells are among the most studied.
c-kit+ CPC’s ability to self-renew has been tested in vitro and it appears to be the
most undifferentiated cardiac progenitor population. Additionally, c-kit+ CPCs are
present in embryonic and postnatal hearts, although the extent of their differentiation
potential depends upon species and developmental stage.

In a study from our lab, c-kit+ CPCs isolated from pediatric patients were seeded
into engineered fibrin scaffolds containing adult or neonatal ECM. Scaffolds had



324 M. C. Watson et al.

elastic moduli of 2, 8, 14, and 32 kPa [155]. Cell viability was significantly lower
in neonatal ECM-fibrin scaffolds with 14 and 32 kPa compared to fibrin scaffolds
with an elastic modulus of 2 kPa and ECM-fibrin scaffolds with an elastic mod-
ulus of 2 kPa [155]. Both ECM developmental age and stiffness of the scaffolds
affected cardiovascular gene expression and network formation of c-kit+CPCs. The
endothelial gene von Willebrand Factor and the smooth muscle gene CNN1 were
both upregulated in CPCs cultured in stiff (32 kPa) adult and neonatal scaffolds
[155]. Furthermore, increasing stiffness inhibited cellular network formation [155].
Combined, these results suggest that both scaffold stiffness and developmental age
of ECM may direct CPC differentiation.

Studies investigating differentiation of c-kit+ CPCs derived from postnatal
sources have demonstrated successful differentiation into endothelial cells [18, 146],
smooth muscle cells [2], and fibroblasts [2, 18, 38]; however, few studies have suc-
cessfully differentiated c-kit+ CPCs into cardiomyocytes at a clinically relevant rate
[18, 146]. A study by Hazeltine et al. split CPCs from tissue culture plastic to hydro-
gels with physiological substrate stiffnesses. They reported that substrate stiffness
did not impact the efficiency of CPC differentiation to cardiomyocytes; however,
substrate stiffness promoted cardiac differentiation during early mesoderm speci-
fication and promoted mature cardiomyocyte phenotype post differentiation [50].
There is a need for more studies that interrogate the interactions between CPCs and
temporal changes to cECMmechanics and composition throughout development, in
particular studying ckit+ CPCs from earlier developmental stages.

5.2 Cardiomyocyte-cECM Interactions

Cardiomyocytes (CMs) comprise 30% of the native cells in the adult heart, and
the behavior of embryonic CMs are different from the behavior of adult CMs. The
human heart is one of the first organs formed in the embryo, and it begins to beat
around 22 days post fertilization. As mentioned previously, the embryonic heart tube
consists of an inner layer of endothelial cells (ECs) and an outer layer of CMs [56].
In order for the heart tube to form a functional heart by birth, it is necessary for cells
to undergo epithelial to mesenchymal transition (EMT) to form cardiac fibroblasts
(CFs). CFs are the major cell type responsible for the secretion of cECM; however, in
the early embryonic heart, components are secreted by contractingCMs.Components
secreted by CMs that promote EMT include laminins and other glycoproteins as well
as matrix-associated proteins, including members of the TGF-β family of cytokines
and receptors [56].

In addition to matrix deposition, CMs must proliferate and migrate to form a
functioning heart. Many studies have investigated paracrine signaling between the
epicardium and endocardium as mechanisms promoting CM proliferation. Secreted
insulin growth factor (IGF) [79] and canonical Wnt [14] signaling are involved in
modulating the numbers of and size of CMs and thus the size of the embryonic
heart. Fibroblast growth factors (FGF) and bone morphogenetic proteins (BMPs)
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also demonstrated a proliferative effect on CMs during embryonic development [62,
159]. Given the abundance of growth factors needed to orchestrate CM proliferation,
it is vital to understand the role cECM plays in cell-cell communication. Fan et al.
gives a detailed review on interstitial transport in ECM [32]. The diffusion of these
growth factors is critical for proper development and morphogenesis, and the cECM
plays an important role in regulating not only the diffusion of thesemolecules, but also
their sequestration. Heparan sulfate proteoglycans (HSPGs) are a family of proteins
that are a part of the nonstructural ECM. Heparan sulfate (HS) chains are able to bind
to a broad range of ligands [98], and thus can hinder the diffusion of growth factors.
In contrast,Wnt proteins are hydrophobic molecules and require transportation using
lipoprotein particles in the cECM [153]. Recent studies by our group have shown that
embryonic cECM promotes CM proliferation [156], suggesting that the composition
and ratio of components in cECM are important to understanding CM proliferation
and morphogenesis in the embryonic heart.

Embryonic CMs are also exposed to passive and active mechanical forces gener-
ated by cECM during heart development. For example, during development, passive
cECM elasticity increases from a soft mesoderm tissue (~0.5 kPa) [48] to a semi-stiff
tissue (10–15 kPa) [47]. This increased tissue stiffness throughout cardiogenesis is
caused by the infiltration and proliferation of cells that deposit and reorganize cECM
components. Fibronectin, the most abundant component in fetal cECM [156], is crit-
ical for embryonic heart development. Studies in fish and mice suggest that the cell
surface receptor integrin α5β1, which specifically binds to fibronectin, is required for
proper symmetry in heart development [111]. Interestingly, studies showed CMs cul-
tured on amatrix with heart-like elasticity could achieve functional contractility [30],
and other studies showed an increase in proliferation of CMs cultured on embryonic
cECM [156]. Furthermore, embryonic CMs cultured on ECM substrates mimicking
the mature heart tissue produced more organized sarcomeres and had greater func-
tionality in their mature state [66]. Temporal effects of cECM stiffness also change
the function of CMs and may be important, as in addition to the passive increase in
cECM stiffness, contractile forces of beating CMs are resisted by cECM resulting
in a change in local stiffness [86, 126, 162]. A recent study by Young et al. utilized
dynamic hyaluronic acid hydrogels whose stiffness either changed from ~0.2–8 kPa
quickly (<70 h) or slowly (�100 h) over the course of a week to culture embryonic
chick CMs.Myocytes cultured on the more dynamic hydrogels developed myofibrils
with a z-disc spacing of 1.8 μm, indicative of a mature myofibrils, while myocytes
cultured on the less dynamic hydrogels exhibited lower z-disc spacings and immature
sarcomeres [162]. Furthermore, compared to static hydrogels, dynamically stiffening
hydrogels exhibited time-dependent up regulation of kinases (e.g. PI3K/AKT, p38
MAPK) that promote CMmaturity and survival and a downregulation of GSK3β, an
antagonist of cardiomyocyte maturity [162]. These results suggest that CM matura-
tion is at least partially modulated by dynamic mechanosensing at focal adhesions
and suggest a combination of static and dynamic changes to cECM stiffness drives
CM maturation. Studies have demonstrated that there is an optimal match between
the tissue stiffness and local stiffness sensed by CMs which is needed for the optimal
assembly of myofibrils and thus CM function [86, 126].



326 M. C. Watson et al.

The mechanical load of the heart drastically changes upon birth: substrate stiff-
ness increases to ~10–15 kPa [30] and left ventricular systolic pressure increases
to ~14–17 kPa [70, 166]. Furthermore, post-natal cardiomyocyte proliferation dras-
tically decreases compared to fetal cardiomyocytes, and hypertrophy becomes the
main mechanism for cardiomyocyte growth as we age [156]. To account for these
changes, cardiomyocyte phenotype and interactionswith cECMalso change tomain-
tain homeostasis. Recent studies investigated the work of ventricular cardiomyocytes
on gels with physiological and pathological stiffnesses and cECM components [4,
101]. Neonatal rat ventricular cardiomyocytes cultured on gels of normal stiffness
stamped with fibronectin generated higher stresses and maximal cardiac work when
compared to cardiomyocytes cultured on either soft or pathological stiffnesses [101].
A similar study investigated amixed population of neonatal rat ventricular cardiomy-
ocytes and cardiac fibroblasts cultured on 13 kPa gels and 90 kPa gels coated with
either fibronectin or laminin, and reported that cross-sectional systolic force remained
the same throughout the varying conditions; however, peak systolic work was lower
on the 90 kPa gels [4]. These studies suggest that cECM stiffness tightly regu-
lates the contractility of cardiomyocytes. Due to the significant mechanical work
cardiomyocytes must output, understanding their energy consumption is critical.
Mitochondria contribute to ~35% of cardiomyocyte cell volume, likely due to the
significant work output of cardiomyocytes [25, 43]. One study investigated cECM
elasticity onmetabolic activity of cardiomyocytes and demonstrated that cECM stiff-
ness regulatedmitochondrial function [84]. Interestingly, in a similar study,metabolic
respiration of ventricular cardiomyocytes was observed to be higher on gels mim-
icking immature cECM stiffness (1 kPa) compared to cardiomyocytes cultured on
gels with a physiological stiffness (13 kPa) [101]. This suggests that there is an inef-
ficient coupling between the contractile work of cardiomyocytes and metabolism of
cardiomyocytes. These studies suggest that cECM stiffness dominates over cECM
composition with respect to controlling cardiomyocyte contractility andmetabolism;
however, further studies with more complicated three-dimensional in vitro models
could further improve upon the understanding of cECMmechanics and composition
and cardiomyocyte metabolism and contractility.

5.3 Cardiac Fibroblast-cECM Interactions

Cardiac fibroblasts (CFs) are a cardiac cell type essential to homeostasis of cECM
[140] and CFs constitute a large proportion of the non-cardiomyocyte cell population
in the heart [103]. CFs are observed in the developingmurine heart by embryonic day
12.5, and throughout development their numbers increase [6]. It is believed that the
majority of CFs are formed during development via EMT [24] from the epicardium
although some are also thought to be derived from the neural crest. Once epithelial
cells undergo EMT, platelet-derived growth factor (PDGF) and transforming growth
factor β (TGF-β) promote differentiation into a cardiac fibroblast phenotype [125];
however, these proteins must be tightly regulated, as an overexpression of TGF-β
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leads to fibrosis from CFs [82]. A recent study demonstrated that decreases in matrix
rigidity led to increased TGF-β-mediated apoptosis, while increased matrix rigidity
resulted in EMT [77]. In this manner, a negative feedback loop between cECM and
CFs regulating matrix stiffness maintains a low level of TGF-β in the microenvi-
ronment to maintain homeostasis. This negative feedback loop of matrix deposition
and mechanical sensing has also been observed in mesenchymal stem cells (MSCs)
during development; MSCs responded to substrate stiffness by changing their
extracellular matrix composition [40], which further regulates their phenotype.

While the function of CFs has been described in the adult heart, less is known
about CFs’ role during embryonic heart development. Compared to adult fibroblasts,
embryonic cardiac fibroblasts expressmore growth factors and secrete a greater abun-
dance of ECM proteins, such as fibronectin, several members of the collagen family,
and other glycoproteins and glycans, such as periostin, tenascin C, hyaluronan, and
proteoglycan link protein 1 [60]. The cECMcomponents deposited byCFs are largely
determined by the CFs’ ability to interpret mechanical forces by mechanotransduc-
tion [71]. For example, CFs can differentiate into myofibroblasts when exposed to
TGF-β and under conditions of high stress [145], increasing the contractility of CFs
and the amount of ECM components secreted by CFs. Due to the low stiffness of
embryonic cECM compared to adult cECM (~10–15 kPa) [47], an abundance of
fibronectin and collagen is necessary to increase the cECM stiffness and prepare for
the increased pressure load of blood flow postnatally [129]. Additionally, compared
to adult CFs, embryonic CFs do not contribute to observed hypertrophy in cardiomy-
ocytes co-cultured with adult CFs [60]. More work is necessary to understand the
role CFs play at different stages of embryonic development.

Postnatal and adult hearts experience dynamic changes in mechanical load at a
frequency of around 1 Hz. To maintain homeostasis, CFs sense this mechanical load
and respond with regulated matrix turnover. The healthy human heart maintains an
elasticity of ~10–15 kPa as measured by atomic force microscopy [42]. Studies have
demonstrated that CFs cultured on 5 kPa polydimethylsiloxane (PDMS) or PAA
gels displayed radial geometries while CFs cultured on 30 kPa PDMS or PAA gels
are polarized [107]. Additionally, both increasing substrate stiffness and increased
TGF-β exposure have been shown to induce myofibroblast phenotypes in CFs [145,
158]. Primary CFs cultured on substrates greater than 3 kPa demonstrate a proto-
myofibroblast phenotype with the early formation of actin stress fibers [145, 161].

Homeostasis is maintained via proper cell-cell and cell-environment interactions
and cyclic strain has been shown to regulate myofibroblast phenotype. A recent study
has proposed that cyclic mechanical stretch may upregulate the natriuretic peptide
system, potentially reducing CF differentiation to myofibroblast phenotype [145,
150]. Cyclic strain has also been shown to increase CF production of collagen I and
fibronectin [45, 145],maintaining homeostasis.Whilemany studies have investigated
strain and stiffness independently of CF phenotype, it is necessary to investigate both
substrate stiffness and cyclic strain together to better understand conditions in the
healthy heart.

Importantly, there are likely significant interactions between passive stiffness and
mechanical strain in regulating CF phenotype. A study investigating both substrate
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elastic moduli and cyclic strain concluded that substrate stiffness had temporary
effects on CF remodeling, while cyclic strain and mechanical loading can induce
stiffer environments [73, 145]. Similarly, studies on valve interstitial cells (VICs),
a CF-like cell in the valve interior, suggest that substrate stiffness and dynamic
stretch can promote cell spreading in soft (<3 kPa) environments [138, 145]. A
detailed review by van Putten et al. gives further information ofCF differentiation and
response to mechanical cues [145]; however, more studies are needed to accurately
model the beating healthy heart and elucidate mechanisms that maintain homeostasis
in the context of mechanical strain.

5.4 Endothelial Cell-cECM Interactions

Like CFs and CMs, ECs are exposed tomany passive and active forces during embry-
onic heart development. Notably, ECs have a direct interface with blood flow and
are responsive to flow-induced shear stress [22]. They can also sense mechanics of
the surrounding cECM, and increase their spread area and their assembly of actin
stress fibers in response to a substrate stiffness of around ~3 kPa [57]. There are
also many biophysical cues that affect ECs during endocardial development, such as
mechanical forces generated by the stiffness of the cECM [46]. Extracellular proteins
of the glycocalyx, sialic acid, and hyaluronic acid contribute to mechanotransducive
pathways of ECs [115, 137]. While it is well-established that ECs are mechanosensi-
tive cells, there are many open questions associated with understanding their role in
embryonic cardiac development. More studies must focus on interactions between
ECs and ECM considering the composition and organization of the ECM and effec-
tive transport and motility of signaling molecules. For example, Neuregulin-1 is
shown to be secreted by microvasculature ECs and activates both ErbB2 and ErbB4
on CMs inducing kinase cascades which can modulate myocyte cell growth and sur-
vival [100, 119, 121]; however, few studies have investigated how mechanics, such
as substrate stiffness, wall shear stress, and pressure load may impact EC expression
of Neuregulin-1.

6 Pathological Cell-cECM Interactions

As described above, there are many feedback loops that tightly regulate homeostasis
during physiological development. However, certain pathologies can induce positive
feedback loops leading to drastic remodeling of cECM. Heart failure associated with
cardiac fibrosis results from increased loads and increased tissue stiffness [123].
Cardiac fibrosis can be triggered by local tissue injury and increased mechanical
load [102, 123]. Reparative cardiac fibrosis occurs after cardiomyocyte necrosis,
with increased collagen accumulation at the location of cell death. One example of
reparative fibrosis is the fibrosis that occurs after myocardial infarction (MI) [123].
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Fig. 4 Characterization decellularized myocardial infarcts. a Representative images of decelled
healthy and infarcted rat hearts. bRepresentative two photon confocal images of collagen deposition
after infarction (red = forward second-harmonic generation, green = backward SHG). c Stress
strain curves of healthy and unhealthy ventricle tissue. d Tangent modulus of healthy and diseased
ventricle, demonstrating an increase in stiffness as a function of remodeling time. Taken from [136]

After MI, left ventricular remodeling is induced by inflammation and an immune
response, leading to myocardial cell death, and cardiac fibrosis resulting in scarring
of the infarct region [102, 105, 106]. First, immune cells release matrix metallo-
proteinases (MMPs), which digest and degrade the cECM, allowing for infiltration
of more immune cells and the invasion of myofibroblasts [134]. Myofibroblasts are
responsible for the deposition of collagens type I and type III that increase the stiff-
ness of the infarct region with remodeling time post-MI [34, 134] (Fig. 4). These
alterations in cECM composition and mechanics in response to cardiac fibrosis mod-
ulate the phenotype of fibroblasts, cardiomyocytes, and endothelial cells as described
in the sections below.

6.1 Myofibroblast-cECM Interactions

While physiological heart tissue typically has a stiffness of ~10–15 kPa [30], fibrotic
tissue typically has a stiffness of ~20–100kPa [135, 144]. In response to this increased
matrix stiffness, native fibroblasts and other resident cells, such as smooth mus-
cle cells and perivascular pericytes, transition to become myofibroblasts [54, 72,
144, 158]. Cardiac myofibroblasts are identified by their expression of alpha smooth
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muscle actin (αSMA) and their ability to more efficiently secrete extracellular matrix
components compared to resident cardiac fibroblasts [23]. The transformation of res-
ident cells to myofibroblasts occurs in two stages. During the first stage, fibroblasts
transition phenotype to become “proto-myofibroblasts” [139]. Proto-myofibroblasts
are characterized by formation of actin stress fibers in the cytoplasm [23, 54]. Addi-
tionally, stress fibers terminate in small integrin adhesion complexes, and allow
the proto-myofibroblasts to infiltrate the infarct area through enhanced migration
capabilities [23, 145]. These integrin adhesion complexes also allow the proto-
myofibroblast to transmit and sense mechanical forces to and from the surrounding
cECM, inducing the secretion of collagens and fibronectins within the wounded area
[23]. The increased deposition of collagen consequently increases the stiffness of
the surrounding cECM. In the second stage, large mechanical stiffness and strain
cause the small integrin adhesion complexes to develop into large focal adhesions
[42, 145]. These large focal adhesion complexes allow incorporation of αSMA into
the stress fibers, inducing fully-developed myofibroblasts [42, 145].

Myofibroblasts havemanymechanismswhich allow them to sense themechanical
environment, although the primary mechanosensors are integrins. Several integrins
allowmyofibroblasts to sense the mechanical state of the surrounding cECM, includ-
ing collagen sensing integrins α1β1, α2β1, α11β1, and α1β3 and fibronectin binding
integrins α5β1, α8β1, αvβ1, αvβ3, and αvβ5 [88]. The role of these integrins in con-
trolling fibroblast behavior has been reviewed elsewhere [17]. In environments under
an increased mechanical load, these integrins can bind specifically to strained cECM
proteins. For example, normal cECM is rich in latent TGF-β1. On stiff substrates,
myofibroblast contraction mediates the release of TGF-β1 from cECM through the
transmission of force via αv integrins [51, 145]. Activated TGF-β1 released from the
cECM under mechanical stress and strain further promotes differentiation of fibrob-
lasts to myofibroblasts [158] as well pericardial cells to myofibroblasts via EMT
[97]. In addition to myofibroblasts, stiffness and contractility affects cardiomyocyte
function. An understanding thatmyofibroblasts develop in response to compositional
changes and mechanical changes to cECM offers potential therapeutic strategies to
combat these fibrotic pathologies. For example, therapies targeting the mechanisms
bywhich CFs sensemechanical forces could help to reducemyofibroblast phenotype
without impeding the function of cardiomyocytes.

6.2 Cardiomyocyte-cECM Interactions

CMs must respond to the compositional changes in cECM driven by myofibrob-
lasts and mechanical changes induced by cardiac fibrosis to maintain heart function.
Recently, substrate stiffness was shown to affect cardiomyocyte action potential
duration. The study by Boothe et al. showed that primary isolated rat ventricular
myocytes generated the longest action potential duration on hydrogels having a stiff-
ness of 9 kPa, while duration was significantly reduced when the cells were cultured
on 25 kPa gels [10]. Furthermore, the voltage at maximum calcium flux decreased in
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cardiomyocytes seeded on hydrogels with an elasticity greater than 9 kPa [10]. CMs
undergo increased cell spreading on stiffer materials (Fig. 5) [30, 118]. Engler et al.
investigated single cardiomyocytes seeded on physiological stiffness and pathologi-
cal stiffnesses. Cardiomyocytes seeded on hydrogels with a physiological stiffnesses
(~11 kPa) beat at ~1 Hz, with 20% of the population spontaneously beating. On
stiffer substrates, the contraction frequency decayed to less than 1 Hz and sponta-
neous beating was only observed in 2–8% of the population [30]. It is suggested
that single cardiomyocytes can sense matrix stiffness through adhesions that simul-
taneously sense fast cardiac contractions and slow non-muscle myosin contractions.
The combination of these adhesions causes continuous stretching of cardiomyocytes
on fibrotic stiffnesses. Furthermore, activation of protein kinase-C (PKC) induces
hypertrophy in cardiomyocytes cultured on stiff substrates by activating non-muscle
myosin, and both PKC and non-muscle myosin are upregulated after myocardial
infarction [30].

In addition to changes to cECM stiffness orchestrated by cardiac fibrosis, compo-
sitional changes in cECM may play a role in orchestrating pathological cardiomy-
ocyte phenotype. For example, the pressure overload associated with left ventricular
remodeling induces overexpression of collagens and fibronectins, and also increases
levels of collagen and fibronectin-binding integrins [17, 90]. Changes in cECM com-
position and mechanics, as well as changes in integrins, may lead to pathological
organ function induced by cardiac fibrosis. Tenascin-C (TNC) is a cECM protein
that is present during early cardiac development and is typically repressed in adult
tissues; however, in response to pathologies such as reparative cardiac fibrosis and
pressure overload, increased levels of TNChave been observed [142]. TNC is capable
of detaching CMs from cECM, possibly leading to CM apoptosis and the invasion
of myofibroblasts and immune cells [142]. The abundance of many more cECM
proteins are likely modulated by pathological stresses that change cECM mechan-
ics, and more studies should be done to elucidate potential therapies targeting these
cECM molecules.

6.3 Endothelial Cell-cECM Interactions

Matrix metalloproteinases digest necrotic cardiomyocyte tissue and fibrotic cECM,
allowing infiltration of proliferative non-myocyte cells such as CFs and ECs. Latent
TGF-β1 is released by the cECM following infarction and induces ECs to undergo
endothelial-mesenchymal transition (EndMT) and become myofibroblasts, con-
tributing to the stiffening of the cECM [145, 165]. In addition to the transition of
ECs to myofibroblasts, an additional function of ECs is to provide oxygen and nutri-
ents to the native tissue through intricate networks of capillaries. This function is
negatively affected by pathological changes in cECM. Endothelial cells cultured on
stiff fibronectin or collagen-coated surfaces show increased cell-cell permeability
and decreased angiogenic sprouting [160]. A study by Sack et al. showed that the
way endothelial cells process vascular endothelial growth factor (VEGF) tethered
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Fig. 5 Beating sensitivity (a, b) and spreading (c) of cardiomyocytes seeded on matrices of varied
stiffness. Adapted from [30]

to the cECM is aberrantly modulated by substrate stiffness via downregulation of
integrin β1 in endothelial cells cultured on stiff substrates.

Many studies have investigated the effects of shear stress on the function of ECs
[19, 26, 131], while fewer studies have investigated the effects of both shear stress
and substrate stiffness. In one study, it was observed that EC spreading and stiffness
increases when cultured on stiff substrates [37]. This study further investigated com-
binatory flow-induced shear stress and substrate stiffness. Alignment of endothelial
cells has been used as a defining feature of vasculature homeostasis [131]. Unlike
other studies where ECs aligned with physiological shear stress (1 N/m2), greater
shear stress was needed to align ECs on stiffer substrates [37]. This suggests that sub-
strate stiffness has an important role in modulating EC behavior, and that increased
cECM stiffness may have aberrant effects on EC phenotype.
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7 Conclusions and Remaining Questions

In summary, throughout development, cardiac cells and cECM are highly interactive.
Changes in the mechanics (e.g. substrate stiffness, stretch and strain, pressure load,
etc.), composition and organization of cECM cause changes in cardiac cell pheno-
type which further modulates changes in cECM mechanics and cECM composition
and organization in a continuous feedback loop. The complex mechanics of cECM
and cardiac tissue modulate cardiac cell responses and orchestrate healthy or patho-
logical behaviors of the cardiac cells and the heart. We have discussed how cECM
mechanics change at different developmental ages and how cECMmechanics change
during cardiac fibrosis. Furthermore, we have discussed how these changes in cECM
mechanics and composition induce changes in the phenotype of severalmajor cardiac
cell types (cardiac fibroblasts, cardiomyocytes, and endothelial cells); however, there
remain many questions regarding how developmental and pathological changes to
cECM mechanics and composition modulate the multicellular interactions between
cardiac cells and cECM. A few that we have include:

• Studies of congenital heart disease aremostly reliant on patients and expensive ani-
malmodels.Howdowedevelop an in vitro system to study pathologicalmechanics
in the human embryo?

• Adult cardiomyocytes dedifferentiate upon isolation, and stem cell derived car-
diomyocytes express immature phenotypes. How do we investigate how adult
human cardiomyocytes behave in response to different mechanical stresses?

• In addition to collagens and fibronectins, there are hundreds of other proteins that
compose cECM. Which proteins are important? How do the abundancies these
proteins change cECM mechanics? How do these proteins change cardiac cell
phenotype?

• Howdo cECMmechanics throughout development influence the rest of the cardiac
cell population (e.g. immune cells,mesenchymal cells, smoothmuscle cells)?How
do we determine what populations of cell types to use in in vitro models? How
will different populations of cell types alter the cECM mechanics and cECM
composition?

Future studies should continue to explore these questions by utilizing new tech-
nologies to improve upon existing in vitro platforms, investigate ways to mature
and characterize stem cell derived cardiac cells, and explore how changes in cECM
properties effect a more proportional heterogeneous cell population which includes
the “minor” population of cardiac cells, along with cardiomyocytes and cardiac
fibroblasts. Furthermore, the study of the importance of some of the more minor
abundance proteins in the cardiac ECM is important for understanding their role in
cardiac development and disease and may lead to the development of more ECM-
related therapeutic approaches for cardiac maladies. Lastly, while outside the scope
of this review, the degradation of the ECM during remodeling in development and
disease also generates soluble fragments of the ECM that may signal cells in differ-
ent ways that the whole proteins. These so-called matrikines or matricryptins may
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also ace in concert with mechanical cues from the degrading ECM to help drive
cell phenotype and should be studied in more detail in subsequent lines of research.
Overall, these studies will improve our understanding of the interactions between
cardiac cells and cECM, and may elucidate therapies to better treat cardiac diseases.
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Multi-scale Mechanics of Collagen
Networks: Biomechanical Basis
of Matrix Remodeling in Cancer

J. Ferruzzi, Y. Zhang, D. Roblyer and M. H. Zaman

Abstract The studyoffiber network structure andmechanics is key to understanding
extracellularmatrix (ECM) remodeling in a variety of diseases, including cancer. The
tumor microenvironment, which consists of stromal cells and ECM constituents, is
altered by tumor cells via biochemical and biomechanical signals in order to support
cancer progression. In particular, the tumor ECM displays consistent remodeling
phenotypes that have been shown to aid cancer invasion both in vivo and in vitro.
In this chapter, we focus on collagen—the most abundant protein in the body that
endows the ECM with its structural and mechanical properties. Hydrogels made of
reconstituted collagen fibers are commonly used as ECMmodels to study cell-matrix
interactions and cancer cell migration in vitro. Due to their hierarchical organiza-
tion, collagen networks reveal complex mechanical properties at different length
scales. We present a comprehensive review of the experimental and modeling tech-
niques available to investigate the structure and multi-scale mechanics of collagen.
We emphasize the nonlinear mechanical properties of collagen from monomers to
fiber networks and highlight the different aspects of collagen mechanics investigated
using different loading conditions. Improved methods for quantitative imaging and
biomechanical modeling are continuously needed to provide a holistic understanding
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of collagen remodeling in response to cell-generated traction forces and to elucidate
the mechanobiological pathways underlying cellular responses to biophysical cues.

1 Introduction

The extracellular matrix (ECM) is a tissue compartment constituted by proteins,
glycoproteins, and glycosaminoglycans that assemble to form a complex three-
dimensional (3D) network [1]. Such a matrix is endowed with tissue-specific struc-
tural features that allow optimal biomechanical function and biochemical signaling
through the insoluble matrix. Structural, mechanical, and transport properties of the
ECM evolve dynamically due to active remodeling by resident cells and can be
impaired by multiple diseases, including cancer [2, 3]. Typically, disease processes
initiate as abnormal cell behaviors, progress via imbalanced cell-matrix interactions,
and finally manifest themselves as disrupted tissue homeostasis and function. In sev-
eral cancers, including breast carcinoma, typical steps in the tumorigenic cascade
include abnormal proliferation of mammary epithelial cells, rupture of the basement
membrane, engagement of the fibrous ECM, and invasion [4]. Invasion from the
primary tumor, as individual cells or as multicellular clusters [5], represents the first
step towards metastasis, the main cause of cancer-related deaths. Type I collagen rep-
resents the most abundant protein in the human body, and the primary load-bearing
structural element of the ECM. Cells adhere to, and migrate through, fibrous colla-
gen networks in response to topographic, mechanical, and chemical cues [6] while
remodeling of such microenvironment occurs via matrix deposition, proteolysis, and
physical engagement [7]. Cancer progression is therefore associated with remodel-
ing of collagen, which causes biomechanical alterations in the matrix and fosters a
malignant phenotype [8]. Matrix stiffness, often quantified as linear Young’s mod-
ulus, has long been regarded as the primary biomechanical factor impacting cell
behavior [9–11], despite mechanical properties of tissues are known to be not only
non-linear and anisotropic, but also viscoelastic and poroelastic [12]. Reconstituted
networks of collagen I have been widely employed both as scaffolds for tissue engi-
neering and as three-dimensional matrices to investigate mechanisms underlying
cell-matrix interactions, and are characterized by complex mechanical properties
[13]. Both in vivo and in vitro, tumors exert tensile and compressive forces on the
matrix due to uncontrolled proliferation and enhanced contractility of cancer cells.
Such cell-generated forces engage collagen fibers and—due to the unique properties
of fibrillar collagen—lead to matrix remodeling, which in turn facilitates migra-
tion, invasion, and metastasis. Hence, collagen’s unique structural and mechanical
properties underlie remodeling phenotypes observed in several types of cancer as
well as the mechanobiological pathways involved in invasion and metastasis. This
chapter focuses on collagen structure and mechanics with relevance to tumor-matrix
interactions. Specific attention is paid to scale dependency, sources of non-linear
behavior, and differences between various modalities of loading. First, we describe
biomechanical features of the tumor ECM in vivo and how they can be reproduced
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in vitro using single cells or multicellular spheroids embedded in 3D collagen net-
works. We then briefly review techniques to control collagen hydrogel architecture
in vitro and present methods for quantitative imaging of fibrous collagen. Second,
we describe experimental methods developed to measure mechanical properties of
collagen at various length scales, from molecular to tissue level. Third, we review
available modeling approaches to simulate the multi-scale mechanics of collagen.
We conclude the chapter by discussing how experiments and models are combined
to estimate traction forces generated by cancer cells migrating within complex 3D
collagen networks.

2 Collagen Remodeling in Breast Cancer

2.1 The Tumor ECM

A distinct feature of many cancers, and particularly of breast carcinomas, is desmo-
plasia, the chronic deposition of collagen in the tumor microenvironment [3]. The
increased content of collagen at the tumor margin is usually associated with a stiffer
mechanical behavior, which likely arises from a combination of increased density,
alignment, and cross-linking of stromal collagen. In breast cancer, collagen density
is directly related to mammographic density [14], which is a known risk factor [15],
while collagen alignment was found to facilitate cancer invasion and to correlate
with patient outcomes [16, 17]. In particular, the group led by Patricia Keely [18, 19]
identified three different stages in the so-called tumor-associated collagen signatures
(TACS): randomly oriented collagen which retains significant waviness (TACS-1),
dense collagen fibers aligned parallel (TACS-2), and perpendicular (TACS-3) with
respect to the tumor margin (Fig. 1a). While the TACS-1 phenotype is reflective of
the normal breast tissue, TACS-2 is likely caused by abnormal cell proliferation and
overall tumor growth, while TACS-3 has been shown to depend on cell contractility
[20] and to correlate with increased stiffness upon indentation [21]. Matrix stiff-
ness is primarily controlled by collagen cross-linking [22] and it has been shown
that high substrate stiffness can induce a malignant phenotype even in benign cells
[11]. ECM densification and stiffening can also increase interstitial fluid pressure
in solid tumors, thus generating hypoxia and acting as a barrier to drug delivery
[23]. Therefore, remodeling of fibrillar collagen plays an active role in invasion and
metastasis by establishing a positive feedback mechanism in which cell contractility
and collagen engagement cause tissue stiffening and hypoxia, which in turn elicit
further contractility and cell migration by impacting several hallmarks of cancer [8].
Matrix remodeling is defined as a change in matrix structure and mechanical prop-
erties [24]. Proteolytic degradation and de novo synthesis are known contributors to
matrix remodeling in cancer [25]. However, mechanical remodeling plays a key role:
forces are generated at the tumor-stroma boundary as a result of cell proliferation
and contractility and alter structure and mechanics of the fibrous matrix, thus leading
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to tissue remodeling. Tumor-generated forces induce complex mechanical responses
in the fibrous ECM, including non-affine fiber deformations, interstitial fluid flow,
viscoelastic and plastic deformations. Such complex responses can be investigated
by studying cancer cell behavior within reconstituted collagen networks.

2.2 In Vitro Models

The biophysicalmechanisms andmechanobiological pathways bywhich ECMstruc-
ture, mechanics, and remodeling influence breast cancer invasion can be elucidated
using 3D culture models [4, 26–28]. 3D cultures provide a physiologically relevant
context to study cell-matrix interactions by fully embedding single cells or cell clus-
ters within natural or synthetic hydrogels. A review of hydrogel materials used for 3D
cultures goes beyond the scope of this chapter, but the interested reader is referred
to the review by Caliari and Burdick [29]. Here, we will focus only on collagen
hydrogels because collagen is the major structural component of the ECM in vivo
and collagenmonomers self-assemble in vitro into 3D fiber networks which are com-
patible to culture nearly all cell types. Several groups have adopted the multicellular
tumor spheroid model [30] to recreate in vitro key features observed in solid tumors,
such as tumor heterogeneity and chemoresistance. Briefly, cancer cells are grown
in low attachment conditions, such as hanging drop or non-adherent cultures [31],
and self-assemble over the course of 24–48 h into 3D spherical structures containing
typically between 1000 and 20,000 cells [32, 33]. Once spheroids reach a critical
size, chemical gradients of nutrients, metabolic waste, and oxygen are developed.
The resulting hypoxia creates a necrotic core and has been involved in the emergence
of cancer stem cells [34], which are thought to contribute to tumor heterogeneity and
drug resistance. A realistic chemo-mechanical microenvironment can be reproduced
in vitro by embedding spheroids within collagen hydrogels. Spheroid embedding is
achieved by allowing liquid collagen to polymerize around individual spheroids, and
was used to investigate treatment response [34, 35] as well as spheroid-matrix inter-
actions [36]. Among the various breast cancer cell lines, the epithelialMCF-10A [37]
and the mesenchymal MDA-MB-231 [38] are widely used. These cells lines repre-
sent models of non-tumorigenic (MCF-10A) and post-metastatic (MDA-MB-231)
human mammary epithelial cells, and are often used in comparative studies [39]. 3D
cultures of tumor spheroids embedded in collagen hydrogels for 48 h display differen-
tial remodeling of the collagen matrix by the different cell lines (Fig. 1b). MCF-10A
spheroids proliferate while maintaining a nearly spherical geometry, which results
in the generation of compressive forces on the matrix and densification of collagen
around the spheroid margin. MDA-MB-231 spheroids, instead, align collagen fibers
radially via generation of contractile forces. As a result, single cells separate from
the main cell cluster to invade along the aligned collagen. These different types of
remodeling are reminiscent, respectively, of the TACS-2 and TACS-3 phenotypes
observed in vivo in mouse mammary tumors (Fig. 1a). Generation of compressive
and tensile forces by tumor spheroids on the surrounding microenvironment are also
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Fig. 1 Examples of compressive and tensile matrix remodeling driven, respectively, by prolif-
eration and contractility. a MMT-PyVT mammary tumor explants categorized as TACS-2 (left)
and TACS-3 (right) along with the respective histograms of fiber angles with respect to the tumor
boundary, where 0° indicates parallel fibers and 90° indicates perpendicular fibers. Modified, with
permission fromBioMedCentral, fromProvenzano et al. [16] BMCMedicine. Schematics reprinted
by permission from Springer Nature: Provenzano et al. [18] Clinical & Experimental Metastasis,
Copyright 2009. b Endogenous images generated by multicellular tumor spheroids embedded in
2 mg/mL collagen and acquired using multiphoton microscopy after 48 h in 3D culture. Cells are
shown in red as nicotinamide adenine dinucleotide (NADH) autofluorescence, while collagen is
displayed in green as second-harmonic generation (SHG). White arrows indicate collagen fibers
that are arranged parallel to the edge of MCF-10A spheroids and perpendicular to the edge of
MDA-MB-231 spheroids. Note how, in the latter case, cells migrate along the aligned fibers
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Fig. 2 Two MDA-MB-231 cells embedded in 1 mg/mL collagen and imaged after 48 h in 3D
culture remodel the surrounding matrix via adhesion and contractility to establish mechanical com-
munication along the shortest path separating them. Cells are shown in red as nicotinamide adenine
dinucleotide (NADH) autofluorescence, while collagen is displayed in green as second-harmonic
generation (SHG). Note how the matrix is densified around each cell and along the path separating
the two cells (left) thus revealing the presence of tensile and compressive forces that align and
compact collagen fibers (right). Note also how collagen is also aligned radially around individual
cells

reported elsewhere in the literature [40, 41]. The coexistence of compressive and
tensile forces can also be observed at a smaller scale by examining the remodel-
ing of collagen by single MDA-MB-231 cells (Fig. 2). In response to cell-generated
forces, collagenfibers simultaneously align along thepathofminimumdistancewhile
compacting perpendicularly, thus establishing a matrix-mediated mechanical link
between neighboring cells in the absence of cell-cell interactions. Matrix alignment
between individual cells or multicellular tissue explants is a common observation
in fibroblast-populated collagen lattices and indicates the development of tensional
homeostasis [42]. Plasticity of the collagen network underlies such remodeling, as
significant fiber alignment remains after disrupting the actin cytoskeleton or lysing
resident cells [43]. Nevertheless, Vader et al. [44] showed that collagen alignment in
presence of local mechanical loads occurs both in control and cross-linked networks,
with the latter displaying a fully elastic, rather than visco-plastic, behavior. There-
fore, the development of localized mechanical anisotropy and densification is a key
feature of collagen network mechanics, which enables long-range transmission of
mechanical loads [45].
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3 Micro-structure

It is important to understand and be able to control the micro-structure of colla-
gen networks in order to create realistic environments in vitro and expose cells to
specific micro-architectural cues. In this section, we present collagen self-assembly
from monomers to fibrils and methods to cross-link such fibrils into mechanically
competent networks.Wewill also discuss imagingmethods available for quantifying
microstructural features of collagen hydrogels used for 3D cultures.

3.1 Collagen Self-assembly

The basic molecular unit of collagen I is a triple helical peptide capable of inter-
acting specifically with other like peptides and self-assemble into fibrils. Collagen
self-assembly is an endothermic reaction largely driven by entropic contributions
and controlled by electrostatic and hydrophobic interactions. In vivo, collagen is
synthesized by cells as a precursor molecule (procollagen), secreted into the extra-
cellular space where it self-assembles into fibrils, and is later arranged as ordered
fibers thanks to cellular control and enzymatic activity [46]. In vitro, collagen self-
assembly generates network structures that are reminiscent of those observed in vivo
but are characterized by random orientations and by a variety of fibrillar sizes, due
to lack of cellular oversight and absence of other ECM components (e.g., proteo-
glycans). Monomeric collagen is usually extracted from rat tails or bovine skin and
maintained in acidic solutions, where the net positive charge on the monomers acts
against intermolecular aggregation [47]. Polymerization initiates spontaneously at
neutral pH and is catalyzed by increasing temperature, with different fibrillar struc-
tures obtained following a “neutral start” (increase in pH followed by a rise in tem-
perature) as opposed to a “warm start” (raise in temperature followed by pH neutral-
ization) procedure [48]. Regardless of the procedure, the kinetics of self-assembly
and the final fibril structure can both be controlled by tightly regulating concentra-
tion, temperature, ionic strength, and pH [49–53]. Measurements of turbidity [49,
54] and confocal microscopy [55] revealed that fiber network formation follows a
nucleation and growth process which progresses in three phases: a “lag” phase dur-
ing which most nucleating structures are formed, a “growth” phase where fibrils
aggregate via a combination of linear and lateral fusion, and a “plateau” phase in
which fibrils thicken as the monomers in solution are depleted (Fig. 3a). Collagen
self-assembles into fibrils which may then associate into fibril bundles. Regardless
of their size, herein we will refer to such structures as fibers. Experimentally, the
most common approach to control network structure and fiber size is by regulating
polymerization temperature and pH. Figure 3b shows that fiber size and pore area can
be increased by lowering pH [50, 53] or by decreasing polymerization temperature
[52, 55]. Interestingly, polymerization conditions impact fiber size by affecting the
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Fig. 3 Methods used to image collagen micro-structure. a Spectrophotometry allows one to mon-
itor the temporal evolution of turbidity (indicated as E) during collagen self-assembly. Turbidity
measurements show that the kinetics of self-assembly depends on concentration (top, 1—0.084%,
2—0.028%, 3—0.017%) and temperature (bottom, 1—37 °C, 2—25 °C, 3—20 °C), as well as
ionic strength and pH. Modified, with permission, from Wood and Keech [49] Biochemical Jour-
nal. b Scanning electron microscopy images of collagen hydrogels formed under various conditions
of temperature (left) and pH (right). A larger fiber size and pore area can be achieved by lowering pH
or temperature during self-assembly. Scale bars represent 500 nm. Modified from Raub et al. [52,
53] Biophysical Journal, Copyright (2007, 2008), with permission from The Biophysical Society.
c Light microscopy images of collagen hydrogels in their hydrated state using confocal reflection
microscopy (CRM, top), and multiphoton second-harmonic generation (SHG, bottom). Scale bars
represent 5 μm. Modified, with permission, from Brightman et al. [70] Biopolymers, and Zoumi
et al. [75] Proceedings of the National Academy of Sciences. Copyright (2002) National Academy
of Sciences, U.S.A

linear and lateral aggregation (bundling) of fibrils, while individual fibrils retain a
nearly constant size.

3.2 Collagen Cross-Linking

The final steps of network formation involve the generation of cross-links between
collagen fibrils that stabilize the network structure. Both weak and covalent inter-
molecular interactions contribute to cross-linking of the collagen network [47] which
underlies its elasticity. The transition from primarily viscous to elastic behavior
observed during polymerization has suggested that collagen self-assembly represents
a phase transition, and the development of mechanical stiffness can be interpreted
using percolation theory [56]. However, further mechanical stiffening of reconsti-
tuted collagen scaffolds is required to achieve mechanical properties similar to those
measured in excised connective tissues. The stiffness of collagen gels can be tuned
using a variety of cross-linkingmethods, including enzymatic, chemical, and physical
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techniques. Enzymatic cross-linking is the most natural approach as it recapitulates
the final steps of in vivo fibrillogenesis. The main enzymes that can be used to cross-
link collagen fibrils in vitro are lysyl oxidase [57, 58] and tissue transglutaminase
[59, 60], although they both cause modest changes in tissue mechanical properties.
Chemical cross-linking is commonly achieved using glutaraldehyde (GA), a bifunc-
tionalmolecule that interactswith the ε-amino groups of lysine and hydroxylysine via
its aldehyde groups [61–63]. Cytotoxicity represents the main drawback of GA and
limits its use for 3D cell cultures. Glycation represents a method for chemical cross-
linking of collagen that employs sugars, such as glucose or ribose [64, 65]. It is an
appealing alternative to GA because cells or spheroids can be embedded in collagen
monomers that were pre-incubated with sugars, and increasing sugar concentrations
lead to significant changes in gel mechanics [66, 67]. A physical approach to cross-
linking is ultra-violet (UV) light irradiation [68]. For the interested reader, a detailed
review of methods available to control collagen architecture and cross-linking was
offered by Hapach et al. [69].

3.3 Quantitative Imaging

The generation of physiologically relevant collagen scaffolds via self-assembly can
be evaluated by using a variety of quantitative imaging techniques. The oldestmethod
used to image collagen fibrillogenesis is spectrophotometry (Fig. 3a), in which rela-
tive changes in the absorption of light—reported as turbidity measurements—were
used to track the kinetic details of fibril formation [49]. This method, however, pro-
vides no structural details regarding local fibril structure and global network archi-
tecture. Electron microscopy (EM) represents the gold standard for visualizing the
structure of self-assembled collagen gels. Both transmissionEM(TEM) and scanning
EM (SEM) are commonly used to image collagen fibril and fiber structure: the former
is primarily used to studymolecular details such as the periodic banding (D-banding)
of collagen fibrils while the latter is used to image supra-molecular arrangement of
fibrils into bundles and porous networks (Fig. 3b). The high-resolution power of
EM requires sample fixation and dehydration, thus not allowing live imaging. Over
the past twenty years, advances in light microscopy have dramatically improved our
ability to visualize collagen in vivo and in vitro and quantify biophysical details of
cell-matrix interactions. Confocal and multiphoton microscopy represent powerful
tools to visualize the time-resolved, three-dimensional distribution of endogenous
and exogenous fluorophores. Confocal reflection microscopy (CRM) enables visu-
alization of collagen fibers without the need for fluorescent labeling (contrast is
generated by backscattered light [70]) and has been widely employed to visual-
ize collagen-matrix interactions in vitro [43, 71–74]. Multiphoton microscopy has
emerged as a tool to image deep within biological tissues while separating second-
harmonic generation (SHG) and two-photon fluorescence (TPF). SHG is a signal
generated specifically from non-absorptive light-collagen interactions and therefore
provides local structural information from collagen without the risk of photobleach-
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ing. Instead, TPF depends on non-linear excitation of molecular fluorophores and
allows detection of endogenous molecules such as the metabolic co-factor nicoti-
namide adenine dinucleotide (NADH, cf. Figs. 1 and 2) [75, 76]. Importantly, TPF
has been shown to increase after chemical cross-linking of collagen with GA [52],
thus suggesting that multiphoton microscopy is not only sensitive to structural prop-
erties (e.g., fiber alignment) but also to functional properties (e.g., degree of cross-
linking). Due to its capacity for deep-tissue imaging, SHG has become the standard
to investigate collagen structure in tumors [16, 77, 78]. The major limitation of light
microscopy approaches is that collagen fibrils perpendicular to the imaging plane
generate very low CRM and SHG signals with respect to in-plane structures [79,
80], effectively reducing the amount of 3D information that can be extracted using
these techniques. On the other hand, these techniques allow imaging of unlabeled
collagen scaffolds or native tissues with no need for potential sample-altering prepa-
rations (Fig. 3c).

Quantification of network structure implies the characterization of collagen fiber
diameter, length, alignment, and density from image data. The most common imag-
ing techniques used to quantify collagenmicro-structure—primarily fiber orientation
and diameter—include SEM, CRM, and SHG. Fiber orientation has received con-
siderable attention as preferential alignment of collagen fibers underlies the devel-
opment of mechanical anisotropy in biological tissues. One of the first algorithms,
known as OrientationJ, is based on the calculation of a structure tensor for each pixel
which defines the predominant orientation as the direction of its largest eigenvector
[81]. Since then, other automated algorithms have been proposed which calculate a
pixel-wise metric of fiber orientation using various criteria, such as the squared gra-
dient methods [82] or directional statistics [83, 84]. Determination of fiber diameter
and length was initially based on manual measurements, that is plotting the image
intensity along a line path drawn parallel or perpendicular to the fiber, to quantify
fiber size [70]. More sophisticated semi-automated methods have been developed
as plugins or graphical user interfaces for image analysis platforms such as ImageJ
or Matlab. In particular, DiameterJ (an ImageJ plugin that includes OrientationJ)
was developed based on Euclidean distance transforms and was validated with the
goal of analyzing high resolution SEM micrographs [85]. Extraction of the colla-
gen network structure from CRM images with the purpose of predicting mechanical
properties of collagen hydrogels was introduced by Stein and colleagues with the
FIbeR Extraction (FIRE) algorithm [86]. FIRE extracts network organization by
defining nucleation points based on the local maxima of a distance function and by
tracing branches that extend from each nucleation point. Bredfeldt et al. [87] found
that preprocessing images using a discrete curvelet transform (CT) to denoise raw
images improved FIRE-based segmentation of collagen fibers from SHG images of
breast cancer tissues. This method, named CT-FIRE, has been released as a software
that allows automatic extraction of fiber diameter, length, waviness, and orientation
[88]. It should be noted that most of the image analysis methods developed so far
work only on 2D images, thus limiting the amount of truly 3D information that can
be extracted from image stacks. Accurate quantification of fiber structure is still a
challenging task both experimentally and computationally: sample preparation for
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TEM/SEM induces shrinkage due to fixation and dehydration whereas CRM/SHG
imaging is limited by the ability to detect only fibers with dimensions above the
diffraction limit for optical wavelengths (~λ/2 N.A., where λ represents the wave-
length of the exciting light and N.A. is the numerical aperture of the objective lens).
The mechanical properties of tissues are a function of fibrillar micro-structure, pres-
ence of preferential directions of fiber alignment, and degree of cross-linking. Thus,
accurate quantification of fiber network structure is a key step towards inferring
mechanical properties from structural data.

4 Micro-mechanics

The mechanical behavior of collagen is highly dependent on its underlying micro-
structure. In addition, measured properties vary based on the length scale at which
they are probed and on the type of imposed loads or deformations (e.g., tensile
vs. compressive). Figure 4 summarizes experimentally available methods to test
collagen mechanics at different length scales and under various loading conditions.
In this section, we will focus on methods developed to investigate collagen micro-
mechanics, from individual monomers to fiber networks.

Fig. 4 Schematic representation of the mechanical testing approaches available to investigate col-
lagenmechanics at different length scales. aUniaxial stretching of individual fibrils can be achieved
by using an AFM cantilever. b Rheological measurements at the microscale can be carried out by
embedding beads (1–4 μm in diameter) within the collagenous network and applying linear dis-
placements or rotations externally via lasers (optical tweezers) or magnetic fields (magnetic pulling,
magnetic twisting). cBulk rheology, here shownwith a cone-plate geometry, characterizes the prop-
erties of the sample under shear with the option of simultaneously varying the axial strain. d Tensile
testing, here shown in a biaxial configuration, applies loads in two perpendicular directions, thereby
allowing to characterize the degree of anisotropy due to preferential fiber alignment. Uniaxial tensile
testing is a special case of biaxial test, as it requires loading along one axis. e Confined compres-
sion is a uniaxial test that characterizes both compressive material properties and fluid transport
properties of the matrix, provided that a porous indenter is used
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4.1 Individual Monomers and Fibrils

A variety of nano- and micro-scale manipulation techniques—including optical
tweezers, atomic force microscopy (AFM), and microelectromechanical systems
(MEMS)—have been used to probe the mechanics of various molecules, including
collagenmonomers and fibrils. Procollagenmonomers in solution can be idealized as
rod-like molecules and direct measurements of force-extension behavior via optical
tweezers have shown that the triple helical molecules of collagen I and II are biome-
chanically flexible, non-linearly elastic, and stiffer than macroscopic tissues [89, 90]
(Fig. 5a). Elastic moduli for collagen monomers between hundreds of MPa and tens
of GPa have been reported in the literature, with the large variability due to exper-
imental uncertainty [91]. At the fibril level, AFM measurements have shown that
collagen monomers arrange helically to form rope-like structures having diameters
between 260 and 410 nm and lengths of 4–6 μm, which are not capable of bearing
compressive loads [92] and unfold under the action of tensile loads [93]. AFM has
been widely used not only for structural measurements but also to probe the mechan-
ical behavior of collagen fibrils by employing mainly two testing modalities. The
first involves uniaxial stretching of the fibril by attaching one end to a glass coverslip
and the other end to a tipless cantilever beam (Figs. 4a and 5b) [94, 95]. The second
one consists of a three-point bending test of fibrils deposited across a microchannel
[96, 97]. Interestingly, while the former has revealed nonlinearly elastic, viscoelastic,
and inelastic properties of collagen fibrils via force-extension experiments, the latter
has been interpreted using beam theory under the assumption of linear elastic behav-
ior, thus leading to the determination of elastic moduli from force-indentation data.
Despite the different underlying assumptions, both approaches have revealed that fib-
ril stiffness depends on hydration and cross-linking. Hydration reduces the stresses
experienced by the collagen fibrils by increasing their diameter of ~70%with respect
to dry conditions, but also by decreasing fibril stiffness: hydrated fibrils are softer (E
~ 300MPa) with respect to dry fibrils (E ~ 5GPa) [94] and this phenomenon has been
recently attributed to the weak intermolecular forces that seem to be modulated by
hydration [98]. Instead, covalent cross-linking via GA increases significantly fibril
stiffness, leading to a nearly three-fold increase in the measured Young’s modulus
[95, 96]. MEMS platforms have allowed investigators to perform controlled uniaxial
tensile tests with strain tracking via fluorescent labeling of collagen [99]. In general,
uniaxial testing via MEMS leads to a nearly linear stress-strain behavior followed
by plastic yielding, and sometimes brittle failure [100–103]. In contrast, tensile test-
ing via AFM leads to marked nonlinear responses [94, 95, 98]. Such discrepancy
in material behavior is probably due to methodological differences and should be
investigated further, despite the fact that comparable values of liner elastic moduli
were obtained using bothmethods. Viscoelasticity of collagen fibrils was revealed by
the presence of hysteresis and strain-rate dependency. Stress-relaxation tests are best
described using a two-term Maxwell model [95, 104] in which the time constants
have been implicated with sliding of microfibrils (fast time scale) and collagen triple
helices (slow time scale).
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Fig. 5 Micro-mechanical experiments on collagen allow one to characterize its material properties
at different length scales. a A collagen monomer can be stretched by attaching it to two polystyrene
beads, one of which is linked to a larger bead clamped to the microscope stage, while the other is
trapped optically using a laser (top). Extension of the molecule is imposed by moving the stage,
thus revealing nonlinear force-extension behavior of collagen II (bottom), with similar results for
collagen I. Modified from Sun et al. [90] Journal of Biomechanics, Copyright (2004), with per-
mission from Elsevier. b Extension of an individual fibril or fiber can be achieved by gluing one
of its ends to a glass coverslip and the other end to an AFM tip (top). Uniaxial stretching reveals
nonlinear material behavior and hysteresis in hydrated collagen fibrils (bottom). Modified, with
permission, from van der Rijt et al. [94] Macromolecular Bioscience. c Optical trapping enables
controlled linear displacement of beads embedded within a 3D collagen network (top). Local force-
displacement curves measured at varying distances from a cancer cell reveal that cell contractility
causes stiffening in the collagen network (bottom).Modified, with permission, fromHan et al. [115]
Proceedings of the National Academy of Sciences

4.2 Fiber Networks

Characterizing the mechanical response of a network of collagen fibers to loads
imposed at themicroscale is key to understanding the physicalmechanisms regulating
cell-matrix interactions. For this reason, there is an increasing interest in measuring
collagenmechanics at a length scale between 1 and 100μm, that is at the scale of a cell
or a group of cells. In fact, such studies often include cells cultured on top or within
collagen gels to investigate the feedback loop between cell adhesion/migration and
collagen mechanics. Based on its widespread use, AFM has been used also to indent
the surface of collagenous fiber networks. Elastic moduli are extracted from force-
indentation responses by using the linear Hertz model from contact mechanics [105],
which employs a series of assumptions that are likely not applicable to collagen. In
fact, collagen is assumed to behave as a linear, elastic, homogenous, and isotropic
material with a Poisson’s ratio of 0.5 to enforce incompressibility. Nevertheless,
AFM indentation has been used to detect matrix stiffening at the leading edge of
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cells migrating on top of collagen [106] and of acellular gels polymerized at various
temperatures [107]. Elastic moduli range between hundreds of Pa (E ~ 0.2 kPa
reported by van Helvert and Friedl [106]) to a few kPa (E ~ 1–9 kPa reported by Xie
et al. [107]). The major limitation is that indentation causes complex deformations
in the collagen network which make the interpretation of experimental data quite
challenging. Moreover, AFM is inherently 2D and does not allow measurement of
the 3D response to localized loads like those generated by embedded cells.

The main technique used to probe 3D micromechanical properties of viscoelastic
materials is known as microrheology. In analogy with bulk rheology (examined in
Sect. 5.1), microrheologicalmeasurements are concernedwith studying the deforma-
tion and flow around microscopic particles that are excited by thermal fluctuations
(passive microrheology) or by external force fields (active microrheology) [108].
Tracking the motion of such colloidal particles (often spherical beads) embedded
within a soft material enables extraction of its rheological properties, typically sum-
marized by the complex shear modulus G = G′ + iG′′, where G′ represents the
elastic storage modulus (in-phase component) and G′′ the viscous loss modulus (out-
of-phase component). For materials that behave like viscoelastic liquids, Brownian
motions of the particles elicited by thermal fluctuations are sufficient to extract mate-
rial properties such as viscosity, under the assumption of linear response to small
deformations. However, networks of collagen fibers behave as viscoelastic solids,
rigid enough to inhibit the Brownian motion of embedded particles. Hence, active
microrheology should be used to impose known forces or deformations and monitor
the response of a material that is driven out of its mechanical equilibrium [109].
Focused lasers and magnetic fields are used to apply external forces to embedded
beads in a static or sinusoidal fashion, with the latter interrogating material behavior
at multiple frequencies. While optical tweezers are designed to apply only linear
forces by trapping a bead within a laser beam, magnetic fields can be used to apply
both forces (magnetic tweezers) and torques (magnetic twisting), as shown in Fig. 4b.
Among these techniques, optical tweezers havebeenused to probe collagenmicrome-
chanics in several studies. Velegol and Lanni [110] used 2 μm polystyrene beads to
apply local deformations to collagen gels of concentrations ranging between 0.5 and
2.3 mg/mL. They found that collagen displays a primarily elastic response and that
the shear modulus increases with concentration with a mean value of G= 55 Pa over
the range of concentrations considered in this study. More importantly, its behav-
ior was found to be spatially inhomogeneous and, in a separate study, the authors
found that such heterogeneity was associated with the development of mechani-
cal anisotropy [111]. In fact, while solutions of triple helical collagen molecules
are spatially homogeneous, self-assembly into collagen networks generates spatial
mechanical heterogeneities due to the variety of interactions that are established
between the bead displacement and the local fiber orientation [112]. Local stiffness
and anisotropy can be assessed by displacing individual beads in two orthogonal
directions and it has been shown that, for a given concentration, networks with larger
pore areas (polymerized at 21 °C) are locally softer and more anisotropic than denser
networks with smaller pores (polymerized at 37 °C) [113]. Opposite findings were
reported by Staunton et al. [114] who evaluated the frequency responses of various
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collagen microarchitectures by tuning collagen concentration and polymerization
temperature. Collagen gels with larger pore areas were also associated with longer
and thicker fibers and with stiffer properties. Both storage (G′) and loss (G′′) moduli
increase with frequency but present equal magnitudes only at the cross-over fre-
quency (~500 Hz): below collagen displays a primarily elastic behavior (G′ > G′′)
while at larger frequencies it displays a liquid-like behavior (G′ < G′′), thus showing
features of a glass transition. Recently, Han et al. [115] evaluated the local force-
displacement behavior of collagen by displacing optically trapped 4.5 μm beads at
a constant velocity of 1 μm/s to measure quasi-static responses. Despite absolute
network stiffness was not reported, micromechanical properties of collagen gels at
2 mg/mL were found to be highly nonlinear and to display spatial stiffness gradients
generated by contractile cells (Fig. 5c).

Magnetic twisting represents a valid, albeit less frequently used, alternative to opti-
cal tweezers. Ferromagnetic beads are first exposed to a strong but brief magnetic
field which aligns all the magnetic dipoles in one direction. Subsequent application
of a weaker magnetic field in a direction perpendicular to the magnetization direction
generates a magnetic torque, which has the same intensity for all the beads within the
volume of interest [116]. Magnetic twisting presents additional complications with
respect to optical tweezers because of the need to monitor bead rotations instead of
in-plane displacements, but it also offers the advantage of probing a large number of
beads at once, thus allowing high throughput experiments. With application to col-
lagen gels, magnetic twisting was first employed by Leung et al. [117] who showed
a primarily elastic behavior of 2 mg/mL collagen networks tested under static and
oscillatory twisting of 4.5μm iron oxide beads. In this study, the collective rotation of
all the beads embedded within a gel was estimated via an in-line magnetometer, thus
leading to a global estimate of local material properties. An implementation of mag-
netic twisting that is well suited to measure spatial heterogeneities relies on tracking
lateral displacements of individual, partially embedded, beads [118]. When partially
embedded on the surface of a continuum, a bead will undergo lateral displacements
upon the application of a twisting torque. This version of magnetic twisting was
applied to collagen gels by Li et al. [119] who showed that microscopic twisting is
less sensitive than macroscopic shearing to changes in collagen concentration. The
major disadvantage here lies in the 2D nature of such measurement and by the need
to estimate—via appropriate modeling—the role played by variable degrees of bead
embedding on the measured shear moduli. Finally, and to the best of the authors’
knowledge, magnetic tweezers have not been used to probe the micromechanics of
collagen but only to validate phenomenological constitutive relations determined
from macroscopic data [120]. Overall, various microrheological methods have led
to estimates of shear moduli for collagen gels in the range of 50–2000 Pa (E ~
0.15–6 kPa, assuming a Poisson’s ratio of 0.5) and are generally consistent with
estimates from bulk rheology [112, 114, 117].
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4.3 Scale Dependency

Themulti-scale nature of collagenmechanics is revealed bymicro-mechanical exper-
iments. In fact, the highest elastic moduli are measured in tropocollagen monomers
and display a consistent decrease asmonomers assemble into fibrils and fibers, and as
fibers entangle and cross-link to form networks (Table 1). Such differences are due to
molecular and structural effects and are best investigated by combining experimen-
tal measurements with mechanistic modeling at different length scales. In fact, the
relatively small differences observed between the mechanics of monomers and fib-
rils has been imputed to the sliding of tropocollagen molecules (cf. Sect. 6.1). More
significant differences are observed at the network level, where elastic moduli are six
orders of magnitude lower with respect to those of individual fibrils. Such mismatch
is based on the fact that network mechanics is dominated by non-affine deforma-
tions and nonlinear phenomena such as fiber buckling (cf. Sect. 6.2). A network
of cross-linked and entangled fibrils responds to complex loads by aligning in the
direction of tension and by collapsing in the direction of compression (Fig. 2), with
microscale fiber strains not necessarily matching the applied macroscopic strains. In
addition, it is important to note that microrheology techniques used at the network
level rely on the continuum assumption [108]. A fiber network can be reliably treated
as a continuum only if it exists a clear separation between the length scales of the
mechanical probe and of the local network micro-structure. However, beads of diam-
eters of 1–4 μm are often used and have been shown to be effectively immobilized
within fibrous networks [121]. However, it remains yet unknown how different bead
sizes probe different aspects of collagen network mechanics, thus affecting ultimate
results. Finally, ensuring that beads are anchored to the fiber network is of paramount
importance to ensure that relevant viscoelastic properties are recovered. Insufficient
chemical coupling of particles smaller than the network pore size will show as ran-
dom walk trajectories, thus estimating fluid viscosity rather than network stiffness
[121].

Table 1 Scale dependency of collagen micro-mechanics

Collagen structure Method Stiffness (range) References

Monomer Optical tweezers 0.35–12.2 GPa [89–91]

Fibril/fiber AFM/MEMS 0.30–5 GPa [94, 96, 97, 99, 102, 103]

Network AFM/microrheology 0.15–6 kPa [106, 107, 110, 114, 117]

The range of mechanical properties, measured as elastic moduli under the assumption of linear
elastic behavior, are compared at different length scales
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5 Macro-mechanics

The primary function of collagen fibers is to provide tensile stiffness to tissues.
However, collagenous tissues are often exposed to complex multiaxial loads in vivo,
including tension, compression, and shear. This section summarizes the macro-
mechanical properties of collagen hydrogels and the different features of collagen
biomechanics that can be isolated by using various testing modalities in vitro.

5.1 Shear Rheometry

The macroscopic (bulk) rheological properties of hydrogels are commonly investi-
gated under the application of shear forces or deformations by means of a rheometer
(Fig. 4c). The shear modulus (G) is defined as the ratio between shear stress (τ)
and shear strain (γ), that is G = τ/γ. Under the assumption of linear elasticity, the
Young’s modulus is connected to the shear modulus by the relation E = 2G(1 +
ν), where ν represents the Poisson’s ratio. Also, and still under the assumption of
linearity, oscillatory measurements lead to the complex shear modulus G = G′ + i
G′′ [122], which has the same meaning as in microrheology. Due to its capacity to
discern between elastic and viscous contributions, shear rheometry has been used to
monitor the evolution of viscoelastic properties during collagen self-assembly [56].
Application of small oscillatory shears reveals that a neutralized collagen solution
initially behaves as a Newtonian liquid, with a small but finite G′′ and an undetectable
G′. As collagen monomers self-assemble into fibrils, and individual fibrils into a net-
work, both components of the shear modulus increase but G′ increases faster than
G′′. Steady-state measurements, usually achieved within 30 min [123], reveal that G′
is approximately one order of magnitude larger than G′′, which is consistent with a
primarily elastic behavior of the collagen network. The group led by Laura Kaufman
has extensively characterized the timeline of collagen self-assembly by simultane-
ously imaging network structure (via confocal microscopy) and probing network
mechanics (via shear rheometry), both presenting features of a fluid-solid transition
[123–125]. The shear modulus in the linear regime increases with collagen concen-
tration and this relationship has been proposed to follow a power law [123, 124, 126],
whereas the relation between structural organization and mechanics is less clear. In
fact, while Raub et al. [52, 53] have shown that denser networks made by increasing
polymerization temperature or pH are stiffer, Yang et al. [124] have shown the exact
opposite, with higher shear moduli for networks with lower densities and thicker
fibers. Such mismatch mirrors similar inconsistencies observed from microrheology
measurements and emphasizes the need for a structure-based modeling approach to
correlate network structure and function.

In addition to exploring the linear elastic regime, rheometry can be used to inves-
tigate nonlinear elastic and inelastic properties of collagen gels by means of strain
sweep experiments, in which increasing shear strains are applied at a constant fre-
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quency. The onset of nonlinear elastic behavior upon shearing is known as strain
stiffening and occurs at a concentration-dependent critical strain followed by yield
and failure [126]. Strain stiffening is associated with another phenomenon, that is
the development of negative normal stresses [127]. This behavior is also known as
inversePoynting effect and consists in the fact that biopolymer networks under torsion
contract axially, instead of elongating like observed in linear materials [128]. Both
strain stiffening and the generation of negative normal stresses have been explained
as a consequence of the nonlinear force-extension behavior of collagen fibers. In
particular, the tension-compression nonlinearity causes fibers aligned along the first
principal direction to engage, while fibers perpendicular to it buckle under com-
pressive loads and do not contribute to the measured shear moduli [127, 129, 130]
(Fig. 6a). This proposed mechanism was further validated by shearing collagen and
fibrin gels under axial deformation [131–133]. Contrarily to linear materials such
as polyacrylamide, the shear modulus of biopolymer networks is higher under axial
tension and lower under axial compression (although it stiffens further under extreme
compaction). In addition, the onset of strain stiffening upon shearing occurs earlier
under axial tension and later under axial compression [133]. Hence, there is evi-
dence that collagen fibers are not able to bear compressive loads, and the subsequent
buckling reduces their contribution to the overall network stiffness upon shearing.
Instead, axial tension minimizes buckling and engages more fibers upon shearing,
thus resulting in higher shear moduli.

5.2 Uniaxial/Biaxial Tension

Shear rheometry has provided useful data on the multiaxial mechanics of collagen
networks, but tensile tests are more informative as they allow one to probe material
symmetry and to parametrize constitutive descriptors of material behavior. Among
other studies, differences between the two testing modalities were explored by Xu
et al. [134], who found that the tangent modulus of collagen measured from tensile
testing is three orders of magnitude higher with respect to the storage modulus mea-
sured from shear rheometry. Uniaxial properties of collagen gels were investigated
in a series of publications from the laboratory of Sherry Voytik-Harbin, and the data
set from Roeder et al. [51] has found widespread use in the literature (Fig. 6b). They
combined tensile testing with confocal imaging to explore structural rearrangements
of collagen fibers under uniaxial loading [51, 135–137]. By varying the gel structure,
they observed a nonlinear increase in Cauchy stress with strain and stiffer material
properties for increasing collagen concentration and pH.More importantly, they used
confocal imaging to track 3D strains both globally (by tracking the width and thick-
ness at the center of the samples [135]) and locally (via digital volume correlation
analysis of CRMdata [136]). Upon uniaxial loading, the deformation field was found
to be rather homogeneous and consistent with a principal state of strain. Microstruc-
turally, uniaxial tension was associated with alignment of the fibers loaded axially
and with buckling of the fibers loaded transversely. Both deformation mechanisms
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Fig. 6 Macro-mechanical experiments allow one to characterize collagen behavior under differ-
ent loading conditions. a Shear testing causes straightening of fibers aligned along the principal
direction of strain, indicated in red, and contemporary buckling of fibers aligned perpendicularly,
indicated in blue (top). Scale bar represents 20 μm. Modified, with permission, fromMunster et al.
[130] Proceedings of the National Academy of Sciences. Alignment and buckling underlie the
nonlinear increase in shear stress as well as the development of a negative normal stress (bottom).
Modified with permission from Springer Nature: Janmey et al. [127] Nature Materials, Copyright
2007. b Uniaxial tension causes alignment of fibers and lateral compaction (top) with subsequent
development of nonlinear stress-strain responses and true stresses higher with respect to Engineer-
ing stresses due to the reduction of cross-sectional area caused by compaction (bottom). Top figure
adapted, with permission, from Voytik-Harbin et al. [135] Microscopy and Microanalysis. Bottom
figure republished with permission of ASME, fromRoeder et al. [51]; permission conveyed through
Copyright Clearance Center, Inc. c Unconfined compression testing of fibrin causes bending and
subsequent buckling of fibers aligned along the direction of compression (top). The network softens
after fibers buckle, and then offers little resistance as it compacts until it finally responds nonlinearly
due to extreme densification under large compressive strains (bottom). Modified from Kim et al.
[131] Biomaterials, Copyright (2014), with permission from Elsevier. Similar results were reported
for collagen by Kim et al. [132]

lead to a dramatic decrease in gel width and thickness, both associated with com-
paction of fibers and concurrent expulsion of interstitial fluid. These findings are
therefore consistent with a highly compressible behavior.

Despite uniaxial stress-strain tests are informative about material behavior (espe-
cially if accompanied by information on lateral deformations), a better understanding
about the development of material anisotropy can be achieved by exposing collagen
gels to biaxial loading (Fig. 4d). In this regard, the development of mechanical
anisotropy in fibroblast populated collagen gels was the subject of a series of studies
from the laboratory of Jeffrey Holmes [138–141]. They generated squared collagen
gels with embedded porous polyethylene bars which allowed transmission of exter-
nal loads and a relatively homogenous strain field in the center of the sample [138].
Compaction of the gels under the action of fibroblast-generated contractile forces
can be avoided by applying external loads and such constraint to collagen remodel-
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ing can be imposed along one direction (uniaxial) or along both directions (biaxial).
Biaxially constrained gels, therefore, exhibited negligible compaction, random fiber
distribution, and isotropicmechanical properties. Instead, uniaxially constrained gels
compacted only in the direction perpendicular to the applied load and displayed a
preferential alignment of fiber and stiffer mechanical behavior in the direction of
the applied load [139]. The development of mechanical anisotropy could be par-
tially described only by including structural information about the cell-mediated
remodeling process, such as the distributions of fiber orientations and lengths [140].
Cross-linking via GA decreased the preload strain and the spread of the biaxial strain
paths, but had no effect on the degree of anisotropy. Similar results were obtained
in a separate study by using Genepin as a cross-linking agent [134]. Overall, these
studies showed that fiber orientation and stiffness play different roles in the biome-
chanical function of tissues. A key drawback is due to the fact that, in a majority
of studies, changes in gel thickness upon uniaxial or biaxial loading are not mea-
sured directly but calculated under the assumption of incompressibility. As shown
by Voytik-Harbin et al. [135], collagen gels are highly compressible due to the fact
that the collagen fibers (solid) and the interstitial fluid (liquid) are not physically
bound together but undergo relative motions upon mechanical loading. This type of
behavior is typical of biphasic materials, that is binary mixtures of solid and liquid
phases. The mechanical behavior of biphasic materials can be better investigated
under compression.

5.3 Unconfined/Confined Compression

Uniaxial compression is a testing modality widely used to study the biomechanics of
articular cartilage since it reproduces the loading conditions experienced by synovial
joints and allows one to separate the rheological properties of the synovial fluid from
the mechanical properties of collagen [142, 143]. Similarly, compressive testing of
collagen hydrogels can be used to estimate the biphasic properties of reconstituted
collagen networks. With application to cancer, collagen is compressed by collective
proliferation (Fig. 1), and such compressive remodeling has received little attention
in the literature. Uniaxial compression testing of cylindrical specimens can be per-
formed via two testing configurations: unconfined compression, in which the axial
compression of the specimen is associated with lateral (i.e., radial and circumferen-
tial) expansion, and confined compression, in which such lateral expansion of the
specimen subjected to compression is impeded by the presence of a confining cham-
ber (Fig. 4e). In confined compression, the loading piston must be made of a porous
material so that the fluid can flow in order to preserve its volume.

Unconfined compression testing of collagen, fibrin, and fibrin-collagen compos-
ites using a commercial rheometer paired with a confocal microscope has shown that
biopolymer networks display non-linear properties over a large range of compressive
strains [131, 132, 144] (Fig. 6c). The stress-strain response is linear under low com-
pressive strains, then it softens quite suddenly and reaches a plateau spanning a broad
range of strains. Direct visualization of fiber deformations has shown that this plateau
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is associated with fiber buckling, leading to a compaction of the network with little
resistance to the imposed deformation [131]. Such compaction leads to the develop-
ment of a “compression front”, that is a layer of densified matrix near the surface of
the piston, which propagates towards the bottom of the gel with further compression
[144]. At high deformations, the stress-strain behavior under compression becomes
highly nonlinear due to the extreme densification of the network across its thickness.
Even at lower strains, material nonlinearities can be observed by increasing the rate
of compression, the concentration of collagen, or the degree of cross-linking [145,
146]. Confined compression testing was used to characterize the biphasic properties
of collagen hydrogels in a series of studies by the group of Victor Barocas [147–149].
Collagen was polymerized within custom confining chambers and was compressed
using a pistonmade of porous polyethylene. The linear range under compression was
found to be below 15% strain. Different mechanical and structural responses were
induced in stress-relaxation tests by varying the rate of compression: a slow compres-
sion (ramp test) was associated with more uniform deformations and stresses that
were maintained for longer times, while a fast compression (step test) was instead
associated with network collapse near the piston, higher stresses which decayed
rapidly over time [149]. Overall, it was shown that collagen fibers deform hetero-
geneously upon compression by aligning perpendicular to the direction of applied
strain, and store energy primarily via bending [148, 149].

5.4 Choice of Loading Conditions

The complex macro-mechanical behavior of collagen hydrogels is best explored
by using more than one testing modality. Ultimately, the loading conditions should
be determined on the basis of the behaviors/mechanisms of interest, and not by
the ease of implementation. For instance, compression is often used to extract bulk
properties from collagen networks, mainly because of its relatively straightforward
experimental setup and not because the compressive properties of collagen are of
interest [65–67]. On the other hand, tensile testing is rendered quite difficult by the
poor structural stability of collagen gels, which display a frustratingly high rate of
failure upon uniaxial or biaxial tension. For this reason, most studies employ cell
compaction or cross-linking to stiffen the gels before exposing them to tensile loads
[139, 141, 147]. Finally, shear rheometry is a standardized technique capable of
applying tensile and compressive loads on different populations of fibers while pre-
serving the overall gel volume (Fig. 6c). Stiffness is usually higher when gels are
tested in tension, with respect to shear or compression [13], thus highlighting that dif-
ferent loading conditions probe different aspects of network mechanics. Table 2 lists
some of the main features of collagen hydrogel mechanics reported in the literature
while indicating the loading conditions best suited for probing anisotropy (tension),
interstitial fluid flow (compression), and fluid-solid transition during collagen self-
assembly (shear). Nonlinearity, instead, is more ubiquitous and presents itself under
all testing modalities (Fig. 6). Similarly, viscoelastic and plastic properties have been
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Table 2 Various features of collagen macro-mechanics are revealed by using different loading
conditions

Mechanical features of
collagen hydrogels

Loading conditions

Shear Compression Tension

Nonlinearity [126, 127, 130, 133] [131, 132, 144–146] [51, 135, 139, 141]

Anisotropy [134, 139–141]

Interstitial fluid flow [147, 149, 196]

Fluid-solid transition [56, 123–125]

Viscoelasticity/plasticity [130, 150–152] [147, 149] [153–155]

Nonlinear, but also viscoelastic and plastic behaviors have been probed via shear, compression, and
tension testing. On the other hand, other properties have been more selectively assessed using a
specific testing modality

reported for collagen hydrogels under shear [130, 150–152], tension [153–155], and
compression [147, 149].

6 Mechanical Modeling

Mechanicalmodeling approaches are needed in order to interpret experimental results
and to identify the mechanisms responsible for the observed behaviors. This section
summarizes multiple modeling approaches that have been developed to investigate
collagen mechanics at different length scales.

6.1 Semiflexible Biopolymers

The keymeasure of collagen flexibility at themolecular level is its persistence length,
that is the length over which the molecule behaves like a straight beam. For length
scales larger than the persistence length, the molecule bends under the action of
Brownian forces. Based on such definition, the persistence length of a biopolymer
chain is related to its bending stiffness (EI) by the following relation:

l p = E I

kBT
, (1)

where E is the modulus of elasticity, I = πr4/4 is the moment of inertia of a circular
cross section of radius r, kB is the Boltzmann’s constant, and T is the temperature.
Collagen is part of a class of materials, known as semiflexible biopolymers, which
are constituted by undulated filaments presenting contour lengths comparable to
their persistence lengths. Their response to axial elongation is controlled by thermal
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fluctuations for segments longer than l p (entropic elasticity) and bymechanical strain
energy for segments shorter than l p (energetic elasticity). The entropic elasticity of
tropocollagen monomers has been described by using a worm-like chain model,
which was originally developed to describe the force-extension behavior of DNA
[156]. The force-extension behavior of a worm-like chain is attributed primarily to
bending fluctuations: as the chain is stretched, the amplitude of the lateral undulations
decreases, and the reaction force increases. Data from optical tweezer experiments
[89] and atomistic simulations [157] were fit to worm-like chain models leading to
persistence lengths of l p ≈14.5–16nmfor tropocollagen.Energetic elasticity instead
dominates the mechanical behavior of collagen fibrils, which are characterized by
increased bending stiffness and higher persistence lengths due to lateral packing of a
large number of tropocollagen molecules [157]. The persistence length of collagen I
fibrils has also been measured directly from TEM images by estimating the decay of
tangent-tangent correlations, which led to values of l p = 5–10μm [158]. Conversely,
the persistence length can be estimated frommicromechanicalmeasurements of fibril
stiffness (cf. Sect. 4.1) by means of Eq. 1. It should be noted that in Eq. 1 the fibril
radius appears at the fourth power, thus leading to large variations in persistence
length from experimental uncertainty and to estimates of persistence length that are
orders of magnitude higher with respect to direct measurements [159].

6.2 Molecular Dynamics

Molecular dynamics provides a bottom-up approach to investigate the mechanics of
collagen monomers and fibrils: the simulated behavior is calculated by incorporat-
ing biochemical details rather than fitting empirical parameters from experimental
data. Markus Buehler and colleagues described the mechanical behavior of collagen
monomers, fibrils, and fibril bundles by imposing interparticle potentials that define
atomic and molecular interactions such as covalent bonds, but also ionic, hydrogen,
and van derWaals interactions [160–166]. Nonreactive potentialsmodel biochemical
bonds as fixed harmonic springs, while reactive potentials allow one to model also
the bond breaking and formation processes. Using molecular structures extracted
from x-ray diffraction data, Buehler et al. [160] showed that tropocollagen responds
to tensile loads by unfolding its three helices, while it buckles under compressive
loads (Fig. 7a). The nonlinear behavior in tension arises from the gradual unfold-
ing of the three polypeptide chains and subsequent engagement of atomic bonds. A
nonlinear material behavior was demonstrated for tropocollagen with E ∼ 7 GPa
under small strains and E ∼ 40 GPa under large strains, which is thought to repre-
sent the material stiffness of the protein backbone. Both reactive and non-reactive
potentials captured the tensile properties of the tropocollagen molecule up to 10%
strain, although reactive potentials were able to model fracture above 50% strain
[161] (Fig. 7a). In addition, in silico creep tests [166] revealed that collagen displays
viscoelastic behavior at the molecular level, and that material differences between
dry and hydrated tropocollagen could be explained via differences in the density of
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hydrogen bonds: hydrated molecules form hydrogen bonds mostly with water and
thus are mechanically softer with respect to dry molecules in which hydrogen bonds
are established exclusively between the polypeptide chains. Collagen fibrils were
instead modeled following a hierarchical approach: a tropocollagen molecule was
discretized as a collection of periodic cells, which were then organized following
the typical staggered arrangement of collagen triple helices (Fig. 7b). The lower
stiffness of collagen fibrils with respect to their monomers (cf. Table 1), and its
dependence from intramolecular cross-linking are two aspects that were investigated
viamolecular dynamics simulations. Tang et al. [164] showed that the relativelyweak
interactions between tropocollagen molecules cause yield of the fibrillar structure
and rupture due to sliding between tropocollagen molecules. These findings were
independently confirmed by Varma et al. [159], who showed that the lower elastic
moduli associated with fibrils and fibril bundles are not due to the specific packing
of monomers but likely from slippage of the triple helices. Covalent cross-links were
modeled by changing the adhesive forces of intermolecular interactions between the
ends of distinct tropocollagenmolecules [163, 164]. By increasing cross-link density,
the simulated collagen fibril was shown to rupture at larger strains thus revealing a
potential mechanism underlying mechanical strengthening due to chemical cross-
linking (Fig. 7b).

6.3 Discrete Fiber Networks

Collagen hydrogels represent complex structures endowed with mechanical proper-
ties that depend on the nonlinearly elastic and intrinsically anisotropic properties of
individual collagen fibers but also on network architecture, fiber density, orientation,
and cross-linking. In particular, it has been a topic of debate whether the nonlin-
ear material behavior observed in collagenous tissues originates from the nonlinear
properties of individual fibers deforming affinely or arise from non-affine fiber defor-
mations and subsequent gradual engagement of linearly elastic fibers [167–172]. A
variety of networkmodels have beendevelopedover the years to describe themechan-
ics of fiber networks of various dimensionalities (2D vs. 3D), fiber properties (linear
vs non-linear), and nodal interactions (pinned or welded joints vs torsional springs).
A comprehensive review of network models is offered by Sander et al. [173]. Here,
we will present some insights on collagen mechanics that were gained by modeling
hydrogels as networks of elastic beams. The general form for the elastic energy per
unit volume U stored by the network can be expressed as follows

U = 1

2

N∑

i=1

[
Ks

Li

(
Li − Li

0

)2 + Kb

Li

(
θ i − θ i

0

)2
]
, (2)

where N is the total number of fiber segments used to discretize the network. There-
fore, Li and θ i are the current segment length and the angle formed with an adjacent
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Fig. 7 Mechanics of collagen simulated at the atomistic and molecular level. a Mechanical
responses to uniaxial loading of an individual tropocollagen molecule. Structurally, a molecule
responds to tension by unfolding the three helical polypeptide chains while it buckles under com-
pression (left). Modified, with permission, from Buehler et al. [160] Journal of Materials Research.
The tensile response to uniaxial loading can be estimated (right) by using both nonreactive (green
line) and reactive (red line) potentials, with the latter being able to predict failure of the molecule
due to localized rupture. A mesoscale model (blue line) has the capability of predicting the four
phases (I-IV) of the simulated response to tension. Modified, with permission, from Buehler et al.
[161] Proceedings of the National Academy of Sciences. Copyright (2006) National Academy of
Sciences, U.S.A. bMolecular dynamics simulations of a collagen fibril. A coarse-grained model of
a collagen molecule is achieved by definition of a periodic cell which can be repeated and arranged
in a staggered fashion to reproduce the typical D-banding periodicity and the orthogonal hexagonal
pattern of a collagen fibril (left). Reprinted, with permission, from Gautieri et al. [165]. Copyright
(2011) by the American Chemical Society. The response of a collagen fibril to uniaxial loading
is modulated by its degree of cross-linking (right). Cross-link density and spatial distribution are
controlled by a parameter β which modulates the adhesion force between tropocollagen molecules.
By increasing β, the simulated collagen fibril ruptures at larger strains thus revealing the nonlinear
mechanical behavior of the protein backbone. Modified from Buehler et al. [163] Journal of the
Mechanical Behavior of Biomedical Materials, Copyright (2007), with permission from Elsevier
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segment (with the subscript “0” indicating unloaded values), whereas Ks = E A and
Kb = E I represent the stretching and bending stiffness, respectively. The material
properties of the network are thus dictated by the modulus of elasticity E of indi-
vidual fibers and by their geometric properties, as indicated by the presence of the
cross-sectional area A and moment of inertia I. It should be noted that Eq. 2 models
the mechanical behavior of athermal networks such as collagen [171, 172]. If ther-
mal fluctuations are thought to contribute to the overall network mechanics (e.g., in
cytoskeletal actin), one can either model individual fibers as worm-like chains with
bending stiffnesses assigned via Eq. 1, or add random Brownian forces acting on the
network nodes [174, 175]. In addition, Eq. 2 can include additional terms, such as tor-
sion of fibers or stretching/bending of cross-links. Using this modeling framework,
Head et al. [167] defined a phase diagram of network mechanics (Fig. 8a). Starting
from a solution of isolated fibers, one can increase their length, concentration, or both
to induce a rigidity percolation transition, in correspondence of which the network as
a whole exhibits macroscopic elastic properties. Suchmechanical properties are gov-
erned by fiber bending and non-affine deformations. A further increase in fiber length
or concentration finally leads to a region of affine deformations. The mechanisms
governing affine network elasticity are entropic (thermal) for low concentrations,
and energetic (mechanical) for high concentrations. The transition from non-affine
and bending-dominated to affine and stretching-dominated network responses was
confirmed by other studies [168, 169] and associated with the development of non-
linear strain stiffening in networks of linearly elastic beams. In fact, Onck et al. [170]
showed that the toe region in the macroscopic stress-strain relationship for a fiber
network is caused by non-affine fiber rotations at small strains, thus suggesting that
the strain stiffening behavior lies in the network rather than in its individual con-
stituents. In addition, by simulating a fiber network under simple shear, they showed
that fibers align along the direction of principal strain (Fig. 8b). This was confirmed
by separate modeling studies on collagen [171] and actin [174] and by experiments
on fibrin [176], thus suggesting that pre-straining the network (a common step prior to
experimental testing) leads to more affine elastic behaviors. Licup et al. [172] found
that, when fibers align with the applied load and stretching becomes the dominant
modality of energy storage, the network stiffness becomes proportional to the stress
(Fig. 8c). Interestingly, this linear dependence between stress and stiffness, which
are inherently coupled (the latter is calculated as the derivative of the former with
respect to a conjugate metric of strain), is what led Y. C. Fung to postulate an expo-
nential constitutive behavior [177]. Hence, the common assumption of exponential
behavior for collagen fibers embedded in soft tissues is also supported by network
modeling studies, provided that the tissue operates in the affine regime.

Finite element-based network models have been used primarily to unveil the
mechanisms underlying the long-range force transmission properties exhibited by
fibrous materials, such as collagen. Cells in collagen can generate stress and strain
fields that propagate over distances equal to many times their diameter (cf., Fig. 2).
Transmission of stresses far from the cell was found to be caused by the presence
of relatively stiff fibers embedded within a nonfibrous material and not by material
nonlinearities as previously suggested [178]. Abhilash et al. [179] carried out a
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Fig. 8 Simulated networks of elastic beams reveal that nonlinear bulk behavior arises from net-
work architecture as well as individual fiber properties. a Phase diagram of network mechanics as a
function of fiber concentration (indicated as c) and fiber length (indicated as L). A rigidity percola-
tion transition occurs while increasing c and/or L, and shows emergence of a bulk elastic behavior
initially characterized by non-affine, bending-dominated fiber deformations which become progres-
sively more affine, stretching-dominated (and therefore can be calculated locally from the global
deformation of the matrix). Entropy characterizes network mechanics at low concentrations, while
mechanical effects dominate at high concentrations. Adapted, with permission, from Head et al.
[167] Physical Review E. Copyright (2003) by the American Physical Society. b A 2D network of
randomly aligned fibers under simple shear (γ) shows that alignment of fibers along the direction of
maximum principal strain, occurring at a critical strain (γ0), underlies the transition from non-affine
to affine deformations and causes non-linear macroscopic behavior, despite the network is consti-
tuted of linearly elastic beams. Adapted, with permission, from Onck et al. [170] Physical Review
Letters. Copyright (2005) by the American Physical Society. c Bending is the primary modality of
energy storage in the network below the critical strain, while stretching dominates at higher strains
(top). In the affine regime the network stiffness relates linearly to the stress (insert), which suggests
an underlying exponential behavior of the aligned fibers (bottom). Computational and experimental
results modified, with permission, from Licup et al. [172] Proceedings of the National Academy
of Sciences. d Displacement field generated by a cell modeled as an elliptical inclusion (having
an aspect ratio a/b = 4, where a and be represent major and minor axes, respectively) contracting
within a fiber network. Fibers align along the major axis of the cell and allow long-range force
transmission. The heterogeneity of displacements qualitatively matches experimental observations
(insert). Modified from Abhilash et al. [179] Biophysical Journal, Copyright (2014), with permis-
sion from The Biophysical Society. Experimental data adapted from Gjorevski and Nelson [206]
Biophysical Journal, Copyright (2012), with permission from The Biophysical Society
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detailed analysis of the network deformations caused by contractile cells of various
aspect ratios, modeled as elliptical inclusions. Similar to the case of simple shear,
they found that fibers within the network re-orient along the direction of principal
strain and that fibers are engaged more as the cell aspect ratio increases (Fig. 8d). At
the same time, fibers oriented perpendicularly to the applied traction forces undergo
bending and, above the critical load, buckling. Local fiber buckling has been found
to be essential for the formation of preferential fiber directions and linear paths
connecting cells within the matrix [180]. Hence, intrinsic fiber properties such as
alignment under tensile loads and buckling under compressive loads have been found
to be essential to recover the slow decay of cell-induced displacements needed for
long-range force transmission and sensing.

6.4 Continuum Fiber-Reinforced Models

A continuum description of the mechanics of collagenous tissues considers their
volume-averaged behavior, independently from the forces and deformations expe-
rienced by individual fibers. This is possible only when considering problems at
a length scale significantly larger with respect to the dimensions of the relevant
micro-structure (e.g., fiber diameter and pore size). With respect to discrete network
models, continuum models of collagen mechanics allow one to solve large-scale
initial and boundary value problems due to their relatively low computational cost.
A constitutive model is a mathematical description of material behavior under the
conditions of interest and, for nonlinearly elastic materials, is generally represented
by a scalar strain energy function W indicating the energy stored elastically by the
material per unit reference volume [181]. A variety of constitutive models developed
in the context of rubber elasticity and composite materials have been used in the
literature to describe collagen gels, although most are not able to capture key fea-
tures of fiber network mechanics. A new strain energy function has been proposed
by the group of Vivek Shenoy to describe the fiber alignment and nonlinear stresses
generated under the action of cell-generated forces [182]. The functional form is
obtained combining an isotropic neo-Hookean model with nonlinear strain stiffen-
ing responses along the three principal directions. The neo-Hookean contribution is
intended to capture the isotropic fibrous matrix, while the nonlinear contributions
represent the subset of fibers that align along the principal directions of strain (cf.
Figs. 6a, b and 8b). Such contributions are zero under compressive strains to model
fiber buckling, while they increase non-linearly under the action of tensile strains to
capture fiber alignment and subsequent strain stiffening. This model was shown to fit
well the experimental data set collected by Roeder et al. [51] and, contrarily to simple
linear or neo-Hookean materials, displays long-range force transmission properties
in response to contraction of spherical or elliptical inclusions simulating contractile
cells (Fig. 9a). Albeit motivated by microstructural observations, this model still
represents a phenomenological description of collagen mechanics as suggested by
the material parameters estimated from fitting experimental data. Wang et al. [182]
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estimated a fiber’s Young’s modulus of 23 kPa for a collagen gel undergoing uniaxial
tension. In comparison, Stylianopoulos and Barocas [183] found a fiber’s Young’s
modulus of 79 MPa by fitting the same data set to their multi-scale model based
on volume averaging (Fig. 9b). Their approach is based on the definition of repre-
sentative volume elements (RVEs) centered at the Gauss points of a finite-element
mesh that deforms according to the macroscopic strain field. Each RVE consists of
a fiber network designed to capture microstructural features of the sample, and its
mechanical behavior is governed by the stress-strain behavior of individual fibers as
well as by the assumed modality of force transmission between fibers at cross-linked
nodes. The force balance within the RVE is solved and volume averaged to calculate
the macroscopic stress, which in turn determines the new displacement field [173].
Such approach is inherently multi-scale and leads to the calculation of fiber stiffness
values comparable to those measured in isolated fibers experimentally (cf. Table 1)
and three orders ofmagnitudes higher with respect to the estimates from phenomeno-
logical models (Fig. 9). The computational cost associated with modeling individual
RVEs for the purpose of volume averaging is very high and thus potentially diffi-
cult to carry out calculations for complex cell geometries. An intermediate approach
between phenomenological and fully microstructural models is offered by the con-
stitutive model originally proposed by Storm et al. [184] based on the molecular
theory of semiflexible biopolymers [185]. Such strain energy function can be written
as follows,

W = 〈
ν L w

(
λ f

)〉
P(r), (3)

where ν represents the number of fibers per unit reference volume (and should not
to be mistaken for the Poisson’s ratio), while L is the contour length of individual
unloaded fibers (here assumed to be the same for all fibers). w

(
λ f

)
is the strain

energy (per unit length) of individual fibers with λ f = |Fr|/ L indicating the fiber
stretch, where F is the macroscopic deformation gradient and r is the end-to-end
fiber vector. In absence of deformations, it is |r| = L . Finally, P(r) represents the
probability distribution of fiber vectors in the reference configuration, thus modeling
the distribution of fiber orientations (for a random isotropic network P(r) is a sphere
of radius L). The operator 〈•〉P(r) implements homogeneization of individual fiber
contributions via spatial averaging over P(r) to calculate the macroscopic elastic
energy storage. Stress and stiffness tensors can be calculated from Eq. 3 via appro-
priate differentiations [186]. This model was originally developed to show that the
strain stiffening behavior of biopolymer networks can be explained by accounting
for entropic effects [184], and was later used to describe the uniaxial behavior of
fibrin gels [187], the strain-enhanced stress relaxation of fibrin and collagen [150],
and to compute cell traction forces in collagen gels [120]. The diversity of behaviors
that can be modeled using Eq. 3 lies in the specification of the constitutive behavior
at the fiber level viaw

(
λ f

)
. For example, a linear elastic fiber can be modeled simply

as w
(
λ f

) = E A
(
λ f − 1

)2/
2 with E and A representing the aforementioned fiber’s

elasticmodulus and cross-sectional area.More generally, all the structural parameters
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Fig. 9 Estimation of collagen fiber stiffness (Ef) using the macroscopic uniaxial tensile data
reported by Roeder et al. [51]. a The continuum model proposed by Wang et al. [182] fits the
data quite well (top) and leads to Ef = 23 kPa. Other parameters include the stiffness of the random
matrix of non-aligned fibers (Eb), the critical stretch leading to fiber engagement (λc), and the
strain hardening exponent (m). Finite element simulations of contracting spherical inclusions show
that the constitutive model propagates deformations and forces much further with respect to linear
elastic and isotropic neo-Hookean materials (bottom). Modified from Wang et al. [182] Biophys-
ical Journal, Copyright (2014), with permission from The Biophysical Society. b The multi-scale
model of Stylianopoulos and Barocas [183] leads to Ef = 79 MPa (top), which is much closer to
values measured experimentally from individual fibers. Instead of relying on constitutive equations,
such model simulates fiber networks as representative volume elements (RVEs) within a macro-
scopic finite element model. Modified from Stylianopoulos and Barocas [183] Computer Methods
in Applied Mechanics and Engineering, Copyright (2007), with permission from Elsevier
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in Eq. 3 relate to physical properties of the fiber network and thus can be measured
directly via quantitative imaging (cf., Sect. 3.3). There is a need for continued valida-
tion of the applicability of continuummodels because, depending on polymerization
conditions, the pores of the collagen matrix can have dimensions comparable to
individual cells, thus leading to a break-down of the continuum assumption. More-
over, it should be noted that all the models described in this section were developed
using the hyperelastic framework and thus employ the affine assumption, which is
known to be a limitation at low strains were the majority of fiber alignment takes
place. If deemed necessary, a possibility to account for non-affine fiber motions in a
continuum framework is given by the hypoelastic framework originally proposed by
Clifford Truesdell [188] and recently used by Morin et al. [189, 190] in the context
of arterial mechanics.

6.5 Biphasic Models and Poroelasticity

A common assumption in the biomechanics of soft tissues is that their volume is
preserved during physiologically relevant deformations, that is they are incompress-
ible [191, 192]. This assumption is usually justified by the elevated content of water
bound to negatively charged proteoglycans, and the interstitial fluid is assumed to
move with the solid matrix thus contributing to global tissue mechanics via a hydro-
static pressure term [24]. However, interstitial fluid pressure and flow are known to
be increased in tumors due to a leaky vasculature [23] and have been shown to play
a role in cancer cell migration [193]. Interstitial flow is therefore expected to impact
tissue mechanics at the macroscopic level by causing microscopic frictional interac-
tions between the solid and fluid phases, and by invalidating the incompressibility
assumption. With regards to biopolymer networks, it has been shown that fibrous
hydrogels are markedly compressible, with large lateral compaction measured upon
uniaxial extension of fibrin and collagen gels [135, 187], which has led to the estima-
tion of large Poisson’s ratios [44, 120]. This behavior is due to compaction of fibers
and contemporary expulsion of interstitial fluid, which can freely move through the
hydrogel’s porous structure. This type of mechanical behavior is typical of biphasic
materials and can be described using Biot’s theory of poroelasticity [194] or Trues-
dell’s mixture theory [195]. Both approaches lead to consistent results if the solid
and fluid constituents are modeled as individually incompressible and if the mixture
is fully saturated. Constitutively, the solid is regarded as elastic while the fluid is
inviscid, which means that it is only able to support pressure and not shear stresses.
This is because the frictional interactions within the fluid are considered negligible
with respect to those between solid and fluid, which represent the primary source of
energy loss and therefore account for the time-dependent mechanical response. The
biphasic properties of soft tissues should be assessed by inducing volumetric changes
in the sample, usually via confined compression testing, and by subsequently tracking
the temporal evolution in strain or stress in response to, respectively, creep or stress-
relaxation. Biphasic modeling of confined compression experiments was introduced
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by Van Mow and colleagues to characterize articular cartilage mechanics [143]. In
the simplifying case of linear material behavior of the solid, the main biomechanical
parameters characterizing the biphasic behavior under confined compression are the
aggregate modulus (a measure of uniaxial compressive stiffness of the solid) and the
hydraulic permeability (a measure of convective fluid transport properties through
the matrix pores). This theory has been applied to collagen hydrogels by Busby et al.
[196] who found that increasing collagen concentration from 2 to 4 mg/mL increases
the aggregate modulus while decreasing the hydraulic permeability, as a result of a
reduced porosity. Despite these differences, the equilibrium stresses are remarkably
similar across the various concentrations considered in this study. This effect is likely
related to structural rearrangements caused by the visco-plastic deformations expe-
rienced by collagen fibers and thus requires further investigation. Extension of the
basic theory allows one to account for strain-dependent permeabilities [197], nonlin-
ear material behaviors [198, 199], and intrinsic viscoelasticity of the solid constituent
[200].More studies on the biphasic behavior of collagen gels are needed to gain a bet-
ter understanding on the structure-function relationship of collagen networks both in
terms of material and fluid transport properties, and how these properties are affected
by remodeling from single cells and multicellular clusters.

7 Cellular Traction Forces in Collagen

Among the various modeling approaches outlined in the previous sections, contin-
uum models have been employed to estimate cell-generated forces during adhesion
and migration. The methodology known as traction force microscopy (TFM) was
originally developed to measure the forces generated by single cells migrating on
2D substrates [201], and in recent years has been extended to study single cells
and clusters embedded within 3D fibrous hydrogels, including collagen [120, 202,
203]. Direct measurements of matrix deformations due to cellular forces are used in
combination with constitutive descriptors of matrix mechanics to calculate traction
forces via inverse stress analyses. Both fiber models discussed in Sect. 6.4 have been
used to reconstruct the traction forces generated by individual breast carcinoma cells
migrating in 3D collagen (Fig. 10). Steinwachs et al. [120] parametrized Eq. 3 using
shear rheometry data on acellular gels and validated their model via application of
concentrated forces by means of magnetic tweezers. Although the validity of the
continuum assumption might seem debatable, they showed that collagen gels behave
as a continuum at the cellular length scale (on the order of tens of microns). In a
separate study, Hall et al. [203] used the fibrous model developed by Wang et al.
[182] to describe the strain fields developed along the cell’s major axis due to acto-
myosin contractility. Overall, these studies found that cells embedded within low
collagen concentrations generate higher fiber alignment and higher matrix displace-
ments that propagate for longer distances (Fig. 10). Despite such differences, the cell
contractility was found to remain constant and themigratory pattern characterized by
cycling betweenmotile and stationary phases [120]. Traction forcemicroscopy in 3D
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Fig. 10 Traction force microscopy (TFM) on single MDA-MB-231 breast carcinoma cells embed-
ded in collagen hydrogels of various concentrations. a Experimentally-measured displacements and
distribution of force density calculated using the constitutive model (Eq. 3) proposed by Storm et al.
[184] (top). The maximum displacement induced on the matrix by contractile cells decreases for
increasing concentrations, while the total contractility remains constant (bottom). Modified with
permission from Springer Nature: Steinwachs et al. [120] Nature Methods, Copyright 2015. b Con-
sistently, cells within low density matrices generate higher matrix displacements that propagate for
longer distances due to fiber alignment (top) The spatial distribution of displacements is described
well by the constitutive model developed by Wang et al. [182] (red), but not by linear elastic (blue)
and neo-Hookean (black) models. Modified, with permission, from Hall et al. [203] Proceedings of
the National Academy of Sciences

environments has the potential to elucidate the biophysical mechanisms underlying
cell-matrix interactions and cell migration in cancer, but it requires the development
of constitutive models that can capture the evolving matrix structure and mechanics
due to remodeling. Such models need not account for fiber alignment and buckling
alone, but also for visco-plastic effects [151, 152, 204] and biochemical remodeling,
which includes both proteolytic degradation and de novo production of collagen. The
lack of structure-based constitutive laws capable of capturing the complex mechani-
cal properties of collagen networks and their evolution due to active remodeling from
resident cells currently represents the major limitation of TFM as a tool to investigate
cell-matrix mechanosensory interactions in 3D environments [205].

8 Closure

Cancer is a disease initiated by oncogenetic mutations, but its progression is critically
influenced by many biomechanical factors, including biophysical cell-matrix inter-
actions and ECM mechanics. 3D cultures of single cells or multicellular spheroids
embedded in collagen hydrogels represent appealing models to investigate the com-
plexities of tumor-matrix interactions in vitro. However, there is still much to be
learned regarding the mechanisms of cell-matrix adhesion, mechanosensing, matrix
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remodeling, and cellmigration in realistic environments. It is known that themechan-
ical properties of collagen networks influence cell behavior and, in turn, resident cells
remodel the matrix physically and chemically, thus altering its properties. This bidi-
rectional relationship is altered in cancer, and disrupted mechanobiological home-
ostasis leads ultimately to invasion andmetastasis. Given the fundamental role played
by matrix mechanics, improved experiments and models of collagen mechanics are
increasingly needed to characterize its evolution during tumor progression. Towards
this goal, this chapter reviewed the biomechanical basis of matrix remodeling in
cancer and summarized the experimental and modeling tools available to modulate
and quantify the structure and function of collagen at different length scales. We
highlighted the inherent complexity of collagen mechanics, in particular its nonlin-
ear material behavior at multiple length-scales. Additional characteristics, such as
viscoelastic and biphasic behaviors, are often disregarded and should be accounted
for both experimentally and theoretically. Incorporation of such complexities into a
consistent theory for tissue remodeling is needed to develop and test new hypotheses
on the mechanobiology of cancer.
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