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Abstract
“Lipid raft” is the term applied to transient lipid domains organized laterally
within the plane of biological membranes. These structures are thought to range
in size from tens to hundreds of nanometers and to be compositionally enriched in
high-melting temperature lipids. These characteristics create different physical
environments within the “rafts” and in the continuous lipid phase that surrounds
them. Based on the principle of hydrophobic mismatch and other properties,
membrane proteins preferentially partition into, or out of, the raft, facilitating
protein interactions, which in turn regulate downstream cellular processes.
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Though better understood in the context of the eukaryotic cell membrane,
microbial membranes also appear to utilize similar principles to organize
their membranes – though their lipid compositions differ considerably from
those of eukaryotic membranes. Raft-like structures have been directly
observed in microorganisms such as Bacillus subtilis, and a number of func-
tional roles for rafts are being investigated. Among these roles is the organi-
zation of proteins associated with antibiotic resistance in Staphylococcus
aureus, further highlighting the importance of lipids and lipid rafts, in biology
and medicine.

1 Introduction

Microorganisms have an emerging and fascinating role to play in the story of lipid
rafts. That story begins with the notion that the cell membrane is not the arche-
typical homogeneous fluid mosaic that was envisioned by Singer and Nicholson
(1972). Through the 1970s (Yu et al. 1973; Shimshick and McConnell 1973) and
1980s (Simons and Van Meer 1988), evidence of lipid sorting and detergent-
resistant regions within the cell membrane gained wider acceptance which
resulted in the proposal of the lipid raft hypothesis (Simons and Ikonen 1997) in
the late 1990s. Evidence for lateral organization of microbial membranes emerged
in the literature shortly thereafter (Matsumoto et al. 2006), though studies had
indicated of the possibility of lateral phase separation earlier (Linden et al. 1973).
For example, a heterogeneous distribution of lipids was observed in the septa of
mycobacteria (Christensen et al. 1999). In E. coli, membrane domains were
visualized in dividing cells (Fishov and Woldringh 1999) with the poles and
septa enriched in cardiolipin (Mileykovskaya and Dowhan 2000). Cardiolipin
domains were also observed in B. subtilis (Kawai et al. 2004), and more
recently isotopic labeling and neutron scattering methods directly probed the
lateral heterogeneity of the acyl chains of lipids in B. subtilis (Nickels et al.
2017b) (Fig. 1).

The lipid raft hypothesis asserts that regions within the cell membrane differ in
lipid composition and physical properties. Membrane proteins are thought to
partition preferentially between lipid domains and the continuous phase that
surrounds them, enhancing certain associations of proteins while suppressing
others (Sezgin et al. 2017b; Lingwood and Simons 2010). These domains are
thought to facilitate a range of biochemical processes (Brown and London 1998),
including cell adhesion and migration (del Pozo et al. 2004), cell recognition
(Pierce 2002), protein sorting (Lingwood and Simons 2010; Jacobson et al.
2007), synaptic transmission (Hering et al. 2003), cytoskeletal organization
(Villalba et al. 2001), signal transduction (Simons and Toomre 2000), and apo-
ptosis (Gajate and Mollinedo 2001). Recently, it has been suggested that lipid
rafts function as reservoirs of high-melting temperature membrane components,
causing rafts to act as buffers of membrane physical properties (Nickels et al.
2019), a concept which may be applicable to other environmental perturbation
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such as solvents or small amphiphilic molecules. Because of these biological
roles, rafts have been studied extensively in both animal cells (Verkleij et al.
1973; Allen et al. 2007) and microbes (López and Kolter 2010; García-Fernández
et al. 2017; Nickels et al. 2017b). But the canonical view of lipid rafts is a
mammalian/eukaryotic perspective. Microbial membranes differ from those of
eukaryotes in terms of composition, implying that the lipids domains between
eukaryotes and prokaryotes differ in composition, even though they may perform
similar roles.

As a result, a new frontier of understanding in lateral membrane organization
involving bacterial membranes is rapidly approaching. Recent studies suggest lipid
rafts are of interest to medical researchers for a variety of phenomena, specifically
bacterial and viral pathogenesis (van der Goot and Harder 2001; Dick et al. 2012;
García-Fernández et al. 2017; Epand and Epand 2009). For example, work by Lopez
(García-Fernández et al. 2017) shows that targeting raft organization using statin
class drugs diminishes antibiotic resistance in methicillin-resistant Staphylococcus
aureus – a pathogen that is often hospital-associated and notoriously difficult to treat,
due to its resistance to common antibiotics.

In this chapter, we will discuss the evolving story of lipid rafts in microorganisms
and describe some of the current concepts of lipid raft structure and function in
microbial systems.

Fig. 1 The bacterial cell membrane for a gram-positive organism such as B. subtilis.Gram-positive
organisms possess a single-cell membrane, surrounded by a cell wall, and do not typically contain
membrane-bound organelles. Bacterial membranes also contain lateral heterogeneities consistent
with lipid rafts, which recent experiments indicated are around 40 nm in diameter. (Adapted from
Nickels et al. 2017b)
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2 Structure of Lipid Rafts

We can consider lipid raft structure from a number of perspectives. The physical size
of domains is an obvious metric to describe rafts in any system, but one can also
consider the lipid composition and protein content. Each perspective is a valid way
to view the structure embedded within the cellular membrane and to frame how rafts
contribute to biological function.

From a eukaryotic perspective, lipid rafts are commonly understood as being
heterogeneous (Pike 2004) and dynamic (Samsonov et al. 2001) structures ranging
in size between 10 and 100 nanometers (nm) (Pralle et al. 2000) and composed
primarily of “high-melting temperature” lipids, but also rich in sterols, carbohy-
drates, and proteins (Brown and London 2000). However, microbial systems deviate
from this picture in several important respects. Compositionally, many microbial
systems lack the sphingolipids and sterols found in eukaryotic cells. Bacterial cells
are also substantially smaller and possess cell walls and other complex membrane-
associated structures, such as flagella.

The size of lipid rafts has been a contentious question since the articulation of the
lipid raft hypothesis. Much of the debate stems from an inability to detect nanoscale
structures due to limitations in the methods available to study them. More specifi-
cally, with the optical resolution limits and the lack of clear rafts in systems which
were thought to contain rafts, it was speculated that lipid rafts were nanoscopic in
size (Varma and Mayor 1998) quite early on. Besides their small size, rafts present
little contrast with the surrounding lipid membrane, presenting an additional analyt-
ical challenge in determining a definitive size. However, it is highly unlikely that
there is any definitive size for lipid rafts at all. Evidence from model lipid mixtures
shows that domain size varies strongly with lipid composition (de Almeida et al.
2005). It is important to keep in mind, therefore, that rafts are expected to be
heterogeneous both within a single-cell based due to local composition and curva-
ture fluctuation and across many types of biological membrane which vary widely in
composition (Van Meer et al. 2008). This is important to provide context to the
reported ~40 nm size of rafts observed for Bacillus subtilis cell membranes (Nickels
et al. 2017b) which certainly does not reflect a universal lipid raft size, but rather an
average of raft sizes within this specific organism at this specific temperature. The
sensitivity of raft size to local composition is illustrated in a simple comparison of
model binary and ternary lipid mixtures which produce ordered domain ~20–100 nm
and > ~75–100 nm in size, respectively (de Almeida et al. 2005). And while
additional factors such as mechanical properties and the inclusion of other molecules
also influence the size of these domains, it is widely thought that lipid-lipid interac-
tions are the dominant force.

2.1 Methods

Determining the structural details of lateral lipid organization and lipid rafts is an
analytical challenge. There is little inherent contrast between lipid rafts and the
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surrounding lipids which can be used for observation. The experimental and com-
putational approaches to understanding rafts in microbial systems are broadly similar
to those that have been used to study eukaryotic rafts and model membranes. There
are a range of direct physical methods performed ex vivo or on model systems such
as mass spectrometry (Kraft et al. 2006), nuclear magnetic resonance (NMR) (Veatch
et al. 2004), various fluorescence spectroscopy (Bacia et al. 2004; Schwille et al.
1999) and microscopy (Zipfel et al. 2003; Baumgart et al. 2007b; Stöckl and
Herrmann 2010; Zacharias et al. 2002; Korlach et al. 1999; Baumgart et al. 2003)
methods, atomic force microscopy (AFM) (Yuan et al. 2002; Johnston 2007;
Tokumasu et al. 2003; Goksu et al. 2009), and x-ray (Mills et al. 2008) and neutron
scattering (Pencer et al. 2005; Nickels et al. 2015a, 2017b; Heberle et al. 2013).

Among these methods for observing lateral organization of lipid bilayer compo-
nents, fluorescence-based approaches are possibly the most widely used. Although
limited by the diffraction limit, fluorescence microscopy (Stöckl and Herrmann
2010) is able to interrogate domain size, shape, and physical properties (Baumgart
et al. 2003) based on the partitioning of dye molecules into the different phases
(Klymchenko and Kreder 2014) and the diffusion and ligand binding of raft lipid
analogs in model and cellular plasma membranes (Sezgin et al. 2012). Fluorescence
recovery after photobleaching (FRAP) (Wu et al. 1977) and fluorescence correlation
spectroscopy (Bacia et al. 2004) are particularly useful approaches for studying
lateral diffusion in bilayers (Derzko and Jacobson 1980) and distinguishing the
liquid-ordered phase in raft-forming models (Mouritsen and Jørgensen 1994;
Almeida et al. 1992). FRAP works by photobleaching a defined area and measuring
the rate at which fluorophores diffuse back into the bleached spot. Because of the
small size of lipid rafts, many tools have been employed to probe length scales
smaller than the diffraction limit. Confocal and two-photon fluorescence (Gaus et al.
2003) microscopy have been used to directly image large domains, and Förster
resonance energy transfer (FRET) (Jares-Erijman and Jovin 2003) has proven
extremely useful for studying domain formation and phase behavior (Zhao et al.
2007; de Almeida et al. 2005; Feigenson 2009), as well as identifying raft-
associating molecules (Kenworthy et al. 2000). Similarly, other multiphoton
methods (Bagatolli and Gratton 2000), a range of super-resolution microscopy
techniques (Simons and Gerl 2010), and single molecule (Schütz et al. 2000)
approaches are also being developed to overcome the diffraction limit of optical
techniques.

Vibrational spectroscopy is another workhorse method that has been applied to
questions of lipid organization (Mendelsohn and Moore 1998). The vibrational
frequencies of specific functional groups are sensitive to the local environment of
lipids and proteins. Because of this, shifts in vibrational frequency and relative
amplitudes can be descriptive of lipid order, given sufficient signal to noise ratios.
The most widespread vibrational spectroscopy method, infrared spectroscopy (IR),
has been used in several studies to detect raft-like domains in model membrane
systems (Schultz and Levin 2008; Lewis and McElhaney 2013). Raman scattering
has been used on lipid systems for many years (Czamara et al. 2015) with recent
developments being applied to asymmetric and laterally organized lipid bilayers.
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Tip-enhanced Raman spectroscopy is an attractive way to enhance the observable
signal, especially when combined with isotopic substitutions (Opilik et al. 2011).
Multiphoton Raman methods, such as coherent anti-Stokes Raman spectroscopy
(Potma and Xie 2005; Li et al. 2005), have also been used to observe lateral
demixing in the plane of model lipid membranes. Multiphoton methods may provide
some advantages over standard Raman in terms of lowering excitation power,
resulting in less potential damage to the sample. Nonlinear methods, such as sum
frequency vibrational spectroscopy, have been used to study bilayer asymmetry
(Brown and Conboy 2013) and lipid phase behavior (Liu and Conboy 2004).
Lipid asymmetry is another key organizational feature of the cell membrane (Nickels
et al. 2015b). This method clearly observes a spectral indication of bilayer asym-
metry, but the resulting flip-flop rates appear to be quite a bit faster than other
methods (Heberle et al. 2016). This may be due to the presence of defects in the
supported lipid bilayers needed for this method. It has been known for several
decades that pore formations dramatically increase the rate of lipid flip-flop (Fattal
et al. 1994). Lipid diffusion through such defects would be a competing mechanism
with true transmembrane flip-flop in such systems.

Here we focus on experimental approaches used to study microbial membranes,
but molecular dynamics (MD) simulations are another important approach that is
beginning to be used. We mention this because the next two methods we will
discuss, nuclear magnetic resonance (NMR) and scattering (x-ray and neutron),
are the most conducive to comparison with MD simulation. The time and length
scales of the resulting observations are nearly the same as what current simulations
can probe. NMR, specifically solid-state NMR for lipid systems, provides detailed
information about molecular identity, local structure and structural uncertainty, and
molecular motions (Davis 1983; Seelig and Seelig 1974) based on the response of
atoms to an applied magnetic field. Several different elements (Henderson et al.
1974; Petrache et al. 2000; Davis 1983) are used for NMR in the direct study of
lipids, commonly including 1H, 2H, 13C, and 31P, and there are many methods and
protocols within the overall umbrella of NMR. The addition of membrane insoluble
paramagnetic compounds is useful for determination of bilayer asymmetry (Solo-
mon 1955; Bloembergen 1957). If a paramagnetic shift reagent is added to the bulk
solution outside of the vesicle, such as a lanthanide ion, there will be a detectible
shift in the NMR spectra for one leaflet (Su et al. 2008; Solomon 1955; Bloembergen
1957). Shift reagents, also used to track asymmetric membrane protein insertion
(Su et al. 2008), were recently been used to track lipid flip-flop in asymmetric
vesicles (Heberle et al. 2016), addressing some potential issues described in the
preceding paragraph.

For the case of lateral organization, 2H NMR has played an important role in
quantifying the compositional changes within phase separating model lipid mixtures
(Veatch et al. 2004). It should be noted that these authors were not comfortable
ascribing this result to strict phase coexistence, citing the possibility of critical
fluctuations within a single phase. Subsequent observations of nanoscopic compo-
sitional heterogeneities in similar model lipid compositions using scattering methods
indicate that there is a population with ensemble properties of a nanoscopic size and
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local compositions resembling the distinct lipid phases. Carbon-deuterium order
parameters of lipid acyl chains are a tremendously useful reporter on the structural
order of the fatty acid tails in the hydrophobic region of a lipid bilayer. This
parameter is then an obvious target to connect NMR experimental results and MD
simulations describing lipid acyl chain order because the carbon-deuterium order
parameter reflects the average angle between the C-D bond and the bilayer normal.
The results of NMR and MD simulations seem to be in good agreement at present,
and while comparisons of order parameters for lipid head groups are not yet well
modeled, current efforts can be followed at http://nmrlipids.blogspot.com. Parame-
ters describing lipid acyl chain order can also be obtained by fluorescence depolar-
ization (Heyn 1979), yet the requirement of a fluorescent probe does introduce an
outside element, perturbing the system and potentially affecting the result. NMR has
the benefit of using isotopic labels which are far less perturbing. Using such labeling,
one may access the T1 relaxation time revealing similar information about lipid
ordering (Brown et al. 1983). Heteronuclear, or cross polarization, methods where
polarization is transferred between two atoms are another strategy for obtaining
information about the ordering of the lipid tails (Hong et al. 1995). The use of magic
angle spinning (MAS) conditions should also be mentioned as a way of dramatically
enhancing the signal of the system and avoiding the necessity of oriented samples
(Gross et al. 1997). MD simulation and NMR are also well matched for the
description of local motions of lipids in bilayers. MD simulations can compute
diffusion confidents directly from the atomic displacements in their trajectories.
The pulsed field gradient method has been used to measure the lateral diffusion
rate of lipids and cholesterol in the plane of the bilayer (Orädd and Lindblom 2004;
Scheidt et al. 2005). This has been applied to the dynamical properties of the lipids
within model raft-forming mixtures as well (Orädd et al. 2005; Lindblom et al.
2006).

Neutron and x-ray scattering are powerful structural biology techniques that have
been used extensively in the determination of the lipid membrane structure
(Marquardt et al. 2015) (Fig. 2). Scattering methods probe important molecular
length scales (Å to 100s of nm), and inelastic scattering techniques are able to
probe molecular motions occurring from the order of 100s of nanoseconds to
fractions of a picosecond. The coherent elastic scattering of both x-rays and neutrons
reflects the pair distribution functions of the atoms making up the sample. Such pair
distribution functions reflect the molecular structure and can be directly computed
from MD simulations. Indeed, the lamellar structure of certain lipid phases (Luzzati
and Husson 1962) and liquid-like conformations of the lipid tails in the hydrophobic
region (Luzzati and Husson 1962; Tardieu et al. 1973; Engelman 1971) were
observed by x-ray diffraction. X-ray diffraction played a critical role in quantifying
the linear relationship between acyl chain length and bilayer thickness in lipid
bilayers (Lewis and Engelman 1983) and remains a critical structural technique for
biomembranes (Nagle and Tristram-Nagle 2000). X-ray diffraction is sensitive to the
existence of lateral organization for some lipid systems (Koenig et al. 1997),
including complex lipid mixtures (Majewski et al. 2001). The way that lateral
organization can be implied from x-ray scattering observations (Heftberger et al.
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Fig. 2 Neutron scattering is an emerging method for the study of lipid rafts in bacteria.
(a) Neutrons scatter differently from the isotopes of hydrogen, 1H and 2H (deuterium). By careful
isotopic substitutions, it is possible to manipulate the scattering contrast of an entire living bacterial
cell, such that contrast between rafts and the surrounding membrane is observed. (b) The lamellar
form factor of the cell membrane can be observed by labeling a partially deuterated cell’s membrane
with 1H fatty acids, revealing the bilayer thickness in the living cell. (c) Raft structures can be
detected based on differences in partitioning of neutron scattering length density matched fatty acid
mixtures in the cell membrane. Here we see the excess scattering induced by unequal partitioning of
the isotopes of hydrogen. (Adapted from Nickels et al. 2017b)
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2015) is usually the presence of multiple d-spacings at lower scattering wave
vectors.

Similar to x-ray scattering, neutron scattering is a diffraction technique that can
probe length scales from 100s of nm to Å; however, there are some important
distinctions. Firstly, neutrons scatter from the atomic nucleus with a strength denoted
in the nuclear scattering length, b, whereas x-rays scatter from the electron density.
Secondly, thermal and cold neutrons are more often used to study dynamics via
inelastic scattering. The observed changes in momentum (differences in the velocity
of the incident and scattered neutron) can be directly related to the collective and
self-motions of the atoms in the sample (Bee 1988). Note that inelastic scattering of
x-rays is also a useful method to probe atomic motions, but typically at very high
frequencies and longer wave vectors than neutrons, making the method less useful
for lipids. The neutron scattering length, b, varies widely between elements and even
between the isotopes of a single element (Sears 1992), in contrast to x-ray scattering
where electron density varies systematically with atomic number. This has two
important implications in regard to the study of lipids and complex lipid structures.
Firstly, this means that there is a substantial contribution to the observed scattering
from low atomic number atoms such as hydrogen. This matters because lipids are so
hydrogen-rich. Indeed, neutrons have been a vital tool in studying the detail structure
of biomembranes (Büldt et al. 1978, 1979; Zaccai et al. 1979), including the location
of another hydrogen-rich molecule in biological systems, water (Zaccai et al. 1975;
Nickels and Katsaras 2015), and the motions of water around biointerfaces
(Toppozini et al. 2015; Nickels et al. 2012; Perticaroli et al. 2017; König et al.
1994; Settles and Doster 1996; Swenson et al. 2008). The inelastic scattering of
neutrons provides additional information in the time domain about the motions of
lipid molecules over a wide dynamic range from the collective undulations (Watson
and Brown 2010; Zilman and Granek 1996) and thickness fluctuations (Woodka
et al. 2012) of the bilayer, to lateral diffusion of lipids (Pfeiffer et al. 1989) and local
motions of the individual lipids (Pfeiffer et al. 1989; König et al. 1992; Swenson
et al. 2008), to the vibrational regime (Rheinstädter et al. 2004). These motions are
correlated to important physical properties of lipid membranes, such as the bending
modulus (Zilman and Granek 1996).

The second important point is isotopic substitution, specifically the isotopes of
hydrogen (1H) and deuterium (2H). These molecules can be deployed to achieve
“contrast-matching” conditions (Jacrot 1976). In the case of complex lipid compo-
sitions, contrast matching typically means introducing deuterium substituted lipids
in carefully calculated amounts into specific lipid phases. Calculations of atomic/
isotopic content are used to match the scattering length density of a water/heavy
water solvent mixture to a single given phase (Nickels et al. 2015a) or the theoretical
match point of bilayer when perfectly mixed (Heberle et al. 2013; Nickels et al.
2017b; Pencer et al. 2005). In the latter case, a null scattering condition should be
observed, and deviations from this imply lateral demixing of the bilayer. This
approach has been used in other guises for many applications however, for example,
in the study of proteins (Jacrot 1976), lipids (Knoll et al. 1981), nucleic acids
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(Pardon et al. 1975), polymers (Nickels et al. 2016), and other materials. There is
recent work using this kind of neutron scattering data to carefully study the sizes of
lipid domains using these contrast-matching approaches (Heberle et al. 2013;
Nickels et al. 2015a). Indeed, contrast-matched vesicles are useful to study how
the modulus of nanoscopic lipid domains is distinct from the surround phase of
phase-separated bilayer (Nickels et al. 2015a). This work suggested that it is possible
that phase separation can be influenced by the local distribution of elastic moduli.
Again, the observed dynamical features are directly connected to the time depen-
dence of the self and pair correlation functions, properties accessible in MD simu-
lations. By defining those correlation functions for specific modes, one can extract
dynamical terms analogous to these experimental observations.

Not surprisingly, technical limitations frustrate many of these powerful physical
techniques in the biologically relevant living cellular environment. Ex vivo
approaches to get around these limitations, such as the study of giant plasma
membrane vesicles derived from living cells via chemical treatment, show clear
indications of large-scale liquid-liquid phase separation (Baumgart et al. 2007a).
Also, natural lipid extracts (Nickels et al. 2017a) and synthetic model lipid mixtures
which exhibit microscopic liquid-liquid phase coexistence (Veatch and Keller 2002,
2003; Dietrich et al. 2001; Edidin 2003) have made careful study of the physical
processes behind lipid rafts a tractable problem (Jacobson et al. 2007).

It is clearly desirable to study lipid rafts in living cell membranes, resulting in a
number of experimental approaches being employed. Early in the study of lipid rafts,
detergent resistance was found to be a useful way to isolate raft lipids and raft cargo
in both model lipid mixtures and cells (Ahmed et al. 1997). Detergent resistance
(Lingwood and Simons 2007; London and Brown 2000) uses various detergents,
such as Triton-X100, to solubilize regions of the cell membrane. Interestingly, not all
portions of the membrane are disrupted resulting in detergent-soluble and detergent-
resistant membrane fractions. These fractions can subsequently be interrogated via
mass spectrometry and other biochemical assays (Lingwood and Simons 2007). A
recent example of this approach might be the isolation of staphyloxanthin in the
detergent-resistant Staphylococcus aureus membrane (García-Fernández et al.
2017). Another indirect method which was important in the early study of lipid
rafts is cholesterol depletion. Cholesterol depletion studies demonstrated changes in
cellular behavior or activity (Kabouridis et al. 2000) based on the removal of
cholesterol, presumably from lipid rafts. However, the vast majority of microorgan-
isms do not contain sterols in their cell membranes, instead using functional analogs
such as hopanoids (Sáenz et al. 2012) and isoprenoid lipids (Boucher et al. 2004;
García-Fernández et al. 2017). High-resolution, two-photon fluorescence spectros-
copy is one such approach at tracking lipid raft cargo in living cells (Gaus et al.
2003). The method is based on the differential partitioning of the small hydrophobic
dye laurodan (Owen et al. 2012). Other fluorescence-based methods using protein-
linked molecules showed the cycling of raft-associated membrane components in
living cells (Nichols et al. 2001). These methods provide powerful, if indirect,
evidence of the existence of lipid rafts and optical length scale structural information.
Recently, neutron scattering was used to directly observe lateral demixing in the cell
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membrane of a living bacterium, confirming the presence of nanoscopic heteroge-
neities consistent with the concept of lipid rafts (Nickels et al. 2017b).

2.2 Composition

The composition of lipid rafts is often understood in the context of high cholesterol
and sphingomyelin/high-melting lipids. This is a eukaryote centric view, however,
and does not apply to the majority of microbial membranes. From a bacterial
membrane perspective, one frequently thinks lipids such as phosphatidylglycerol
(PG), phosphatidylethanolamine (PE), and cardiolipin (CL) are common in the
membrane of E. coli (Gidden et al. 2009; Parsons and Rock 2013), the gram-
negative bacterial model, and in that of B subtilis (Gidden et al. 2009; Nickels
et al. 2017a; Den Kamp et al. 1969), a typical gram-positive model organism. Yet,
there are many other molecules to consider (Fig. 3). Microbial membranes are
overwhelmingly diverse in terms of their lipid compositions (Sohlenkamp and
Geiger 2016), even in the model organisms such as E. coli and B. subtilis. In the
context of lipid rafts, these other lipids, such as hopanoids and prenyl lipids, are
important as analogs to sterols (Sáenz et al. 2012). Other varieties of lipid include

Fig. 3 Bacteria contain a wide range of lipids. This includes typical glycerophospholipids such as
phosphatidylglycerol (PG), phosphatidylethanolamine (PE), and cardiolipin (CL), as well as the
metabolic intermediate diacylglycerol (DAG). Terpenoids and prenyl lipids (like staphyloxanthin)
are found in many bacterial membranes, some of which are thought to be important analogs to
sterols. Lipopolysaccharides are typically found in the outer membrane of gram-negative species.
A range of fatty acids are also employed across bacterial species, including branched chain and
cyclopropane fatty acids
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ornithine lipids, sulfonolipids, or the many varieties of glycolipids (GL). Free fatty
acids and other small molecules can also be found in some bacterial membranes.
Ether lipids are also found in a range of bacterial species. Common in archaea,
bacterial ether lipids contain fatty acyl and acyl modifications in the sn-1 and sn-2
positions. The distribution of these and other less frequent bacterial membrane
components across the range of organisms is summarized well by Sohlenkamp
and Geiger (Sohlenkamp and Geiger 2016) in Table 1 of their excellent review.

Glycerophospholipids are the most common lipid species in most cell mem-
branes. This group includes those mentioned above, PE, PG, and CL, as well as
other molecules such as phosphatidylserine (PS), phosphatidylinositol (PI), phos-
phatidylcholine (PC), and the lysyl versions of these lipids, such as lysyl-PG (LPG).
Diacylglycerol (DAG) is another component of bacterial membranes and an impor-
tant metabolic intermediate in lipid synthesis (Carrasco and Mérida 2007). DAG can
be enzymatically modified to obtain phosphatidic acid (PA) and subsequently
cytidine diphosphate-diacylglycerol (CDP-DAG) which is the central metabolite in
the production of glycerophospholipids. Because of this, DAG is the backbone of
GLs and the anchor for lipoteichoic acid, an important structural component of the
cell wall (Percy and Gründling 2014). Lipopolysaccharides (LPS), such as Lipid A,
are typically found in the outer membrane of gram-negative bacteria. LPS is often a
toxin that triggers innate immunity (Alexander and Rietschel 2001) in humans and is
reported to cluster in mammalian lipid rafts (Pfeiffer et al. 2001).

Local differences between the global lipid composition and the local composition
are of course the central feature of lateral organization (Fig. 4). The physical
properties of lipids drive such differences, with acyl thickness and spontaneous
curvature mismatches as potential driving forces for raft formation. DAG, for
instance, may have a role in raft formation due to its negative curvature, while

Fig. 4 Schematic of a lipid raft with associated transmembrane protein. This simplified composi-
tion belies the reality that much remains to be discovered about the varied compositions of lipid rafts
in bacteria. Some bacterial membranes are thought to contain rafts enriched in phosphatidyletha-
nolamine (PE) (Nishibori et al. 2005), cardiolipin (CL) (Mileykovskaya and Dowhan 2000), or
some terpenoids, like staphyloxanthin (Sáenz et al. 2012) (protein shown is a LPS transporter from
Pseudomonas aeruginosa (Botos et al. 2016))
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lysyl lipids have a large positive spontaneous curvature. Other lipids, such as CL
(Mileykovskaya and Dowhan 2000) and PE (Nishibori et al. 2005), have been
demonstrated to localize in the cell membrane of bacterial cells. But the correlation
from raft-forming lipid mixtures is still being investigated in living bacteria, and
most anticipate that there will be a far greater diversity of raft-forming compositions
than is seen in mammalian membranes.

The dependence of rafts upon sterols in eukaryotes, typically cholesterol in
humans, is a distinguishing feature of lateral organization. Ergosterol is thought to
regulate membrane properties to much the same degree in fungi, protozoans, and
yeasts (Xu et al. 2001), with observations that a membrane with little to no choles-
terol will exhibit little to no raft formation (Rothberg et al. 1990). Sterols are major
component of the membrane in eukaryotes, and their presence and absence through-
out the lipid bilayer plays an important role in the functions and behaviors of not
only lipid rafts but with the membrane as a whole. Their amphipathic structure
allows them to interact with both the nonpolar acyl chain regions and polar head
group regions of the cellular membrane. Sterols also have a substantial influence
over the biophysical properties of the membrane, such as bilayer fluidity, thickness
(Kusumi et al. 1983; Vance and Vance 1985) permeability, bending modulus, and
protein complex conglomeration (Haines 2001; Nickels et al. 2015a; Simons and
Toomre 2000).

Unsurprisingly, prokaryotes are thought to utilize a range of compounds to
perform similar functions. Sterols are produced in a limited number of microorgan-
isms; while some organisms have been shown to scavenge sterols from the extra-
cellular environment. We will discuss one such case for B. burgdorferi later in this
chapter. Isoprenoid lipids, also called terpenoids, are a broad class of compounds that
are thought to play some role in raft formation in bacterial membranes. Their
functional convergence has been long speculated, and experimental evidence is
now emerging (Sáenz et al. 2012). In fact, sterols are synthesized from isoprenoid
precursors such as squalene.

In prokaryotic membranes isoprenoid lipids are increasingly being associated
with rafts and raft-associated cellular functions, such as membrane trafficking,
protein localization, and signal transduction (Lopez and Koch 2017). Hopanoids
are a specific class of isoprenoid lipid – triterpenoids – which has been strongly
implied to function analogously to sterols. Hopanoids are a diverse set of molecules
found widely among bacteria (Rohmer et al. 1984). Diplopterol is one example used
by Saenz and coworkers (Sáenz et al. 2012) to illustrate experimentally the biophys-
ical similarity. They compared the membrane ordering effect in model
sphingomyelin/cholesterol and sphingomyelin/diplopterol bilayers. This is not a
universal effect across all hopanoids, however, as was pointed out subsequently in
simulations of PC lipid bilayers containing diplotene or bacteriohopanetetrol. There,
the authors showed how the latter molecule accumulated in the bilayer midplane,
having no ordering effect at all (Poger and Mark 2013). However, such effects are
also seen for the location of vitamin E (Marquardt et al. 2013) as a function of chain
length, so it is possible that bacteriohopanetetrol would partition differently in other
model bilayers.
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Carotenoids are another subclass of isoprenoid lipid – also called tetraterpenoids –
based on eight isoprene units. Carotenoids are important molecules in photosynthetic
organisms due to their light-absorbing properties, especially in the 400–550 nm
wavelength range. Carotenoids typically span the lipid bilayer and do not have as
many ring structures as hopanoids. Nonetheless, carotenoids have also been implicated
in the maintenance of lipid rafts. Garcia-Fernandez et al. showed that carotenoids, or
absence thereof, are a key factor in formation of rafts using a carotenoid-deficient
Staphylococcus aureus mutant. They demonstrate the pivotal role rafts play in the
mechanism of antibiotic resistance (García-Fernández et al. 2017).

Proteins are another major component of the cell membrane, with integral
membrane proteins accounting for 20–30% of genes (Krogh et al. 2001). This is
true for bacteria as much as for eukaryotes (Daley et al. 2005). In the context of this
chapter, we are interested in the organization of membrane proteins and their
recruitment to rafts. Membrane proteins broadly come in two categories: integral
membrane proteins and peripheral membrane proteins. Integral membrane proteins
can only be removed by membrane disruption. This includes proteins which cross
the full bilayer like ion channels or receptors involved in cell adhesion or active
transport of metabolites. Transmembrane domains typically contain hydrophobic
residues and have conserved sequences, making their identification possible from
sequence analysis tools. Peripheral membrane proteins are those which can be
extracted from the membrane without fully disrupting the bilayer and do not
typically cross the full bilayer but are instead associated with one leaflet through
acylation, ionic interactions, or specific affinity to membrane components.

Membrane proteins are sensitive to bilayer thickness (Andersen and Koeppe 2007),
and this is thought to be the energetic driver of protein partitioning between raft and
“sea” phases of the cell membrane. These phases present different hydrophobic
thickness which will provide better solvation matching to the hydrophobic portions
of membrane proteins. Because of this, there are structural motifs which have become
associated and are potentially predictive for proteins which are found in lipid rafts. The
set of proteins described by the acronym, SPFH, is one such domain, describing the
group of proteins stomatin, prohibitin, flotillin, and HflK/C (Browman et al. 2007).
Evidence has shown that proteins containing these SPFH segments may interact with
other proteins to localize binding partners to the raft and impact their organization once
inside it (Langhorst et al. 2005, 2007; Browman et al. 2007). Another important
category of raft-associated proteins is the glycosylphosphatidylinositol (GPI)-
anchored proteins. These are integral membrane proteins, typically containing long
acyl chain and doubly acyl chain modifications; and though it varies greatly based on
activity, GPI-anchored proteins have been reported to exist within rafts at concentra-
tions up to 15 times greater than the surrounding membrane (Varma and Mayor 1998).

3 Functions of Lipid Rafts

Lipid rafts are the subject of ongoing research, and their role in biological systems is
varied and evolving. Some aspects of lipid rafts remain under debate, such as the
mechanism of raft formation, phase behavior (Feigenson 2009), or active biological
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process (Yethiraj and Weisshaar 2007; Turner et al. 2005). Yet the core concept
connects lipid organization to protein co-localization, and protein co-localization to
cellular function is now widely accepted. The physical properties of coexisting lipid
phases and their incorporated proteins create distinct characteristics of both raft and
non-raft regions. It is hypothesized (Nickels et al. 2019) that rafts may function to
stabilize physical properties against rapid changes in temperature or solvent. Mem-
brane thickness, curvature, tension, and other properties are products of these
interactions. Further, the partitioning of proteins in the bilayer based on their
structural features along with active sorting methods allows for the regulation of a
range of cellular processes. This mediation influences signaling pathways, transport
mechanisms, cellular division, and other membrane functions.

3.1 Defining Membrane Physical Properties

The understanding of lipid rafts as coexisting lipid phases in the cell membrane plays
a key role in defining the physical properties of rafts and maintaining the properties
of the cell membrane as a whole. As noted above, bacterial membranes are compo-
sitionally diverse (Sohlenkamp and Geiger 2016), with a given organism using
potentially hundreds of lipids. In order to simplify the system for biophysical
study, model lipid bilayers have emerged as an excellent resource for the study of
lipid bilayer phase separation, with a rich literature emerging since the year 2000.
Commonly using ternary lipid mixtures (Feigenson 2009; Veatch and Keller 2003;
Marsh 2009) containing one high-melting lipid, one low-melting lipid, and choles-
terol, these studies identified the liquid-ordered phase, Lo, and the liquid-disordered
phase, Ld, as analogs to the biologically relevant raft phase. LO and LD phases have
numerous physical differences beyond their composition, such as the local lipid
order (acyl chain, tilt, splay), lateral compressibility, hydrophobic thickness, and
bending modulus (Nickels et al. 2015a). Moreover, the precise combination of these
properties contribute to the interfacial energy between the phases, quantified in the
line tension and partition coefficients of the various molecules within the bilayer
(Honerkamp-Smith et al. 2008; Kuzmin et al. 2005; García-Sáez et al. 2007).

As might be guessed from the nomenclature, lipids in the Lo phase are more
ordered as defined by a number of order parameters. In general, this means that lipid
acyl tails in the Lo phase have on average a more trans configuration and are more
likely to be oriented parallel to the bilayer normal. In the case of typical diacyl lipid
molecule, the acyl tails have parallel orientations with respect to each other when
compared to lipids in the Ld phase. This ties quite directly into differences in bilayer
thickness, compressibility, and bending modulus. The bending modulus describes
the resistance of the bilayer to deformation out of the plane of the bilayer and is
directly related to the lateral compressibility and bilayer thickness. The bending
modulus and the related Gaussian modulus have an influence on the global bilayer
free energy (Helfrich 1973) and have been indicated as one potential driver of lateral
organization (Seul and Andelman 1995; Nickels et al. 2015a).

Membrane protein hydrophobic mismatch is a common concept for discussion of
lipid rafts discussed in the prior and subsequent sections of this chapter; but lateral
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pressure profiles exerted upon membrane proteins are another potentially important
influence of lipid rafts. For example, it has been suggested that the insertion of
ketamine in lipid bilayers changes the opening probability for model ion channels
(Jerabek et al. 2010), supporting the lateral pressure mechanism of anesthesia
(Cantor 1997). Changes in protein activity based upon conformational changes
induced by the lateral pressure profile of the lipid environment are another way
that lipid rafts can influence cellular behavior. Finally, bending modulus and the
diffusivity of proteins within the membrane can be influenced by the existence of
distinct lipid phases. Indeed, partitioning of lipids between phases continually
changes as a function of temperature leading to a thermal buffering of bilayer rigidity
and bilayer fluidity (Nickels et al. 2019).

3.2 Protein Partitioning

The functionality of lipid rafts is premised upon their role as a mechanism of
preferential protein sorting. The origins of this mechanism are rooted in fundamental
thermodynamic interactions. When two membrane domains with differing hydro-
phobic thickness form in the presence of a protein, the protein will preferentially
accumulate within the bilayer region which more closely matches their hydrophobic
thickness (Fig. 5). This will tend to co-localize proteins with similar characteristics,
leading to a clear mechanism by which multiple proteins can be segregated together
in a certain membrane region.

The physical characteristics that help define the hydrophobic thickness of a lipid
raft are governed by a combination of factors which depend upon composition of
lipids found in the specified domain, namely, the lengths of the acyl tails of its
component lipids, the chemistry of the lipid head groups and their interaction with
water, and the lateral packing of the constituent lipids. The less that membrane
proteins and lipids must adapt to reduce any exposure of hydrophobic regions to the
aqueous environment outside of the bilayer, the more energetically advantageous the
protein partitioning will be. Various mechanisms are employed in order to minimize
these mismatches and resultant strain energies. For example, small conformational
changes in trans- and intramembrane proteins can alter their overall length and
reduce the impact of these mismatches. Additionally, local deformation of the lipid
bilayer allows for reduction of line tension at the phase boundary.

Protein partitioning into a lipid raft is just one step in sequence of events leading
to various cellular functions. A raft associated protein frequently collocates with
other proteins to form protein complexes. Detergent resistance has identified a
number of protein complexes prokaryotic cells. In B. subtilis the resistant protein
complexes include signaling proteins, biosynthesis machinery, and transporter com-
plexes (López and Kolter 2010; Niño and Marc 2013). Further study revealed that
there was direct interaction between these proteins and flotillins, like FloT and FloA,
indicating co-localization of specific proteins. Functional dependences were
observed as protein function was inhibited when flotillins (FloT and FloA) were
not present (López and Kolter 2010; Niño and Marc 2013; Schneider et al. 2015).
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Flotillins belong to the SPFH (stomatin/prohibitin/flotillin/HflK/C) superfamily of
proteins, which share a region of undetermined function but similar sequence
(Tavernarakis et al. 1999). Flotillins are distinct in their coiled structures at the
C-terminal (Schroeder et al. 1994).

In many single-cell organisms, flotillins are thought to mark lipid raft locations
(Fig. 6). Through the use of electron microscopy and staining-based methods, these
proteins can be easily observed to localized domains across the cellular membrane
(Lang and Philp 1998; Stuermer et al. 2001). These domains tend to be uniform in
diameter and very similar in size to lipid rafts, approx. 100 nm across. While they
relatively evenly spaced across cellular membranes, they tend to conglomerate more
at cellular contact sites (Stuermer et al. 2001). Flotillins have been observed to

Fig. 5 Protein partitioning in lipid rafts is the result of many interactions between cell membrane
lipids and membrane integral and associated proteins. Hydrophobic mismatch is thought to be
among the strongest drivers determining the raft affinity proteins
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co-localize with other GPI-anchored proteins like F3/contactin and others,
suggesting that they are involved in the ferrying of GPI-anchored proteins across
the cell membrane. Additionally, they appear to closely interact with kinases,
transport, and several types of receptor signaling mechanisms (Stuermer et al.
2001; Wakasugi et al. 2004).

3.3 Selected Examples

We now discuss several specific examples of rafts, or raft-like domains, either in the
membranes of, or interacting with, microorganisms. Lipid rafts in both eukaryotes
and bacteria alike play important roles in the mechanism of pathology. Their ability
to co-localize specific complexes of proteins is especially useful as a vector for
cellular interaction and invasion of a host cell, or responding to an environmental
challenge, such as an antibiotic. Moreover, microbial pathogens have been able to
evolve many complex strategies to avoid immunological detection and responses
within their hosts.

3.3.1 Vibrio cholera and Cholera
Vibrio cholera is a gram-negative bacterium that causes the disease chorea. This
bacterium produces a protein toxin called cholera toxin and is associated with a
membrane binding B-subunit. CTxB (cholera toxin B-subunit) has become an
important and frequently studied example of raft-associated proteins. CTxB can
bind up to five GM1 gangliosides, by targeting the toxin to host cells. The GM1

Fig. 6 Localization of
flotillin-GFP fusion protein to
membrane rafts in B. subtilis
cells expressing Pspac-cfp
reporter. Fluorescent
microscopy image from
Bramkamp and Lopez (2015)
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gangliosides tend to be associated with lipid raft regions of the plasma membrane,
and subsequent endocytosis can occur through GM1-rich caveola structures (Parton
1994) or clathrin-coated pits (Nichols 2003). Once internalized, a reverse transloca-
tion from the plasma membrane to the Golgi complex occurs (Nichols et al. 2001).
The A1 and A2 subunits of CTxB are cleaved, triggering the activation of the A1
enzymatic fragment. This fragment activates and locks the G protein of Gsα in a
GTP-bound form, resulting in a continuous activation and stimulation of the enzyme
adenylate cyclase to produce cAMP. This triggers a large excretion of water and ions
out of infected cells through the opening of cAMP sensitive channels.

The targeting mechanism of CTxB to GM1-enriched areas of the plasma mem-
brane allows them to be used as lipid raft markers (Nichols et al. 2001) in a
productive use of the molecule. Due to the multivalent binding, the toxin has the
capability of recognizing the underlying membrane structure by cross-linking small
and ephemeral lipid rafts (Day and Kenworthy 2015). The enrichment of their
receptors in rafts suggests that bacterial products such as toxins bind preferentially
to detergent-resistant highly ordered plasma membrane regions to access the cell
(Sezgin et al. 2017a). This suggests that CTxB actively changes the properties of the
membrane upon binding. Fluorescence resonance energy transfer (FRET) micros-
copy can then be used to detect the presence of lipid rafts. FRET was detected
between molecules of the glycosphingolipids GM1 labeled with cholera toxin
B-subunit and between antibody-labeled GPI-anchored proteins, exhibiting these
raft markers are in submicrometer proximity in the plasma membrane. In the plasma
membrane, lipid rafts either exist only as transiently stabilized structures or, if stable,
comprise at most a minor fraction of the cell surface (Kenworthy et al. 2000). CTxB
thus serves as a useful model for understanding the properties and functions of
protein-stabilized domains.

3.3.2 Borrelia burgdorferi
While each bacterial and eukaryotic membrane has its own unique composition of
lipids in order to facilitate lipid raft and protein complex formation, some bacteria
have been found to go to extreme lengths to create proper functioning conditions for
lipid rafts. One example is that of Borrelia burgdorferi. Known as the bacteria that
cause Lyme disease, the Borrelia genus was found to contain types of glycolipids
rarely found in bacterial cells and thought only to be used in eukaryotic cellular
bilayers. Of three specific glycolipids identified in B. burgdorferi, two were found
to contain cholesterol. These glycolipids were identified as cholesteryl 6-O-
acyl-β-D-galactopyranoside (ACGal), cholesteryl-β-D-galactopyranoside (CGal),
and mono-α-galactosyl-diacylglycerol (MGalD) (Ben-Menachem et al. 2003). Upon
investigation these glycolipids were also found to exist in other Borrelia species as
well, showing a similarity in functional regulation of the lipid bilayer across the entire
genus. This presence of cholesterols in the Borrelia genus suggests that the charac-
teristic microdomains of sterol-, or sterol analog, rich areas found in eukaryotic
bilayers may be found inside bacterial bilayers as well. Further, the complexes of
proteins found in the liquid-ordered phase of B. burgdorferi suggest a sensory or
signaling function due to the environmental factors (LaRocca et al. 2010).
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Fascinatingly, B. burgdorferi lack the cellular machinery to produce these mole-
cules. This means that the acquisition of sterols for the outer membranes of these cells is
a process whichmust be undergone via lipid transfer from a host eukaryotic cell. This is
supported by its inability to synthesize long-chain-saturated, unsaturated fatty acids, or
cholesterol analogs, paired with the cell’s lipid membrane concentration mirroring
those of its host fluid or tissue (Johnson 1977). The similarity in lipid composition of
B. burgdorferi and its eukaryotic host allow for lipid-lipid interactions between the two
membranes, especially in lipid raft domains, where the similar interactions would be
highest. These spirochetes use this interaction as an important mechanism for nutrition
acquisition, which includes the sterol and other fatty acid stripping from the host cell
(Crowley et al. 2013). This interaction was observed by Crowley through the use of
fluorescently labeled fatty acids before and after Borrelia interaction with host cells.
The presence of labeled sterols on both host and B. burgdorferi after incubation
confirmed this hypothesis (Crowley et al. 2013). This mechanism is thought to be
responsible for the cellular damage that results from Lyme disease.

3.3.3 Staphylococcus aureus
The human pathogen S. aureus, commonly known as MRSA, is a notable example of
complex microdomain interactions. This bacterium uniquely expresses a single
flotillin, FloA (Marshall and Wilmoth 1981; Pelz et al. 2005; Wieland et al. 1994),
and has been able to develop an ability to successfully resist antibiotic treatments,
causing its iconic hard to treat infections in hospitals. Antibiotics such as methicillin
(a β-lactam antibiotic) have been shown to be ineffective versus strains of S. aureus via
the production of low-affinity penicillin-binding protein (PBP2a). This protein, by
binding with the antibiotic, is able to prevent it from inhibiting PBP active sites, which
are essential to cellular division. In this way PBP2a allows MRSA strains to replicate
and grow in the presence of antibiotics (Kreiswirth et al. 1993).

A key component of this mechanism is FloA, as it identified to be the singular
flotillin driving protein recruitment in these microdomains (Marshall and Wilmoth
1981; Pelz et al. 2005). Preferential binding of FloA to staphyloxanthin (a lipid
produced in S. aureus) leads to its oligomerization in staphyloxanthin-rich micro-
domains. As these areas grow and assemble FMMs, PBP2a is taken as protein cargo
of FloA, concentrated in these regions, and is ultimately used to inhibit antibiotics
(García-Fernández et al. 2017). As FloA conglomeration increases scaffold-forming
activities in the bilayer, an increase in PBP2a organization is also seen. This relationship
is important because the flotillin dependence of PBP2a localization means that the lack
of FloA causes inhibition of protein recruitment. By disrupting the FMM formation in
S. aureus, the antibiotic resistance of MRSA bacteria was decreased significantly, and
conventional antibiotic therapy again became effective (García-Fernández et al. 2017).

4 Research Needs and Conclusions

The term “microbial membrane” refers to an almost impossible diverse array of
biomembranes. There are a huge variety of lipid compositions (Sohlenkamp and
Geiger 2016) that need to be investigated, and efforts to describe the properties of the
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molecules involved in microbial lipid rafts should be supported. Isoprenylated
species, cyclic and branched chain fatty acids, methylated lipid head group chemis-
tries, and glycosylated lipids anchoring a cell wall all differ substantially from the
eukaryotic picture. Understanding properties like the hydrophobic thickness and
spontaneous curvature of these molecules will enable a more direct comparison to
the better studied, mammalian centric, semi-canonical view of lipid rafts.

Beyond compositional considerations, another vital and broad-reaching research
need is for robust and reliable methods for detecting membrane domains and identi-
fying protein content. Fluorescent strategies relying on co-localization of proteins have
convincingly proven the existence and functional roles of lipid domains (Kenworthy
et al. 2000). Unfortunately, the resolution limits of optical microscopy impact the
utility of these methods in determining the sizes of these structures. Advances in super-
resolution microscopy are overcoming these challenges (Huang et al. 2008; Hess et al.
2006), but the need for exogenous fluorescent probes remains potentially problematic.

Neutron scattering has been a valuable, and fluorophore free, tool for studying
lipid raft structure and physical properties both in vitro (Nickels et al. 2015a) and
in vivo (Nickels et al. 2017b). These studies rely upon exploiting the differences in
scattering length density of deuterated and hydrogenated molecules. Because micro-
bial membranes have differing compositions from eukaryotes, the commercially
available deuterated lipids and fatty acids are insufficient, making the availability
of deuterated microbial lipids and lipid precursors as another pressing need. Lipid
extracts contain the rich compositional diversity of the biological membrane, and
many microbes can tolerate the highly deuterated culture conditions needed to
produce deuterated biomass. Because of this, lipid extracts are a great source of
some deuterated materials, as well as being excellent ways to study the physical
properties of native microbial cell membranes (Nickels et al. 2017a).

Lipid rafts are currently understood as an organizational motif in the cell mem-
brane of living cells. Rafts are thought to preferentially sort protein cargo based on
the physical properties of the membrane phases. The biochemistry that this organi-
zation facilitates is deeply involved in the regulation of cellular activity, making
these structures critical for proper cellular function and potential avenues for path-
ogenic interactions.
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