
Edited by
Karl Esser

Biology of the Fungal Cell

A Comprehensive Treatise on Fungi 
as Experimental Systems for Basic and Applied Research

THE MYCOTA

Dirk Hoffmeister 
Markus Gressler
Volume Editors

VIII
Third Edition



The Mycota
Edited by
K. Esser



The Mycota

I Growth, Differentiation and Sexuality
1st edition ed. by J.G.H. Wessels and F. Meinhardt
2nd edition ed. by U. Kües and R. Fischer
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Series Preface

Mycology, the study of fungi, originated as a sub discipline of botany and was a
descriptive discipline, largely neglected as an experimental science until the early
years of this century. A seminal paper by Blakeslee in 1904 provided evidence for
self-incompatibility, termed “heterothallism,” and stimulated interest in studies
related to the control of sexual reproduction in fungi by mating-type
specificities. Soon to follow was the demonstration that sexually reproducing
fungi exhibit Mendelian inheritance and that it was possible to conduct formal
genetic analysis with fungi. The names Burgeff, Kniep and Lindegren are all
associated with this early period of fungal genetics research.

These studies and the discovery of penicillin by Fleming, who shared a Nobel
Prize in 1945, provided further impetus for experimental research with fungi.
Thus, began a period of interest in mutation induction and analysis of mutants
for biochemical traits. Such fundamental research, conducted largely with Neu-
rospora crassa, led to the one gene:one enzyme hypothesis and to a second Nobel
Prize for fungal research awarded to Beadle and Tatum in 1958. Fundamental
research in biochemical genetics was extended to other fungi, especially to
Saccharomyces cerevisiae, and by the mid-1960s fungal systems were much
favored for studies in eukaryotic molecular biology and were soon able to
compete with bacterial systems in the molecular arena.

The experimental achievements in research on the genetics and molecular
biology of fungi have benefited more generally studies in the related fields of
fungal biochemistry, plant pathology, medical mycology, and systematics. Today,
there is much interest in the genetic manipulation of fungi for applied research.
This current interest in biotechnical genetics has been augmented by the develop-
ment of DNA-mediated transformation systems in fungi and by an understanding
of gene expression and regulation at the molecular level. Applied research initia-
tives involving fungi extend broadly to areas of interest not only to industry but to
agricultural and environmental sciences as well.

It is this burgeoning interest in fungi as experimental systems for applied as
well as basic research that has prompted publication of this series of books under
the title The Mycota. This title knowingly relegates fungi into a separate realm,
distinct from that of either plants, animals, or protozoa. For consistency through-
out this series of volumes, the names adopted for major groups of fungi (repre-
sentative genera in parentheses) are as follows:

Pseudomycota

Division: Oomycota (Achlya, Phytophthora, Pythium)
Division: Hyphochytriomycota



Eumycota

Division: Chytridiomycota (Allomyces)
Division: Zygomycota (Mucor, Phycomyces, Blakeslea)
Division: Dikaryomycota
Subdivision: Ascomycotina

Class: Saccharomycetes (Saccharomyces, Schizosaccharomyces)
Class: Ascomycetes (Neurospora, Podospora, Aspergillus)

Subdivision: Basidiomycotina
Class: Heterobasidiomycetes (Ustilago, Tremella)
Class: Homobasidiomycetes (Schizophyllum, Coprinus)

We have made the decision to exclude from The Mycota the slime molds which,
although they have traditional and strong ties to mycology, truly represent
nonfungal forms insofar as they ingest nutrients by phagocytosis, lack a cell
wall during the assimilative phase, and clearly show affinities with certain proto-
zoan taxa.

The series throughout will address three basic questions: what are the fungi,
what do they do, and what is their relevance to human affairs? Such a focused and
comprehensive treatment of the fungi is long overdue in the opinion of the
editors.

A volume devoted to systematics would ordinarily have been the first to
appear in this series. However, the scope of such a volume, coupled with the
need to give serious and sustained consideration to any reclassification of major
fungal groups, has delayed early publication. We wish, however, to provide a
preamble on the nature of fungi, to acquaint readers who are unfamiliar with
fungi with certain characteristics that are representative of these organisms and
which make them attractive subjects for experimentation.

The fungi represent a heterogeneous assemblage of eukaryotic microorgan-
isms. Fungal metabolism is characteristically heterotrophic or assimilative for
organic carbon and some nonelemental source of nitrogen. Fungal cells charac-
teristically imbibe or absorb, rather than ingest, nutrients and they have rigid cell
walls. The vast majority of fungi are haploid organisms reproducing either
sexually or asexually through spores. The spore forms and details on their
method of production have been used to delineate most fungal taxa. Although
there is a multitude of spore forms, fungal spores are basically only of two types:
(1) asexual spores are formed following mitosis (mitospores) and culminate
vegetative growth, and (2) sexual spores are formed following meiosis (meios-
pores) and are borne in or upon specialized generative structures, the latter
frequently clustered in a fruit body. The vegetative forms of fungi are either
unicellular, yeasts are an example, or hyphal; the latter may be branched to
form an extensive mycelium.

Regardless of these details, it is the accessibility of spores, especially the direct
recovery of meiospores coupled with extended vegetative haploidy, that have
made fungi especially attractive as objects for experimental research.

The ability of fungi, especially the saprobic fungi, to absorb and grow on rather
simple and defined substrates and to convert these substances, not only into
essential metabolites but into important secondary metabolites, is also noteworthy.
The metabolic capacities of fungi have attracted much interest in natural products
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chemistry and in the production of antibiotics and other bioactive compounds.
Fungi, especially yeasts, are important in fermentation processes. Other fungi are
important in the production of enzymes, citric acid, and other organic compounds
as well as in the fermentation of foods.

Fungi have invaded every conceivable ecological niche. Saprobic forms
abound, especially in the decay of organic debris. Pathogenic forms exist with
both plant and animal hosts. Fungi even grow on other fungi. They are found in
aquatic as well as soil environments, and their spores may pollute the air. Some
are edible; others are poisonous. Many are variously associated with plants as
copartners in the formation of lichens and mycorrhizae, as symbiotic endophytes
or as overt pathogens. Association with animal systems varies; examples include
the predaceous fungi that trap nematodes, the microfungi that grow in the
anaerobic environment of the rumen, the many insect associated fungi, and the
medically important pathogens afflicting humans. Yes, fungi are ubiquitous and
important. There are many fungi, conservative estimates are in the order of
100,000 species, and there are many ways to study them, from descriptive
accounts of organisms found in nature to laboratory experimentation at the
cellular and molecular level. All such studies expand our knowledge of fungi
and of fungal processes and improve our ability to utilize and to control fungi for
the benefit of humankind.

We have invited leading research specialists in the field of mycology to
contribute to this series. We are especially indebted and grateful for the initiative
and leadership shown by the Volume Editors in selecting topics and assembling
the experts. We have all been a bit ambitious in producing these volumes on a
timely basis and therein lies the possibility of mistakes and oversights in this first
edition. We encourage the readership to draw our attention to any error, omis-
sion, or inconsistency in this series in order that improvements can be made in
any subsequent edition.

Finally, we wish to acknowledge the willingness of Springer-Verlag to host
this project, which is envisioned to require more than 5 years of effort and the
publication of at least nine volumes.

Bochum, Germany KARL ESSER

Auburn, AL, USA PAUL A. LEMKE

April 1994 Series Editors
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Volume Preface

Since the turn of the twenty-first century, an exponential amount of fungal
genomes has been sequenced and analyzed and are now available online with
open access. However, it quickly turned out that the massive collection of in
silico-generated data is not sufficient for biotechnological downstream applica-
tion processes or for an in-depth understanding of interspecies cross-talks:

The current third edition of The Mycota VIII highlights aspects of fundamen-
tal fungal cell biology. The academic view on the field of fungal cell growth—long
time denounced as a traditional but outranged field of fungal biology—has
undergone a drastic change within the last 20 years. The arising need for fungal
products necessitates the optimization of large-scale fermentation techniques
which in turn requires a detailed knowledge in fungal development, cell division,
cell wall production, and intracellular signal transduction: In food and pharma-
ceutical industries, the production of medically important fungal metabolites or
food contaminants, such as the aflatoxins, is strictly dependent on the develop-
mental stage of the producing fungi. In addition, some immune-modulating
drugs are based on large fungal cell wall polysaccharides but due to their sticki-
ness, their production is highly energy-wasting and complicated. However, phe-
notypic switches from filamentous to yeast-like growth forms ease not only the
fermentation process but also the subsequent downstream processing of the
fungal material. In sum, extended knowledge in fungal cell biology enables
defined, precise cultivation conditions and therefore highly advances the white
biotechnology in pharmaceutical and food industry.

From the ecological point of view, fungi are indispensable symbionts of most
of higher plant roots supporting each other’s growth. The tight fungus–plant
interplay not only requires a shift of the fungal cellular shape, but also an adapted
metabolism in response to defined extracellular signals. The discovery of fungal
signal transduction pathways eases the understanding of the fine-tuned metabolic
cross-flow between both symbionts and is therefore of increased interest in
agriculture.

The editors are pleased to work with an enthusiastic group of international
experts on the field of fungal cell biology who collected and combined the current
knowledge, wrote the articles, and depictedmain findings in illustrated figures. The
close collaboration with the editors enabled a holistic view on fungal cell division
and development covering the two most important divisions of fungi, ascomycetes
and basidiomycetes. The volume highlights further aspects of cell–cell connections,
cell shape switches, polarized growth, and protein transport within the cells. As a
special feature, the current volume spans the divide between fungal cell growth and
signal transmission/transduction and shows its interconnectivity.



The editors thank Steven D. Harris, Ph.D., who initiated this volume. We also
cordially thank Dr. Andrea Schlitzberger of Springer Nature for the discussion
and coordination of this current volume of The Mycota. The editors are grateful
to benefit from the profound experience of Senior Editor, Professor Emeritus Karl
Esser, and thank him for his kind and encouraging advice.

Jena, Germany
November 2018

Markus Gressler
Dirk Hoffmeister

xii Volume Preface



Contents

Fungal Cell Growth

The Woronin Body: A Fungal Organelle Regulating Multicellularity . . . 3

JUN-ICHI MARUYAMA, KATSUHIKO KITAMOTO

Septum Formation and Cytokinesis in Ascomycete Fungi . . . . . . . . . . . . . . 15

STEPHAN SEILER, YVONNE HEILIG

The Cytoskeleton and Polarity Markers During Polarized Growth
of Filamentous Fungi . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 43

NORIO TAKESHITA, REINHARD FISCHER

Developmental Decisions in Aspergillus nidulans . . . . . . . . . . . . . . . . . . . . . . . . . . 63

HEE-SOO PARK, MI-KYUNG LEE, KAP-HOON HAN, MIN-JU KIM, JAE-HYUK YU

Signals and Development

Biomechanics of Hyphal Growth . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 83
ROGER R. LEW

Molecular Signalling During the Ectomycorrhizal Symbiosis . . . . . . . . . . . 95
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CLÉMENT PELLEGRIN

Laboratoire d’excellence ARBRE, Centre INRA de Nancy-Lorraine, UMR INRA/
Université de Lorraine 1136 ‘Interactions Arbres/Microorganismes’,
Champenoux, France

STEPHAN SEILER
Institute for Biology II – Molecular Plant Physiology, Albert-Ludwigs University
Freiburg, Freiburg, Germany

Freiburg Institute for Advanced Studies (FRIAS), Albert-Ludwigs University
Freiburg, Freiburg, Germany

NORIO TAKESHITA

Faculty of Life and Environmental Sciences, University of Tsukuba, Tsukuba,
Japan

CLAIRE VENEAULT-FOURREY
Laboratoire d’excellence ARBRE, Centre INRA de Nancy-Lorraine, UMR INRA/
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The Woronin Body: A Fungal Organelle Regulating Multicellularity

JUN-ICHI MARUYAMA
1, KATSUHIKO KITAMOTO

1
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I. Multicellularity of Filamentous
Fungi

Filamentous fungi form straight hyphae via
polarized tubular extension of the hyphal tip
and consist of a network of straight primary
hyphae with the formation of branches. Hyphae
are compartmentalized into distinct cells by the
formation of a septum, which is not frequently
observed in early-diverging fungi, such as
members of the phyla Mucoromycota and Chy-
tridiomycota, but is regularly found in later-
diverging fungi belonging to the phyla Ascomy-
cota and Basidiomycota (Jedd 2011). The sep-
tum is proposed to increase the mechanical
integrity of hyphae and to divide the mycelium
into sections of distinct growth states, such as
mitotic and non-mitotic cells (Fiddy and Trinci
1976; Momany et al. 2002; Nayak et al. 2010;

Edgerton-Morgan and Oakley 2012). However,
the septum does not completely separate
hyphae due to the presence of a septal pore,
which is a perforated structure that allows the
exchange of the cytoplasmic constituents,
including organelles, between adjacent hyphal
cells (Lew 2005; Tey et al. 2005; Ng et al. 2009;
Bleichrodt et al. 2015). Such cell-to-cell connec-
tivity resembles gap junctions in animal cells
and plasmodesmata in plant cells.

Cell-to-cell connectivity through the septal
pore is associated with the catastrophic risk of
cytoplasmic loss by cells adjacent to individu-
ally damaged hyphae. This risk was demon-
strated by the physical damage of hyphae with
a razor blade (Trinci and Collinge 1974) or
pulse laser (Lichius et al. 2012), treatment
with cell wall-destabilizing reagents (Bowman
et al. 2002), and exposure to hypotonic shock
(Fig. 1a) (Jedd and Chua 2000; Maruyama et al.
2005). Cell death is induced by aging and het-
erokaryon incompatibility (Fleißner and Glass
2007). Despite such damage, the cytoplasm of
cells immediately adjacent to the wounded cell
is typically retained (Fig. 1b) (Jedd and Chua
2000; Maruyama et al. 2005). The protected
cells then initiate regrowth of the mycelium by
producing a new hyphal tip (Jedd and Chua
2000; Maruyama et al. 2006; Maruyama and
Kitamoto 2007; Lichius et al. 2012). These pro-
cesses represent an inherent defense system for
promoting survival by preventing the simulta-
neous loss of cytoplasm from multiple cells
upon hyphal wounding. Hence, the septal pore
is an important subcellular structure for main-
taining the multicellularity of filamentous
fungi.1 Department of Biotechnology, The University of Tokyo,

Tokyo, Japan; e-mail: amarujun@mail.ecc.u-tokyo.ac.jp
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II. The Woronin Body, an Organelle
Specific to Pezizomycotina

Filamentous fungal species that form septa
have evolved to possess specialized
membrane-bound organelles located around
the septum; the Pezizomycotina (Ascomycota)
contain structures called the Woronin body

(Markham and Collinge 1987), and Agaricomy-
cotina (Basidiomycota) have an endoplasmic
reticulum (ER)-related septal pore cap (Müller
et al. 1998). Woronin bodies were first identi-
fied as highly refractive particles located near
the septum in the filamentous ascomycete Asco-
bolus pulcherrimus by the Russian mycologist
Michael Stepanovitch Woronin (Woronin
1864). The organelle was later named by Buller

A

B

1st cell 
2nd cell

1st cell 
2nd cell

Hypotonic
shock 

Fig. 1 Hyphal wounding and the prevention of exces-
sive cytoplasmic loss. (a) Hyphal tip bursting upon
hypotonic shock. Hyphal tips at the margin of an A.
oryzae colony grown on agar medium were observed by
differential interference contrast (DIC) microscopy
before and after flooding hyphae with water. Bar:
50 mm. (b) Prevention of the excessive loss of cytoplasm

upon hyphal wounding. The cytoplasm is labeled by
expressing EGFP. An arrowhead and arrow indicate a
burst hyphal tip and the adjacent septum, respectively.
Note that the cell (2nd) adjacent to the lysed cell (1st)
retains its cytoplasmic constituents, as determined by
DIC and fluorescence microcopy. Bar: 10 mm

4 J. Maruyama and K. Kitamoto



(1933) in recognition of Woronin’s discovery
and is restricted to Pezizomycotina species
(Markham and Collinge 1987). The Woronin
body has two morphologically distinct sub-
classes; it predominantly appears by transmis-
sion electron microscopy as a spherical
electron-dense structure near the septum
(Fig. 2a), although in a small number of spe-
cies, such as Neurospora crassa, Woronin bod-
ies form hexagonal crystalline structures that

are occasionally visible by light microscopy
(Fig. 2b) (Markham 1994). By both electron
and light microscopy, Woronin bodies were
observed to plug the septal pore upon hyphal
wounding (Markham and Collinge 1987).
Therefore, it was long suspected that the pri-
mary function of Woronin bodies was the pre-
vention of excessive cytoplasmic loss from
cells adjacent to damaged or lysed cells
(Fig. 3a).

A B

Fig. 2 Morphology of the Woronin body. (a) Transmis-
sion electron microscopic observation of Woronin
bodies (arrows) near the septum in A. oryzae. Bar:
500 nm. (b) Differential interference contrast (DIC)

image of a hexagonal Woronin body localized to the
cell cortex in N. crassa. Woronin bodies are indicated
by arrows. Bar: 1 mm

Hyphal
wounding

After hyphal
wounding B Normal conditionA

Woronin bodyy

Fig. 3 Woronin body function. (a) Schematic represen-
tation of the septal plugging function of Woronin bod-
ies. (b) Confocal images of Woronin bodies (red,
arrowheads) and septa (green) before (left) and after

(right) hyphal wounding. Woronin bodies and septa
were labeled by DsRed2 and EGFP, respectively (Mar-
uyama et al. 2005). Bar: 2 mm

The Woronin Body: A Fungal Organelle Regulating Multicellularity 5



III. Molecular Basis of Woronin Body
Structure

Although Woronin bodies were discovered
approximately 150 years ago, the composition
of Woronin bodies long remained unclear. Pro-
tease digestion of ultrathin sections suggested
that Woronin bodies contained proteinaceous
materials (McKeen 1971; Mason and Crosse
1975). Woronin bodies from N. crassa were
first purified in 2000 through differential and
density gradient centrifugation, allowing for
the identification of Hex1 as a major structural
protein (Jedd and Chua 2000; Tenney et al.
2000). Genes encoding Hex1 are conserved in
Pezizomycotina species (Jedd and Chua 2000;
Asiegbu et al. 2004; Curach et al. 2004; Soun-
dararajan et al. 2004; Maruyama et al. 2005;
Beck and Ebel 2013). Deletion of the hex1
gene results in defective Woronin body forma-
tion and severe cytoplasmic bleeding upon
hyphal wounding (Jedd and Chua 2000; Mar-
uyama et al. 2005; Beck and Ebel 2013). When
the apical neighboring cell is selectively rup-
tured, the subapical cells reinitiate hyphal
growth by producing a new branch, but dele-
tion of the hex1 gene severely reduces or
completely loses the activity of growth reinitia-
tion (Tegelaar and Wösten 2017).

Characterization of Hex1 protein revealed
that it spontaneously self-assembles to form a
solid core, thereby providing mechanical resis-
tance against the protoplasmic streaming pres-
sure that is generated upon hyphal wounding
(Jedd and Chua 2000; Yuan et al. 2003). The
crystal structure of Hex1 consists of three inter-
molecular contacts that promote self-assembly
(Yuan et al. 2003). Interestingly, the structural
properties of Hex1 resemble those of eukaryotic
translation initiation factor 5A (eIF5A) proteins
(Kim et al. 1998; Peat et al. 1998), suggesting that
the hex1 gene evolved from eIF-5A by gene
duplication in the ancestor of Pezizomycotina.
Phosphorylation of Hex1 also contributes to the
formation of the multimeric core of the Woro-
nin body (Tenney et al. 2000; Juvvadi et al. 2007).

The N. crassa hex1 gene encodes a single
translational product (Jedd and Chua 2000),
although alternative splicing of the hex1 gene

was reported in several species, includingMag-
naporthe grisea, Aspergillus oryzae, and Asper-
gillus fumigatus (Soundararajan et al. 2004;
Maruyama et al. 2005; Beck et al. 2013). Both
spliced and non-spliced transcripts yield two
polypeptides that sediment in high-density
protein fractions (Maruyama et al. 2005), sug-
gesting that these peptides participate in the
self-assembly and formation of the Woronin
body core matrix. Moreover, it was demon-
strated that a poly-histidine motif encoded
within an alternatively spliced region targets
Hex1 to the septal pore (Beck et al. 2013).

Although the hexagonal crystal structure of
the N. crassa Woronin body is easily observed
by light microscopy, the fusion of Hex1 with a
fluorescent protein enables the septal plugging
activity of Woronin bodies to be visualized in
most Pezizomycotina species (Fig. 3b) (Mar-
uyama et al. 2005; Beck and Ebel 2013). Using
this approach, Bleichrodt et al. (2012) reported
that the Woronin body reversibly plugs the
septal pore during normal growth, a character-
istic that contrasts the conventional view of this
organelle functioning in wound healing. The
analysis of gene expression activity for individ-
ual hyphae revealed that although wild-type
cells exhibited heterogeneous activity, cells
lacking Woronin bodies through deletion of
hex1 (Dhex1 strain) displayed more uniform
gene expression activity (Bleichrodt et al.
2012). Thus, it was proposed that Woronin
bodies contribute to the generation of hyphal
populations with different cellular activities by
occasionally preventing cell-to-cell connectiv-
ity via the plugging of the septal pore. The
generation of such colonial heterogeneity
under normal growth conditions may protect
cells against environmental stresses, as evi-
denced by the sensitivity of the A. oryzae
Dhex1 strain to heat stress (Bleichrodt et al.
2012). Thus, it appears that Woronin bodies
have a gatekeeper role in regulating cell-to-cell
channels by simple plugging of septal pore,
similar to that observed upon hyphal wounding
(Jedd and Pieuchot 2012).

In addition to septal plugging, Hex1 has other physio-
logical impacts at the cellular level. For example, dele-
tion of the hex1 gene results in defective conidiation
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(asexual spore formation) (Yuan et al. 2003; Son et al.
2013), impaired growth under nitrogen starvation
(Soundararajan et al. 2004), and increased sensitivity
to cell wall and membrane-destabilizing agents (Beck
et al. 2013). In plant pathogenic fungi, Hex1 is also
required for efficient pathogenesis and viral RNA accu-
mulation (Soundararajan et al. 2004; Son et al. 2013).
These lines of evidence suggest additional physiological
functions of Woronin bodies, which need further inves-
tigation of the action mechanisms.

IV. Woronin Body Biogenesis from
Peroxisomes

Electron microscopic studies examining the
subcellular origin of Woronin bodies demon-
strated the inclusion of these organelles within
microbodies (Wergin 1973; Camp 1977). This
finding was supported by the specific binding
of antibodies against microbody-specific signal
peptides to Woronin bodies (Keller et al. 1991).
A relationship between peroxisomes and the
Woronin body was clearly indicated by the
finding that the C-terminus of Hex1 protein
contains peroxisomal targeting signal sequence
1 (PTS1) (Jedd and Chua 2000). In addition,
time-lapse imaging analysis revealed that Wor-
onin bodies bud from peroxisomes (Tey et al.
2005).

Woronin body formation occurs at the
hyphal apex through a process involving api-
cally biased expression of the hex1 gene (Tey
et al. 2005). Woronin body biogenesis requires
peroxins that mediate the import of peroxi-
somal matrix and membrane proteins
(Fig. 4a) (Managadze et al. 2007; Liu et al.
2008; Li et al. 2014). Specifically, Hex1 associ-
ates with Pex26, a peroxin that is enriched in
Woronin body-containing peroxisomes and
recruits the AAA ATPases Pex1 and Pex6 to
the peroxisomal membrane for receptor recy-
cling (Liu et al. 2011). The recruitment of
Pex26 leads to the formation of a parallel acti-
vation loop for Pex5 recycling and Hex1
import, allowing for the efficient biogenesis
of Woronin bodies. Fam1 was originally iden-
tified in Colletotrichum orbiculare as a Pezizo-
mycotina-specific ortholog of Pex22, which
functions in the recycling of PTS receptors
from peroxisomes to the cytosol (Fig. 4a).

Fam1 is specifically localized on the membrane
of Woronin bodies, raising the possibility that
recycling of PTS receptor occurs in Woronin
bodies (Kubo et al. 2015).

In addition, the budding of Woronin bodies
from peroxisomes appears to require dynamin-
related proteins (Würtz et al. 2008). The perox-
isome proliferator protein Pex11 is needed for
the differentiation of Woronin bodies from per-
oxisomes (Fig. 4b) and also affects the septal
plugging function of these organelles (Escaño
et al. 2009). The genetic screening of N. crassa
mutants defective in Woronin body biogenesis
identified several peroxins and the Woronin
body sorting complex (WSC) protein that
were critical for this process (Liu et al. 2008).
WSC is a Pezizomycotina-specific protein that
recruits the Hex1 assembly to the matrix side of
the peroxisomal membrane and facilitates bud-
ding of the Woronin body (Fig. 4b) (Liu et al.
2008). WSC belongs to the PMP22 (peroxisome
membrane protein)/MPV17 (myeloprolifera-
tive leukemia virus 17) gene family and is pro-
posed to have evolved to possess new
functional properties, including self-assembly
and Hex1 binding, from ancestral PMP22
(Jedd 2011).

ApsB, a component of the microtubule-
organizing center (MTOC) that has functional
peroxisomal targeting signal sequence
2 (PTS2), interacts with Hex1 (Zekert et al.
2010). In addition, TmpL, a transmembrane
protein involved in redox-related signal trans-
duction, is localized to Woronin bodies (Kim
et al. 2009). However, it is unclear how ApsB
and TmpL are involved in Woronin body bio-
genesis and function.

V. Septal Tethering of the Woronin
body

In most Pezizomycotina species, Woronin bod-
ies are typically tethered to the septum by a
filament at a distance of 100–200 nm (Momany
et al. 2002; Maruyama et al. 2005). The tethering
structure was shown to have elastic properties,
as demonstrated by the rapid return of the
Woronin bodies to the septum after physical
separation by laser trapping (Berns et al.
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1992). Moreover, Woronin bodies rapidly
insert into the septal pore upon hyphal wound-
ing and also reversibly plug the septal pore
during normal growth (Bleichrodt et al. 2012).
These processes require the proper positioning
of the Woronin body and sufficient flexibility of
the tethering linker.

In contrast, the Woronin bodies of a few
members of the genera Neurospora and Sor-
daria are associated with the cortex in a delo-
calized pattern (Plamann 2009). In N. crassa,
newly synthesized Hex1 proteins are imported
into peroxisomes in the apical compartment
(Tey et al. 2005), and the newly formed Wor-
onin bodies are then inherited into subapical

compartments via association with the cell cor-
tex (Tey et al. 2005; Liu et al. 2008). During a
screening for mutants that accumulate Woro-
nin bodies in the apical compartment, Ng et al.
(2009) identified the leashin locus, which is
comprised of the adjacent genes lah-1 and lah-
2. The N-terminal region of LAH-1 binds to
Woronin bodies via the membrane protein
WSC, whereas the C-terminal region mediates
the association of Woronin bodies with the cell
cortex (Fig. 5a) (Ng et al. 2009). In contrast,
LAH-2, which localizes to the hyphal tip and
septum, is not involved in Woronin body func-
tion (Fig. 5a). In N. crassa cells expressing an
LAH-1/LAH2 fusion construct, Woronin bodies
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accumulate at both sides of the septum, which
only has partial ability to prevent the excessive
loss of cytoplasm upon hyphal injury (Ng et al.
2009). This finding indicates an additional
requirement of the tethered Woronin bodies
for septal pore plugging.

Other species, such as A. fumigatus and A.
oryzae, with tethered Woronin bodies have
large LAH proteins consisting of a single poly-
peptide of over 5000 amino acids (Beck et al.
2013; Han et al. 2014). LAH is required for the
tethering of Woronin bodies to the septum and
is involved in the Woronin body function of
preventing the excessive loss of cytoplasm but
to a lesser extent than the major Woronin body
protein Hex1 (Han et al. 2014). This property
may be explained by the fact that untethered
Woronin bodies are able to plug the septal pore,
but not as quickly as tethered ones.

Large LAH protein can be functionally
divided into conserved N- and C-terminal
regions and a non-conserved central region
(Beck et al. 2013; Han et al. 2014): The N-
terminal region associates with Woronin bod-
ies in a WSC-dependent manner, and the C-
terminal region containing a transmembrane
spanning region mediates localization of LAH
to the septum (Fig. 5b) (Beck et al. 2013; Han
et al. 2014; Leonhardt et al. 2017). A truncated
LAH protein consisting of only the N- and C-
terminal regions retains the ability to tether
Woronin bodies to the septum; however, the
Woronin bodies are located closer (~50 nm)
to the septum than those in wild-type cells
(Han et al. 2014). This difference is roughly
consistent with the 70-nm length of the approx-
imately 2700-amino-acid central region of
LAH, as was estimated based on the length
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(1 mm) of the 4-mDa protein titin (Nave et al.
1989). The elasticity of the Woronin body
tether that was previously demonstrated by
laser-capture experiments (Berns et al. 1992)
is conferred by the central non-conserved
region of LAH (Han et al. 2014). The non-
conserved central region in LAH is predicted
to be disordered (Han et al. 2014) and presum-
ably functions as a molecular spring, similarly
to the muscle protein titin, which exhibits
molecular spring-like elasticity via its intrinsi-
cally disordered region (Li et al. 2001). More-
over, in cells expressing LAH protein lacking
the central region, tethered Woronin bodies do
not plug the septal pore, even after hyphal
wounding (Han et al. 2014). Collectively, effi-
cient septal plugging requires not only that
Woronin bodies are tethered to the septum
but also that the tether must have sufficient
elasticity to allow for the relatively unrestricted
movement of Woronin bodies. The occasional
observation that Woronin bodies from the rup-
tured cell side plug the septal pore suggests an
active mechanism of Woronin body movement
(Steinberg et al. 2017a). Surprisingly, ATP
depletion by the respiration inhibitor carbonyl
cyanide m-chlorophenylhydrazine induces the
translocation of Woronin bodies into the septal
pore without cell wounding. This suggests that
ATP is required to prevent the septal plugging
by Woronin bodies, leading to the speculation
that ATP may bind to the tethering protein
LAH for preventing a conformational change
and contraction of the protein (Steinberg et al.
2017b).

The molecular origin of LAH remains elusive, but
this protein first appeared in the clade of Pezizomy-
cotina species together with Woronin bodies (Jedd
2011). The ancestral lah gene encodes a single, large
polypeptide and was subsequently split into two
genes, lah1 and lah2, in the Neurospora-Sordaria
clade. The lah1 gene acquired an early termination
sequence and a new cortex association domain at the
C-terminus and a new promoter controlled expres-
sion of the downstream lah2 gene (Fig. 5c). Thus, as
a result of the gene splitting of the lah gene, the
localization of the Woronin body was shifted from
septal tethering to the cortex. N. crassa and Sordaria
fimicola exhibit extensive cytoplasmic streaming
through septal pores (Lew 2005; Tey et al. 2005; Ng
et al. 2009) and have unusually rapid growth rates
(>1 mm/s) (Ryan et al. 1943). As the tethering of

Woronin bodies to the septum may have reduced
the exchange of cytoplasm between adjacent cells, a
delocalized pattern of Woronin bodies with cortex
association may have been selected to support the
rapid growth of these species.

VI. Proteins Associated with the
Woronin Body

Through the purification of Woronin body-
associated proteins and bioinformatics
approaches for detecting proteins that contain
intrinsically disordered regions, 17 septal pore-
associated (SPA) proteins were identified in N.
crassa (Lai et al. 2012). Intrinsically disordered
proteins range from partially to completely
unstructured and lacking globular folds; how-
ever, these proteins are capable of folding upon
binding to target molecules (Wright and Dyson
2009). The number of reports related to intrin-
sically disordered proteins has increased signif-
icantly in recent years, and many biological
functions of these proteins have been revealed
(Oldfield and Dunker 2014). The loss-of-func-
tion of several SPA proteins leads to excessive
septation, septal pore degeneration, and uncon-
trolled Woronin body activation (Lai et al.
2012). Spa10 protein is required for the locali-
zation of LAH C-terminal region at the mature
septal pore, consequently stable tethering of
Woronin bodies to the septum (Leonhardt
et al. 2017). These findings suggest that the
septal pore is a complex subcellular site for
the assembly of unstructured proteins, which
contribute to diverse states of cell-to-cell con-
nectivity.

The Pezizomycotina-specific protein SO,
which was originally found in N. crassa and
was named based on the “soft” appearance of
the mutant colony, is important for hyphal
fusion and sexual reproduction (Fleißner et al.
2005; Engh et al. 2007). SO protein consists of
approximately 1200 amino acids and contains a
single WW domain. Pro40, a Sordaria macro-
spora SO homolog, functions as a scaffold by
associating with protein kinases involved in cell
wall integrity (Teichert et al. 2014). SO protein
is dispersed throughout the cytoplasm under
normal growth conditions but accumulates at
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the septal pore adjacent to wounded cells
(Fig. 6), as was reported in N. crassa and A.
oryzae (Fleißner and Glass 2007; Maruyama
et al. 2010). S. macrospora Pro40 protein colo-
calizes with Woronin bodies (Engh et al. 2007).
Deletion of the so gene delays septal plugging
and reduces the number of hyphae that prevent
excessive cytoplasmic loss in N. crassa and A.
oryzae (Fleißner and Glass 2007; Maruyama
et al. 2010). Taken together, these findings indi-
cate that SO protein has septal plugging activity
by accumulating at the septal pore, similar to
the function of Woronin bodies. Additionally,
SO protein accumulates at the septal pore in
aging hyphae (Fleißner and Glass 2007) and
under various stress conditions, including
low/high temperature, high acidity/alkalinity,
and nitrogen/carbon depletion (Fig. 6) (Mar-
uyama et al. 2010). In response to pulse laser
treatment, which physically stresses cells with-
out causing hyphal wounding, SO rapidly accu-
mulates at the septal pore nearest to the
stressed hyphal area (Maruyama et al. 2010).

Thus, SO protein may regulate cell-to-cell con-
nectivity via the septal pore in a stress-
dependent manner.

A study of Aspergillus nidulans revealed that mitosis
interrupts cell-to-cell connectivity through the septal
pore (Shen et al. 2014). The mitotic NIMA kinase was
found to be localized to the septum during interphase
and to contribute to keeping the septal pore open but is
translocated into the nucleus to initiate mitosis, result-
ing in septal closure. Notably, however, the mitotic
regulation of cell-to-cell connectivity is independent
of Woronin bodies and SO protein. Identification of
the NIMA kinase substrate(s) may provide insight
into the molecular mechanisms underlying mitotic
interruption of cell-to-cell connectivity.

VII. Conclusions and Perspectives

Despite the discovery of Woronin bodies over
150 years ago, our understanding of these
unique fungal organelles was exclusively based
on primitive microscopic studies conducted in

*
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Woronin body

SO protein

Fig. 6 Accumulation of SO protein at the septal pore.
SO localization was visualized by expressing as EGFP
fusion protein. (Left) Upon hyphal wounding, SO accu-
mulates at the septal pore together with the Woronin

body. (Right) SO also accumulates at the septal pore
under stressed conditions. Asterisk indicates the sep-
tum, and the arrowhead indicates the accumulation of
SO protein at the septal pore. Bars: 5 mm
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the twentieth century. However, in the past 20
years, molecular structure and function of Wor-
onin bodies have been largely elucidated. Geno-
mic changes such as gene duplication and
splitting generated and modified the Woronin
body to allow for specific multicellular organiza-
tion of individual Pezizomycotina species.
Although the primary function of Woronin bod-
ies had long been thought to be wound healing,
recent molecular studies have revealed new phys-
iological functions of these organelles. To date,
however, the molecular machineries controlling
and mediating septal closure and cell repair
remain mostly unknown. Further investigations
to functionally link Woronin bodies and related
molecules in the vicinity of the septum will lead
to a more comprehensive understanding of the
mechanisms regulating cell-to-cell connectivity
and fungal multicellularity.
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I. Introduction

Cell division is a fundamental cellular process
that is essential for proliferation of unicellular
as well as multicellular organisms. It reflects the
final stage of the cell cycle, during which a cell is
physically divided into two daughter cells that
contain a full set of chromosomes and other
cellular organelles. Cytokinesis can be divided
into several general steps that apply to most
eukaryotic cells (Barr and Gruneberg 2007;
Eggert et al. 2006): (1) the selection of the future
cell division plane based on spatial as well as
temporal cues, (2) the assembly of a cortical
actomyosin ring (CAR) at this site, and (3) its
constriction coupled with membrane invagi-
nation. In general, the formation of the CAR
and its subsequent constriction is tightly cou-
pled to the cell cycle to ensure that cell separ-
ation does not occur prior to chromosome
segregation. (4) The formation of an extra-
cellular cell wall, the septum, composed of glu-
cans, chitin, and other polysaccharides in fungi
further requires coordination of CAR constric-
tion with secretion of cell wall biosynthetic and
remodeling enzymes to build the extracellular
septum. (5) This primary septum is covered by
additional layers of cell wall material that form
the secondary septum and is finally degraded
by secreted hydrolytic enzymes in the uni-
cellular yeasts and during sexual development of
filament-forming molds to allow detachment of
the two cells.

Several overviews have recently summar-
ized the mechanistic principles underlying cell
polarization and division in budding yeast and
fission yeast, two unicellular fungi that consis-
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tently serve as conceptual framework for the
analysis of fungal as well as higher eukaryotic
cell biology (Pollard and Wu 2010; Bi and Park
2012; Weiss 2012; Martin and Arkowitz 2014).
However, the vast majority of fungi forms
mycelial colonies that consist of networks of
branched hyphe. These cells grow by tip growth
and are compartmentalized by septum that par-
tition cellular environments within the hypha.
In contrast to the unicellular yeasts, not every
nuclear division triggers the formation of a new
septum in mycelial fungi, and thus hyphal com-
partments are generally multinucleate. More-
over, a small septal pore is retained in higher
fungi to enable intercellular communication
and transport of cytoplasm and organelles
between adjacent hyphal compartments. This
controlled segmentation of hyphal units
through septal cross walls in a multicellular
mycelium is the basis for the morphological
complexity achieved by the fungi during vege-
tative growth, differentiation, and infection
processes and is thus a prerequisite for the
evolutionary success of the fungal kingdom
(Gull 1978; Pringle and Taylor 2002; Blackwell
2011).

The phylum Ascomycota comprises three
major subphyla: Taphrinomycotina, Saccharo-
mycotina, and Pezizomycotina (McLaughlin
et al. 2009; Stajich et al. 2009). The subphylum
of the Pezizomycotina contains over 90% of the
Ascomycota species. Almost all species of this
clade generate multinuclear hyphae that are
compartmentalized by septa and include the
model molds Aspergillus nidulans and Neuro-
spora crassa. The Saccharomycotina contain the
industrial yeasts and parasitic Canidida spec.
species, dimorphic fungi that can switch
between yeast and mycelial states (Sudbery
2011). Most members of the Saccharomycotina
are unicellular, but this group also includes fila-
mentous forms, such as Ashbya gossypii. This
species is very closely related to Saccharomyces
cerevisiae, and more than 90% of the genes are
highly conserved in the two fungi (Dietrich et al.
2004; Wendland andWalther 2005), but the two
species have developed dramatically different
growth forms: constitutive multinucleate tip
growth in A. gossypii versus unicellular growth
in S. cerevisiae. The third subphylum includes

the Schizosaccharomycetes and other early
diverging lineages and is primarily represented
by Schizosacchomyces pombe. The monophy-
letic origin of this subphylum is still under
debate, but most recent data support the mono-
phyly of the taxon (James et al. 2006). Both
filaments and yeasts are found in this subphy-
lum, suggesting that both morphologies are
ancestral in Ascomycota.

Despite the importance of septum for
hyphae, proliferation, and differentiation in fil-
amentous fungi, our understanding of septum
formation and its regulation is highly fragmen-
tary (Harris 2001; Seiler and Justa-Schuch 2010;
Mourino-Perez and Riquelme 2013). In this
review, we will focus on recent progress that
confirms the use of conserved molecular mod-
ules during cell division in the unicellular
yeasts and during septum formation in the fila-
mentous fungi. However, it is also becoming
apparent that proper placement and regulated
formation and function of septa in the different
phylogenetic groups of Ascomycota requires
significant rewiring and species-specific adap-
tation of these conserved modules (Gu et al.
2015).

II. Spatial Cues: Mechanisms
Specifying the Position of the
Division Plane

A. Positioning the Cell Division Plane in
Unicellular Yeasts

The regulatory pathways that control the spatial
aspects to place the future cell division plane
are poorly conserved among different eukary-
otic organisms despite the high importance of a
tight coordination of cytokinesis with chromo-
some and organelle segregation. For example,
the two model yeasts S. cerevisiae and S. pombe
have developed fundamentally distinct
mechanisms to control the spatial aspects for
placing the future cell division plane (Fig. 1a,
b). The bud-site selection system of budding
yeast relies on cortical cues of the previous
cell division cycle in order to redirect the divid-
ing nucleus to the bud neck, while the position
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Fig. 1 Diverse types of spatial signals regulate septum
placement and cell division plane. (a) The site of cell
division in fission yeast is chosen based on a positive
signal provided by the position of the pre-mitotic
nucleus and negative signals from the two cell ends.
(b) A transient cortical landmark at the bud scar
functions as a spatial memory from one cell cycle to
the next in budding yeast. a or a cells divide axially,
such that dividing cells form their buds immediately
adjacent to the site of the previous cell separation. a/a
cells exhibit a bipolar budding pattern and place the
new bud either proximal or distal to the site of the
previous cell division. (c) Cortical cues deposited at
the hyphal tip may trigger septum position in the
filament-forming Saccharomycotina species A. gossy-

pii and C. albicans. The cue for landmark deposition
at the tip has been proposed to be reduced tip elonga-
tion as a consequence of septum formation in the
subapical region of the hypha. (d) A tip-high inhibi-
tory gradient has been proposed in A. nidulans to
restrict septum formation in growing germlings until
a certain cell size is reached. (e) A similar tip-high
inhibitory signal has been proposed for mature N.
crassa hyphae, where the new septum is placed when
the apical cell reaches a critical size of approximately
250 mm. (f) Unlike S. pombe, where the position of the
pre-mitotic nucleus serves as positive signal, the
majority of septa in A. nidulans are formed at a posi-
tion corresponding to a location in between two pairs
of previously mitotic nuclei
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of the fission yeast nucleus itself specifies the
future plane of cell division (Chang and Peter
2003). Both mechanisms are dissected at the
molecular level, and the reader is referred to
recent reviews for details (Laporte et al. 2010;
Pollard and Wu 2010; Bi and Park 2012; Weiss
2012).

Briefly, budding yeast cells divide in two
precise spatial patterns (Chant and Herskowitz
1991). a or a cells divide axially, such that
dividing cells form their buds immediately
adjacent to the site of the previous cell separa-
tion. a/a cells exhibit a bipolar budding pattern
and place the new bud either proximal or distal
to the site of the previous cell division. The
axial budding pattern depends on a transient
cortical landmark consisting of the Bud3p-
Bud4p complex that binds to the transmem-
brane glycoprotein Axl2p (Gao et al. 2007;
Kang et al. 2012; Wu et al. 2015). The localiza-
tion of these proteins acts as a spatial memory
from one cell cycle to the next. An Axl2p con-
taining spot localizes to the cell cortex at the
time of bud emergence and serves together with
the encircling septin ring as a landmark to
recruit Bud3p and Bud4p. This Bud3p-Bud4p-
Axl2 complex matures at the mother-bud neck
into a double ring, and one ring is passed to
each daughter cell, marking the previous site of
attachment. This localization of the landmark
complex at the mother-bud neck depends on
the integrity of the septin collar; thus the
Bud3p-Bud4p complex rings are likely assem-
bling through the direct interaction with the
septins (Wloka et al. 2011; Eluere et al. 2012;
Kang et al. 2013). In the next round of budding,
these cortical marker proteins recruit a Ras-
related GTPase module (consisting of the
GTPase Rsr1p/Bud1p, its GTPase-activating
protein (GAP) Bud2p, and guanine nucleotide
exchange factor (GEF) Bud5p) to the future bud
site, which organizes the morphogenetic
machinery toward the site of growth. At this
site a new septin ring and Axl2p spot is formed
generating a cyclic pattern of interdependence
between the septins and the axial landmark
proteins throughout the cell cycle.

The fission yeast S. pombe grows by elonga-
tion at its two ends and divides by medial fission,
generating two roughly equally sized daughter

cells. In contrast to budding yeast, in which the
division site is solely determined by cortical cues,
the division site in fission yeast is chosen based
on a positive signal provided by the position of
the pre-mitotic nucleus and negative signals
from the two cell ends. Microtubules control
the positioning of the nucleus at the cell center
through opposing pushing forces generated by
the dynamic instability of the microtubule sys-
tem (Daga and Chang 2005; Tran et al. 2001).
Furthermore, the bipolar longitudinal orienta-
tion of the microtubule system marks the cell
ends by transporting the Tea1-Tea4 polarity
complex to the tips, where it is tethered to the
cortex through the prenylated protein Mod5
(Snaith et al. 2005; Snaith and Sawin 2003). This
complex recruits the Dyrk family kinase Pom1
and other, yet undefined factors, to the cell ends
(Bähler et al. 1998; Tatebe et al. 2005). A key
factor that integrates both types of spatial signals
is the anillin-related but S. pombe-specific pro-
tein Mid1. Mid1 reads the nuclear localization by
shuttling between the nucleus and the adjacent
cell cortex, where it forms a series of ca. 50
cortical dots that later in the cell cycle assemble
and recruit CAR components (Almonacid et al.
2009; Celton-Morizur et al. 2006; Padte et al.
2006). The restriction of these interphase nodes
to the cell center depends on Pom1-dependent
and other inhibitory signals that are generated
from both cell poles (Celton-Morizur et al. 2006;
Huang et al. 2007; Padte et al. 2006; Rincon et al.
2014). In addition, Pom1 also phosphorylates the
F-BAR protein Cdc15, a central component of
the CAR, to inhibit CAR assembly at cell ends
(Ullal et al. 2015).

B. Septum Placement in Filamentous
Ascomycete Fungi

In contrast to the in-depth understanding of
spatial signals present in the two unicellular
yeast models, we have only very limited data
about the presence and nature of positional
cues that regulate septum placement in fila-
mentous ascomycete fungi. It has been pro-
posed that cortical cues deposited at the
hyphal tip may trigger septum position in the
filament-forming Saccharomycotina species
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Ashbya gossypii (Kaufmann and Philippsen
2009; Fig. 1c). Although attractive, this hypoth-
esis is primarily based on the observation that
cortical marker proteins homologous to the S.
cerevisiae Bud3p-Bud4p-septin landmark com-
plex and associated proteins, such as the F-BAR
scaffold protein Hof1, a central organizer of the
CAR in both yeast models, are deposited at the
hyphal tip in A. gossypii and Candida albicans
at the time when tip growth slows as a conse-
quence of septum formation in the subapical
region of the hypha (Sudbery 2001; Wightman
et al. 2004; Knechtle et al. 2003; DeMay et al.
2009; Helfer and Gladfelter 2006; Gonzalez-
Novo et al. 2008; Kaufmann and Philippsen
2009). Moreover, effective progression through
the cell cycle seems to require repositioning of
migrating nuclei to these preselected sites for
efficient initiation of septation (Alberti-Segui
et al. 2001; Finley and Berman 2005; Helfer
and Gladfelter 2006; Finley et al. 2008). Nuclear
position relative to the imprinted septation
sites may thus be a consequence of morphoge-
netic markers placed at the incipient bud site in
unicellular or the tip growth in filamentous
species of the Saccharomycotina clade. Clearly,
this hypothesis needs further experimental sup-
port, especially because the mechanism(s) by
which the bud-septin complex is deposited at
the tip to mark future septation sites has not
been addressed at the molecular level.

No changes in the rate of tip extension are
observed during mitosis, septum formation, and
branch initiation in A. nidulans and N. crassa
hyphae (Horio and Oakley 2005; Jackson 2001;
Riquelme and Bartnicki-Garcia 2004; Riquelme
et al. 2003; Sampson et al. 2003). Thus, no
growth rate-dependent septum to tip signal can
exist in these species of the Pezizomycotina clade
to mark future septation sites analogous to that
proposed for the filamentous Saccharomycotina
species. An alternative explanation may be an
inhibitory gradient originating from the tip that
overrides positive yet still undefined signals gen-
erated from the nuclei. Such a tip-high inhibi-
tory gradient has been proposed in A. nidulans
to restrict septum formation in growing germ-
lings until a certain cell size is reached (Kamins-
kyj 2000; Wolkow et al. 1996; Harris 2001)
(Fig. 1d). Although the nature of this proposed

gradient is currently unknown, homologs of the
S. pombe Tea1-Tea4 system may represent an
attractive possibility (Fischer et al. 2008; Higa-
shitsuji et al. 2009; Konzack et al. 2005; Take-
shita et al. 2008, 2014; Takeshita and Fischer
2011). A. nidulans TeaA and TeaR, functional
homologs of the S. pombe cell-end marker Tea1
and its membrane anchor Mod5, localize in an
interdependent manner to the hyphal tip and
colocalize there with the formin SepA (Takeshita
et al. 2008). Deletion of either TeaA or TeaR
results in wavy and meandering growth, indicat-
ing that the apical localization of these cell-end
markers is required for stabilizing the axis of
growth polarity. Interestingly, TeaC, the homo-
log of S. pombe Tea4, localizes to septa in addi-
tion to its presence at the hyphal tip
(Higashitsuji et al. 2009). Overexpression of
TeaC does not affect apical tip extension rates
but represses septation and generates almost
aseptate strains, while deletion of teaC results
in increased septation, consistent with the
hypothesis of positioning factors that inhibit
septum formation in the tip region to regulate
compartment size in growing hyphae. This view
is consistent with recent data obtained for N.
crassa that also support some kind of size-
sensing mechanism for septum placement
(Delgado-Alvarez et al. 2014; Fig. 1e). When
mature N. crassa tip cells reach a critical size of
ca. 250 mm, a new septum is initiated approxi-
mately 165 mm distal of the tip. However, unlike
S. pombe, where the position of the pre-mitotic
nucleus serves as additional positive signal, the
majority of septa in A. nidulans are formed at a
position corresponding to a location in between
two pairs of previously mitotic nuclei (Fig. 1f;
Shen et al. 2014), and the precise involvement of
nuclear behavior in septum placement remains
unclear (also see Sect. III-C).

C. Signal Integration by Anillin-Type
Landmark Proteins

Despite the poor conservation of spatial cues,
anillin-type landmark proteins coordinate
these spatial signals and are thus critical for
organizing the future site of cell division in all
fungi that have been analyzed to date. Also,
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vertebrate anillin is among the first proteins that
are recruited to the cleavage site of dividing cells
(Cabernard et al. 2010; Piekny and Glotzer
2008), suggesting conserved functions of this
class of poorly defined proteins in orchestrating
cell division plate. In animals, anillin functions
as scaffold for the Rho GTPase RhoA and its
regulators ECT2/Pbl and RacGAP50C at the
cleavage furrow (D’Avino et al. 2008; Gregory
et al. 2008; Hickson and O’Farrell 2008). Also
Bud4p and the fission yeast homolog, the Mid1-
related protein Mid2, interact with specific Rho
GTPase modules and are recruited to the inci-
pient separation site in a septin-dependent
manner. In budding yeast, the axial landmark
Bud3p, Bud4p, and Axl2p assemble into a pro-
tein complex at mitosis. Septin filaments first
recruit Bud4p and Bud3p, which interact
through their C-termini, to the bud neck (Gao
et al. 2007; Kang et al. 2012, 2013; Wu et al.
2015). Bud3p has weak GEF activity toward the
Rho GTPase Cdc42p and can activate Cdc42p
in vivo (Kang et al. 2014), which may be one
important aspect for organizing the morphoge-
netic machinery. In fission yeast septin rings are
involved primarily in cell-cell separation after
the septum has formed. The fission yeast anillin
Mid2 localizes as a ring in the middle of the cell
after anaphase in a septin- and actin-dependent
manner and influences septin ring organization
(Tasto et al. 2003; Berlin et al. 2003). The GEF
Gef3 interacts with Rho3GTP in vitro and func-
tions as activator of Rho4 in vivo. Gef3 co-
localizes and physically interacts with septins
and Mid2 and requires septins and Mid2 for its
localization (Munoz et al. 2014; Wang et al.
2015). Together these data support that Gef3
interacts with the septin complex and activates
one or several Rho GTPases as a Rho GEF for
septation in fission yeast. Similar modules, con-
sisting of the Rho GTPase Rho4/RHO-4, its GEF
Bud3/BUD-3, and the anillin Bud4/BUD-4, are
required for septum formation in the filamen-
tous ascomycetes A. nidulans and N. crassa
(Justa-Schuch et al. 2010; Si et al. 2010, 2012;
Rasmussen and Glass 2005). Thus, a general
function of anillins may be the organization of
a Rho GTPase-GAP-GEF module at the future
cytokinetic site (D’Avino 2009; Zhang andMad-
dox 2010; Seiler and Justa-Schuch 2010).

The septins in budding yeast bud4D cells fail
to form a double ring during cytokinesis, while
overexpression of Bud4p causes extra septin
structures (Wloka et al. 2011; Eluere et al. 2012;
Kang et al. 2013), suggesting a positive feedback
in the organization of septin collar and axial
landmark complex. A positive feedback for the
cortical recruitment of the anillin-RHO-4
GTPase module was also described for N. crassa
(Justa-Schuch et al. 2010), where localization of
BUD-3 depends on BUD-4, whose localizations
in turn lead to the recruitment and activation of
RHO-4. However, the stable cortex association
of BUD-3 and BUD-4 also requires RHO-4. This
feedback also allows the stable accumulation of
the BUD-3-BUD-4-RHO-4 complex at presump-
tive septation sites prior to the initiation of sep-
tum formation.

Recent structural data of animal anillin and S.
pombeMid1 defined several functional regions of
these two proteins despite their poor conserva-
tion at the sequence level (Fig. 2). The N-terminal
regions of both proteins bind to multiple compo-
nents of the CAR machinery, and Mid1 and ani-
mal anillin have functional exchangeable N-
terminal domains (D’Avino 2009; Piekny and
Maddox 2010; Watanabe et al. 2010; El Amine
et al. 2013; Sun et al. 2015). This region can bind
active myosin and can bundle actin filaments
(Field and Alberts 1995; Straight et al. 2003).
The central region of anillin carries an anillin-
homology domain, which contains a coiled-coil
region that—in animal anillin—harbors a well-
defined RhoA-binding domain, followed by a
membrane-binding C2 domain that forms b-
sandwich structure. Moreover, the Mid1 C2
domain allows dimerization. The C-terminus of
anillin possesses a PH domain that binds septins
and phospholipids (Liu and Young 2012; Oegema
et al. 2000; Sun et al. 2015). Although both animal
anillin and Mid1 attach to the plasma membrane
via the same core elements of the C2 domain and
the conserved PH domains, the PH domain of
Mid1 is not essential for membrane anchorage
(Sun et al. 2015; Lee and Wu 2012; Paoletti and
Chang 2000; Liu and Young 2012).

Most fungal anillin-like proteins cluster phy-
logenetically with S. pombe Mid2, which pro-
motes cell separation as a late-acting septin-
dependent scaffold, but does not influence cell
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division plate positioning. Mid1 and Mid2
arouse by gene duplication followed by func-
tional divergence (a duplication that is specific
for the genus Schizosaccharomyces), suggesting
that the ancestral and conserved function of
fungal anillin-related proteins is to scaffold
CAR complexes in a septin-dependent manner
(Gu and Oliferenko 2015; Gu et al. 2015; Moseley
2015). This is also supported by the recent
finding that Mid1 of the close relative Schizo-
saccharomyces japonicus serves as an interphase
cortical anchor for type II myosin, and the
medial assembly of the CAR inmitotic S. japonicus
cells relies on the cortical anchor protein Cdc15
instead of Mid1, which is regulated by a tip-
localized Pom1 gradient (Gu and Oliferenko
2015; Gu et al. 2015; Moseley 2015).

III. Temporal Cue(s): Coordination of
Cell Cycle Progression and
Septation Initiation

A. Coordination of Mitotic Exit and Initiation
of Septation in Unicellular Yeasts

The localization of the anillin-related landmark
proteins Mid1 and Bud4p provides the spatial

cue for septum placement in the two model
yeasts. In addition, a GTPase-coupled kinase
cascade—known as mitotic exit network
(MEN) and septation initiation network (SIN)
in budding and fission yeast, respectively—
mediates the strict temporal coordination of
cell cycle progression and cell division in the
two unicellular fungi (Fig. 3a, b; Meitinger et al.
2012, Johnson et al. 2012). At the end of mitosis,
the spindle pole body (SPB)-associated ras
superfamily GTPase Spg1 is activated by the
polo kinase Plo1 in fission yeast. This is
achieved by phosphorylation, and thereby inhi-
bition of its bipartite GTPase-activating protein
(GAP) Cdc16-Byr4 results in recruitment of the
STE kinase Cdc7 to activated Spg1 at the SPBs.
Two additional SPB-associated kinases Sid1
and Sid2, with their respective regulatory sub-
units Cdc14 and Mob1, are part of the SIN.
Localization studies suggest a hierarchical
order of Cdc7-Sid1-Sid2, although biochemical
evidence for a linear cascade is lacking (John-
son et al. 2012). Phosphorylation of the Cdc14
phosphatase Clp1 by the nuclear Dbf2p-related
(NDR) effector kinase Sid2 promotes mitotic
exit by counteracting the function of the cyclin
kinase Cdc2 (Chen et al. 2008a). However, the
SIN is not required for controlling mitotic exit,
and SIN inactivation generates multinucleated

Fig. 2 Schematic representation of functional regions
of fungal and animal anillins. AHD anillin-homology
domain, RBD RhoA-binding domain, C2 membrane-

binding module, CON connector domain, PH Pleckstrin
homology domain. For detailed explanation, refer to
the text
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cells, while overexpression of positive-acting
SIN components causes the formation of multi-
ple septum (Fankhauser and Simanis 1994;
Ohkura et al. 1995; Schmidt et al. 1997). In
both scenarios cell division is uncoupled from
nuclear division. The assembly and subsequent
constriction of the CAR that triggers septum
formation requires the relocation of the active
Sid2-Mob1 kinase complex, yet not the other
SIN components, from the SPBs to the cell
cortex (Roberts-Galbraith and Gould 2008;
Hachet and Simanis 2008). The mechanisms
that target the Sid2-Mob1 complex to the cell
cortex are yet elusive.

The related mitotic exit network (MEN) of
budding yeast has a similar composition and
functions in an analogous manner (Meitinger
et al. 2012). However, several significant differ-
ences exist (Fig. 3a, b). First, the MEN lacks a
homolog of the fission yeast kinase Sid1, and
the effector kinase Dbf2p is directly phosphory-
lated by the Cdc7 homolog Cdc15p (Mah et al.
2001). The Dbf2p phosphosites identified in

this study correspond to sites highly conserved
in other fungal NDR kinases (Hou et al. 2004;
Jansen et al. 2006; Maerz et al. 2012), suggesting
that Dbf2p activation involves activation seg-
ment autophosphorylation and phosphoryla-
tion of its C-terminal hydrophobic motif
through Cdc15p. Second, recruitment of the
Dbf2p-Mob1p complex to SPBs (and thus
MEN activation) requires phosphorylation of
the MEN scaffold protein Nud1p by upstream
kinase Cdc15p (Mah et al. 2001; Rock et al.
2013). This differs from the positive feedback
mechanism of the fission yeast SIN assembly at
the SPB, in which the scaffold Cdc11 is phos-
phorylated by the effector kinase Sid2 to pro-
mote enhanced interaction with the upstream
kinase Cdc7 (Feoktistova et al. 2012). Third,
budding yeast MEN strictly controls mitotic
exit, and consequently MEN mutants arrest at
a late mitotic state with a CAR that has formed,
but is unable to constrict (Yoshida et al. 2006),
while S. pombe SIN mutants produce multi-
nucleate cells.

Fig. 3 Composition and regulation of the septation
initiation network. (a) A GTPase-coupled, tripartite
kinase cascade regulates initiation of septation in S.
pombe. SPB-association of the effector kinase Sid2
depends on the two upstream kinases Sid1 and Cdc7,
yet biochemical proof of a stepwise phosphorylation
and activation of the three kinases is lacking. Positive
feedback is provided by Sid2-dependent phosphoryla-
tion of the scaffold Cdc11, which is counteracted by the
septation-inhibitory phosphatase complex SIP. (b) The
related mitotic exit network (MEN) of budding yeast
lacks a homolog of the fission yeast kinase Sid1, and the
effector kinase Dbf2p is directly phosphorylated by the
Cdc7 homolog Cdc15p. Recruitment of Dbf2p to SPBs
and MEN activation also requires phosphorylation of
the MEN scaffold Nud1p by Cdc15p. (c) A tripartite

kinase cascade homologous to the fission yeast SIN also
regulates septum formation in A. nidulans. However,
SPB association of the SIN kinases through the scaffold
SepK is not critical for septum formation, and SidB
activation likely occurs in the cytosol. (d) The N. crassa
SIN acts as cascade of three kinases, in which CDC-7
promotes the activity of SID-1, which in turn activates
DBF-2 through hydrophobic motif phosphorylation.
An additional kinase, MST-1, acts in parallel to SID-1
and is negatively regulated by interaction with CDC-7.
This may allow fine-tuning of the SIN by generating an
incoherent type 4 feedforward loop through the two,
parallel functioning, but oppositely regulated CDC-7/
SID-1 and CDC-7/MST-1 complexes that together con-
trol DBF-2 activity. SPB-association of these SIN com-
ponents is not required for septum formation
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B. The Septation Initiation Network in the
Pezizomycotina Fungi

The MEN also controls mitotic spindle orienta-
tion and nuclear segregation in yeast cells of C.
albicans. Depletion of the MEN effector kinase
Dbf2 results in growth arrest after the assembly
of the actomyosin ring, indicating that MEN
activity is also essential for CAR contraction,
but not for CAR assembly (Gonzalez-Novo et al.
2009). Consequently septum formation is also
inhibited in C. albicans filaments. As in yeast
cells, Calcofluor White-stainable material still
accumulates at presumptive septation sites, sug-
gesting that CAR assembly is still possible and
constriction is blocked, but this has not been
addressed experimentally. However, not all C.
albicans MEN mutant share identical defects,
arguing against a simple and linear signal cas-
cade and supporting distinct functions of indi-
vidual MEN components. For example, unlike
Tem1p-depleted S. cerevisiae cells, which arrest
as large-budded cells as any other MEN mutant
in budding yeast, GTPase-depleted C. albicans
forms filaments that originate from large-
budded yeast cells, suggesting that the GTPase
Tem1 has an important, MEN-independent
function for filament induction (Milne et al.
2014). The hyphae generated in a Tem1-depleted
strain are binucleated and arrested in telophase
with an elongated spindle, indicating that the
MEN operates normally in these filaments and
that MEN deficiency blocks mitotic exit after
one round of nuclear division.

In contrast, the A. gossypii MEN has been
suggested to function as linear GTPase-coupled
bipartite kinase cascade, an assumption that was
based on common mutant defects of deleting
any MEN component (Finlayson et al. 2011).
However, in contrast to S. cerevisiae or C. albi-
cans, where the MEN controls mitotic exit at the
anaphase stage, A. gossypii MEN mutants are
enriched for metaphase nuclei, and thus the
MEN seems to function earlier in the cell cycle
of this organism. Also, cell cycle control is not
absolute, and the multinuclear status of the
hyphal compartments is maintained. As in C.
albicans, the A. gossypii MEN is also essential
for septum formation, and MEN mutants form
aseptate hyphae (Finlayson et al. 2011).

In summary, a common denominator for
the MEN in the three Saccharomycotina species
seems to be a central role in CAR constriction
but not CAR assembly. The regulation of the
MEN and a mechanistic basis for its importance
during septum formation in the filamentous
context has not been addressed.

The SIN in the Pezizomycotina models A.
nidulans and N. crassa functions as three-
leveled kinase cascade that is activated by an
upstream GTPase module as described for fis-
sion yeast. Deletion of any positive-acting SIN
component in either fungus results in aseptate
strains with no CAR formed, while no involve-
ment in cell cycle control has been described
(Bruno et al. 2001; Kim et al. 2006, 2009; Heilig
et al. 2013; Maerz et al. 2009). All SIN compo-
nents localize to the SPBs and—with the excep-
tion of the scaffold proteins and the upstream
kinase—to constricting septa (Heilig et al. 2013;
Kim et al. 2009). The N. crassa SIN components
accumulate at the cell cortex several minutes
prior to initiation of septum constriction, argu-
ing for their involvement in CAR assembly,
while CDC-7 is recruited to the forming septum
only after septum constriction had started (Hei-
lig et al. 2013, 2014). Similarly, the SidB-MobA
module of A. nidulans associates with con-
stricting septa (Kim et al. 2006, 2009), while
SepH does neither associate with forming nor
mature septum (De Souza et al. 2014).

Although the function of the SIN as linear
acting GTPase-coupled kinase device has origi-
nally been assumed for both fungi (e.g., Harris
2001; Seiler and Justa-Schuch 2010), recent data
suggest a more complicated network of kinases
(Fig. 3c, d). The N. crassa SIN acts as cascade of
three kinases, in which CDC-7 promotes the
activity of SID-1, which in turn activates DBF-
2 through hydrophobic motif phosphorylation
(Heilig et al. 2013). However, an additional
kinase, MST-1, acts in parallel to SID-1 and is
negatively regulated by interaction with CDC-7
(Heilig et al. 2014). A possible function of MST-
1 in fine-tuning the SIN may be achieved in the
generation of an incoherent type 4 feedforward
loop through the two, parallel functioning, but
oppositely regulated CDC-7/SID-1 and CDC-7/
MST-1 complexes that together control DBF-
2 activity. This rarely found regulatory motif
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may allow for adaptive and thus robust SIN
activity (Rodrigo and Elena 2011). This hypoth-
esis is supported by the phenotypic character-
istics of N. crassa SIN mutants, which revealed
less severe septation defects of sid-1 and mst-1
mutants compared to strains deficient for cdc-7
or dbf-2 (Maerz et al. 2009; Heilig et al. 2013,
2014). The biochemical data obtained in this
study also imply that the CDC-7/MST-1 com-
plex may function independently of the GTPase
SPG-1 (Heilig et al. 2014), a speculation that
requires further exploration.

Interestingly, MST-1 is also essential for sex-
ual development (Heilig et al. 2014), and
mutants in the Sordaria macrospora homolog
SmSTK24 was recently found to interact with
the STRIPAK (striatin-associated phosphatase
and kinase) complex (Bloemendal et al. 2012;
Frey et al. 2015). Although the N. crassa STRI-
PAK complex does not localize to septa and has
primarily been associated with nuclear-
cytoplasmic distribution of the cell wall integrity
MAP kinase MAK-1 (Dettmann et al. 2013), sev-
eral S. macrospora STRIPAKmutants form asep-
tate ascogonia (although vegetative septation is
normal (Bloemendal et al. 2010). It is tempting
to predict the involvement of the STRIPAK com-
plex at an early stage of sexual development in
the Pezizomycotina fungi. Intriguingly, the S.
pombe STRIPAK complex has also been asso-
ciated with regulating the SIN. This SIN-
inhibitory phosphatase (SIP) complex counter-
acts the positive feedback generated by Sid2-
dependent phosphorylation of Cdc11 by depho-
sphorylating the scaffold (Singh et al. 2011).

C. Coordination of Nuclear Behavior and
Septum Formation in Pezizomycotina Fungi

CAR assembly and septum formation are clearly
controlled through nuclear position and cell
cycle progression in A. nidulans (Harris et al.
1994; Wolkow et al. 1996). This may potentially
also apply to N. crassa, although the connection
between nuclear cycle and septum positioning is
blurred by its nuclear asynchrony (Plamann
et al. 1994; Minke et al. 1999; Seiler and Justa-
Schuch 2010). The recent finding that circadian
rhythms can synchronize mitosis via the N.

crassa homolog of the WEE-1 kinase (Hong
et al. 2014) might provide a platform for a
more detailed analysis. Septum placement was
originally proposed to depend on the position of
mitotic nuclei in A. nidulans (Momany and
Hamer 1997; Bruno et al. 2001; Harris 2001),
but detailed life imaging recently revealed that
the majority of septa formed at a position
corresponding to a location in between two
pairs of previously mitotic nuclei (Shen et al.
2014; Fig. 1c). Moreover, septum formation still
occurs when the microtubule cytoskeleton was
destroyed, indicating that initiation and comple-
tion of septation does not require microtubules.

Although we have currently no mechanistic
understanding concerning the coordination of
nuclear behavior and septation, a number of
candidate proteins/pathways have been ana-
lyzed, the most obvious being the SIN.
Although all components of the SIN localize to
SPBs in A. nidulans and N. crassa, no involve-
ment in controlling cell cycle progression has
been observed in either species during vegeta-
tive growth (Bruno et al. 2001; Kim et al. 2009;
Heilig et al. 2013, 2014). Moreover, in contrast
to the yeasts, where SPB association of the SIN/
MEN components is essential for activation of
the NDR effector kinase and the subsequent
recruitment of the NDR kinase-Mob1 complex
to the cell cortex for cytokinesis (Morrell et al.
2004; Rosenberg et al. 2006), SIN activation and
septum formation in A. nidulans and N. crassa
does not require SPB association (Kim et al.
2009; Heilig and Seiler, unpublished). This is
consistent with the observation that the A.
nidulans Polo kinase PlkA is not a central reg-
ulator of septum formation and has only a
minor function in cell cycle control (Bachewich
et al. 2005; Mogilevsky et al. 2012). Conse-
quently, activation of the SIN may not be
mediated through PlkA as established for the
MEN/SIN through the budding and fission
yeast Polo kinases Cdc5p and Plo1, respectively
(Ohkura et al. 1995; Song et al. 2000). Finally,
the two scaffold proteins SnaD and SepK (struc-
tural homologs of Sid4 and Cdc11 in S. pombe,
respectively) that are necessary to anchor SIN
components to the spindle pole body in A.
nidulans are not critical for septum formation,
and mutations in either scaffold only result in
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delayed septation (Kim et al. 2009). Thus, SPB
association of the SIN might modulate tempo-
ral aspects of septum formation, but details of a
mechanistic involvement of the SIN in coordi-
nating nuclear behavior with septation during
vegetative hyphal growth remain obscure.

Interestingly, it was recently shown that
SepH concentrates in the basal region of the
apical cells as cytosolic foci in addition to its
association with mitotic SPB in A. nidulans (De
Souza et al. 2014). Cytosolic SepH foci were
particularly prominent in periods preceding
septation and resulted in a preferential associ-
ation of SepH with the SPB of mitotic nuclei,
which were located distal from the tip. More-
over, SepH associated with SPB in a biphasic
manner first during mitosis and again during
the period of septum formation, suggesting
that the predominant-basal activation of the
SIN [if SPB-association can serve as marker for
SIN activity as described for fission yeast; (John-
son et al. 2012)] might help restricting SIN activ-
ity to the basal region of the tip cell to promote
asymmetric septation in A. nidulans. These
cytosolic foci were also observed for the N.
crassa homolog CDC-7 (Heilig et al. 2013, 2014)
but not for any of the other SIN kinases or
respective regulatory subunits in N. crassa
(Heilig et al. 2013, 2014; Dettmann et al. 2012)
or the SidB-MobA module in A. nidulans (Kim
et al. 2006, 2009). CDC-7 kinase activity is not
required for cytosolic clustering of the protein
and its association with SPBs in N. crassa, and
CDC-7 foci were more abundant when a kinase
dead version of CDC-7 was localized (Heilig
et al. 2014). No asymmetric localization of
CDC-7 was noticed in N. crassa, but only
mature hyphae were analyzed, in which fast
cytosolic flow rates likely had mixed any poten-
tial gradient of CDC-7 clusters. A potential
function of these cytosolic CDC-7 speckles
might be suggested by the co-purification of
the microtubule-organizing center (MTOC)
component NCU12004 (homolog of A. nidulans
ApsB and S. pombe Mto1) with CDC-7 yet with
none of the other SIN components in N. crassa
(Heilig et al. 2014). MT nucleation occurs pri-
marily at centrosomes/SPBs, but more diverse
types of cytosolic MTOC also exist. The
mechanisms for the generation of this MTOC
diversity are poorly understood, but it is essen-

tial for functional MT organization in fungi and
higher eukaryotes. Mto1/ApsB is central for
cytosolic MTOC assembly and function (Same-
jima et al. 2010; Lynch et al. 2014), and ApsB is
recruited to the septal pore through a
peroxisome-dependent pathway to form
septum-associated MTOCs (Veith et al. 2005;
Zekert et al. 2010). Intriguingly, CDC-7 locali-
zation around the mature septal pore in N.
crassa (Heilig et al. 2014) displays striking simi-
larities with the sepal pore localization of ApsB
and g-tubulin in A. nidulans (Zekert et al.
2010). Future analysis should therefore con-
sider the speculation that these cytosolic clus-
ters might represent non-SPB-associated
MTOCs.

Other candidate proteins that are involved
in coordinating nuclear behavior with septum
biology in A. nidulans are the cyclin kinase
NimXCdk1 and the NEK-family kinase NimA.
Septum formation depends on a threshold
level of activity of the NimXCdk1 (Harris 2001;
Harris and Kraus 1998; Kraus and Harris 2001).
How NimXCdk1 coordinates nuclear division
with septum in A. nidulans remains unresolved.
NimA functions as central regulator of multiple
stage-specific aspects of mitosis. Key functions
of NimA are chromatin condensation through
histone H3 phosphorylation and the partial
opening of the nuclear envelope though dis-
assembly of nuclear pore complex (De Souza
et al. 2000, 2004). NimA also has interphase-
specific functions such as regulating micro-
tubule dynamics and thus tip growth and was
shown to localize at the tip growth and micro-
tubule plus ends in a EB1-dependent manner
(Govindaraghavan et al. 2014). Important in the
context of septum formation is the recruitment
of NimA to the cell cortex prior to the initiation
of septum constriction (Shen et al. 2014).
Intriguingly, the fission yeast NimA homolog
Fin1 is activated for mitotic commitment by
phosphorylation through the NDR kinase Sid2
(Grallert et al. 2012; not to be confused with
Plo1-dependent activation of the SIN at mitotic
exit). In G2 phase, the Sid2-Mob1 complex acts
independently of other SIN components such
as the scaffold Cdc11 to control the timing of
mitotic entry, suggesting that Sid2 activation
does not occur at the SPBs. Although highly
speculative, activation and/or recruitment of
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NimA by SidB to cortical sites (primed by
unknown cues) might be involved in triggering
initiation of septum constriction. Moreover, in
contrast to other protein machinery required
for septum formation in A. nidulans such as
type II myosin MyoB (Hill et al. 2015), NimA is
maintained at the septal pore after septum con-
striction has terminated (Shen et al. 2014). It is
thus possible that NimA at this position con-
trols the regulated closure of septal pores in a
cell cycle-dependent manner in order to restrict
leakage of nuclear proteins into subapical com-
partments during the parasynchronous mitoses
of the nuclei present in the apical cell.

IV. Assembly and Regulation of the
Contractile Actomyosin Ring
(CAR)

A. CAR Assembly in Budding and Fission
Yeast

Significant advances have allowed establishing
the approximate spatiotemporal sequence of

events during assembly and constriction of the
CAR that drives cytokinesis in the two yeasts (Bi
and Park 2012; Pollard and Wu 2010). In fission
yeast, two independent but synergistic pathways
driven by the anillin-related landmark protein
Mid1 and the SIN control assembly of the CAR
(Pollard and Wu 2010, Bathe and Chang 2010,
Johnson et al. 2012; Fig. 4a). Interestingly, both
pathways are controlled by the Polo kinase Plo1.
This central cell cycle kinase is therefore exert-
ing spatial control through regulating Mid1
localization and is also providing the temporal
cue through regulation of SIN activity. Cortical,
Mid1-containing dots recruit class II myosin, the
formin Cdc12, and other components to form
medial nodes that allow F-actin nucleation early
in mitosis. Search-capture-pull-release interac-
tions between myosin and f-actin from distinct
nodes form a highly organized ring (Wu et al.
2006; Vavylonis et al. 2008; Laporte et al. 2011;
Lee and Wu 2012; Saha and Pollard 2012). Also,
actin filaments assembled by the formin
Cdc12 at nonmedial sites are transported to the
division site in a myosin-dependent manner and
are integrated into the maturing ring (Huang

Fig. 4 Spatiotemporal sequence of events that control
assembly and constriction of the CAR. (a) Two indepen-
dent, but synergistic pathways driven by anillin-related
landmark proteins and the SIN/MEN control assembly
and/or constriction of the CAR in budding and fission
yeast. SIN activity also inhibits the MOR network, which

is required for timely cell separation. (b) Unknown cues
initiate the formation of the septal actomyosin tangle
SAT in the Pezizomycotina fungi. SAT initiation, CAR
formation, and CAR constriction are regulated at various
levels by the anillin-Rho GTPase complex and the inter-
play of the SIN and MOR kinase networks
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et al. 2012). However, Mid1 nodes are not essen-
tial for CAR assembly, and mid1 mutants pro-
duce misplaced septa in the anaphase. This
indicates the presence of a second, SIN-
dependent pathway that is responsible for CAR
assembly in late mitosis (Huang et al. 2008;
Hachet and Simanis 2008; Roberts-Galbraith
and Gould 2008). Because sin mutants form
only a transient CAR that is instable, these data
suggest that the primary task of Mid1 is
providing positional information, while the SIN
is required for CAR maturation. Moreover, CAR
constriction also requires SIN activity.

The maturation of the CAR from cortical
nodes requires phosphorylation of several
independent targets by the terminal SIN kinase
Sid2. First, the recruitment of the F-BAR scaf-
fold protein Cdc15 to the medial region of the
cell is indirectly controlled by the SIN (Clifford
et al. 2008; Hachet and Simanis 2008; Roberts-
Galbraith et al. 2010). Interphase Cdc15 is phos-
phorylated at multiple sites that induces a
closed conformation of the protein and inhibits
its assembly at the division site. Activation of
the Cdc14 phosphatase Clp1 by the SIN effector
kinase Sid2 allows association of Clp1 with
Mid1 and dephosphorylation of Cdc15. This
induces an open conformation and oligomeri-
zation of Cdc15 that activates its scaffold func-
tion. Second, the SIN directly activates the
formin Cdc12 through Sid-2-dependent phos-
phorylation of a novel Cdc12 domain that con-
trols F-actin bundling and therefore a central
function of the formin during CAR maturation
(Bohnert et al. 2013). Importantly, this novel
Cdc12 function should not be confused with
the central function of formins in F-actin nucle-
ation, which is controlled through dimerization
of the FH2 domains (Xu et al. 2004). Although
is it clear that the SIN is also important during
septum constriction, the mechanism that trig-
gers initiation of CAR constriction and the spe-
cific functions of the SIN during constriction
are yet unknown (Johnson et al. 2012).

The molecular composition of the budding
yeast CAR is very similar to that of fission yeast
although the CAR components accumulate over
longer time periods (Luo et al. 2004; Shannon
and Li 2000; Wloka and Bi 2012; Balasubrama-
nian et al. 2004; Bi et al. 1998; Lippincott and Li

1998). One important difference between the
two yeasts is that the CAR assembles at the
bud neck only after the septin collar has formed
in response to the Bud3p-Bud4p-Axl2p land-
mark described earlier (Gladfelter et al. 2001;
McMurray and Thorner 2009). As discussed
before, the future septation site in the
filament-forming Saccharomycotina species A.
gossypii and C. albicans may be marked at the
hyphal tip as response of the reduced growth
rate triggered by subapical septum formation.
This apical landmark consists of Ashbya gossy-
pii Bud3 or the C. albicans Bud4 homolog Int1
and various septins in both fungi (Wendland
2003; DeMay et al. 2009; Gale et al. 2001). This
allows recruitment of proteins required for
CAR assembly, such as the F-BAR protein
Hof1 (homolog of S. pombe Cdc15), type II
myosin, and the IQGAP protein Cyk1 to form
cortical filaments or “bars” within 5–10 mm of
the hyphal tip, which are subsequently trans-
formed into a subapical cortical ring as tip
growth proceeds (DeMay et al. 2009; Helfer
and Gladfelter 2006; Kaufmann and Philippsen
2009).

B. CAR Assembly in the Pezizomycotina

The CAR is also a key constituent of the cytoki-
netic machinery required for septum formation
in the Pezizomycotina fungi (Seiler and Justa-
Schuch 2010; Berepiki et al. 2011). The dynam-
ics of the actin cytoskeleton during septum
formation has recently been addressed using
Lifeact (a marker for labeling f-actin in living
cells; Riedl et al. 2008) in N. crassa (Delgado-
Alvarez et al. 2010, 2014; Berepiki et al. 2010). A
prominent tangle of actin filaments, the septal
actomyosin tangle (SAT), occurs 3–4 min prior
to the formin BNI-1 and the anillin BUD-4 at
sites of future septum formation. Thus, formin-
and anillin-dependent f-actin nucleation and
organization seems to be of minor importance
for SAT formation, while the appearance of
BUD-4 and BNI-1 coincides with maturation
of the CAR from the SAT (Fig. 4b). Another
striking observation is that the SAT may pri-
marily be generated by transferring existing
filaments from established subapical septa to
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the future site of septation. It is currently
unclear if this transfer is based on treadmilling
of filaments or on myosin-dependent transport
of f-actin.

Moreover, a cortical double ring of patches
consisting of components of the Arp2/3 com-
plex, fimbrin and coronin, appear after the coa-
lescence of Lifeact-GFP-labeled cables into a
sharp ring, a few seconds before the membrane
contraction begins and disappear after CAR
contraction has terminated (Delgado-Alvarez
et al. 2010, 2014; Echauri-Espinosa et al. 2012;
Upadhyay and Shaw 2008). These patches are
likely part of the endocytosis machinery that
may contribute to membrane remodeling and
recycling of supernumerary cell wall enzymes.

Several models are currently discussed that describe the
transition from cortical Mid1-containing nodes into the
mature CAR in fission yeast (Bathe and Chang 2010;
Pollard and Wu 2010; Laporte et al. 2011), a process
that seems to correspond to the SAT-CAR transition
described for N. crassa. These models are non-exclusive
and primarily differ in the number and distribution of
f-actin nucleating formin assemblies and how the de
novo generated filaments coalesce into a stable ring. A
recent study also reported that pre-existing f-actin fila-
ments can be recruited in a myosin-dependent manner
to cortical actin nodes (Huang et al. 2012). This is
consistent with the results obtained in N. crassa and
analogous findings in animal cells (Chen et al. 2008b;
Zhou and Wang 2008), supporting the hypothesis that
de novo formin-dependent f-actin assembly at the divi-
sion site and transport of pre-assembled filaments can
contribute to CAR assembly in all eukaryotes. However,
the relative contribution of the two actin populations
may vary in the different systems.

C. Crosstalk Between the SIN and the MOR
Pathways for CAR Regulation

Another fundamental mechanism by which the
fission yeast SIN promotes CAR maturation is
the inhibition of a competing polarity pathway
called the MORphogenesis network, which is
required for actin organization at cell ends dur-
ing polarized growth (Gupta and McCollum
2011; Ray et al. 2010). The MOR (called RAM
in budding yeast) represents a second Dbf2-
related kinase network with an organization
similar to that of the SIN (Nelson et al. 2003;
Kanai et al. 2005; Das et al. 2009). To promote

tip growth, actin is confined to the cell ends
where it is required for cell wall deposition. As
cells enter mitosis, actin relocates to site of cell
division to form the CAR. Since, both processes
involve restructuring of the actin cytoskeleton,
coordination is presumably important to keep
competing actin polarity programs from inter-
fering with each other. Thus, mutual antagonis-
tic function of the SIN and MORphogenesis
network is required to coordinate cell growth
and division. Inhibition of the MOR is achieved
by the SIN effector Sid2, which phosphorylates
the MOR kinase Nak1 and the Nak1-associated
protein Sog2 in order to block interaction of
Nak1-Sog2 with the scaffold protein Mor2
(Gupta et al. 2013). Moreover, the upstream
SIN components Cdc7 und Sid1 control and
enhance MOR activity in the subsequent inter-
phase after cell division by an unknown mech-
anism (Kanai et al. 2005).

Tip growth and septum formation occurs
simultaneously in filamentous fungi, which
requires differential regulation between both
NDR kinase pathways (Fig. 4). The localization
of N. crassa SIN components at the time of SAT
to CAR transition suggests the involvement of
the SIN in the maturation of a functional CAR
(Heilig et al. 2014). A key function of the MOR
network in molds seems to inhibit septation
initiation (Maerz and Seiler 2010). N. crassa
MOR mutants produce hyperseptated hyphae,
while hyperactivation of the MOR resulted in a
reduced septation index (Yarden et al. 1992; Ziv
et al. 2009; Seiler and Plamann 2003; Seiler et al.
2006; Maerz et al. 2009). Because the N. crassa
MOR components do not associate with SPBs
(Maerz et al. 2012; Dettmann et al. 2012; Heilig
et al. 2014), inhibition of septation initiation by
the MOR likely occurs in the cytosol. A second,
presumably late function of the MOR during
septation might be indicated by the recruitment
of all MOR components to the forming septum
after initiation of CAR constricting has started
(i.e., 2–3 min later than cortex recruitment of
the SIN kinase DBF-2; Heilig et al. 2014, Maerz
et al. 2012). Such a late function of the MOR is
also supported by the analysis of conditional
mutants in the MOR effector kinase COT-1,
which produce thickened septa and altered sep-
tum when grown at restrictive conditions
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(Gorovits et al. 2000). These data suggest mul-
tiple functions of the MOR in regulating septa-
tion initiation and biogenesis of the septum
wall in molds.

In line with the opposite functions of the
SIN and the MOR during septation, multilevel
cross talk between both networks has recently
been determined in N. crassa (Heilig et al.
2014). The SIN kinase MST-1 regulates the
MOR and the SIN both in an enzyme-
dependent and -independent manner. MST-1
phosphorylates and activates both the MOR
and SIN effector kinases, COT-1 and DBF-2,
respectively, by hydrophobic motif phosphory-
lation. In addition, heterodimerization of the
two germinal center kinase MST-1 and the
MOR kinase POD-6 inactivates both kinases.
An analogous mutually inhibitory interaction
occurs between the two NDR kinases DBF-
2 and COT-1, which can also form heterodi-
mers. A putative mechanism for kinase inacti-
vation is based on the observation that NDR
kinase heterodimerization requires the same
protein regions that are required for interaction
with their activating MOB protein subunits.
Moreover, the kinase-kinase and kinase-MOB
interactions were found to be mutually exclu-
sive, and kinase heterodimerization therefore
resulted in the displacement of the regulatory
subunit and consequently kinase inactivation
(Heilig and Seiler; unpublished data).

V. Cell Wall Biogenesis and Cell
Division

A. Cell Wall Biogenesis

CAR constriction is coupled with membrane
invagination and secretion of membrane-
bound cell wall biosynthetic enzymes that
build the extracellular septum. Simultaneously,
endocytic recycling of supernumerous compo-
nents (enzymes, membrane, etc.) accompanies
septum development. The major enzymes
involved in cell wall formation are chitin and
glucan synthases (Lesage and Bussey 2006; Free
2013). Chitin (linear chains of b-1,4-linked N-
acetylglucosamine molecules) is synthesized by
a multifamily group of enzymes that can be

grouped into seven classes of chitin synthases
(ChS; Riquelme and Bartnicki-Garcı́a 2008).
Most Pezizomycotina fungi have single genes
for each of the seven reported classes of ChS,
while yeasts have a more restricted set of ChS
genes. Class II ChS functions as the major
enzyme for synthesizing the primary septum
in budding yeast (Chs2p; Schmidt et al. 2002)
and in C. albicans (Chs1; Munro et al. 2001;
Walker et al. 2013), while the other ChS in the
Saccharomycotina are involved in the biosyn-
thesis of the general cell wall and in repair
functions (Lesage and Bussey 2006). Although
the three-layered septum structure is also
described for fission yeast, its primary septum
is mainly composed of b-1,3-glucan (Humbel
et al. 2001; Sugawara et al. 2003). The secondary
septum in both yeast models and in C. albicans
is built by several layers of b-1,3-glucans and
mannoproteins (Lesage and Bussey 2006; Hum-
bel et al. 2001; Sugawara et al. 2003).

Despite considerable effort in the cell wall
analysis in the Pezizomycotina fungi (Free 2013;
Latge and Beauvais 2014), the composition and
biosynthesis of their septal walls is still poorly
understood. Chitin has been shown to be the
major component of the N. crassa septum
(Hunsley and Gooday 1974). The specific local-
ization of CHS-2 (class II) at the constricting
rim of the developing septum (in addition to its
localization at the tip growth) in N. crassa is
consistent with a general function of class II
ChS in primary septum formation (Fajardo-
Somera et al. 2015). The remaining six N. crassa
ChS localize along the entire septal plate, sug-
gesting a function of these enzymes in remodel-
ing the primary septum and/or synthesizing
additional layers that form the secondary sep-
tum (Fajardo-Somera et al. 2015).

Regulation of primary septum formation is
best understood in budding yeast. The MEN
promotes cytokinesis by influencing multiple
pathways involved in CAR constriction and
septum formation. For instance, the MEN is
involved in targeting the chitin synthase
Chs2p to the bud neck (Meitinger et al. 2010)
and also directly regulates the late cytokinetic
components Hof1p and Inn1p, two PCH pro-
teins which are homologs of the S. pombe Cdc15
(Sanchez-Diaz et al. 2008; Nishihama et al.

Septum Formation and Cytokinesis in Ascomycete Fungi 29



2009; Meitinger et al. 2010, 2011). Chs2p is held
in an inactive state in the endoplasmatic reticu-
lum by phosphorylation through Cdc28p/CDK1
that blocks its interaction with the COPII com-
ponent Sec24p and sorting into COPII vesicles
(Chuang and Schekman 1996; Zhang et al. 2006;
Meitinger et al. 2010; Teh et al. 2009; Jakobsen
et al. 2013), while MEN-controlled dephosphor-
ylation by Cdc14p allows Chs2p to enter the
secretory pathway (Chin et al. 2012).
Subsequent inactivation of Chs2p is achieved
through phosphorylation by the MEN effector
kinase Dbf2p (Oh et al. 2012).

The second major component of the fungal
cell wall is b-1,3-glucan. Its synthesis is cata-
lyzed by membrane-bound b-1,3-glucan
synthase complexes, which consist of the cata-
lytic FKS and regulatory Rho1 GTPase subunit
(Mazur and Baginsky 1996; Beauvais et al.
2001). Both yeasts have multiple, partially
redundant FKS genes, and glucan synthesis is
essential for viability. This is also the case for
the dimorphic Saccharomycotina species C.
albicans (Munro 2013). Most Pezizomycotina
fungi have only a single FKS gene. Although
all components of the b-1,3-glucan synthase
complex as well as putative regulators localize
to sites of polar growth at hyphal tips, emerging
branches and along septa in N. crassa and other
molds (Vogt and Seiler 2008; Verdin et al. 2009;
Richthammer et al. 2012; Sanchez-Leon and
Riquelme 2015), b-1,3-glucan synthesis is not
essential in A. fumigatus (Dichtl et al. 2015),
suggesting compensatory functions by other
cell wall components in the Pezizomycotina
fungi.

B. Septum Formation and Cell Division During
Fungal Development

Premature activation of the fission yeast MOR
(e.g., by misregulation of the SIN) results in
inappropriate septum degradation and conse-
quently cell lysis (Gupta et al. 2014). Degrada-
tion of the primary septum to trigger cell
separation is initiated by RAM-dependent acti-
vation of the transcription factor Ace2p that
controls the expression of Cts1p and Eng1p,
the major cell wall-degrading chitinase and glu-

canase, respectively (Dohrmann et al. 1992;
Colman-Lerner et al. 2001; Weiss et al. 2002).
C. albicans Ace2 mutants also display cell sepa-
ration defects (Kelly et al. 2004), and, conse-
quently, transcription factor function is
inhibited by the filament-inducing transcrip-
tion factor Efg1 in order to inhibit cell separa-
tion after septum formation in hyphae (Wang
et al. 2009; Saputo et al. 2014). Budding yeast
Ace2p has a paralog, Swi5p, a transcription
factor that is primarily involved in cell cycle
regulation. Therefore it is currently unclear, if
the Pezizomycotina fungi have a functional
homolog of budding yeast Ace2p. In addition,
we have no data that indicate transcriptional
regulation by the MOR during tip growth in
these fungi, and thus it remains open, if tran-
scriptional regulation impacts vegetative sep-
tum formation in the Pezizomycotina clade.

Asexual sporulation (conidium) in the Pezi-
zomycotina fungi involves the formation of
conidia, formed on specialized structures called
conidiophores. This is, in principle, achieved
by two distinct sporulation patterns exempli-
fied by A. nidulans and N. crassa, respectively
(Park and Yu 2012). During basipetal sporula-
tion the spore forms at the base of a chain and
pushes the older cells of the conidial chain away
from the spore-forming region, while the
acropetal sporulation pattern refers to the fact
that the most recently formed spore is at the tip
of a chain of spores. Thus, the machinery
required for septum formation and cell division
must be targeted accordingly. Conidiation in
molds is analogous to cell separation in the
unicellular yeasts and requires full cell separa-
tion through a multilayered cell wall, which is
followed by the digestion of the primary cell
wall material between two completely formed
secondary septum to release mature spores
(Springer and Yanofsky 1989; Adams et al.
1998). Consequently, all A. nidulans and N.
crassa mutants of currently characterized pro-
teins required for septum formation in vegeta-
tive hyphae are also aconidiate (Rasmussen and
Glass 2005; Maerz et al. 2009; Justa-Schuch et al.
2010; Dvash et al. 2010; Heilig et al. 2013; Bruno
et al. 2001; Kim et al. 2006, 2009; Si et al. 2010).
We have very limited mechanistic insights how
the cell division machinery is reprogrammed
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during the two basic developmental cell division
patterns observed in molds. It has recently been
shown that the A. nidulans homolog of the bud-
ding yeast axial bud-site landmark component
Axl2p has no obvious role during vegetative
growth (Si et al. 2012). Axl2 is specifically
required for the regulation of phialide morpho-
genesis during conidium, where it appears to
promote the recruitment of septins, and Axl2
mutants fail to produce the long chains of con-
idium. Consistently, Axl2 specifically localized to
the phialide-spore junction, implying Axl2 as
landmark for reorientation of the division pat-
tern from acropetal growth during phialide for-
mation to basipetal growth during sporulation
(Si et al. 2012).

All fungal and animal anillin (with the
exception of the S. pombe landmark Mid1)
interact with the septin scaffold. However, the
timing of this interaction and its importance for
cell division varies between the different fungal
groups (Fig. 5). In vegetative A. nidulans, A.
fumigatus, and N. crassa hyphae, the septin
play only a minor role during septum forma-
tion, and the three fungi form proper septa
when any of the five septin genes is deleted
(Lindsey et al. 2010; Hernandez-Rodriguez
et al. 2012; Berepiki and Read 2013; Vargas-
Muniz et al. 2015). In contrast, septin deletion
strains of both Aspergilli result in major defects
in conidiophore development. Similarly, N.

crassa core septin deletion mutants produce
chains of unseparated conidium (Berepiki and
Read 2013). In summary, these data are consis-
tent with a late-acting function of the septins
during cell separation, which—in molds—is
suppressed during vegetative growth.

Intriguingly, splice variants of C. albicans
transcription factor have recently been asso-
ciated with RAM/MOR-dependent coordina-
tion of septin dynamics and regulation of the
incorporation of the Sep7 septin into hyphal
septal rings in order to avoid cell separation
(Calderon-Norena et al. 2015). Thus, septin
dynamics during conidial development in
molds may also be regulated through NDR
kinase signals. Mutants, in which the activity
of the MOR effector kinase COT-1 is reduced,
result in conidial separation defect (Ziv et al.
2009), indicating that the MOR functions dur-
ing developmental cell separation in molds as
described for vegetative cell separation in the
two yeasts. Interestingly, an A. fumigatus Ace2
mutant displayed pleiotropic defects that were
primarily associated with conidium morpho-
genesis and resulted in reduced amounts of
generated conidial with highly thickened conid-
ial walls (Ejzykowicz et al. 2009). Thus, MOR-
dependent transcriptional regulation might be
inhibited during vegetative growth to inhibit
cell separation but is induced during the devel-
opmental program.

Fig. 5 Putative relationships between anillin-Rho GTPase
complexes and the septins. (a) The interplay between the
septins and the Bud3/4p-Cdc42p complex regulates bud-
site selection in budding yeast. (b) A similarMid2-Rho3/4
complex functions at a late stage of cell division to trigger
cell separation in fission yeast. In addition, Mid1 has a

unique function during septum placement in S. pombe.
(c) The Bud3/4-Rho4 complex is important for CAR
formation during vegetative growth of A. nidulans and
N. crassa hyphae. The septins play only a minor role at
this stage of the life cycle yet become critical for cell
separation during asexual development
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Sexual development is also affected in sep-
tum mutants. For example, N. crassa mutants
are female sterile and do not form protoper-
ithecia (Rasmussen and Glass 2005; Maerz et al.
2009; Justa-Schuch et al. 2010; Heilig et al.
2013). Moreover, homozygous crosses of sep-
tum strains, in which the female partner has
been sheltered by a helper strain, are barren
and produce very few ascospores. Interestingly,
no septa are formed in ascogenous hyphae in
these mutants, indicating multiple develop-
mental defects of theses strains (Rasmussen
and Glass 2005; Maerz et al. 2009). In budding
yeast and fission yeast, the SIN has recently
been shown to be dispensable for progression
through meiosis but required for subsequent
spore wall formation and ascospore morphol-
ogy (Krapp et al. 2006; Attner and Amon 2012).
Similarly, N. crassa SIN mutants produce few
but giant ascospores containing all eight nuclei
derived from the two meiotic and one mitotic
divisions (Raju and Newmeyer 1977; Freitag
et al. 2004; Maerz et al. 2009; Heilig et al.
2013). However, these nuclei are then enclosed
in a single giant ascospore, supporting an
essential function of the SIN during cross wall
formation in vegetative cells and during the
formation of asco- as well as conidiospores in
unicellular and filamentous ascomycetes.

C. Septal Pore-Associated Functions in
Filamentous Ascomycete Fungi

The septa of most Pezizomycotina species are
perforated by simple pores of 350–500 nm in
diameter, which allow nuclei, organelles, and
cytoplasm to move between compartments
(Hunsley and Gooday 1974; Mourino-Perez
and Riquelme 2013). However, the mechanisms
that terminate CAR constriction and incom-
plete cell separation are virtually unexplored.
The development of certain animal tissues also
requires incomplete cytokinesis and the forma-
tion of syncytia—a process that is very poorly
understood. For instance, in many species,
including humans, germ cells remain
connected by intercellular bridges, which are
required for germ cell development, and their
absence results in infertility (Haglund et al.

2011). The robust genetic and cell biological
tractability of filamentous fungi thus provides
an unparalleled opportunity to determine
mechanisms that control complete versus
incomplete cytokinesis and the regulated gating
of intercellular bridges/septum pores.

The presence of septa is essential for main-
taining colony integrity after hyphal injury by
rapid plugging of septal pores through
peroxisome-derived Woronin bodies (Jedd and
Chua 2000; Pieuchot and Jedd 2012). Moreover,
the structure and composition of the septum and
the connectivity status of septum in filamentous
ascomycotina fungi varies within the developing
mycelium. This allows age-dependent plugging
of interior regions of the colony (e.g., inN. crassa:
Trinci and Collinge 1973; Hunsley and Gooday
1974) and can establish cellular heterogeneity
(e.g., in A. niger: de Bekker et al. 2011; Vinck
et al. 2011; Wosten et al. 2013). Moreover,
dynamic pore closure can be important to sepa-
rate mitotically active versus inactive compart-
ments (e.g., in A. nidulans: Shen et al. 2014) or to
compartmentalize communicating regions
within the colony (e.g., in N. crassa: Dettmann
et al. 2014; Jonkers et al. 2014). How pore closure
is regulated and which components are involved
is poorly understood. Key candidate proteins
that are likely involved in this process in varying
composition are HEX-1-derived Woronin bodies
(Beck et al. 2013), the SOFT protein, which is also
involved in cell-cell communication and has
recently been identified as scaffold of the cell
wall integrity MAP kinase pathway (Fleissner
and Glass 2007; Teichert et al. 2014) and a set of
septum-associated intrinsically disordered pro-
teins (Lai et al. 2012; Shen et al. 2014). How
trafficking of growth-associated factors such as
small secretory vesicles toward the tip growth is
affected by pore closure is unknown. It also
remains possible that more selective transport
is still allowed although the pore is closed for
bulk transport. In this context, it is also worth
noting that a microtubule-organizing center
associates with the septum pore in A. nidulans
(Veith et al. 2005; Zekert et al. 2010; Takeshita
and Fischer 2011), which may promote such
intercompartmental transport in addition to its
implication as component of a speculative cell
size-sensing mechanism discussed in Sect. II-B.
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VI. Conclusions and Perspectives

Although septum formation is essential for cell
proliferation and fungal development, many
important questions remain to be addressed.
Of particular importance is the identification
of signals that determine septum placement in
a syncytial compartment. Do specific land-
mark proteins exist? Are nuclear and cell
end-dependent signals involved? What is the
function of sMTOCs in this context, and do
MTs have any role in sensing of the apical
cell size and site selection for septum place-
ment? A second battery of questions involve
the regulation of the actin cytoskeleton: how is
SAT formation regulated, and what is the rela-
tive importance of de novo f-actin nucleation
versus assembly of preformed filaments origi-
nating from previously formed septum? What
is the trigger for CAR constriction and how is
CAR constriction terminated? Third, how is
polar tip growth and subapical septum forma-
tion regulated, if both processes coexist in the
filament but depend on the same growth
machinery? Forth, why do so many (unrelated)
signaling modules associate with the mature
septal pore, and how is cell-cell connectivity
regulated? Finally, we need to understand how
these basic processes are remodeled during
fungal development and multicellular differ-
entiation. The answers to these questions will
require comparative approaches, and the
acknowledgement that yeast and filamentous
lifestyles have reused conserved molecular
modules in different contexts. In the long
term, this will not only improve our under-
standing of septum formation in vegetative
hyphae but also of cell differentiation during
ascomycete development and will shed light
on the evolutionary consequences of cell com-
partmentalization when compared to other
fungal phyla such as the aseptate zygomycetes
or the basidiomycetes that generate highly
complex septa.
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I. Introduction

Maintaining cell polarity is essential for cells to
ensure homeostasis and their proper function-
ing (Goehring and Grill 2013; Wu and Lew
2013). Symmetry breaking is often preceded
by cytoskeleton-dependent polarization of cer-
tain key proteins as observed in epithelial cells
with apical-basal polarity, neuronal differentia-
tion from dendrites to axons, and migrating
cells. Filamentous fungi are highly polarized
eukaryotic cells, which continuously elongate
their hyphae at the tips. Some distance back
from the tip, hyphae can initiate new sites of

polar growth in the process of branch forma-
tion. The establishment and maintenance of
polar growth is one fascinating question in
biology. Filamentous fungi are widely used as
model systems for the analysis of the relation-
ship between cell polarity and shape (Harris
2006; Fischer et al. 2008; Riquelme et al. 2011,
2018; Takeshita et al. 2014). Some filamentous
fungi are pathogenic to animals and plants, and
often growth in the host is accompanied by a
change from hyphal growth to yeast-like
growth or vice versa (dimorphism) (Garcia-
Vidal et al. 2013). Other fungi are useful in
biotechnology, such as enzyme production
and fermentation in food industry due to their
high ability of enzyme secretion (Punt et al.
2011). Thus, the analysis of polarized growth
of filamentous fungi can contribute to the med-
ical, agricultural, and biotechnological fields.

The filamentous ascomycete Aspergillus
nidulans has been employed worldwide for
more than 60 years as a model organism
because it is closely related to clinically and
economically important Aspergilli and it is eas-
ily manipulated in the laboratory. The most
characteristic cell type of filamentous fungi is
the vegetative hypha. This nonspecialized, syn-
cytial (multinucleated) cell is characterized by a
continuous polarized growth mode, mediated
at the tip through the addition of new material
that is transported from distal regions. In
single-cell yeasts, such as in budding yeast Sac-
charomyces cerevisiae and in fission yeast Schi-
zosaccharomyces pombe, polarized growth is
restricted to certain times during the cell
cycle, whereas in filamentous fungi cell exten-
sion is a continuous and indefinite process.
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The extension of hyphal tips requires the
continuous enlargement of the cell membrane
and the extension of the cell wall. Both are
achieved through massive vesicle fusion at the
tip. The vesicles transport cell wall-synthesizing
enzymes and provide new membrane. Vesicle
transport as well as all other dynamic processes
related to polar growth, such as organelle dupli-
cation and distribution, or the transport of
RNA, proteins, or lipids, requires cytoskeletal
elements. Many of those components were dis-
covered early on in mutant screenings followed
by genetic and later molecular biological ana-
lyses. For instance, tubulin was discovered
through a combination of biochemical analyses
with the analysis of mutants with altered sensi-
tivity against the microtubule drug benomyl
(benA) in A. nidulans (Oakley 2004). Mitotic
elements were isolated as temperature-sensitive
mutants with a block-in-mitosis (bimA, bimC,
bimE) or mutants, which never entered mitosis
(never-in-mitosis, nimA, nimX, nimT) (Orr and
Rosenberger 1976; Morris and Enos 1992;
Osmani and Mirabito 2004). In other mutants
of this screening, nuclear distribution (nudA,
nudE) was affected (Meyer et al. 1988). In
subsequent suppressor screenings using the
benA33 mutant, tubA and mipA were discov-
ered (Morris et al. 1979; Oakley and Oakley
1989). The genes encoded beta tubulin (benA),
alpha tubulin (tubA), or gamma tubulin
(mipA), dynein (nudA), or kinesin (bimC).
The mutagenesis approaches performed in S.
cerevisiae and S. pombe but also filamentous
fungi such as A. nidulans revealed a wealth of
information, which could probably not have
generated by other means. The improved
molecular biological methods and the genome
information opened the possibility of reverse-
genetic approaches. With these approaches the
role of proteins of conserved pathways was
studied in other organisms and organism-
specific functions were discovered. However,
recent major advances in cost-effective
sequencing of entire genomes have the great
potential to revolutionize our approaches
again and allow intelligent mutant screening
followed by bulk sequencing of mutant gen-
omes. This strategy reduced mutant analysis
from months or years to weeks or months
(Tan et al. 2014).

Polarized growth is thus studied by genetic,
molecular biological, biochemical, and cell
biological methods. However, this research field
has benefited more than others from the combi-
nation of the still ongoing improvement of the
microscopic techniques and the development of
fluorescent reporter proteins in recent years.
Several overviews have summarized different
aspects of polarized growth in fungi (Chang
and Peter 2003; Harris and Momany 2004;
Penalva 2010; Berepiki et al. 2011; Steinberg
2011, 2014; Sudbery 2011; Egan et al. 2012a).

Here we review recent findings unraveling
the mechanism of polarized growth with special
emphasis on the roles of the actin and microtu-
bule (MT) cytoskeletons, polarity markers link-
ing the two cytoskeletons.

II. The Actin Cytoskeleton

The actin cytoskeleton plays a central role in
cell morphology of eukaryotic cells (Domin-
guez and Holmes 2011). Actin filaments (F-
actin), which are composed of linear polymers
of G-actin subunits, generate force against the
plasma membrane and also act as tracks for
myosin motors. The dynamic cycles of poly-
merization and depolymerization of G-actin
and F-actin are involved in many different key
cellular processes, such as cell motility, cytoki-
nesis, secretion, and the control of cell mor-
phology (Michelot and Drubin 2011).

There are three high-order F-actin struc-
tures with distinct functions in filamentous
fungi: actin rings, patches, and cables (Berepiki
et al. 2011). Studies using anti-actin chemical
agents confirmed that a polymerized actin cyto-
skeleton is required for normal apical growth
and hyphal tip shape in different fungal organ-
isms (Torralba et al. 1998). Phalloidin conju-
gated to fluorescent dyes has been widely used
for imaging F-actin in eukaryotic cells includ-
ing fungi such as budding yeast (Amberg 1998),
fission yeast (Pelham and Chang 2001), and
Ashbya gossypii (Walther and Wendland 2004)
but does not work in most filamentous fungi
(Brent Heath et al. 2003). The immunostaining
of actin using an anti-actin antibody and GFP-
labeled actin or an actin-binding protein (AbpA
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in A. nidulans) revealed the localization of the
F-actin structures, mainly actin rings and actin
patches, in filamentous fungi (Araujo-Bazan
et al. 2008). However, visualization of actin
cables was difficult by these methods. Recently,
specific markers for actin cables, such as Lifeact
and tropomyosin, were developed to visualize
them (Taheri-Talesh et al. 2008; Berepiki et al.
2010; Delgado-Alvarez et al. 2010). Lifeact,
which consists of 17 amino acids from the N-
terminus of Abp140p of S. cerevisiae, has been
shown to be a marker for F-actin binding and
labeling in vitro and in yeast cells (Asakura
et al. 1998; Riedl et al. 2008).

The actin rings in cooperation with class II
myosin function in septum formation (Taheri-
Talesh et al. 2012; Delgado-Alvarez et al. 2014)
(Fig. 1a). Septum formation proceeds according
to the following series of steps: actin and myo-
sin tangle assembly at a septation site, contrac-

tion of the actin ring (or called actomyosin
ring), actin-mediated invagination of the
plasma membrane, and deposition of the chi-
tinous primary septum (Momany and Hamer
1997; Delgado-Alvarez et al. 2014). Mutant
analysis of class II myosin (myoB mutation in
the converter subdomain in A. nidulans) sug-
gests that the motor activity is necessary for the
contraction of the actin ring (Hill et al. 2015).
The actin ring assembly and septum formation
are controlled through the nuclear position and
cell cycle progression in A. nidulans (Harris
2001).

Actin patches are peripheral punctate struc-
tures where probably the endocytic machinery
localizes (Araujo-Bazan et al. 2008) (Fig. 1b). The
predominant localization of these patches at sub-
apical regions suggests spatial coupling of apical
exocytosis and subapical compensatory endocy-
tosis (Penalva 2010). Class I myosins function in

Fig. 1 Distinct roles of actin cytoskeletons and related
myosin in A. nidulans. (a) Actin ring and myosin II
(actomyosin ring) for septation. (b) Actin patch and
myosin I for endocytosis. (c) Actin cables and myosin

V for exocytosis. Scheme of tip growth in A. nidulans
hyphae. Vesicle trafficking via the actin and MT cyto-
skeleton. Before fusion with the plasma membrane,
secretion vesicles accumulate at Spitzenkörper
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endocytosis to support invagination of endocytic
vesicles (Kaksonen et al. 2006). Mutant analysis
of myoA, the class I myosin in A. nidulans,
revealed that the function of MyoA in endocyto-
sis is regulated through phosphorylation by a
member of the p21-activated kinase (PAK) fam-
ily (Yamashita and May 1998). The mutant phe-
notype of genes involved in endocytosis indicates
that endocytosis is essential (Araujo-Bazan et al.
2008). Besides the internalization of extracellular
molecules, plasma membrane proteins, and
lipids by endocytosis, endocytic recycling of
polarizedmaterial at the hyphal tip and a balance
between endocytosis and exocytosis at the
hyphal tip are assumed to control polarized
growth and cell shape (Shaw et al. 2011).

Actin cables are linear bundles of short
actin filaments nucleated by formins that are
present at the apex of the hyphae. As mentioned
before, dynamic actin cables are generally very
difficult to visualize; however, recently specific
markers, such as Lifeact and tropomyosin, were
developed (Taheri-Talesh et al. 2008; Berepiki
et al. 2010; Delgado-Alvarez et al. 2010). In N.
crassa, Lifeact has been used to visualize
dynamic actin cables and patches (Berepiki
et al. 2010; Delgado-Alvarez et al. 2010). How-
ever, it has to be considered that overexpres-
sion of the construct may cause some artifacts
(Bergs et al. 2016). Tropomyosin is a conserved
actin filament-binding protein and regulates
the interaction between actin and myosin in
response to Ca2+ (Gunning et al. 2005). Tropo-
myosin has been used as a marker for actin
cables in A. nidulans and N. crassa (Evangelista
et al. 2002; Pearson et al. 2004; Taheri-Talesh
et al. 2008). GFP-labeled tropomyosin, TpmA in
A. nidulans, revealed the dynamic behavior
with cycles of elongation and shrinkage
(Fig. 1c) (Bergs et al. 2016). Multiple actin
cables were formed from the hyphal tip with
each actin cable showing elongation and
shrinkage in an independent manner.

Actin cables are present at the apex of hyphae and are
thought to serve as tracks for class V myosin-
dependent secretory vesicle transport to the tip
(Fig. 1c) (Taheri-Talesh et al. 2008, 2012; Berepiki
et al. 2011; Pantazopoulou et al. 2014). The “basic”
growth machinery involved in the formation of actin

cables, vesicle transport, and exocytosis, such as for-
min, the polarisome (protein complex Spa2, Pea2,
Aip3/Bud6, and formin Bni1 in S. cerevisiae), class V
myosin, and the exocyst complex (octameric protein
complex involved in the tethering of post-Golgi vesicles
to the plasma membrane prior to vesicle fusion), is
relatively conserved among eukaryotic cells and loca-
lized to the apex of hyphae (Harris et al. 2005; Sudbery
2011). Maturation of late Golgi cisternae into exocytic
post-Golgi carriers was visualized in A. nidulans (Pan-
tazopoulou et al. 2014). These carriers move on a MT-
based bidirectional conveyor belt relaying them to
actin, which ultimately focuses exocytosis at the apex.

III. Spitzenkörper

Before fusion, the secretion vesicles accumulate
at the hyphal tip in a structure called Spitzen-
körperor vesicle supply center (VSC) (Grove and
Bracker 1970; Harris et al. 2005), a special struc-
ture in filamentous fungi, which determines
growth direction of the hyphae (Bartnicki-Garcia
et al. 1995; Riquelme and Sanchez-Leon 2014;
Riquelme et al. 1998, 2014) (Fig. 1c). A VSC in
motion provides a rational basis to predict how
the secretory apparatus generates morpho-
genesis. The Spitzenkörper is believed to func-
tion as a VSC that regulates the delivery of cell
wall-building vesicles to the apical cell surface,
since the simulation analysis of VSC advance as a
Spitzenkörper enables to mimic the hyphal
growth of N. crassa (Bartnicki-Garcı́a et al.
1989; Riquelme et al. 2000). The exact compo-
sition and organization of the Spitzenkörper has
been vigorously elucidated (Riquelme et al. 2007,
2014; Sanchez-Leon et al. 2011; Fajardo-Somera
et al. 2015). In N. crassa, all chitin synthases
localize at the Spitzenkörper core, whereas
macrovesicles carrying a b-1,3-glucan synthase
complex occupy the Spitzenkörper outer layer.
Similar spatial distribution of DnfA and DnfB,
two P4 ATPases, in the Spitzenkörper was
observed inA. nidulans (Schultzhaus et al. 2015).

IV. Septins

As filament-forming proteins, septins can be
considered as a part of the cytoskeleton. Septins
are a conserved family of GTP-binding proteins
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that form filaments in fungi and animals. Dif-
ferent septins form protein complexes with
each other and form heteropolymers showing
a variety of higher-order structures (Mostowy
and Cossart 2012). In S. cerevisiae, five septin
proteins (Cdc3, Cdc10, Cdc11, Cdc12, Shs1)
form an hourglass structure associated with
the plasma membrane at the mother-bud neck
(Bertin et al. 2012). They act as a scaffold for
proteins involved in cell division (Oh and Bi
2011). In filamentous fungi, in addition to sep-
tum formation, septins have been shown to
have roles in morphogenesis, coordinating
nuclear division, and organizing the cytoskele-
ton (Lindsey and Momany 2006; Gladfelter
2010; Bridges and Gladfelter 2014).

In the hyphal form of the human pathogen Candida
albicans, septins form three distinct structures, a dif-
fuse band at the base of hyphae, a bright double ring at
septation sites, and a diffuse cap at hyphal tips (Sudb-
ery 2001; Warenda and Konopka 2002). In the filamen-
tous phytopathogen A. gossypii, septins form a diffuse
cap at hyphal tips and rings composed of discrete bars
at septation sites and at newly emerging branches (Hel-
fer and Gladfelter 2006; DeMay et al. 2009). In C. albi-
cans and A. gossypii, the diffuse cap initially appears at
the hyphal tip and travels with the hyphal tip until an
unknown signal triggers detachment from the tip and
the formation of an anchored, higher-order ring. The
higher-order ring encircles the hyphal cell cortex and
persists at that location, while the tip then continues to
grow. Septation sites are determined by positions of the
high-order ring that detaches from the tip and anchors
at the hyphal cell cortex in these fungi. The structural
change of septins is regulated through their phosphor-
ylation by cyclin-dependent kinases in C. albicans
(Sinha et al. 2007) or septin-associated kinases in A.
gossypii (DeMay et al. 2009).

In A. nidulans and N. crassa, septins form different
higher-order structures, rings, filaments, bars, bands,
and caps (Westfall and Momany 2002; Lindsey et al.
2010; Berepiki and Read 2013; Hernandez-Rodriguez
et al. 2014). They are important for septation, germina-
tion, branch emergence, and asexual spore formation.
In the basidiomycete plant pathogen Ustilago maydis,
septins localize to a variety of structures, collars at the
bud neck and filaments at growing cell tips that run
along the length of the cell and partially colocalize with
MTs (Boyce et al. 2005; Alvarez-Tabares and Perez-
Martin 2010). Septin filaments in the basidiomycete
dikaryotic hyphae of Cryptococcus neoformans have
also been shown to occasionally colocalize with MTs
(Kozubowski and Heitman 2010). These septins have
roles in morphogenesis and host infection. In the plant
pathogen Magnaporthe oryzae, the location of the

appressorium septum is determined by the site of sep-
tin ring assembly (Saunders et al. 2010). The septin ring
functions as a scaffold for proteins required for appres-
sorium formation (Dagdas et al. 2012). The recent
reports on septins in filamentous fungi have revealed
new roles for these cytoskeletal polymers.

V. The Microtubule Cytoskeleton

MTs play a crucial role during mitosis but serve
also additional functions in interphase in fila-
mentous fungi. They are important for the dis-
tribution of nuclei and other organelles and
serve as tracks for endosomes and other vesi-
cles; thus they are important for rapid hyphal
growth (Xiang and Fischer 2004; Horio and
Oakley 2005; Egan et al. 2012a; Steinberg 2014).

The rather stable minus end of MTs is
located at the MT-organizing center (MTOC),
whereas the plus end is facing to the cell periph-
ery with alternate growing and shrinking phases.
In filamentous fungi, spindle pole bodies (SPBs)
serve as MTOCs (Fig. 2a) (Oakley et al. 1990).
They contain g-tubulin, first discovered in A.
nidulans, which is required for nucleation of
MTs (Oakley and Oakley 1989; Oakley et al.
1990). Furthermore, there is good evidence that
areas close to the septa act as MTOCs in A.
nidulans (sMTOCs) (Fig. 2a) (Veith et al. 2005;
Xiong and Oakley 2009; Zekert and Fischer 2009;
Zhang et al. 2017). The composition of those
MTOCs, their role, and their tethering to the
septal membrane remain to be elusive. However,
there is also good evidence for several MTOCs in
S. pombe, in U. maydis, and in higher eukar-
yotes. In S. pombe equatorial (eMTOC) and
interphase MTOCs (iMTOC) have been
described (Sawin and Tran 2006) but appear to
be only temporally active during certain stages
of the cell cycle, and their exact nature also is
enigmatic. In higher eukaryotes the Golgi appa-
ratus had some MT-forming activity (Sutterlin
and Colanzi 2010).

In the tip compartment of A. nidulans, most
MTs are oriented with their dynamic plus ends
toward the hyphal tip (Fig. 2a, b) (Konzack et al.
2005). There are only a few MTs found in inter-
phase compartments, and nuclei migrate proba-
bly along MTs until they reach a certain
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position. The entire hypha looks therefore very
organized with evenly spaced nuclei.

Two classes of MT-dependent motors, the
minus end-directed dynein and the plus end-
directed kinesins, are involved in positioning of
organelles and transport of membranes.
Whereas genomes of filamentous fungi contain
a single dynein motor, they usually encode 10–
12 kinesins (Schoch et al. 2003). The function of
kinesin-3 and the dynein motor in the transport
of early endosomes have been analyzed deeply
(Fig. 2c) (Steinberg 2011, 2014; Egan et al.
2012a). In A. nidulans hyphae, most MTs
between the hyphal tip and the most proximal
nucleus were polarized with their plus ends
oriented toward the growing hyphal tip. Dynein
and kinesin-3/UncA are the opposite motors
responsible for bidirectional transport of endo-
somes and peroxisomes (Abenza et al. 2009;

Egan et al. 2012b). Studies of A. nidulans
kinesin-3 implicated indirect evidence for the
existence of a subpopulation of detyrosinated
MTs (Zekert and Fischer 2009; Seidel et al.
2012). However, a final proof for the existence
of posttranslationally modified tubulin in fungi
is yet still missing.

Endocytic recycling at subapical regions
supports fungal tip growth. The bidirectional
motility of early endosomes is thought to be
involved in sorting the endocytic cargo to the
subapical vacuole for degradation (Wedlich-
Soldner et al. 2000). An unexpected new role
for early endosome motility was revealed in U.
maydis. The RNA-binding protein Rrm4 trans-
ports various mRNAs on moving early endo-
somes, suggesting that early endosome motility
toward the cell ends supports polar delivery of
Rrm4-bound RNAs (Konig et al. 2009; Bau-

Fig. 2 Microtubule cytoskeleton in A. nidulans. (a)
MT-organizing center (MTOC) at spindle pole bodies
and septa. Most MTs are oriented with their dynamic
plus ends toward the hyphal tip in the tip compartment.

(b) Time lapse of GFP-KipA (MT plus end marker) and
mCherry-TubA (MT) in A. nidulans hyphae. (c) Image
of GFP-RabA (early endosome marker) and mCherry-
TubA (MT) and kymograph of GFP-RabA
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mann et al. 2012). In addition, it was shown that
the mRNA of the septins cdc3 and cdc12 is
actively translated on moving early endosomes,
and both proteins bind to early endosomes
(Baumann et al. 2014). In fact, it was confirmed
that ribosomes attach to early endosomes and
are translationally active during the transport
(Higuchi et al. 2014). It is suggested that bidi-
rectional early endosome motility constantly
stirs the translation machinery, which diffuses
passively in the cytoplasm and thereby contri-
butes to distribute the ribosomes throughout
the cell (Steinberg 2014; Haag et al. 2015).
Indeed, endosomal transport of heteromeric
septin complexes along microtubules is crucial
for formation of higher-order structures in U.
maydis (Zander et al. 2016).

The deletion of conventional kinesin (kinesin-1)
decreased the growth rate and caused defects in Spit-
zenkörper stability, protein secretion, and pathogenic-
ity (Lehmler et al. 1997; Seiler et al. 1997, 1999; Requena
et al. 2001; Schuster et al. 2012). These results suggest a
possible conserved role in vesicle transportation simi-
lar to higher eukaryotic cells. High-speed imaging
revealed vesicle transport of chitin synthases (Take-
shita et al. 2015). The frequency of the transport was
clearly decreased in the absence of kinA, kinesin-1 in A.
nidulans. Secretory vesicles are thought to be trans-
ported by kinesin-1 along MTs for long distances
toward hyphal tips in filamentous fungi, although the
localization of the ER and the Golgi close to hyphal tips
raises questions about the function and cargo of
kinesin-1 (Markina-Inarrairaegui et al. 2013; Pinar
et al. 2013). Possibly long-distance transport of secre-
tion vesicles is less important and that actin-dependent
movement is rather sufficient. Indeed, hyphal extension
can occur quite long without functional MTs but is
immediately stopped as soon as the integrity of the
actin cytoskeleton is disturbed (Torralba et al. 1998;
Horio and Oakley 2005). Although the role of MTs
and the different cytoskeletons could be diverse in
different fungi, vesicle movement and delivery to the
tip plasma membrane likely depend on the cooperation
of actin- and MT-dependent motors (Zhang et al. 2011;
Schuster et al. 2012; Taheri-Talesh et al. 2012).

VI. Cell-End Markers for Polarity
Maintenance

Cell polarity is essential for the proper func-
tioning of many cell types. During cellular mor-

phogenesis—from fission yeast to human
cells—MTs deliver positional information to
the proper site of cortical polarity (Siegrist
and Doe 2007; Li and Gundersen 2008). The
polarization of the actin cytoskeleton and sig-
nal transduction cascades and continuous
membrane transport toward the growth site
depend on MTs.

Because MT dynamics and many MT func-
tions are conserved among eukaryotes, lower
eukaryotes can serve as excellent models. In S.
pombe, the kelch-repeat protein Tea1 is deliv-
ered by growing MTs to the cell ends (Fig. 3a)
(Mata and Nurse 1997). Tea1 reaches the MT
plus end with the kinesin-7, Tea2 (Browning
et al. 2000, 2003), and is anchored at the cell
end membrane through the interaction with the
prenylated protein, Mod5 (Snaith and Sawin
2003). At the cell end, Tea1 interacts with addi-
tional components, which ultimately recruit the
formin For3 (Martin and Chang 2003; Feier-
bach et al. 2004; Tatebe et al. 2008). For3
forms actin cables required for exocytosis and
polarized growth. Cell-end markers, Tea1 and
Mod5, thus transmit positional information
regulated by MTs to the actin cytoskeleton
and thereby contribute to polarized growth.
The cell-end marker genes were identified
after analysis of polarity mutants (T-shaped or
bent cells). The mutants of tea1 and tea2 (tip
elongation aberrant) and mod5 (morphology
defective) exhibit T-shaped or bent cells as a
result of the mislocalization of the polarity site
away from the center of the cell end.

The molecular mechanism of MTs to regu-
late polarity maintenance is principally con-
served from S. pombe to filamentous fungi
(Fig. 3a) (Riquelme et al. 1998; Fischer et al.
2008; Takeshita et al. 2008; Higashitsuji et al.
2009; Takeshita and Fischer 2011). Tea1 and
Tea2 are conserved in A. nidulans as TeaA
(Tea1) and KipA (Tea2), respectively (Konzack
et al. 2005; Takeshita et al. 2008). Although the
Mod5 sequence is not conserved in filamentous
fungi, a functional counterpart, TeaR, was dis-
covered by screening for proteins that harbor a
C-terminal prenylation motif in A. nidulans
(Takeshita et al. 2008). TeaA is conserved in
Ascomycetes and some Basidiomycetes, such as
Cryptococcus neoformans and Puccinia graminis,
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but not in Zygomycetes. TeaR is generally con-
served in Ascomycetes except in Hemiascomy-
cetes. The A. nidulans kipA, teaA, and teaR
mutants show defects in polarity maintenance,
which leads to curved (DkipA orDteaR) or zigzag
growing hyphae (DteaA) (Fig. 3b). The two cell-
end markers, TeaA and TeaR, localize at hyphal
tips interdependently (Fig. 3c). TeaA is delivered
to hyphal tips by growing MTs (Takeshita and
Fischer 2011) and anchored to the hyphal tip
cortex though the interaction with TeaR (Take-
shita et al. 2008). TeaA, along with TeaC, recruits
the formin, SepA, to the growth zone (Higashit-
suji et al. 2009). The conserved mechanism of
“cell-end markers,” TeaA and TeaR, to transmit
positional information from MTs to the actin

cytoskeleton is required for maintenance of
polarity and the growth direction of hyphae
(Fig. 3d). Although the cell-end marker proteins
appear to be conserved in other filamentous
fungi, it remains to be studied if the roles
assigned to them in A. nidulans are also con-
served. For instance, the MT cytoskeleton is
much more complex in N. crassa.

MTs in A. nidulans are necessary to maintain the polar-
ity at the tip of hyphae through cell-end markers.
Besides this function, MTs have additional functions
in filamentous fungi, such as nuclear distribution and
the movement of vesicles and other organelles; thus
they are important for rapid hyphal growth. In contrast,
MTs in S. pombe are required for polarity maintenance
through cell-end markers but are not necessary for

Fig. 3 Role of cell-end markers in A. nidulans. (a)
Scheme of the function of cell-end markers in S. pombe
and A. nidulans. (b) Differential interference contrast
images of wild type, DteaA, DteaR strains. DteaR strains
exhibited curved hyphae and DteaA strains exhibited
zigzag hyphae. (c) Localization of mRFP1-TeaA and

GFP-TeaR (upper) at the hyphal tips. Bimolecular fluo-
rescence complementation (BiFC) assay of TeaA and
TeaR at the hyphal tip (lower left). Localization of
mRFP1-TeaA at the hyphal tip and MT plus end (lower
right). (d) Scheme of growth direction regulated by cell-
end markers and cell cytoskeletons
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vesicle trafficking. Actin cables grow toward the grow-
ing cell ends, and Myo52, a myosin V, is responsible for
polarized secretion of vesicles along actin cables and
hence membrane enlargement and secretion of cell
wall-synthesizing enzymes (Montegi et al. 2001; Win
et al. 2001; Mulvihill et al. 2006).

VII. Rho GTPase

The small Rho-type GTPases Cdc42 and Rac1
are key regulators of eukaryotic cell polarity
(Jaffe and Hall 2005; Virag et al. 2007). The
switching between inactive GDP-bound and
active GTP-bound states is controlled by gua-
nine nucleotide exchange factors (GEFs)
(Schmidt and Hall 2002) and GTPase-activating
proteins (GAPs) (Bernards and Settleman
2004). Active GTPases stimulate multiple effec-
tor molecules, such as p21-activated kinases
(PAKs), mitogen-activated protein kinases
(MAPKs), formin, and subunits of the exocyst
complex, which regulate numerous cellular
processes including the rearrangement of the
actin cytoskeleton, targeted vesicle transport,
and exocytosis (Bishop and Hall 2000). In S.
cerevisiae, two positive feedback loops are
thought to contribute to Cdc42 polarization.
One pathway involves recruitment of GEFs
and effector complexes from the cytoplasm in
a cytoskeleton-independent manner (Johnson
et al. 2011). The other one is a vesicle-recycling
feedback loop, where Cdc42 orients actin
cables, which in turn deliver Cdc42 as cargo
on secretory vesicles (Wedlich-Soldner et al.
2003).

In S. cerevisiae and S. pombe, Rac1 orthologs are not
conserved, and Cdc42 alone is necessary and sufficient
to control polarized growth (Adams et al. 1990; Miller
and Johnson 1994). In contrast, filamentous fungi
require both Rho GTPases to regulate their hyphal
growth (Mahlert et al. 2006; Virag et al. 2007; Lichius
et al. 2014). Both Cdc42 and Rac1 share at least one
overlapping function that is required for polarity estab-
lishment. The combination of Dcdc42 with Drac1
appeared synthetically lethal in A. nidulans (Virag
et al. 2007). The cell-end marker deletion strains in A.
nidulans lose the axis of polarity, although the hyphae
still continue polarized tip growth. Although the polar-
ization of Cdc42 and Rac1 by positive feedback loops as
known in S. cerevisiae remains elusive in filamentous

fungi, the Rho GTPases are possibly involved in polar-
ity establishment independently of the cell-end markers
in A. nidulans.

VIII. Cell-End Markers for Polarity
Establishment

MTs and cell-end markers are not essential for
spore germination itself but only for site selec-
tion of germination (Takeshita and Fischer
2011). During conidia germination, TeaA
appeared at growth sites prior to the appear-
ance of a small germination bud, and then MTs
contact the cortex of the tip, while the polarized
MTs likely deliver more TeaA and other pro-
teins to the bud site, enforcing polar growth.
Wild-type spores always germinate at only one
site to form one hypha; in contrast, spores of
DteaA often germinated at two (40%) or three
sites (3%) simultaneously (Fig. 4a). A similar
phenotype of multi-germtube formation was
observed using the MT-destabilizing drug ben-
omyl. It had been shown already that MTs are
not essential for the germination process itself
(Oakley and Morris 1980). TeaA and MTs are
not necessary for the emergence of the germ-
tube but probably rather for restricting germi-
nation to a specific place.

When the spores start germination, they
grow isotropically at first, and then they switch
to polarized growth with new material added to
the tip of an emerging germtube. In A. nidu-
lans, temperature-sensitive swo (swollen cell)
mutants representing genes involved in polar-
ity establishment and polarity maintenance
were isolated (Momany et al. 1999). swoC
(putative pseudouridylate synthase) and swoF
(N-myristoyl transferase) (Shaw et al. 2002) are
required to establish polarity, while swoA (O-
mannosyltransferase) is required to maintain
polarity. Besides that, the terminal phenotype
of Dcdc42Drac1 indicates their functions are
required to establish polarity (Virag et al.
2007). In addition, the morphological abnorm-
alities of mutants involved in endocytosis indi-
cate the importance of endocytosis in polarity
establishment and polarity maintenance (Lee
et al. 2008; Hervas-Aguilar and Penalva 2010;
Shaw et al. 2011).
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Once the first hypha reaches a determinate
length, a second germtube appears on the
spore. This second germination site normally
lies opposite of the first hypha (Harris et al.
1999). The second germtube appeared after
the first septum at the base of the first hypha
was formed. TeaA appeared at the second ger-
mination site, opposite the first hypha, after
septation in the first hypha. In A. nidulans,
MTs are formed from SPBs and from septal
MTOCs (Konzack et al. 2005; Veith et al. 2005;
Xiong and Oakley 2009). MTs emanating from
the septum of the first hypha grew toward the
first germtube as well as in the direction of the
spore and reached the second germination tip
where TeaA localized (Fig. 4b). MTs originating
from the septal MTOCs are thus important for
TeaA delivery and may explain the bipolar ger-
mination pattern (Takeshita and Fischer 2011).

There appears to be two patterns of lateral
branching: branches associated with septa and
random branching. In several fungi including
members of the Saccharomycotina (A. gossypii),
zygomycetes (Basidiobolus ranarum), and basi-
diomycetes (Coprinus species), new branches
emerge adjacent to septa (Trinci 1974). A ran-
dom pattern of branching is observed in A.

nidulans. Although the cell-end markers local-
ize to branching sites prior to branching
emerges, the mechanism of branch site selec-
tion remains largely unknown (Fig. 4c) (Harris
2008).

IX. Cell-End Markers for Polarity
Focusing

The role of MTs in transmitting positional
information through delivery of cell-end mar-
kers to the growth machinery is conserved in
both S. pombe and A. nidulans. A Spitzenkör-
per, however, can only be observed in filamen-
tous fungi but not at cell ends of fission yeast
(Fig. 5a). This difference could be due to differ-
ent growth speeds (Kohli et al. 2008). Another
possible reason is that the cell-end markers
concentrate at the apex of hyphae in A. nidu-
lans, whereas the cell-end markers localize at
multiple sites along cell ends in fission yeast
(Dodgson et al. 2013). The positive feedback
loop defined through the interdependence of
TeaA and TeaR could be important for their
concentration, but not sufficient because this

Fig. 4 Cell-end markers for
polarity establishment. (a) Ger-
mination in wild type, and sev-
eral mutants. (b) Scheme of
second germination site selec-
tion by MTs from septal MTOC
and TeaA. (c) Branching site
selection
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mechanism is conserved in S. pombe as well
(Snaith and Sawin 2003; Takeshita et al. 2008;
Bicho et al. 2010). MTs in A. nidulans elongate
toward the tips and tend to converge in the
apical region (Konzack et al. 2005), which is
not observed in S. pombe. The central position
of TeaA at the tip correlated with the conver-
gence of the MT plus ends to a single point. In
the absence of TeaA, MTs often contacted the
membrane off the center of the apex (Fig. 5b)
(Takeshita et al. 2008, 2013).

A recent study showed that a functional
connection between TeaA and theMT polymer-
ase AlpA is required for proper regulation of
MT growth at hyphal tips (Takeshita et al.
2013). AlpA is a member of the XMAP215/
Dis1 family whose conserved TOG domains,
which contain multiple HEAT repeats, are

known to bind tubulin from yeast to human
(Al-Bassam et al. 2007). XMAP215 from Xeno-
pus laevis catalyzes the addition of tubulin
dimers to the growing plus ends (Brouhard
et al. 2008; Al-Bassam and Chang 2011). A.
nidulans AlpA decorates MT filaments and
accumulates at MT plus ends (Enke et al.
2007). Deletion of alpA resulted in a drastic
reduction of the MT array and dynamics. MT
in vitro polymerization assays with purified
tubulin from porcine brains and recombinant
AlpA have revealed the activity of AlpA as a MT
polymerase (Fig. 5c) (Takeshita et al. 2013). The
MT growth speed in vitro was comparable with
that of XMAP215 of X. laevis and approxi-
mately fourfold higher than that of Alp14, the
orthologue in S. pombe (Brouhard et al. 2008;
Al-Bassam et al. 2012). The rate of MT

Fig. 5 Cell-end markers for polarity focusing. (a) Com-
parison of the localization of cell-end markers and the
growth machinery in S. pombe and A. nidulans. (b)
Behavior of MTs at hyphal tips in A. nidulans wild type
and DteaA strains. (c) In vitro MT polymerization assay.

Images of a seed MT (red) with a dynamic MT lattice
growing from the plus end (green). Kymographs of MTs
in the absence of AlpA (right) and presence of 100 nM
AlpA (lower). (d) Scheme of the interaction between
TeaA at the hyphal tip cortex and AlpA at MT plus ends
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polymerization in vivo in A. nidulans leading
hyphae is approximately threefold higher than
in S. pombe, consistent with the ratio in vitro
(Drummond and Cross 2000; Efimov et al.
2006). However, AlpA-dependent MT growth
speed in vitro was approximately only half of
the one determined in vivo (6 mm/min com-
pared to 13 � 3 mm/min). Therefore, other
microtubule plus-end-tracking proteins are
likely to enhance the AlpA activity for MT
growth in vivo.

As a difference to S. pombe, A. nidulans
TeaA is involved in the convergence of MT
plus ends at the tip apex, suggesting specific
interactions of the MT plus end with the cortex.
One possibility is an interaction between TeaA
and AlpA (Takeshita et al. 2013). MT polymeri-
zation assays in vitro showed that TeaA
increased the catastrophe frequency of MTs in
the presence of AlpA, and TeaA reduced the
in vitro AlpA activity significantly. From these
results it was concluded that AlpA promotes
MT growth at MT plus ends until MTs reach
the hyphal tip, where TeaA blocks the AlpA
activity and induces MT catastrophe (Fig. 5d).
The interdependence of TeaA and MTs could
act as a positive feedback loop to concentrate
TeaA at the apex resulting in well-focused vesi-
cle secretion for the organization of the Spit-
zenkörper (Bartnicki-Garcia et al. 1995;
Riquelme et al. 2014).

X. Transient Polarity Marker
Assembly

The membrane-associated cell-end marker
TeaR is highly dynamic at growing hyphal tips
(Ishitsuka et al. 2015). A MT grows toward the
hyphal tip, pauses in close contact with the
apical membrane, and then undergoes a catas-
trophe event resulting in retraction. TeaR accu-
mulates at the hyphal tip membrane and then
decreases immediately after a MT plus-end
touches the tip membrane and starts to shrink.
Colocalization studies indicate that TeaR clus-
ters represent zones of exocytosis at the apical
membrane. In general, membrane-binding
polarity markers are delivered to the plasma

membrane by vesicle transport and exocytosis.
After exocytosis, vesicles fuse with the plasma
membrane, leading to its extension. Simulation
analysis had predicted that membrane inser-
tion by active exocytosis would dilute and/or
disperse membrane-binding polarity markers
during fast hyphal growth (Savage et al. 2012).
There was no clear answer to the question of
how cell polarity is maintained during inces-
sant vesicle exocytosis, especially for rapidly
growing systems such as filamentous fungi.
One of the problems to capture the complex
process is that conventional live cell imaging
methods lack the resolution.

The localization of TeaR cluster at hyphal
tips has been analyzed by super-resolution
microscopy PALM (photoactivation localiza-
tion microscopy) (Ishitsuka et al. 2015). The
resolution of conventional light microscopy
techniques is limited to about 250 nm due to
light diffraction. Super-resolution microscopy
techniques, such as PALM, have overcome the
diffraction limit, resulting in lateral image res-
olution as high as 20 nm and providing a pow-
erful tool for the investigation of protein
localization in high detail (Sahl and Moerner
2013). The PALM imaging analysis revealed
that TeaR transiently assembles (approximately
120 nm, 20 TeaR proteins per cluster on aver-
age) at the hyphal tip membrane and disperses
along the membrane after exocytosis, which
inserts a new membrane that results in local
membrane extension (Fig. 6a) (Ishitsuka et al.
2015).

These findings gave rise to a “transient
polarity assembly model” to explain how fungal
tip cells extend through repeated cycles of TeaR
assembly/disassembly, actin polymerization,
and exocytosis rather than by constant elonga-
tion (Fig. 6b) (Takeshita 2016). The findings of
colocalization studies support the notion that
TeaR clusters represent zones of exocytosis and
are prerequisite for apical membrane exten-
sion. In this model, the interaction between
the MT plus end, where TeaA is located, and
TeaR at the apical membrane initiates the
recruitment of other polarity markers, resulting
in the assembly of TeaR polarity site. The accu-
mulated cell-end markers induce actin poly-
merization followed by active exocytosis.

54 N. Takeshita and R. Fischer



F
ig
.
6
O
sc
il
la
to
ry

fu
n
ga
l
ce
ll
gr
o
w
th
.
(a
)
T
im

e-
la
p
se

P
A
L
M

o
f
T
ea
R
sh
o
w
s
th
e

ap
p
ea
ra
n
ce

of
a
n
ew

cl
u
st
er

(t
¼

5
s)
,a

tr
an
sl
at
io
n
al
m
ov
em

en
t
(t
¼

10
s)
,a
n
d
a

sp
re
ad
in
g
of

th
e
si
gn
al
al
on

g
th
e
p
la
sm

a
m
em

b
ra
n
e.
L
o
ca
l
m
em

b
ra
n
e
ex
te
n
si
o
n

(t
¼

0
in

re
d
,
t
¼

22
.5

s
in

gr
ee
n
).
(b
)
Sc
h
em

e
o
f
tr
an
si
en
t
p
o
la
ri
ty

m
o
d
el
an
d

te
m
p
o
ra
lly

co
n
tr
ol
le
d
ac
ti
n
p
ol
ym

er
iz
at
io
n
an
d
ex
o
cy
to
si
s
co
o
rd
in
at
ed

b
y
p
u
ls
ed

C
a2

+
in
fl
u
x.

(c
)
T
im

e-
la
p
se

cl
u
st
er

an
al
ys
is
of

P
A
L
M

im
ag
es

o
f
ch
it
in

sy
n
th
as
e

C
h
sB
.
(L
ef
t)

L
o
ca
li
za
ti
o
n
im

ag
e
o
f
a
h
yp
h
a
w
it
h
m
E
o
sF
P
th
er
m
o
-C
h
sB

cl
u
st
er
s

(5
00

fr
am

es
).

(R
ig
h
t)

Se
q
u
en
ce

o
f
C
h
sB

cl
u
st
er

im
ag
es

(c
lu
st
er
s
in

d
if
fe
re
n
t

co
lo
rs
)
re
n
d
er
ed

fr
om

im
ag
es

re
co
n
st
ru
ct
ed

b
y
m
ov
in
g
w
in
d
ow

b
in
n
in
g
(c
lu
st
er

im
ag
es

o
f
2.
5
s
ti
m
e
in
te
rv
al
s
fo
r
a
to
ta
l
p
er
io
d
o
f
12
5
s)

The Cytoskeleton and Polarity Markers During Polarized Growth of Filamentous Fungi 55



Newly synthesized TeaR is delivered to the tip
membrane on secretory vesicles through MT
and actin cables. The plasma membrane extends
locally at the site of vesicle fusion, and, subse-
quently, the TeaR polarity site is dispersed or
displaced along the membrane. Once the polar-
ity site is disassembled, however, nextMT comes
to the tip and gathers TeaR floating in the mem-
brane through the interaction with TeaA at the
MT plus end and the cycle starts over.

In line with this model, recent work on N. crassa has
identified bursts of exocytotic events at various sites
within the apical membrane rather than a persistent
exocytosis site (Riquelme et al. 2014). Mathematical
simulation analysis confirmed the validity of the tran-
sient polarity assembly model (Ishitsuka et al. 2015).
The simultaneous visualization of actin cables and MTs
suggests temporally and spatially coordinated polymer-
ization and depolymerization between the two cytoske-
letons (Bergs et al. 2016). Interaction between MigA, a
MT plus-end localizing protein, and a class V myosin
suggests that an active mechanism captures MTs and
pulls the ends along actin filaments (Manck et al. 2015).
These results also support the model.

XI. Oscillatory Fungal Cell Growth

Many dynamic cellular processes that appear
continuous are driven by underlying mechan-
isms that oscillate with distinct periods. For
example, eukaryotic cells do not grow continu-
ously but rather by pulsed extension of the
periphery. Stepwise cell extension at the hyphal
tips of several filamentous fungi was discovered
20 years ago (Lopez-Franco et al. 1994), but
only a few molecular details of the mechanism
have been clarified since then. The “transient
polarity assembly model” also implies the step-
wise cell extension. Indeed, the time-lapse
PALM imaging revealed that the cell extension
rate of hyphae is not constant but varies in an
oscillatory manner (Fig. 6c) (Zhou et al. 2018).

In addition, a recent study has provided
evidence for molecular mechanism of oscilla-
tory fungal cell growth. Live cell imaging
analyses revealed oscillations of actin assembly
and exocytosis in growing hyphal tips (Take-
shita et al. 2017). Intracellular Ca2+ levels are

known to regulate actin assembly and vesicle
fusion (Janmey 1994; Schneggenburger and
Neher 2005). Ca2+ levels also pulsed at the
hyphal tips (Kim et al. 2012). The fluores-
cence-based Ca2+ biosensor R-GECO varies
the emission according to Ca2+ concentrations
and has enabled the visualization of pulsatile
Ca2+ concentrations in growing hyphal tips of
A. nidulans (Takeshita et al. 2017). Intracellular
Ca2+ levels pulse at ~30-second intervals. These
positively and temporally correlate with
amounts of F-actin and secretory vesicles at
hyphal tips. Orthologues of Ca2+ channels at
the plasma membrane in A. nidulans are
required for proper tip growth and the oscilla-
tion of F-actin, secretory vesicles, and Ca2+

level pulses (Wang et al. 2012; Takeshita et al.
2017). These results suggest that pulsed Ca2+

influx coordinates the temporally controlled
actin polymerization and exocytosis that drive
stepwise cell extension (Fig. 6b). The oscillatory
fungal growth could be important for dynamic
responses to external and internal signals in
chemotropism, cell-cell fusion, microbial inter-
action, and the fungal penetration of plant and
animal cells (Takeshita 2018).

XII. Conclusion

The establishment and maintenance of cell
polarity in fungi—as in higher eukaryotes—
require the interplay between the actin and
MT cytoskeletons and landmark proteins at
the cortex (Siegrist and Doe 2007; Li and Gun-
dersen 2008). This rather complex arrangement
of components may be necessary to guarantee
robust polar growth. Coordinated oscillations
of actin polymerization, exocytosis, and Ca2+

levels associated with cell growth seem to be a
conserved phenomenon shared among various
organisms, including fungi (Das et al. 2012),
mammalian cells (Wollman and Meyer 2012),
and plant root hairs (Monshausen et al. 2008)
and pollen tubes (Kroeger and Geitmann 2012).
The oscillatory cell growth allows cells to
respond more quickly and often to internal
and external cues such as chemical or mechan-
ical environmental signals.
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I. Introduction

Filamentous fungi are ubiquitous eukaryotic
microorganisms in nature. Fungi are the main
decomposers of organic materials, important
environmental nutrient recyclers, and key
industrial producers, providing benefits to
humankind (Nevalainen and Peterson 2014;
Park et al. 2017; Treseder and Lennonb 2015).
Conversely, several fungi, such as Aspergillus

flavus and Fusarium graminearum, are key
mycotoxin producers that cause a global loss
of agricultural commodities (Gugnani 2003;
Keller et al. 2005). In addition, a variety of
filamentous fungi can cause plant, animal, and
human diseases that impact human health and
food supplies (Fisher et al. 2012; van Burik and
Magee 2001). Owing to the importance of fila-
mentous fungi for humanity, understanding the
fungal growth and development would help us
to minimize damage and maximize benefits.

Hyphae, long and branching vegetative
structures, are the main morphological forms
of filamentous fungi in nature (Harris 2011;
Riquelme 2013). Fungal cells can undergo repro-
duction asexually and/or sexually in response to
environmental as well as endogenous genetic
cues, and these abilities are called developmen-
tal competence (Axelrod et al. 1973; Noble and
Andrianopoulos 2013). In many filamentous
fungi, aerial hyphae generally form asexual
reproductive structures, the most common
reproductive form (Adams et al. 1998). All
Aspergillus fungi form asexual spores (conidia)
as the main propagules and infectious particles
(Ebbole 2010). Along with the asexual develop-
ment, some fungi can also reproduce by sexual
means and forms sexual structures (Dyer and
O’Gorman 2012; Schoustra et al. 2010). These
asexual and/or sexual structures (size, shape,
color, and arrangement of asexual spores) of
filamentous fungi are used for classification
(Samson et al. 2014). The formation of asexual
and sexual structures is highly sophisticated and
regulated by various positive and negative
genetic elements that act in several differential
stages (Adams et al. 1998; Dyer and O’Gorman
2012). Among filamentous fungi, Aspergillus
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nidulans has been used a model organism to
understand developmental biology including
fungal growth, conidiation, and sexual differen-
tiation (Casselton and Zolan 2002). This chapter
summarizes up-to-date information about regu-
latory elements and decisions of asexual and
sexual development in A. nidulans.

II. Developmental Morphology of
Aspergillus nidulans

Life cycle of A. nidulans begins with germination
of asexual or sexual spores (Noble and Andria-
nopoulos 2013). Fungal spores are the most
widespread fungal structures in the air (Ebbole
2010) and start to germinate in response to
appropriate cues forming the germ tubes
(d’Enfert 1997). After germination, the germ
tube can further extend apically and form the
hyphae, the tube-like structures that are the
main mode of vegetative growth (Harris 2011).
The hyphae consist of several septated cells and
the apical Spitzenkörper, the supply center for
hyphal tip extension (Harris 2006; Steinberg
2007). During hyphal growth, cytokinesis, sep-

tum formation, biosynthesis of cell wall compo-
nents, and extension of the plasma membrane
occur, and these processes are tightly regulated
(Harris 2008; Lew 2011). The hyphae must
acquire the competence to enter developmental
processes. The hyphal cells that have acquired
developmental competence cease growth and
turn on the developmental programs depending
on various environmental stimuli including light,
nutrients, oxygen supply, fungal pheromones,
and stress conditions (Axelrod et al. 1973; Yager
et al. 1982). To obtain the developmental compe-
tence from a single spore, approximately 18 and
24 hours of vegetative growth are required for
asexual and sexual development, respectively
(Axelrod et al. 1973; Noble and Andrianopoulos
2013). Formation of asexual and sexual struc-
tures will be completed in about 12 and
27 hours after developmental induction (Fig. 1).

Conidiophores are the asexual developmen-
tal structures that bear conidia (Adams et al.
1998; Yu 2010). Development of conidiophores
starts with the formation of thick-walled foot
cells. The foot cells with developmental compe-
tence branch to form aerial stalks under air-
exposed conditions. The stalk tip then begins to
swell and forms a multinucleate structure called

Fig. 1 Developmental processes in A. nidulans. (a)
Conidiophores formation in a wild-type strain after
asexual induction. (b) Sexual fruiting bodies formation

after sexual induction. Dr. Dong-Min Han (Wonkwang
University, S. Korea) kindly provided the photomicro-
graphs
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vesicle. On the surface of the vesicle, budding-like
division occurs, leading to formation of metulae
and phialides, two layers of sterigmata. A second-
ary layer of sterigmata, termed phialides, gener-
ates conidial chains via repeated asymmetric
mitotic cell division. After formation of fresh
conidia, they undergo maturation processes and
finally complete asexual development (Fig. 1a)
(Ni et al. 2010; Timberlake 1990; Yu 2010).

Many Aspergilli are able to produce sexual
spores with or without mating partners. Some
Aspergillus species, including A. nidulans, are
homothallic so they can undergo self-sexual
reproduction (Dyer and O’Gorman 2011; Geiser
2009) (Fig. 1b). In A. nidulans, sexual reproduc-
tion begins with the formation of coiled lumps
formed antheridia-like exterior hyphae with
core cells (Sohn and Yoon 2002). These coiled
lumps are enlarged to form ascogenous hyphae
and finally to develop an ascocarp, the fruiting
body of ascomycetes, that contains ascospores.
In A. nidulans, ascocarps are named cleistothe-
cia (Krijgsheld et al. 2013). In the early stage of
cleistothecia development, the thick-walled glo-
bose Hülle cells appear, and these cells nurse
cleistothecia during sexual development. Young
cleistothecia are surrounded by Hülle cells,
numerous aerial hyphae, and conidial balls and
form a bird nest-like structure; thereby, the spe-
cies name “nidulans” was given (Han 2009;
Scherer and Fischer 1998). Core cells of cleis-
tothecia are enlarged and multinucleate, which
then form ascogenous cells which then produce
the asci (Sohn and Yoon 2002).

III. Environmental Factors Affecting
Developmental Fate in A. nidulans

The hyphal cells that have acquired developmen-
tal competence can undergo asexual or sexual
development dependent on the environmental
conditions (Riquelme 2013). Various environ-
mental factors, such as nutritional status, air,
and culture conditions, control the developmen-
tal fate in A. nidulans (Bahn et al. 2007; Han et al.
2003; Rai et al. 1967).

Light is one of the most critical factors
affecting fungal growth and development

(Rodriguez-Romero et al. 2010; Tisch and
Schmoll 2010). In the light, A. nidulans under-
goes asexual development (Mooney and Yager
1990). Light controls expression of certain genes
associated with fungal development such as brlA
and fluffy genes (Bayram et al. 2016; Mooney
and Yager 1990; Ruger-Herreros et al. 2011; Sar-
ikaya Bayram et al. 2010). A. nidulans contains
several light sensors that work with the velvet
regulators and induce mRNA expression of
conidiation-specific genes (Bayram et al. 2016;
Blumenstein et al. 2005). Three photoreceptors,
FphA (fungal phytochrome A), LreA, and LreB
(light response A and B), play differential roles
in conidiation (Atoui et al. 2010; Blumenstein
et al. 2005; Purschwitz et al. 2008, 2009). The
deletion of fphA encoding a red-light receptor
causes reduced brlA expression and conidial
production, indicating that FphA functions as
an activator of conidiation (Atoui et al. 2010;
Blumenstein et al. 2005; Ruger-Herreros et al.
2011). Production of conidia in the lreA and
lreB deletion mutants was slightly increased,
suggesting that the LreA and LreB complex acts
as a repressor of conidiation (Purschwitz et al.
2008; Ruger-Herreros et al. 2011). Light also
regulates the localization of the velvet protein
VeA (velvet A), a key regulator for development
and secondary metabolism in Aspergillus spp.
(Kim et al. 2002; Stinnett et al. 2007).

Interestingly, VeA interacts with the LreA/LreB/FphA
complex and forms the LreA/LreB/FphA/VeA complex,
the major light-sensing unit (Bayram et al. 2010; Ruger-
Herreros et al. 2011). In general, A. nidulans favors
sexual development under dark conditions. However,
fungal development occurs differentially depending on
the light sources. For example, exposure to red or blue
light leads to inhibition of sexual development, whereas
far-red light can induce sexual development (Bayram
et al. 2010; Blumenstein et al. 2005). Light can inhibit
sclerotial development in A. flavus and A. parasiticus
(Bennett et al. 1978; Calvo et al. 2004; Duran et al. 2007).

Nutrient sources are also major factors for
balancing between asexual and sexual develop-
ment (Atoui et al. 2010; Han et al. 2003). First, the
amount and types of carbon sources affect sexual
development (Han et al. 2003). At concentrations
of less than 0.5% or higher than 6% glucose, the
number of cleistothecia dramatically decreases,
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suggesting that a certain level of carbon is
required for sexual development (Han et al.
2003). Several carbon sources such as lactose
and glycerol favor sexual development, whereas
acetate can block formation of cleistothecia. Sec-
ond, the type of nitrogen sources is important for
deciding developmental process, and organic
nitrogen sources can induce sexual development
in A. nidulans (Han et al. 2003). The ratio
between carbon and nitrogen is most important
for asexual or sexual reproduction (Han et al.
2003). Nutrient starvations can induce fungal
development in the submerged culture (Marti-
nelli 1976; Saxena and Sinha 1973). Carbon and
nitrogen starvation induces brlA expression and
causes asexual developmental induction in dif-
ferential pattern (Skromne et al. 1995). Glucose
starvation causes formation spores on abnormal
conidiophores that bypass the vesicle and metu-
lae stages, whereas nitrogen starvation induces
the production of more elaborate conidiophores
(Skromne et al. 1995).

A study proposes that FlbD (fluffy low brlA locus D), a
cMyb-type transcription factor (TF) necessary for the
proper expression of brlA, is associated in response to
nitrogen starvation (Arratia-Quijada et al. 2012). High
concentrations of salts, such as sodium chloride or
potassium chloride, activate conidiation (Han et al.
2003; Lee and Adams 1994).

Oxygen also affects fungal development
(Grahl et al. 2012). Fungal hyphae grow in
submerged culture condition or in restricted
exposure to air. After acquired developmental
competence, a high oxygen concentration (air
exposure) can induce the production of conidio-
phores (Adams et al. 1998; Axelrod et al. 1973;
Morton 1961). Conversely, low concentrations of
oxygen can initiate sexual development (Zonne-
veld 1988). However, the detailedmechanisms of
fungal development regulated by air remain to
be understood. Osmolarity is also responsible
for the preferential development of conidia
(Lee and Adams 1994). Addition of 1 M KCl or
1 M NaCl can induce production of asexual
spores but decrease sexual development. How-
ever, higher concentration of salts can inhibit
fungal growth, blocking both asexual and sexual
development (Han et al. 2003; Song et al. 2001).

IV. Developmental Decision for
Conidiation

Conidiation in Aspergillus occurs as an integral
part of the life cycle primarily controlled by the
intrinsic genetic program. The formation of
conidiophore is tightly regulated by multiple
genetic elements, and these are extensively stud-
ied in A. nidulans (Fig. 2) (Adams et al. 1998;
Park and Yu 2012). Three TFs BrlA (bristle A),
AbaA (abacus A), and WetA (wet-white A) are
central regulators for conidiation that control
expression of genes associated with the assembly
of the conidiophore (Adams et al. 1998; Yu
2010). To activate central regulators of asexual
development, upstream regulators should
induce brlA expression, and several repressors
should be removed from the promoter regions
of brlA (Lee et al. 2016) (Fig. 2c). A recent study
has revealed that there are at least three negative
regulators of conidiation and that a key event for
the acquisition of the asexual developmental
competence is to remove the repressive effects
imposed by NsdD (never in sexual development
locus D) and VosA (viability of spores A) (Lee
et al. 2016). Importantly, for the first time, this
study demonstrated that NsdD physically binds
to three different regions in the brlAb promoter,
further supporting the idea that NsdD directly
(rather than indirectly) represses the onset of
brlAb expression and conidiation. After comple-
tion of conidiophore formation, feedback regu-
lators turn off the activities of the central
regulators (Ni et al. 2010). The VosA-VelB (vel-
vet-like B) complex acts as a key feedback regu-
lator that represses brlA expression on conidia
(Ni and Yu 2007; Park et al. 2012).

A. Upstream Regulators of Conidiation

In response to environmental conditions,
hyphal cells that have acquired developmental
competence stop vegetative growth and start
conidiation (Adams et al. 1998). Various stud-
ies have identified several upstream develop-
mental regulators that induce brlA expression.
Mutations in any of the genes fluG (fluffy locus
A) and flbA-E (fluffy low brlA loci A~E) lead to
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“fluffy,” cotton-like phenotypes (Adams et al.
1998; Etxebeste et al. 2010).

FluG is one of the upstream developmental
activators which is required for inhibition of
vegetative growth and initiation of conidiation

Fig. 2 Asexual development in A. nidulans. (a) A sche-
matic presentation of morphological changes during
conidiophore formation in A. nidulans. (b) A genetic
model for developmental regulation. Several upstream
activators are required for initiation of central regulator
pathway (BrlA ! AbaA ! WetA) of asexual develop-
ment. In contrast, several TFs, including SfgA, VosA, and
NsdD, or the G protein signaling pathways, repress initi-

ation of asexual development. (c) A model depicting the
roles of positive and negative regulators in governing the
acquisition of the developmental competence. In hyphae,
VosA and/or NsdD bind(s) to the upstream regulator
region of brlA, which then repress of mRNA expression
of brlA. In developing cells, NsdD and VosA can be
displaced from the brlA promoter, and the FlbB-FlbD
and FlbC activate brlA expression and conidiation
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(Lee and Adams 1994). Overexpression of fluG
causes conidiophore formation and brlA activa-
tion in liquid submerged cultures, whereas the
deletion of fluG leads to the fluffy phenotypes
(D’Souza et al. 2001; Lee and Adams 1996; Wie-
ser et al. 1994). FluG is essential for synthesis of a
diorcinol-dehydroaustinol adduct, an extracel-
lular sporulation inducing factor (known as the
FluG factor), which signals the activation of
conidiophore development (Lee and Adams
1994; Rodriguez-Urra et al. 2012). This adduct
can rescue asexual developmental defects caused
by absence of fluG (Rodriguez-Urra et al. 2012).
FluG-mediated signaling regulates proliferation
and development via two independent path-
ways; the cessation of vegetative growth via
FlbA activation and the initiation of conidiation
via activation of developmental genes (flbB~E)
(Yu 2010). The FluG-mediated developmental
regulation is divided in two independent path-
ways, FlbE/FlbB/FlbD and FlbC, for initiation of
conidiation and activation of brlA (Etxebeste
et al. 2010; Park and Yu 2012).

Four upstream transcriptional activators
including FlbB, FlbC, FlbD, and FlbE regulated
by FluG are putative TFs which are needed for
cessation for hyphal cell growth and regulation of
development (Park and Yu 2012). FlbC contains
two C2H2 zinc finger DNA-binding domains
which are required for interaction of the pro-
moter region of brlA and activation of brlA
(Kwon et al. 2010a). Deletion of flbC leads to
reduction in conidiation, whereas overexpression
of flbC causes inhibition of hyphal growth and
induction of brlA, abaA, and vosA, suggesting
that FlbC is vital for coordinating fungal growth
and development (Kwon et al. 2010a). FlbB has a
basic leucine zipper (b-zip) domain and localizes
at the hyphal tip (Etxebeste et al. 2009). FlbB
interacts with FlbE and forms the FlbB-FlbE com-
plex which activates flbD expression (Etxebeste
et al. 2009; Garzia et al. 2009; Kwon et al. 2010a).
Then, FlbD, a cMyb-type TF, also forms a com-
plex with FlbB in the nucleus, and this complex
directly binds to the promoter region of brlA and
activates its expression (Garzia et al. 2010).

In addition to the roles of FlbB~FlbEs for growth and
asexual development, several studies demonstrated that
FlbB~FlbE are also required for proper sexual develop-

ment (Arratia-Quijada et al. 2012; Kwon et al. 2010a, b;
Oiartzabal-Arano et al. 2015).

Proper and precise control of brlA in vege-
tative cells is extremely crucial for the survival
and fitness of Aspergillus fungi (Lee et al. 2016).
During the early phase of vegetative growth, the
Flb proteins can occupy in the promoter region
of brlA. However, the Flb proteins cannot induce
brlA transcription, as several repressors directly
bind to the brlA promoter and interfere with the
function of the Flb proteins (Lee et al. 2016).
Gain-of-function genetic screens proposed that
VosA acts as a key repressor of conidiation (Ni
and Yu 2007). In hyphal cells, VosA, a fungal-
specific velvet family TF, forms the VosA-VosA
homodimer or the VosA-VelB heterodimer and
represses brlA expression in liquid submerged
culture (Park et al. 2012; Sarikaya Bayram et al.
2010). NsdD is another regulator that represses
brlA expression during vegetative growth (Lee
et al. 2014). In the developing cell, the NsdD and
VosA proteins may be subject to degradation
and removed from the brlA promoter, and then
the Flb proteins induce brlA expression (Lee
et al. 2016) (Fig. 2c).

Several TFs have been shown to influence
growth in A. nidulans. SfgA is a putative TF
with a Zn(II)2Cys6 binuclear DNA-binding
domain (Seo et al. 2003, 2006). SfgA plays a
role downstream of FluG but upstream of
FlbA, FlbB, FlbC, FlbD, and BrlA (Seo et al.
2006). OsaA (orchestrator of sex and asex A)
is a functional equivalent of Wor1 in Candida
albicans. The presence of multiple osaA copies
in its genome represses conidiation (Alkahyyat
et al. 2015; Ni and Yu 2007). RgdA (a putative
APSES TF), MtfA (master transcription factor
A; a C2H2 zinc finger TF), RlmA (a major
MpkA-dependent TF), AreB (a putative GATA
zinc-finger TF), and AslA (asexual differentia-
tion with low-level conidiation A; a C2H2-type
zinc finger TF) are also involved in normal
growth and development in A. nidulans (Kim
et al. 2017; Kovacs et al. 2013; Lee et al. 2013;
Ramamoorthy et al. 2013; Wong et al. 2009). De
Souza and colleagues identified various kinases,
such as CkiB, Gsk3, PkaA, NikA, and PlkA,
which are essential for proper fungal growth
(De Souza et al. 2013).
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Heterotrimeric G proteins (G proteins)
compose of a, b, and g subunits that are
involved in most biological processes in fila-
mentous fungi (Yu 2006). In A. nidulans, two
heterotrimeric G protein signaling pathways,
FadA (fluffy autolytic dominant A)-mediated
and GanB (G protein alpha subunit in A. nidu-
lans B)-mediated signaling pathways, were
studied, and these two pathways govern fungal
growth, development, and secondary metabo-
lism (Chang et al. 2004; Wieser et al. 1994; Yu
2006; Yu et al. 1996). In response to environ-
mental stresses, two G alpha proteins, FadA and
GanB, dissociate from the cognate GPCR (G
protein-coupled receptor) and the Gbg hetero-
complex SfaD(Gb)::GpgA(Gg), and the disso-
ciated Ga subunit (FadA and/or GanB) and/or
the Gbg hetero-complex cooperatively regu-
lates vegetative growth and represses both asex-
ual and sexual development via the cyclic AMP
(cAMP)-dependent protein kinase PkaA (Lafon
et al. 2005; Rosen et al. 1999; Seo et al. 2005;
Shimizu and Keller 2001). FadA- and GanB-
mediated signaling pathways are negatively
controlled by the regulators of G protein signal-
ing (RGSs) FlbA and RgsA (regulators of G
protein signaling A), respectively (Han et al.
2004b; Hicks et al. 1997; Wieser et al. 1997). In
addition, GanB-mediated signaling is in part
activated by the putative GDP/GTP exchange
factor RicA (an orthologue of Caenorhabditis
elegans RIC-8) (Kwon et al. 2012). Another G
protein component CpcB (cross-pathway con-
trol B; Gb-like protein B) is required for proper
fungal growth and development in A. nidulans
(Kong et al. 2013).

In fungi, MAPKs (mitogen-activated pro-
tein kinases) are involved in hyphal growth,
development, and virulence (Xu 2000). Among
four MAPK genes, including mpkA, mpkB,
mpkC, and hogA in A. nidulans, mpkB encodes
a homolog to Fus3p of the baker’s yeast and is
required for proper fungal growth, develop-
ment, and secondary metabolism (Atoui et al.
2008; Bayram et al. 2012; Jun et al. 2011; Kang
et al. 2013; Paoletti et al. 2007). Deletion of
mpkB results in increased expression of brlA
and decreased VeA phosphorylation and VeA-
VelB formation, which function as an activator
of sexual development, suggesting that MpkB

plays an important role in both asexual and
sexual development (Bayram et al. 2012; Kang
et al. 2013).

B. Initiation of Conidiation

Under appropriate conditions, some of the veg-
etative cells cease hyphal growth and initiate
conidiation (Adams et al. 1998). The key step
for developmental transition from apical
growth to conidiation is activation of brlA
(Adams et al. 1988, 1990). brlA null mutants
show phenotypes including indeterminate
structures that resemble conidiophore stalks
(thus termed “bristle”) and fail to form any
asexual structures including vesicles, metulae,
phialides, and conidia (Adams et al. 1988). In
contrast, overexpression of brlA leads to termi-
nation of hyphal growth and the formation of
viable spores from hyphal apices (Adams et al.
1988). External signals, such as nutrient limita-
tions or several stresses, cannot bypass the BrlA
requirement for asexual development, suggest-
ing that brlA activation is an essential control
step for commencing conidiation.

A recent study has revealed that the abovementioned
upstream developmental activators are needed for max-
imum conidiation, but not for the commencement of
development. This is based on the fact that the deletion
of nsdD could bypass the need for fluG, flbB, flbE, flbD,
and flbC, but not brlA, in conidiation (Lee et al. 2016).

Once the negative regulators NsdD and
VosA are removed and upstream activators
maximize expression of brlA, the C2H2 zinc fin-
ger TF BrlA activates expression of several genes
involved in conidiation (Adams et al. 1990).
Deletion of brlA blocks expression of abaA and
wetA, whereas forced expression of brlA leads to
activation of developmental regulatory genes
(Mirabito et al. 1989). These developmental
genes, including abaA, wetA, rodA, and yA, con-
tain the BrlA response elements (BREs; 50-(C/A)
(G/A)AGGG(G/A)-30) in their promoter regions
(Chang and Timberlake 1993; Prade and Tim-
berlake 1993). The brlA locus consists of two
overlapping transcriptional units, designated
brlAa and brlAb. The regulatory mechanisms
of brlAa and brlAb are different. brlAa is
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controlled via a transcriptional mechanism,
while brlAb is regulated at both the transcrip-
tional and translation levels (Han and Adams
2001; Han et al. 1993). The brlAb mRNA is
produced in vegetative cells before developmen-
tal induction, but it does not accumulate to
substantial levels, likely because translation of
the brlAb mORF represses BrlAb translation to
block development. Following BrlAb translation,
brlAa transcription is activated primarily
through the brlA-dependent positive feedback
loop (Adams et al. 1998). The ultimate result of
brlA activation is activation of other
development-specific genes including abaA and
wetA.

C. Progression and Termination of
Conidiation

After activation of brlA, BrlA directly induces
expression of abaA required for formation of
phialides during the middle phase of asexual
development (Boylan et al. 1987; Sewall et al.
1990a). The abaA null mutant forms non-
sporulating conidiophores, similar to an
abacus-like structure, and does not form phia-
lides, suggesting that abaA is required for
proper formation of phialides (Clutterbuck
1969; Sewall et al. 1990a). Overexpression of
abaA leads to cessation of vegetative growth
and accentuates cellular vacuolization without
spore formation in liquid submerged culture
(Mirabito et al. 1989).

AbaA is a TEF1 (transcriptional enhancer
factor-1) family member which contains an
ATTS (AbaA, TEC1p, TEF-1 sequence)/TEA
DNA-binding motif (Andrianopoulos and Tim-
berlake 1991, 1994). AbaA binds to the cis con-
sensus sequence 50-CATTCY-30 (AbaA
response element (ARE), where Y is a T or C)
and regulates their expression during phialide
differentiation (Andrianopoulos and Timber-
lake 1994). Previous studies demonstrated that
AbaA positively regulates expression of several
genes, including the chitin synthase gene chsC,
a component of the axial bud site marker axl2;
developmental genes including yA, rodA, wA,
brlA, wetA, vosA, and velB; and abaA itself,
which contain AREs in their promoter regions

(Aguirre et al. 1990; Aramayo and Timberlake
1993; Ichinomiya et al. 2005; Park et al. 2003,
2012; Si et al. 2012). In addition, AbaA is
required for repression of brlA during mid-
phage of conidiation, without requiring AbaA
binding to the brlA promoter region, suggesting
that AbaA may indirectly repress brlA expres-
sion (Aguirre 1993; Han and Adams 2001).

During late phase of conidiation, WetA,
VosA, and VelB play crucial roles in formation,
maturation, integrity, and dormancy of conidia
(Marshall and Timberlake 1991; Ni and Yu
2007; Park et al. 2012; Sewall et al. 1990b).
WetA is a key regulator for the conidium wall
modification which is essential for the stability
of mature and dormant conidia (Marshall and
Timberlake 1991; Sewall et al. 1990b).

The wetAmutant produces colorless and autolytic con-
idia, described as “wet-white” (Clutterbuck 1969). In
addition, the wetA mutant conidia lack of both the
condensation of the C2 wall layer and the formation
of C3 and C4 layers (Sewall et al. 1990b). WetA also acts
as a regulator of conidium-specific genes including wA
(Marshall and Timberlake 1991). With BrlA and AbaA,
WetA has been proposed to define a central regulatory
pathway that functions in concert with other genes to
regulate conidiation-specific gene expression and
determine the order of gene activation and repression
(Adams et al. 1998; Mirabito et al. 1989).

In conidia, two velvet regulators VosA and
VelB interact with each other and form the
VosA-VelB complex that plays a crucial role in
conidial maturation, conidial trehalose biogen-
esis (Ni and Yu 2007; Park et al. 2012; Sarikaya
Bayram et al. 2010). The deletion of vosA or
velB results in a loss of conidial viability, the
lack of trehalose in conidia, and a reduction of
conidial tolerance to environmental stresses
(Ni and Yu 2007; Park et al. 2012; Sarikaya
Bayram et al. 2010). The velvet regulators are
fungal-specific TFs which have the DNA-
binding velvet motif (Ahmed et al. 2013). The
VosA-VelB complex positively regulates the
expression of conidia-specific genes and
represses certain development-associated
genes (Ahmed et al. 2013; Park et al. 2015).
Overall, the VosA-VelB complex controls the
commencement, progression, and completion
of sporogenesis.
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Two developmental modifiers, StuA
(stunted) and MedA (medusa), work with cen-
tral regulatory genes and are necessary for the
precise organization of conidiophores (Adams
et al. 1998). StuA is a TF containing the APSES
motif and is required for proper activation of
brlA and repression of abaA (Dutton et al.
1997). MedA is also required for proper expres-
sion of brlA and abaA and proper formation of
conidiophores (Busby et al. 1996).

V. Developmental Decisions for
Sexual Development

Due to the complexity of the sexual reproduc-
tion, only a few studies have been conducted
compared to conidiation (Dyer and O’Gorman
2012). Like conidiation, A. nidulans has several
advantages in studying sexual reproduction,
including the homothallic sexual cycle, early
availability of the whole genome data, and vari-
ous tools for genetic manipulation; thus it has
been used to identify and characterize genes
associated with sexual fruiting (Archer and
Dyer 2004; Galagan et al. 2005; Todd et al.

2007). Less than 100 genes required for proper
sexual development in Aspergillus spp. have
been identified (Fig. 3), and their roles have
been described in the other excellent reviews
(Dyer and O’Gorman 2012; Dyer et al. 2003). In
this section, functions of select genes are sum-
marized.

Most homothallic fungi contain mating-
type genes which are crucial for mating pro-
cesses. In A. nidulans, two genes MAT-1 (matB)
and MAT-2 (matA) were the first to be
described. They were distinct from other fungi
in that they are not localized on the same chro-
mosome (Paoletti et al. 2007). Deletion of
MAT1 or MAT2 results in a significantly
decreased number of abnormal cleistothecia.
Overexpression of the mating-type genes
causes cleistothecia production on submerged
liquid culture which represents unfavorable
conditions for sexual development, suggesting
that there are key genes for sexual development
(Paoletti et al. 2007).

As mentioned above, the velvet family pro-
teins are multifunctional coordinators of fungal
growth, conidiation, sexual development, and
secondary metabolism in filamentous fungi
(Bayram and Braus 2012). The roles of the

Fig. 3 Sexual development of A. nidulans. A schematic
presentation of development of sexual fruiting bodies
and associated developmental genes in A. nidulans.
Proteins in the red circle can act as repressors during

sexual development. Whereas, proteins in the blue
rectangle can induce formation of sexual fruiting bod-
ies. (See main text for details)
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velvet proteins in sexual development were
described by Käfer (Kafer 1965). The veA1
mutant produced decreased numbers of sexual
fruiting bodies with increased conidiation, sug-
gesting that VeA acts as a balancer between
asexual and sexual development (Kafer 1965;
Mooney and Yager 1990). Follow-up studies
extensively characterized the roles of the velvet
proteins. Importantly, Kim et al. identified the
veA gene and showed that VeA was crucial for
sexual development and sterigmatocystin pro-
duction (Kim et al. 2002). Later studies have
revealed the molecular mechanisms of VeA
action, which showed that the binding partners
and localization of VeA were important for the
roles of VeA in sexual development, especially
the light-dependent condition (Bayram et al.
2008; Stinnett et al. 2007). In the light, VeA is
mainly localized in the cytoplasm; therefore it
cannot induce sexual development. The nuclear
localization of VeA is regulated by the light
complex components FphA, LreA, and LreB
(Purschwitz et al. 2008, 2009). Under dark con-
ditions, however, VeA interacts with VelB in the
cytoplasm and translocates in the nucleus, lead-
ing to the formation of the VeA-VelB or VelB-
VelB-LaeA complexes that control cleistothecia
production and sterigmatocystin biosynthesis
(Bayram et al. 2008). Deletion of either veA or
velB results in the absence of sexual fruiting
bodies under sexually favorable conditions
(Kim et al. 2002; Park et al. 2012). The laeA
deletion mutant also produced abnormal cleis-
tothecia (Sarikaya Bayram et al. 2010). Another
VeA interacting protein, VipA (veA-interacting
protein A), is also involved in the light-
dependent developmental process. The pheno-
type of the vipA null mutant is similar to that of
the fphA null mutant (Rohrig et al. 2017).
Recently, Rauscher et al. demonstrated that
phosphorylation of VeA affects their roles in
sexual development (Rauscher et al. 2016).
With VeA, VelB is also required for the initia-
tion of sexual development.

VelB exists in both the VeA-VelB and VelB-VosA com-
plexes that play different roles in hyphae. Previously,
we proposed the ratio of VeA-VelB and VelB-VosA is
crucial for initiation of sexual reproduction, and this
ratio can be regulated by VelC (velvet-like C). After

acquisition of the sexual developmental competence,
VelC is produced and forms the VosA-VelC complex,
leading to decreased formation of the VelB-VosA
hetero-complex whereas increased formation of VelB-
VeA (Park et al. 2014).

Classical genetic approaches are a useful
way to identify genes that play crucial roles in
developmental stages (Han 2009). Han and col-
leagues screened massive mutants showing
defective sexual reproduction and classified
them into three groups: NSD mutants (never
in sexual development), BSD mutants (block in
sexual development), and ASD mutants
(abnormal in sexual development) (Han et al.
1990). NSD mutants exhibited common pheno-
types including the absence of sexual fruiting
bodies, apical growth, and earlier development
of conidiospores (Han et al. 1994, 1998).
Among them, two genes, nsdC and nsdD, were
further characterized (Han et al. 2001; Kim et al.
2009). NsdC contains a C2H2-C2H2-C2HC zinc
finger DNA-binding domain and acts as a key
positive regulator of sexual development. Over-
expression of nsdC leads to increased formation
of sexual fruiting bodies and overcome envi-
ronmental factors which inhibit cleistothecial
development (Kim et al. 2009). NsdC is also
required for repression of asexual development
and brlA expression, suggesting that NsdC can
regulate balance between asexual and sexual
development. NsdD is a GATA-type TF that
functions as activator of sexual reproduction
(Han et al. 2001). Similar to the nsdC mutants,
strains overexpressing nsdD can produce more
sexual fruiting bodies compared to the wild-
type strain (Han et al. 2001).

Signal transduction pathways, including G
protein signaling pathways and mitogen-acti-
vated protein kinase (MAPK) cascades, play
multifunctional roles in biological processes in
most organisms (Lengeler et al. 2000). In A.
nidulans, several G protein-coupled receptors
have been shown to be required for self-
fertilization, sexual reproduction, and/or sec-
ondary metabolism (Han et al. 2004a; Seo
et al. 2005). Three G protein-coupled receptors
(Gpr), GprA, GprB, and GprD, are required for
proper sexual development (Han et al. 2004a;
Seo et al. 2004). Especially, GprD signaling
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pathway may act as an upstream negative regu-
lator for GprA- and GprB-mediated sexual
reproduction and the formation of sexual fruit-
ing bodies (Han et al. 2004a; Seo et al. 2004).
Another G protein-coupled receptor, GprK,
might be required for the maturation of cleis-
tothecia. The gprK deletion mutant can produce
Hülle cells but is blocked in formation cleis-
tothecia (Dyer and O’Gorman 2012). The Gb-
like protein CpcB is involved in middle of end
phase of sexual development (Hoffmann et al.
2000; Kong et al. 2013; Palmer et al. 2006).
Deletion of cpcB causes decreased formation
of cleistothecia and the absence of ascospores
in cleistothecia (Kong et al. 2013). The guanine
nucleotide exchange factor RicA regulates the G
protein signaling pathway required for fungal
growth and sexual development. The absence of
ricA resulted in the lack of Hülle cells or cleis-
tothecia formation (Kwon et al. 2012). Overall,
these results demonstrate that several G protein
signaling pathways play a crucial role in the
sexual development in A. nidulans.

As mentioned above, the functions of
MAPK pathways were well characterized in Sac-
charomyces cerevisiae and other filamentous
fungi, and several kinases in the MAPK signal-
ing cascade are involved in pheromone
response, pathogenesis, and stress responses
(Xu 2000). SteC (equivalent of yeast Ste11p,
MAPKKK, or MAPKK kinase), MkkB (homolog
of yeast Ste11p, MAPKK, or MAPK kinase),
MpkB (homolog of yeast Fus3p, MAPK, or
MAP kinase), and SteA (homolog of yeast
Ste12p) are components of MAPK cascade in
A. nidulans, and these proteins work together
to regulate sexual development (Bayram et al.
2012; Paoletti et al. 2007; Vallim et al. 2000; Wei
et al. 2003). The absence of any of these genes
results in failure to form ascogenous hyphae
and cleistothecia. The HOG pathway (high-
osmolarity glycerol) is mainly involved in stress
response in many yeast and fungi. However,
this pathway is also involved in controlling
sexual development in A. nidulans (Kawasaki
et al. 2002). Kawasaki and colleagues found that
deletion of sakA (hogA) causes increased pro-
duction of cleistothecia, suggesting that SakA
(stress activated kinase A) acts as a repressor of
sexual development (Kawasaki et al. 2002). The

SakA interacting protein AtfA (homolog of
Schizosaccharomyces pombe Atf1) is also asso-
ciated with sexual development as the atfA
deletion mutant produces increased number
of cleistothecia (Lara-Rojas et al. 2011).

The balance between asexual and sexual
development is regulated by various factors.
Three oxylipin biosynthetic genes ppoA, ppoB,
and ppoC (psi factor producing oxygenase) are
required for proper asexual and sexual develop-
ment (Brodhun and Feussner 2011; Tsitsigiannis
and Keller 2007; Tsitsigiannis et al. 2004, 2005).
Deletion of ppoA or ppoB causes increased
conidial production suggesting that PpoA and
PpoB negatively affect asexual development
(Tsitsigiannis et al. 2004, 2005). However, dele-
tion of ppoC leads to decreased asexual sporula-
tion, suggesting that PpoC positively influences
conidiation and antagonizes PpoA and PpoB
(Tsitsigiannis et al. 2004, 2005). As mentioned
above, OsaA functions as a key orchestrator of
sexual and asexual development (Alkahyyat
et al. 2015). The deletion of osaA causes
enhanced sexual fruiting with reduced conidia-
tion, suggesting that OsaA acts as a repressor of
sexual development and indirectly affects asex-
ual development in a positive way. The deletion
of osaA could suppress the veA1 mutant allele
leading to the sexual developmental phenotype
similar to that of veA+ wild type. This indicates
that OsaA acts downstream of VeA as a key
negative regulator of sexual development (Alka-
hyyat et al. 2015). Thus, one key event to achieve
the sexual developmental competence is to
remove the repressive effects imposed by OsaA.

Some asexual regulators are involved in
both asexual and sexual development. StuA
and MedA are asexual developmental modifiers
that are necessary for formation of cleistothecia
(Clutterbuck 1969; Martinelli 1976). While the
stuA deletion mutant cannot produce Hülle
cells, the med1 mutant is able to produce
Hülle cells, suggesting that these two modula-
tors play different roles in sexual development
(Busby et al. 1996; Wu and Miller 1997).
Upstream activators of asexual development
FlbC and FlbE repress sexual development.
Deletion of either flbC or flbE resulted in
increased formation of cleistothecia (Kwon
et al. 2010a, b).
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CSN, the constitutive photomorphogenesis
complex 9 (COP9) signalosome, is a multi-
subunit complex that is involved in multiple
fungal developmental processes (Braus et al.
2010). In A. nidulans, eight subunits were iden-
tified, and these subunits play diverse roles in
sexual development. For example, the csnD
deletion mutant cannot enter the primordial
stage in sexual development, but this mutant
can produce primordia under light conditions
(Busch et al. 2003). CsnE is required for expres-
sion of cell wall-degrading enzymes and matu-
ration of sexual fruiting bodies (Nahlik et al.
2010). Unlike CsnD and CsnE, three subunits
including CsnA, CsnB, and CsnG act as activa-
tors of sexual development (Busch et al. 2003,
2007; Nahlik et al. 2010). Overall, CSN is a
major contributor to regulate sexual develop-
mental processes (Braus et al. 2010).

Two orthologues of Sordaria macrospora
Pro1, RosA (repressor of sexual development)
and NosA (number of sexual spores), were
found in the Aspergillus genome (Vienken and
Fischer 2006; Vienken et al. 2005). Genetic analy-
sis proposed that NosA might be an NsdD down-
stream activator for sexual development and be
associated with a completion of sexual reproduc-
tion (Vienken and Fischer 2006). Unlike NosA,
RosA regulates expression of genes involved in
sexual primordia and, hence, functions in an early
stage of sexual development (Vienken et al. 2005).

VI. Conclusions

Fungal development is a very complex process
which is influenced by various internal and/or
external factors. To enter development stages,
fungi must acquire the developmental compe-
tence. Increasing evidence from numerous
recent investigations suggest that the key event
for the acquisition of the developmental compe-
tence is to remove the repressive effects imposed
by multiple negative regulators of asexual or
sexual development. It appears that, even in the
presence of developmental activators, the initia-
tion of developmental processes would not
occur, as long as developmental repressors or
growth inducers are prevailing. During develop-
mental stages, several TFs or signal cascades

control developmental processes. In this chap-
ter, we have summarized key regulators for
making the developmental decisions and their
roles in sexual and asexual development in A.
nidulans. Further studies aimed at revealing the
detailed molecular mechanisms of sexual or
asexual reproduction in diverse fungal species
will illuminate the common and distinct regula-
tors and signaling cascades governing growth
and development in fungi.
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I. Introduction (Why Hyphal Growth?)

Fungi are a complex group of organisms, com-
prised of at least three related phylogenetic
clades. They are—for the most part—saprobes
but can also be pathogens and symbiotic part-
ners. As saprobes, their ability to decompose
organic material is crucial to global carbon
cycling. They have a characteristic growth pat-
tern—which is fundamentally pleiomorphic in
nature. Leading hyphae extend into new terri-
tory to find organic material to fuel continued
growth. Much of the digestion of organic mate-
rial in the invaded territory occurs through the
action of biodegrading enzymes secreted from
the fungal cells. Behind the leading hyphae, a
mycelial network of considerable complexity
develops, ramifying through the substrate and
taking up nutrients that have been decomposed
through the action of the biodegrading
enzymes. These nutrients in turn provide the

metabolic energy necessary for continued
growth at the hyphal colony edge. In practically
all circumstances, growth requires that the
hyphae be able to physically penetrate the sub-
strate. Penetration is also a growth characteris-
tic of pathogens and symbionts, since in both
cases, the fungi must “invade” the host tissue
and/or cells. The pleiomorphic nature of
growth patterning arises from the ability of
the fungi to adapt and grow in new locations
dependent on local nutrient supply and obsta-
cles to growth.

Like most bacteria and plants, fungi have
an extracellular wall that provides a protective
structure surrounding the cytoplasm. Because
the concentrations of various solutes within the
hyphal cell are usually higher than that in the
external environment, water is taken up, creat-
ing a hydrostatic pressure—turgor—that puts
the outer wall under considerable tensile stress.
With a few exceptions that will be discussed
later, turgor is the major driving force for cell
expansion and the penetration of substrates by
the fungus.

In this chapter, recent advances in our
understanding of the biomechanics of hyphal
growth will be presented.

II. Physical Description of the Hyphae

A. Biomechanics

One analogy for pressurized fungal cells are
tires of bicycles and cars. When pressure
expands the tire, it rigidifies the outer structure
of the tire. The outer structure is often a com-
posite that includes wire to withstand the ten-
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sile stress caused by the internal pressure; the
wire is embedded in an elastic material, rubber.
The fungal wall similarly provides elements to
provide tensile strength and elastic flexibility.
The composite wall structure is far more com-
plex than a tire, comprised of interacting poly-
meric molecules and can be considered a
nanostructural bio-composite material.

For pressurized structures like hyphae, the
mechanics of hyphal strength are shown in
Fig. 1. Cell wall mechanical strength is
explained clearly by Nobel (1991). When the
cell is under pressure, the outer structural wall
experiences tension along its surface. The mag-
nitude of the tension varies dependent on the
geometry and direction of the tensional stress.
For a sphere, the tangential stress (sS) (in units
of Pascals) is described by sS¼ rP/2t, where r is
the radius of the sphere, P is the pressure, and
t is the thickness of the wall. Basically, tensional
stress increases with either increasing size or
pressure and decreases with increasing wall

thickness. The same tension is experienced by
cylindrical structures in the longitudinal direc-
tion (the direction of cylindrical elongation)
(sL ¼ rP/2t), but not tangentially (i.e., radial
expansion of the cylindrical cell): sT¼ rP/t. The
latter tangential stress is sometimes referred to
as circumferential or hoop stress. For a simpli-
fied geometry of a hyphal tip (a cylinder with a
hemisphere at the tip), the tensile stress is
unequal at the juncture between the cylinder
and the hemispherical tip. In fact, the juncture
does appear to be a common location for cell
rupture under high pressure (experimentally
observed in root hairs of higher plants; Lew
1996).

The tensional stresses on the wall have to be
counteracted by the wall. The strength of the
wall is related directly to the cell wall material
and its orientation within the cell wall. Because
of the complex polymer-based nature of the
structural architecture, bio-composites do not
lend themselves to simple engineering analysis.

Fig. 1 Hyphal stress mechanics. The tensile stresses on
the hypha vary dependent on the geometry. (a) The
cylindrical geometry has two stresses: longitudinal
along the axis of the hyphal cylinder (sL ¼ rP/2t, r is
the radius, P is the pressure, and t is the wall thickness)
and tangential (often called the hoop stress) (sT ¼ rP/

t). (b) The hemispherical stress (sS ¼ rP/2t) is calcu-
lated similarly to the longitudinal stress. (c) Where the
cylinder and hemisphere meet, there is a mismatch
between the cylindrical hoop stress and the hemispher-
ical stress. Experimentally, failure of the wall is
observed in this region of mismatched stresses
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Niklas and Spatz (2012) describe the complex-
ity of the strength of bio-composites in detail.
For a hypha, there are three biomechanical
responses to stress that need to be considered:
elasticity, stiffness (or rigidity), and plasticity
(Fig. 2).

As pressure is applied internally, the wall
can respond elastically, similar to a rubber
band: expanding and contracting freely as the
pressure is varied. But there is a limit beyond
which elasticity fails as the pressure is increased
because the stretching “thins” the wall, increas-

Fig. 2 Model of hyphal expansion. (a) The responses to
hyphal expansion will depend on the elasticity/stiffness of
the hypha. Completely elastic allows for expansion that
would be freely reversible. Stiffness (and the hypha will
becomemore stiff as it expands) eventually would result in
rupture that would cause cytoplasmic leakage from the
cell. (b) Plasticity would allow expansion that is not revers-

ible. With increasing hyphal area, the wall material would
thin (resulting in vulnerability to rupture). (c) Thus, plas-
ticity must occur in tandem with the inclusion of new wall
material at the expanding tip. This process is described as
orthogonal, such that the inclusion of new material is
“spread” through the expanding tip, consistent with the
idea that pressure is the driving force for hyphal expansion
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ing the tensional stress. At higher pressure, cell
walls do tend to lose their ability to respond
elastically. So, either wall “thinning” or
increased rigidity, or both, eventually causes
the cell wall to rupture (Fig. 2a).

Plasticity refers to the ability of the material
to change its shape. Ideally, this is not reversible.
But biological materials are often viscoelastic,
because the deformation is partially reversible
if the stress is alleviated. Viscoelastic deforma-
tion is the commonmodel for cellular expansion
in walled cells; it provides an accurate frame-
work to explore the nature of spatially localized
expansion in cells across the plant and fungal
kingdoms. Viscoelastic responses can vary with
the magnitude of the turgor, formalized by
Lockhart (1965), who proposed that irreversible
cell wall expansion is described by rF(P–PE),
where r is the radius, F is the extensibility of
the wall, P is the turgor pressure, and PE is the
threshold pressure required before expansion
will occur. Above the threshold pressure, the
wall becomes plastic and deformable. If the
wall composition can be modified to be more
viscoelastic at specific locations, then that is
where expansion will occur. For hyphal growth,
the hyphal tip is the site of expansion, and there-
fore the tip must be viscoelastic. Direct experi-
mental evidence in support of regulated
viscoelastic properties is not easy to come by.
The most compelling was obtained from work
on the alga Chara corallina (Proseus and Boyer
2006, 2007), which is experimentally accessible
because of its large size. In Chara, the plasticity
(or extensibility of the elongating cylinder) is
regulated by calcium cross-linkage of pectin in
the wall. The more cross-linkages there are, the
lower the plasticity of the wall. The nature of
regulation of the cell wall plasticity in fungi
must be different, since pectin does not contrib-
ute to fungal cell wall composition (Free 2013).
Instead, remodeling of the wall appears to rely
upon the activity of various hydrolases (Adams
2004) that are spatiotemporally regulated.

Viscoelasticity alone is insufficient to allow
for continued cellular expansion because the
wall thins as its surface area increases
(Fig. 2b). Thus, new membrane and wall mate-
rial must be incorporated as the tip extends
(Fig. 2c). Experimental measurements show

that hyphal tip expansion is orthogonal
(Bartnicki-Garcia et al. 2000). That is, incor-
poration of new material occurs perpendicular
to the hyphal tip surface as the tip extends,
resulting in an orthogonal displacement of par-
ticles on the cell surface. Bartnicki-Garcia et al.
(2000) argue that orthogonal growth must be
pressure-driven, since only pressure would
apply a force that is always perpendicular to
the inside surface of the hyphae. Other experi-
mental evidence certainly supports the central
role of turgor in growth.

The elasticity/stiffness/plasticity of the hyphae is
described experimentally by a plot of applied force ver-
sus deformation (or a stress versus strain relation in the
terminology of engineering). Niklas and Spatz (2012)
explain the stress-strain relations of biological materials.
Basically, the stress is the force applied to the cell (pres-
sure in our case), while the strain is the deformation of
the cell caused by the stress. For an elastic material, the
relation would be linear: apply a tensional stress, the
material will stretch, decrease the tension and the mate-
rial will return to its original shape. A rigid or stiff
material won’t undergo deformation. And plastic defor-
mation is irreversible. Generally, the slope of the stress-
strain relation (called the modulus of elasticity) is used
to quantitatively describe how much deformation
occurs. A shallow slope represents a biomaterial that is
easily deformed; a steeper slope indicates a stiff or rigid
biomaterial. An example of stress-strain relations for
turgid hyphae is presented in Sect. III.

B. Turgor Measurements

There are a number of techniques that can be
used to measure the turgor pressure of a walled
cell. Some are indirect—such as measuring the
osmolarity that causes incipient plasmolysis or
ball tonometry. One is very direct—impale-
ment of the cell with a pressure probe. The
pressure probe technique (Zimmerman et al.
1969) has been used in a wide range of cells
(plant, algal, and fungal) for many decades.
Hüsken et al. (1978) provide a detailed descrip-
tion of the technique.

The value of direct pressure measurements
is clear. The pressure can be continuously mon-
itored during responses to various treatments.
In the hands of an experienced cell biophysicist,
the cell seldom exhibits any sign of damage and
in fact can continue to grow after impalement
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with the pressure probe (Lew 2005). Upon impa-
lement with a silicon oil-filled micropipette, tur-
gor pushes the oil/cytoplasm meniscus into the
micropipette. Pressure is applied to push the
meniscus back to the micropipette tip. The
applied pressure is an estimate of the initial
turgor. For fungal hyphae, some of the more
biophysical measurements, such as hydraulic
conductivity, may or may not be measurable,
because the cell “unit” may not be finite (instead,
it is a continual tube of indeterminate length).

An alternative method of measuring turgor
is an indirect one: ball tonometry (Lintilhac
et al. 2000). In this technique, a ball of known
(and small) size is pressed against the surface of
the cell being measured. The applied force and
the indentation contact area are used to esti-
mate the turgor. The technique is limited: Only
surface cells with elastic cell wall responses are
measurable.

Despite the limitations, ball tonometry does
offer a dynamic way to assess responses to
forces coming from the outside of the cell. For
example, how much force causes a growth
response? Can the applied forces induce a shift
to a penetration growth pattern? These and
other questions may become directly answer-
able using ball tonometry.

C. Osmotic Pressure

The turgor pressure of a walled cell arises from
the differences in the osmolarity inside and
outside the cell, often referred to as the osmotic
pressure. This is described by the equation:
DP ¼ RT(ci � co), in which DP is the pressure,
R is the gas constant (8.314 L kPa K–1 mol–1), T
is the temperature (K), and ci and co are the
concentrations (mol L–1) of osmotically active
solutes inside and outside the cell, respectively.
For a normal turgor of 600 kPa at room tem-
perature (293 K), the cytoplasmic concentra-
tion of osmotically active solutes would have
to be about 250 mM higher than the external
concentration. During growth, the cell volume
increases due to water influx, so that the osmot-
ically active solutes inside the cell would
become diluted, decreasing turgor. To maintain
turgor during expansive growth, osmotically

active solutes must be taken up and/or synthe-
sized de novo.

III. Turgor and Growth

Does turgor “drive” growth? Apparently it does.
When turgor is adjusted by increasing the
external concentration of osmolytes, the turgor
(due to the difference in osmolyte concentra-
tions inside and outside of the cell) declines, as
does growth. An example of the relation
between turgor and growth (and subsequent
turgor regulation) is shown in Fig. 3 for the
fungus Neurospora crassa (Lew and Nasserifar
2009). After addition of external osmoticum,
the hyphal turgor declines precipitously
(Fig. 3a); growth rates drop at the same time
(Fig. 3b). The decline in turgor also results in a
decrease in hyphal volume (Fig. 3c). Micro-
graphs of a hypha impaled with a pressure
probe show the hyphal volume shrinkage at
the times specified (Fig. 3d). Over time, turgor,
growth, and hyphal volume increase as a con-
sequence of turgor regulation mechanisms to
be described in a later section.

The biomechanical behavior of the hyphae
can be inferred from the relation between tur-
gor (stress) and hyphal shrinkage (strain)
(Fig. 3e). The slopes of the curve (the modulus
of elasticity) provide a measure of the extent of
strain that occurs. In general, at low turgor, the
hyphae are readily deformed; thus the modulus
of elasticity is fairly low (about 0.4 MPa). As
turgor is increased, the hyphal wall expands
and becomes stiffer, resulting in a higher mod-
ulus (about 1.8 MPa). The full range of the
modulus is not being measured (i.e., at turgor
higher than normal), but the modulus would be
expected to increase even more as the wall was
stretched to its limit. For walled plants and algal
cells, moduli vary from about 1 (very elastic) to
60 MPa (very stiff) (Zimmerman 1978).

The basic observation is that there is a clear
relation between turgor and hyphal growth.
And in response to hyperosmotic conditions,
the turgor is regulated, returning to its initial
value (prior to the hyperosmotic treatment) in
about 60 min.
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It is not always the case that there is such a straightfor-
ward relation between turgor and growth. The Oomy-
cetes are one example of a hyphal organism that does
not appear to regulate turgor (Lew et al. 2004). Kamins-
kyj et al. (1992) reported that the oomycete Saprolegnia

ferax does require turgor to grow, but growth rates are
independent of turgor over a range of about 100–
300 kPa. Harold et al. (1996) reported that this hyphal
organism was able to grow even in the absence of any
measurable turgor. What is difficult to determine is

Fig. 3 Turgor regulation of fungal hypha. (a) After the
addition of a hyperosmotic solution extracellularly,
turgor rapidly decreases, but then recovers over
70 min. (b) Growth rates respond similarly to turgor.
(c) Changes in hyphal volume in response to the hyper-
osmotic treatment respond similarly to both turgor and

growth rates. (d) Hyphal volume is estimated by mea-
suring hyphal diameters at the site where turgor is
being measured with the pressure probe. (e) Plotting
the stress (turgor) versus strain (hyphal volume) pro-
vides a stress-strain relation that identifies the changes
in the modulus of elasticity (e) for the fungal cell
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whether growth independent of turgor is due to changes
in the threshold pressure required for growth, meaning
that the viscoelastic properties of the wall are increasing
at lower turgor. There is an alternative mechanism for
growth that may explain hyphal extension in the absence
of turgor—apical extension caused by the cytoskeleton
(Heath and Steinberg 1999). An unusual example of
growth in the absence of turgor is the slime mutant of
Neurospora crassa (Emerson 1963; Perkins et al. 1982):
This is a triple mutant (fz; sg; os-1) that is wall-less,
osmosensitive, and exhibits a phenotype of ameboidal
growth, with pseudopodial extensions. A role for the
cytoskeleton in tip growth is indicated by analysis of
cytoskeleton architecture in hyphae penetrating hard
substrates (Walker et al. 2006). Certainly, the cytoskele-
ton does play a role in cytological organization within
the growing hyphae (Lew 2011).

IV. Turgor Regulation

To begin with, we need to distinguish between
osmotolerant growth and turgor regulation.
Fungal growth at high external osmolarity is
physiologically complex (Jennings 1995). Gen-
erally, fungi are able to grow at elevated NaCl
concentrations of 1.5–5 M (Griffin 1994) or
even saturated salt solutions for extremophiles
(Gostinčar et al. 2009). At such high external
concentrations of osmotically active solutes,
turgor has to decline (the cell is unlikely to
have a cytoplasmic salt concentration higher
than the saturated solution outside).

For non-extremophiles, the response to
high extracellular osmoticum is complex.
First, if the wall is elastic, the cell volume will
shrink causing the internal osmolarity to
increase. This can offset—to varying
degrees—the higher external osmolarity. Sec-
ond, if the cell takes up the external solute, this
too will offset a decline in turgor. Finally,
changes in the yield threshold of the wall may
allow continued growth at lower turgor. Thus,
the ability to grow at high external osmolarity
may not depend solely upon active turgor reg-
ulation. Whether turgor itself is regulated has
to be determined by its direct measurement.

There are a number of mutants that are
osmosensitive, isolated on the basis of their

inability to grow in NaCl (4% NaCl is often
used); the causes of their osmosensitivity vary
(Radford 2014). The best-known Neurospora
crassa mutants are the os (osmotic sensitive)
mutants. Many of the os genes encode for com-
ponents of a signal transduction cascade that
induce multiple responses to high external
osmotic shock and do play a role in turgor
regulation (described later). There are other
osmotic sensitive mutants, such as eas (easily
wettable) and sor-4 (insensitive to growth
restriction caused by sorbose). The wild-type
eas gene encodes for hydrophobin, which cre-
ates a non-wettable, hydrophobic layer on con-
idia. The wild-type sor-4 encodes for a sugar
sensor. So, osmosensitivity has many different
underlying causes. I will focus on turgor and its
regulation.

Direct evidence for relatively rapid turgor
recovery of wild type after hyperosmotic treat-
ment is shown in Fig. 3. Turgor levels under
normal growing conditions do vary among
osmotic sensitive mutants. Normal turgor
values for mutants examined so far in Neuros-
pora crassa are compiled in Fig. 4a. Two of the
mutants (os-1 and os-2) are the osmosensor and
final kinase in a MAP kinase cascade. When
activated by high external osmoticum, they
activate changes in ion transport across the
plasma membrane and the synthesis of the
osmolyte glycerol. Ion uptake and glycerol syn-
thesis both contribute to recovery of turgor to
initial levels (Fig. 4b). The dual responses of the
signaling cascade operate differently. Increased
glycerol synthesis requires changes in gene
expression (Klipp et al. 2005) and is relatively
slow (about 60 min) (Lew and Levina 2007),
while activation of ion uptake is direct (activat-
ing both the plasma membrane H+-ATPase and
K+ uptake) and faster (about 10 min) (Lew et al.
2006). Turgor recovery can rely solely on ion
uptake, since the cut mutant—incapable of
synthesizing glycerol—regulates its turgor
(Lew and Levina 2007). Some of the other
mutants that exhibit lower turgor under normal
conditions (mid-1, ptk-2, and plc-1) probably
play a regulatory role in downstream responses
(Fig. 4c).
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Fig. 4 Genes functioning in turgor regulation. (a) The
normal turgor values of a number of mutants can be
similar to or lower than wild-type turgor. The data are
shown as the percent of wild-type turgor measurements
that were performed as controls for the experimental
runs measuring the turgor of the mutants. Mutants that
exhibit lower turgor are os-1, os-2, mid-1, ptk-2, and plc-
1. The os-1 and os-2 genes are part of a MAP kinase
cascade that functions in osmo-tolerance. The mid-1

gene encodes for a stretch-activated channel. The ptk-
2 gene encodes for a protein that regulates ion transport
activity (the plasma membrane H+-ATPase). The plc-1
gene encodes for a phospholipase C. (b) For the mutants,
various aspects of turgor regulation (H+-ATPase activa-
tion, K+ and Cl� uptake, glycerol synthesis, and turgor
recovery) have been explored, althoughmuch remains to
be done. (c) A diagrammatic description of the potential
roles of the various genes examined so far
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V. Cytoplasmic Movement (Mass
Flow)

The accumulation of ions and osmolytes main-
tains sustained hyphal elongation. But in addi-
tion, cytoplasm is recruited to the growing edge
of the colony by mass flow (Lew 2005). The
driving force for mass flow is pressure differ-
ences along the hyphal tubes.

A. Low Reynolds Number Hydrodynamics

Mass flow in hyphae occurs at low Reynolds
number (Reynolds 1883). So, the flow is lami-
nar, there is no turbulence. The Reynolds num-
ber is a dimensionless value, calculated from
the equation: Re ¼ (rn2r)/� where r is the
density (about 1 g cm–3), n is the velocity of
flow (about 5 � 10–4 cm s–1), 2r is the diameter
of the hyphal tube, and � is the viscosity (simi-
lar to water, about 0.01 g s–1 cm–1). The value of
Re is the ratio of inertial to viscous forces. At
high Re, inertial forces dominate, and flow is
turbulent; at low values, viscous forces domi-
nate, so that flow is laminar in nature. For
cytoplasm movements in fungi, estimates of
the Reynolds number are on the order of 10–4.
The Reynolds number at which turbulent flow
will occur in a hydraulic pipe is on the order of
1 to 103 (Brody et al. 1996).

At low Reynolds number, the flow velocity
can be estimated by the Hagen-Poiseuille equa-
tion: n ¼ [(DPhyphal /l )r

2]/(8�). The pressure
gradient (DPhyphal /l ) required to cause veloci-
ties of 5 � 10–4 cm s–1 is about 0.05 kPa cm–1

(Lew 2005). This is a very small pressure differ-
ence compared to the normal turgor of the
hypha (400–500 kPa).

The nature of mass flow through the hyphal
tubes is complicated by the presence of orga-
nelles moving in the cytoplasmic stream.
Experimental evidence of the non-ideal nature
of flow is based on measurements of the veloc-
ity profile within the hypha. Hagen-Poiseuille
predicts a parabolic shape, with maximal velo-
cities at the center of the cylinder, tapering to
zero at the hyphal walls. The actual profile is flat
(Abadeh and Lew 2013), a shape that is consis-

tent with “partial plug flow” (Cox and Mason
1971).

Basically, the organelles moving within the
tube (nuclei, mitochondria, and vacuole veloc-
ity profiles have been mapped, Abadeh and Lew
2013) modify the pattern of fluid shearing that
would normally result in parabolic velocity
profiles. Even so, estimates of the pressure gra-
dients using Hagen-Poiseuille will not be that
different from the pressure dependence of “par-
tial plug flow” (Cox and Mason 1971).

B. Effect of Hyphal Pores

Do septal pores impede mass flow? The simple
answer is: Not by much. The reason is that the
pore may be smaller than the hyphal diameter,
but the length of the pore is very short, so the
pore wall impedes flow over a very small dis-
tance, while the walls of the hyphal cylinder
create a frictional drag over distances that are
considerably longer.

Vogel (2003) provides a clear and straight-
forward explanation of the effect of pores and
their relevance to mass transport in organisms
besides fungi. Happel and Brenner (1986) pro-
vide a more complete discussion. At low Rey-
nolds number, the physical descriptions of flow
through the hyphal tube and through the pore
are different. For the first, the volumetric rate of
flow (Q, in units of m3 s–1) is:

Q ¼ DPhyphal
l

� p � R4

8 � � ð1Þ

where DPhyphal/l is the pressure gradient
(Pa m–1), R is the hyphal radius (m), and � is
the viscosity (Pa s). For movement through a
pore, the volumetric rate of flow is (Happel
and Brenner 1986):

Q ¼ DPpore � r3
3 � � ð2Þ

where DPpore is the pressure drop across the
pore and r is the pore radius. An example of a
calculation using values that are known for
hyphae is presented in Fig. 5. To assess the
pressure drop in the hypha, I assumed a
hyphal length of about 200 mm between septa.
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I used a volumetric rate of flow of 7.85 � 10–16

m3 s–1 that was calculated from a typical veloc-
ity of particle flow of 5 mm s–1. The pressure
drop for mass flow in the 200 mm length of
hypha is about 0.40 Pa. With a septal pore
radius half of the hyphal diameter, the pres-
sure drop for mass flow through the pore is
about 0.2 Pa. Thus, although the septal pore
does impede flow, the effect is smaller than
might be expected. Johansen (1930) explored
a model system that is pertinent to flow
through hyphal tubes and septal pores; his
results matched the expected result (Happel
and Brenner 1986). In his experimental obser-
vations of flow lines through the pipe orifice,
he found that the flow was completely laminar
and symmetrical on either side of the pore at
very low Reynolds number (similar to hyphal
flow).

Septal pores have relatively small effects on
cytoplasmic flow under normal conditions.
When there is damage to the mycelial network
that causes cytoplasmic loss from the pressur-
ized hyphae, they must seal rapidly to protect
the integrity of the cytoplasm. Thus, their for-
mation (Lai et al. 2012) and mechanisms of
pore closure are important to the survival of
the hyphal organism. Regulation of septal pores
also occurs under a variety of non-damaging
environmental conditions (van Peer et al. 2009)
and even in mitosis (Shen et al. 2014).

VI. Penetration (Invasive Growth)

Another biomechanical aspect of hyphal
growth is the ability of the hyphae to penetrate
tissues or substrates. How much pressure does
a hypha apply to penetrate a substrate? Bast-
meyer et al. (2002), Money (2007), and Yafetto
et al. (2009) explored aspects of this question
for fungi. Indirect techniques and high sensitiv-
ity strain gauges can be used to measure the
very small forces a small hypha will exert when
growing into a substrate. Lab-on-a-chip tech-
nologies are being pioneered for other tip-
growing organisms as well, such as pollen
tubes which must penetrate the stigma to effect
successful pollination (Burri et al. 2018).

Adapting growth to penetrate substrates is
related to two sensor-response systems: che-
motropism (Turrà et al. 2016) and thigmotro-
pism (Almeida and Brand 2017). The
biochemical mechanisms underlying chemo-
and mechano-sensing are very diverse and gen-
erally result in activation of MAP kinase and
cAMP signaling cascades (Turrà et al. 2016;
Braunsdorf et al. 2016). The final result is to
initiate penetration into substrate.

Substrate penetration by hyphae—whether
into host tissue or ramifying through soil or
other substrate—will depend upon physical
force. These forces are small on an absolute
scale. In Armillaria rhizomorphs, Yafetto et al.

Fig. 5 Micro-fluidics of a hypha. To compare flow
through the hyphal cylinder and the narrower aperture
of the septal pore, the pressure drops through a 200
micron cylindrical length and through an aperture that
was 50% of the hyphal width were calculated for a vol-
ume flow of 7.85� 10–16 m3 s–1 (0.785 pl s–1, the flow that
would occur for a cytoplasm velocity of 5 mm s–1 in a

20 mm diameter hypha). The pressure drops for flow
through the cylinder are similar in magnitude to the
pressure drop for flow through the septal pore (0.4 Pa
compared to 0.2 Pa). Thus, the pore has some effect—
but not a large one—on flow through the hyphal net-
work. Experimentallymeasured velocity profiles (Abadeh
and Lew 2013) are also shown in the diagram
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(2009) reported values of about 1–6 mN,
corresponding to a turgor of 40–300 kPa. Can
these pressures be use to mechanically pene-
trate a tissue or substrate? There is no direct
answer. For example, as a hypha penetrates a
tissue, the tip will naturally take the path of
least resistance. In doing so, it can easily
decrease the hyphal tip size to effect easier
penetration. Finally, it can modify the struc-
tural integrity of the substrate through extracel-
lular hydrolases to soften the substrate. None of
these adaptive processes lend themselves to a
simple biomechanical analysis. In this regard,
recent advances using lab-on-a-chip technolo-
gies should be useful. For example, Tayagui
et al. (2017) grew hyphae of Achlya bisexualis
(an oomycete) through a micro-pillar array and
measured pillar deflections to quantify the
force applied by the hypha. Burri et al. (2018)
coupled micro-channels with a microelectro-
mechanical force-sensor to measure the forces
at the tips of pollen tubes as they collided with
and responded to the force-sensing barrier. In
the future, these technical advances should pro-
vide methods to enlighten our understanding of
fungal penetration of substrates.
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R, Lu H (2000) Mapping the growth of fungal
hyphae: orthogonal cell wall expansion during tip
growth and the role of turgor. Biophys J 79:2382–
2390

Bastmeyer M, Deising HB, Bechinger C (2002) Force
exertion in fungal infection. Annu Rev Biophys
Biomol Struct 31:321–341

Braunsdorf C, Mailänder-Sánchez D, Schaller M (2016)
Fungal sensing of host environment. Cell Micro-
biol 18:1188–1200. https://doi.org/10.1111/
cmi.12610

Brody JP, Yager P, Goldstein RE, Austin RH (1996)
Biotechnology at low Reynolds numbers. Biophys
J 71:3430–3441
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I. Introduction

Microbes are the most abundant forms of life
on Earth. Microbial world diversity is remark-
able, keeping challenging us after more than
300 years of research on it (Woyke and Rubin
2014). This medley of microorganisms set in a
wide range of ecosystems and creates complex
interactions within its environment. Among
them, thousands of microbial species either
bacteria or fungi inhabit the soil, either as

organic and inorganic matter decayers or as
partners interacting with plant roots. They are
key players for soil fertility, consequently sus-
taining plant productivity.

Around 50,000 fungal species interact with
around 250,000 of plant species and formmycor-
rhiza (van der Heijden et al. 2015). Mycorrhiza is
a symbiotic organ made of both fungal hyphae
and plant root cells. Fully functional mycorrhizal
symbioses allow bidirectional nutrient exchanges
between the two partners. Consequences for the
plant are an increased ability to overcome abiotic
and biotic stresses like drought, polluted or poor
soils as well as pathogen attacks (Sikes et al.
2009). Seven types of mycorrhizal symbiosis,
varying in structure, host range and ecology are
described. The most prevalent mycorrhizal fungi
are the arbuscular fungi (AM). They all belong to
Glomeromycota, a monophyletic group which
appeared with the first land plants, about 400
million years ago colonized herbaceous plants
including several crop species (Parniske 2008).
Beside AM fungi stands the ectomycorrhizal
symbioses which are the most prevalent mycor-
rhiza occurring in forest ecosystems. The ericoid
mycorrhiza is occurring between perennial
shrubs species (i.e. blueberry, cranberry) and
fungi such as Rhizoscyphus ericae or Oidioden-
dron maius. Among other group of mycorrhizal
fungi, one can cite the ectendomycorrhiza,
monotropoid, orchid and arbutoid mycorrhiza.

The forest ecosystems are of major environ-
mental, economic and scientific interests and
are composed of a wide diversity of trees,
which dominate boreal, temperate, Mediterra-
nean and tropical environment. This diversity
directly participates to forest ecosystems func-
tioning (Isbell et al. 2011), notably by efficient
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carbon sequestration through photosynthesis
(Sedjo and Sohngen 2012) but also water qual-
ity, wood production and protection against soil
erosion. Thus, forest ecosystems play a major
role in the global climate change context (Hane-
winkel et al. 2013), stressing the urgent need to
consider land management and tree diversity on
a long-term range (Foley et al. 2005). Mycorrhi-
zal fungi play a critical role in forest ecosystems
due to their ability to prospect large area of soils
with their mycelia, forming a mycorrhizal net-
work that may interconnect roots of trees
together (Simard et al. 2012; Pickles and Simard
2016) as well as their role for carbon sequestra-
tion within the soils (Clemmensen et al. 2015).
Notably, about 6000 of tree species (belonging
to Pinaceae, Fagaceae, Betulaceae, Nothofaga-
ceae, Myrtaceae and Dipterocarpaceae) are
able to form a mycorrhizal symbiosis with
50,000 ectomycorrhizal (ECM) fungal species
(van der Heijden et al. 2015). These ECM fungi
participate in turnover of soil nutrients (C, N, P,
K, Ca, Fe) through their extraradical mycelium
(Marschner and Dell 1994; Ekblad et al. 2013).
The ECM symbiosis appeared several times
independently in the evolution about 150 mil-
lion years ago (Hibbett and Matheny 2009;
Ryberg and Matheny 2012; Kohler et al. 2015;
van der Heijden et al. 2015) and differs signifi-
cantly from the other mycorrhizal fungi in
terms of symbiotic structures, their ecology
and their phylogenetic position in the fungal
tree of life. Most of the ectomycorrhizal fungi
belong to Basidiomycota, although some fungal
species such as the black truffle of Perigord
(Tuber melanosporum) belongs to Ascomycota.
Realizing this prevalence in such ecosystems, it
is then critical to decipher and analyse the
molecular processes driving the symbiosis
between these soilborne fungi and their host
plants in order to gain an accurate view on the
molecular mechanisms occurring in forest eco-
system. For many years, studies on mycorrhizal
mutualistic interactions have been limited by
the lack of data on mycorrhizal fungal genomes.
Availability of first mycorrhizal genomes and
rising of next-generation sequencing (NGS)
technology gave us access to hundreds of fungal
genomes, among them 50 ECM fungal genomes
(Martin et al. 2008, 2010; Martin 2011; Floudas

et al. 2012; Kuo et al. 2014; Köhler et al. 2015;
Marmeisse et al. 2013). In addition, NGS allows
researchers to move on by looking at transcrip-
tome and predicted secretome of those benefi-
cial symbionts. The purpose of this chapter is to
give an overview on the ontogenesis of ectomy-
corrhizal symbiosis and to highlight how com-
parative genomics and molecular biology lead
to reconsider mutualistic interactions as an evo-
lutionary habit sharing traits with saprotrophic
and plant-pathogenic fungal species. We will
focus in this chapter on (1) the understanding
of fungal and plant signalling molecules guiding
mycorrhizal interactions and (2) the identifica-
tion of the underlying receptors and signalling
pathways, with a particular emphasis on the
control of hormone signalling pathways
(Fig. 1). We will finally address the role of
secreted proteins in the establishment and/or
functioning of ECM symbiosis.

II. The Presymbiotic Phase

A. Plant Rhizospheric Compounds Are
Preparing ECM Fungi for Infection

Perception and recognition of signal molecules
produced by both trees and ECM fungi is a
prerequisite for the establishment of compati-
ble ECM symbiosis. This presymbiotic phase
allows the ECM fungus to sense and recognize
a putative host partner. Search for host-derived
signal molecules able to stimulate spore germi-
nation, ECM hyphae branching and chemotro-
pism towards host root led to the identification
of only a limited number of compounds.

Fries et al. (1987) first demonstrates that root exudates
and extracts from Pinus sylvestris (in particular abietic
acid) stimulate germination of Suillus spp. basidios-
pores. During the initial stages of in vitro colonization
of Larix decidua roots by Suillus tridentinus, flavonols
such as catechin and epicatechin reached more than
50 mM and two minor metabolites, 4-hydroxybenzoate
glucoside and quercetin rhamnoside, exhibited a rapid
accumulation in the mycorrhiza root tip, suggesting a
putative role for pre-infection steps (Weiss et al. 1997).

Plant root exudates and root volatiles are
inducing expression of two hydrophobin genes
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of the ectomycorrhizal fungus Tricholoma vac-
cinum at the presymbiotic stage, followed by
the induction of a third hydrophobin gene dur-
ing mantle formation (Sammer et al. 2016).

The presence of rutin in exudates of Euca-
lyptus globulus spp. bicostata stimulates radial
growth and biomass of different Pisolithus sp.
strains (Lagrange et al. 2001).

However, only Pisolithus strains collected under rutin-
producing Eucalyptus are receptive to rutin, suggesting,
first, a putative role of flavonoids in specificity of host-
fungal interaction and second, that ECM fungi are able
to adapt to the chemical signature of the rhizosphere
they are growing in.

Strigolactones (SLs) are carotenoid-derived
compound and a new group of plant hormones
that suppress lateral shoot branching and are
crucial to root development. In addition, their
role as signalling molecules in the rhizosphere
is well documented.

For example, SLs stimulate both spore germination and
hyphal growth and branching of Rhizophagus irregu-
laris. A recent study suggests SL contribute to
arbuscular-mycorrhiza (AM) fungal colonization via
the induction of putative-secreted protein SIS1 (Tsu-
zuki et al. 2016).

Those data suggest a role of SL in both
presymbiotic and symbiotic stages for AM sym-
biosis development. Analyses of available plant
genomes and transcriptomes revealed that all
analysed plants contain genes required for
strigolactone production (Delaux et al. 2012;
reviewed in Garcia et al. 2015). However, so
far, no effect of strigolactone analogue GR24,
on either fungal growth or hyphal branching,
was observed in a wide range of soilborne fungi,
including ECM fungi (Steinkellner et al. 2007).

AM fungi and Rhizobia-nodulating bacteria
produce upon perception of plant flavonoids or
strigolactones, respectively, Myc- and Nod-
factors, sulphated or not lipochitooligosacchar-
ides (Maillet et al. 2011; Denarié and Cullimore
1993). For now, such Myc-factors have not been
identified in ECM fungi. We can wonder
whether these Myc-factors exist among ECM
fungi. Identification of such compounds
would be a major achievement in the under-

standing of host-ECM fungi recognition and
host specificity.

To conclude, whereas plant-derived signal-
ling molecules, such as flavonoids and strigolac-
tones, are important molecules for Rhizobium-
legumes interactions andAMF-plant interactions,
the plant-derived signalling molecules required
for ECM establishment (pre-contact phase) are
still largely unknown and likely diverse. One can
then wonder whether the chemical dialogues
involved are host species specific or not.

B. ECM Fungal-Derived Signalling Molecules
Alter Host Root Architecture and
Development

Root development and architecture are pro-
foundlymodified in the vicinity of fungal hyphae
and before direct contact, to form ECM root tips.
Indeed, increased lateral root development and
root growth arrest (Dexheimer and Pargney
1991; Ditengou et al. 2000; Felten et al. 2009;
Spivallo et al. 2009; Rincon et al. 2003; Vayssières
et al. 2015) are observed, suggesting that root
cells respond to fungal signalling molecules.

1. Fungal Auxin as an Early Diffusible
Signalling Molecule

Several authors suggested that fungal auxin has
an important role as a signalling molecule to
initiate ECM development (Gay et al. 1994;
Rincon et al. 2001; Felten et al. 2010; Spivallo
et al. 2009). Auxin and auxin-analogues released
from several ECM fungi were found (Niemi et al.
2002; Krause et al. 2015; Vayssières et al. 2015).

Pisolithus microcarpus is able to produce the indolic
compound called hypaphorine, a tryptophan betaine
(Béguiristain and Lapeyrie 1997). Krause et al. (2015)
identified the exporter of IAA from Tricholoma vacci-
num as the multidrug and toxic extrusion (MATE)
transporter Mte1, supporting the efflux of IAA from
fungal cells. Several studies show an increased level of
auxin in mature ECM of Populus trichocarpa-Laccaria
bicolor (Vayssières et al. 2015), Hebeloma-Pinus and
Piloderma-Quercus (Hermann et al. 2004),

highlighting that ECM root tips are auxin-
rich environment. As fungal auxins stimulate
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fungal cell elongation and hyphal branching
from ECM fungi and not from non-mycorrhizal
fungi (Debaud and Gay 1987; Krause et al.
2015), fungal IAA is likely also required for
the observed hyphae hyperbranching pheno-
type at both early and later stages of fungal
colonization. At early stage, hyperbranching is
likely enhancing the probability of fungal
hyphae to encounter roots and at later stage a
requisite for hyphal network formation (known
as the Hartig net) (Krause et al. 2015). Hypa-
phorine from Pisolithus microcarpus is able to
trigger the expression of auxin-signalling genes
and regulate auxin level in Eucalyptus globulus
Labill. ssp. bicostata roots and could regulate
auxin transport (Béguiristain and Lapeyrie
1997; Ditengou et al. 2000; Nehls et al. 1998).
In the Laccaria bicolor-Populus interaction, lat-
eral root stimulation at early stages of ECM
establishment is achieved by modulating
auxin transporter, in particular by enhancing
the basipetal auxin transport (Felten et al.
2009). This is achieved likely after the concen-
tration of auxin in root apices increased (Felten
et al. 2009; Vayssières et al. 2015).

To conclude, the currentworkingmodel is as
follows: fungal auxins are synthesized in hyphae
in the vicinity of roots, secreted and transferred
to root cells where it triggers host auxin signalling
as well as activates auxin production, leading into
root growth arrest and increased lateral root
development (Vayssières et al. 2015).

2. ECM Fungi Produce Volatile Organic
Compounds as Signalling Molecules to
Stimulate Lateral Root Development

Interestingly, stimulation of lateral roots (LR) is
also observed in the non-host plant Arabidopsis
thaliana in indirect contact with either L.
bicolor or Tuber melanosporum (Spivallo et al.
2009; Felten et al. 2009, 2010). This suggests
fungal production of volatiles or diffusible
compounds used as signal molecules by the
plant.

Interestingly, mutant ein2 of A. thaliana is less sensitive
to LR stimulation, suggesting that ethylene is likely

involved. In addition, some but not all ECM fungi are
able to produce ethylene (Graham and Linderman 1980;
Rupp and Mudge 1985; Splivallo et al. 2009), whereas
others are likely able to produce jasmonates (Regvar
et al. 1997) or cytokinins (Kraigher et al. 1991; Kovač
and Žel 1995).

Ethylene and jasmonic acid when applied
exogenously induce LR development (Swarup
et al. 2007; Ivanchenko et al. 2008; Sun et al.
2009), whereas these two hormones act as nega-
tive regulators of ECM symbiosis establishment
(Plett et al. 2014b). A recent study demonstrated
that ectomycorrhizal symbiont L. bicolor diffuse
at very low concentration of thujopsene, a vola-
tile organic compound belonging to the sesqui-
terpene family, prior any physical contact with
the plant (either P. trichocarpa or the non-
mycorrhizal plant A. thaliana) in order to
trigger increased lateral root through a ROS-
dependent mechanism (Ditengou et al. 2015).
Laccaria sesquiterpenes likely do not target
auxin signalling as they do not modify the
auxin reporter DR5::GFP signal intensity and
spatial distribution (Ditengou et al. 2015). This
study highlights that ECM fungi produce vola-
tiles as many other microbes able to interact
with plants, suggesting a common strategy
despite the different chemical nature of volatiles
(Junker and Tholl 2013; Bailly et al. 2014; Bitas
et al. 2013; Schmidt et al. 2016).

In conclusion, several ECM fungi, by releas-
ing volatiles (e.g. sesquiterpenes) and/or
hormones (IAA, ethylene, cytokinin), stimulate
lateral roots development leading to more root
surface area to colonize. Several molecules (e.g.
fungal IAA) are acting through the manipula-
tion of auxin gradient and/or transport,
whereas other such as sesquiterpenes act inde-
pendently of auxin. In addition, in some cases
IAA also stimulates branching of fungal hyphae
to enhance both the contact between roots and
hyphae and later the Hartig net development.
However, nothing yet proves this strategy is
broadly used by ECM fungi in the early steps
of interaction. The future identification of more
fungal-derived signal molecules would eluci-
date whether a common molecule is required
for ECM symbiosis establishment.
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III. Control of Plant Hormone
Signalling Pathways in Later
Stages of ECM Development

After hyphae and roots enter in contact, fungal
hyphae completely surround small lateral roots
and will grow intensively within the apoplast of
cortical cells to form the Hartig net. At this
stage, phytohormone networks are likely the
modulators of root development, nutrient
homeostasis (sustain bidirectional nutrient
fluxes) and immunity. A recent review (Pozo
et al. 2015) highlights that nearly all studied
phytohormones so far play a role in AM estab-
lishment or functioning. Several studies also
showed that ethylene (ET), jasmonic acid (JA)
and salicylic acid (SA) are produced and some-
times accumulated during the interaction
between mutualistic fungi and their host plants
(Hause et al. 2007; Splivallo et al. 2009; Lah-
mann et al. 2015; Khatabi and Schäfer 2012).
Targeting hormonal networks of plants
(biosynthesis and signalling) either by the pro-
duction of either secreted proteins or fungus-
derived phytohormone mimics is common to
both pathogenic and mutualistic fungi (for a
recent review, Shen et al. 2018).

A. Auxin

The phytohormone auxin (indole-3-acetic acid
[IAA]), known for its central and pleiotropic
roles in plant growth and metabolism (Zhao
2010; Teale et al. 2006), is considered to be
one of the main triggers regulating all of the
different steps of LR formation (Ditengou et al.
2008; Laskowski et al. 2008; Nibau et al. 2008).
In the previous section, we tackled the role of
fungal IAA at early stages of ECM development.
In this paragraph, we will discuss the role of
auxin in later steps of ECM development.
We stated in a previous section that fungal
IAA perception likely regulates auxin transport
genes in roots. In addition to modulation of
auxin transport, ECM development is also
altering auxin metabolism (in particular
amino-acid conjugation is enhanced, Vays-
sières et al. 2015) and auxin signalling. For

example, in the early stages of interaction
between either L. bicolor or H. cylindrosporum
and pine, auxin-signalling genes were induced
(Charvet-Candela et al. 2002; Heller et al. 2012).
Similarly, the interaction between Pisolithus
tinctorius and oak roots led to an induction of
auxin biosynthesis and auxin-signalling-related
genes (Sebastiana et al. 2014). Interestingly, in
the late stages of the interaction between Pilo-
derma and oak, auxin transporters and auxin-
responsive transcription factors are repressed,
suggesting that auxin gradients are only impor-
tant in the early stages of ECMmycorrhizal root
formation (Tarkka et al. 2013).

Hebeloma cylindrosporum transgenic fungus over-
producing IAA is able to better colonize roots, with
the number of colonized roots is increasing by 3–5
times (Gay et al. 1994). Microscopic analysis of ECM
formed by the over-producer of IAA of H. cylindros-
porum displayed a denser Hartig-net, suggesting a role
of fungal IAA at early and late stages of ECM develop-
ment.

Gay et al. (1994) proposed that fungal IAA
might play a role in cell wall loosening at this
later stage, whereas Krause et al. (2015)
proposed that IAA is stimulating hyphae hyper-
branching, necessary to form the pseudo-
parenchymatous tissues, the Hartig net.

From their studies and others, Vayssières
et al. (2015) proposed a working model: (1)
auxin-rich environment in root apices would
be achieved partly through fungal IAA uptake;
(2) auxin-signalling pathway would be trig-
gered leading to more lateral roots; (3) concen-
tration of IAA conjugate to amino acids would
increase; and (4) part of the auxin responses
would be repressed in mature L. bicolor-Popu-
lus ECM root tips suggesting either a plant
autoregulation of auxin signalling or the action
of a fungal protein able to interact with auxin
signalling (Vayssières et al. 2015).

B. Ethylene

Using transgenic Populus tremula x tremu-
loides, Plett et al. (2014b) demonstrated that
neither ACC overproduction (Populus overex-
pressing ACOI1) nor ET insensitivity (Populus
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etr1-1 mutants) affects the initial stages of
ECM development, namely, the mantle forma-
tion. However, both Poplar plantlets overex-
pressing ACO1 and treatment with exogenous
ACC, the precursor of ET, inhibit fungal colo-
nization of the apoplast of rhizodermal cells,
i.e. the formation of Hartig net (Plett et al.
2014b).

Compromised ethylene-signalling pathway in Arabi-
dopsis thaliana also led to a greater fungal colonization
by the root endophyte Piriformospora indica (Camehl
et al. 2010). More precisely, Ethylene Response Factor
(ERF1), an ethylene-signalling relay protein, is likely
the key regulator in both Populus-L. bicolor and A.
thaliana-P. indica interactions, as up-regulation of
either AtERF1 or PtaERF1 resulted in a decrease fungal
colonisation of rhizodermal cells (Camehl et al. 2010;
Plett et al. 2014b). However, another study showed an
opposite result in which A. thaliana impaired in ethyl-
ene signalling displayed a reduced P. indica root colo-
nization, whereas Arabidopsis mutants exhibiting
constitutive ethylene signalling, ethylene synthesis or
ethylene-related defence displayed a better fungal colo-
nization (Khatabi and Schäfer 2012).

This suggests that the role of ET may also
depend on growth and infection conditions. We
can hypothesize from these studies that ET
inhibits Hartig net formation late stages of fun-
gal colonization but not primary stages of ECM
development mantle formation. Experiments
conducted on other host-ECM fungi associa-
tions are required to assess whether the role of
ET in controlling symbiosis development is
conserved.

Application of exogenous ACC or overex-
pression of PtACO1 resulted in the repression
of genes associated with cell wall biosynthesis
(expansin, pectinesterase, cellulose synthase),
suggesting a role of ET in controlling plant
cell wall composition during fungal coloniza-
tion (Plett et al. 2014b).

Ethylene-responsive genes are induced at very late stages
of colonization as showed by several transcriptomic
studies (Plett et al. 2014b; Tarkka et al. 2013), suggesting
that ET-signalling is triggered only at late stages of ECM
development. However, Spivallo et al. (2009) showed that
A. thaliana ein2 mutant, insensitive to ET, form less
lateral roots than the wild-type under indirect contact
with Tuber melanosporum. As they showed that Tuber
melanosporum synthesize ethylene from l-methionine

probably through the a-keto-g-(methylthio)butyric acid
pathway and concluded that ET signalling triggered by
fungal ethylene is essential to cooperate with auxin at
early stages of ECM establishment.

From these studies, it can be suggested that
(1) fungal ethylene is required at earliest stages
of ECM development and acts cooperatively
with plant auxins to stimulate LR formation
and (2) plant ethylene, while not required at
the early stages of the symbiosis, is needed to
limit fungal growth within root tissues.

C. Jasmonic Acid

Treatment of Populus trichocarpa roots by jas-
monic acid (JA) induces a drastic decrease of L.
bicolor hyphae penetration, whereas the forma-
tion of the mantle is not influenced (Plett et al.
2014b). However, JA is produced when L.
bicolor starts to penetrate the apoplastic space
between rhizodermal cells (Veneault-Fourrey
and Schellenberger, unpublished results). How-
ever, in mature ECM root tips, JA content is
decreased when compared to non-ECM roots of
grey poplar (Populus tremula x Populus alba)
(Luo et al. 2009).

On the other hand, colonisation of A. thaliana roots
by the fungal endophyte P. indica also increases JA
level in roots. JA treatment of Populus roots colo-
nized by L. bicolor triggers the expression of stress-
related genes (e.g. thaumatin-related genes, receptor-
like kinases, chitinases), expansin encoding genes
and represses the expression of cell wall active
enzymes (e.g. pectin esterases, xyloglucan trans-
ferases, pectinases, expansin) (Plett et al. 2014b).
This suggests an increased resistance to fungal colo-
nization and a decrease of cell elongation (Cho and
Cosgrove 2000; Hall and Cannon 2002; Humphrey
et al. 2007). Transcriptomic data showed an extensive
cross-talk between ET and JA transcriptomic changes
in ECM root tips of Populus trichocarpa (Plett et al.
2014b).

Therefore, it appears that JA and ET are
required to set boundaries to fungal coloniza-
tion through a cooperative regulation of cell
wall remodelling and triggering of plant
defences (Plett et al. 2014b). It is thus likely
that ECM fungi manipulate the local plant

Molecular Signalling During the Ectomycorrhizal Symbiosis 101



defence responses to create a localized weaken-
ing of the plant immune system. Some mutual-
istic fungi as pathogenic fungi use secreted
proteins to modulate the impact of these hor-
mones and were consequently named effectors
(Plett et al. 2014b; Kloppholz et al. 2011; Shen
et al. 2018).

IV. Secreted Proteins, Central Players
in Controlling Symbiosis
Development?

First genome-wide analysis carried out on L.
bicolor-Populus trichocarpa ECM root tips
revealed a contrasting transcriptomic land-
scape with the free-living mycelium. Among
the 20 most up-regulated genes during the sym-
biosis, 5 of them code for secreted proteins
SSPs (Martin et al. 2008). Due to their strong
up-regulation during symbiosis and their size,
they were so-called mycorrhiza-induced small
secreted proteins (MiSSPs). At this time, it has
been hypothesized that these MiSSPs could be
symbiotic effectors, with the definition of effec-
tor as “microbial secreted molecules that alter
host-cell processes or structure generally pro-
moting the microbe lifestyle” (Win et al. 2012).
L. bicolor MiSSP7, whose encoding gene is one
of the most up-regulated during symbiosis, is
secreted and enters host cells where it localizes
into the nucleus (Plett et al. 2011).

Inside the nucleus, MiSSP7 interacts with the poplar
PtJAZ6 protein (Plett et al. 2014a). JAZ proteins are
negative regulator of jasmonic acid signalling path-
way. Once jasmonic acid is produced, JAZ proteins
are ubiquitinated and degraded in a proteasome-
dependent manner (Pauwels and Goossens 2011;
Wager and Browse 2012). MiSSP7 stabilizes PtJAZ6
avoiding its degradation in the presence of JA. Tran-
scription of target genes is thus repressed. Prelimi-
nary results showed that genes involved in plant cell
wall remodelling and plant defence responses might
be target genes of this protein complex (Plett et al.
2014a).

These studies together with previous ones
on plant-pathogenic microbes (Jiang et al. 2013;
Gimenez-Ibanez et al. 2014) highlight that JAZ
proteins are cellular hubs targeted by plant-

interacting microbes to facilitate in planta col-
onization. However, whereas bacterial effectors
stimulate JA signalling pathway, mutualistic
fungi are decreasing JA signalling pathway.

Availability of Rhizophagus irregularis (formerly Glo-
mus intraradices) genome sheds the light on several
secreted proteins whose encoding genes were up-
regulated during the AM symbiosis with Medicago
truncatula.

Among them, SP7 has been shown to inter-
act with MtERF19, a transcription factor from
Medicago truncatula involved in plant immune
responses (Kloppholtz et al. 2011). By expres-
sing SP7-encoding genes in the rice blast fun-
gus, Magnaporthe oryzae, it extends the
biotrophic phase of this pathogenic fungus,
demonstrating the ability of a secreted protein
from a mutualistic fungus to impact life cycle of
fungi from other lifestyles. The root endophytic
fungus Piriformospora indica is also secreting
PIIN_08944 needed for Arabidopsis thaliana
root colonization with potential interference
with burst of reactive oxygen species and sal-
icylic acid-mediated immune responses (Akum
et al. 2015). The P. indica FGB1 protein is a
secreted fungal-specific b-glucan-binding lectin
with dual function.

FGB1 affects fungal cell wall composition, and its over-
expression increases resistance to cell wall-stress-
inducing compounds. FGB1 also suppresses b-glucan-
triggered immunity (Warwa et al. 2016).

Interestingly, the L. bicolor GH5-CBM1
protein is a symbiosis-induced endoglucanase
displaying activity towards cellulose, mannans
and galactomannans without activity against
fungal cell walls.

L. bicolor GH5-CBM1 RNAi mutants are impaired in
their symbiosis ability and the protein localizes at the
periphery of hyphal cells from both the mantle and the
Hartig net.

These data suggest a role of fungal secreted
enzyme involved in plant cell wall remodelling
in the establishment of ectomycorrhiza (Zhang
et al. 2018). L. bicolor missp8 RNAi knockdown
mutants display disorganized fungal hyphae
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and are consequently impaired in fungal mantle
and Hartig net development (Pellegrin et al.
2017). In the ericoid mycorrhizal fungus Oidio-
dendron maius, the most highly induced
secreted proteins in symbiosis OmSSP1 is
required for mycorrhization and is a
hydrophobin-like fungal protein (Casarrubia
et al. 2018).

These data reinforce the supposed structural role of
fungal proteins in mutualistic interactions such as P.
tinctorius SRAP32 (Laurent et al. 1999) and hydropho-
bins (Tagu et al. 1998).

Those recent functional studies point out a
role of secreted proteins in (1) the maintenance
of both plant and fungal cell wall integrity to
sustain the formation of symbiotic interface
and (2) the sensing of cell wall integrity likely
to avoid triggering of immune responses.

When comparing the expression of MiSSP
genes of L. bicolor in mutualistic interaction
with P. trichocarpa (Angiosperm) and with
Pseudotsuga menziesii (Gymnosperm), a core
regulon and a variable regulon of MiSSPs were
identified (Plett et al. 2014b). The variable
regulon may explain host specificity. In par-
allel, proteomic analysis of L. bicolor free-
living mycelium revealed L. bicolor secretes
both cell wall degrading enzymes and pro-
teases as well as nine secreted proteins (Vin-
cent et al. 2012).

Computational analysis of Hebeloma cylindrosporum
genome combined with proteomic-based study of the
free-living mycelium exoproteome leads to the identifi-
cation of 869 secreted proteins (Doré et al. 2015). A
large part (43%) of the proteins of the secretome lacks
functional annotation (Doré et al. 2015). Interestingly,
even though some SSPs are up-regulated during the
symbiosis, 28% of SSPs were expressed in the free-
living mycelia (Doré et al. 2015). These latter SSPs are
mostly well conserved across fungal kingdom (Doré
et al. 2015).

Such SSPs repressed in ECM and/or
expressed in FLM and conserved across fungal
kingdom could have a role in fungal biology
likely related to the saprotrophic/decomposer
stage independent from symbiosis (Doré et al.

2015). Doré et al. also compared the expression
of SSPs in ECM root tips formed in vitro in
synthetic medium with ECM root tips formed
in greenhouse on organic matter. Several SSPs
expressed in in vitro ECM root tips were poorly
expressed in greenhouse ECM root tips and vice
versa. These two experiments indicate that SSP-
encoding genes may respond not only to host
but also to environmental signals. Doré et al.
proposed that SSPs are integrator of both biotic
and abiotic soil environment. This will be in
accordance with the emerging idea that SSP of
plant pathogenic fungi may be used also to
perform dialogue and competition with other
soil microbes (Rovenich et al. 2014). Moreover,
in silico comparative analysis of fungal secre-
tomes, including 28 saprotrophic and 12 ECM
fungal species, showed that saprotrophic fungi
possess hundreds of small proteins predicted as
secreted, demonstrating the presence of SSPs is
not restricted to biotrophic microorganisms
(Pellegrin et al. 2015). Clustering analysis also
identified clusters of SSPs shared between
saprotrophic and ECM fungi, raising the
hypothesis of a common repertoire of SSPs
between saprotrophic and ECM fungi. How-
ever, it is difficult to assess their importance
in fungal lifestyle due to the lack of transcrip-
tomic and functional data.

Altogether, these results suggest that mutu-
alistic fungi secrete small proteins to manipu-
late their hosts in particular by targeting
defence phytohormone signalling pathways or
interfering with plant immunity or modifying
the structure of either fungal or plant cell walls.
It is important to note that the expression of
MiSSPs has also been found in all mycorrhizal
interactions studied so far (Kohler et al. 2015)
and also in situ in Piloderma croceum-Pinus
taeda ectomycorrhizal root tips (Liao et al.
2014). However, available literature is still very
poor, and functional analyses of new secreted
proteins are required to clarify and detail how
mycorrhizal fungi coordinate their activity with
their host plant (Martin et al. 2016). In addition,
understanding how these secreted proteins
have evolved from their saprotrophic ancestors
is one of the next challenges.
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V. Perspectives and Future Research

Availability of –omics data provided an effec-
tive stepping-stone for functional analysis.

Combination of transcriptional and func-
tional analysis sheds the light on MiSSPs for
both arbuscular and ectomycorrhizal fungi.
This discovery has large consequences, as path-
ogenic interactions (and N-fixing rhizobac-
teria) were the only one known to employ
secreted proteins to manipulate their host and
promote the interaction.

It is now a challenge to decipher the func-
tions of these secreted proteins considering
their lack of similarities with proteins with
known function. However, this step forward is
necessary to understand the development and
functioning of ectomycorrhizal symbiotic
interaction and gain a better view on the molec-
ular dialogue in plant-microbe interactions.

Furthermore, the presence of secreted pro-
teins expressed during free-living stages of the
ectomycorrhizal symbionts H. cylindrosporum
and L. bicolor indicates that ECM fungi use
secreted proteins to fulfill both symbiotic and
non-symbiotic functions (Doré et al. 2015; Plett
et al. 2015). Therefore, it will be of great interest
to study the role of secreted proteins in sapro-
trophic fungal species and in the free-living
mycelium of ECM fungal species to test whether
they have similar function or whether neofunc-
tionalization occurred. Although our under-
standing of ECM symbiosis has greatly
increased in the last 10 years, there are still
many questions to address to understand the
symbiotic signalling pathways:

l To what extend environment and host affect
evolution of ECM fungal genomes?

l Are secreted proteins a widespread strategy
within mutualistic interactions and how do
they impact the host development and
metabolism?

l What are the master regulators of fungal
MiSSPs-encoding genes?

l Most importantly, what are the host proteins
and functions targeted by the MiSSPs? Are
there “hubs” targeted by secreted proteins
from different ECM fungal species?

l Is the control of hormonal pathways involved
in plant immunity by fungal MiSSPs local or
systemic? How could this impact other kind
of on plant-microbe interactions?

l How does the host secretome participate to
the molecular dialogue established with the
fungus?

All these questions are challenging as each
ECM fungus seems to possess its own symbiotic
toolbox, but combination of –omics technolo-
gies and functional analysis will help dissecting
of this belowground symbiotic relationships.
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Felten J, Legué V, Ditengou FA (2010) Lateral root
stimulation in the early interaction between Ara-
bidopsis thaliana and the ectomycorrhizal fungus
Laccaria bicolor: is fungal auxin the trigger? Plant
Signal Behav 5:864–867

Floudas D, Binder M, Riley R, Barry K, Blanchette RA,
Henrissat B, Martı́nez AT, Otillar R, Spatafora JW,
Yadav JS, Aerts A, Benoit I, Boyd A, Carlson A,
Copeland A, Coutinho PM, De Vries RP, Ferreira
P, Findley K, Foster B, Gaskell J, Glotzer D,
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Khatabi B, Schäfer P (2012) Ethylene in mutualistic
symbioses. Plant Signal Behav 7:1634–1638

Kloppholz S, Kuhn H, Requena N (2011) A secreted
fungal effector of Glomus intraradices promotes
symbiotic biotrophy. Curr Biol 21:1204–1209

Kohler A, Kuo A, Nagy LG, Morin E, Barry KW, Buscot
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Marmeisse R, Melayah D, Montanini B, Murat M,
Nehls U, Niculita-Hirzel H, Secq MPO, Peter M,
Quesneville H, Rajashekar B, Reich M, Rouhier N,
Schmutz J, Yin T, Chalot M, Henrissat B, Kües U,
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I. Introduction

Ca2+ is chosen by all organisms as the second
intracellular messenger based on its own phys-
ical and chemical properties (Carafoli et al.
2001; Haiech and Moreau 2011). Different
from other second intracellular messengers,
such as the cyclic adenosine monophosphate
(cAMP), the inositol 1,4,5-trisphosphate (IP3),
and the diacylglycerol (DAG), Ca2+ cannot be
degraded to terminate its carried signals (Chak-
raborty and Hasan 2012; Hartwig et al. 2014;
Hohendanner et al. 2014; Ueda et al. 2014). In
contrast, Ca2+ ions are pumped out of the cyto-
plasm or conserved in the intracellular Ca2+

stores via a series of Ca2+ transporters or Ca2+/
anion exchangers localized in the plasma mem-
brane or the intracellular organelle membrane,
respectively. In eukaryotic cells, the vacuole,

the lysosome, the endoplasmic reticulum (ER),
the Golgi apparatus (GA), the mitochondria,
and even the nucleus envelope are employed
to function as the intracellular Ca2+ reservoirs
(Dunn et al. 1994; Ermak and Davies 2002; Van
Baelen et al. 2004; Michelangeli et al. 2005;
Lustoza et al. 2011; Takeuchi et al. 2015).
Upon stimulation, Ca2+ ions are rapidly
released from the intracellular Ca2+ stores,
resulting in the Ca2+ concentration increase
in the cytoplasm (Cui et al. 2009). Depletion of
Ca2+ from the intracellular Ca2+ stores triggers
the influx of Ca2+ from the extracellular envir-
onments, which further increase cytosolic Ca2+

concentrations (Locke et al. 2000; Liu et al.
2006). These Ca2+ ions are caught by Ca2+ sen-
sors such as calmodulin (CaM) to activate itself
and subsequently the downstream enzymes
such as calcineurin. The transcription factor
Crz1 is consequently dephosphorylated by cal-
cineurin and translocated from the cytoplasm
into the nucleus to initiate special transcrip-
tions in order to deal with the abovementioned
stimulations (Matheos et al. 1997; Onyewu et al.
2004). Finally, the Ca2+ is pumped out of
the cytoplasm or into the intracellular Ca2+

reservoirs to set the stage for the next cycle.
This Ca2+ signaling pathway is highly con-
served from prokaryotes to eukaryotes, but
there are different editions in various kinds of
cell types (Dominguez 2004; Tuteja and Maha-
jan 2007; Luan 2009; Hashimoto and Kudla
2011; Batistic and Kudla 2012). In fungal
kingdom, knowledge on Ca2+ regulation is pri-
marily obtained from the model fungus Saccha-
romyces cerevisiae, in spite of accumulation of
parallel advances in other fungi. Here, we out-
line the participators or potential players in the
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Ca2+ regulation network, focusing on Ca2+ cir-
cling and signaling mechanisms.

II. The Vacuole and Ca2+ Cycling
Pathways Against the Cytoplasm

Similar to plants but different from animals, the
vacuole is the principal intracellular Ca2+ res-
ervoir in fungi (Pittman 2011). S. cerevisiae has
one to several vacuoles in which 90% of the
intracellular Ca2+ ions are stored (Cunningham
and Fink 1994; Tanida et al. 1995). In Neuros-
pora crassa, there are different types of vacuoles
with distinct morphogenesis and composition,
and it is not clear now whether they are just the
intermediates prior to maturation or already
mature, final vacuoles (Bowman et al. 2009;
Cunningham 2011). Besides playing as the
intracellular Ca2+ stores, fungal vacuoles also
participate in toxic substance sequestration,
osmotic pressure regulation, and pH value
accommodation (Wada and Anraku 1994;
Zhou et al. 2003; Moreno and Docampo 2009).
Oxalate, phosphate, and organic acids inside
the vacuole can chelate a bulk of Ca2+ ions,
and only a small proportion of Ca2+ is ready
for release in response to different stimulations
(Moreno and Docampo 2009; Docampo and
Moreno 2011). For example, in S. cerevisiae
cultured in standard conditions, the free Ca2+

concentration in the vacuole is about 30 mM,
while the total Ca2+ concentration is about at
the level of 3 mM, indicating 99% of the Ca2+

has been immobilized in the vacuolar lumen
(Cunningham 2011).

Membrane fusion of the vacuole with the
secretory vesicles derived from the GA can con-
tribute to Ca2+ uptake of the vacuole (Cunning-
ham 2011), but two other Ca2+ transporting
mechanisms play main roles in providing the
vacuole with Ca2+: a primary energized Ca2+-
ATPase pathwaymediated by the plasma mem-
brane Ca2+ ATPase (PMC) and a secondary
energized Ca2+ exchanger pathway carried out
by the Ca2+/H+ exchanger (Cunningham and
Fink 1996; Miseta et al. 1999b; Samarao et al.
2009; Li et al. 2011; Pittman 2011). Ca2+-
ATPases belong to the P-type ATPase super-

family characterized by the formation of a
phosphorylated intermediate during the trans-
portation cycle (Okamura et al. 2003; Bublitz
et al. 2010). This superfamily is divided into five
families based on sequence similarities, phylo-
genetic analyses, and especially substrate spe-
cificities, with Ca2+-ATPase being grouped as
type II P-type ATPase (Okamura et al. 2003). In
contrast to the high-affinity property of the Ca2+-
ATPase, Ca2+/H+ exchanger has the character-
istics of low affinity but accompanied by high
capacity, which can transport Ca2+ to the vacuole
with high efficiency soon after a burst of cyto-
solic Ca2+ elevation (Pittman 2011).

S. cerevisiae Pmc1 was the first Ca2+ ATPase
identified and cloned from all organisms, which
displays 40% identical to the mammalian
plasma membrane Ca2+ ATPases (PMCAs). In
S. cerevisiae, pmc1 mutants sequestrate Ca2+ in
the vacuole at less than 20% of the wild type in
the standard medium (Cunningham and Fink
1994), and the mutants demonstrate sensitivity
to high concentrations of environmental Ca2+

(Cunningham and Fink 1996), suggesting that
Pmc1 probably plays predominant roles in Ca2+

sequestration in the vacuole. In the opportunis-
tic pathogen Cryptococcus neoformans, deletion
of pmc1 impairs blood-brain barrier transmi-
gration and alters the global gene expression
profile, including ure1 which encodes the viru-
lence factor urease (Squizani et al. 2018). In S.
cerevisiae, Pmc1 almost settles exclusively in
the vacuolar membrane, whereas in N. crassa,
the Pmc1 counterparts NCA-2 and NCA-3
localize in the vacuolar membrane as well as
in the plasma membrane (Bowman et al. 2011).
Mammalian PMCAs are solely positioned in the
plasma membrane and possess an autoinhibi-
tion domain at the C-terminus, and binding of
the Ca2+ sensor calmodulin with this regulatory
domain can release the activities of PMCAs
(Brini and Carafoli 2009). In S. cerevisiae,
Pmc1 has no C-terminal inhibitory region,
and the regulation takes place at the transcrip-
tion level (Cunningham and Fink 1996; Math-
eos et al. 1997). Hence, the expression level of
pmc1mRNA is upregulated as a response to the
elevated cytosolic Ca2+ level.

Vcx1 (vacuolar calcium exchanger), as the
first Ca2+/H+ exchanger identified in eukaryotes,
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was originally discovered to be important for S.
cerevisiae pmc1mutants to survive in high levels
of Ca2+ (Cunningham and Fink 1996; Miseta
et al. 1999b). Vcx1 had been demonstrated to
play a primary role in transporting Ca2+ to the
vacuole in S. cerevisiae. A similar phenomenon
is also observed in C. neoformans, which showed
that C. neoformans vcx1 null mutants had an
increased intracellular calcium concentration
(Kmetzsch et al. 2010). However, deletion of S.
cerevisiae vcx1 does not lead to obvious decrease
of vacuolar Ca2+ concentrations, and the mutant
does not exhibit sensitivity to high environmen-
tal Ca2+ (Cunningham and Fink 1996; Miseta
et al. 1999b), which is in sharp contrast to the
phenotypes of pmc1 mutant. In fact, Ca2+ trans-
port into the vacuole is mainly mediated by
Pmc1 and to a lower extent by Vcx1 resulting
from the regulation of calcineurin, the
calmodulin-dependent serine/threonine phos-
phatase. Calcineurin increases the expression
levels of Pmc1 and inhibits the activity of Vcx1
simultaneously (Cunningham and Fink 1996;
Kmetzsch et al. 2010). The exact reason for this
phenomenon remains unexplored, but one can
hypothesize that cells avoid Ca2+ overload by
not activating both Ca2+ transporters simulta-
neously.

Ca2+ can rapidly enter the vacuole via Vcx1, with the
stoichiometry of 1 Ca2+ ion per 2 or 3 H+ ions (Dunn
et al. 1994), immediately after the cytosolic Ca2+ con-
centrations are increased and prior to the complete
activation of calcineurin. The pH gradient across the
membrane of the vacuole is the prerequisite for Vcx1 to
function normally, which is administered by the H+

ATPase (V-type ATPase) in the vacuolar membrane
(Kakinuma et al. 1981). A sudden loss of vacuole acidity
might not only prevent Ca2+ influx into the vacuole but
also oppositely induce the Ca2+ efflux from the vacuole
via Vcx1 (Forster and Kane 2000). When the gene
encoding the H+ ATPase was mutated, yeast cannot
tolerate high concentration of Ca2+, further confirming
that acidification of vacuole is indispensable for Ca2+

efflux into lumen (Forster and Kane 2000).

Ca2+ could possibly be released from the
vacuole via Vcx1 in response to special condi-
tions (Cunningham 2011); however, the vacuole
is equipped with at least one Ca2+ channel spe-
cially responsible for Ca2+ release. Yvc1 (yeast
vacuolar conductance) is a homologue of mam-

malian Ca2+ channels from TRPC (transient
receptor potential canonical) family (Palmer
et al. 2001; Cunningham 2011; Yu et al. 2014),
which can convey Ca2+ and some other ions
such as K+ and Na+ across the membrane
(Chang et al. 2010). To date, three kinds of
Ca2+ channels have been identified: voltage-
gated channels, stretch-activated channels,
and ligand-gated channels (Carafoli et al.
2001). Studies on Yvc1 from isolated S. cerevi-
siae vacuoles indicate that it can be activated by
membrane stretch, suggesting that Yvc1 is a
mechanosensitive (stretch-activated) ion chan-
nel (Zhou et al. 2003; Loukin et al. 2008; Chang
et al. 2010). Another evidence suggests that
Yvc1 might also be a ligand-activated channel,
because phosphatidylinositol-3,5 bisphosphate
(PIP2) and Ca2+ itself can trigger Ca2+ release
from the vacuole via binding to Yvc1 (Dong
et al. 2010). Ca2+-induced Ca2+ release is com-
mon with the Ca2+ efflux from sarcoplasmic/
endoplasmic reticulum of mammalian cells
(Hernandez-Cruz et al. 1997; Ji et al. 2006).
Considering the fact that the vacuole is the
primary Ca2+ detoxifying organelle in the cell,
this mechanism might render Pmc1 and Vcx1 a
huge mission to sequester Ca2+ from the cyto-
plasm. At least one other Ca2+ channel, rather
than Yvc1, is situated in fungal vacuolar mem-
brane, because the ligand IP3 is able to trigger
Ca2+ release from the vacuole via the IP3 recep-
tor Ca2+ channel (IP3R) (Calvert and Sanders
1995; Silverman-Gavrila and Lew 2002), but the
isolated Yvc1 does not respond to IP3 stimula-
tion under numbers of patch-clamp conditions
in S. cerevisiae (Palmer et al. 2001). This IP3-
mediated Ca2+ channel induced by IP3 has not
been identified to date and needs further
exploitation.

Ca2+ Circulation Between the Golgi and the

Cytoplasm
The Golgi apparatus (or Golgi complex, GA)
was first discovered in 1898 by the Italian phy-
sician Camillo Golgi (Bentivoglio et al. 2011; Li
et al. 2013). During the next several decades,
debates still exit focusing on the existence of
this organelle in the cell. Now, it is clear that the
GA is an independent intracellular organelle,
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and it is constituted of stacks of flattened cis-
ternae with polarity, which are primarily
organized into three compartments: the cis-
Golgi network (CGN), the medial-Golgi, and
the trans-Golgi network (TGN) (Pizzo et al.
2011; Day et al. 2013). Although the overall
morphogenesis of the GA might vary slightly,
for example, the cisternae seem relatively dis-
perse in S. cerevisiae whereas compact in Schi-
zosaccharomyces pombe, their functions are
believed to be similar (Suda and Nakano 2012).

The GA is the processing factory and sort-
ing center in the cell, guaranteeing cargo pro-
teins to be modified, packaged, and sent to their
final destinations correctly (Nakano 2004; Pizzo
et al. 2011). Some processing enzymes in the
medial-Golgi or TGN utilized for glycosylation
need Ca2+ as the cofactor, while correct aggre-
gation of secretory proteins in the TGN relies
on the Ca2+ concentration in lumen, indicating
the GA might be an intracellular Ca2+ reservoir
(Micaroni and Mironov 2010; Pizzo et al. 2011;
von Blume et al. 2011). The GA contains Ca2+

ions at the high concentration, ranging from
10�4 to 10�3 M in mammalian cells (Li et al.
2013), which is distributed unevenly in differ-
ent subcompartments from CGN to TGN. In the
membrane of the GA, there exist the Ca2+

ATPase(s), responsible for transporting Ca2+

from cytoplasm to the GA lumen and the Ca2+

channel(s), releasing Ca2+ from the GA lumen
to the cytoplasm (Van Baelen et al. 2004; Pizzo
et al. 2011; Li et al. 2013).

Pmr1 (plasma membrane ATPase related)
was identified in S. cerevisiae (Rudolph et al.
1989) as the first Ca2+ ATPase found to be
situated in the GA, especially the medial-
Golgi, TGN, and secretory vesicles derived
from TGN (Antebi and Fink 1992; Durr et al.
1998). Further homologues of Pmr1 have been
identified from a variety of organisms, such as
other fungi, worms, insects, mammals, and
even bacteria (Yagodin et al. 1999; Van Baelen
et al. 2001; Raeymaekers et al. 2002; Bates et al.
2005; Cho et al. 2005; Buttner et al. 2013). Pmr1
belongs to the type II P-type ATPase, but it is
distinguished from another member of the type
II P-type ATPase, i.e., SERCA (sarcoplasmic/
endoplasmic reticulum Ca2+ ATPase) in at

least three aspects: (1) Pmr1 translocates one
Ca2+ ion at the expense of one molecule of ATP,
whereas SERCA can simultaneously transport
two Ca2+ per ATP molecule (Wuytack et al.
2003); (2) Pmr1 is able to transfer not only
Ca2+ but also Mn2+ (Ton et al. 2002); and (3)
ion transportation of Pmr1 is thapsigargin-
insensitive, whereas Ca2+ transport action of
SERCA is sensitive to thapsigargin (Wuytack
et al. 2003). The possible reason for the differ-
ence in transport efficiency between Pmr1 and
SERCA is that Pmr1 has only one Ca2+-binding
site, while SERCA has two (Wuytack et al.
2003). The fact that the unique ion-binding
site in Pmr1 can be occupied by either Ca2+ or
Mn2+ is probably due to the relatively low sub-
strate specificity of this Ca2+/Mn2+ ATPase (He
and Hu 2012).

S. cerevisiae lacks Ca2+ ATPase(s) in the plasma mem-
brane and ER membrane (i.e., PMCA and SERCA), and
Vcx1 function is inhibited by calcineurin activation.
These may suggest that Pmr1 and Pmc1 play the pre-
dominant role in maintaining the cytosolic homeosta-
sis. Deletion of pmr1 in S. cerevisiae leads to 16-fold
increase of cytosolic Ca2+ levels relative to wild type
(Ton et al. 2002). In the S. cerevisiae pmr1 mutants, the
expression level of pmc1 rises about fivefold, and Pmc1-
splicing variants might be localized in the GA, as the
compensatory mechanisms (Marchi et al. 1999; Miseta
et al. 1999a). Double deletion of pmr1 and pmc1 in S.
cerevisiae is lethal in standard medium. However,
repression of the calcineurin activity, which abolishes
the inhibition of Vcx1, will recover the viability
(Kellermayer et al. 2003). Different from the case in S.
cerevisiae, double deletion of pmr1 and pmc1 homolo-
gues in Aspergillus nidulans is not lethal, which proba-
bly results from Ca2+ detoxification carried out by the
Ca2+ ATPase(s) in the plasma membrane or in ER
membrane (Jiang et al. 2014a).

The GA, possessing about 5% of total intra-
cellular Ca2+ in LLC-PK1 cells (Pizzo et al.
2011), is suggested to be an exchangeable Ca2+

store; therefore, at least one channel is needed
to mediate Ca2+ release from the lumen to the
cytoplasm. IP3 receptor (IP3R) is a Ca

2+ channel
situated primarily in the sarcoplasmic/endo-
plasmic reticulum membrane, mediating Ca2+

influx from matrix to cytoplasm (Krizanova
and Ondrias 2003; Bezprozvanny 2005).
Recently, IP3R is found to reside in the GA as
well, because the intracellular second messen-
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ger IP3 is able to trigger Ca
2+ mobilization from

the GA, especially the CGN subcompartment
(Li et al. 2013). Ryanodine receptors (RyR) is
sarcoplasmic/endoplasmic reticulum-localized
Ca2+ channel that is responsible for the release
of Ca2+ from intracellular stores (Lanner et al.
2010). It has been demonstrated that RyR may
participate in Ca2+ release from the GA in rat
sympathetic neurons and exist in neonatal car-
diac myocytes as well (Cifuentes et al. 2001;
Lissandron et al. 2010). Therefore, it is possible
that RyR might also exist in GA membrane.
However, no IP3R and RyR Ca2+ channels
have been reported in the fungal kingdom.

III. Ca2+ Circuit from and to the
Endoplasmic Reticulum

Compared to the vacuole and the GA, ER (endo-
plasmic reticulum) is less important in seques-
tering Ca2+ from the cytoplasm in fungi.
Nevertheless, Ca2+ is maintained in the fungal
ER lumen, e.g., S. cerevisiae has about 10 mM
free Ca2+ in ER matrix (Ton et al. 2002; Li et al.
2013), which is crucial to the organelle’s func-
tion, especially in the perspective of protein
modification and folding, because a variety of
ER-resident enzymes are Ca2+-dependent
(Uemura et al. 2007; Losev et al. 2008). For
example, Calreticulin is the molecule chaperon
in ER contributing to correct protein folding,
which is also a Ca2+-binding protein with high
capacity (Parlati et al. 1995; Groenendyk et al.
2004; Brunner et al. 2012). There are many other
chaperons in the ER lumen, such as Calnexin,
endoplasmin, PDI (protein disulfide isomerase),
ERp (ER protein), and BiP (immunoglobulin-
binding protein) (Shnyder et al. 2008). They
corporately support correct protein folding in
a Ca2+-dependent matter [for details, please
refer to (Michalak et al. 2002; Groenendyk
et al. 2004; Coe and Michalak 2009)].

In mammalian cells, the Ca2+ ATPase replenishing ER
with Ca2+ is dependent on SERCA (sarcoplasmic/endo-
plasmic reticulum calcium ATPase), which was first
discovered in 1962 when sarcoplasmic reticulum frac-
tions were shown to accumulate Ca2+ at the expenses of
ATP hydrolysis (Carafoli and Brini 2000). SERCA

belongs to type II P-type ATPase, translocating Ca2+

and/or Mn2+ across the membrane at the expense of
ATP hydrolysis. In S. cerevisiae, no SERCA homologues
have been identified from the ER membrane, and par-
tial ER luminal Ca2+ is contributed by Pmr1 located
mainly in the GA. However, type V P-type ATPase
Cod1/Spf1 localized in the ER membrane can supple-
ment ER with Ca2+, although the substrate transfer and
the in vivo function of this P-type ATPase are not clear
yet (Cronin et al. 2002). S. pombe type V P-type ATPase
Cta4p is proven to have Ca2+-transporting activity cou-
pled with ATPase activity, and a S. pombe mutant lack-
ing cta4 has a sixfold excess of cytosolic Ca2+

concentration when compared to wild type (Lustoza
et al. 2011). On the contrary, there is SERCA homologue
in the ER membrane in N. crassa, namely, NCA-1,
which has been proved to be essential in maintaining
the calcium level (Bowman et al. 2011).

IV. Ca2+ Exchange Between
Mitochondria and the Cytoplasm

The mitochondrion is an essential intracellular
organelle for energy production, because the
tricarboxylic acid (TCA) cycle and the oxidative
phosphorylation coupled by the electron trans-
fer reactions take place in the lumen or across
the membrane (Pan et al. 2007; Katoh et al.
2008). Some dehydrogenases such as the pyru-
vate dehydrogenase, the oxoglutarate dehydro-
genase, and the isocitrate dehydrogenase
employed in the ATP creation procedures need
Ca2+ at high concentrations to increase enzyme
activities (Denton 2009; Santo-Domingo and
Demaurex 2010). Therefore, it is reasonable to
deduce that the inner Ca2+ concentration of the
mitochondria can be regulated to satisfy with
different physiological demands. In fact, it has
been established for a long period of time that
the mitochondria can sequester and release Ca2+

as a dynamic Ca2+ store (Ganitkevich 2003).
As other intracellular Ca2+ sinks, only a small
percentage of Ca2+ is freely available, and most
of it is bound by the buffers in the matrix,
probably membrane phospholipids and/or the
inner phosphate ions (Horikawa et al. 1998;
Pivovarova et al. 1999; Ganitkevich 2003).

To date, two routes mediating Ca2+ enter-
ing the mitochondria have been identified: a
saturable low-affinity uniporter pathway and
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a saturable rapid uptake mode (RaM) (Gunter
and Gunter 2001; Adiele et al. 2012). The mito-
chondrial Ca2+ uniporter (MCU) located in the
inner membrane is believed to be mainly
responsible for Ca2+ accumulation in this
organelle, which is driven by the mitochondrial
membrane potential established by the
electron-transport chain (Santo-Domingo and
Demaurex 2010; Samanta et al. 2014). MCU has
a high preference for Ca2+ and requires a high
concentration of external Ca2+ to open the gate.
This seems to be the reason why mitochondria
are always localized closely to the plasma mem-
brane and the ER membrane (in mammalian
cells), because clusters of mitochondrial Ca2+

channels can provide bursts of high concentra-
tions of Ca2+ (Michelangeli et al. 2005; Prole
and Taylor 2012; Takeuchi et al. 2015). MCU
have been identified in many eukaryotic cells
but are absent in S. cerevisiae (Kovacs-Bogdan
et al. 2014), while a recent report in the fungal
pathogen Aspergillus fumigatus demonstrated
that deletion ofmcuA, which is a putative mam-
malian MCU gene homolog, impaired the mito-
chondrial Ca2+ homeostasis and environmental
stress adaptation (Song et al. 2016).

RaM acts as another Ca2+ entry pathway in
the membrane of themitochondria and probably
owns more important physiological functions
than MCU (Buntinas et al. 2001; Bazil and Dash
2011). Different from MCU, RaM can mediate
Ca2+ influx in the resting state of cytosolic Ca2+

concentrations, supplying enough Ca2+ to acti-
vate the dehydrogenases using Ca2+ as a cofac-
tor. The RaM-mediated Ca2+ influx is terminated
immediately after its initiation, preventing over-
load of Ca2+ to the mitochondrial matrix
(Ganitkevich 2003). A considerable increase of
mitochondrial Ca2+ leads to the formation of the
permeability transition pore (PTP) in the mito-
chondrial membrane, a voltage-gating non-
specific channel with numerous subunits,
which can release a wide range of matrix materi-
als out of the mitochondria into the cytoplasm,
including Ca2+, via PTP itself or the impaired
mitochondrial membrane induced by environ-
mental stresses (Bernardi and Di Lisa 2014; De
Marchi et al. 2014).

Ca2+ can be released from the mitochon-
drion via PTP; however, Ca2+ efflux from the

mitochondrion is primarily mediated by two
other saturable pathways, a Na+-dependent
pathway (Ca2+/Na+ exchanger) and a Na+-
independent pathway (Ca2+/H+ exchanger)
(Pfeiffer et al. 2001; Molinaro et al. 2013; Tsai
et al. 2014). The Ca2+/Na+ exchanger transports
one Ca2+ ion out of the mitochondria matrix
and in return three Na+ ions into the lumen
(Pfeiffer et al. 2001). Therefore, Ca2+ release
from the mitochondria via the Ca2+/Na+

exchanger is accompanied by the accumulation
of the mitochondrial Na+ ions, which are sub-
sequently extruded out of the matrix via Na+/
H+ exchanger for recovering the previous ion
gradients (Blomeyer et al. 2013; Rueda et al.
2014). Distinct from the Ca2+/Na+ exchanger,
the H+/Ca2+ exchanger directly utilizes the
energy derived from the H+ potential across
the membrane to drive Ca2+ efflux out of the
mitochondria with the stoichiometry of n H+:
Ca2+, n � 2 (Pfeiffer et al. 2001; Ganitkevich
2003).

V. Ca2+ Signaling Pathways and Its
Primary Components in the
Cytoplasm

In addition to sequestering cytosolic Ca2+ in the
intracellular stores, eukaryotic cells also clear
Ca2+ out of the cytoplasm via the plasma mem-
brane Ca2+ ATPase (PMCA) and a Ca2+/ion
exchanger localized in the plasma membrane
(Herchuelz et al. 2013; Roome and Empson
2013). The first PMCA was identified from ery-
throcytes by Schatzmann in 1966. Afterwards,
these kind of Ca2+ pumps are found to exist in
almost all other eukaryotic cells (Carafoli and
Brini 2000). However, no PMCA homologues
have been characterized in fungi yet. In con-
trast, many researches have been performed on
the Ca2+ channels in the fungal plasma mem-
brane. There are two Ca2+ entry systems
responsible for extracellular Ca2+ influx: (1)
the high-affinity calcium channel (HACS),
which has high affinity for Ca2+ and works in
the environment containing Ca2+ at low con-
centration, and (2) the low-affinity calcium
channel (LACS), which has relatively reduced
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affinity for Ca2+ and works in circumstances
with a higher Ca2+ concentration (Muller et al.
2001; Cavinder et al. 2011; Martin et al. 2011)
(Fig. 1). The HACS is constituted of at least
three subunits: the stretch-activated Ca2+ chan-
nel Mid1 (mating-induced death); the voltage-
gated calcium channel Cch1 (calcium-channel
homologue); and the regulatory protein Ecm7
(extracellular matrix) (Ding et al. 2013). The
LACS is minimally comprised of the Fig1
protein (mating factor-induced gene) and a
PMP22-Claudin superfamily member (Brand
et al. 2007; Jiang et al. 2014b).

Mid1 was first identified in S. cerevisiae and is found to
be essential for this organism to mate in presence of

environmental Ca2+ at low concentrations (Iida et al.
1994; Kanzaki et al. 1999). During the mating cycle, the
two haploid cells of opposite mating types (MATa and
MATa) fuse to form a diploid zygote (Fischer et al.
1997), which is initiated by binding of pheromone (a
factor or a factor secreted by MATa and MATa) to the
receptor in the membrane of the other mating type.
Then, a series of programmed actions are induced,
such as agglutination of cells, regulation of the cell
cycle, and differentiation of the cell into shmoos (dif-
ferentiated cells with projects for mating), accompa-
nied by Ca2+ influx from extracellular environments.
S. cerevisiae lacking Mid1, Cch1, or both cannot com-
plete the mating procedure and finally die upon the
pheromone treatment (Iida et al. 1994; Muller et al.
2001). In Aspergillus species, deletion of cchA or midA
causes the defects in the conidiation, hyphal polarity,
and cell wall integrity in A. nidulans (Wang et al. 2012).
In comparison, the A. fumigatus midA deletion mutant
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Fig. 1 Scheme model of calcium signaling in eukaryotic
cells. Calcium enters through the HACS and/or LACS or
is released from calcium stores, mitochondria, and
vacuole. Then, Calcineurin binds to the calmodulin-

Ca2+ complex and dephosphorylates nuclear the tran-
scription factor Crz1 in the cytoplasm, leading to its
nuclear translocation. Crz1 subsequently activates
downstream genes
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is hypervirulent in the immunosuppressed mice model
(Jiang et al. 2014b). In addition, a coimmunoprecipita-
tion test demonstrated that Mid1 and Cch1 in S. cere-
visiaemight assemble to form a Ca2+ channel (Liu et al.
2006). It is suggested that Mid1 acts as a regulatory
subunit, whereas Cch1 is the catalytic subunit in the
HACS; however, Mid1 expressed in COS7 or CHO cells
demonstrates the ability of Ca2+ transfer, indicating
that Mid1 can function independently (Liu et al.
2006). In rich media containing Ca2+ at high concen-
trations, the HACS activity to mediate Ca2+ influx is
inhibited by calcineurin, while the LACS is stimulated
to play the role as Ca2+ channel in response to phero-
mone treatment (Muller et al. 2003; Aguilar et al. 2007;
Yang et al. 2011), although its affinity for Ca2+ is 16-fold
lower than the HACS (Muller et al. 2001). In A. nidu-
lans, lacking of the putative LACS components FigA
leads to defects in hyphal growth and development
(Zhang et al. 2014).

One important question regarding Ca2+ sig-
naling is how signals and cellular events couple
specifically, i.e., how Ca2+ signaling is encoded
and decoded. Recent studies demonstrate that
Ca2+ signaling is not only transmitted by Ca2+

concentrations but also by temporal and spatial
messages (Flegg et al. 2013). The specific Ca2+

profile corresponding to a given stimulation is
often termed Ca2+ signature or Ca2+ code
(White and Broadley 2003). Those Ca2+

pumps, exchangers, antiporters, and channels
all participate in shaping Ca2+ signals. In the
cytoplasm, a set of EF-hand proteins function
as Ca2+ buffers in shaping the Ca2+ signals.
However, the majority of the EF-hand proteins
acts as Ca2+ sensors, which deliver Ca2+ signals
downstream via interaction with target
enzymes after conformational changes (Schwal-
ler 2010). Calmodulin (CaM) is the well-known
representative of Ca2+ sensors, which has a
wide range of downstream target proteins,
including calcineurin, a conserved serine/thre-
onine phosphatase composed of the catalytic
subunit calcineurin-A (CnA) and the regulatory
subunit calcineurin-B (CnB) (Rusnak and
Mertz 2000). CnA contains four primary
regions: the N-terminal catalytic domain simi-
lar with other phosphatases; CnB-binding
region; CaM-binding segment; and C-terminal
autoinhibitory region (Baksh and Burakoff
2000; Rusnak and Mertz 2000). CnA alone has
relatively a low phosphatase activity, but asso-

ciation with CnB enhances its activity greatly,
probably resulting from repressing the autoin-
hibition (Perrino et al. 1992). CnB is homolo-
gous to CaM, and they may play similar roles in
CnA activation (Stemmer and Klee 1994). Cal-
cineurin also has a broad range of downstream
substrates, i.e., the ion channels, the RCN
(regulators of calcineurin) family, and the tran-
scription factor, such as Crz1 (crazy). Dephos-
phorylation of Crz1 by calcineurin results in its
translocation from the cytoplasm to the nucleus
to initiate a number of target genes, including
pmr1 and pmc1, whose encoding proteins are
Ca2+ ATPases pumping Ca2+ back into their
respective Ca2+ stores as a feedback response
(Liu et al. 2015; Chatfield-Reed et al. 2016). In S.
cerevisiae, Ca2+ signals are always transmitted
by the calmodulin-calcineurin-Crz1 pathway
and finally translated into particular cellular
events (Cyert 2003). A recent study in C. neofor-
mans revealed that Crz1 is also capable of acti-
vating some downstream targets independently
of calcineurin activation during thermal stress
(Chow et al. 2017). In addition to the transcrip-
tion factor Crz1, our previous work showed that
AkrA, a homologue of S. cerevisiae palmitoyl
transferase Akr1, plays a vital role in maintain-
ing calcium homeostasis in Aspergilli. The akrA
deletion mutant showed significantly decreased
cytosolic-free Ca2+ levels induced by external
stresses including high extracellular Ca2+

stress, ER stress, and membrane stress, suggest-
ing that posttranslational modification may
also be involved in cytosolic Ca2+ homeostasis
in Aspergilli (Zhang et al. 2016).
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