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Preface

Heart valves (HVs) are cardiac structures that ensure unidirectional blood flow
during the cardiac cycle. However, this description does not adequately describe
their biomechanical function, which is multimodal, and their loading cycle is
repeated every second. While they are primarily passive structures driven by forces
exerted by the surrounding blood and heart, this description also does not adequately
describe their elegant and complex biomechanical performance. The semilunar
valves (pulmonary (PV) and aortic (AV)) prevent retrograde flow back into the
ventricles during diastole, while the atrioventricular valves (tricuspid (TV) and
mitral (MV)) prohibit reverse flow from the ventricle to the atrium during systole.
They must replicate this feat with each heartbeat; over a single lifetime, HVs will
open and close at least 3 � 109 times.

As in many physiological systems, one can approach heart valve biomechanics
from a multi-length scale approach, since mechanical stimuli occur and have bio-
logical impact at the organ, tissue, and cellular scales. For example, valve interstitial
cells (VICs) are known to respond to local tissue stress by altering cellular stiffness
through valvular remodeling and valvular pathologies. On the other hand, the fact
that AV diseases preferentially occur in the aortic side (fibrosa) of the valvular
leaflets, where they are exposed to unstable flow conditions, highlights the impor-
tance of shear in AV biology and pathobiology. Another important point is that
valvular extracellular matrix (ECM) is composed of dense network of collagen,
elastin, and GAGs and is thus functionally and mechanically very different from
other cardiovascular structures (e.g., blood vessels, myocardium). In fact, valvular
ECM is structurally and behaves mechanically much more like the dense planar
connective tissues of the musculoskeletal system. They are unique, however, in that
they must function within a blood-contacting environment and are thus coated with
endothelial cell monolayer. Moreover, there is evidence that endothelium/interstitial
cell communication may play an important role in valvular ECM homeostasis. Yet,
despite its clinical importance, the unique and demanding valvular biological/bio-
mechanical environment is relatively unexplored, with most research focusing on
valvular prosthetic design and development. In addition to deepening our
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understanding of physiological and biological function, simulation and imaging
technologies have reached a level of sophistication that major contributions to
medicine and pathophysiology are now possible. Heart valves represent one of the
most demanding areas in cardiovascular simulation due to issues such as complex
3D surface geometry, rapid motion, hemodynamic force levels, complex tissue
mechanical behavior, and strong mechanical interactions with the surrounding
cardiac and vascular structures. This book focuses on heart valve functional biome-
chanics. Specifically, we refer to the unique aspects of valvular function, valvular
mechanobiology, mechanical behavior at various hierarchical levels, tissue
remodeling in repair/regeneration, hemodynamics, assessment technologies, and
simulation technologies that achieve this remarkable feat.

The editors would like to thank all the chapter contributors, whose hard work,
invaluable support, and patience made this book possible.

Austin, TX, USA Michael S. Sacks
Arlington, TX, USA Jun Liao
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Biological Mechanics of the Heart Valve
Interstitial Cell

Alex Khang, Rachel M. Buchanan, Salma Ayoub, Bruno V. Rego,
Chung-Hao Lee, and Michael S. Sacks

Abstract Heart valves are composed of multilayered tissues that contain a popula-
tion of vascular endothelial cells (VEC) on the blood contacting surfaces and valve
interstitial cells (VIC) in the bulk tissue mass that maintain homeostasis and respond
to injury. The mechanosensitive nature of VICs facilitates the regulation of growth
and remodeling of heart valve leaflets throughout different stages of life. However,
pathological phenomenon such as mitral valve regurgitation and calcific aortic valve
disease lead to pathological micromechanical environments. Such scenarios high-
light the importance of studying the mechanobiology of VICs to better understand
their mechanical and biosynthetic behavior. In the present chapter, we review use of
novel experimental-computational techniques to link VIC biosynthetic response to
changes in in vivo deformation in health and disease. In addition, we discuss the
development of tissue-level models that shed light on the biomechanical state of
VICs in situ. To conclude, we outline future directions for heart valve
mechanobiology including model-driven experiments and highlight the need for
high-fidelity, multi-scale models to link the cell-, tissue-, and organ-level events of
heart valve growth and remodeling.
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Model-driven experiments · 3D hydrogel culture · Remodeling · Cell mechanics ·
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1 Introduction

Proper blood flow through the heart is made possible through healthy and function-
ing heart valves. The heart has four valves: the mitral (MV), aortic (AV), pulmonary
(PV), and tricuspid valve (TV). The MV and TV are atrioventricular valves and
control blood flow from the atria to the ventricles, whereas the PV and AV are
semilunar valves and regulate blood flow through the pulmonary artery and aorta,
respectively. The MV and AV are on the left side of the heart and help in
transporting oxygenated blood from the lungs to the rest of the body. On the right
side of the heart, the TV and PV guide the flow of deoxygenated blood from the body
to the lungs. Heart valves perform within a highly mechanically demanding envi-
ronment and undergo tension, flexure, and shear stress throughout the cardiac cycle
[1]. At the left side of the heart, the AV and MV experience greater transvalvular
pressures (80 and 120 mmHg, respectively) than the PV and TV do at the right side
of the heart (10 and 25 mmHg, respectively) [2]. Previous work has shown that heart
valves experience mean peak strain rates of 300–400% s�1 in the radial direction and
100–130% s�1 in the circumferential direction [3–6]. The complex mechanical
demands of the heart system highlight the need for repair and remodeling mecha-
nisms of valvular tissues.

Heart valves are known to remodel and repair throughout life [7]. All heart valves
contain leaflets composed of multilayered, high-functioning tissues designed to
withstand the above driving stresses. For example, the AV has three distinct layers:
the collagen-rich fibrosa, the spongiosa which contains a high concentration of
proteoglycans, and the ventricularis that features dense collagen and elastin fiber
networks [7, 8]. In contrast, the MV has four distinct layers in the central leaflet
region: the spongiosa, fibrosa, ventricularis, and a fourth layer called the atrialis that
faces towards the atria. In semilunar heart valves, the fibrosa layer faces towards the
aorta while the ventricularis faces towards the ventricle and the spongiosa is located
in between both. In atrioventricular heart valves the ventricularis also faces the
ventricle and is adjacent to the fibrosa. The spongiosa layer lies between the fibrosa
and atrialis. Recent evidence has shown that the spongiosa is essentially a special-
ized extension of the fibrosa and ventricularis layers, both in terms of mechanical
functionality and extracellular matrix (ECM) components [9, 10]. The unique
organization of valve leaflet layers and underlying ECM components allow for the
simultaneous and proper function of semilunar and atrioventricular heart valves,
accounting for the differences in location within the heart and orientation to the
direction of blood flow. Previous studies have quantified in detail the transmural
structural heterogeneity in heart valve leaflet tissues, and have elucidated the role
that this unique and finely regulated ECM architecture plays in maintaining a
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homeostatic distribution of stress in vivo [11, 12]. These regulatory functions occur
at the hands of the underlying VICs embedded throughout all layers. VICs are
mechanocytes and are sensitive to their mechanical environment. They display
multiple, reversible phenotypes and remain quiescent under normal conditions and
behave similarly to fibroblasts. In response to pathological alterations in force and
hemodynamics, VICs display a myofibroblast phenotype. Valvular damage causes
VICs to upregulate ECM biosynthesis and become contractile through expression of
alpha-smooth muscle actin (α-SMA). Moreover, further investigations have shown
that the geometry, deformation, and biosynthetic behavior of VICs depend highly on
local mechanical properties of the surrounding ECM [12–15].

Recent work has reinforced the hypothesis that VIC deformation is a major driver
in regulating heart valve repair and remodeling mechanisms [16–18]. VIC response
to deformation may be motivated by biological pressure to return to a homeostatic
state through remodeling of the leaflet ECM [12, 18]. However, little is known about
the underlying mechanisms that make this possible. For example, it is unclear
whether the intrinsic stiffness of VICs or the stiffness of the environment plays a
role in this process. In addition, more work is necessary to link cellular deformations
to biosynthetic activity and relate these observations to in vivo function. Multi-scale
approaches that utilize both experimental and computational techniques are thus
required to study the complex biomechanical states of VICs [19].

2 Major Questions and Challenges

It has long been hypothesized that deformation plays a critical role in regulating the
biosynthetic activity of mechanocytes and therefore governs catabolic mechanisms.
In the case of heart valves, cyclic loading causes the deformation of VICs, which in
turn provides the mechano-regulation necessary for maintaining homeostasis. Alter-
ations in force and hemodynamics can cause VICs to display an activated,
myofibroblast phenotype and increase matrix remodeling activity. If activation
persists, drastic changes in valve leaflet structure and function can occur, furthering
the onset of disease.

In certain disease states such as myxomatous mitral valve degeneration and
calcific aortic valve disease (CAVD), the pathological tissue structure plays a large
role in the mechano-regulation of VIC biosynthetic activity. Myxomatous mitral
valve degeneration can occur due to alterations in mechanical stress and genetic
abnormalities [20]. Some hallmarks of this disease include an increase in
glyosaminoglycans within the spongiosa layer, degradation of collagen, and frag-
mentation of elastin networks. The net effect of the ECM remodeling causes the
leaflet tissue to thicken and weaken. This in turn induces VICs to become activated
and increase expression of proteolytic enzymes. In addition, VICs begin to prolifer-
ate within the spongiosa layer. These symptoms can result in mitral valve regurgi-
tation due to “floppy” mitral valve leaflets. On the other hand, CAVD is caused by
calcium accumulation onto aortic valve leaflets. As the disease progresses, the valve
leaflets thicken, and calcium nodules begin to form. This occurs due to VICs
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undergoing phenotypic transitions to an osteoblastic phenotype leading to the
secretion of bone-like ECM [21]. Late stages of CAVD can cause the aortic valve
to be less efficient, resulting in aortic stenosis, severe obstruction to cardiac outflow
from the left ventricle.

Myxomatous mitral valve degeneration and CAVD highlight the role of
VIC-ECM interactions in valvular disease. VIC deformation and thus biosynthetic
regulation is dependent upon these interactions. Due to these reasons, a need exists
to study VIC-ECM coupling to better understand valve disease in the hope of
engineering effective therapeutics. A need also exists to elucidate the intricate
relationship between VICs and VECs. VIC phenotype is highly dependent upon
chemokines and cytokines excreted by VECs. Factors like endothelin-1 and
transforming growth factor beta (TGF-β1) can directly affect the contractility and
activation levels of VICs, respectively. Future efforts should also be directed
towards investigating the synergistic effects of mechanical stimulation, VIC-ECM
coupling, and VIC-VEC interactions on repair and remodeling mechanisms.

Studying the behavior of VICs under physiologically relevant conditions is of the
utmost importance for developing accurate and trustworthy models. Popular
methods among researchers to study VIC biology and mechanics include
two-dimensional cultures and assays. Although these studies are insightful, they
fall short of mimicking the complexity of the native VIC microenvironment and fail
to elicit accurate behavior of VICs. To circumvent this issue, some researchers have
resorted to using valve leaflet explants for mechanobiological studies and utilizing
soft hydrogel matrices to seed and study VICs in 3D. Such environments allow for
the examination of cellular deformation, specifically nuclear deformation, in
response to mechanical loading. In recent years, nuclear aspect ratio (NAR), the
dimensionless ratio between the nuclear major and minor axes, has been used as a
cell-scale metric for correlating mechanical stimulation with biological function
[13, 18, 22, 23]. Analysis of NAR has been tremendously valuable in studying the
underlying mechanobiology responsible for valve tissue remodeling and repair.
However, rigorous elucidation of the role that cellular deformation plays in homeo-
static regulation of normal and diseased valves remains a challenge. In addition,
more work is needed in studying the role of pathological tissue structure in local VIC
mechano-regulation. In this review, contemporary approaches for the study of VIC
mechanobiology and the associated cellular phenomena are summarized.

3 Advances in Investigating VIC Mechanobiology

3.1 Isolated Cell Studies

3.1.1 Overview

The mechanosensitive nature of VICs allows for the maintenance and repair of
valvular tissue. Ex situ observations of valve leaflets from the four heart valves
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reveal that leaflets belonging to the left side of the heart (AV and MV) are far stiffer
than those from the right side of the heart (PV and TV) [24–26]. This is most likely
due to the stark difference in transvalvular pressure (TVP) between the two sides. It
is hypothesized that since the left side of the heart experiences higher TVP, larger
stresses are imposed on the underlying VICs, thus inducing them to form more
developed cytoskeletal networks and increase collagen production. To test this
hypothesis, techniques like micropipette aspiration (MA) and atomic force micros-
copy (AFM) are used to measure the stiffness of VICs isolated from leaflets of all
four valves [24, 25, 27]. Protein assays are performed to compliment the single-cell
mechanical tests and provide insight into how VIC biosynthetic behavior varies
between valves. These studies are a crucial first step in studying the biophysical state
of VICs and how it is altered with respect to the mechanical demands of the cellular
milieu.

3.1.2 Micropipette Aspiration Studies of VIC Biomechanical Behaviors

VICs isolated from all four heart valves were cultured and used for MA stiffness
measurements and protein quantification assays. For MA measurements, VICs were
suspended in culture media and tested with micropipettes with inner diameters
ranging from 6 to 9 μm (Fig. 1a). The pressure through the micropipette was
adjustable and used to achieve consistent testing of VICs using the following
protocol: (1) an initial tare pressure (~50 Pa for 60 s) was applied to capture cells
and form a seal in between the cell and micropipette, (2) the pressure was increased
to ~250 Pa and held consistent for 120 s, and (3) the pressure was then increased to
~500 Pa and held for the last 120 s of the test. Extended experimental details can be
found here [27]. The actual pressure applied at each phase was recorded and images
throughout the test were captured with a camera coupled with a bright-field micro-
scope. From the images, the aspiration length of the cell was measured. VIC
effective stiffness (Eeff) was determined through use of a half-space model (punch
model) that models the cell as an isotropic, elastic, incompressible half-space
material [28] and was determined from the following equation:

Eeff ¼ Φ ηð Þ 3rð Þ= 2πð Þ½ � ΔP=Lð Þ ð1Þ

where Φ(η) is a dimensionless parameter determined from the ratio of the micropi-
pette inner radius to the wall thickness with a set value of 2.1, r is the radius of the
micropipette inner radius, and ΔP/L is the change in applied pressure divided by the
aspiration length. Here, Eeff is used as a convenient parameter to compare the
intrinsic stiffness of the different VIC types.

It was observed experimentally that pulmonary and tricuspid VICs (PVIC and
TVIC, respectively) displayed a larger aspiration length in response to the applied
pressure compared to mitral (MVICs) and aortic VICs (AVICs). This translates to
AVICs and MVICs being significantly stiffer than PVICs and TVICs (Fig. 1b). VICs
from the same side of the heart (i.e., AVICs and MVICs) did not vary significantly in
Eeff however. It was found that the Eeff of the various VIC types was linearly related
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to the maximum TVP felt by each valve suggesting that VIC stiffness is, at the least,
correlated to the stress present within the microenvironment (Fig. 1c).

Elisa protein assays were performed on both in vitro and in situ VICs specifically
to assess the levels of smooth muscle actin (SMA) and heat shock protein
47 (HSP47) among the different valve types. SMA is present within VICs displaying
an activated phenotype and is hypothesized to alter the cellular stiffness and play a
role in collagen biosynthesis, thus making it a protein of interest. Production of type I
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Fig. 1 (a) Mechanical evaluation of a VIC via micropipette aspiration. (b) The effective stiffness of
the various VIC types evaluated from micropipette aspiration. (c) VIC effective stiffness with
respect to the maximum transvalvular pressure (TVP) of the different heart valves. (d) α-SMA and
(e) HSP47 absorbance determined via ELISA plotted against the effective stiffness of the various
VIC types. Modified from [27]
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collagen has been shown to be dependent upon HSP47 and therefore HSP47 serves
as a surrogate for the level of collagen biosynthesis [29]. Analysis of the in vitro
Elisa results shows higher levels of SMA and HSP47 among valve cells from the left
side of the heart (Fig. 1d, e respectively). In situ results display a similar trend as
well. When taken together, these results suggest that VICs residing within the MV
and AV adapt to the higher levels of stress through regulation of cytoskeletal
organization and higher collagen production rates.

3.1.3 Microindentation Studies

AFM is another method used to measure the stiffness of VICs through deforming the
cells with a cantilever [30]. In short, the test samples are prepared by seeding VICs in
a monolayer onto collagen coated glass coverslips.

AFM measurements were performed using the “tapping mode” in which the
cantilever makes ~70 indentations in a rectilinear grid sampling pattern for every
VIC (Fig. 2a). Stiffness (E) is calculated from this method using the following
equation:

Fig. 2 (a) Height map developed from atomic force microcopy measurements of a VIC. (b)
Representative applied force vs. indentation depth generated from atomic force microscopy mea-
surements. The experimental data is fit to Eq. (4) and E is backed out from the resulting fit. (c) AVIC
and PVIC stiffness computed from atomic force microscopy measurements ranked in order of
magnitude. (d) Average AVIC and PVIC stiffness. From [30]
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E ¼ F 1� υ2ð Þ
π �Φ δð Þ ð2Þ

where υ is the Poisson’s ratio (0.5 due to incompressibility assumption), F is the
force applied on the VIC by the AFM tip, and Φ(δ) is a function of the conical tip
probe geometry defined as [31]:

Φ δð Þ ¼ δ2
2 � tan αð Þ

π2

� �
ð3Þ

where α represents the probe opening angle (35�) and δ denotes the indentation depth
of the probe. Incorporation of Eq. (3) simplifies Eq. (2) to the following:

E ¼ F

0:594 � δ2 ð4Þ

E was then determined from fitting the experimental data to Eq. (4) (Fig. 2b). Similar
to the previously mentioned MA studies, E serves as a parameter for comparison
between the various VIC types.

The E values obtained from ~70 AFM measurements (Fig. 2c) were averaged for
each VIC and it was shown that AVICs were approximately twice as stiff as PVICs
(Fig. 2d), consistent with the observations made with MA. However, VIC stiffness
reported from the AFM measurements were approximately 100 times larger than
those obtained from MA and is consistent with studies performed on other cell types
[32–35]. The drastic differences may be owing to the assumptions of the models
used to describe VIC mechanical behavior and the difference in deformation
methods. AFM utilizes a localized force to make measurements whereas MA tests
a larger region. Intuitively, a localized measurement would be largely affected by the
stiffness of nearby cellular components like local stress fibers and the nucleus
whereas measurements made in larger regions would consider cell membrane
properties and the local cytoskeleton network. Although deviations are present in
the absolute stiffness values from both techniques, the general trend observed among
different types of VICs is consistent.

3.1.4 Isolated VIC Mechanical Models

The disparity between stiffness measurements from MA and AFM may arise not
only from the difference in deformation modes but also the activation state of the
VICs and the corresponding levels of α-SMA expression during the experiment.
During MA, VICs are presumably in an inactivated state due to the lack of adhesion
and during AFM experiments they are assumed to be highly activated resulting from
adhesion on a 2D substrate. The disparity between stiffness measurements arising
from different experimental techniques and VIC activation states suggests that
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analysis of the effective stiffness of VICs alone is insufficient and a need exists for
more rigorous methods to better understand VIC mechanobiology. To accomplish
this, isolated VIC mechanical models were developed which incorporated the
orientation of the cytoskeletal network, the relative expression of α-SMA stress
fibers, and the mechanical properties of the nucleus [24, 25].

The model was designed to estimate the effective mechanical behaviors of the
major VIC subcellular components by integrating the MA and AFM experimental
data from both AVICs and PVICs (Fig. 3). Analysis of the MA data required
consideration of the cellular components assumed to most likely contribute during
the experiments, namely the passive stress fibers and the cytoplasm. Modeling the
respective contributions of these subcellular components using a shear modulus
allows for a single parameter to represent their mechanical state, simplifying deter-
mination of differences between VIC types. The first step in developing this model is
taken from the MA data analysis [27], where the total Cauchy stress T was consid-
ered the sum of the passive cytoskeletal and passive (i.e., inactive) stress fibers

T ¼ Tcyto þ T sf ð5Þ

μsf=390 Pa μcyto=5.0 Pa

f μnuc

A. Micropipette Aspiration

B. AFM on Peripheral Region

C. AFM on Central Region

μsf μcyto

f μnuc

μsf μcyto

f μnuc

μsf, μcyto

μsf, μcyto, f

Fig. 3 (a) Data from micropipette aspiration experiments are used to calibrate the shear modulus of
the stress fibers (μsf) and the cytoplasm (μcyto). (b) Using the previously determined parameters and
atomic force microscopy data from peripheral regions of VICs, the contraction force ( f ) is
computed. (c) The shear modulus of the nucleus (μnuc) is calculated last, incorporating all the
previously determined parameters and atomic force microscopy measurements made over the
nucleus. From [24]
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Next, from the AFM experiments, contributions from the cytoplasm, passive
stress fibers, stress fiber active stress ( f ), and the nucleus were considered in the
total Cauchy stress using

T ¼ Tcyto þ Tsf þ T f þ Tnuc ð6Þ

For parameter optimization, the MA data was first used to back out the shear
modulus of the stress fibers (μsf) and the cytoplasm (μcyto) (Fig. 3a). Briefly, the
cytoskeleton was modeled as an isotropic hyperelastic material using a nearly
incompressible neo-Hookean model. The passive component of individual α-SMA
fibers was modeled as a transversely isotropic material and both these components
were incorporated into the expanded total Cauchy stress equation used for MA
analysis

T ¼ 2
1
J
F

∂
∂C

μcyto

2

�
�I1 � 3

�þ 1
2
K ln Jð Þ2

� �
FT

þ 1
4π

ð2π
0

ðπ
0

H I4 � 1ð Þ2I4
J

∂
∂I4

μsfφsf

2
I4 � 1ð Þ2

� �
m
O

m

� �
sin θdθdϕ

ð7Þ

The parameters μcyto and μsf were calibrated through minimization of the least
square error between the simulated and experimental aspiration lengths while
taking into consideration the applied pressure and normalized α-SMA expression
levels (φsf ).

After proper calibration of these parameters, AFM data obtained on peripheral
regions of VICs was used to back out the contractile force ( f ) of the stress fibers
(Fig. 3b) using the following expanded total Cauchy stress equation for AFM
analysis

T ¼ 2
1
J
F

∂
∂C

μcyto

2

�
I1 � 3

�þ 1
2
K ln Jð Þ2

� �
FT

þ
ð2π
0

ðπ
0

Γt mð ÞH I4 � 1ð Þ2I4
J

∂
∂I4

μsfφsf

2
I4 � 1ð Þ2

� �
m
O

m

� �
sin θdθdϕ

þ
ð2π
0

ðπ
0

Γt mð Þf •φsf I4
J
m
O

m

� �
sin θdθdϕ

ð8Þ

After finding the parameter f, AFM data on the central region (above the nucleus)
was used to calibrate the respective shear modulus of the nuclei (μnuc) (Fig. 3c) by
replacing the first term of Eq. (8) with
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T ¼ 2
1
J
F

∂
∂C

μnuc

2

�
�I1 � 3

�þ 1
2
K ln Jð Þ2

� �
FT ð9Þ

and minimizing the least square error between simulated and experimental indenta-
tion depth vs. force data. Detailed information on the formulation of the model can
be found in [24].

Simulations demonstrated that AVICs displayed a ~10 times stronger contractile
force than PVICs, highlighting the model’s ability to account for the higher levels of
α-SMA expression within AVICs (Fig. 4a). Similarities in nuclear stiffness between
AVICs and PVICs were also captured by the model (Fig. 4b). This suggests that any
major difference in stiffness between the VIC types is most likely due to the stiffness
of α-SMA and not the nucleus. Modifications to the model were made to consider
f-actin and α-SMA expression levels along with stress fiber orientation, strain rate
effects, and the relation between stress fiber length and tension [25]. The model
outputted AVIC contraction strength under various activation scenarios and it was
found that contraction strength was greatest when the cells were treated with
activation inducing transforming growth factor beta 1 (TGF-β1) and then with
90 mM of potassium chloride (KCL). The adjusted model was also able to showcase
that inhibiting stress fiber formation through use of Cytochalasin D was effective in
reducing cellular contraction strength.

These studies demonstrate that isolated cell models are beneficial tools for
discovery and offer an explanation for the difference in stiffness levels observed
between VIC types and also between testing methods. These models mark a crucial
first step in capturing the mechanical behavior of VICs. In addition, they have the
potential to be incorporated into multi-scale models and be adapted to represent the
mechanics of VIC populations. Future work will focus on coupling VIC mechanical
models with agent-based models to thoroughly capture the biomechanical and
biosynthetic cellular events occurring within valve leaflet tissues.
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Fig. 4 (a) The contraction strength of AVICs and PVICs backed out from the isolated VIC
mechanical models. The model predicts that AVICs display a larger contraction strength than
PVICs. (b) There was no significant difference between the nucleus shear modulus of AVICs and
PVICs as determined from the model. From [7]
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3.2 In Situ Tissue-Level Evaluation of VIC Contraction
Behaviors

3.2.1 Overview

To elicit accurate biological behavior, physiologically relevant forms of deformation
are desirable in mechanobiological studies. Planar membrane tension and flexural
deformation testing are two highly suitable methods that aim to mimic the natural
strain experienced by heart valve leaflets. While biaxial tensile testing has proven
highly effective for characterizing the mechanical properties of the native leaflet and
individual tissue layers [10, 11], flexure-based approaches are advantageous in two
regards: (1) it is extremely sensitive at low stresses and strains and (2) it can reflect
differences in ECM components and architecture throughout the different layers of
the valve leaflets. In addition, beam-bending models, such as the Euler-Bernoulli
relation [36], can be utilized to determine an instantaneous effective modulus Eeff of
the valve leaflet tissue to gauge VIC contraction behavior and biophysical state from
tissue-level studies.

3.2.2 VIC-ECM Coupling and Bidirectional Valve Leaflet Bending
Response

Flexural deformation tests have been used to show significant increases in Eeff

arising from cellular contraction (90 mM KCL). This form of testing has also been
used to capture a decrease in Eeff with the loss of the cellular basal tonus (Fig. 5) [37].

Fig. 5 Tissue effective stiffness of normal and contraction inhibited (thap) aortic valve leaflet test
specimens bent with (WC) and against (AC) curvature after treatment with 5 mMKCL (normal) and
90 mM KCL (hypertensive). The tissue effective stiffness was computed from the derivative of the
moment vs. curvature plots. The effective stiffness increased significantly in the against curvature
direction after treatment with 90 mM KCL. From [37]
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In short, this is done through tracking dots placed along the transmural cross
section of the test specimen excised from AV leaflets (Fig. 6a) to keep track of its
change in curvature (Δк) from an initial, reference configuration. The moment (M )
for each Δк is calculated throughout the test andM vs. Δк plots are generated. From
these plots, the tissue effective stiffness Eeff is determined through use of the Euler-
Bernoulli relation:

M

I
¼ EeffΔκ ð10Þ

where I is the second moment of inertia and a function of the sample dimensions

I ¼ t3w
12

� 	
. For more experimental details, the reader is referred to the following

references [37–39]. The moment-curvature plots also revealed the direction-
dependent bending response of AV leaflets (Fig. 6b, d). Valve leaflet tissues were
bent “with” and “against” the natural leaflet curvature (WC and AC, respectively,
Fig. 6c) and it was observed that the tissue modulus was greatest when bent in the AC
direction. This is so due to the highly organized and collagen-rich fibrosa layer being
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Fig. 6 (a) Testing specimens are excised from aortic valve leaflets. (b) Representative
moment vs. curvature plot of an aortic valve leaflet specimen under normal (5 mM KCL) and
hypertensive (90 mM KCL) conditions. (c) Broad overview of mechanical testing experimental
protocol subjecting leaflet specimens to bending deformations with and against curvature. The
aortic valve layers (V ventricularis, S spongiosa, F fibrosa) were noted to ensure proper orientation
of the valve specimen while testing. (d) Representative moment vs. curvature plot of aortic valve
leaflet specimen treated with a stress fiber inhibiting solution (thapsigargin) under normal (5 mM
KCL) and hypertensive (90 mM KCL) conditions. Modified from [37]
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under tension, causing a rise in Eeff. When bent in the WC direction, the ventricularis
is under tension and as a result the tissue effective modulus was much lower owing to
the collagen and compliant elastin fibers residing within that layer. The bending
response of AV leaflets was found to be linear in both bending directions (Fig. 6b, d),
which is unlike that of the nonlinear planar tensile tissue response [40, 41].

3.3 Interlayer Micromechanics of the AV Leaflet

Subsequent flexure studies have focused on examining the intricate interlayer
micromechanics of the AV leaflet [9]. The behavior of the layers with respect to
one another was of special interest to delineate the way valve leaflets deform, either
as a bonded unit or separately. To better understand this phenomenon, analysis of the
transmural strain of AV leaflets was conducted. Microscopic India ink tracking dots
were airbrushed onto the transmural wall of AV leaflet testing specimens. Opposite
of this side were macro-level tracking dots used for assessment of the bending test
and development of moment-curvature plots. Both sets of tracking dots were tracked
throughout the flexural deformation test atΔк ranges of 0 (reference image), 0.1, 0.2,
and 0.3 mm�1. The tissue-level deformation gradient F was computed from the
reference and deformed coordinates of the microscopic markers and decomposed
into stretch and rotation tensors to remove rigid body deformations, leaving only
axial stretch information. The total axial stretch (Λ1) was assessed across the
normalized transmural cross section of the test specimens with Λ1 > 1 representing
tension, Λ1 < 1 representing compression, andΛ1¼ 0 representing the neutral axis in
which no deformations occur.

By plotting Λ1 against the normalized leaflet thickness, a linear trend was
observed (Fig. 7a, b) for both with and against curvature tests. This observation
confirms that the spongiosa does not allow for shearing to occur between the fibrosa
and ventricularis under physiologically relevant deformations, a phenomenon that
some believed to occur before [42–44]. If the spongiosa did allow for shearing
between the layers, each layer would exhibit its own neutral axis when undergoing
flexure. This was discovered through performing interlayer bonding simulations of
the AV leaflet. In short, an AV leaflet finite element model that considered the
relative thickness of each layer (fibrosa-45%, spongiosa-30%, ventricularis-25%) as
determined from histological measurements was developed in COMSOL
Multiphysics v4.3 (COMSOL, Burlington, MA). A parametric study was performed
on the shear modulus of the spongiosa layer (μs). μs was set at 1 Pa, 0.1 kPa, 1 kPa,
10 kPa, and 45 kPa and it was determined that for the spongiosa to have a significant
difference in axial stretch from the fibrosa and ventricularis, μs would have to be less
than 1 kPa (Fig. 7c). No discernable difference was found experimentally and
instead evidence suggests that AV leaflets function as a single bonded unit. Further-
more, analysis of histological sections revealed gradual transmural changes in ECM
components throughout the AV leaflet layers which further supports the conclusion
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that AV leaflets behave as a functionally graded, bonded unit containing contiguous
features [10].

It was also discovered that a unimodular material model was insufficient in
capturing the bidirectional bending behavior of AV leaflets. Instead a bimodular
material model is needed to accomplish this, which further highlights the complex,
heterogeneous ECM components and architecture across valve tissue layers. In
addition, it suggests that the spongiosa can be viewed as a contiguous extension of
both the fibrosa and ventricularis in that it doesn’t play a major mechanical role in
bending deformations. The final bimodular incompressible neo-Hookean material
model used is as follows

W� ¼ μ�L
2

I1 � 3ð Þ � p I3 � 1ð Þ ð11Þ

Fig. 7 Axial stretch plotted against the normalized leaflet thickness in the (a) with curvature and
(b) against curvature directions. Note that a unimodular material model is insufficient in capturing
the bending response in both directions. Thus, a bimodular material model is needed. (c) Results
from the simulated interlayer bonding parametric study. For measurable differences to occur
between the transmural strain of the heart valve layers, notably the ventricularis and the fibrosa,
the spongiosa must have a shear modulus of less than 1 kPa. (d) The location of the neutral axis in
both the against curvature and with curvature bending directions. Modified from [9]
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where μ�L represents four total moduli. μ�F and μ�V are the fibrosa and ventricularis
shear moduli, respectively, in tension (+) and compression (�). Equation (11)
successfully captured the bidirectional bending behavior of the aortic valve leaflet
and was able to estimate layer- and deformation-specific shear moduli. This
bimodular model would later be adjusted and incorporated into a down-scale
model of the AV leaflet in the next section.

Computation of the axial stretch during AV bending tests revealed that the neutral
axis (NA) is located at different locations depending on whether the test is performed
with or against curvature (Fig. 7d). In the WC direction, the NA shifts towards the
ventricularis, ~0.35 of the normalized thickness. This implies that the entire fibrosa,
located above the NA, is in compression. In the AC direction, the NA shifts towards
the fibrosa, ~0.79 of the normalized thickness. This suggests that the fibrosa is far
stiffer while under tension than in compression. The following results are due to the
distinct ECM components within each layer that allow the leaflets to be less stiff
when the valve opens (WC) and stiffer when the valve closes (AC) to ensure proper
blood flow through the heart.

3.4 Down-Scale Model of the VIC Within ECM

Elucidating the biomechanical state of the VIC in its natural environment is desirable
to shed light on how it affects the valve leaflet tissue. However, it is extremely
difficult to observe how VICs are responding mechanically in situ. To circumvent
this issue, a finite element (FE) model of the AV leaflet under bending deformations
was developed in Abaqus version 6.14 (Dassault Systemes, Johnston, RI, USA) to
estimate layer-specific VIC contractility, connectivity, and stiffness [26]. The FE
model was designed to consider microstructural details like AVIC size, shape,
distribution, and orientation as determined from histological data.

The model features a macro and micro (down-scale) component (Fig. 8). Repre-
sentative volume elements (RVE) were optimized statistically for each layer to
represent the native 3D structure. A brief overview of the formulation of the FE
model follows.

The macro component is formulated to estimate layer- and contractile state-
dependent mechanics of the AV leaflet under bending deformations. The AV leaflet
specimen is simulated as a bi-layered and bimodular neo-Hookean isotropic nearly
incompressible material

W� ¼ stateμ
layer�
Macro

2
I1 � 3ð Þ � p I3 � 1ð Þ ð12Þ

where stateμ
layer�
Macro is the shear modulus of a specific AV leaflet layer under compres-

sion (�) and tension (+), I1 and I3 are the first and third invariants of the left Cauchy-
Green deformation tensor C¼FTF, respectively, and p is the Lagrange multiplier
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used to enforce incompressibility. Here, the subscript “state” denotes the contractile
state of the AVICs (normal, hypertensive, inactivated) during testing and is used for
the comparison of shear moduli between the contractile states. From the macro
model, stateμ

layer�
Macro is determined from matching experimental moment-curvature

data obtained from flexure tests to Eq. (12). The simulated displacements of the
macro RVE from the center of the specimen (the point of greatest moment and
curvature) are then mapped to the surface nodes of the micro model (Fig. 8).

Within the framework of the micro model, AVIC stiffness, contractility, and
connectivity are built in as variable parameters (Fig. 9). AVICs were modeled using
neo-Hookean, ellipsoidal inclusions within the micro RVE. The contractile capabil-
ity of AVICs was incorporated through use of isometric thermal expansion to mimic
cellular contraction by inducing isothermal deformations of the ellipsoidal inclusions
[45]. Consistent with the macro model, a bi-layered and bimodular neo-Hookean
isotropic nearly incompressible material model was used in the micro component as
well

W� ¼ μlayerAVIC

2
I1 � 3ð Þ þ 1

D1
Jel � 1
� �2 ð13Þ

Fig. 8 Overview of macro-micro finite element methodology. Macro-level simulations are
performed and the resulting displacements (u

�
~x
�
) from the macro RVE are mapped to the micro

RVE as boundary conditions. The average stress across the macro (eσMacroRVE) and micro (eσMicroRVE)
RVEs are then compared and finite element simulations are performed until the difference between
both values are minimized. From [26]
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where μlayerAVIC is the layer-specific shear modulus of AVIC inclusions, D1 is constant
defined by 2

κ where κ is the bulk modulus of the material and Jel is the elastic volume
ratio computed through

Jel ¼ J

1þ εthð Þ3 ð14Þ

where εth is the thermal expansion strain and a function of temperature (T ) and the
thermal expansion coefficient (α)

εth ¼ αΔT ð15Þ

In the simulation, α is correlated with AVIC contraction and is parametrically
altered while ΔT is kept constant.

AVIC connectivity to the ECM is represented with a thin interface boundary
around each AVIC inclusion (Fig. 10). The modulus of this interface is
equivalent to μlayerAVIC and is parametrically altered by multiplying it with the variable
βF,V�AVIC (β

F,V�
AVIC2 0; 1½ �) with β ¼ 1 denoting complete binding of the AVIC inclusions

to the ECM and β ¼ 0 denoting no binding. The average stress across the macro
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Fig. 9 The micro RVE with ellipsoidal VIC inclusions used to back out AVIC stiffness, contrac-
tility, and connectivity. From [26]
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and micro RVE are calculated and a finite element simulation is performed by
adjusting AVIC stiffness (μlayerAVIC), contractility (α), and connectivity (βF,V�AVIC) until
the average stress across both RVEs match. Once an acceptable match is achieved,
the estimated parameters are reported. For more detailed information regarding the
formulation of the model, readers are directed to the following source [26].

These FE models were highly beneficial tools to estimate mechanical parameters
that are impractical or even impossible to measure experimentally. Such tools are
especially useful in studies of native tissues with poor optical properties that disallow
the direct assessment of VIC behavior. In addition, modeling also provides tech-
niques to assess the layer-specific response of VICs.

3.5 Use of 3D Hydrogel for Mechanobiological Studies

Native valve leaflet tissue studies are highly desirable because they elicit the most
accurate behavior of VICs. Although extremely insightful, native tissue environ-
ments are limited mainly due to (1) their inability to be tuned to answer-specific
mechanobiological questions and (2) the difficulty involved with detailed imaging of
cellular and subcellular components. Thus, a need exists for a 3D platform that
mimics the native micromechanical environment while featuring favorable optical
properties for visualization. One avenue that has shown promise in this regard are
peptide-modified poly(ethylene glycol) (PEG) hydrogels [46]. These matrices con-
sist of norbornene functionalized PEG molecules that bind covalently with peptides
that contain cysteine residues via thiol:ene reactions. Incorporation of the adhesive
peptide sequence CRGDS (Cys-Arg-Gly-Asp-Ser) and matrix metalloproteinase
(MMP) degradable peptide crosslinkers allow for cellular binding, growth, and
microenvironmental remodeling. Through use of the following equations

Decoupled

Coupled

SμAVIC−ECM
F,V =1.0 * SμAVIC

F,V

SμAVIC−ECM
F,V = 0.01* SμAVIC

F,V

SμECM
F,V

SμAVIC
F,V

SμAVIC−ECM
F,V

SβAVIC
F,V 0,1∈

Fig. 10 The interfacial layer between the VIC inclusions and the simulated ECM. The modulus of
the interfacial layer is multiplied by the term β (β 2 [0, 1]) to simulate various levels of VIC
connectivity throughout the different layers of the AV leaflet. From [26]
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G ¼ ρxLRT

Q1=3
ð16Þ

where ρxL is the crosslinking density, R is the ideal gas constant, T is the temperature,
and Q is the volumetric swelling ratio, the shear modulus (G) can be estimated and
fine-tuned by adjusting the amount of MMP degradable crosslinkers and essentially
the thiol:ene ratio of the hydrogel chemistry [47]. From G, the elastic modulus (E)
can be computed from the equation:

E ¼ 2G 1þ υð Þ ð17Þ

where υ is the Poisson’s ratio of the hydrogel material, which is assumed to be 0.5
(incompressible). In addition to tunable mechanics, the PEG hydrogel matrices also
offer modulation of adhesion levels through adjustment of the concentration of
CRGDS peptide sequences. Coupled with tunable mechanics, the hydrogel system
can be utilized to mimic healthy and diseased environments.

Preliminary work has been done to quantify the contractility of AVICs within
10 kPa hydrogels through use of end-loading, flexural deformation testing. The
experimental testing protocol was adapted from [37]. The VIC embedded hydrogels
were treated with a normal (5 mM KCL) solution and subjected to flex-testing. The
testing solution was then switched for a hypertensive solution (90 mMKCL) to elicit
VIC active contraction and the specimens were tested again. Finally, contractility
was halted by essentially killing the cells with 70%methanol before testing the gels a
final time.

The moment–curvature plots (Fig. 11a) produced from these tests display higher
moment values resulting from the hypercontractile state and lower moment values in
the inactive state, compared to the normal condition. Initial observations revealed
that the hydrogel material displayed a nonlinear moment–curvature response. Thus,
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Fig. 11 (a) Moment vs. curvature plots for VIC-hydrogels under hypertensive, normal, and
inactive conditions. (b) The average initial effective stiffness for VIC-hydrogels under hyperten-
sive, normal, and inactive conditions obtained from the initial slope of nonlinear
moment vs. curvature plots
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the moment curvature data was modeled using a second order polynomial of the
form

M

I
¼ aΔκ2 þ bΔκ þ c ð18Þ

This analysis technique was borrowed from [38]. Through use of the Euler-
Bernoulli relation Eq. (10) and the derivative of the second order polynomial
(Eq. (18)), a linear relation between the hydrogel Eeff and Δκ was established. Eeff

at small strains (Δκ ¼ 0 mm�1) was used as a parameter for comparison between the
contractile states and it was observed that the hydrogel was stiffer when the
embedded VICs were in a hypertensive state and less stiff when they were
inactivated, compared to the control condition (Fig. 11b). These preliminary results
reflect the appreciable cell-material interactions and show great promise in using
tunable hydrogel environments for future mechanobiological studies. In addition,
hydrogel environments are an intriguing tool for the development of down-scale
FEM models similar to the one mentioned in the prior section to estimate the
biomechanical state of VICs. Another avenue of interest involves taking advantage
of the optical clarity of the hydrogels to observe cellular and subcellular events and
capturing them within agent-based models.

3.6 Uniaxial Planar Stretch Bioreactors

3.6.1 Overview

Planar tensile bioreactors allow for highly controlled, mechanical conditioning of
valve leaflet tissues [18, 48–51]. Such systems allow for the emulation of hypo-
physiological, normal, and hyper-physiological strain levels to study how tissue-
level deformations drive the biosynthetic response of VICs. To maximize relevance
of these studies, a macro-micro finite element model is employed to interpret in vitro
findings and relate them to in vivo functional states. In the following section, we
summarize a novel experimental-computational approach to link VIC biosynthetic
response to cellular deformation and explain the implications this may have on
surgically repaired MV.

3.6.2 Bioreactor Design

MV anterior leaflets (MVAL) were excised from porcine hearts and rectangular
specimens were dissected from the clear zone measuring 11.5 mm in the circumfer-
ential direction and 7.5 mm in the radial direction (Fig. 12a). A tissue strip bioreactor
was engineered based off previous designs [48–51]. The system featured an envi-
ronmental specimen chamber that housed the tissue specimens (Fig. 12b). Metallic
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springs were used to pierce the MV leaflet specimens along the radial width on each
side to establish five points of contact with proximity to one another. The spring was
used to attach one side of the specimen to a stationary post within the environmental
chamber and the other side to a metal rod connected to a linear actuator used to
impose deformations. Cyclic stretch tests were performed for 48 h before down-
stream assessment of the test specimens.

3.6.3 Collagen Fiber Architecture Alters Nuclear and Cytoplasmic
Geometry

Small angle light scattering (SALS) was used to assess the collagen fiber architecture
(CFA) of the test samples and return a normalized orientation index (NOI) with an
NOI value of 100% representing uniformly aligned collagen networks and 0%
denoting a completely random fiber orientation. Extended experimental details can
be found here [52].

CFA orientation appeared to increase drastically at 30% strain (Fig. 13a, c).
Transmission electron microscopy (TEM) revealed that nuclear aspect ratio (ratio
between major and minor axis, NAR) and cytoplasmic aspect ratio increased in a
similar fashion at 30% strain (Fig. 13b, d). It was also observed that the cytoplasmic
aspect ratio closely resembled the NAR at lower strains (0–20%) but decouples from

Fig. 12 (a) A mitral valve anterior leaflet excised into two distinct sections used for (a) mechanical
conditioning (b) protein quantification. (b) A uniaxial tissue strip tensile bioreactor used to impose
controlled deformations of test specimens. From [18]
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the NAR at hyper-physiological strain levels (30%, Fig. 13d). This phenomenon
provides evidence that MVICs may behave differently under nonphysiological strain
levels.

3.6.4 Large Strains Cause MVIC Activation

RT-qPCR revealed a linear trend between α-SMA and Type I Collagen gene
expression in relation to increasing strain levels suggesting MVICs become activated
in response to large strains (Fig. 14a, b). Consistent with these observations,
colorimetric assays displayed a significant increase in collagen production within
the 30% strain group after 48 h compared to measurements made postmortem
(Fig. 14d). An increase in Sulfated GAG content was also observed in this group

Fig. 13 (a) Normalized orientation index of the collagen fiber architecture with respect to increas-
ing strain levels. (b) Transmission electron micrographs of MVICs displaying nuclear and cyto-
plasmic deformation due to increasing strains. (c) Quantification of the normalized orientation index
shows a drastic increase in the 30% strain level compared to the lower strain levels. (d) The nuclear
and cytoplasmic aspect ratio of MVICs with respect to strain level. Note how the cytoplasmic aspect
ratio decouples from the nuclear aspect ratio at 30% strain. From [18]
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(Fig. 14c). Interestingly, Elastin content decreased at higher strains possibly due to
an increase in proteolytic activity of MMPs, TIMPs, and cathepsins (Fig. 14e)
[49]. When taken together, these results provide evidence to support the phenotypic
switch of MVICs from a normal, quiescent state to an activated state exhibiting
increased ECM remodeling activity. These results provide insight to how MVICs
may respond to diseased induced stress alterations in vivo.

3.6.5 Clinical Relevance: Relating In Vitro Observations to In Vivo
Function

The deformations of normal and surgically repaired MVAL have been measured
previously through use of sonomicrometry array techniques (Fig. 15a, b) [53]. This
information was incorporated into a previously developed MVIC microenvironment
model [13]. In short, an RVE was used to model the fibrosa layer of the MVAL
including MVICs as ellipsoidal inclusions (Fig. 15c). Cell dimensions, density, and
orientations were determined previously via histology and were reflected within the
model [13, 54]. ECM was modeled using a simplified structural constitutive model
and the cellular inclusions were modeled using a modified Saint-Venant Kirchhoff
(SVK) material model [13]. FE simulations were performed inside ABAQUS 6.13
framework (Simulia, Dassault Systèmes, Providence, RI, USA) by assigning time-
dependent, tissue deformations from sonomicrometry arrays as boundary conditions
on the RVE. The predicted deformation field was used to compute the in vivo

Fig. 14 The average fold change of (a) α-SMA and (b) type I collagen normalized to the 10%
strain as determined from RT-qPCR. Colorimetric assay results at different strain levels for (c)
sulfated GAGs, (d) soluble collagen, and (e) elastin content of both post mortem samples and
samples subjected to cyclic strain for 48 h. From [18]
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deformation of the MVIC inclusions through analysis of the NAR. It was found that
the NAR of MVICs at peak end-systole is 4.92 in normal MVs (Fig. 15d). The model
predicted a decrease in NAR to 3.28 in surgically repaired valves due to the decrease
in circumferential deformation (Fig. 15d) [53]. The results suggest that nuclear
deformation is closely linked to the circumferential deformation of MVALs. More
recently, the same simulation framework was applied in a novel study of MV leaflet
remodeling during pregnancy [12]. Remarkably, changes in NAR were found to
correlate closely with geometric changes to the valve apparatus that occur in early
pregnancy. This initial perturbation of VIC geometry was then found to trigger a
complex layer-specific cascade of fiber remodeling mechanisms in the ECM, which
work in concert to restore VIC homeostasis by the end of gestation.

Through combining the experimental data and the simulated NARs, a link
between in vivo cell deformations and biosynthetic response is made (Fig. 16).
The NAR is used as a dimensionless parameter to loosely bracket ranges of biolog-
ical behavior within hypo-physiological (<3.30), normal (3.30–5.0), and hyper-
physiological (>5.0) states. From the analysis of the bracketed ranges, it is specu-
lated that deformation scenarios leading to hypo- and hyper-physiological NAR
values may cause a change in VIC phenotype and essentially alter biosynthetic
response in attempt to return to homeostasis.

Fig. 15 (a) Schematic of normal and surgically repaired mitral valves with five sonocrystals placed
on the anterior leaflets. (b) Circumferential (solid line) and radial (dashed line) strain for both
physiological (green) and repair (blue) mitral valves. Surgical repair leads to a decrease in
circumferential strain. (c) Schematic of the RVE used to model the anterior leaflet. The tissue-
level strains from (b) are applied as boundary conditions. Finite element simulations are performed
to predict deformation fields and essentially to estimate the nuclear aspect ratio of the ellipsoidal
MVIC inclusions. (d) The estimated NAR of MVICs within the fibrosa layer from the finite element
simulations. The model estimates that a decrease in NAR occurs due to surgical repair. From [18]
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3.7 Model-Driven Experimental Design

3.7.1 FE Models Relating Tissue-Level and MVIC Nuclear
Deformations

It has been shown experimentally that increased cellular deformation correlates with
abnormal biosynthetic activity. To delineate the role that tissue-level deformations
have on cellular biomechanical states and geometry, experimental and computa-
tional techniques were utilized [13].

MVALs were loaded under equi-biaxial tension and the resulting layer-specific
deformations of MVICs were measured using multi-photon microscopy (Fig. 17a).
A FE MVIC microenvironment model was developed to describe the relation
between planar tension and layer-specific MVIC nuclear deformation (Fig. 17b)
and it was observed that the stiffness of MVICs varied little between the different
MVAL layers (Fig. 17c–f). This suggests that differences in MVIC NAR across
MVAL layers are mainly due to the deformation of the surrounding ECM and not the
intrinsic stiffness of the cells. Documenting the nuclear deformation of MVICs in
response to in vitro equi-biaxial loading was a crucial first step towards analysis of
cellular function within surgically repaired MVs.

Additional MV models focus on estimating the in vivo stress and strain through
sonomicrometry arrays [19].

Through tracking of sonocrystals placed on Dorsett sheep MVALs, the deforma-
tion between several kinematic states of normal and surgically repaired MVs was
measured making it possible to map in vitro deformations back to the in vivo state
(Fig. 18a–c). In addition, in vivo stresses were characterized through use of MVAL
kinematic data and inverse modeling techniques. The in vivo stresses where esti-
mated to be ~360 kPa in the circumferential direction and ~450 kPa in the radial

Fig. 16 MVIC biosynthetic behavior is bracketed into hyper-physiological, physiological, and
hypo-physiological ranges based off the simulated NARs for the normal and surgically repaired
case. NAR below 3.28 is deemed as hypo-physiological. An NAR between 3.28 and 4.92 is
considered normal and above 4.92 is hyper-physiological. From [18]
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direction when not considering the effects of pre-strain. With pre-strain, the stresses
were estimated to increase to ~510 kPa in the circumferential direction and ~740 kPa
in the radial direction.

Fig. 17 (a) Transmural image of MVAL obtained from multi-photon microscopy showing MVICs
across all layers. (b) Layer-specific nuclear aspect ratio measurements made at different equi-biaxial
membrane tensions. (c–f) Experimentally determined nuclear aspect ratio is fit to the FE model and
layer-specific stiffness of MVICs is backed out. Modified from [13]
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Through coupling both previously discussed MV models by applying the in vivo
tissue deformations as boundary conditions within the MVIC microenvironment
model, in vivo layer-specific NAR was estimated for a representative cardiac cycle
(Fig. 19a). Using kinematic data gathered on surgically repaired MVs from [53],
NAR estimates were also made for surgically repaired MVs (Fig. 19c). The layer-
specific NAR rate of change is also reported (Fig. 19b, d) and it was observed that the
fibrosa displayed the highest rate of change within normal valves. Interestingly,
among repaired valves the atrialis displayed the highest NAR values and rate of
change. This is hypothesized to be a result of leaflet contraction in the circumferen-
tial direction and expansion in the radial direction after flat ring repair. This notable
deviation from normal valve geometry most likely causes altered distribution of
pressure throughout the anterior leaflet, thus resulting in altered, layer-specific
MVIC deformations. The ability to estimate in vivo stresses and deformations for
normal and surgically repaired MVALs highlights the benefits of taking an
experimental-computational approach to studying VIC mechanobiology.

Fig. 18 (a) Schematic of the different MVAL kinematic states. Sonocrystals are tracked and their
displacements are recorded across the in vitro configuration (β0), the excised configuration (β1), the
in vivo configuration just before the onset of ventricular contraction (OVC) where the MV leaflets
are coapted (β2), and the in vivo configuration at the end-systolic (ES) time point where the MV is
under transvalvular pressure (βt). (b) The population averaged location of the sonocrystals with
respect to the radial (XR) and circumferential (XC) directions for key kinematic states. (c) The
circumferential (λC) and radial (λR) deformation of the center region of MVALs due to surgical ring
repair. From [19]
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4 Future Directions

A need exists for a full multi-scale approach to study and capture the complexity of
the heart system. Combining experimental and computational methods is key to the
refinement of our current knowledge base on VIC mechanobiology. Linking the cell-,
tissue-, and organ-level response of the heart system not only widens our under-
standing of the heart’s physiology, but also offers a unique opportunity to simulate
diseased states. Recent computational modeling studies have elucidated the impor-
tance of including microstructurally informed tissue properties in predictive simu-
lation frameworks, as both CFA and macro-scale geometric properties vary
considerably over local tissue regions in heart valves [55–59]. In light of recent
findings quantifying the link between local ECM structural properties and VIC
mechanical and biosynthetic behavior [18], it has become increasingly clear that a
full understanding of valvular function, maintenance, and adaptation must be rooted
in a detailed knowledge of the interrelationships between organ-level physiology
and tissue/cell coupling.

Fig. 19 The layer-specific nuclear aspect ratio of MVICs determined from the microenvironment
model for the (a) normal and (c) surgical repair scenarios. The NAR rate of change for (b) normal
and (d) surgical repair highlights the differences in layer-specific cell deformations as a result of
altered tissue-level deformations. From [19]
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Currently, a promising avenue for investigating complex valvular tissue systems
is through the development of agent-based models that can combine the VIC
mechanical environment, biomechanical states, and their resulting biosynthetic
activity within a cohesive modeling pipeline. For this, high detailed cellular-level
observations are crucial towards the formulation of VIC models.

State-of-the-art imaging technologies like the Focused Ion Beam Scanning Elec-
tron Microscope (FIB-SEM) have produced high-quality images of the native valve
leaflet structure and help shed light on the intricate VIC-ECM interactions (Fig. 20).
This preliminary work reflects the complex VIC microenvironment and highlights
considerations to be made when formulating agent-based models.

Linking tissue-level deformations to changes in MVIC NAR in the in vivo state
marks a huge success in gauging the biophysical state of these cells. To take these
studies further, quantification of MVIC biosynthetic response within the model-
prescribed physiological stresses is currently underway. With use of biaxial biore-
actor tissue strip systems, MVALs will undergo mechanical conditioning and the
ECM components will be quantified for the normal and valve repair cases. From
these experiments, we hope to validate the NAR values estimated from the model
and document the biosynthetic behavior of MVICs at the predicted stress levels. This
model-driven study serves as an example of how experimental-computational tech-
niques can broaden our understanding of the underlying mechanobiology within
living systems.

Fig. 20 3D reconstruction of the VIC microenvironment from FIB-SEM images. Note how the
VIC is embedded within networks of collagen and elastin fibers

32 A. Khang et al.



To increase predictive capabilities of VIC models, parameters correlating phys-
ical cellular characteristics and downstream expression of genes are needed. One
avenue that researchers have used to do this is through analysis of VIC nuclear
geometry, specifically NAR [16–18]. Preliminary correlations have been made to
associate NAR with specific stress environments and biosynthesis rates. However,
nuclear deformations may play a larger role in controlling intracellular pathways and
regulating the behavior of VICs. Future efforts should focus on closely examining
the cellular and subcellular events of VIC biological function and relating it back to
measurable parameters (i.e., NAR). Advances in hydrogel chemistry with favorable
optical properties and tunable characteristics show great promise in this endeavor.
Hydrogel environments that offer tunable mechanics and peptide modifications
present a unique opportunity to emulate healthy and diseased states. In addition,
the ability to gather mechanical and optical data from these matrices make them
extremely attractive as a tool for future 3D mechanobiological studies.
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Endothelial Mechanotransduction

James N. Warnock

Abstract The aortic valve resides in a dynamic mechanical environment, with
constant exposure to fluid shear stresses and cyclic strain. These physical forces
directly impact the valve endothelium and these cells will regulate the biological
response of the valve. Under normal physiological conditions, the endothelium
provides a monolayer that protects the valve tissue. However, under abnormal
conditions, a cascade of events can lead to a loss of integrity in the endothelium,
expression of pro-inflammatory molecules that recruit monocytes to the tissue and
paracrine signaling that could cause degradation of the valve tissue and extracellular
matrix. Understanding the molecular events caused by changes in the mechanical
environment is paramount in the identification of biomolecular markers for disease
diagnosis and in the development of novel therapeutic strategies that could alleviate
the need for surgical intervention.

Keywords Shear stress · Cyclic strain · Mechanobiology · Fibrosa · Ventricularis
· Aortic stenosis · Aortic valve disease

1 Introduction

Mechanotransduction refers to the process through which cells sense and respond to
mechanical forces and convert them to biochemical signals that elicit a specific
biological response [1]. Mechanotransduction is particularly pertinent for the heart
valves, which experience a plethora of mechanical stimuli during each cardiac cycle,
including compression, tension, flexure and laminar and disturbed shear stress.
Of the four heart valves, the aortic valve exists in the harshest physical environment.
Within the aortic valve, two cell populations exist, and those populations experience
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different mechanical forces and respond accordingly. The endothelial cells form a
monolayer, covering the surface of the valve leaflet, and are exposed to shear stress
but may also experience strain as the leaflet surface extends at different points in the
cardiac cycle. A mixed population of myofibroblast, fibroblast, and smooth muscle
cells occupies the valve interstitium. These cells react to compressive forces during
diastole and may also experience strain.

Mechanical forces are important for maintaining valve homeostasis and their
absence results in altered cell phenotype, increased apoptosis, and increased expres-
sion of pro-inflammatory genes [2, 3]. Conversely, excessive levels of force can lead
to pathological changes within the valve [4–9]. Additionally, mechanical forces have
been shown to play a role in heart valve morphogenesis and development [10, 11].

1.1 Mechanical Environment of the Aortic Valve
Endothelium

During the cardiac cycle, the aortic valve endothelium will experience shear stresses.
These shear stresses differ in magnitude and complexity between the ventricular and
the aortic facing fibrosa surfaces of the valve. Flow across the ventricular surface is
laminar in nature, whereas eddy structures form in the sinus regions with flow into
the coronary arteries, resulting in disturbed flow on the aortic side of the valve
[12, 13]. In a normal healthy adult under resting conditions, cardiac output is 5 L/
min, resulting in a peak flow rate of ~20–25 L/min. Studies have been performed
using laser doppler velocimetry (LDV) to calculate the wall shear stress produced at
these flow rates. Measurements on the ventricular surface have been performed using
a trileaflet polymetric valve [14, 15]. Under steady fluid flow, shear stress increases
with flow rate with a maximum value of 79 dyne/cm2 at 22.5 L/min. Shear stress is
greatest when the leaflet is at 30� and decreases at 0� and 60� [14]. Under pulsatile
conditions, which have more physiological relevance, peak shear stresses occur
approximately 30–55 ms before peak volumetric flow rate. Valve diameter also
has an influence on peak shear stress; valves with a smaller inner annulus diameter
(24 mm) have a peak shear stress of 64 dyne/cm2 compared to valves with a larger
inner annulus diameter (24.8 mm) that have a peak shear stress of 71 dyne/cm2 [15].

Studies to determine the shear stress on the valve fibrosa have utilized
glutaraldehyde-preserved native porcine aortic valves. Unlike the ventricular sur-
face, the aortic side experiences shear stress during both systole and diastole. The
higher flow rates in the valve sinuses during systole cause shear stress to increase to
21.3 dyne/cm2 at the mid-point. Diastolic shear stress is highest during early diastole
and peaks at 3.8 dyne/cm2 before gradually decreasing to zero [16].

In addition to shear stress, the endothelium will undergo anisotropic biaxial strain
through the cardiac cycle. During diastole, the pressure difference between the aorta
and left ventricle is 80 mmHg but can increase to 120 mmHg in hypertensive
patients. The compressive force acting on the valve leaflet produces tensile strain,
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which has been estimated to be 11% in the circumferential direction and 13–25% in
the radial direction, although this can increase to >15 and 31% in the circumferential
and radial directions, respectively, under disease conditions [17].

1.2 Mechanisms of Mechanosensation

Many of the components of the plasma membrane have been identified as being
involved in endothelial mechanotransduction including integrins [18–23], ion chan-
nels (K+ channels and stretch activated Ca2+ channels) [24–30], heterotrimeric
G-proteins [31–34], and cell surface proteoglycans [21]. However, studies suggest
it is unlikely the plasma membrane is the primary sensor of shear stress as the
glycocalyx attenuates shear stress near the membrane surface [35, 36]. The
glycocalyx is composed of glycolipids containing oligosaccharides and sialic acids
and proteoglycans with glycosaminoglycan (GAG) side chains. Approximately
50–90% of the GAGs are heparin sulfate with the remaining GAGs being chondroi-
tin sulfate and hyaluronic acid. The arrangement of oligosaccharides can be
extremely diverse and although most chains contain less than 15 sugar residues
they are often branched and can form covalent bonds. The glycocalyx can be
observed microscopically and has the appearance of a dense, brush-like structure
on the surface of the cell. For recent reviews of the glycocalyx structure and function
in mechanotransduction, see [36–40]. Microparticle image velocimetry has been
used to demonstrate that bulk fluid flow is excluded from the glycocalyx [41]. This
further supports the hypothesis that the plasma membrane is not a primary sensor of
shear stress. Instead, the glycocalyx may amplify the force via cell membrane focal
adhesions or glycolipid linkages.

Cell signaling in response to shear stress is not limited to the luminal surface of
the endothelial cell. Surface forces are transmitted through the body of the cell by the
cytoskeletal actin filaments, intermediate filaments, and microtubules [42]. The
endothelial cell cytoskeleton exists in a state of intracellular tension or prestress
arising from the association of cytoskeletal elements with external forces developing
from adjacent cells and attachment to the extracellular matrix. When the cell
undergoes physical deformation, caused by changes in the external mechanical
environment, the cytoskeletal elements will reorganize to maintain the balance
between internal and external forces. The principles of tensional integrity, also
known as tensegrity, have been described in detail elsewhere [43, 44]. Forces are
transmitted to the intercellular junctions or to the transmembrane integrins that bind
to the extracellular matrix. This has been demonstrated by studies that show phos-
phorylation of cell junction molecules and the involvement of VE-cadherin,
VEGFRs, and platelet-endothelium cell adhesion molecule-1 (PECAM-1) [45–47].
The decentralized model of force transmission in cells has been described in detail
by Helmke and Davies [48]. The spatiotemporal response of cells to mechanical
deformation is shown in Fig. 1.
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1.3 Pathological Implications of Mechanotransduction

The primary motivation for studying endothelial mechanotransduction is to under-
stand the underlying mechanisms of aortic valve disease (AVD) and to identify
potential diagnostic biomarkers or therapeutic strategies. A number of clinical risk
factors are associated with AVD, including increased age, smoking, hypertension,
and elevated lipoprotein (a) and low-density lipoprotein (LDL) cholesterol levels

Altered mechanical forces

Physical deformation of the 
cell

Force transmission to remote 
locations throughout the cell

Conversion of mechanical 
signal to chemical signal

Downstream signaling e.g. 
phosphorylation

Altered gene and protein 
expression

Fig. 1 Changes to the hemodynamic environment cause the mechanical forces acting on the
endothelial cells to be altered. This can lead to physical deformation of the cell; in the case of
altered shear stress the deformation will occur at the luminal surface. For altered cyclic strain, the
alteration may cause deformation of cell shape and impact cell-cell junctions or cell-matrix
adhesions. Cells transmit the forces from the local point of deformation to remote points throughout
the cell via the cytoskeleton. Consequently, mechanical forces can impact the cell at locations that
are distinct from the origin. The mechanical forces are converted to chemical signals, which result in
acute downstream signaling typically through phosphorylation of various intracellular molecules.
Signaling can initiate changes in gene and protein expression
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[49]. These factors cause endothelial dysfunction and activation, characterized by
expression of adhesion molecules such as VCAM-1, ICAM-1, and E-selectin.
Concurrent expression of cytokines, such as MCP-1, results in recruitment of
monocyte-macrophage cells to the valve. The activated macrophages produce mul-
tiple cytokines (including RANKL, IL-1β, and TNF-α) and express enzymes gen-
erating oxidants (O2

�) that promote LDL oxidation [50]. These cytokines, along
with increased NO produced by ECs, activate the NFκB, BMP-2, and Runx2
signaling pathways in VICs, causing an increase in alkaline phosphatase,
osteocalcin, osteopontin, and transdifferentiation into an osteoblast-like phenotype
[51]. IL-1β produced by leukocytes is also able to up-regulate expression of MMP-1
in VICs [52]. Additionally, MMP-2, -3, and -9 and TIMP-1 and TIMP-2 are
involved in the pathogenesis of AVD [53–55]. The remodeling attributed to these
molecules, along with increased synthesis but disorganized deposition of new
collagen fibers, results in ECM and collagen disarray [56]. Accumulation of pro-
teoglycans, lipids, minerals and possibly cellular proliferation also contribute to
thickening of the valve [57, 58]. Although it is known that the ECM undergoes
pathological remodeling, little is known about the earliest initiation events in AVD
and the molecular triggers still need to be identified. Mechanical factors are strong
initiators of the inflammatory cascade in vascular endothelium; it is therefore
probable that valvular endothelial cells can also be stimulated by abnormal hemo-
dynamics and tissue mechanics [59]. Although AVD shares many hallmarks of
atherosclerosis, and some investigators have proposed that AVD is atherosclerosis
of the aortic valve [60, 61], the two diseases are not synonymous [62, 63].

1.4 In Vitro and Ex Vivo Methods for Mechanotransduction
Experiments

Prior to the 1970s, when endothelial cell culture was first introduced, studies on the
effects of hemodynamic forces on endothelial cells were limited to ex vivo blood
vessel organ culture, where the integrity of the endothelium was rapidly lost, or
observational studies of fixed blood vessels [42, 64]. In recent years, numerous
bioreactor systems have been developed ranging from simple systems designed to
expose cell cultures to a single mechanical force, to elaborate systems capable of
simultaneously exposing intact heart valves to multiple mechanical forces, to sys-
tems allowing for the real-time observation of mechanobiological changes. For a
comprehensive review on methods used to study mechanically induced signaling in
endothelial cells, see Reinhart-King et al. [65].

Fundamental studies have looked at the effects of shear stress on cultured
endothelial cells. Isolated endothelial cells are cultured on glass or tissue culture
plastic slides and placed in a parallel plate flow chamber. Although some variations
exist, the basic apparatus consists of a polycarbonate chamber containing the glass
slide, a silastic gasket, and a medium reservoir [66, 67]. Flow through the parallel

Endothelial Mechanotransduction 41



plate chamber can be either through hydrostatic pressure or through the use of a
peristaltic pump. Polyester spacers have been used to vary the height of the chamber.
In doing so, a channel with well-defined geometry is created. Consequently, the
Navier–Stokes equation of fluid flow with constant density is used to determine the
wall shear stress (τ) relative to flow rate and channel geometry by the formula:

τ ¼ 6Q

μbh2

whereQ is the flow rate, μ is the fluid viscosity (0.012 poise), and b and h are channel
width and height, respectively [68]. As studies have revealed the significance of
laminar vs. disturbed flow and distinct differences in the endothelium in different
flow environments [69, 70], parallel plate systems have been developed to induce
oscillatory flow by the inclusion of an oscillator [71, 72].

Plate and cone systems have also been developed to study endothelial cell
responses to fluid flow [73–75]. Cells can be grown in a 35 mm or 100 mm culture
dish that is customized for use in the flow system. The cone is made from Teflon and
has a 0.5� angle. A magnetic stir bar is located inside the cone so that it can be stirred
with a magnetic stirrer and the entire system can be placed in an incubator to
maintain temperature. The shear stress is calculated from the rotational speed of
the cone using the equation:

τ ¼ ωμ

θ

where ω is the rotational speed, μ is the medium viscosity, and θ is the angle of the
cone [65]. As with the parallel plate system, the cone and plate system can be used to
exert laminar shear stress or oscillatory shear stress on cells [76, 77].

Endothelial biology is regulated not only by the mechanical environment but also
by the underlying extracellular matrix and the VICs. Consequently, the aforemen-
tioned fluid flow systems have been adapted to enable them to culture intact valve
tissue [78–81]. Studies have also been performed with tissue engineered coculture
systems. In contrast to using native valve tissue, VICs are immobilized in a type I
collagen hydrogen and endothelial cells are then grown on the luminal surface [82].

Several commercial devices are available for the cyclic stretching of cells,
including the Flexcell Tension Systems (Flexercell International Corporation)
[9, 83, 84] and the STREX mechanical cell strain instruments (B-Bridge Interna-
tional, Inc.) [85]. These systems, along with those developed by individual
researchers, require cells to attach to a flexible membrane that can be stretched
while ensuring that cells are stretched to the same extent as the membrane. To meet
this objective, thin silicone membranes are used, often coated with ECM proteins
such as collagen or fibronectin [65].

As with systems used for studying shear stress, systems for studying strain have
been developed to use ex vivo tissue samples. The simplest of these systems mounts
strips of aortic valve tissue in parallel chambers and applies a uniaxial strain. The

42 J. N. Warnock



chambers contain culture medium and can be placed in an incubator to maintain cell
viability within the tissue in excess of 48 h. Strain is applied to the tissue through the
use of a computer-controlled actuator [5, 86–88]. Adaptations of this design have
permitted anisotropic biaxial stretching of tissue and live en face imaging of the
endothelium [8]. More sophisticated versions of this system have been subsequently
developed that introduces additional mechanical forces [89, 90]. This has been
motivated by the understanding that the aortic valve does not experience a single
mechanical force in isolation but a combination of forces simultaneously and
that they could have synergistic or antagonistic effects on mechanotransduction.
Possibly the most complex systems are those that have cultured the entire aortic
valve and root, providing a physical environment that most closely mimics in vivo
conditions [91, 92].

2 Shear Stress

2.1 Aortic Valve Endothelial Cells Under Physiologic
Flow Conditions

Until relatively recently, it had been assumed that aortic valve endothelial cells
(EC) were phenotypically similar to vascular endothelial cells. In the absence of fluid
flow, EC form cobblestone morphology; however, when flow is applied, vascular
EC align in the direction of flow. Conversely, valvular EC align perpendicular to
flow [68]. This is consistent with the in vivo scenario where endothelial cells align
circumferentially on the valve surface, which is also perpendicular to flow [93]. This
alignment difference is regulated by changes in: (1) integrin clustering (α 1 integrin);
(2) plaque formation (vinculin); (3) integrin-mediated signaling (focal adhesion
kinase; FAK); and (4) cytoskeletal (f-actin) arrangement. Furthermore, this process
is disrupted in both cells in vitro by blocking Rho kinase (with Y-27632) and calpain
(calpain inhibitor-1). PI 3-kinase, on the other hand, regulates arterial but not
valvular endothelial cell alignment [94].

In a comparison of transcriptional profiles between valvular EC exposed to
unidirectional flow and static conditions, cDNA mircoarrays revealed that shear
stress inhibits oxidative and pro-inflammatory gene expression. Additionally, shear
stress down-regulates genes involved in the initiation of calcification of underlying
interstitial cells, such as BMP-4 and osteopontin [70].

In addition to differences in gene and protein expression profiles between vascu-
lar and valvular ECs, differences also exist between ECs lining the fibrosa and
ventricularis of the valve. The endothelium on the fibrosa (aortic side) is more
susceptible to developing calcific lesions through increased expression of genes
related to skeletal development and vascular calcification. Additionally, ECs on
the fibrosa have significantly lower expression of genes known to inhibit vascular
calcification including osteoprotegerin (OPG; tumor necrosis factor receptor
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superfamily; member 11b), C-type natriuretic peptide (CNP), and parathyroid
hormone (PTH), each of which has been shown to inhibit cardiovascular calcifica-
tion [95]. However, under normal physiological conditions, the fibrosa ECs do
not differentially express genes associated with adhesion molecules E-selectin,
vascular cell adhesion molecule -1 (VCAM-1), or intracellular adhesion molecule
1 (ICAM-1). The transcripts for galectin-1 and CNP, both of which are
up-regulated by pro-inflammatory mediators [96, 97], are underexpressed in the
fibrosa ECs [95]. Furthermore, EC nitric oxide (NO) is protective against AVD
[98], but is reduced in calcified valves [99–101]. EC-derived NO signaling is side
specific and regulated by shear stress. This is seen through the increase in cGMP
production by EC when exposed to fluid shear stress. A unidirectional, pulsatile
flow pattern that mimics the ventricularis hemodynamics produces significantly
more cGMP than oscillatory shear stress, indicative of the fibrosa-sided shear stress
[102]. These results suggest a role for hemodynamics in the development of aortic
stenosis and calcification.

2.2 Role of Shear Stress in Aortic Valve Pathology

While physiological shear stresses maintain homeostasis of endothelial cells
[78, 81, 103], abnormalities in shear stresses lead to endothelial activation and
inflammation. Changes to the hemodynamic environment can be caused by aging, a
known risk factor for AVD, whereby progressive stiffening of the leaflet ECM
causes an increase in the shear stress magnitude [104]. Bicuspid valves also
experience increases in shear stress magnitude and frequency, and are known to
be particularly susceptible to calcification [105]. An increase in shear stress mag-
nitude or frequency results in elevated levels of MMP-2, MMP-9, cathepsin L, and
cathepsin S in the subendothelial space [106]. These proteolytic enzymes are
involved in ECM degradation and have been detected in stenotic aortic valves
[107, 108]; however, it is not clear if the expression of these enzymes following
abnormal shear stress is involved in pathological changes to the leaflet or if it
increases the turnover of collagen as a means of maintaining the integrity of leaflet
biomechanics. Other studies have shown that increases in cyclic pressure magnitude
and frequency increase biosynthetic activity in valve leaflets, with an increase in
collagen and sGAG synthesis [109]. The elevated levels of MMP-9 are mediated by
TGF-β1 signaling from endothelial cells under supra-physiologic hemodynamic
stresses [103].

Increased shear stress magnitude, but not increased shear stress frequency,
increases endothelial activation as evidenced by ICAM-1 and VCAM-1 expression
and paracrine signaling, as seen by TGF-β1 and BMP-4 expression [103, 106].
Altered shear stress will increase the expression of TGF-β1, which can migrate to the
subendothelial space or remain within the cell. Immunohistochemistry studies show
that TGF-β1 is contained within the ECM of calcified valve leaflets at levels
significantly higher than normal leaflets. These elevated levels of TGF-β1 cause
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interstitial cell calcification via apoptosis [110] as well as the aforementioned
increases in MMP-2, and -9 and cathepsin L and S. Intracellular BMP-4 up-regulates
the expression of VCAM-1 and ICAM-1. This phenomenon is only observed in the
fibrosa endothelium and is absent in the ventricular endothelium [79]. The relation-
ship between intracellular TGF-β1 and BMP-4 is still in question. When the fibrosa
is exposed to elevated shear stress but no shear stress is imposed on the ventricularis,
BMP-4 expression is inhibited by blocking TGF-β1 expression; however, when
shear stresses are imposed simultaneously on both sides of the valve, BMP-4
expression is independent of TGF-β1 [103, 106].

Another potential mechanism for the development of degenerative valve disease
is through endothelial to mesenchymal transformation (EndMT) [111]. The process
of EndMT is an initiating event in embryonic valvulogenesis [112, 113]. Embryonic
EC lose cell-cell contacts and separate from the monolayer. The cells invade and
migrate into the interstitial space while simultaneously increasing expression of
mesenchymal markers that include alpha smooth muscle actin (α-SMA) and loosing
expression of endothelial markers, such as CD31/PECAM-1 [114]. In adult physi-
ology, EndMT has been suggested as a potential mechanism of disease and is driven
by inflammatory signaling. The cytokines IL-6 and TNFα, which have both been
associated with diseased aortic valves [115–117], cause a dose-dependent loss in
cell-cell contacts, decreases in PECAM-1 and VE-cadherin expression, increased
α-SMA expression and cell invasion in adult ECs cultured in 3D collagen gels
in vitro. Both Il-6 and TNF-α stimulate nuclear translocation of nuclear factor κB
(NFκB), and the overexpression of TNF-α and NFκB lead to increased expression of
pro-EndMT gene expression. Further analysis shows that NFκB activation and
translocation occurs through the Akt signaling pathway but not the MEK1 or
STAT3 pathways [118]. Oscillatory shear stress of all magnitudes can induce
expression of pro-EndMT genes in addition to expression of inflammatory genes
NFκB TGF-β1, and ICAM-1. In contrast, high steady shear stress is protective
against inflammation and EndMT [111]. The combined effects of elevated shear
stress is summarized in Fig. 2.

A third way that shear stress contributes to aortic valve stenosis is through the
regulation of micro-RNAs (miRNA). miRNAs are short RNA sequences of approx-
imately 22 nucleotides that bind to protein encoding mRNA. Repression of the
mRNA targets leads to decreased translational efficiency and/or decreased mRNA
levels [119]. Stress-induced up-regulation of miRNAs can lead to the down-
regulation of a set of targeted mRNAs, while down-regulation of miRNAs can result
in up-regulation of target mRNAs because of the loss of tonic inhibitory control of
the miRNA on its target mRNA [120]. Bicuspid valves collected from patients
requiring aortic valve replacement showed significant decreases in MiR-26a,
MiR30b, and MiR-195 expression. Further, when valve interstitial cells are treated
with miR-26a or miR-30b mimics in vitro, expression levels of pro-calcification
mRNAs decrease [121]. Microarray analysis has been used to identify shear and
side-specific mRNA and miRNA from cultured human aortic valve ECs. The data
show that 30 shear-dependent and three side-dependent miRNAs are present in
aortic valve ECs. Functional analysis of the miRNAs and shear-sensitive mRNAs
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has predicted a number of genes regulated by changes in miRNA expression; these
genes are linked to a number of cellular functions associated with AVD, including
apoptosis, inflammation, calcification, cell cycle, cell proliferation, and cell
movement [122].

3 Cyclic Strain

A strong correlation exists between regions of calcification and high mechanical
strain in the aortic valve. In operatively excised stenotic or regurgitant valves,
approximately 87% have calcification along the line of leaflet coaptation or radially
from the area of leaflet attachment [123]. The traditional “wear and tear” hypothesis
was that elevated mechanical forces, coupled with aging, caused disruption of the
endothelium or damage to the interstitial matrix leading to lesion formation
[124, 125]. Recent studies demonstrate convincingly that aortic sclerosis is an active
cell-mediated process involving chronic inflammation [126, 127] and active calcifi-
cation [50, 124, 128, 129]. Consistent with this new understanding of the pathogen-
esis of valve disease is increasing evidence that mechanical forces may contribute to

Elevated Fluid Shear Stress

TGF- β1 BMP-4

Sub-endothelial space
VIC activation

MMP-2, -9
Cathepsin L, S

VCAM-1
ICAM-1

ECM degradation

IL-6
TNFα

NFκB

proEndMT gene 
expressionCell Nucleus

Fig. 2 The combined effects of elevated shear stress on endothelial cells. IL-6 and TNFα
expression is increased, causing NFκB to translocate to the cell nucleus via the Akt signaling
pathway. This results in increased expression of ICAM-1, proEndMT genes, and TGF-β1. TGF-β1
can also be directly increased by elevated shear stress. This cytokine can migrate to the
subendothelial space causing activation of the valve interstitial cells and increasing the expression
of the matrix degrading enzymes MMP-2 and -9 and cathepsins L and S. Intracellular TGF-β1 may
cause an increase in BMP-4, although BMP-4 may be directly increased in response to elevated
shear stress. BMP-4 is directly responsible for an increase in the pro-inflammatory molecules
VCAM-1 and ICAM-1
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valve disease by actively regulating valve cell biology. Valvular endothelial cells
and valvular interstitial cells are exquisitely sensitive to mechanical forces, often
responding with unique behaviors that distinguish them from seemingly similar
cells [94].

3.1 Endothelial Layer Integrity Under Elevated Cyclic Strain

Endothelial Cells employ an adhesion protein motif that ensures stable yet flexible
connections to both the ECM and neighboring cells. Patterns of focal adhesion can
indicate cell functionality, as they are instrumental in signaling, migration, and
adhesion to the ECM. Changes in the expression of cell-cell or cell-matrix adhesion
molecules compromise the integrity of the endothelial layer and can increase the
susceptibility of the tissue to monocyte migration and diapedesis.

Real-time, live en face imaging of aortic valve leaflets in an ex vivo stretch device
shows that endothelial viability and integrity are maintained under normal, physio-
logical conditions where the tissue is stretched 10% in the circumferential direction
and 35% in the radial direction. Viability is maintained when strain is increased to
represent hypertensive conditions, with 20% circumferential strain and 40% radial
strain [8]. ECs are somewhat resilient to cyclic stretch in this respect as other studies
show that interstitial cells have significant increases in apoptosis and proliferation at
15 and 20% circumferential strain within 48 h [130]. Although viability is
maintained, the endothelial integrity begins to deteriorate under elevated strain
(see Fig. 3). Analysis of cell-cell and cell-matrix adhesion proteins reveals changes
in expression that could be responsible for the loss of integrity and could potentially
lead to the development of a pro-inflammatory environment. Consistent with studies
on the effect of shear stress on ECS, a differential response is observed between the
fibrosa and ventricularis cell populations.

Platelet endothelial cell adhesion molecule 1 (PECAM-1), also known as CD31,
is abundantly expressed in ECs. It becomes concentrated in regions of cell-cell
contact and plays a role in forming and maintaining the contact inhibited state of
ECs [131]. Fibrosa endothelial cells (FEC) show a significant increase in PECAM-1
gene expression at 20% cyclic strain, relative to static and 10% strain conditions
[132] and greater expression of PECAM-1 adhesion molecules [83]. PECAM-1
senses mechanical stimuli and helps assist an inflammatory response by mediating
transmigration of monocytes [133, 134]. PECAM-1 has also been implicated in the
activation of eNOS [135]. In calcific aortic stenosis, oxidative stress is the result of
enzymatic uncoupling of eNOS, causing increased production of superoxide
[136]. Superoxide is greatly increased near calcified regions in human stenotic
valves, while superoxide dismutase is greatly decreased [137]. This suggests that
an increase in PECAM-1 gene and protein expression in FEC could render the
fibrosa susceptible to monocyte migration and oxidative stress.

Elevated cyclic strain (20%) also causes FECs but not ventricularis endothelial
cells (VEC) to increase β1-integrin expression. For valvular studies, β1-integrin
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behavior is often investigated due to its predominant interaction with collagen. The
differential expression of β1-integrin between FEC and VEC at 20% cyclic strain
could be related to the composition of the underlying ECM present in the aortic
valve. The fibrosa is primarily composed of circumferentially oriented collagen,
whereas the ventricularis is primarily composed of radially aligned elastin [138].
Therefore, it would be expected that FEC would express β1-integrin at a higher
level than VEC. Additionally, when FEC are strained, they may increase expression
of β1-integrin to increase adhesion to the collagen ECM. Conversely, VEC would
not increase expression of β1-integrin as this would not increase adhesion to the
underlying ECM in the ventricularis.

Fig. 3 Real-time live cell imaging of the aortic valve endothelium visualized with calcein on Zeiss
LSM 510 under (a) no applied tension, (b) physiological levels of biaxial stretch, and (c) hyper-
tensive simulating biaxial stretch levels. Scale bars represent 500 μm. Reprinted from: Metzler SA,
Digesu CS, Howard JI, Filip To SD, Warnock JN. Live en face imaging of aortic valve leaflets
under mechanical stress. Biomech Model Mechanobiol. 2012;11(3–4):355–61 with permission
from Springer
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The intracellular, cytoplasmic domain of β1-integrin binds to integrin-linked
kinase (ILK). ILK lies upstream of many intracellular signaling pathways and
plays a pivotal role in cell-matrix interactions, ECM-mediated signaling, as well as
other cellular functions [139–141]. Recent studies show that ILK stabilizes eNOS
with Heat shock protein (Hsp) 90 and protects eNOS from enzymatic uncoupling.
Consequently, physiological production of nitric oxide is achieved rather than
oxidative stress caused by production of superoxide, thus preventing endothelial
dysfunction [142]. Increased expression of β1-integrin, and presumably an increase
in ILK, would not only increase cell-matrix adhesion but could also have a protective
role through stabilization of eNOS and prevention of oxidative stress that would
promote a pro-inflammatory state.

The VEC respond differently to elevated cyclic strain. Whereas no significant
changes are seen in PECAM-1 or β1-integrin expression at 20% cyclic strain,
significant increases are seen in Vinculin and VE-Cadherin expression. Vinculin is
a crucial accessory molecule involved in force transduction and mediating cellular
response. Vinculin binds integrins to the F-actin network at the intracellular face of
the plasma membrane, and subsequently mediates cytoskeletal mechanics [143]. The
observation of increased vinculin production with increased cell stress is attributed
to an increase and strengthening of cell adhesions in order to help the tissue
withstand strains. In the absence of strain, vinculin production decreases because
without the presence of strain they are not stimulated to produce vinculin. Increased
cell adhesions protect the ventricularis from monocyte invasion.

Cell-cell dynamics in ECs are regulated in part by Cadherin 5, type 2, or
VE-Cadherin (vascular epithelium). VE-Cadherin is responsible for cell/cell adhe-
sions and cell motility. More importantly, it is responsible for control of intercellular
junctions and their integrity and is required to maintain a restrictive endothelial
barrier [144]. The state of VE-Cadherin outside the cell is directly proportional to the
permeability of the endothelium. VE-Cadherin expression significantly increases in
VEC at 20% strain, indicating an increase of cell/cell adhesions. In contrast, fibrosa
cells do not show any change in VE-Cadherin expression with respect to strain. This
indicates that under pathological strain conditions, increased VE-Cadherin expres-
sion impedes monocyte transmigration on the ventricularis surface by reinforcing the
EC monolayer, whereas the fibrosa does not exhibit increased resistance to mono-
cyte infiltration.

3.2 Pro-inflammatory Response of Endothelial Cells
to Cyclic Strain

Endothelial injury leads to an inflammatory response and a cascade of cell-mediated
inflammatory events [145]. The activated endothelial layer generates specific surface
molecules involved in monocyte and T-cell migration, adhesion and congregation.
The pro-inflammatory proteins include intercellular adhesion molecules (ICAM),
vascular cell adhesion molecules (VCAM), and endothelial leukocyte adhesion
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molecules (E-selectin or ELAM). These proteins act concurrently with chemotactic
molecules, such as monocyte chemoattractant protein 1 (MCP-1), expressed by the
endothelium and smooth muscle cells, to attract monocytes into the tissue.

When ECs are subjected to 20% strain for 24 hours, a significant increase in
ICAM-1, VCAM-1, and E-selectin is observed, compared to 5 or 10% strain [9].
This demonstrates that a pro-inflammatory environment may develop in vivo when
the endothelium is exposed to supraphysiological conditions, as is the case in
hypertension. Aortic valve leaflets exposed to elevated have increased levels of
BMP-2 and -4. The proteins are strongly expressed on the fibrosa side, yet absent
on the ventricularis side, and show strong co-localization with von Willebrand
factor, demonstrating that endothelial cells express the BMPs [146]. Studies have
not been performed to determine if the strain-induced expression of BMP-2 or -4 is
responsible for the expression of pro-inflammatory molecules, as is the case for
elevated fluid shear stress. However, studies do show that elevated strain coupled
with a pro-osteogenic humoral environment results in ex vivo calcification of aortic
valves in a BMP-dependent manner. Inhibition of BMP by the antagonist noggin
blocks calcification events including ALP activity, increased calcium content and
Runx2 and osteocalcin expression in the valve cusp [146].

4 Summary

Mechanical forces play an important role in heart valve homeostasis and disease.
The mechanical environment has been well characterized and studies utilizing
various bioreactor systems have been able to show how deviations from physiolog-
ical levels of shear stress and cyclic strain lead to changes in cell signaling causing a
biological change within the endothelium. These changes lead to a pro-inflammatory
environment whereby the tissue is susceptible to monocyte infiltration. Additionally,
the endothelium increases MMP expression within the valve interstitium through
paracrine signaling, causing remodeling of the leaflet, disorganized collagen depo-
sition, and changes to the leaflet biomechanics.

Our knowledge of heart valve endothelial mechanobiology has advanced tremen-
dously during the previous 15 years. It is imperative that as this body of knowledge
continues to grow and the information is used to improve patient care. One area that
this understanding can be applied is in the identification of molecular biomarkers for
early disease detection and to monitor progression and severity. Valve dysfunction is
currently diagnosed by detection of a heart murmur and subsequent ultrasound
echocardiography. However, because aortic stenosis is asymptomatic, the disease
is rarely discovered until it has progressed to an advanced stage [147]. Early
diagnosis would allow for better disease management and the opportunity for
interventional therapy and life-style changes to slow disease progression.

Additionally, the results from these studies should be used to develop novel
therapies for the treatment of aortic valve disease. Two-thirds of valve disorders
occur in the aortic position with �50% resulting in cardiothoracic surgery. Reasons
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for not undergoing aortic valve replacement include high perioperative risk, age,
lack of symptoms, and patient/family refusal [148]. There are no alternative
therapies to surgery, although several clinical studies have examined the use of
lipid-lowering drugs (statins) and ACE inhibitors. Unfortunately, lipid-lowering
therapy does not reduce aortic stenosis progression [149] and ACE inhibitors have
had mixed efficacy [150, 151]. As our understanding of the molecular mechanisms
of aortic valve disease increases, there is greater potential to develop therapies that
could alleviate the need for valve surgery.
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The Role of Proteoglycans
and Glycosaminoglycans in Heart Valve
Biomechanics

Varun K. Krishnamurthy and K. Jane Grande-Allen

Abstract Proteoglycans (PGs) and glycosaminoglycans (GAGs) have long been
recognized as constituents of heart valves but their precise functions have been
mysterious and underrepresented. The heterogeneity, dynamic processing and vis-
coelastic nature of PGs and GAGs, and their ability to exist independently or in
association with other extracellular matrix (ECM) components, contribute to the
overall complexity of valve ECM (structure), and impact local tissue biomechanics
(function). This chapter will discuss various approaches for elucidating the biome-
chanical properties of valvular PGs and GAGs, will relate valve tissue hemodynamic
alterations and valve cell biomechanical stimuli to differences in PG/GAG expres-
sion (and misexpression), and will address directions for future studies.

Keywords Aortic and mitral valves · Cell and organ culture · Bioreactor · Animal
models · Valve disease · Tissue engineering · Bioprostheses

1 Introduction and Chapter Overview

Proteoglycans (PGs) and glycosaminoglycans (GAGs) have long been recognized as
constituents of heart valves but their precise functions have been mysterious and
underrepresented. The heterogeneity, dynamic processing and viscoelastic nature of
PGs and GAGs, and their ability to exist independently or in association with other
extracellular matrix (ECM) components, contribute to the overall complexity of
valve ECM (structure), and impact local tissue biomechanics (function). This chap-
ter will discuss various approaches for elucidating the biomechanical properties of
valvular PGs and GAGs, will relate valve tissue hemodynamic alterations and valve
cell biomechanical stimuli to differences in PG/GAG expression (and
misexpression), and will address directions for future studies.
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2 Proteoglycans and Glycosaminoglycans in Valves:
Composition, Distribution, and Interactions

Heart valves consist of a multilayered structure with distinct fibrosa, spongiosa, and
ventricularis (or atrialis) layers. While the dense, longitudinally oriented collagen
fibers in the fibrosa confer durability and the radially oriented elastic fibers in the
ventricularis impart extensibility, the PG-rich central spongiosa layer provides
cohesiveness and lubrication between the two outer layers and serves to decrease
shear stress associated with leaflet flexure [1, 2]. The primary valvular PGs and GAG
are versican, aggrecan, perlecan, decorin, biglycan (PGs), and hyaluronan (GAG)
[3–5]. All these components are synthesized by valve interstitial cells (VICs), the
predominant cell type within valves [6]. With the exception of hyaluronan, GAGs
exist in vivo as structural components of PGs; a PG consists of a protein core with at
least one GAG chain attached (Fig. 1).

Structurally, GAGs are linear polysaccharides with repeating disaccharide units,
consisting of an amino sugar (N-acetylglucosamine, glucosamine that is variously
N-substituted, or N-acetylgalactosamine) and a uronic acid (glucuronic acid or
iduronic acid) or galactose (Fig. 1). Remarkably, there exists a high degree of
inherent heterogeneity within the GAG structure, with respect to the patterns of
chain length, sulfation, and epimerization (collectively termed “fine structure”) that
make the investigation of GAG structure-function relationships very challenging.
While versican is a large PG with long, multiple GAG chains, the small leucine-rich
PGs (SLRPs) decorin and biglycan are composed of only one (decorin) or two
(biglycan) GAG chains [7, 8]. Further, while hyaluronan, the major GAG in valves,
is unsulfated, the sulfated GAGs such as glucosaminoglycans attached to heparan
sulfate (HS) PG cores in perlecan, and the galactosaminoglycans attached to chon-
droitin sulfate (CS) and dermatan sulfate (DS) PG cores in versican, decorin and
biglycan also predominate in valves. In addition, epimerization of glucuronic acid to
iduronic acid occurs primarily in DS and HS, whereas sulfation occurs at the 4-O and
6-O sites in N-acetylgalactosamine residues or on the 2-C site in uronic acid residues
of CS and DS entities, in different permutations [9]. Overall, there is enormous
intricacy and diversity in GAG microstructure; however, it is noteworthy that the
exact positions of where precise sulfation and epimerization patterns occur in which
GAG chain still remain unclear.

Many of the PG and GAG studies in heart valves are centered around aortic and
mitral valves since most prevalent valve diseases are of aortic or mitral origin [10]. In
these valves, studies have shown that versican and hyaluronan are most strongly
expressed in the spongiosa layer [11]. Versican, with its multiple 6-sulfated CS GAG
chains, often associates with hyaluronan resulting in large aggregates. These aggre-
gates have large hydrodynamic volumes and provide valves with hydration and
lubrication while facilitating responsiveness to variable compressive loads, making
them ideal for withstanding high transvalvular pressures [12–14]. During myxoma-
tous mitral valve disease, an overabundance of these hydrated moieties together with
the release of catabolic and processing enzymes (MMPs including collagenases,
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elastases, gelatinases, and ADAMTSs) without net increases in ECM synthesis lead
to expansion of the spongiosa, and ultimately valve weakening [15]. On the other
hand, smaller PGs with largely 4-sulfated CS/DS GAGs such as decorin and

Fig. 1 CS GAGs consist of repeats of glucuronate and N-acetyl galactosamine disaccharide,
whereas DS GAGs harbor repeats of iduronate and N-acetyl galactosamine disaccharide
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biglycan are found in abundance in tensile load bearing regions, e.g., the ventricular
inflow side of aortic valve, suggesting the presence of GAGs in not only the
spongiosa layer, but in other layers of the valve as well [16].

It is well established that PGs interact with other ECM structural proteins such as
elastic fibers and collagen; these interactions may profoundly influence valve bio-
mechanical and molecular processes [17]. Versican, for example, is known to
interfere with elastic fiber assembly by preventing tropoelastin from binding to the
microfibrillar scaffold through the elastin-binding protein [18, 19]. The CS GAGs of
versican may bind to the galactolectin-binding site of elastin-binding protein, reduc-
ing the protein’s affinity for tropoelastin and disrupting elastic fiber formation. In the
diseased aortic valve, elastin insufficiency causes increased versican synthesis
together with versican processing defects, resulting in compromised valve tissue
stiffness [20]. Elastic fibers are not restricted just to the ventricularis; they form an
interweaving network in the PG-rich spongiosa of aortic valves, impacting local
tissue biomechanics [21].

Furthermore, biglycan and decorin bind tropoelastin and elastin, suggesting a role
for these PGs in elastogenesis, and are consistent with co-localization of these
proteins in the ventricularis [22]. These PGs bind tropoelastin (biglycan) or micro-
fibrils (decorin) via their protein cores and promote elastic fiber assembly, with
CS/DS and transforming growth factor (TGF) β possibly mediating these regulatory
processes [23, 24]. Decorin is highly prevalent in the collagen-rich fibrosa layer
where it facilitates collagen fiber formation by binding to and protecting the fibrils
from cleavage by collagenases [25, 26]. Additionally, they mediate force transmis-
sion between adjacent collagen fibrils, thereby providing structural and mechanical
integrity to the tissue [27]. Intriguingly, biglycan is known to interact with collagen
during tissue development where it facilitates early collagen fibrillogenesis and fibril
assembly. Biglycan expression tapers off with tissue maturation; however, decorin
expression persists in order to stabilize the fiber growth [28, 29]. Not just the valve
fibrosa, but the ventricular inflow surface of aortic valve, which experiences high
shear, laminar flow and tensile forces, also demonstrate decorin and biglycan
expression to necessitate collagen fibrillogenesis and resist these forces. Other
SLRPs associated with collagen fiber assembly such as lumican and fibromodulin
have also recently shown to be critical in regions where valves anchor to the muscle,
promoting structural and mechanical integrity at the base of the leaflets [30]. Taken
together, site-specific expression and co-localization patterns of PGs reveal key
information about their roles in regional valve biomechanics.

3 Glycosaminoglycan Stability Affects Tissue Biomechanics
in Bioprostheses

Valve disease is a significant cause of cardiovascular morbidity and mortality, and
over 100,000 bioprosthetic heart valve (BHV) replacement surgeries are performed
each year throughout the world [31]. Glutaraldehyde (GLUT)-based fixation of these
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tissues prior to implantation remains the gold standard, as it ameliorates immuno-
genicity of the tissue and permits the clinical sterilization and safe storage of BHVs.
In the long term, however, these valves exhibit calcification and mechanical degen-
eration leading to loss of durability and eventual failure in over 50% of young
patients [32–34]. Although GLUT cross-links and protects collagen fibers against
enzymatic degradation, GAGs lack the amine functionalities necessary for cross-
linking, and as a result, their stability is severely compromised [35].

An important early biomechanical study of porcine BHVs investigated the
degradation of GAG content due to tissue fatigue [36]. When subjected to in vitro
accelerated fatigue (5–500 million cycles of fatigue testing), these valves demon-
strated decreased leaflet bending strength and loss of flexural rigidity. Further, there
was a significant reduction in GAG levels (after only ten million cycles of fatigue
testing) that preceded structural alterations in type I collagen (at 50 million cycles).
Later reports also accounted for progressive GAG loss in BHVs even during normal
fixation and regular storage in GLUT, indicating their intrinsic vulnerability
[35]. Dysregulation of the spongiosa layer in these valves due to GAG depletion
also increased the susceptibility of the leaflet to buckling during flexure, which
heightened the potential for mechanical failure [37]. In vivo analysis revealed that,
when GLUT-fixed porcine aortic valves were implanted subdermally for 3 weeks in
a rat model, GAG-degrading enzymes such as hyaluronidase, chondroitinase
(GAGases), and proteases that cleave the protein core were heightened in the
explanted fixed valves compared to native and freshly fixed valves [38]. Interest-
ingly, these enzymes were present during the early phases of valve tissue preparation
for use as BHVs, as well as after BHV implantation, suggesting that enhanced
enzyme activity during initial BHV preparation (which could take up to 24 h) led
to the prefixation GAG degradation; this was followed by a phase of enzyme
overexpression after implantation, possibly due to a host-induced response.

Simultaneously, other biochemical studies described the loss of 6-sulfated CS and
hyaluronan from explanted porcine BHVs, indicating loss of versican aggregates
[39]. Since GAGs do not react with GLUT, the hypothesis is that versican aggregates
remain un-cross-linked and unbound, and hence leach out of the valve leaflets
gradually after BHV implantation. Surprisingly, the 4-sulfated CS/DS such as that
found in decorin and biglycan were better presented in these valves, possibly due to
the relatively well-exposed core protein of these PGs being located adjacent to
collagen fibrils, thereby increasing their susceptibility to fixation. Taken together,
while the function of spongiosa is to primarily allow shearing between the fibrosa
and ventricularis, when GAG depletion occurs in fixed valves, shearing is resisted by
the remaining fibrillar ECM components, consequently increasing tissue rigidity.
Increase in leaflet rigidity due to compromised hydration, compressive resistance
and viscosity resulting from GAG loss leads to biomechanical deterioration and
contributes to calcification in vivo.

Recent studies have demonstrated the effectiveness of neomycin, a hyaluronidase
inhibitor, in enhancing GLUT cross-linking to stabilize GAGs [40]. After subjecting
the BHVs to the same fatigue cycles as described previously [36], it was observed
that the neomycin-glutaraldehyde (NG) cross-linking provided resistance to fatigue-
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induced GAG loss and insulated the cross-linked ECM from enzymatic degradation
via GAGases such as hyaluronidase and chondroitinase. Elastin degradation was still
prevalent. The NG cross-linked leaflets were functionally similar to GLUT-fixed
tissues prior to GAGase treatment; after GAGase treatment, however, these tissues
showed increased areal compliance and reduced hysteresis. Therefore, GLUT-
associated alterations in valve mechanical behavior were prevented by the NG
treatment, and inclusion of neomycin helped maintain biomechanical properties of
the cross-linked tissue. More recently, interesting new combinations of treatments
and novel fabrication/fixation methods have been assessed, such as incorporation of
neomycin and pentagalloyl glucose (PGG) into glutaraldehyde cross-linking to
create a neomycin-PGG-glutaraldehyde (NPG) approach that stabilizes both GAGs
and elastin in porcine aortic valves, and the creation of a tri-cross-linked
carbodiimide/neomycin/PGG fixative for improved prosthetic stability [41, 42].

4 Theoretical and Experimental Determination
of Glycosaminoglycan Biomechanics in Native Valve
Tissue

While the mechanical behaviors of the fibrosa and ventricularis layers of the aortic
valve leaflet are well characterized, little information exists on how their mechanical
interactions are mediated by the GAG-rich central spongiosa layer. The spongiosa
dampens vibrations from closing, confers flexibility to the leaflet, and lubricates
shear between the outer layers, all functions that are derived from the ability of
GAGs to retain water [11, 43]. From a mechanistic perspective, GAGs are hypoth-
esized to contribute substantially to the time-dependent behavior of the bulk tissue at
lower physiological force levels through mechanical interactions achieved by direct
bonding with the partially undulating collagen fibers. This hypothesis has been used
to explain why the magnitude of stress relaxation is reduced at higher tissue stress
levels, wherein the bulk tissue response is dominated by the fully loaded and
straightened collagen fibers [44]. Additionally, despite the heterogeneous valve
architecture, the leaflet layers function as a bonded structure during low-strain
flexure due to interlayer interactions. In this low-strain environment, the spongiosa
may mechanically act as a contiguous extension of the outer two layers [45]. Inter-
estingly, GAG accumulation has been shown to lead to significant stress concentra-
tion and intralamellar Donnan swelling pressures during thoracic aortic aneurysm
and dissection, and these may disrupt the normal cell–matrix interactions that are
fundamental to tissue homeostasis and delaminate the layered microstructure [46].

Prior to biomechanical characterization of GAGs in heart valves, Schmidt et al.
explored the influence of PGs on the static and kinetic behavior in articular cartilage
[47], a tissue with similar ECM composition and developmental pathways to that of
valves [48]. Viscoelastic creep and slow constant-rate uniaxial tension tests were
performed on cartilage treated with chondroitinase ABC, or chondroitinase ABC
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with trypsin and hyaluronidase. Creep results showed that the GAG-degraded tissue
demonstrated a rapid increase in strain following load application and reached
equilibrium within 100 s while untreated tissues exhibited either rapid or gradual
increase in strain but did not reach equilibrium even after 25,000 s. However,
uniaxial tension tests showed that intrinsic tensile stiffness, strength, or the collagen
network of the cartilage tissue remained unaffected. These findings suggested that
through their physical restraints on collagen, the bulk of PGs present in the tissue
acted to retard fibrillar reorganization and alignment under tensile loading, thereby
effectively preventing sudden extension of the collagen network. This also has
implications in understanding the differential, functional roles of PGs in largely
immobile vs. mobile tissues, which is not well unknown.

In one of the early studies aimed at determining the relative roles of hydration and
GAG content on the viscoelasticity of valve tissues, porcine aortic valve leaflets
were subjected to GAG depletion using 0.1 M NaOH, and stress relaxation and
failure tests were performed [49]. GAG depletion affected the viscoelastic response
of aortic valve tissue. However, the major portion of this effect correlated with water
content, which was significantly removed along with GAGs as well. Intriguingly,
removal of GAGs did not independently reduce the tissue viscoelasticity proving
that, regardless of the presence of absence of GAGs, the main contributor to soft
tissue viscoelasticity was its water content.

The roles of GAGs in the tensile and viscoelastic properties of leaflets and how
GAGs contribute and relate to the observed valvular tissue behavior at high tensile
loading remained unclear until recently. In order to quantify the mechanical contri-
bution of GAGs, the tensile and 45� loading (with respect to circumferential axis) of
porcine aortic valves were compared between valves with GAGs present and valves
with GAGs removed through enzymatic digestion by chondroitinase and hyaluron-
idase [50]. After GAG removal, there was a significant reduction in hysteresis at low
force ranges (from ~35% in control to ~25% after GAG removal) but hardly any
change in the tensile properties, indicating that the viscoelastic behaviors of valve
tissues manifested only at low strains. Further, this relationship implicated GAGs in
providing important damping mechanisms to reduce leaflet flutter when the leaflet is
not under high tensile stress, and associated GAGs with fiber–fiber and fiber–matrix
interactions at low force levels. In a similar study, removal of GAGs using a cocktail
of chondroitinase ABC, hyaluronidase, and keratinase had an effect on viscoelastic
properties (relaxation kinematics and percentage relaxation) of fresh porcine aortic
valves, but no effect on tensile properties (stiffness), which may depend more on
collagen and elastic structure [51]. More specifically, removal of GAGs decreased
the relaxation percentage, slowed the relaxation rates of the valve tissue, and reduced
the natural anisotropic (directionally dependent) viscoelasticity of the valve.

In contrast, Tseng et al. showed that GAG concentration in porcine aortic valves
played a significant role in leaflet tensile behavior by lubricating tissue motion and
reducing stresses, but not in viscoelasticity [52]. Upon treatment with hyaluronidase,
the elastic modulus, maximum stress, and hysteresis significantly increased validat-
ing previous reports [35, 53], whereas extensibility and stress relaxation behavior did
not change. Extensibility is strongly linked to the structure of collagen fiber network,
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and since hyaluronidase does not degrade collagen, the enzyme treatment had no
effect. Further, since GAG degradation has previously been shown to affect valve
stress relaxation [49, 51], the absence of any change in tissue stress relaxation here
was contradictory; however, this result was attributed to water retention in these
leaflets even at high hyaluronidase concentrations. Likewise, the enhanced stiffness
values observed in these hyaluronidase-treated leaflets varied from the tensile
properties of GAGase-treated leaflets reported in the studies above [50, 51],
highlighting the differential involvement of broad spectrum vs. specific enzymes
in valve regional GAG digestion, and their consequent effect on tissue biomechan-
ics. On the whole, current information on experimental determination of GAG
biomechanical properties is scant, and the dependence of valve leaflet viscoelasticity
on GAG concentration is controversial and warrants further investigation.

5 Bioreactor Studies to Evaluate Valve Tissue
Biomechanics and ECM Remodeling

In order to recapitulate in vivo valve biomechanical properties or GAG response to
biochemical factors during development or disease, many successful in vitro exper-
imental models have been developed. Although animal models, such as mice, can be
used to examine underlying disease mechanisms in vivo, these studies are invasive,
expensive, and time consuming. Cell studies offer a less expensive alternative;
however cells grown on monolayers are not truly representative of the in vivo
environment, i.e., the layered structure of the valve tissue. Further, external factors
such as mechanics—as in how mechanotransduction from global and multimodal
stresses (planar tension, flexure, and shear stresses) on valves translate to cellular and
subcellular levels—are unclear. Therefore, organ cultures that maintain valve cells
within the native physical structure of the tissue are being utilized. Heart valve
tissues are particularly appropriate for organ culture research because the cells within
adult valves are nourished primarily through diffusive transport of oxygen and
nutrients (as opposed to through vascularization). Hence, designing a valvular
organ culture system is much simpler than designing systems for more complicated
fully vascularized tissues.

Most of the valve organ culture studies investigated tissue biomechanics and/or
ECM remodeling after multi-day leaflet culture (Table 1). Merryman et al. used a
tension bioreactor to subject porcine aortic valve leaflets to mechanical and cytokine
stimuli. They analyzed valve tissues cultured for 1 and 2 weeks in each of four
conditions: 15% cyclic stretch (physiologic tension), exogenous TGFβ1, both, and
neither [55]. The “neither,” “TGFβ1,” and “Tension + TGFβ1” groups demonstrated
loss of spongiosa with no apparent PGs. Interestingly, there was a loss of PGs in the
group receiving no mechanical stimulation, which was unexpected as tension was
believed to compress the spongiosa region. However, this finding was validated by
another recent study showing downregulation of PGs in statically cultured porcine
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aortic valve leaflets [61]. It appeared from histology that either the PGs dissociated
on their own, unstimulated VICs enzymatically digested them, or VICs were not able
to actively synthesize new PGs in the absence of applied tension. Together, these
suggested that proper preimplant mechanical conditioning of an engineered tissue is
required prior to implantation in order to retain native architecture.

In mitral valves, using a splashing rotating bioreactor, normal and shear forces
were applied for 2 weeks, and the ECM architecture in these valves was compared to

Table 1 Overview of different organ culture bioreactor systems to assess ECM remodeling and
PG/GAG phenotype in cultured aortic/mitral valve tissues

Tissue type Bioreactors for organ culture GAG phenotype References

Porcine aortic
valve, animal
age: unknown

Cyclic pressure (80–120, 120–
160, 150–190 mm), pulse fre-
quency (0.5, 1.17, 2 Hz), cul-
ture time: 48 h

• Sulfated GAG synthesis
increased with the magni-
tude of applied cyclic pres-
sure

• GAG synthesis increased at
0.5 but not at 1.17 and 2 Hz

[54]

Porcine aortic
valve, animal
age:
~10 months

Tension (15% cyclic stretch),
culture time: 2 weeks

• Loss of spongiosa with no
PGs (static conditions)

• Trilaminar structure
maintained but with more
intense elastic fibers (15%
strain) (Fig. 2)

[55]

Porcine mitral
valve, animal
age: ~6 months

Splashing bioreactor (normal
and dynamic shear forces),
culture time: 2 weeks

• Less defined spongiosa
with loss of PG/GAGs and
increase in collagen (static)

• PG retained. Heightened
versican and biglycan syn-
thesis (dynamic)

[57]

Porcine aortic
valve, animal
age: 6–
12 months

Stretch-pressure bioreactor,
10 or 15% stretch, 120/80 mm
or 140/100 mm pressure, cul-
ture time: 48 h

• Spongiosa thickness
increased at elevated pres-
sure (140/100) and stretch
(15%) (Fig. 2)

[56]

Porcine aortic
valve, animal
age: 12–
24 months

Tensile (10% cyclic stretch),
culture time: 72 h

• Sulfated GAGs increased
with cyclic stretch

• Upregulation of versican,
biglycan, lumican, and
aggrecan

[58]

Sheep mitral
valve, animal
age: 18–
24 months

Tensile (strains of 10%, 20%,
and 30%), culture time: 72 h

• Sulfated GAG content
increased with increased
magnitude of strain

• Disruption of spongiosa,
GAG deposition through-
out leaflet at high strains

[59]

Porcine mitral
valve, animal
age: 3–
6 months

Flow loop tension system with
physiologic waveforms and
pressures, culture time: 1 week

• Mitral valve prolapsed tis-
sues had elevated GAG
levels

• Functional mitral regurgi-
tation conditioned tissues
demonstrated more colla-
gen and decorin

[60]
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statically cultured valves [57]. The spongiosa became less defined in static cultures
with a loss of PG/GAGs and an increase in collagen. With dynamic stimulation,
versican expression (quite low in static) was higher in the chordae, whereas decorin
remained constant between the two groups. Biglycan expression in the chordae was
modest and high in static and dynamic cultured groups, respectively. In contrast with
the chordae, the leaflets demonstrated normal expression levels of versican and
decorin, and reduced expression of biglycan, in both static and dynamic culture
conditions. The apparent collagen upregulation and rapid disorganization of the
tissue collagen layers in static conditions was attributed to the absence of mechanical
stretch-induced perfusion. Moreover, the dissipation of PG/GAGs was speculated to
be caused by tissue disorganization allowing these water-binding moieties to leach
out over time. Therefore, mechanical stimulation via perfusion and stretching
maintained tissue integrity.

In another study, porcine aortic valve leaflets to combinations of normal and
pathological stretch and pressure magnitudes using an ex vivo cyclic stretch and
pressure bioreactor [56]. Under pathologically elevated pressure (140/100 mmHg)
and stretch (15%), VIC phenotype was abnormal and the thickness of spongiosa and
fibrosa layers increased, suggestive of maladaptive ECM remodeling. Remarkably,
in the absence of stretch, cyclic pressure upregulated sulfated GAG expression in
porcine aortic valve leaflets, while constant static pressure did not [54]. GAG
synthesis increased with the magnitude of applied cyclic pressure with 170 mmHg
exhibiting a greater effect compared to 100 and 140 mmHg pressures. Pulse fre-
quency influenced GAG homeostasis as well. Furthermore, when high magnitude
and high frequency were combined, significant increase in GAG synthesis was
observed; however, pressure magnitude seemed to have a greater influence on the
tissue than frequency.

Similar to porcine valves, cultured sheep (mitral) valve leaflets were cyclically
stretched under static, 10% (low physiologic strain), 20% (high physiologic), and
30% (pathologic) cyclic strain at 0.5 Hz for 1 and 3 days [59]. The valves were
clamped at the leaflet annulus and free edge at the attachment of primary chordae
tendineae into the mounting device, and radial strain was applied. The measured
tensile load necessary to maintain strain on mitral valves decreased exponentially
over the first 30 h of cyclic strain. The magnitude of decrease in tensile load was
greater at higher strain levels, consistent with greater weakening of the ECM with
higher strain levels. Histological analysis revealed increased GAG deposition
throughout the leaflet and disruption of elastin fiber organization with increasing
levels of cyclic strain. Sulfated GAG content in mitral valves increased with
increased magnitude of cyclic strain, and was highest at 30% strain after 24 h, and
at both 20 and 30% strain levels after 72 h.

Excessive serotonin levels are known to cause increased VIC proliferation and
upregulation of valve ECM production [62–65]. The controlled effects of cyclic
stretch and adding serotonin/inhibiting serotonin transporter on ECM remodeling
was investigated in porcine aortic valve leaflets loaded in a tensile stretch bioreactor
[58]. The leaflets were subjected to 10% cyclic stretch for 3 days. Addition of
serotonin resulted in reduced amounts of sulfated GAGs. However, GAG levels
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increased in the presence of cyclic stretch, with significant upregulation of biglycan,
versican, lumican, and aggrecan, and serotonin transport blockage together with
cyclic stretch resulted in greater GAG biosynthesis.

Mitral valve disease can manifest as mitral valve prolapse (MVP), with mechan-
ical weakening of valve tissue due to an accumulation of PGs and GAGs, or
functional mitral regurgitation (FMR), with distortion of the valve annulus and
papillary muscle leading to higher tension forces throughout the leaflet. To probe
these two conditions in vitro, a flow loop system was developed and contained
porcine mitral valves with altered geometry (MVP—5 mm displacement of papillary
muscles toward the annulus; FMR—5 mm apical, 5 mm lateral papillary muscle
displacement, 65% larger annular area) to mimic the diseased conditions [60]. MVP
conditioned tissues were less stiff, weaker, and had elevated levels of type III
collagen and GAGs, suggesting myxomatous remodeling. FMR conditioned tissues
were stiffer, more brittle, less extensible, and with more collagen synthesis, cross-
linking-related enzymes and PGs, including decorin, suggesting fibrotic remodeling.
These findings confirmed that valve ECM was differentially remodeled in response
to altered mechanical homeostasis resulting from disease hemodynamics.

Overall, organ culture is a valuable tool for simultaneous assessment of tissue
biomechanics and ECM remodeling in valves. However, there are some compelling
comparisons and contrasting aspects among these studies (Table 1). The duration of
these organ culture studies vary from 48 h to 2 weeks. Therefore, the effect of culture
time on tissue ECM remodeling needs to be elucidated. In addition, having some
standardization across bioreactor and tissue mechanical stimulation studies would
improve consistency between various studies. Further areas worth investigating, due
to differences across previous studies, include the effect of animal species and age.
Particularly relating to age, it may be the case that young animals are better models for
understanding disease specificity and progression (e.g., early genetic predisposition)
whereas older animals may be better models for studying latent disease severity and
manifestation. Importantly, after valve culture, there tends to be collagen accumulation
(fibrotic) in some of these tissues but GAG accumulation (myxomatous) in others
(Fig. 2); the mechanism during these outcomes warrants further study.

6 Correlating Glycosaminoglycan Levels with Tissue
Biomechanics (Normal vs. Disease)

The knowledge of composition and distribution of PGs and GAGs within valves is
essential for understanding and recapitulating the complex mechanics of valve
leaflets [11]. During valve disease, cell-mediated ECM remodeling, often involving
PGs and GAGs, can lead to gross tissue biomechanical changes. Biochemical studies
on valves have well established that region-specific PG/GAG distribution is related
to localized compressive loads experienced by the tissue [16]. For example, in
human mitral valves, the regions that experience compression, such as the posterior
leaflet and the free edge of anterior leaflet, contain significantly more water,
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hyaluronan, and high 6-sulfated to 4-sulfated CS ratio with longer chain lengths of
80–90 disaccharides, indicative of versican. The regions that experience tension,
such as the chordae and the central portion of anterior leaflet, contain less water, less
hyaluronan, and mainly 4-sulfated DS with chain lengths of 50–70 disaccharides,
indicative of decorin and biglycan.

While Grande-Allen et al. showed 80% 6-sulfated disaccharide and 20%
4-sulfated disaccharide in normal posterior mitral leaflet, in studies by Dainese
et al., the posterior leaflet demonstrated higher percentage of 4-sulfated (38%) than
the 6-sulfated (23%) disaccharide, suggesting discrepancies due to different analyt-
ical approaches [66]. In particular, the relative percentage of non-sulfated
(hyaluronan and non-sulfated CS/DS) disaccharides and the 4-/6-sulfated disaccha-
rides were calculated using HPLC after treatment with chondroitinase ABC, whereas
Grande-Allen et al. evaluated these disaccharides by fluorophore-assisted carbohy-
drate electrophoresis (FACE) analysis after treatment with hyaluronidase and
chondroitinase ABC or chondroitinase ACII and further drying and fluorotagging
the disaccharides. Further, the age of subjects ranged from 20 to 75 years in studies
by Grande-Allen et al., whereas the patient group in Dainese et al. was a narrow age

Fig. 2 Top panels (i–iii): fibrotic phenotype with loss of layer stratification is observed in statically
cultured aortic valves whereas the trilayered structure is maintained with the application of 15%
stretch (from [55]). Bottom panels (iv–ix): with heightened stretch (15%) and pressure
(140/100 mmHg), expansion of the spongiosa with increased GAGs is observed, whereas spongiosa
narrowing occurred at 10% stretch (from [56]). F fibrosa, S spongiosa, V ventricularis
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range of approximately 11–13 years. Additionally, age-induced differences in
human anterior and posterior mitral leaflet are known to exist; the anterior leaflet
progressively becomes stiffer than posterior leaflet, and both the leaflets are stiffer at
advanced age than at younger stages, consistent with PG infiltration and other ECM
abnormalities [67].

The chordae tendineae prevent prolapse of the closed mitral valve into the left
atrium and are thus essential for proper valve function and ventricular geometry
[68]. When the chordae become diseased and elongate/rupture, valvular prolapse
and regurgitation ensue. In healthy chordae, Liao and Vesely showed that the
concentrations of total GAGs, unsulfated CS/DS, and 6- and 4-sulfated CS were
highest in the marginal chordae, and significantly decreased in the order of marginal,
basal, and strut chordae [69]. Marginal chordae were found to have a greater
collagen fibril density and thus more GAG-mediated fibril-to-fibril linkages. Fibrils
with fewer PG connections would thus slip more and reorganize more than would
those with abundant PG connections. In other words, the greater number of PG
linkages could prevent the slippage of fibrils with respect to each other, and might in
turn reduce tissue stress relaxation. The thicker strut chordae were found to have
more PG connections and they consequently relaxed more and faster than the thinner
marginal chordae; the different viscoelastic properties of mitral valve chordae could
therefore be explained morphologically.

Like the valve leaflets, the mitral valve chordae show compromised mechanical
behavior during disease. While studies have shown that normal chordae contained
primarily 4-sulfated DS in chains approximately 50–60 disaccharides long, myxo-
matous chordae had a greater proportion of 6-sulfated CS and hyaluronan, indicative
of versican abundance, a reduced proportion of 4-sulfated DS, and significantly
longer CS/DS chains [70]. Therefore, the GAG profile of myxomatous chordae was
less like normal chordae and more like normal and myxomatous leaflets; i.e., these
chordae were more extensible and less stiff with a biomechanical shift from a normal
“chordal phenotype” (involving high-tensile loads) toward a “leaflet phenotype”
(involving a combination of compressive and low-tensile loads) [71].

In aortic valves, the leaflet belly is associated with heightened compressive
loading and the commissure is associated with tensile loading during cyclic flexure
and bending. While CS and DS are the main sulfated GAGs in human aortic valves,
in patients with severe aortic insufficiency, aortic valves demonstrate increased
sulfated GAGs and increased 4-sulfation/6-sulfation ratio, suggesting altered hydra-
tion due to tissue pathology during disease and mechanical weakening [72]. In
normal aortic valves, there were differences in 4-sulfation/6-sulfation ratio between
the belly and commissure regions. Regions under tension such as the commissure
had abundant 4-sulfated DS whereas regions under compressive forces, like the
belly, contained hyaluronan and 6-sulfated CS. In addition, hyaluronan levels were
lower in pathologic aortic valves compared to controls, especially in the leaflet
attachment zones where compression was higher, which most likely lowers the
ability of this region to resist compression.

The characterization of GAGs in porcine mitral and aortic valves is largely
consistent with human valves. In porcine mitral leaflets, the free edge, which
experiences compression, was shown to contain an abundance of water and
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GAGs, particularly 6-sulfated CS and hyaluronan. In comparison, the central tensile
loading region of the anterior mitral leaflet demonstrated reduced GAG content and
chain length, a larger fraction of 4-sulfated iduronate, and a lower fraction of
6-sulfation [11]. With increasing animal age, there was an upregulation of PGs in
the mitral valve, possibly due to increased left atrial pressure. The central loading
region exhibited a dramatic increase in the ratio of 4- to 6-sulfated DS and aging
accentuated the tensile tissue phenotype in mitrals overall. In aortic valves, the aging
process downregulated the ratio of CS to DS, and increased the ratio of 4- to
6-sulfated DS. In other words, these valves progressively transformed from a
compressive (at younger age) to a tensile phenotype (at advanced age); this may
reflect the increased tensile loading on these tissues that would accompany an
age-related decrease in compliance. Therefore, differences in loading patterns, as
well as in geometry, may explain the differences in composition between porcine
aortic and mitral valves. Recently identified porcine models of valve disease with PG
abnormalities could be investigated in future, for assessment of GAG fine structure
modifications and tissue biomechanical alterations [73, 74].

Given the robust insight regarding pathogenesis that transgenic manipulation pro-
vides, targeted mutagenesis mice provide an opportunity to combine engineering and
molecular approaches to study PGs in valve disease.Mouse models of aortic andmitral
valve diseases with postnatal PG dysregulation demonstrate abnormalities in valve
tissue stiffness or systolic/diastolic function as early as 4 months of age, caused by an
altered tissue collagen/GAG ratio [20, 75–77]. Further, micromechanical approaches
such as atomic force microscopy and micropipette aspiration coupled with histology
reveal that even wild-type mice demonstrate differences in regional valve tissue
stiffness with age, with focal collagen deposition in the leaflet and PG infiltration at
the valve hinge [78, 79]. While myxomatous valve phenotype with PG accumulation
and valve weakening ismostly thought to be a hallmark ofmitral valve disease (and not
aortic valve disease, which predominantly results in fibrocalcification and valve stiff-
ening), studies have shown that even aortic valves undergo myxomatous transforma-
tion in humans as well as mice; and PG defects have been observed in both fibrotic and
myxomatous valve states [17, 80, 81]. Future studies need to combine characterization
of GAG fine structure with measurement of GAG biomechanics in mouse models to
determine the correlation between regulation of GAG homeostasis and valve function
during different manifestations of valve disease.

7 Effect of Cell Stimulation on Proteoglycan
and Glycosaminoglycan Response

VICs are mechanosensitive, and highly responsive to the hemodynamically active
environment to which the valve tissue is normally constantly exposed, and to the
altered hemodynamic state during disease [82]. VICs experience uniaxial, biaxial, or
multiaxial strains in vivo; furthermore, normal and disease states exert different
strain patterns. Because these cells are connected to the valve ECM via integrins,
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mechanical stresses/strains in the ECM result in cell mechanotransduction, and may
alter the regulation of ECM gene expression and GAG homeostasis [83]. Therefore,
while organ culture is important to investigate global tissue remodeling response,
cell culture studies represent a more mature and detailed approach to quantify
mechanistic alterations following biomechanical stimulation.

Gupta et al. examined the effect of uniaxial and biaxial static tension on PG and
GAG synthesis by VICs from porcine mitral valve leaflet and chordae using a porous
3D collagen scaffold [84, 85]. The three predominant valve PGs—decorin, biglycan,
and versican—were present in the collagen gels as well as the conditioned medium;
however, in constrained conditions, more 4-sulfated CS/DS GAGs, decorin and
biglycan but less versican were retained within the collagen gel (due to the close
association between these SLRPs and collagen fibrils in the scaffold), whereas
abundant hyaluronan was leaching out into the surrounding medium. The presence
or absence of tensile strain and the magnitude of contraction also produced distinct
effects on the VIC production of different GAG classes. Further, there was no
difference in total GAGs between collagen gels seeded with chordal cells and
those seeded with leaflet cells. However, constrained collagen gels containing leaflet
cells retained more decorin and biglycan than did those containing chordal cells.
Overall, mechanical loading of VICs influence GAG production and localization
during mitral valve remodeling.

After static tensile testing, the effect of alternating cyclic stretch-relaxation on
PG/GAG synthesis by VICs seeded on collagen gels was analyzed at 24 h periods for
a week [86]. Cyclic stretch induced upregulation of total GAG content as well as the
individual GAG classes secreted into the culture medium. Leaflet cells demonstrated
altered proportions of various GAG classes they secreted during the culture duration,
but showed a delayed response to stretching compared to chordal cells. In a parallel
study, VICs were stretched at different strains of 2, 5, or 10% at 1.16 Hz for 48 h
using a custom-built stretching device [87]. Cyclic strains reduced the total GAGs
retained within collagen gels in a strain-magnitude-dependent manner for both
leaflet and chordal cells. With increasing strain, interestingly, secretion of total
GAGs into the medium was reduced for leaflet cells but elevated for chordal cells.
Retention of 4-sulfated GAGs increased with increasing strain for both cell types; for
the chordal samples, retention of 6-sulfated GAGs was reduced at higher strain.
Compared to statically constrained or unconstrained conditions, the application of
cyclic strain reduced the secretion of 6-sulfated GAGs by both cell types, and
elevated the secretion of 4-sulfated GAGs by leaflet cells only. Retention of biglycan
and secretion of decorin was significantly reduced at 10% strain compared to 2%
strain.

More recently, porcine aortic VIC cultures stretched to 5% cyclic strain for 48 h
using Flexcell, demonstrated heightened cell activation and sulfated GAG expres-
sion, notably in the presence of exogenous TGFβ1 and at advanced animal age
[83]. Examination of the markers of hyaluronan homeostasis revealed that CD44, a
hyaluronan receptor, and the ratio of hyaluronidase (HYAL) to hyaluronan synthase
(HAS) enzymes, were increased with the combined strain and TGFβ1 treatment in
older VICs, suggestive of hyaluronan degradation. These findings were consistent
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with human valve disease pathology and established that valve hyaluronan homeo-
stasis was affected by VIC biomechanical stimulation. Overall, these results affirm
that mechanical strain conditions regulate GAG and PG production by VICs in vitro.

In the context of tissue engineered heart valves, Engelmeyr et al. evaluated the
effect of unidirectional cyclic three point flexure (physiological frequency, ampli-
tude) on ovine vascular smooth muscle cells that were seeded on polyglycolic acid
and poly-L-lactic acid (PGA-PLLA) scaffolds, to estimate ECM remodeling [88]. At
the 30 h time point, there was significant secretion of sulfated GAG but not collagen
or elastin, suggesting that sulfated GAG secretion precedes collagen and elastin
synthesis in tissue engineered valve development, potentially similar to that
observed during fetal semilunar valve development. After 3 week incubation,
sulfated GAG concentration decreased drastically. Interestingly, there was not
much difference between the static and flex groups after 3 weeks. In sum, studies
evaluating the effect of biomechanical factors such as cyclic mechanical strain or
fluid flow (pulsatile or steady state shear) on 2D or 3D valve cell culture are
important for understanding cellular response and mechanisms of GAG synthesis
or degradation; these have profound implications in ECM remodeling during normal
and disease states, and for tissue engineering applications.

8 Summary

Historically, GAGs are the least studied ECM component in valve tissue. Further-
more, the biomechanics of the valve spongiosa layer, of which GAGs are a dominant
component, has not been as thoroughly explored as have the fibrosa or ventricularis
layers. More recently, however, there is growing interest in developing a combina-
tion of experimental and theoretical approaches to estimate the complexity of GAGs,
their contribution to the valve structure-function relationships, and their molecular
interactions with distinct ECM and cellular components, and the mechanical envi-
ronment. These GAG studies utilize a wide range of approaches employing cultured
cells, native or fixed valve tissues, tissue engineered scaffolds, and simple through
complex bioreactor systems to apply mechanical stimulation. The experiments
provided great insight into GAG function and biomechanics of GAG dysregulation
during valve remodeling in native as well as tissue engineered valves. In the future,
mechanisms that control GAG synthesis and degradation need to be elucidated in
organ cultured valves; this information is important for understanding pathways that
control fibrotic (stiff valve) versus myxomatous (floppy valve) phenotypes in normal
and disease states. In addition, cocultures of VIC and valve endothelial cells better
mimic the in vivo valve cell milieu and may offer an alternative to standard VIC
cultures for investigating the effect of mechanotransduction on GAG homeostasis.
Further, determination of alterations in GAG fine structure together with GAG
biomechanics in animal models of valve disease during the origin, onset, progres-
sion, and overt manifestation of disease will be valuable in the development of novel
therapeutics and durable tissue prostheses. Finally, examining the association
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between GAG biomechanics, composition, and mechanisms is common to various
tissues, and their results may be generalizable, which could impact other areas of
research.
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On the Unique Functional Elasticity
and Collagen Fiber Kinematics of Heart
Valve Leaflets

Jun Liao and Michael S. Sacks

Abstract With the growing prevalence of heart valve diseases, it is important to
better understand the biomechanical behavior of normal and pathological heart valve
tissues. Recent studies showed that heart valve leaflets exhibited a unique function-
ally elastic behavior, in which valvular tissues exhibited minimal hysteretic and
creep behaviors under biaxial loading, yet allowed stress relaxation similar to other
types of collagenous tissues. This unique behavior is in favor of heart valve function,
enabling leaflets to bear peak physiological loading without time-dependent defor-
mation. To explore the underlying micromechanical mechanisms, we used small
angle X-ray scattering (SAXS) under biaxial stretch to explore the collagen fibril
kinematics in stress relaxation and creep. We found that collagen fibril reorientation/
realignment did not contribute to stress relaxation and creep. In stress relaxation,
collagen fibril strain released largely during the first 20 min and the remaining
collagen fibril strain stayed relatively constant in the remaining relaxation time.
The overall reduction rate of the collagen fibril strain was much larger than the stress
decay rate at the tissue level. When the leaflet tissue experienced negligible time-
dependent deformation under constant load (negligible creep), the collagen fibril
strain was maintained at a constant level during the time course. This difference in
collagen fibril kinematics implies the mechanisms responsible for creep and stress
relaxation in the leaflet tissue are functionally independent. We thus speculate some
type of fibril-level “locking” mechanism exists in leaflet tissue that allows for stress
release under constant strain condition, yet does not allow for continued straining
under a constant stress. We speculate that the degenerated ECM components in
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diseased valvular tissues might cause changes in these quasi-elastic behaviors and
thus contribute to malfunction of heart valves.

Keywords Heart valves · Valve leaflets · Viscoelasticity · Stress relaxation · Creep ·
Negligible creep · Collagen fibril ·D-period · Collagen fibril kinematics · Small angle
X-ray scattering · Biaxial stretching system · Quasilinear viscoelastic model · Quasi-
elastic behavior

1 Introduction

1.1 Function of Heart Valve Leaflets

Heart valves are the essential apparatuses in heart function and blood circulation.
Four valves (i.e., mitral valve, tricuspid valve, aorta valve, and pulmonary valve)
accurately coordinate with the sequential contraction and relaxation of heart mus-
cles, thus ensuring the unidirectional flow of blood among four heart chambers
[1]. Often referred to as atrioventricular valves, the mitral valve and the tricuspid
valve are located between the atria and ventricles and guide the blood from the left
atrium to the left ventricle and from the right atrium to the right ventricle, respec-
tively. Of the two semilunar valves, the aortic valve is situated between the left
ventricle and the aorta and directs blood flow from the left ventricle to the aorta,
while the pulmonary valve, located between the right ventricle and the pulmonary
artery, guides blood flow from the right ventricle to the pulmonary artery.

As the heart pumps about 7000 L of blood each day, the heart valves coordinate
the contraction and relaxation of the four heart chambers by opening and closing in a
precise, sequential manner for ~3 � 109 times (nonstop cycles) during a person’s
lifetime [2, 3]. Looking closely at the mechanical function of the heart valves, one
can notice the very demanding working loads the heart valves experience in response
to blood pressure changes in the upstream and downstream locations. The three
leaflets of the pulmonary and aortic valves, the anterior, septal, and posterior leaflets
of the tricuspid valve, and the anterior and posterior leaflets of the mitral valve all
experience multiple loading states and large deformations [2–6]. The loading states
include multidirectional tension due to backward pressure gradients during the
closing phase, as well as bending and shearing due to forward pressure gradients
and blood flow during the opening phase [2–4, 7, 8].

1.2 Composition and Ultrastructure and Heart Valve Leaflets

To cope with the complicated loading states and large deformation, as well as
minimize internal structural damage/fatigue, the valve leaflets have adapted unique,
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optimal tissue composition and ultrastructure [1–3, 6, 9]. Three extracellular matrices
(ECM), i.e., collagen, elastin, and proteoglycans (PGs), are the major structural
components of the four types of heart valve leaflets, which all exhibit layered
structure. The optimal, natural designs of leaflet tissues are reflected by the amount
of collagen, elastin, and PGs, as well as the network configuration of collagen fibers
and elastin fibers in each layer [1–3, 10]. From a structural-functional perspective, the
morphology, layered structure, composition, and ultrastructure of heart valves are
most likely correlated to their anatomic configuration, mechanical loading, and
boundary conditions [7, 11, 12]. It is hence understandable that the mitral valve and
tricuspid valve leaflets share similarities while the aortic valve and pulmonary valve
leaflets share similarities [1].

The mitral valve and tricuspid valve have scallop-shaped leaflets which attach to
the heart wall via a fibrous annulus and connect to the ventricular wall via the
supporting chordae tendineae system/papillary muscles [12, 13]. The mitral valve
has two leaflets, a large anterior leaflet and a small posterior leaflet; the tricuspid
valve has a large anterior leaflet, a small posterior leaflet, and a septal leaflet with size
in-between [14, 15]. The layered structure in the mitral valve and tricuspid valve are
similar. A thin atrialis layer mainly composed of elastin fibers faces the atrial
chamber; a thick fibrosa layer consisting of dense collagen fibers faces the

Fig. 1 Layered structure of four types of heart valves. (a) Schematic illustration of layered
structure of atrioventricular valves. Movat’s pentachrome staining shows the fibrosa, spongiosa,
and atrialis layers of mitral valve leaflet (b) and tricuspid valve leaflet (c). (d) Schematic illustration
of layered structure of semilunar valves. Movat’s pentachrome staining shows the fibrosa,
spongiosa, and ventricularis layers of aortic valve leaflet (e) and pulmonary valve leaflet (f).
Scale bar ¼ 200 μm. Note that the average thickness of leaflets decreases in the order of mitral
valve, tricuspid valve, aortic valve, and pulmonary valve [6]
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ventricular chamber; and a spongiosa layer made of mainly PGs serves as a cushion
between the atrialis and the fibrosa (Fig. 1) [13, 15–19]. Both the aortic and
pulmonary valves have three semilunar-shaped leaflets with similar size, while the
overall size and thickness of the pulmonary valve leaflets are slightly smaller and
thinner compared to aortic valve leaflets. Both aortic and pulmonary valve leaflets
share a similar trilayered structure. The ventricularis faces the ventricular chambers
and consists of mainly radially aligned elastin fibers. The fibrosa layer faces the
aorta/pulmonary artery and is dominantly composed of Type I collagen fibers which
have a circumferential orientation. Between the ventricularis and the fibrosa is the
spongiosa layer, which is largely made of PGs and has a distinguishing cushion layer
morphology (Fig. 1) [9, 20, 21].

1.3 Valvular Diseases and Viscoelastic Properties
of Leaflet Tissues

Statistics from the American Heart Association show that more than 20,000 people
died from valvular heart disease in 2009, and overall valvular heart disease affects
2.5% of the American population, with the prevalence increasing along with age
[22, 23]. Valve stenosis and valve regurgitation are two common valvular diseases.
Valve stenosis restricts blood flow due to the narrowing of the valve opening, while
valve regurgitation causes leakage of blood through the leafletswhen the valve leaflets
cannot close correctly [22, 24]. The pathological causes of valvular diseases can be
aging, congenital defects, infective endocarditis, rheumatic fever, Marfan syndrome,
etc. [25–27]. For each pathological cause, valve tissue composition and ultrastructure
are altered accordingly. Those compositional and ultrastructural alterations change
the mechanical behavior of valve tissues, which result in the malfunction of heart
valves. For example, fibrotic tissue formation and calcification of valve leaflets cause
the thickening and stiffening of valve tissues and are often the underlying reason of
valve stenosis [28]. As another example, valve regurgitation can result from the
myxoid degeneration of valve tissue, in which valve tissue experiences weakening
due to the excessive accumulation of PGs/glycosaminoglycans (GAGs) and the
disruption of the collagen fiber network [13, 29–31].

With the high prevalence of heart valve diseases as a concern, it is important to
better understand the biomechanical behavior of heart valves, identify the structural-
functional relations of the valvular tissues, and reveal the intrinsic cause-effect of
heart valve malfunction at various hierarchical levels [4, 32–35]. To achieve those
understandings, one must obtain the accurate and thorough description of the
mechanical behavior of native valvular tissue, reveal the intriguing contributions
of various ECMs at different hierarchical levels, and comprehend the effectiveness
and efficiency of natural designs. As we mentioned above, those natural designs
allow the optimal performance of heart valves under complicated boundary condi-
tions, as well as provide durability for heart valve tissues that are able to withstand
~3 billion opening and closing cycles per lifetime.
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With those biomechanical understandings of the native heart valve tissues as a
foundation, the inferior performance of the diseased valvular tissues can be traced
down to the pathological alterations in ECM composition and ultrastructure, and the
factors that cause the fatigue-prone nature of bioprosthetic heart valves can be better
identified. Furthermore, the tissue-specific structural-mechanical behavior, as well as
its underlying structural mechanism, sets goals/standards for valve surgical
repairing, next-generation bioprosthetic valve design, and heart valve tissue engi-
neering. In this chapter, we report our findings on the unique viscoelasticity of heart
valve leaflets, the essence of this behavior in valve functionality, and the underlying
collagen fibril level kinematics.

2 Conventional Concepts on Viscoelasticity of Soft Tissues

Soft tissues, such as skin, tendon/ligament, blood vessel, and fascia, are inherently
viscoelastic due to their constituents, which are always cells, scaffolding materials
(solid materials), and water [36]. The solid materials consist of collagen, elastin,
and other small structural proteins such as laminin and fibronectin. Water, the fluid
material, is often mediated by proteoglycans (i.e., ground substance) which consist
of highly negatively charged glycosaminoglycan chains capable of attracting and
entrapping water molecules. Hence, the biomechanical behavior of soft tissues
exhibits viscoelastic properties, of which the elastic behavior can be attributed to
solid compositions and the viscous behavior to water. The three major character-
istics of viscoelastic materials are (1) strain rate sensitivity, (2) stress relaxation,
and (3) creep. Those three characteristic behaviors are observations of experimen-
talists during their efforts to capture the full mechanical behavior of viscoelastic
materials.

Briefly, if soft tissues have a stiffer stress-strain behavior when loaded at a higher
deformation rate, the soft tissues are strain rate sensitive. Stress relaxation is always
observed in soft tissues; the soft tissues show a time-dependent stress (load) decay
when loaded and held at constant deformation. Many studies on soft tissues such as
skin, carotid artery, and tendon/ligament have shown that creep, a time-dependent
deformation if the soft tissues are under the action of a constant load, is always
accompanying the stress relaxation behavior of those soft tissues [36]. This
coexisting of stress relaxation and creep gives a symmetrical appearance of those
two viscoelastic characteristics (Fig. 2a, b). The coexisting of stress relaxation and
creep behavior was not only observed experimentally, but also described by theo-
retical models such as linear viscoelasticity theory, in which creep can be predicted
from the stress relaxation [36].

In-depth studies have been carried out to look into the nonlinear nature of the
viscoelasticity of soft tissues. For instance, both Provenzano et al. [37] and
Thornton et al. [38] reported the coexisting of stress relaxation and creep in
ligament tissues, while relaxation proceeds faster than creep—a phenomenon
that cannot be explained by linear viscoelasticity. Lakes et al. [39] and

Heart Valve Functional Elasticity 85



Thornton et al. [40] showed that this observation can be explained by taking into
consideration of the nonlinearities, the interrelationship of creep and relaxation, as
well as the fiber recruitment mechanism. Those interesting observations and devel-
opments in nonlinear theories of ligament viscoelasticity reflect the vision of
Dr. Y.C. Fung. In his classic biomechanics book (p. 287) [36], Dr. Fung puts his
thoughts into the following words: “I have a feeling that creep is fundamentally
more nonlinear, and perhaps does not obey the quasi-linear hypothesis. The
microstructural process taking place in a material undergoing creep could be
quite different from that undergoing relaxation or oscillation.”

Fig. 2 Schematic illustration of typical stress relaxation behavior (a) and creep behavior (b) for soft
tissues such as skin, carotid artery, and tendons/ligaments. The coexisting of stress relaxation and
creep behavior was not only observed experimentally, but also described by theoretical model such
as linear viscoelasticity theory, in which creep can be predicted from the stress relaxation.
Schematic illustration of stress relaxation behavior (c) and creep behavior (d) of heart valve leaflets.
Heart valve leaflets show significant stress relaxation similar to other types of soft tissues, but
exhibit negligible creep behavior when subjected to a constant load. Note that X axis represents time
(t); Y axis for stress relaxation is often presented as stress σ(t) or normalized stress relaxationG(t), in
which all values were normalized to the initial stress at time zero. Y axis for creep is often presented
as strain ε(t) or normalized creep J(t), in which all values were normalized to the initial strain at
time zero
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3 The Unique Viscoelastic Properties of Heart Valve
Tissues: Normal Stress Relaxation but Negligible Creep

The nonlinear, anisotropic mechanical behavior of heart valve leaflets has been
widely studied. For all four types of heart valves, the stress-strain curves share
overall characteristics. Using mitral valve leaflets and aortic valve leaflets as exam-
ples, the stress-strain curves can be divided into three regions: (1) a long “toe” region
with low slope, (2) a nonlinear transitional region, followed by (3) a linear region
with high slope [31, 41–44]. In the long “toe” region, the collagen fibers mainly
experience uncrimping and hence give rise to a very low tensile modulus. In the
transitional region, collagen fibers are gradually stretched and recruited to bear the
load. In the high slope linear region, most of the collagen fibers have been straight-
ened and recruited, providing a very stiff stress-strain behavior and serving as a lock-
up mechanism to prevent excessive deformation [41].

Biaxial testing shows that, for the leaflets of atrioventricular valves and the
leaflets of semilunar valves, the tissues are always stiffer and less extensible in the
circumferential direction than in the radial direction, which reflects the fact that the
dominant orientation of collagen fibers is along the circumferential direction of valve
leaflets. The leaflet extensibilities along the circumferential direction and radial
direction, as well as the degree of anisotropy, are various among the different
types of valves. Moreover, differences in leaflet extensibilities and anisotropy also
exist between the anterior leaflet and the posterior leaflet of the mitral valve, and
among the anterior, septal, and posterior leaflets of the tricuspid valve.

Grashow et al. looked into the viscoelastic behavior of the mitral valve leaflets
and reported that the stress-strain responses of mitral valve leaflets were independent
of a range of strain rates and the hysteresis is relatively small (~12%), indicating a
low level of energy dissipation during leaflet opening and closing cycles [42]. More-
over, a unique viscoelastic behavior has been identified in mitral valve leaflets, i.e.,
the mitral valve leaflets showed significant stress relaxation similar to other types of
collagenous tissues, but exhibited negligible creep when subjected to a constant load
at a physiological level over a 3-h period (Fig. 3a, b) [45]. Sacks et al. conducted an
in vitro dynamic study to understand the closure behavior of mitral valve leaflets
[46]. They found that in the closing cycle the anterior leaflet experienced large,
anisotropic strains and peak stretch rates reached 500–1000%/s. After the rapid
stretching, a plateau phase was observed, implying relatively constant strain state
of the leaflet tissue [46]. This minimal creep behavior was further confirmed in an
in vivo study by Sacks et al. [47]. In the in vivo study, nine 1-mm hemispherical
piezoelectric transducers were implanted onto the anterior leaflet of Dorsett sheep in
a 15-mm square array [47]. The 3D spatial positions of the nine transducers were
monitored via a sonomicrometry system, and the transducer displacements were then
used to calculate the in-surface Eulerian strain tensor [47]. The in vivo data showed
that the mitral valve anterior leaflet showed a constant deformation state during the
period of valve leaflet closure. From a functional perspective, the capability to
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quickly reach a peak strain and then resist further deformation during valve coapta-
tion is a favorable design for mitral valve leaflets [47].

A similar study has been performed on aortic valve leaflets. Stellar et al. reported
that the stress-strain responses are independent of strain rate, along with a low
hysteresis at �17%. It was found that the aortic valve leaflets exhibited typical
significant stress relaxation, but showed negligible creep over the 3 h test duration
(Fig. 3c, d) [48]. The observation of negligible creep in aortic valve leaflets echoes
with the observation in mitral valve leaflets, indicating that this unique viscoelastic
behavior is likely a characteristic behavior of heart valve leaflets.

Fig. 3 (a) Representative normalized stress relaxation curves for a biaxial stress-relaxation exper-
iment on mitral valve leaflet. Leaflet tissue was biaxially loaded to 90 N/m membrane tension and
kept at that strain level for stress decay monitoring. Typical stress relaxation behavior similar to
other types of collagenous tissues was observed throughout the 3-h time frame [42]. (b) Represen-
tative stretch versus time curves for a biaxial creep experiment on mitral valve leaflet. Note the
anisotropic leaflet behavior exhibited by the higher radial stretch required to maintain the 90 N/m
membrane tension. Only very slight increases in strain were observed past 1000 s [42]. (c)
Representative stress relaxation curves for a biaxial stress-relaxation experiment on aortic valve
leaflet. Leaflet tissue was biaxially loaded to 60 N/m membrane tension and kept at that strain level
for stress decay monitoring. Typical stress relaxation behavior similar to other types of collagenous
tissues was observed throughout the 3-h time frame [48]. (d) Representative stretch versus time
curves for a biaxial creep experiment on aortic valve leaflet. Note the anisotropic leaflet behavior
exhibited by the higher radial stretch required to maintain the 60 N/m membrane tension. Only very
slight increases in strain were observed past 1000 s [48]
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Note that Glashow et al. and Stellar et al. performed their biomechanical charac-
terizations on mitral valve leaflet tissues and aortic valve leaflet tissues harvested
from pigs [45, 48]. The porcine mitral valve apparatus was also used for in vitro
dynamic testing [46]. The piezoelectric transducer-assisted in vivo functional char-
acterization, however, was carried out on the mitral valve apparatus of a sheep model
[47]. Both the in vitro dynamic testing and in vivo functional characterization
demonstrated the minimal creep of leaflets during the stage of peak pressure loading.
Recently, a study has been conducted on bovine mitral valve leaflets and aortic valve
leaflets to understand the structural and biomechanical alterations during pregnancy
[49]. Pierlot et al. showed that the bovine-originated mitral valve leaflets and aortic
valve leaflets, both in nonpregnant status and pregnant status, demonstrated a
minimal creep; moreover, the amount of creep of mitral valve leaflets decreased
even further with pregnancy [49].

The abovementioned studies were performed on mitral valve leaflets/aortic valve
leaflets that originated from porcine, ovine, and bovine species. The observations on
strain rate sensitivity, hysteresis, stress relaxation, and creep behavior all point to a
fact that heart valve leaflets cannot be treated as conventional viscoelastic materials.
The heart valve leaflets, indeed, exhibit a unique viscoelastic property that is able to
minimize creep and hysteresis while still allowing occurrence of typical stress
relaxation. Both ex vivo and in vivo functional assessments indicate that this unique
behavior enables the valve leaflets to withstand peak physiological loading without
time-dependent deformation [46, 47]. Overall, the heart valve leaflets have adapted a
mechanical behavior more as “quasi-elastic” biological materials, which is in favor
of valve functionality [46–48].

4 Collagen Fibril Kinematics in Valve Leaflet Stretch,
Stress Relaxation, and Creep

4.1 Hierarchical Structure of Collagen in Heart Valve
Leaflets

We have briefly described the ECM components and overall structure of heart valve
leaflets in Sect. 1.2. In order to understand the mechanistic causes of the unique
viscoelasticity of heart valve leaflets, the knowledge of hierarchical structure of
collagen needs to be introduced in detail. The elaboration of the collagen molecule,
collagen fibril (with D-period structure), collagen fibril interactions via small PG
linking bridges, collagen fiber, and tissue-specific collagen network are of impor-
tance if we want to reveal and picture the underlying mechanisms of the unique
viscoelastic behavior of heart valve leaflets.

As the major load-bearing structural protein in heart valve tissues, collagen (Type
I and Type III) has a nature-designed hierarchical structure spanning from nm
building units (amino acids) to μm fibers. Three helical amino acid chains are packed
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together to form one collagen molecule with a very high aspect ratio (~280 nm in
length and ~1.4 nm in diameter) [50]. The amino acid chain exhibits a pattern of
Glycine-X-Y, which results in a helical twist of the individual amino acid chains.
The three amino acid chains of the triple helix can be either the same (homotrimer) or
different (heterotrimer), and are well stabilized by hydrogen bonds (inter- and intra-
chain interactions) [51]. At the next hierarchical level, the very thin, rod-like
collagen molecules experience self-assembly via covalent bonds to form long fibrils,
i.e., collagen fibrils with 64–68 nm periodic banding appearance that reflects the
pattern of self-assembly (Fig. 4b) [36, 50, 52, 53]. This periodic structure along the
collagen fibril is called the D-period (or D-spacing), a pattern that resulted from self-
assembling of collagen molecules via a “quarter-stagger” formation (Fig. 4). The
Hodge-Petruska model (also called “quarter-stagger” model) described the “quarter-
stagger” formation, i.e., (1) how the ~280 nm long collagen molecule packs together
with great accuracy like “crystallinity”; (2) how the gaps between the axially
neighboring collagen molecules and the shifting arrangement of laterally neighbor-
ing collagen molecules structurally result in the D-period with a gap region of ~0.6
D and an overlap region 0.4D (Fig. 4b) [50]. TheD-periods on the collagen fibril can
be clearly observed under a transmission electron microscope (TEM) as bands with
switching dark and light contrasts due to the mass variations of the gap region versus
the overlap region. The D-period structure can also be observed by high-resolution
scanning electron microscopy (SEM) and atomic force microscopy (AFM). More-
over, the variations in mass (electron density) of the D-period can serve as a periodic
structure that is able to scatter the X-ray beam passing through it, and the length of
D-period can hence be measured. This X-ray scattering mechanism will be described
in more detail in Sect. 4.2.1 as we used it as a means to monitor collagen fibril
elongation and orientation in the viscoelastic behavior of valve leaflets.

The cross-sections of normally developed collagen fibrils show an overall round-
shaped feature, with a diameter ranging from ~10 nm (small fibril) to >100 nm (large
fibril). Another noteworthy characteristic is that the collagen fibrils are discontinuous
with extremely large aspect ratios (length of collagen fibril/diameter of collagen
fibril), reported as high as ~2000 [46, 47]. Those discontinuous, very long collagen
fibrils then form collagen fibers with a diameter of ~1 μm, which are often distin-
guishable under SEM or light microscopy. TEM studies have clearly shown that the
parallel-aligned collagen fibrils are bonded together by small PGs to form the
collagen fibers (Fig. 4c) [54, 55]. The small PG is composed of a long glycosami-
noglycan (GAG) chain, of which two ends of the chain bind to two horseshoe-
shaped protein cores via a covalent bond. Via ionic and polar interactions, the
concave surface of the protein core has the capability to bind to specific sites of
the D-period (on d, e bands), and hence the small PG serves as a crosslink (linking
bridge) among the adjacent collagen fibrils [54, 55]. The role of small PGs in
mediating interfibrillar interaction is supported by numerous experimental observa-
tions [56–69], as well as atomic-level theoretical modeling of the PG-collagen fibril
configuration under loading [70–72]. According to shear-lag theory, even though the
PG crosslink is relatively weak, a very large number of small PG connections, if
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employed simultaneously, have the capability to facilitate load transfer among the
discontinuous collagen fibrils [56, 70–73].

Although the direct load transfer role of small PGs is still debated [74, 75], it is
clear that (1) small PGs are the entities connecting adjacent collagen fibrils and
mediating interfibrillar interaction; (2) small PG crosslinks are mostly perpendicular
to the collagen fibrils under zero load but become skewed when the tissue is under
load (PG skewness angle increases with the applied load); (3) the PG skewness
under load directly verifies the existence of interfibrillar slippage through the ground
substance (small PG crosslinks) when the external load is applied [68]. The concept

Fig. 4 Schematic illustration showing the hierarchical structure of collagen. (a) Collagen molecule
built by triple helix amino acid chains. (b) Collagen fibril self-assembled from collagen molecules
via covalent bond and a “quarter-stagger” formation (The Hodge-Petruska model). Blue rods
represent collagen molecules and their schematic arrangment shows how the gaps between the
axially neighboring collagen molecules and the shifting arrangement of laterally neighboring
collagen molecules structurally result in the D-period with a gap region of ~0.6 D and an overlap
region 0.4 D. Note that the D-period (~65–68 nm) structure can be observed with transmission
electron microscopy (TEM). (c) Collagen fiber is formed by parallel-aligned collagen fibrils
bounded by interfibrillar small proteoglycan bridges. Left panel is the TEM image showing
collagen-small PG configurations in leaflet tissue; right panel is the schematic illustration. (d)
Lastly, a collagen network, which takes a tissue-specific 3D arrangement, is constructed from
collagen fibers. In heart valve leaflets, the wavy collagen fibers are aligned multi-directionally, with
a dominant orientation along the circumferential direction of the leaflet. Left panel shows a mitral
valve apparatus [12]; right panel shows collagen fiber network and collagen fiber alignment and
crimp structure in mitral valve leaflet [13]
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of interfibrillar slippage is important to help us understand the ultrastructural behav-
ior in valve leaflet viscoelasticity.

Lastly, the collagen fibers form a collagen network, which takes a tissue-specific
3D arrangement. For example, in chordae tendineae of mitral and tricuspid valves,
the collagen fibers take wavy pathways and have an overall alignment along the
chordal longitudinal direction—the chordal load-bearing direction when valves
close. However, in heart valve leaflets the collagen fibers are aligned multi-
directionally, with a wavy structure and a dominant orientation along the circum-
ferential direction in the fibrosa layer, a configuration helping to bear the pressure
loading during leaflet coaptation [12, 41, 42, 76–78].

4.2 SAXS, Biaxial Device for SAXS Beamline,
and Experimental Protocols

4.2.1 Small Angle X-ray Scattering for Collagenous Tissues

Due to the hierarchical complexity of collagenous tissues, it is important to have
characterization methods to reveal the mechanical behavior at various hierarchical
levels, i.e., from the tissue level, to collagen fiber level, to collagen fibril level, to
collagen molecule level. For example, the very essential collagen fiber uncrimping
mechanism, which enables the tissue extensibility of tendons/ligaments (hence joint
flexibility), was revealed by polarized light microscopy [79, 80]. The periodic
distinguishing bands of polarized light of the collagenous tissues are found to be
associated with the crimp (wavy) pattern of collagen fibers. Along with the straight-
ening of the collagen crimp in response to external load, the polarized light
distinguishing bands disappear [79, 80]. Furthermore, the mechanical behavior of
collagen fibers, including fiber alignment, rotation, and reorientation, has been
studied in intact collagenous tissues using small angle light scattering (SALS)
[81, 82].

As we mentioned above, the characteristic D-period of the collagen fibril is
indeed the periodic variations in mass (electron density) along the fibril and is able
to scatter the X-ray beam (Sect. 4.1). Hence, researchers have applied X-ray
scattering [83–86] techniques, specifically small angle X-ray scattering (SAXS)
[59, 87–90], to investigate the elongation and reorientation of collagen fibrils
when connective tissues are under stretch. As shown by Fig. 5a, the axial fibril
D-period generates a series of diffraction rings. The maxima of the diffraction series,
called Bragg reflections, were governed by the equation, 2sin(θ)¼ λn/D, where 2θ is
the scattering angle, λ is the X-ray wavelength, n is the order of the reflection, and
here D is the fibril D-period in real space (Fig. 5c).

From the Bragg reflection equation, one can see that the larger the D period is in
real space, the closer the diffraction rings are in the reciprocal space (diffraction
image) (Fig. 5c). By analyzing the diffraction series, we can accurately calculate the
D-period value in real space. Details of how to analyze the diffraction profile and
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calculate the D-period value can be found in our previous papers [44, 91]. If defining
D0 as the collagen D-period value at the reference state, the D-period strain εD can be
computed using εD ¼ (D � D0)/D0. We can further analyze the angular distribution
of intensity along the diffraction ring to obtain the collagen fibril orientations
(Fig. 5b). In our study, we plot the angular intensity distribution of the brightest
fifth order diffraction ring (Fig. 5b). The higher the diffraction intensity, the more
collagen fibrils are aligned along that direction. To better quantify the collagen fibril
orientation, we used an x–y Cartesian coordinate system with the origin point
coinciding with the center of diffraction rings, and the x axis aligned to the horizontal
direction (Fig. 5b). Via a series of analyses of the angular intensity distribution data,
we were able to estimate the preferred orientation angle (ϕp) and angular distribution
profile of collagen fibrils.

Fig. 5 (a) SAXS image from the mitral valve anterior leaflet. The axial fibril D-period generates a
series of diffraction rings. The maxima of diffraction series were used to calculate the D-period
value in real space using Bragg reflection equation. (b) The brightest fifth order diffraction ring was
used to obtain the angular distribution of collagen fibril orientation. The higher the diffraction
intensity, the more collagen fibrils are aligned along that direction. The analysis can estimate the
preferred orientation angle (ϕp) and angular distribution profile of collagen fibrils. (c) Schematic
illustration shows that X-ray beam is scattered by period structure such as D period. The larger the D
period is in real space, the closer the diffraction rings are in the reciprocal space (diffraction image).
(d) Biaxial stretch device custom made for the synchrotron SAXS beamline in X21 endstation at the
NSLS. Numerical labels: (1) specimen chamber, (2) guide shaft, (3) lead screw, (4) tissue holder, (5)
submersible load cell, (6) concave stage, (7) suture, (8) tissue in PBS solution, (9) small X-ray
window, (10) motor, and (11) PBS solution guiding tube. Inserted image on top-left: the
experimenting photo of biaxial stretching device on synchrotron SAXS beamline [44]
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4.2.2 Biaxial Stretching System Designed for SAXS Beamline

SAXS biaxial stretching device. We have designed a biaxial stretching device
specifically for the SAXS beamline. The biaxial stretching device consists of four
major components: (1) sample loading actuators with capability to monitor loads
biaxially, (2) motion control system, (3) X-ray transparent sample chamber, and
(4) camera system to monitor biaxial strains on the sample surface (Fig. 6). Details of
the SAXS biaxial stretching system can be found in our previous publications
[44, 91]. Briefly, a vertically configured biaxial stretching sample chamber was
made using an aluminum alloy, with actuator motion provided by two pairs of
orthogonally positioned stepper motors. Motion control was provided by four
micro-stepping drives, an interconnection module, and a motor controller card.
Five hundred grams of submersible load cells, along with two amplifiers and a
multifunction DAQ card, were used to record the biaxial loads. Biaxial strains were

Fig. 6 (a) Left panel: Relationship between the collagen fibrillar D-period strain (εD) and the
applied equibiaxial tissue tension; right panel: tissue level equibiaxial tension-areal strain curve. (b)
The relationship between stress, collagen fibril D-period strain (εD), and tissue strain along the fibril
preferred direction. The tensile modulus of the MVAL collagen fibrils was found to be
95.5 � 25.5 MPa along the preferred fibril direction, with the tissue tensile modulus
3.58 � 1.83 MPa. Data presented as mean � SEM. Representative angular distribution of collagen
fibrils in biaxial stretch (c), creep (d), and stress relaxation (e). A peak value of 90 N/m equibiaxial
tension was maintained during the creep tests and 90 N/m equibiaxial tension was also used as the
initial stress level for stress relaxation [44]
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tracked with four graphite markers on the sample. A transparent polyvinyl chloride
window was used to allow the monitoring of markers with a CCD camera. A 45�

mirror with a centered hole (3 mm diameter) reflected the marker images to the CCD
camera positioned perpendicular to the SAXS beam line. Note that the centered
3 mm hole on the mirror allowed the X-ray beam to pass through. Lastly, a 1 mm
diameter entrance and 3 mm diameter exit holes were made on the two PVC covers
of the sample chamber, and Kapton film (high X-ray transmittance) was mounted
over the holes to facilitate X-ray passage. The whole SAXS biaxial stretching system
was controlled by a custom written LabVIEW program for delivering stretching
protocols, recording biaxial loads, and monitoring biaxial strains.

SAXS beamline parameters and experimental protocols. The collagen fibril
kinematic study was performed using the synchrotron SAXS beamline at X21
endstation in the National Synchrotron Light Source at Brookhaven National Lab-
oratory. SAXS beamline parameters were as follows: 1.24 Å X-ray wavelength,
0.4 mm beam size, 1.33 m sample-to-detector distance, and a Mar CCD detector
with AgBH (Silver Behenate) sample with known 58.376 Å spacing was used as
calibration of reciprocal space [44]. As we mentioned above, the D-period of the
collagen fibrils and the fibril orientations were extracted from the reciprocal spacing
between the Bragg peaks and the angular intensity distribution of the diffraction ring,
respectively.

For the collagen fibril kinematic study, fresh porcine mitral valve anterior
leaflets (MVAL, N ¼ 5) were dissected into ~15 mm square specimens with
sides parallel to the circumferential and radial direction of the leaflet. After affixed
with graphite markers, the square specimen was mounted on the SAXS biaxial
stretching device using suture loops with stainless steel hooks. The circumferential
direction of the specimen was aligned parallel to the horizontal direction and
the radial direction was aligned to the vertical direction (Fig. 5d). Each MVAL
specimen was then subjected to biaxial stretch, stress relaxation, and creep testing
protocols, in which SAXS images of collagen fibrils were recorded [44]. During the
testing, the specimen was immersed in PBS in the biaxial sample chamber at room
temperature.

1. SAXS-biaxial stretching protocol. After ten preconditioning cycles to a maxi-
mum tension of 90 N/m and acquiring the initial SAXS pattern in the reference
state, a sequence of quasi-static biaxial loading and SAXS measurements were
then applied, with an increment of stepwise tension at 6.5 N/m (10 g) to reach
90 N/m peak tension. The specimen was then unloaded for a recovery period of
5 min.

2. SAXS-stress relaxation protocol. The specimen was loaded to 90 N/m equibiaxial
tension and held at that fixed strain level. SAXS images were recorded along the
time course of stress relaxation at 1 min intervals in the first 10 min, then at
10 min intervals from 10 to 90 min. Biaxial loads were recorded at 1 min intervals
in the first 5 min, then at 5 min intervals up to 20 min, and finally at 10 min
intervals up to 90 min. Afterwards, the specimen was unloaded for recovery for
5 min.
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3. SAXS-creep protocol. Lastly, biaxial creep tests were performed with each
specimen loaded and maintained at 90 N/m equibiaxial tension. Tissue strain
and SAXS patterns were monitored in the following 60 min at an interval of
5 min. For both stress relaxation and creep protocols, the ramp time for sample
was ~30 s.

4.3 Collagen Fibril Kinematics in MV Leaflets

4.3.1 Collagen Fibril Kinematics in Biaxially Stretched MV Leaflets

The MV leaflet behavior at the tissue level showed a typical nonlinear relationship of
collagenous tissue, as shown by tension-areal strain responses (Fig. 6a). The
nonlinear region was found to end at ~20 N/m tension, followed by a relative linear
region. MV leaflet anisotropy is also revealed by tissue level stress-strain curves,
with a maximum circumferential stretch at 1.117 � 0.046 and a maximum radial
stretch at 1.261 � 0.041.

SAXS measurements showed that the D-period of collagen fibrils (D0) was
658.8 � 0.4 Å at the reference state. During the biaxial stretching, the average εD
remained almost unchanged for tensions lower than ~20 N/m (Fig. 6a). Beyond
20 N/m, the average εD increased linearly with the applied equibiaxial tension
(Fig. 6a). We further investigated the relationship among stress, collagen fibril D-
period strain (εD), and tissue strain along the fibril preferred direction (Fig. 6b).
Again, the curves showed that the onset point of D-period increase started at the end
of the nonlinear region and the εD increased linearly with the increase of stress.
Tracking the collagen fibril angular distribution, we showed that fibril orientation/
alignment changes mainly happened at tension levels smaller than ~28 N/m, i.e., in
the nonlinear or “toe” region (Fig. 6c). At tension levels higher than ~28 N/m, the
overall collagen fibril orientation (~circumferential direction) was maintained, while
the degree of alignment increased along with the increased tension (Fig. 6c).

4.3.2 Collagen Fibril Kinematics in Stress Relaxation and Creep of MV
Leaflets

As we just mentioned, the collagen fibrils in MV leaflets experienced major orien-
tation/alignment changes during the biaxial stretch. For both the stress relaxation and
creep tests, the MV leaflets were biaxially loaded to the linear region and maintained
at constant stretch or tension, respectively, in which the collagen fibrils took a certain
orientation and alignment corresponding to that stretch or tension level. We found
that, during the time courses of stress relaxation and creep, the angular distributions
of collagen fibrils exhibited no changes (Fig. 6d, e), indicating that there was no
occurrence of reorientation/realignment of collagen fibrils.
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In the stress relaxation of MV leaflets, we found that ~16.1% of stress relaxed
within 20 min and ~25.5% of stress relaxed at 90 min (Fig. 7a). Although the
orientation and alignment of collagen fibrils experienced no changes, the collagen
fibril strain, εD, experienced reduction during the stress relaxation, in which ~68.3%
of fibril strain was released within the first 20 min and the remaining ~31.7% of fibril
strain stayed relatively constant from 20 to 90 min (Fig. 7b). In the first 20 min, the
overall reduction rate of εD was found to be larger than the reduction rate of the stress
at tissue level. The creep testing of MV leaflets verified the lack of measurable tissue
strain during a 90 min timespan (Fig. 7c). The collagen D-period measurement
showed that εD was maintained at a constant level under biaxial creep (Fig. 7d).

4.3.3 Comparison with Other Collagenous Tissues

Folkhard et al. performed a SAXS study on rat tail tendon under uniaxial stress
relaxation and creep. For stress relaxation, they reported two major observations:
(1) the D-period in rat tail tendon decreased during the time course of stress
relaxation; (2) a fast D-period decrease occurred in the beginning followed by a

Fig. 7 (a) Biaxial stress relaxation of mitral valve leaflet. Normalized stress relaxation G(t) of both
circumferential and radial directions were plotted with respect to time. (b) Reduction of D-period
strain (εD) in the stress relaxation process. (c) Tissue areal strain versus time during creep tests,
showing no detectable change. (d) Collagen fibril D-period strain (εD) versus time during creep
tests. Data presented as mean � SEM [44]
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relatively slow decrease, and the overall reduction rate of fibril strain was faster than
the stress decay (Fig. 8a) [87]. Those observations were consistent with what we
reported in MV leaflets. The decrease of D-period suggests the stress relaxation in
MV leaflets resulted from the release of load from collagen fibrils. Note that the
collagen fibrils in MV leaflets, although they had an extremely large aspect ratio,
were still discontinuous fibrils bounded together by interfibrillar small proteoglycans.
The large reduction rate of collagen fibril strain during initial stress relaxation
implied that, while the overall collagen fibril orientation and alignment were
maintained during the time course, the interfibrillar slippage took place and the
release of load from the collagen fibril were likely accompanied by part of the load
redistributed to other structural ECM materials. The redistribution mechanisms
could possibly be changes in interfibrillar small proteoglycan connections, interac-
tions with elastin, or changes at larger structural scales, which are currently under
investigation [44].

For creep, Folkhard [87] demonstrated that the rat tail tendon exhibited significant
creep and that the tissue deformed continuously to maintain the constant load
(Fig. 8b). Interestingly, the D-period of collagen fibrils in the rat tail tendon was
found to remain constant. In a study on bovine Achilles tendon, which had typical
tissue level creep, Sasaki et al. showed that, under 4–8 MPa stress, the D-period of
collagen fibrils increased immediately in response to the application of the target
load, but there was no further change during the time course of maintaining constant
load [89]. Sasaki et al. also reported that, under 13–18 MPa, the D-period showed
slight initial creep (20–30 s), then kept a constant value during the time course of
maintaining constant load [89]. Based on these observations, the tissue deformation
in the creep of rat tail tendon and bovine Achilles tendon could be ascribed to the

Fig. 8 SAXS study on stress relaxation and creep of rat tail tendon by Folkhard as a comparison.
(a) Tissue level stress (σ) and collagen D-period length (D) versus time in seconds. (b) Tissue level
strain (ε) and collagen D-period length (D) versus time in seconds [87]
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deformation of the interfibrillar ECM, possibly interfibrillar small proteoglycan
connections and others.

One interesting phenomenon noticed in tendons/ligaments was that the creep
rates were smaller than those predicted from stress relaxation [38, 89]. Thornton
et al. [38] speculated that the progressive recruitment of relaxed fibers during creep
contributed to the lower creep rates. This gradual relaxed-fiber recruitment model
was later incorporated into the inverse stress relaxation function to capture the lower
creep rates [40]. While this gradual relaxed-fiber recruitment model explained the
lower creep rates in tendons/ligaments, it does not explain our findings that no creep
occurs in heart valve leaflets. It is worthy to mention that the complete lack of creep
in heart valve leaflets appears to be a unique tissue behavior in the soft tissue
literature. From a functional perspective, this unique behavior enables valvular
tissues to withstand significant loading without time-dependent creep effect. We
speculate that the negligible creep in valvular tissues is due to as yet an unidentified
mechanism related to the composition and micro-architecture of valvular tissues that
are different from tendons/ligaments and other soft collagenous tissues.

5 Final Remarks

Heart valve leaflets showed a unique viscoelastic behavior, in which valvular tissue
allowed significant stress relaxation similar to other types of collagenous tissues, but
exhibited negligible creep when subjected to a constant load. This unique tissue
behavior well serves the function of the valve leaflets, i.e., bearing peak physiolog-
ical loading without time-dependent deformation.

Our SAXS study on mitral valve leaflets demonstrated that collagen fibril kine-
matics are different in stress relaxation and creep. The first collagen fibril behavior
we noticed was that the orientation and alignment of the collagen fibril network
experienced no change in both stress relaxation and creep, indicating that collagen
fibril reorientation/realignment did not contribute to stress relaxation and creep.
However, in stress relaxation, collagen fibril strain released largely during the first
20 min and the remaining collagen fibril strain stayed relatively constant in the
remaining relaxation time. The overall reduction rate of the collagen fibril strain was
much larger than the reduction rate of stress at the tissue level. Our observation
indicated that the stresses on collagen fibrils were redistributed to non-collagenous
ECM under a constant strain condition, which also explained why, under stress
relaxation, the collagen fibril strain decreased more quickly than the stress decay rate
at the tissue level. Under a constant load (creep protocol), leaflet tissue experienced
negligible time-dependent deformation (negligible creep), and the collagen fibril
strain was maintained at a constant level during the time course.

This difference in collagen fibril kinematics implies the mechanisms responsible
for creep and stress relaxation in the leaflet tissue are functionally independent. We
thus speculate some type of fibril-level “locking” mechanism exists in leaflet tissue
that allows for stress release under constant strain condition, yet does not allow for
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continued straining under a constant stress [44]. This fibril-level “locking” mecha-
nism is possibly related to the composition and micro-architecture of leaflet tissues,
which is currently under investigation.

In short, recent findings and our studies showed that the valvular tissues cannot be
modeled as a quasilinear viscoelastic biological tissue [36] but rather quasi-
elastically, and are intrinsically “designed” to minimize hysteretic and creep-like
behaviors [44]. While the exact changes in these behaviors in heart valve diseases
are still under investigation, we speculate that degenerated ECM components in
diseased valvular tissues might cause changes in these quasi-elastic behaviors and
thus contribute to malfunction of heart valves.
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Tricuspid Valve Biomechanics:
A Brief Review

William D. Meador, Mrudang Mathur, and Manuel K. Rausch

Abstract The mechanics of the tricuspid valve are poorly understood. Today’s
unsatisfying outcomes of tricuspid valve surgery, at least in part, may be due to
this lack of knowledge. Therefore, the tricuspid valve in general, and its mechanics
specifically, have recently received an increasing interest. This chapter briefly
summarizes what we currently know about tricuspid valve mechanics. To this end,
we separately review tricuspid leaflet mechanics, annular mechanics, and the
chordae’s mechanics. Moreover, we categorize our discussion by the experimental
environment in which these tissues were studied: in vivo, in vitro, and in silico.
Finally, we make suggestions as to which areas of tricuspid valve mechanics should
receive additional attention from the biomechanics community.

Keywords Atrioventricular heart valve · Morphology · Microstructure ·
Constitutive behavior · Dynamics · Stress · Strain · Leaflet · Chordae tendineae ·
Annulus

1 Introduction

Once considered the “forgotten valve,” the tricuspid valve has received increased
attention over the past decade. This interest is largely driven by the high prevalence
of tricuspid regurgitation, or leakage of the tricuspid valve. Also, current success
rates of surgery for tricuspid regurgitation are far from optimal with as many as 30%
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of patients developing recurrent regurgitation 5 years after surgery [1, 2]. Being
historically understudied, the hope is that a better understanding of tricuspid valve
morphology, microstructure, constitutive behavior, and dynamics (referred to here as
“biomechanics”) will ultimately lead to better clinical management of regurgitation
through improved repair techniques and novel devices.

This brief review summarizes the relatively sparse data on tricuspid valve bio-
mechanics. To this end, the chapter discusses these data separately for leaflets,
annulus, and chordae tendineae and includes reports from in vivo, in vitro, and in
silico studies.

2 Tricuspid Leaflets

2.1 Morphology and Nomenclature

The tricuspid valve, as opposed to its left heart counterpart, the mitral valve, has
three leaflets. These leaflets insert into the myocardium and connective tissue of the
right atrioventricular junction, at the tricuspid annulus. Similar to the mitral valve,
chordal attachments to the right ventricular endocardium prevent the tricuspid valve
leaflets from prolapsing into the right atrium.

The leaflets are denoted as anterior (or superior), posterior (or inferior), and septal
(or medial) according to their anatomical positions adjacent to the anterior right
ventricular free wall, posterior right ventricular free wall, and the interventricular
septum, respectively. In humans, the anterior leaflet is usually the largest leaflet,
followed by the septal leaflet, and the posterior leaflet. The latter is frequently
organized into two or more scallops, while the other two leaflets present with only
one scallop (with few exceptions, [3, 4]). Additionally, there are interspecies differ-
ences. For example, in sheep only one scallop is usually observed in the posterior
leaflet. Independent of species, the leaflets themselves are divided into a “rough”
zone which extends from the free edge to the coaptation line, and a “clear” zone,
which is identified by its translucency. A basal zone, between the clear zone and the
annulus, is only found in the posterior leaflet in humans.

2.2 In Vivo Studies

To the best of our knowledge there are no data available on the in vivo mechanics of
the tricuspid leaflets. This paucity of data is likely due to the small thickness of the
tricuspid leaflets (~300–700 μm), which prevents reliable identification with most
imaging modalities especially in a dynamic environment such as the beating heart.
Thus, there is an urgent need for investigation of the tricuspid leaflet mechanics
using fiduciary marker techniques in the animal, for example.
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2.3 In Vitro Studies

Khoiy et al. investigated the mechanics of the septal tricuspid leaflet in situ by
suturing sonomicrometry crystals to the leaflet surface and pressurizing an explant
porcine heart [5]. They found mean stretches across the leaflet at peak systolic
pressure (30 mmHg) of 1.1 (maximum principal), 1.05 (circumferential), and 1.04
(radial). They concluded that the in vitro deformation of the septal tricuspid leaflet is
similar to that of the in vivo anterior mitral leaflet [6]. In a similar setup, Pant et al.
also studied microstructural changes in the tricuspid leaflets as a function of
transvalvular pressure. To this end, they used a similar in vitro apparatus to Khoiy
et al.’s previous study but replaced the pressurizing fluid with 0.5% glutaraldehyde.
Subsequently they fixed the tricuspid leaflets in either an undeformed
(unpressurized) configuration or a deformed (pressurized) configuration [7]. Using
small angle light scattering, they then quantified the microstructural anisotropy of all
tricuspid leaflets as a function of loading state. They concluded that transvalvular
pressure results in strain-induced microstructural organization. In a similar study to
Pant et al.’s, Hamed Alavi et al. [8] investigated the organization of the tricuspid
valve leaflet matrix under uniaxial and biaxial loading using 2-Photon microscopy.
They observed that the collagen fiber orientation in the relaxed state varies with
depth and re-orients in response to uniaxial and biaxial loading in a depth-dependent
and loading scenario-dependent manner.

In a right-heart in vitro simulator, Spinner et al. used dual camera photogramme-
try to track visual marker points on the anterior and posterior leaflets of explant
porcine hearts throughout the cardiac cycle [9]. In contrast to the studies by Khoiy
et al., Spinner et al. isolated the tricuspid valves and fixed them to an artificial
annulus rather than testing the tissue in situ. In this setup, they found that the anterior
and posterior leaflets undergo large deformations throughout the cardiac cycle with
mean maximum principal stretches of 1.22 and 1.53, respectively. Additionally, they
tested the effect of (1) saddle shape (saddle vs. no saddle), (2) papillary muscle
displacement (10 mm), and (3) annular dilation (100%) on leaflet stretches but found
no significant differences between conditions. Given the relatively small sample
number (n ¼ 8) and large standard deviations, lack of significance may have been a
result of type II error. However, if true these data would imply that the tricuspid
annular saddle shape, in contrast to the mitral annular saddle shape, does not
minimize leaflets stretches (and therefore stresses) questioning the saddle’s teleo-
logical origin on the right side of the heart [10]. Noteworthy is the discrepancy
between Spinner et al.’s findings and those of Khoiy et al. Spinner et al.’s stretches
are significantly larger than those of Khoiy et al., which may be due to the
differences in setups (isolated valve versus in situ) and the fact that they studied
different leaflets.

Additionally, Pham et al. characterized the constitutive behavior of isolated
human tricuspid valve leaflets. They used cadaveric tissue and executed a biaxial
protocol to derive the stress-strain behavior of each leaflet. Additionally, they fit a
Fung-type material model to their data [11]. They found that the tricuspid valve
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leaflets exhibit a highly nonlinear response and large degrees of anisotropy. By
comparison to the leaflets of the other three heart valves, they additionally deter-
mined that the tricuspid leaflets are the most extensible and isotropic of all heart
valve leaflets and that tricuspid leaflet extensibility decreases with age. Khoiy et al.
also executed a biaxial protocol to investigate the constitutive behavior of isolated
porcine tricuspid valve leaflets [12]. In their study, they confirm the large degrees of
nonlinearity and anisotropy of the tricuspid valve leaflets reported above and found
that the posterior leaflet is the most anisotropic of the three.

2.4 In Silico Studies

We have been able to identify only two numerical studies on the mechanics of the
tricuspid valve [13, 14]. Kamensky et al. used the tricuspid valve as an application
for a novel contact algorithm. Thus, it is not a detailed report on tricuspid valve
mechanics. Stevanella et al., on the other hand, performed detailed analyses of
tricuspid valve mechanics. In Stevanella et al.’s study, due to a lack of matched
data, the authors combined information from sonomicrometry studies on the ovine
tricuspid annulus [15], tricuspid leaflet morphological information from cadaveric
analyses, and constitutive parameters from mitral valves [16] to develop a model of
an isolated tricuspid valve. Using the finite element method to solve for leaflet
deformation and stresses provided transvalvular pressure and kinematic boundary
conditions assigned to the annulus, they found that the motion and stresses of the
tricuspid leaflets are “almost insensitive” to the leaflet constitutive model. Stress
peaks were found in the anterior and septal leaflets close to the annulus. Addition-
ally, the authors reported mean circumferential leaflet stretches in the range of
1.11–1.25 for the anterior leaflet, 1.09–1.22 for the posterior leaflets, and
1.09–1.25 for the septal leaflet, depending on the hyperelastic leaflet material
parameter choice. Thus, their leaflet stretch values are in a similar range to those
reported by Khoiy et al., which were derived from an in vitro model.

3 Tricuspid Annulus

3.1 Morphology and Nomenclature

Albeit not always referred to as a saddle, the tricuspid valve annulus, similar to the
mitral annulus, has a distinct three-dimensional topology reminiscent of a saddle.
High points at the antero-septal annulus and the postero-lateral segment of the
annulus as well as low points at the postero-septal annulus and the anterior annulus
yield this shape [17]. Its two-dimensional projection lacks the symmetry of the mitral
annulus in that it shows a clear deviation from an oval. Anatomically, the tricuspid
annulus is situated more apically than the mitral valve by a few millimeters [3].
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3.2 In Vivo Studies

In contrast to the tricuspid leaflets, the tricuspid annulus has been explored in vivo in
detail, both in humans and in animals. Magnetic resonance imaging and echocardi-
ography have been used to characterize the shape of the tricuspid annulus and its
dynamics in patients with and without tricuspid regurgitation [18–21]. One of the
earliest reports on annular dynamics in a beating human heart dates back to Tei et al.
who used 2D echocardiography [22]. More recently, Fukuda et al. used 3D echo-
cardiography to report the shape of the annulus throughout the cardiac cycle also in
humans [17]. They describe the annulus as having distinct peaks and valleys.
However, they refrain from describing the annulus as “saddle-shaped.” Furthermore,
they found the annulus to undergo significant cinching throughout the cardiac cycle
with the orifice area decreasing from diastole to systole by ~29% in healthy patients
and ~22% in patients with tricuspid regurgitation. This reduction in area was driven
by length changes in the tricuspid annulus of approximately 15% in healthy patients,
and approximately 10% in patients with tricuspid regurgitation.

The most common animal model used in the study of tricuspid annular dynamics
is sheep. Hiro et al. were the first to implant sonomicrometry crystals on the tricuspid
annulus of sheep and to record their locations in the beating heart [15]. They found
that the mean tricuspid valve orifice area changes dynamically by 21.3% throughout
the cardiac cycle. Fawzy et al. performed a similar analysis also using
sonomicrometry crystals in sheep [23]. However, care must be taken, because their
reported values for annular area differ by a factor of five from both Hiro et al. and
Malinowski et al., who confirmed Hiro’s findings [24]. Malinowski et al. also
investigated the dynamics of the ovine tricuspid annulus under acute pulmonary
hypertension and found that acute pulmonary hypertension lengthens the tricuspid
valve annulus by 12% and reduces annular contractility locally. Additionally, they
studied the effect of acute left ventricular mechanical unloading on tricuspid annular
shape and dynamics but found little effect [25].

Lastly, Rausch et al. reanalyzed data by Malinowski et al. on the normal dynam-
ics of the ovine tricuspid annulus employing mechanical metrics strain and curvature
[26]. They found that strain and curvature change significantly throughout the
cardiac cycle with focal minima and maxima of both metrics driving the dynamics
of the annulus.

3.3 In Vitro Studies

Few data are available on the in vitro mechanics of the tricuspid annulus, likely due
to the abundance of in vivo data. An exception are the studies by Basu et al.
[27, 28]. In their first study, they used an intricate experimental setup to measure
“annulus tension” in isolated porcine tricuspid valves. Specifically, they attached
10 wires to the annulus, each radially connecting to a surrounding force transducer.
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In this configuration, they placed isolated porcine tricuspid valves in a right heart
simulator. Pressurizing the valve to a systolic pressure of 40 mmHg, they measured
wire forces and calculated annulus tension (wire force divided by annulus segment
length) under three configurations: (1) normal, (2) papillary muscles displaced
(15 mm) and annulus dilated (70%), and (3) after “clover” repair [29]. The study
concluded that papillary muscle displacement and annular dilation increases annulus
tension fourfold, implying that disease-induced annular forces may counteract and
“decelerate” pathological annular dilation in patients. Additionally, they found that
clover repair does not further impact annulus tension and therefore would not aid in
reverse remodeling in patients. In their second study, Basu et al. investigated the
mechanical properties and histological composition of the isolated porcine annulus.
To this end, they explanted tricuspid valves, isolated the annular tissue, and divided
it into anterior, posterior, and septal regions. Subsequently, they performed uniaxial
tensile tests and histological tests on each region. They found that the septal annulus
in pigs is the stiffest, likely due to high collagen contents, followed by the posterior,
and, lastly, the anterior annulus.

Moreover, Adkins et al. studied the suture force necessary to cinch the dilated
tricuspid annulus in an in vitro heart preparation, where dilation was achieved via
phenol injection [30]. The authors found that phenol injection increases tricuspid
annular area by 8.82% in vitro. The mean suture force necessary to reestablish
normal valve area in the pressurized heart was measured to be 0.03 N.

3.4 In Silico Studies

To the best of our knowledge no numerical studies exist that focus on the tricuspid
annulus alone.

4 Tricuspid Chordae Tendineae

4.1 Morphology and Nomenclature

The chordae tendineae insert into the leaflets’ free-edge, rough zone, clear zone, and
the basal region, and are classified accordingly. Silver et al. identifies additional
“fan-like” chordae which insert into the commissural regions between leaflets. In
contrast to the mitral chordae, the tricuspid chordae are generally less well organized
and form complex networks connecting the leaflets to insertion sites on the endo-
cardial wall, which are often distinct from either of the three papillary muscle heads
[3, 31, 32].

110 W. D. Meador et al.



4.2 In Vivo Studies

Similar to the tricuspid leaflets, there are currently few data available on the in vivo
mechanics of the tricuspid chordae tendineae likely due to the challenges of imaging
small anatomic details in a dynamic environment. One exception is the study by
Fawzy et al. who implanted sonomicrometry crystals in sheep on the tips of the
papillary muscles as well as the free edge of each leaflet. From these crystal pairs,
they determine that the mean peak chordal deformation in the beating heart is 14%,
16.9%, and 5.2% for the anterior, posterior, and septal chordae, respectively.

4.3 In Vitro Studies

The most complete investigation of the in vitro mechanical properties of chordae
tendineae goes back to Lim [31]. They performed uniaxial tensile tests on human
tricuspid chordae tendineae from three patients (58þ years). Additionally, they
performed “ultrastructural” analyses via scanning and transmission electron micros-
copy. From the uniaxial tensile test data, they derived that chordae tendineae follow
the classic nonlinear stress-strain behavior observed in many other collagenous
tissues with a linear pre-toe region, a transition region, and a linear post-transition
region [33]. They suggested that tricuspid chordae tendineae are less extensible than
those of the mitral valve. They attributed this difference to observed variations in the
ultrastructure of the chordae, namely different collagen fibril diameters, different
collagen fibril density, and different percentage of cross-sectional area covered by
collagen fibrils. However, it must be noted that a subsequent study by the same
authors performed the same analyses on a different subset of tricuspid chordae and
found elastic properties that varied significantly from above findings [32]. Thus, care
must be taken when interpreting either findings.

4.4 In Silico Studies

Although we are not aware of any numerical studies solely focusing on tricuspid
chordae tendineae, Stevanella et al. reported papillary muscle reaction forces (the
sum of all chordal forces for each papillary muscle) and force ranges for classes of
chordae in their finite element study of the isolated tricuspid valve [14]. They found
that reaction forces are similar between anterior, posterior, and septal papillary
muscles and invariant to leaflet material models (<1 N). Additionally, they found
that “marginal” chordae experience higher forces than “second order” chordae by a
factor of approximately three.
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5 Most Recent Studies

After submission of this chapter, a number of pertinent papers were published, which
we briefly list here for completeness. Jett et al. [34] published a comprehensive
in vitro study on the anisotropic mechanical properties and anatomical structure of
porcine atrioventricular heart valve tissue. Moreover, Khoiy et al. [35] expanded on
their previous work on the mechanical behavior of tricuspid leaflet mechanical
properties and informed a hyperelastic constitutive law of the same tissue. On the
modeling side, Kong et al. [36] developed detailed finite element models of human
tricuspid valves based on computed tomography data and studied in vivo leaflet
stress. Rausch et al. [37] used a sonomicrometry-based approach to delineate the
in vivo mechanics of the tricuspid annulus under acute pulmonary hypertension,
while Malinowski et al. [38] used the same technique to study tricuspid annular
dynamics in explant, beating human hearts. Finally, Madukauwa-David et al. [39]
investigated in vitro the effect of collagen content in human tricuspid annuli on
suture dehiscence.

6 Conclusion

Although in the past decade significant effort has been invested into elucidating the
biomechanics of the tricuspid valve, our understanding of the forgotten valve is still
lacking behind that of the mitral valve. After reviewing the existing literature, we
identify three areas of research that we believe require more attention: (1) in vivo
studies of the tricuspid leaflet and chordae mechanics, (2) in silico studies of
tricuspid leaflets, annulus, and chordae, and (3) studies of the remodeling potential
of the tricuspid valve that are currently absent. Future studies will hopefully fill these
gaps in our knowledge and bring us closer to a more complete understanding of the
tricuspid valve that may translate into better clinical management of tricuspid
regurgitation.
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Measurement Technologies for Heart Valve
Function

Morten O. Jensen, Andrew W. Siefert, Ikechukwu Okafor,
and Ajit P. Yoganathan

Abstract Experimental measurement technologies have been critical to advancing
scientific knowledge and to the development of prosthetic heart valve devices. A
myriad of innovative measurement technologies has been successfully utilized
within in vivo, ex vivo, and in vitro models. Within these models, these technologies
have been used to evaluate the function of native heart valves, models of heart valve
disease, and prosthetic devices. These evaluations have focused on quantifying heart
valve geometry, dynamics, tissue deformation, transvalvular flow, and valve and
device mechanics. Knowledge gained from these studies has advanced reconstruc-
tive surgical techniques, implanted device function, and next generation devices.
Understanding the application and relative advantages of these measurement tech-
nologies is important not only for scientific research but also in quantifying device
function per international standards and regulatory guidance.
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1 Introduction

This chapter is dedicated to identifying and describing heart valve measurement
technologies. The first section will describe the experimental models used for which
measurement technologies are used. Next, the model tools available for assessment
of heart valve geometry and dynamics will be described. The flows and pressures
surrounding them largely govern the function of heart valves, hence flow and
pressure characteristics are the topics for the following section. Finally, the mechan-
ics of the atrioventricular valves and their repair devices will be summarized, serving
as an example of how force measurements and other mechanical assessments of
valvular function can help complete the picture of how the heart valve functions.

2 Experimental Models

2.1 Aortic and Pulmonary Pulse Duplicators

Pulse duplicators are a foundation for evaluating the hemodynamic performance of
prosthetic heart valves, explanted semi-lunar valves, and bicuspid valve models [1–
12]. The measurement technologies used in these models aid in evaluating
transvalvular pressure differences, effective orifice area, geometric orifice area,
regurgitation, and leaflet opening and closing characteristics. When paired with
relevant measurement technologies, detailed flow features through the valve
[5, 13, 14], around the valve [15], in the hinges of mechanical heart valves [9],
leaflet deformation [16], valve loading forces [7], and device deployment [14] can be
evaluated. In general, these systems consist of a pump, polymeric diaphragm,
ventricular chamber, valve mounting plate, test valve, valve sinus, outflow chamber,
compliance chambers, resistance valves, reservoirs, and fluid heating element
(Fig. 1).

Opposed to right or left heart models, pulse duplicators may be commercially
sourced through a variety of laboratories and manufacturers [17–20]. If custom-built
systems are intended to be used for device development, these systems are recom-
mend to meet or exceed the operational ranges and measurement accuracies
recommended by the informative sections of ISO 5840-3 (Annex N).

2.2 Right and Left Heart Bench Models

Benchtop simulators of the right and left heart generate significant data for investi-
gations in tricuspid and mitral valve function. The measurement technologies used in
these models aim to characterize leaflet opening and closure, transvalvular hemody-
namics, valve tissue mechanics, and post device valve function under simulated
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healthy and disease valve geometries. These metrics are commonly evaluated at
population averaged right and left heart hemodynamics that include a cardiac output
of 5 L/min, beat rate of 70 beats/min, and peak transvalvular pressure difference of
40 (tricuspid) mmHg or 120 mmHg (mitral) for the tricuspid and mitral valve,
respectively. Characterizing the aforementioned metrics and their variation require
critical decisions in left and right heart model attributes that balance mechanistic
insight with physiologic relevance. The most distinct of these attributes has been
used to characterize these models into the three groups that include rigid, flexible,
and passive heart models (Fig. 2).

Rigid heart models are fluid-mechanical systems capable of testing explanted
tricuspid or mitral valves under static and/or pulsatile hemodynamics. In these
systems, an explanted valve is mounted to static and/or adjustable annular and
papillary muscle fixtures within an enlarged and non-physiologic rigid-walled ven-
tricular chamber [21–29]. Passive heart models consist of explanted hearts whose
left and/or right side is placed in series with a static pressure head or pulsatile flow-
loop [29–33]. Passive heart models are advantageous for preserving the native heart
geometry and rapid evaluations of static valve function.

The least used of these systems are flexible heart models [34]. These models are
similar to rigid heart models except the explanted valve’s papillary muscles are
partially mounted to an externally actuated polymeric ventricle (see Fig. 2). When
immersed in fluid, the polymeric ventricle can be hydrodynamically stretched and
compressed, creating pulsatile flow within the flow loop. While the polymeric
ventricle can provide interventricular flow patterns that more closely approximate
clinical observations [8, 35], this model is burdened with selecting and mounting
valves that geometrically fit the polymeric ventricle. Moreover, the polymeric

Fig. 1 Schematic diagram of a pulse duplication system with components identified
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ventricle can impede papillary muscle positioning providing further difficulty in
establishing user-defined experimental conditions. For these reasons, the flexible
heart model has been less popular than rigid and passive heart models for evaluations
of explanted mitral and tricuspid valve function.

Fig. 2 Schematic diagrams of common ventricular bench models used in mitral valve (MV) and
tricuspid valve (TV) evaluations where PMP denotes papillary muscle positioners (Note: the
systemic loop components of the Flexible Model are akin to the Rigid and Passive Models)
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2.3 Steady Backpressure Model

Steady backpressure models are used to evaluate prosthetic heart valve back flow
leakage testing. This test aids in characterizing valve leaflet regurgitation and
paravalular leakage under anticipated pressures within the pediatric or adult heart.
Steady backpressure models may consist of a steady flow pump, upstream chamber
(aortic or ventricular chamber), valve mounting plate, test valve, downstream cham-
ber (ventricular or atrial chamber), resistance valves, and fluid heating elements.
These components or others should be capable of achieving constant steady
backpressures on the test valve at levels appropriate for the valve’s intended
operating environment. Similar to pulse duplicators, these systems are recommend
to meet the operational ranges and measurement accuracies recommended by the
informative sections of ISO 5840-3 (Annex N).

2.4 Restored Contractility Model

Select investigators have aimed to create a beating heart model by restoring myo-
cardial contractility to explanted porcine hearts using controlled perfusion and
controlled loading [36, 37]. This model was adapted and translated from the
Langendorff heart model which has been used in pharmacological evaluations
[38]. Using porcine hearts, this model has been demonstrated to produce physiologic
flow and pressure for time periods sufficient for experimental measurements. During
this time period, differing heart valve repair and replacement techniques may be
assessed. These may include simulated device deployment or assessing post repair
valve function. The ability to conduct these studies in a beating heart is significant.
However the complexity associated with model development, operation, and sourc-
ing fresh heart tissue perhaps dampens its application and widespread adoption.

2.5 Large Animal Models

Significant preclinical insight to heart valve and device function has been gained
from large animal models. Large animal models have primarily included canine,
porcine, and ovine species. Both healthy and disease models have been described.
The significance of these models and their methods may be found in select publica-
tions among others [39–46]. As related to the evaluation of heart valve function,
large animal models have aided investigators in evaluating cyclic heart valve
geometry, leaflet opening and closure characteristics, transvalvular hemodynamics,
detailed flow features through and around the valve, implanted device performance
and deformation, and tissue mechanics (annulus, leaflets, chordae, papillary
muscles).
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While large animal models have provided significant insight to understanding
valve and device function, these models are not without their limitations. Compared
to human heart valve diseases, only select diseases may be modeled in large animals.
Ovine and porcine models exhibit select presentations of ischemic heart disease
while canine models exhibit a presentation of myxomatous disease. Towards the
development of transcatheter devices, a large animal model mimicking aortic valve
calcification has yet to be identified in literature. Porcine models present a more
anterior heart position in the chest which can challenge imaging and testing of
devices designed to be delivered trans-septally to the human mitral valve
[47]. Ovine animals on the other hand are known to exhibit less chordae and thinner
leaflets than human patients, which can challenge select experimental designs. While
other limitations have been described [39–46], large animal models are critical to
scientific knowledge and will continue to be a significant platform for preclinical
heart valve device development and evaluation.

2.6 Patients

Human patients provide a final platform for evaluating and measuring native and
prosthetic heart valve function. Heart valve patients present with a broad spectrum of
age and disease whose valvular function can be qualitatively or quantitatively
assessed. The measurement technologies used in patients are predominately nonin-
vasive but include select invasive techniques. Noninvasive image-based technolo-
gies have allowed investigators to evaluate cyclic valve geometry, leaflet opening
and closing characteristics, transvalvular flow, detailed flow features through and
around the valve, and implanted device function and deformation. Comparably more
invasive catheter-based technologies have been used to evaluate local static pres-
sures, pressure-volume loops, and guidewire position. Given the importance of
assessing patient heart valve function, significant resources have been dedicated to
improving clinical measurement modalities.

3 Assessing Valve Geometry, Dynamics, and Tissue
Deformation

3.1 Echocardiography

2D and 3D real-time echocardiography is used from bench to bedside to qualitatively
and quantitatively assess heart valve dynamics and geometry. In this method, a probe
transmits high-frequency acoustic waves to a region of interest that either reflect or
pass through the encompassed bodies or boundaries. The waves reflected back to the
probe are used to calculate the distance from the probe to the boundary. The
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distances and intensities of the reflected waves are displayed on a monitor forming
2D or 3D representative temporal images of the plane or volume under examination.

Images acquired from 2D and 3D echocardiography normally allow for all of the
valve’s structures to be visualized with exception to most of the atrioventricular
valve’s chordae tendineae and commissural leaflet cusps. Due to limitations in
spatial resolution, some larger chordae (strut, intermediary, some basal) may be
identified but should not be expected to be regularly visualized. These qualitative
images can aid in categorizing valve dysfunctions and assessing valve dynamics and
competence. From 2D and 3D echocardiography, quantitative measurements of
valvular dimensions, valve orifice area, annular area, annular dynamics, planarity,
coaptation length, coaptation depth, tenting area, flail height, flail width, and
billowing height, among other related measures, may be quantified.

Echocardiography is a powerful tool when used with bench models. An echocar-
diography probe can be pressed directly against the simulator’s walls near the
functioning valve. In this position, the scan settings can be adjusted to obtain images
with acceptable spatial and temporal resolution. These images may be used to assess
valve geometry, motion, and closure characteristics (fluid measurements are
described later). Potential limitations for the use of echocardiography with bench
models are the presence of fluid microbubbles and acoustic reflections. Fluid
microbubbles can make it appear as if the valve is being imaged through a snow-
storm while acoustic reflections can create bright image streaks hindering valve
imaging and quantitative measurements.

Similar to bench models, echocardiography probes may be pressed directly
against the epicardium of large animals to provide excellent near-field heart valve
images. Specific to heart valves, echocardiography has been exceptional for aiding
investigators in quantifying valve motion, leaflet coaptation, orifice areas, and
planarity and characterizing valve dysfunctions. In another application, echocardi-
ography has been used to quantify prosthetic heart valve stent deflections to estimate
device loading magnitudes and their directions [48].

Real-time echocardiography is the standard of care for patient cardiac imaging.
Transthoracic or transesophageal imaging windows may be used to directly visualize
and quantify heart valve function. The pros and cons of each imaging approach have
been extensively discussed, including the advantages and disadvantages of 2D
versus 3D real-time echocardiography [49]. Based on current knowledge, the spatial
and temporal resolution of echocardiography continues to advance and will
foreseeably improve in the future. See Table 1 for a summary of quantitative
assessment of valve geometry, dynamics, or both across varying models.

3.2 Magnetic Resonance Imaging

Cardiac magnetic resonance (CMR) imaging is a nonionizing modality used in large
animal research and clinical patients. In CMR, a combination of transmitted
radiofrequency pulses and magnetic gradients in the presence of a strong external
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magnetic field are processed to obtain image slices of the heart’s valves. CMR may
be used to qualitatively evaluate the anatomy and geometry of the patient’s valve and
surrounding structures [43, 50, 51]. The fluid measuring capabilities of CMR are
discussed in subsequent sections.

CMR has not been routinely employed within benchtop heart valve models for
assessing heart valve geometry and dynamics. CMR however has been more widely
used in large animals but has yet to eclipse the utilities of echocardiography for
evaluating structural valve function. Beyond large animals, CMR is widely used in
the clinic for assessing a wide array of cardiac and valvular dysfunctions. CMR has
been demonstrated to be sufficient in quantifying annular area, planarity, papillary
muscle position, geometric orifice area, regurgitant orifice area, leaflet mobility, and
leaflet coaptation characteristics [43, 50–52]. Regardless of model, CMR images can
be less susceptible to poor patient imaging windows and can provide great insight to
valve function.

High Seven Tesla MRI has recently been used in vitro to obtain a superior
isotropic voxel resolution of at least 80 μm3 in fluid to image heart valves. This
enables a true zero-stress and neutrally buoyant configuration for the tissue that is
essential for computational modeling [53].

Table 1 Valve geometry (G), dynamics (D), or both (B) can be qualitatively and quantitatively
assessed across varying models (marked with the letter “X”) using a number of experimental and
clinical equipment

Modality

Valve anatomy Available model

Annulus Leaflets
Chordae
tendineae

Papillary
muscles

In
vitro

Large
animal Patient

2D echocardiography B B B X X X

3D echocardiography B B * B X X X

Magnetic resonance
imaging

B B G X X

Computed
tomography

B B * B X X

Micro computed
tomography

G G G G X

Sonomicrometry B B B X X

High speed
photography

D D D X

Stereophotogrammetry G B B X

Trigonometry G G G X

Strobe light D X

* Some chordae may be imaged with the particular modality

122 M. O. Jensen et al.



3.3 Cardiac Computed Tomography and Micro Computed
Tomography

Computed tomography (CT) is an ionizing imaging modality predominately used in
large animals and clinical patients to qualitatively and quantitatively assess heart
valve dynamics and geometry. In this modality, a series of ECG gated X-ray image
slices may be used in isolation or computationally stitched to evaluate 2D or 3D
temporal images of the heart’s valves. These images exhibit the highest resolution of
available imaging modalities. These high-resolution images may be used to qualita-
tively evaluate valve motion, valve dimensions, orifice area, annular area, planarity,
coaptation length, coaptation depth, tenting area, flail height, flail width, billowing
height, and regurgitant orifice area.

Beyond measures of valve function, cardiac CT has been used to evaluate
implanted device deformation. Temporal image slices may be used to quantify the
spatial deflection of implanted devices. These deflections may be used as boundary
conditions within computational models to estimate the stress and strain distributions
within the device’s structure. With caution, these data may be further used to
estimate a range of forces and force directions acting on the device. Force data
should only be interpreted as a range of values and directions, as with some devices,
a resultant stress-strain distribution can be approximated by differing combinations
of directional forces.

While cardiac CT has largely been utilized for large animals and clinical patients,
micro-CT has been recently used in a benchtop rigid heart model [28]. In this
method, excised mitral valve’s annular and subvalvular geometry are scanned in
statically pressurized and unpressurized conditions. Using mirco-CT in this manner
allows the valve to be scanned at an approximate resolution of 20 μm, far exceeding
the resolution available in cardiac CT. Due to this high fidelity, scans resulting from
this method have been used to create geometric computational models and to assess
the accuracy of surgical planning models [54, 55]. More recently, these images have
been used to compute valve tissue deformation [56]. Radiopaque makers can be
affixed to the mitral valve’s tissues and the valve is scanned in a non-pressurized and
pressurized state. The resulting scans and marker positions are used to quantify valve
tissue deformation and strain. The resulting data provides a whole field strain
measurement that as a result exhibits significant value for evaluating finite element
model predictions and multi-physics computational model development.

3.4 Sonomicrometry

Sonomicrometry is a quantitative spatial measurement technique used within bench
and large animal models to quantify valve geometry, dynamics, and tissue deforma-
tion [57–61]. In this method, piezoelectric crystals are placed in user-defined posi-
tions on the valve annulus, leaflets, papillary muscles, or surrounding structures.
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Once the crystals are securely implanted, acoustic waves are transmitted and
received between the localized crystals. Based on fluid-material properties and
time span between acoustic transmission and reception, the distance between crys-
tals can be calculated. Crystal positions may be used to establish physiologic or
device specific coordinate systems. From these coordinates, crystal position data can
be used to compute linear distances or alternatively used in least-square-fit algo-
rithms to compute 2D and 3D profiles. These methods have been used to quantify the
valve’s annular and subvalvular geometry and dynamics, leaflet strain, device
deformation [59–62], and tissue velocities [63]. Sampling rates from a commonly
used commercial supplier reportedly range from 16 to 1600 Hz with a relative spatial
resolution of 0.024 mm [64].

3.5 Biplane Videofluoroscopy

Similar to sonomicrometry, biplane fluoroscopy with radiopaque markers has been
utilized in large animal models to quantify mitral valve annular and subvalvular
geometry, leaflet strain, annuloplasty ring deflection and strain, and annular dynam-
ics and tissue strain [65–71]. In this method, radiopaque tantalum markers are fixed
to the large animal’s valve tissues under cardiopulmonary bypass and cardioplegic
arrest. In a beating heart, the makers are imaged under biplane videofluoroscopy at
60 Hz. These images are subsequently processed using computer algorithms to
compute the 4D coordinates of the markers. From these marker coordinates, inter-
polated shapes and direct distances can be computed to quantify the aforementioned
metrics of valve function.

3.6 Stereophotogrammetry

Stereophotogrammetry is a method used across varying disciplines to quantify the
3D positions of fiduciary markers on a moving and or deforming surface. In this
method, two synchronized cameras are used to capture images of stationary or
moving markers. Through calibration, the 3D position of the markers is calculated
using direct linear transformation. The spatial positions can then be used to deter-
mine maker distances and geometry. By comparing marker positions with other time
points, tissue deformation and strain may be calculated. For heart valves,
stereophotogrammetry has been used to quantify the leaflet deformation and strain
of the tricuspid, mitral, and aortic valves [16, 72–74]. This method has been
additionally used to quantify strain in select chordae and their insertion to the mitral
valve anterior leaflet [75, 76].

This method has been limited to right and left heart models and pulse duplicators
as these models most aptly provide visual access to the test valve. In these systems,
the imaging window must be sufficiently large for two cameras to both visualize the
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fiduciary markers and the calibration target. Oversizing the simulator’s chambers
therefore significantly aids in visual access. As some simulators contain
non-rectangular chambers, care must be taken to account for potential errors intro-
duced by image distortion within the image-strain processing software. Camera,
lens, and lighting combinations should not be overlooked with this method. If the
imaging target is anticipated to move sufficiently in and out of the calibration plane
(example is imaging the mitral leaflets from an enface position), sufficient zoom, a
higher f-stop (lower aperture), and brilliant lighting will be required to extend or
maintain image focus throughout the cardiac cycle. In terms of application, applied
markers should be as small as possible to reduce errors associated with defining the
marker centroid in the acquired images. With these challenges in mind, this method
can yield excellent temporal resolution with high-speed cameras with spatial reso-
lutions less than 100 μm [16, 56, 72–76].

3.7 High-Speed Photography and Videography

High-speed photography and videography may be used within benchtop simulators
to assess leaflet opening and closing behavior, geometric orifice area, leaflet bend-
ing, pin-wheeling, cavitation and other phenomenon associated with the effect of
flow and pressure on the leaflets [77, 78]. The cameras used in these methods are
typically placed external to the simulator’s chambers at a position directly upstream
or downstream from the test valve’s mounted position. In a passive heart model, the
camera may be directly mounted to a borescope to image the valve from within
heart’s chambers. When quantitative measurements are sought, a scale or object with
known dimensions is inserted into the simulator for image calibration. These images
can be manually processed in simple tools such as Image J (National Institute of
Health, Bethesda, MD) or may be automatically processed via more advanced
methods using MATLAB (Mathworks, Natick, MA), LabVIEW IMAQ/Vision
(National Instruments, Austin, TX), or similar programming languages.

3.8 Trigonometry

Without other available modalities, investigators with heart bench models have used
the relative position of the prosthetic annulus and papillary muscle positioners to
determine the explanted tricuspid or mitral valve’s geometry. This method has been
used by investigators in modeling annular dilatation and papillary muscle displace-
ment in functional or ischemic regurgitation [25, 79, 80]. Further, this method has
been used in simulating repair procedures which augment the valve’s geometry.
These studies have included evaluating the effects of annuloplasty, edge-to-edge
repair, chordal repair, tissue fixation with glutaraldehyde, and papillary muscle
repositioning on mitral valve function [81–85].
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4 Assessing Flow Characteristics

The purpose of native and prosthetic heart valves is to control forward flow between
and from the heart’s chambers. This requires a valve to allow for forward flow with
an acceptably small transvalvular pressure gradient while minimizing leakage or
retrograde flow during valve closure. Beyond these basic requirements, heart valves
are desired to minimize blood shearing in order to reduce the potential for throm-
boembolic events. Quantifying these parameters requires determining both bulk and
detailed flow characteristics through and around a heart valve. These parameters can
be quantified using some of the most simple and most complex measurement
technologies available to heart valve investigators.

4.1 Bulk Flow Characteristics

4.1.1 Flow Probes

The majority of bulk flow measurement technologies used in heart valve research are
based on electromagnetic or Doppler ultrasound principles. Flow probes based on
these techniques are available in widely varying sizes that can provide high sensi-
tivity and adequate frequency response without impeding fluid (blood or analog
solution) flow. The operating principles of these technologies are now described.

Electromagnetic flow probes operate on the principle of electromagnetic induc-
tion and measure the disturbance of a magnetic field by the flow of ions through that
field (using Faraday’s Law of Electromagnetic Induction). The probe associated with
the flowmeter contains an electromagnet, which produces a magnetic field across the
vessel. Electrolytes are minerals in the blood stream that carry an electric charge. If a
blood-analog fluid is used in an in vitro flow-loop, salt may be added to ionize the
solution. Motion of the ionized fluid through the magnetic field generates an induced
voltage. For a given vessel diameter, the induced voltage is proportional to the
volumetric bulk flow rate. These probes need to be calibrated and verified using the
chosen fluid.

Transit time ultrasonic flow meters measure the change in time that it takes
acoustic ultrasound waves to travel through the flow field. The physical principle
of measuring this change is accomplished two piezoelectric elements alternating
emission and reception of ultrasonic waves. The emitted waves pass through the
fluid, are redirected by a reflector placed on the opposite side of the vessel or tube,
and are subsequently received by the other crystal and vice versa. This method
enables the system to calculate the change in time of ultrasound waves travel in both
directions, which is calibrated to derive the flow rate. These probes can measure flow
rates above 50 L/min with an absolute accuracy of approximately 10% of the
reading.
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4.1.2 Static Pressure Transducers

Fluid static pressure transducers used in cardiovascular applications measure pres-
sure by way of measuring the deflection of a diaphragm that is in contact with the
subject fluid. The deflection of the diaphragm as a response to a pressure can be
measured by strain gauges mounted to the diaphragm. As the diaphragm deforms,
the strain gauge is stretched or compressed, and by means of calibration, the strain
gauges’ electrical output voltage can be converted to measured pressure. These
transducers can measure pressures of more than 300 mmHg with an accuracy of
�1 mmHg.

Static pressure transducers are characterized into using direct and fluid-filled-
catheter sensing techniques. The latter is performed with a fluid-filled pressure
catheter and is the most commonly used technique clinically. A fluid-filled tube
connects the sensor position to the actual measurement location. This catheter type
needs priming, as air bubbles present in the fluid line can be detrimental to signal
quality. Examples of fluid-filled pressure catheters are the Edwards Lifesciences
TruWave® (Edwards Lifesciences, Irvine, CA) or the Utah Medical Products Dis-
posable Pressure Transducers (Utah Medical Products, Inc., Midvale, UT).

The frequency response of the fluid-filled catheter-based pressure sensors are
much lower than the direct sensing ones, which are not commonly used clinically but
more so in cardiovascular research applications. In direct sensing techniques, the
diaphragm is in direct touch with the fluid at the measurement location. The
frequency response of these direct sensing devices is very high (in the kHz range),
which make them great to use for research applications. For in vivo heart valve
pressure sensing applications, the placement of this pressure sensor is critical, as the
sensing membrane of the catheter should not be touching any moving parts of the
heart tissue. If that happens, an erroneous signal known as catheter whip is
confounding the actual fluid pressure signal. An example of a direct-sensing pressure
catheter is the Millar Mikro-Tip® Research Pressure System (Millar, Houston, TX).

Differential pressure transducers where the diaphragm is part of an inductor can
be used to measure the pressure across heart valves with one transducer. As with the
strain-gauge-based devices, these devices measure the deflection of a diaphragm.
However, it is an inductance change that measures the diaphragm deflection. The
diaphragm is indirectly subjected to the fluid pressure through a fluid-filled tube that
is more stiff and shorter than those used clinically, making the frequency response of
this system better than the clinically used fluid-filled pressure catheters. An example
of differential pressure transducers where the diaphragm is part of an inductor that
can be used for measuring pressure across heart valve is the Validyne DP15-24
(Validyne, Northridge, CA).
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4.2 Doppler Echocardiography

Doppler echocardiography for fluid velocity measurements uses the principle of
measuring the change in frequency of a sound wave that is emitted and received as
an echo. The measured change in frequency is used to calculate the instantaneous
velocity of a particle in the fluid field [86]. In Doppler echocardiography, the emitter
is stationary and the object of interest is moving. The location of the emitter is the
same as the receiver, and this is where the Doppler frequency shift is measured. This
modality has been successfully used in bench models, large animals, and clinical
patients. A few limitations however exist. The Nyquist Theorem determines the
maximum velocity that a Doppler system is able to measure without aliasing. The
further away from the ultrasound transducer the flow velocity is measured, the lower
the maximum velocity can be measured with the same carrier frequency [87]. Also,
Doppler systems provide the component of the velocity towards or away from the
transducer. The orientation of the Doppler ultrasound transducer away from a perfect
parallel to the flow-field of interest is called the insonation angle. To adjust the
displayed velocity, a factor of cosine to the insonation angle is multiplied to the
apparent measured velocity. However, an error is inherent to this approach: at 40�, a
5% error in angle estimation results in an error in velocity measurement of approx-
imately 10% [88].

4.2.1 Continuous Wave Doppler

Continuous wave (CW) Doppler is an operating mode of most echocardiography
machines that measures the maximum velocity along a line within 2D flow field or
plane [89, 90]. In the CW mode, the piezo-electric elements within the
echocardiograph probe transmit ultrasonic waves continuously along a user-defined
line. Simultaneously, the transducer receives all echoes from along that same line,
with the highest velocity of particles passing through the line determined. Beyond
measuring peak fluid velocities, CW may be used to determine the pressure gradient
across a stenotic heart valve, which is found [unit: mmHg] with the modified
Bernoulli’s formula as four times the maximum velocity [unit: meters/second]
squared. The velocity time integral may also be used to find the effective orifice
area of a heart valve, which uses the principle of mass conservation of an incom-
pressible fluid [91].

4.2.2 Pulsed Wave Doppler

The pulsed wave (PW) Doppler mode is available in select 2D echocardiography
systems aiming to measure flow velocity at a singular point within a 2D flow field
[92]. The location of the point is obtained by knowing the time of flight of the
ultrasound beam to reach that point. The fluid velocity at that point is found by the
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same principle as CW, but for that point only. Knowing the velocity in different
locations along an assumed streamline can be used with the modified Bernoulli
equation to quantify a pressure difference between locations in the flow field.

4.2.3 Color Doppler

Color Doppler echocardiography has revolutionized qualitative blood flow imaging
the way clinicians assess the flow properties of the cardiovascular system and heart
valves, in patients and the unborn fetus. The flow is imaged with color code for
direction and velocity. This principle is the same as a pulsed wave, but instead of
focusing at a single location, the line is swept across the 2D or 3D image-field and
the location along the line is shifted, such that the flow velocity at all locations in the
selected field of interest is calculated and displayed.

4.2.4 Fast Vector Echocardiography

In this modality, a vector flow ultrasound technique uses radar principles to get full
flow-field as true 2D vectors information, which is comparable to particle imaging
velocimetry. The best way to understand the technique is by looking at a linear array
of regular color Doppler transducers and combine the information from each of these
into an algorithm that provides the 2D flow vectors (Fig. 3). This technique is still in
its early stages of development, but exhibits significant potential. The current most
significant challenge for this modality is penetration depth for in vivo cardiac use,
although the first reports of intraoperative imaging of heart valves with this mea-
surement technology has been published [93]. The frame rates for live imaging are in
the 15–25 Hz range.

Fig. 3 Fast vector flow
ultrasound in the heart.
Reproduced from [93] with
permission from Elsevier
Limited, Kidlington,
Oxford, UK
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4.2.5 Proximal Isovelocity Surface Area (PISA) and 3D Methods
(3D-FOM) for Regurgitant Flow Measurements

Clinical assessment of heart valve regurgitation is most commonly performed with a
technique called two-dimensional PISA [94, 95]. The effective regurgitant orifice
area and regurgitant volume are quantified. One assumption of this technique is that
the convergence zone of the regurgitant flow upstream of the valve is a true
hemispheric shape. Additionally, regurgitant orifices that are split into two or three
separate orifices further challenge the application. In recent years, three-dimensional
echocardiography has spawned methods for further improvement of regurgitant flow
measurements [96–98]. These new techniques are promising in terms of less user
input, faster processing, and improved reliability compared with PISA, and as the 3D
echocardiography equipment improves any of these may become the method of
choice.

4.3 Detailed Flow Field Characterization

4.3.1 Optical Flow Visualization

Flow visualization is an optical technique that utilizes neutrally buoyant tracer
particles (such as pliolite) seeded inside a fluid to qualitatively assess flow structures
present within a fluid field. This technique involves illuminating the seeded tracer
particles by means of a light sheet and capturing the particle motion using a high-
speed camera. In select applications, flow visualization can also involve the use of
dyes to visualize flow structures within the fluid field. Although most flows found in
the cardiovascular system are three dimensional, flow visualization is limited to 2D
planes that are illuminated by the light sheet. This technique is mostly used to
analyze the flow structures generated by valvular prosthetic devices, as well as
flow structures generated by other prostheses such as ventricular assist devices
[99, 100]. Flow visualization is used as a first pass check for flow structures and
regimes which could be undesirable, such as recirculation zones, valve leakage, and
regions of flow stasis (Fig. 4).

Flow visualization is only performed on bench models with sufficient imaging
access. The advantage of flow visualization is the ease at which it can be performed
without the pre- and post-processing required for quantitative techniques. Like other
optical techniques, flow visualization is susceptible to errors resulting from optical
refraction. These errors include, but are not limited to, over- or underestimation of
particle displacement due to light crossing a curved surface or moving between
mediums.
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4.3.2 Particle Image Velocimetry (PIV)

PIV is an optical technique used to qualitatively and quantitatively analyze a
particle-seeded fluid domain. It utilizes a pulsed laser to illuminate a fluid region
of interest and frame-straddling cameras to capture two successive instantaneous
images separated by a known time interval (a function of the velocity of the flow
being measured). Using cross-correlation statistical analysis, the velocity of the
particles within the domain captured by the cameras is calculated.

There are many variations of the PIV technique including, but not limited to,
2-dimensional-2-component (velocity in the x and y-direction), stereoscopic
(2-dimensional-3-component), tomographic, high-speed, micro, and plenoptic PIV.
Each of these variations has their respective advantages and disadvantages [101];
however, the most commonly used PIV technique is 2-dimensional-2-component
PIV, simply because of its quick setup time and cost relative to the other PIV
techniques.

In optically accessible bench models, PIV is predominately used to evaluate the
hydrodynamic performance of prosthetic heart valves [100]. This method has addi-
tionally been used to understand bicuspid aortic flow fields [5, 102], hinge flow in
mechanical heart valves [9, 103], valve induced ventricular filling patterns [35, 104],
thromboembolic potential [105], and diseased aortic valves, such as aortic stenosis
and regurgitation [106, 107]. From the extracted velocity fields, parameters such as
velocity magnitudes, velocity profiles, flow stasis, shear stresses, relative pressure
fields, elevated turbulence, and much more can be extracted. These metrics have
increased the understanding of valvular regurgitation and/or stenosis, blood damage,
and thromboembolic potential—all of which provide insight on the performance of
the prosthetic heart valve being tested (Fig. 5).

Two major requirements of PIV are (a) visual access to the region of interest and
(b) the fluid domain being studied has to be seeded with neutrally buoyant particles
of some form. These requirements make it currently impossible for PIV to be
performed in vivo. Within bench models, optical techniques are susceptible to errors
arising from changes in refractive indices between mediums (for example, air to

Fig. 4 Use of flow
visualization to observe flow
structures generated at peak
systole by a bioprosthetic
heart valve in an idealized
aortic geometry
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water); therefore, in some cases (especially for small fields of view or high curva-
tures between mediums), index matching is necessary. For further minimization of
errors, PIV also requires the seeded particles to freely follow the fluid medium
without interfering with the flow. This means that the densities of the particles
must be very close to that of the fluid. Smaller particles can be used to extract
finer flow features; however, a camera with a higher resolution must be used in order
to capture the smaller particles.

Recently, a new PIV technique is in development known as echocardiographic
PIV [108]. It combines contrast echocardiography with PIV processing techniques to
extract a velocity field. This PIV technique attempts to overcome the optical access
limitation of all other PIV techniques by using ultrasonic waves. Certain challenges
exist in order for this technology to become clinically useful on a large scale. For
example, the spatial resolution of the echocardiography images still needs to be
improved. In addition, having to use contrast agents in certain echo-PIV systems is a
significant limitation [109, 110].

4.3.3 Laser Doppler Velocimetry

Laser Doppler Velocimetry (LDV) utilizes coherent, monochromatic, collimated,
and intersecting laser beams to measure the velocity (either 2 or 3-components) of

Fig. 5 PIV used to visualize and quantify flow structures generated at peak systole by a
transcatheter aortic heart valve in an idealized aortic geometry
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fluids at a single point. Common lasers that are used include Argon ion, Helium-
Neon, and laser diodes. The intersecting laser beams, generally obtained from a
single source beam to ensure coherence, interfere and generate a set of fringes. It is
common practice that the laser beams are set to intersect at their respective focal
points, which is the point where the fluid velocity will be measured. As neutrally
buoyant, seeded particles cross the intersection of the laser beams, they reflect light,
which fluctuates in intensity, and is collected by optical sensors (usually photodi-
odes). The frequency of the intensity fluctuations in the collected light is correlated
to the Doppler shift between the incident and reflected light which can then be used
to determine the velocity of the moving particle. Using this technique, all three
components of velocity can be determined at a high frequency.

LDV has historically been used in bench models to noninvasively measure
velocities around prosthetic heart valve devices [111, 112]; however, this technology
is slowly being replaced by PIV. Because LDV is a point measurement, its usage is
currently focused on regions of interest that remain difficult to access via PIV, such
as near wall measurements [113, 114], and regions difficult to view via cameras
[115]. These are both the advantage and disadvantage of LDV in comparison to
PIV—accessibility to difficult regions of interest, and single point measurements,
respectively. Like PIV, LDV is also an optical technique, meaning that not only is it
susceptible to errors arising from refractive index changes, the fluid under observa-
tion must be either transparent or semitransparent.

4.3.4 Phase Contrast Magnetic Resonance Imaging

Phase Contrast Magnetic Resonance Imaging (PCMRI) is a flow visualization and
quantification technique used to analyze blood flow in large animals and clinical
patients. PCMRI relies on magnetic fields and radio waves to alter the alignment of
the spinning hydrogen atoms in the body. To measure blood flow, phase contrast
pulse sequences use bipolar gradients to encode the velocity of the spins. Blood that
is in motion experience a difference in magnitude between the two gradients because
of its change in spatial location. This experienced phase shift is then correlated to the
velocity of the blood.

PCMRI is commonly used to extract the velocity of blood in either one or two
dimensions within a 2D image slice. PCMRI has been used to assess blood flow
across heart valves [116–118], within the heart chambers [119], and within the
greater vessels of the cardiovascular system [120, 121]. The velocity fields from
this technique can be used to evaluate the in vivo performance of prosthetic devices
by identifying unwanted phenomena such as regurgitation, stenosis, regions of low
flow, and high residence times. Beyond in vivo applications, select investigators
have used PCMRI on the bench to evaluate and isolate these phenomena [8, 122]
(Fig. 6).

Advances in encoding techniques has made it possible for PCMRI to be used to
acquire 3D, time resolved, velocity information. This allows for further analyses to
be carried out on the extracted information, such as the 3D visualization and
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characterization of the temporal evolution of blood flow across valves or within the
heart chambers [123], and the calculation of relative pressure fields [124]. As more
functionality is added to PCMRI acquisition, like moving from 2D to 3D, trade-offs
between spatial/temporal resolutions, scan time, field of view, and signal-to-noise
ratio must be considered for a given evaluation.

When compared to bench-based modalities such as PIV and LDV, PCMRI
exhibits inferior spatial and temporal resolution. Due to the nature of the measure-
ment technique, PCMRI is susceptible to errors arising from eddy currents and
gradient field distortions [125, 126]. Despite the limitations of PCMRI on the
bench, this modality is currently the best technique for evaluating blood velocities
within a 2D or 3D region near or through native and prosthetic heart valves.

5 Technologies for Quantifying Atrioventricular Valve
and Repair Device Mechanics

Normal function of the atrioventricular (AV) valves consists of a complex interplay
between the annulus, leaflets, subvalvular apparatus, and right or left ventricle
[127, 128]. Clinical visualization techniques such as echocardiography and magnetic
resonance imaging (described previously) have provided insight into the 3D
dynamic behavior of the AV valves. However, the biomechanics of these complex
valves must be seen through the light of the components making up the force
balance. These dynamics are the result of a three-dimensional force balance that
consists of a complex and time-varying combination of interacting tissue mechanics.

Limitations observed in implanted devices have aided the development of new
measurement technologies to elucidate biomechanical phenomenon and supplement

Fig. 6 Evaluation of flow
through the native mitral
valve using PCMRI
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device development. Many of these failures may be attributed to unbalanced forces,
which have been measured to improve the development of surgical techniques and
implantable devices. Results from using heart valve measurement technologies have
taught the importance of considering the AV valves as part of the ventricular
myocardium at the subvalvular apparatus as well as the atria-ventricular-aortic
interaction at the annulus [128, 129]. This has motivated a more in-depth analysis
of important components of the force balance in the valve apparatus, see Fig. 7.

5.1 Assessing Subvalvular Mechanics of the Atrioventricular
Valves

Starting from the apex of the heart, the PMs are the first interface between the right or
left ventricle and the atrioventricular valves. Force measurements of the chordae
tendineae and Papillary Muscles (PMs) have been performed to assess healthy valve
function, severity of disease, and biomechanical impact of repair on the AV valve

Fig. 7 Select examples of transducers used to quantify AV valve annulus, chordal, and papillary
muscle based forces

Measurement Technologies for Heart Valve Function 135



force balance. This has been performed in models of both degenerative and func-
tional situations as seen from the subvalvular apparatus.

5.1.1 Papillary Muscle Force Transducers

PM force measurements were first performed in vitro by use of strain-gauge-based
transducers. In vitro PM contraction is absent in this model, and therefore all PM
force measuring transducers within bench models provided a surrogate measure of
pressure forces acting on the leaflets. These strain-gauge-based transducers consist
of instrumented PM holder rods that relate strain to force reported as a three-
dimensional vector [80] or as a one-dimensional magnitude of the force vector
along the principal axis [130]. The PM from the explanted valve was mounted on
the tip of these devices, and this tip allowed the PMs to rotate freely, aligning with
the principal force axis of the chordae tendineae.

A large animal in vivo papillary muscle force transducer was developed as a
platform plate that connected directly to the fibrous membrane of the PM head and
the rest of the muscle (Fig. 7 above left) to provide a one-dimensional magnitude of
the force along the direction of the transducer. This in vivo transducer provides a
reaction force between the left ventricle and the transvalvular pressure force acting
on the mitral leaflets [60, 131, 132]. As with all force measurements in the AV
apparatus, and in particular with an in vivo transducer of this caliper, the challenge is
to minimize the impact that the sensor has on the overall valve functionality. For this
particular transducer, that was performed by minimizing the height of the part of the
transducer placed under the fibrous membrane.

For both the in vitro and in vivo transducers, whenever possible the force was
acquired as a function of time and synchronized with a number of other measurement
technologies (pressure, flow, images of the valve, etc.). The in vivo PM force has
shown to be a combination of the fluid pressure on the AV leaflets and the valvular–
ventricular interaction force: These measurements provided insight to timing of
these forces with the function of the valves. Careful combination of the results
from in vivo and in vitro measurement technologies adjusting to valve area and
trans-leaflet pressure has indirectly indicated the valvular–ventricular interaction
force through the PMs onto the subvalvular apparatus [60, 128]. In addition, the
synchronization technology with other physiological measurements has provided the
important difference in the timing of this force between the valve closing in a passive
setup (in vitro) and an active setup with PM contraction (in vivo) [128].

5.1.2 Chordal Force Transducers

For Chordal Tendineae (CT) force measurements, several approaches have been
used to quantify chordal tension. The most commonly used is a “C”-shaped frame,
which has been instrumented with strain gauges to provide the force in individual CT
[133]. The transducer is sutured onto the chord on each end of the “C,” and the
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chordae tissue in-between the ends are cut. This transducer design and implantation
procedure minimizes the amount of tissue that is replaced by the transducer and
ensures that all force is directed through the transducer and no force is partially
transferred through the chordae. The size of the transducer limits the number of
transducers that can be placed. The maximum number of instrumented chordae that
have been used is six for the mitral and tricuspid valves in vitro [134, 135] and four
in vivo [136, 137]. An alternative version of this transducer mounts the transducer
frame through the chord basically splitting the chord into two halves. As the force in
the chord is increased, the frame is compressed, and strain-gauge-based measure-
ment equipment provides the calibrated force [138].

Over the years, the C-based transducer has answered many questions within
bench and large animal models. Examples are the difference in forces for different
chordal types [139], the difference in force balance of the chordae between a stiff,
flat annulus and a flexible annulus model [85], the force in chordae following
leaflet alteration [140, 141], the force in ePTFE artificial neo-chordae replacement
[82, 142], and the force in specific CT as a response to functional disease and repair
with different types of annuloplasty [136, 143].

5.2 Assessing Annular-Based Mechanics

The loads that act on devices implanted to the mitral valve annulus result from a
combination of fluid pressure, tension within the valve leaflets, myocardial muscle
fiber contraction, and expansion of the aortic root. These forces in combination can
apply compressive, tensile, bending, and torsional loads on implanted mitral annular
devices, and have been demonstrated to exhibit non-uniformity through the annular
perimeter. These forces are inherently three dimensional. Annular-based force trans-
ducers aim to understand the forces acting within healthy native and diseased valves
and implanted devices, and the implications of these forces to device design and
repair strategies.

5.2.1 Annuloplasty Ring Mechanics

Annuloplasty is a reconstructive surgical technique that constrains the shape and size
of the annulus to a prosthetic ring. Force measurements in annuloplasty rings can be
ambiguous, and the reporting of forces need to refer back to a calibration setup to
lower (but not entirely remove) the dependency of the reported forces on the
transducer frame design and material. In addition, cross talk elimination and analysis
of the data with dependent variable considerations is necessary. The force in the
mitral annulus has been described in vitro as a pure response to the pressure acting
on the AV valve leaflets [144]. However, since the active myocardial interaction
with the annulus and any device attached to this part of the valve is crucial, in vivo
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measurements of annulus-based forces with devices that attach to the active annulus
have provided a more realistic picture of how these forces may interact with a
device [128].

Out-of-Plane Annular Force Transducers

The first direct force measurement in the mitral annulus in an animal model was
performed with a transducer modeled after the traditional Carpentier-Edwards Clas-
sic annuloplasty ring (Fig. 7 above left). Strain gauges were placed at four locations
of the transducer frame, and the measurements were reported as forces with relation
to a dedicated calibration setup. This approach was used for rings with different
shapes, identifying that the out-of-plane saddle shape experienced the lowest force,
which have been adopted in future annuloplasty ring designs [145–147].

Indirect measurement of the mechanics in annuloplasty rings has also been
reported by utilizing fluoroscopy and tantalum markers to follow the annulus
movements before and after ring implantation (technique described elsewhere in
this chapter). The knowledge of the particular ring design and material properties
enables the “reverse engineering” method of deriving the stress distribution in the
particular device [148].

In-Plane and Multiple-Plane Annular Force Transducers

The majority of studies seeking to measure mitral and tricuspid annular forces have
focused on quantifying cyclic compression and tension. Hasenkam and colleagues
were the first to describe the forces generated by the myocardium on a mechanical
heart valve [149]. This was accomplished by adhering strain gauge rosettes to a
29 mm Edwards-Duromedics mitral valve. For calibration, strain gauge output
voltages were calibrated to known applied forces. These calibrations were used to
convert strain gauge output voltages measured in large animals to estimated forces.
Later, Shandas et al. used 3D ultrasound to measure the deformation of St. Jude
Medical Biocor® stented prosthetic MVs in two healthy porcine subjects [48]. Mea-
sured ring deformations were used as boundary conditions for finite element analysis
to estimate the maximum directional forces acting on the tissue valve. This technique
is similar to the use of CT described above.

These studies were further supplemented and supported by research conducted
with an x-shaped, strain gauge-based transducer aiming to isolate forces in the
septal-lateral and transverse directions of the mitral annulus [150, 151]. Compared
to previous studies, this transducer demonstrated differences in directional annular
forces and their variation with left ventricular pressure and ischemic mitral regurgi-
tation. To avoid cross talk between the annular and apical planes, additional strain
gauges have been mounted on an additional transducer setup on the segments
attached to the annulus. The signals from the strain gauge elements are acquired
synchronously and careful calibration with the application of cross-talk elimination
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algorithms developed during calibration of the device enabling directional annular
force measurements [152].

In-plane forces have also been reported as relating to a dedicated calibration setup
of a full D-Shaped annuloplasty ring with the strain gauges mounted on the inner
surface towards the center of the annulus [153]. Simultaneous in- and out-of-plane
forces were measured with a similar type of ring with gauges placed both on the top
and inner side of the transducer [154].

5.2.2 Forces in Annuloplasty Ring Sutures

The anchoring of annuloplasty rings to the surrounding tissue is of crucial impor-
tance to short-term as well as long-term success of the intervention. Dehiscence of
annuloplasty rings is becoming a recognized problem [155]. Hence, investigations of
the force that the annuloplasty ring suture experiences as a response to ring size and
left ventricular pressure has been measured with a novel system that interfaces the
entire annuloplasty ring [156] (Fig. 7 above, left). Used in an ovine model, this
system is used to investigate the mechanics of annuloplasty ring dehiscence and
impact on suture force from annular downsizing, and it has been shown that although
the dehiscence most typically is experienced in the muscular portion of the annulus,
the highest suture forces are experienced in the fibrous part of the annulus.

5.2.3 Forces in Valve Leaflet Approximation Procedures

The system described above to measure forces in the chordae tendineae has been
adapted to measure the force in the leaflet approximation edge-to-edge repair
technique referred to as the “Alfieri-stitch” in bench [157] and large animal studies
[158]. The studies have demonstrated that diastolic force in the Alfieri stitch
increases with increases in the septal-lateral dimension of the mitral annulus.

5.2.4 Coronary Cinching Forces

The force necessary to cinch the mitral annulus through the coronary sinus has been
measured in an ex vivo model with a hydrostatic pressure applied to the left ventricle
[30]. The measurement technology was built around a one-dimensional load cell that
measures a tensile force from the cinching system, which intend to compresses the
mitral annulus in an attempt to restore a competent valve.
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5.3 Heart Valve Force Transducers with External Anchoring

Measuring forces in heart valve structures can be challenging when the strain
sensing element is directly embedded among the valvular structures as described
in several of the technologies above. An alternative approach is exteriorizing the
anchoring of the strain sensing element externally which also minimizes the ambi-
guity of calibration since the fixation of the transducer is well defined.

One advantage of applying these exteriorization techniques for measuring annu-
lar forces is that locating a rigid fixation outside of the heart minimizes the ambiguity
of calibration. As with any force transducer in the AV valves where minimizing this
ambiguity is part of the interpretation, careful consideration of the free-body diagram
of the device interacting with the mitral annulus in the apical direction is
important [159].

5.3.1 Papillary Muscle Relocation Forces

Recent reparative techniques for functional AV valve insufficiency include papillary
muscle relocation. A device to measure forces generated on traction sutures utilized
for this purpose was designed based on a modified caliper with strain gauges
attached. The system was designed to facilitate investigation of the effects of
shortening GoreTex traction suture that was extended from near the fibrous portions
of the AV valve through the papillary muscles. The suture was exteriorized out
through the left ventricle in a porcine setup and attached to the dedicated device for
simultaneous papillary muscle relocation and traction suture force measurement.
Peak force was seen at the onset of the systolic isovolumic contraction [159, 160].

5.3.2 Apically Tethered Annular Force Transducer

The force required to anchor a transcatheter mitral valve replacement (TMVR) to the
left ventricular apex within a porcine model was recently demonstrated [161]. This
force was measured by the use of a load cell mounted external to the beating heart.
This device was used to exteriorize the anchor and measure the tethering force
between the TAVR and the left ventricular apex.

5.3.3 Diametric Annular Cinching

Annular cinching has been described as a method of restoring AV valve competence.
The type and amount of cinching necessary to obtain the equivalent functionality of
an annuloplasty ring has been documented by several animal experiments using
fluoroscopy and tantalum markers [162]. An original approach to measure the
cinching force reuse the above-described transducer that was originally developed
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for chordal force measurements [61]. The transducer was mounted on non-flexible
suture that was anchored to the fibrous part of the AV annulus and exteriorized
through the annulus on the muscular side with a system that could stepwise decrease
the size of the annulus. The system provided an experimental basis for determining
how segmental annular cinching forces are related to valve function. This informa-
tion is important for designing diametric annular cinching systems.

6 Additional Modalities for Assessing Prosthetic Heart
Valves

Beyond the measurement technologies previously discussed in this chapter, addi-
tional modalities exist to evaluate the function of heart valve devices and their
components under simulated use conditions: Servo-hydraulic or electromechanical
load frames that for example may be used to assess device component material
properties, Stress/Life (S/N) characterization, Strain/Life (ε/N) characterization,
fatigue crack growth (da/dN) characterization, crush resistance, and component
testing. More information regarding these analyses may be found in the following
representative publication, standard, and guidance [10–12]. Support structure creep
testing may additionally be performed using custom loading frame techniques. In the
case of stent-based devices, specialized iris-based systems may be used to record and
characterize stent radial stiffness and strength, chronic outward force during expan-
sion, and the radial reactive force during compression. Simple experimental setups
may additionally be used to evaluate post expansion device recoil and dimensional
verification. Device corrosion may additionally be assessed. These modalities
among all others supplement and aid in heart valve device development.

7 General Discussion and Final Remarks

Heart valve measurement technologies will continue to evolve as the functionality
and complexity of repair strategies and devices increases. The technologies
described in this chapter have all been successfully utilized within bench, large
animal, and clinical patients as part of evaluating native and diseased heart valve
function as well as devices for repair or replacement. Each of the technologies focus
on the evaluation of heart valve performance via measurements of blood flow,
pressure, and tissue force characteristics.

Bench models can provide optimal access for manipulation of the heart valve
being tested as well as precise control of the individual components of the cardio-
vascular system: Pressure, flow, geometries, etc. The advantage of large animal
models is that the entire dynamics of the living beating heart is included. The
decision of which to choose that involves several factors such as time and funding
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available to perform the experiments. For device development, which phase in the
product development cycle is also a determining factor.

Comparing in vitro and in vivo experimentation with heart valve measurement
technologies will be increasingly common in the future. As it has been demonstrated
previously, these comparisons may provide mechanistic insight of heart valve
function that was otherwise not possible by any of the two techniques individually.
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Part II
Heart Valve Disease and Treatment



Calcific Aortic Valve Disease: Pathobiology,
Basic Mechanisms, and Clinical Strategies

Payal Vyas, Joshua D. Hutcheson, and Elena Aikawa

Abstract Calcific aortic valve disease (CAVD) is a leading cause of cardiovascular
morbidity and mortality, and its prevalence is expected to increase in the aging
population of the developed world. Currently, no noninvasive therapeutic strategies
exist to prevent or treat CAVD. Though the advent of new valve replacement
technologies have improved clinical outcomes, these techniques remain suboptimal
for the two populations most at risk for valvular complications—pediatric and
elderly patients. Recent advances in basic research have shown that CAVD arises
through active cellular mechanisms, offering hope that drugs can be developed to
target relevant pathways and provide new clinical options for CAVD patients.
Translating these benchtop discoveries to clinical realities, however, will require
both a holistic understanding of how targetable cellular level processes affect valve
tissue function and the ability to identify early CAVD development in patients. This
chapter addresses this translation by reviewing the current state of CAVD research
and the ongoing efforts to meet the clinical need.

Keywords Aortic valve · Calcification · Aortic stenosis · Calcific aortic valve
disease · Aortic valve remodeling · Disease mechanisms · Fibrocalcific remodeling

1 Introduction

Calcific aortic valve disease (CAVD) is the most common valvular heart disease in
developed countries. CAVD increases in prevalence with age with its early stage—
aortic sclerosis present in approximately 25% of individuals over 65 years of age and
late stage—aortic stenosis in 2–9% of adult population [1, 2]. With increasing life
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span in developed and rapidly developing nations, the projected disease burden is
expected to rise from 2.5 million in 2000 to 4.5 million in 2030.

Aortic sclerosis, defined as increased leaflet thickness without restriction of leaflet
motion, progresses to aortic stenosis that is characterized by excessive leaflet
thickening and stiffness due to scarring and formation of calcified nodules on the
surface of the leaflet proximal to the aorta. Aortic stenosis, therefore, results in
significantly reduced systolic opening causing left ventricular outflow obstruction
and increasing left ventricular pressure load and insufficient coaptation of leaflets to
prevent backflow from the aorta to the left ventricle.

Symptoms of aortic stenosis usually develop gradually after a long asymptomatic
latent period usually of 10–20 years. However, onset of symptoms such as exertional
dyspnoea, angina, or dizziness and syncope portends poor outcomes [3]. It is the
characteristic harsh systolic murmur that defines initial diagnosis of calcific aortic
stenosis and guides further diagnostic workup. Two-dimensional (2D) Doppler
echocardiography is the imaging modality of choice to diagnose and estimate the
severity of aortic stenosis by calculating valve area, pressure gradients and localize
the level of obstruction [4, 5]. Patients with severe aortic stenosis have a survival rate
as low as 50% at 2 years and 20% at 5 years without treatment [6, 7].

Surgical aortic valve replacement (AVR) with a mechanical or bioprosthetic
valve or transcatheter aortic valve replacement (TAVR) is the only viable treatment
option for CAVD. AVR is performed approximately 85,000 times annually in the
United States and 275,000 cases performed worldwide [4, 5]. Limitations of surgical
replacement include hemorrhagic complications ascribed to anticoagulation therapy
especially in case of mechanical valves and failure of bioprosthetic valves due to
calcification, which often results in the need of a second operation [8, 9]. There is
approximately 30–60% incidence of structural degeneration of the valve at 15 years
of implantation [10, 11]. Surgical AVR is a high-risk option for the elderly due to
increased age and comorbidities [12]. TAVR is a less invasive and therefore an
attractive option for this patient population [13, 14] as evident by a 39% reduction in
mortality at 1 year when compared to AVR [13]. However, this option is limited by
issues such as lack of integration and growth in the host body and potential rapid
tissue degradation, major concerns in pediatric patients, and is associated with higher
risk of stroke in the TAVR group compared with standard therapy [15, 16]. No
pharmacological treatment options exist to reverse or slow the progression
of CAVD.

Conventionally CAVD was viewed as a passive result of aging in which years of
mechanical stress and hemodynamic forces during normal cardiac function lead to
tissue scarring and calcium deposition on the surface of aortic valve leaflets. Limited
understanding of the fundamental mechanisms that underlie CAVD may be the
reason for lack of targetable points of pharmacological intervention, thus hindering
progress towards rational design for therapeutic options. However recent research
efforts have replaced this traditional view of CAVD as a “degenerative disease” with
that of it being an “active” process regulated by cellular mechanisms, which remodel
the valve leaflet in response to biomechanical and molecular stimuli [17]. The valve
leaflet undergoes an active disease process marked by inflammatory cell infiltration,
degradation and aberrant deposition of extracellular matrix (ECM), neoangiogenesis
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and osteocalcific changes [18]. CAVD, therefore, progresses from initial changes in
the cell biology of the valve leaflets through fibrosis to calcification.

These recent exciting developments in understanding biological mechanisms of
CAVD progression have raised hopes of developing tools to identify patients at risk,
as well as effective diagnostic and therapeutic interventions for this disease. This
chapter discusses our current understanding of the pathophysiology, risk factors,
cellular mechanisms, diagnosis, and clinical management of CAVD, and describes
areas of future research vital for diagnosing, treating, and potentially preventing this
disease.

2 Normal Aortic Valve Physiology and Function

The human heart consists of four valves: the two atrioventricular valves called mitral
and tricuspid valves and two semilunar valves called the aortic valve and pulmonary
valve. The basic function of the heart valves is to maintain unidirectional blood flow
through the cardiac chambers and into the pulmonary and systemic circulation by
their coordinated opening and closing during the cardiac cycle. The aortic valve is on
the left side of the heart, located between the left ventricle and the aorta. The aortic
valve opens during systole to allow forward flow of blood from the left ventricle,
which is the main pumping chamber of the heart and closes during diastole to
prevent blood from backward flow into the ventricle. Heart valves open and close
approximately 40 million times a year, and 3 billion times over an average lifetime of
75 years. Their typical motion, flexibility, and mechanical and structural properties
enable the aortic valve to function as a unidirectional outflow valve. Changes in
these characteristics lead to disruption of valve function and form the basis of
CAVD. The following sections elaborate on normal aortic valve anatomy, physiol-
ogy, and how they relate to the unique function of the aortic valve.

2.1 Anatomy of Normal Aortic Valve

Normal aortic valve is anatomically defined in the context of aortic root, a bulbous-
shaped fibrous structure to which the aortic leaflets are attached. The components of
aortic root comprise the annulus, commissures, interleaflet triangles, sinus of
Valsalva, sinotubular junction, and leaflets [19]. The anatomical architecture and
structural properties of all of these components contribute towards their function to
maintain the intermittent, unidirectional channeling of large volumes of blood, while
maintaining laminar flow and least possible tissue stress and damage [20, 21]. The
aortic root delineates the anatomical boundary between the left ventricle and ascend-
ing aorta.

The valve leaflets rise to commissure and descend to its basal attachment to the
aortic wall. The annulus is demarcated by the virtual aortic ring defined by the nadirs
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of leaflet attachments (Fig. 1). The annulus forms a crown-like structure, which
crosses the ventriculo-arterial junction [22, 23]. The three symmetrical bulges of the
aortic valve associated with each leaflet are called sinuses of Valsalva or aortic
sinuses. Coronary arteries originate from two of the three sinuses, thus defining them
as left, right, or noncoronary sinuses. The sinotubular junction (point of transition of
the aortic root to the ascending aorta) is the distal defined ridge of the sinus, while its
proximal end is defined by attachments of the valve leaflets.

Normal aortic valves are made up of three cusps or leaflets, which are <1 mm
thick extremely pliable structures and appear smooth and opalescent. The semilunar-
shaped three valve leaflets form the central structural compartment of the aortic root.
Based on their location relative to the coronary artery ostia in the sinuses of Valsalva
downstream of the valve, the valve cusps are individually called the left coronary,
right coronary, and noncoronary leaflets. The right and left leaflets are usually equal
in size, while the posterior cusp is slightly larger in two-thirds of individuals
[24]. Each leaflet has two free edges, which they share with the adjacent leaflets.
A small fibrous bulge at the center of each free edge is called the nodule of Arantius.
The rim of the valve leaflet on either side of the nodule is called the lunula. The
lunulae of adjacent leaflets overlap each other, thereby enabling complete aortic
valve sealing during diastole. The remaining non-coapting portion of the leaflet is
known as the belly, which appears to be almost transparent. The area where the
lunulae of two leaflets are attached to the aortic wall at the apex of the annulus is
called the commissure. There are three commissures. The commissure between the
right and left coronary leaflets is positioned anteriorly, the one between the right and
noncoronary leaflets is on the right anterior, and the one between the left and
noncoronary leaflets is on the right posterior aspect of the aortic root. The commis-
sures are composed of collagenous fibers orientated in a radial direction and provide
optimal support to the valve leaflets. The three triangular areas located below the
commissures are known as the interleaflet triangles. They are extension of left

Heart –
Anterior View

Heart –
Traverse Plane

Aortic Valve –
Opened Between Coronary Cusps

Fig. 1 Anatomy of the aortic valve. The aortic valve is situated between the left ventricle and aorta
and maintains unidirectional blood flow from the ventricles to the systemic circulation. Openings
into the cardiac wall in the sinuses of Valsalva of two of the aortic valve leaflets feed oxygenated
blood into the main coronary arteries; therefore, these two leaflets are referred to as coronary cusps
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ventricular outflow tract and extend distally to the level of sinotubular junction in the
area of the commissures. They separate and mark the three sinuses. Native human
aortic valves are virtually avascular, and receive nutrients through hemodynamic
convection and diffusion. The organized three-dimensional anatomy of the aortic
tri-leaflet cusps, which work in concert with the aortic root, allows for stress sharing
between leaflets, the sinuses of Valsalva, and the aortic wall [20, 25].

2.2 Function of Normal Aortic Valve

During a normal cardiac cycle, the aortic valve opens when the ventricle contracts
during systole and closes when the ventricle relaxes during diastole. The valve
closing depends on the changes in valve pressure and the parameters of the vortexes
that develop within the sinuses of Valsalva [26]. In the deceleration phase of systole,
the opposing axial pressure differences causes the low inertia flow in the developing
boundary layer along the aortic wall to decelerate then to reverse direction resulting
in vortices in the sinuses behind the aortic valve leaflets. This action forces the belly
of the leaflets away from the aortic wall and towards the closed position. The leaflets
are stretched via backpressure of 80 mm Hg and are mutually apposed with an
overlap at the lunulae, which ensures proper sealing and therefore efficient filling of
the left ventricle. The valve annulus expands and prevents collapse by taught pulling
of the leaflets. Increase in annular radius at end diastole phase pulls the leaflets from
their commissures, resulting in a small stellate orifice even in the absence of
transvalvular flow [27]. The valve orifice changes quickly from stellate to triangular,
and finally to circular, as the leaflets are forced apart and blood is ejected from the
ventricle. The aortic root adjusts from a conical to a cylindrical shape during
ejection, providing optimal hemodynamics at the larger flow volume [28].

2.3 Aortic Valve Microstructure

The dynamic biomechanical function of the aortic valves is dependent on its
organized yet complex and highly differentiated tissue architecture and microstruc-
ture, which differs in various stages of valve development and becomes mature in
adulthood (Fig. 2). Each leaflet of the aortic valve is composed of three distinct,
histologically identifiable micro-layers known as the fibrosa, spongiosa, and
ventricularis [29]. The aortic valve leaflet is more mechanically compliant in the
radial direction than in the circumferential direction [30]. This ability arises from the
distinct composition of the individual layers. The fibrosa, proximal to the aorta, is
primarily composed of circumferentially oriented type I and III fibrillar collagen.
Collagen is a major load-bearing component throughout many tissues and thus it
provides the necessary strength in the valve leaflets to withstand the pressure
developed during diastole and prevent leaflet prolapse into the left ventricle. The
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ventricularis layer, which lies on the ventricle side of the leaflet, is composed of
elastin fibers that are oriented radially. The ventricularis layer therefore confers
elasticity to the leaflets, so that they may stretch radially away from the valve
annulus to meet adjacent leaflets and seal the valve [31] and aid in recoil [32]. The
spongiosa lies between the fibrosa and ventricularis and is composed primarily of
glycosaminoglycans and proteoglycans with scattered collagen fibers. It serves as a
lubricating layer between the outer layers of the aortic valve [33]. During diastole,
the leaflet behaves relatively inelastically with the diastolic pressure loads supported
by fibrosa and elastically in systole, supported by ventricularis. Both layers exhibit
distinct micromechanical properties with the fibrosa being stiffer than the
ventricularis as shown by tensile tests of normal and enzymatically digested valves
as well as biaxial testing of micro-dissected fibrosa and ventricularis layers [34–
36]. Differential extacellular matrix (ECM) modulus was noted within the individual
layers with distinctly stiff and soft regions in the fibrosa and ventricularis, respec-
tively [37]. The dynamic opening and closing function of the aortic valve relies on
the structural integrity and biomechanical properties of the valve microstructure
attuned to the relative pressure changes over the course of the heart cycle
[38, 39]. The breakdown of the structural and compositional integrity of the valve
ECM is thus one of the hallmarks of CAVD.

Fig. 2 Aortic valve microarchitecture in histological sections. During aortic valve thickening in
fetal development, collagen accumulates and forms mature fibers within the leaflets as shown by
picrosirius red staining in the bottom panel. As the valve matures from childhood to adult, the
collagen fibers become aligned in the circumferential direction, and a trilaminar structure is
observed by Movat’s stain (top panel) with collagen fibers (yellow) in the fibrosa on the aortic
side of the valve, glycosaminoglycans of the spongiosa in the middle of the valve (bluish green),
and elastin fibers in the ventricularis of the valve leaflets (black). Adapted from [29]
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2.4 Aortic Valve Cell Biology

Normal human aortic valves consist of two principal resident cell types: valvular
endothelial cells (VECs) and valvular interstitial cells (VICs). These cell types are
responsible for maintaining valve homeostasis and integrity. VECs sheathe the
leaflet surface and thus form a barrier between the internal tissue components and
blood similar to vascular endothelial cells. VICs reside within the valve tissue and
regulate valve microstructure through secretion, degradation, and reorganization of
ECM components. The populations of smooth muscle cells [40] and nerve cells have
also been described [41, 42].

2.4.1 Valvular Interstitial Cells (VICs)

All mesenchymal cells within the valve tissue have traditionally been classified as
VICs. Five identifiable phenotypes of the VICs have been described: quiescent VICs
(qVICs), activated VICs (aVICs), progenitor VICs (pVICs), embryonic mesenchy-
mal cells, and osteoblastic VICs (oVICs) [43–46]. At least three different cell types
have been identified in native aortic valves (fibroblasts, myofibroblasts, smooth
muscle cells) [47]. VICs maintain a quiescent fibroblast-like cell state in adult
valves, but exhibit an activated phenotype gauged by expression of α-smooth muscle
actin (α-SMA) in valve interstitium during valve development, in response to injury
and in disease [29, 43] (Fig. 3). Under these conditions, VICs can switch to an
activated myofibroblast phenotype that measured by positive expression of α-SMA
and negative staining for SM1 and SM2, markers of differentiated smooth muscle
cells [45]. Only a small subpopulation of α-SMA, SM1 and SM2 expressing cells
below the endothelium is reported to be smooth muscle cells. The myofibroblast-like
VICs function to remodel the ECM by synthesis of ECM-degrading enzymes such as
matrix metalloproteinases (e.g., MMP-1, MMP-2, MMP-9, and MMP-13) and
cathepsins (e.g., cathepsins S, K, and B), and tissue inhibitors (e.g., tissue inhibitors

Fig. 3 Myofibroblast activation of VICs. VICs exhibit an activated myofibroblast phenotype
during development as shown by the presence of α-SMA by immunohistochemistry. During
adulthood, VICs transition to a quiescent phenotype, but the activated myofibroblast phenotype
reappears with the onset of CAVD. Adapted from [29]

Calcific Aortic Valve Disease: Pathobiology, Basic Mechanisms. . . 159



of metalloproteinases) [32, 44]. The factors that cause this phenotypic switch are
poorly defined, but likely include transforming growth factor-β1 and cytoskeletal
tension generated by cell traction [48] or possibly exogenous forces such as stimu-
lation by mechanical loading in order to mediate tissue remodeling for restoration of
normal stress profile [29]. VICs isolated from higher pressure left-sided valves
(aortic and mitral) were found to be significantly stiffer and had more collagen
synthesis than cells isolated from right-sided valves (tricuspid and pulmonary)
[49]. Collagen synthesis by VICs was also shown to be dependent upon degree
and duration of stretch [50]. Thus the aortic valve responds to repeated mechanical
stresses of cardiac cycle by constant remodeling of ECM by VICs [51]. However,
when adaptation to changing environmental condition is not possible due to chang-
ing mechanical stress and injury, valve remodeling progresses to a pathological state
[44, 52].

2.4.2 Valvular Endothelial Cells (VECs)

Valvular endothelial cells are fundamentally responsible for maintaining a
non-thrombogenic blood contact surface and transmitting nutrient and biochemical
signals to VICs [53]. VECs are similar to arterial endothelial cells in the expression
of von Willebrand factor and production of nitric oxide and prostacyclin activity
[54]. Cell junctions between VECs are also similar to those of arterial endothelial
cells. Interestingly, however, VECs have been shown to exhibit transcriptional
differences compared to vascular endothelial cells [55]. Also while vascular endo-
thelial cells align parallel to blood flow, VECs are oriented circumferentially across
leaflets, perpendicular to the direction of blood flow [56]. VECs show an increased
expression of genes involved in chondrogenic differentiation, while arterial endo-
thelial cells more strongly express osteogenic genes [27], suggesting both cell types
are prone to calcification, albeit with different mechanisms. Electron micrographs
have shown that unlike the vascular endothelium, VECs present cortical filipodia
that can overlap with neighboring cells for an unknown role [56, 57]. These differ-
ential properties suggest VECs are a phenotypically distinct cell type compared to
other endothelial cells.

Aortic valves are constantly exposed to shear stress. The inflow ventricularis side
is exposed to unidirectional shear stress with cycle averaged magnitude of 20 dynes/
cm2. The outflow or fibrosa surface is exposed to oscillatory shear stress [58]. Con-
sequently, the VECs on the fibrosa and ventricularis surfaces are phenotypically
different [59, 60]. Since CAVD has been shown to initiate in the fibrosa layer of the
valve [61, 62], it has been hypothesized that the differential valve endothelium
phenotype of the fibrosa may contribute to the disease initiation [59]. Emerging
evidence suggests that VECs may serve as endothelial progenitor cells that can
populate the valve leaflet with osteogenic-like VICs [63–65]. This hypothesis is
supported by evidence indicating that mesenchymal differentiation of VECs,
through endothelial to mesenchymal transition (EndMT), can be directed towards
multi-lineage phenotypes [66]. VEC dysfunction has been implicated in

160 P. Vyas et al.



calcification. Being in close proximity with each other, intercellular interactions
between VECs and VICs are highly likely. Coculture studies with VECs and VICs
have shown that VECs help maintain the quiescent phenotype of VICs. Upon
exposure to shear stress, VIC proliferation is stabilized with an increase in ECM
synthesis and decrease in glycosaminoglycans [67], and removal of VECs from
aortic valve explants promotes calcification [68]. Future research in this direction is
required to understand the mechanisms of intercellular interactions between the
aortic valve cell types.

3 Calcific Aortic Valve Disease Pathobiology

Many of the pathophysiological changes in CAVD and atherosclerotic vascular
calcification overlap; however, it should be noted that these diseases are now
believed to have distinct etiologies [69]. Not every patient who presents prominent
vascular calcification also exhibits signs of CAVD, suggesting that at least an extra
set of variables are involved in CAVD pathology. Further, as reviewed in Sect. 2,
valve cells are phenotypically different than their vascular counterparts, and there-
fore different factors seem to be responsible for producing the fibrocalcific endpoint
that is apparent in both diseases. Both VICs and VECs have shown a unique
susceptibility to changes in biomechanical forces that may distinguish them from
their vascular counterparts. Similar to atherosclerosis, early CAVD lesions contain
inflammatory cells, with advanced lesions containing calcium deposits [70–72]. The
extent of similarity between the two disease etiologies however is being debated
[61, 73] and perhaps would be better resolved as we acquire clear understanding of
the fundamental mechanisms of CAVD. CAVD does exhibit several distinguishing
pathobiological features, in that the underlying cellular mechanisms involved are
distinct than those identified for atherosclerosis. In CAVD, the VICs are a quiescent
population of cells, which acquire an activated myofibroblastic cell phenotype as the
disease progresses [45, 74, 75], as opposed to pathological de-differentiation of
contractile smooth muscle cells towards myofibroblastic cells in atherosclerosis
[76, 77].

Not only do VICs differ substantially from vascular smooth muscle cells, but VIC
heterogeneity between the cardiac valves has also been noted. One of the most
remarkable differences between the four cardiac valves is their divergence in disease
susceptibility and presentation [78]. The aortic valve on the left side of the heart is
much more likely to undergo pathologic remodeling than its mirror image on the
right side of the heart, the pulmonary valve [79]. It has been hypothesized and is
widely accepted that the reason for this difference lies in the deviation between the
biomechanical environments of systemic versus pulmonic circulation. Compared to
the short distances required for pulmonary blood flow, pumping newly oxygenated
blood such that it reaches the extremities of the body requires large pressures that
generate significantly higher forces on the cardiovascular tissues associated with
systemic distribution. As a result of these higher forces, the aortic valve is stiffer than
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the pulmonary valve [78]. An increase in the forces placed on the aortic valve due to
risk factors such as hypertension and aortic wall stiffening results in pathological
remodeling of the valve leaflets [80]. CAVD is characterized by thickened, fibrotic
leaflets resulting in overall stiffened leaflet with compromised biomechanical func-
tionality (Fig. 4). The fibrotic thickening of the leaflet is accompanied by inflamma-
tion, neoangiogenesis and formation of calcium phosphate nodule and ECM
calcification. The accumulation of calcific deposits further aggravates the loss of
leaflet compliance as the valve becomes increasingly stenotic. Lipoprotein deposi-
tion, lesion formation, and calcifications occur preferentially in the fibrosa layer
[81, 82]. The reasons for this asymmetry in the pathophysiology are not fully
understood but points towards a role of the distinct microenvironment within the
valve to be important in disease initiation and progression [83]. The factors contrib-
uting to a unique microenvironment include infiltration of inflammatory cells,
lipoprotein deposition, hemodynamic forces [84], mechanical stress [85] or extra-
cellular matrix composition [86], and heterogeneity between cells from the aortic
and the ventricular side of the valve [59].

Disruption of the trilaminar structure as a result of disorganized synthesis,
misaligned deposition, and degradation of ECM proteins is one of the hallmarks of
CAVD [87] in addition to an increase in apoptotic cells [88], myofibroblastic content
[45], and calcium deposition [81]. The disease progresses from mildly sclerotic
thickening to stenosis leading to improper opening or insufficient coaptation of the
valve leaflets to prevent backflow from the ventricle. Ectopic bone and cartilage are
also found in diseased aortic valves. An upregulation of bone-related markers such
as osteopontin, bone sialoprotein, osteocalcin, alkaline phosphatase (ALP), and
osteoblast-specific transcription factor core binding factor α-1/runt-related transcrip-
tion factor 2 (Cbfa-1/Runx2) has been reported in human calcified valves indicating
active osteogenic processes [62, 89].

The end-stage valve disease is represented by compromised valve function and
compliance due to stiffening of valve leaflets. CAVD can occur in younger and

Fig. 4 CAVD progression and gross anatomical changes. Healthy aortic valve leaflets are thin,
membranous structures that are pliable enough to open during systole but exhibit the appropriate
strength to resist prolapse and regurgitant blood flow during diastole. CAVD leads to fibrotic
thickening of the leaflets, reducing their biomechanical function, and ultimately to the deposition of
calcific mineral within the leaflets (arrows)
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generally healthier population as is the case with biscuspid aortic valves, which can
calcify heavily after birth [90].

The early mechanisms that initiate CAVD largely remain unknown. However,
recent understanding of the disease based on the in vitro and ex vivo studies coupled
with identified risk factors have shed some light on the cellular and molecular
mechanisms associated with disease initiation and progression.

4 Mechanisms of Calcific Aortic Valve Disease

Despite the high prevalence of CAVD and the increasing morbidity and mortality,
very little is known regarding the cellular basis of calcific aortic stenosis. Progress in
studying the cell biology of this disease has been limited by the paucity of experi-
mental models available. However recent experimental evidence has led to CAVD
being now recognized as an active cellular driven process and not a passive “degen-
erative” disease. The following sections discuss our current understanding of the
mechanisms of CAVD.

4.1 Cellular Mechanisms

As mentioned, the heightened forces exerted on the aortic valve result in thickened,
stiffer leaflets with greater collagen content than that of the pulmonary valve, and
pathological remodeling follows an increase in biomechanical pressures. Transduc-
tion of these biomechanical property changes has even been observed down to the
cellular levels where aortic VICs were shown to exhibit increased cytoskeletal
stiffness compared to pulmonary VICs [78]. Stiffness data correlated well with the
level of collagen synthesis by the VICs, indicating that the aortic VICs are respon-
sible for producing more robust ECM proteins, which yields the higher overall
stiffness seen in the aortic valve. Further, VECs also exhibit a unique response to
biomechanical forces and even show phenotypic differences on either side of the
aortic valve leaflets, presumably due to the differences in hemodynamic forces
[59]. Therefore, both VICs and VECs may be primed for active ECM remodeling
that leads to CAVD when uncontrolled. The cellular contributors to CAVD are
discussed in this section and followed by a section overviewing the underlying
molecular mechanisms.

4.1.1 Endothelial Dysfunction

Endothelial damage and dysfunction due to increased mechanical stress and reduced
shear stress is believed to be the initiating event of CAVD [91]. In response to shear
stress, VECs exhibit upregulation of inflammatory receptors such as ILRs and
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TNFRs, for binding of circulating cytokines and increased expression of adhesion
molecules such as ICAM-1 and VCAM-1 to recruit inflammatory cells
[92, 93]. Migration of these cells into the valve interstitium results in activation of
local inflammation. A strong correlation has been reported between macrophage
accumulation and calcification in aortic valves of apolipoprotein deficient mice
[94]. The fibrosa surface is more susceptible to this inflammatory state, as this
surface experiences disturbed oscillatory blood flow that associates with VEC
dysfunction [59]. The disturbed flow on the aortic side can lead to release of
pro-inflammatory cytokines (BMP2/4) and pro-oxidant phenotype (NADH, ROS)
in VECs [95, 96]. ROS, including oxidized lipids, can cause VEC injury resulting in
loss of cell alignment [97]. VECs have also been indicated as key regulators of
CAVD via dysregulation of protective nitric oxide signaling [98, 99]. VEC dysfunc-
tion may result in increased permeability to inflammatory molecules while focal
denudation often co-localized above valve lesions occur at later stages [100].

4.1.2 Endothelial and Mesenchymal Transition (EndMT)

During development EndMT occurs in endocardial cushions where a subset of VECs
detach from the endothelium, express the contractile protein α-SMA, and migrate
into the valve interstitium of the embryonic valves to become VICs [101–
103]. VECs may play an active role in tissue remodeling during CAVD by invading
the valve interstitium through EndMT, similar to processes that occur during valve
development [104]. Mechanical strain, Wnt/β-catenin signaling pathway and factors
such as transforming growth factor-β [105] and transcription factor Msx2 have been
implicated as mechanisms of EndMT of VECs, all of which are present in calcified
aortic valves [106]. During this transition, VECs lose many common endothelial
markers such as endothelial cadherin and gain contractile markers such as those
observed in mesenchymal cells or myofibroblast activation of VICs (e.g., α-SMA,
type I collagen and vimentin) [64, 107, 108]. Once EndMT occurs, the VECs may
contribute to fibrosis. EndMT plays a role in the adaptive pathologic remodeling of
mitral valve leaflets in an ovine model of functional mitral regurgitation [109, 110],
and these cells are capable of osteogenic and chondrogenic differentiation [63]. In
aortic valves, EndMT may precede VEC osteogenesis. EndMT was observed to
coexpress with osteogenic markers in a mouse model of aortic valve calcification
and in calcified human aortic valves, thus demonstrating that VECs contain the
capacity to differentiate into endothelial-derived VICs through an EndMT process
[65]. Further studies are required to demonstrate these mechanisms in aortic valve
calcification.

4.1.3 VIC Plasticity and Fibrocalcific Remodeling

VICs reside within the aortic valve leaflets and directly remodel and maintain the
microarchitecture of the leaflets by synthesis and degradation of ECM components.
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In the healthy adult valve, VICs remain in a quiescent state with characteristics
similar to fibroblasts; however, these specialized cells exhibit a high degree of
phenotypic plasticity with VIC differentiation observed during periods of valve
development and disease [69]. Notably, activation of VICs to a myofibroblast
phenotype—characterized by increased expression of smooth muscle cell protein
markers—is observed within developing valve leaflets and within fibrotic and
calcific valve leaflets [29]. This activated phenotype is believed to be responsible
for ECM synthesis and remodeling, and overactive VICs may be responsible for
fibrotic collagen accumulation during the initial stages of CAVD. Markers of
osteoblastic differentiation of VICs have also been observed in CAVD and may be
responsible for the bone-like calcific nodules observed within CAVD leaflets
[111]. The relationship between these activated and osteoblastic phenotypes has
been confounding, and it is currently unknown whether the phenotypes arise from a
single VIC progenitor population or whether different populations of VICs give rise
to the myofibroblastic and osteoblastic cells. Future works that clarify the relation-
ship between these phenotypes may provide insight into the appropriate VIC
populations that should be targeted for the treatment of CAVD.

4.1.4 Stem and Progenitor Cells

Bone-marrow-derived mesenchymal stem cells have been found in both human and
mouse valves [112, 113] and have been suggested to participate in CAVD
[114]. Clonal VIC cultures from porcine aortic valve have indicated the presence
of mesenchymal progenitor cells based on their ability to undergo differentiation into
osteoblast-like cells [115]. Bone-marrow-derived cells expressing markers of
myofibroblasts and osteoblasts were found near calcified nodules in aged mice and
in humans [88, 116]. Coculturing of bone-marrow-derived cells with explanted
calcified valves led to their differentiation towards an osteoblastic lineage suggesting
a role of the local microenvironment in differentiation of progenitor cells [117]. Cir-
culating osteogenic progenitor cells have also been identified in diseased aortic
valves and are believed to participate in repair of tissue injury [118, 119]. However,
whether these progenitor cells that reside in the aortic valve trigger valve calcifica-
tion has yet to be confirmed. Mesenchymal-like stem cells expressing known stem
cell markers, which were isolated from both noncalcified and calcified human aortic
valves, were shown to be more susceptible to calcification in vitro. These cells were
further identified to be present in higher proportion in calcified human valves relative
to noncalcified controls, suggesting a cellular origin of calcification [120]. Although
these studies present exciting evidence of the presence of progenitor cells in aortic
valve tissue and their possible role in calcification, research in this direction is still in
its infancy. The biological role of the progenitor cells in tissue injury, fibrosis, and
calcification and the mechanism of their recruitment and their activation and differ-
entiation into other cell types are yet to be uncovered.
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4.1.5 Inflammation

Increased expression of adhesion molecules (e.g., ICAM-1 and VCAM-1) associ-
ated with VEC response to changes in shear stresses and cytokines also contributes
to the progression of CAVD through recruitment of circulating leukocytes to the
aortic valve leaflets [96]. Migration of these cells into the leaflet interstitium results
in activation of local inflammation, which may play a major role in CAVD. Molec-
ular imaging techniques identified a strong correlation between macrophage accu-
mulation and calcification in aortic valves of apolipoprotein E-deficient (ApoE�/�)
mice [111, 121, 122] (Fig. 5). Additionally, the accumulation of leukocytes and
related inflammatory cytokines positively correlates with remodeling in CAVD
leaflets and aortic stenosis in human patients [70]. It currently remains unclear
whether the infiltrating leukocytes directly contribute to the calcification process or
induce calcific responses in VICs and VECs through release of pro-inflammatory
cues. One of the major reasons for the uncertainty of the role of circulating cells in
CAVD is that these factors are difficult to study in an in vitro setting. However, the
strong association between CAVD and inflammation merits further attention through
the development of new in vitro models that allow for cellular coculture and more
closely recapitulate in vivo conditions.

Fig. 5 Inflammation associates with calcification in CAVD. ApoE�/� mice fed an atherogenic diet
exhibit calcification that is spatially associated with inflammation as identified by molecular
imaging probes targeted to each process. Similar observations have been made in aortic valves
from CAVD patients. Adapted from [94]
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4.2 Molecular Mechanisms

Though a lack of clarity exists surrounding the cellular contributions to CAVD,
recent mechanistic studies have identified important pathways that modulate the
phenotypes of valvular cells and produce responses similar to those observed in
CAVD tissues. Many of the relevant molecular mechanisms associated with patho-
logical changes in VEC and VIC behavior are highlighted in this section. Future
studies may build upon these works to connect these pathways to the progression of
CAVD within the leaflets and develop means to therapeutically interfere with the
pathways.

4.2.1 Transforming Growth Factor β (TGF-β) Induced Activation
of VIC

Signaling pathways involving TGF-β superfamily of cytokines have a role in
myofibroblastic activation of VICs [123]. VICs exhibit increased α-SMA expression
and collagen-I production upon exposure to active TGF-β in vitro. Additionally
application of TGF-β to aortic valve leaflets in combination with mechanical stress
resulted in increased responses related to CAVD [48, 124, 125]. Exposing VICs to
mechanical strain after exposure to TGF-β exacerbates formation of dystrophic
calcific nodules [126]. TGF-β induces expression of myofibroblastic markers and
calcified nodule formation on polyacrylamide based substrate with stiffness similar
to the stiffer fibrosa region of the leaflet [127]. Under these culture conditions,
Wnt/β-catenin signaling pathway was found to be responsible for increase in
myofibroblastic activation. TGF-β initiates signaling through activation of Smad2
and Smad3 proteins. TGF-β can also act through activation of mitogen activated
protein (MAP) kinase signaling pathways, specifically by activating the MAP
kinases p38 [128, 129] and Erk1/2 [130]. Activation of VICs is associated with
increased secretion and degradation of ECM, expression of matrix
metalloproteinases (MMPs) and tissue inhibitors of MMPs (TIMPs), processes
important for wound repair [131]. ECM remodeling leads to further release of
bound TGF-β [125]. Interestingly, combined application of TGF-β and cyclic strain
to aortic valve leaflets under osteogenic conditions ex vivo leads to increased
expression of BMP-2 and BMP-4, cytokines associated with osteogenesis
[132]. These observations suggest that both myofibroblastic and osteogenic path-
ways may contribute to CAVD.

4.2.2 Bone Morphogenic Protein Signaling

Increased BMP2 and BMP4 expression as well as proteins associated with osteo-
genesis such as osteopontin, bone sialoprotein, and alkaline phosphatase have been
observed within stenotic CAVD leaflets [62, 133–135]. These reports suggest that
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aortic valves undergo osteogenic calcification [89], which may be mediated by
BMP2 signaling. Canonical BMP signaling occurs through activation of Smad and
Wnt/β-catenin signaling and upregulation of transcription factor Msx2. These path-
ways in turn converge to activate Runx2, the master regulator of osteoblastogenesis
followed by upregulation of osteopontin, osteocalcin, bone sialoprotein II [136]. In
calcified valve leaflets, increased Smad 1/5/8 and Runx2 have been detected
[137, 138]. Additionally, VICs were shown to exhibit a pro-osteogenic phenotype
upon stimulation with BMP2, and this effect was abolished by treatment with a BMP
antagonist, Noggin, indicating the role of BMP signaling in CAVD [139]. Msx2, a
downstream target of BMP signaling, has also been identified in areas of calcifica-
tion within valves from experimental models of CAVD [140]. Taken together the
evidence suggests BMP signaling pathways are activated during CAVD and are
capable of driving VICs to an osteoblast-like phenotype.

4.2.3 Wnt/Lrp5 Signaling Pathway

Activation of Wnt/β-catenin signaling pathway by BMP results in increase in
expression of alkaline phosphatase, a driver of calcific mineral deposition
[141]. Expression of Wnt3a and co-receptor lipoprotein receptor-related protein
5 and nuclear β-catenin has been confirmed in calcified valve tissues and in cell
culture models [127, 142–144]. In adult valves, Wnt signaling can promote VIC
calcification response, as loss of Wnt signaling through the Lrp5 receptor in ApoE
knockout mice results in decreased aortic valve calcification [145].

4.2.4 The OPG/RANKL/RANK Signaling Pathway

The binding of receptor activator of nuclear factor-κB ligand (RANKL) to its
receptor, RANK stimulates osteoclastogenesis and bone resorption through activa-
tion of NFκB [146]. Osteoprotegerin (OPG) acts as a RANK decoy receptor and
inhibits this process. RANKL is a member of the TNFα superfamily, and is present
on osteoblasts, stromal cells, T-cells, and endothelial cells [147]. Interestingly
RANK, RANKL, and NFκB are significantly expressed in calcified valves
[148]. In vitro treatment of VICs with RANKL or TNFα induces alkaline phospha-
tase activity and enhanced expression of Runx2 and formation of calcific nodules
[149, 150]. Mice deficient in OPG were found to develop vascular calcification
[151], and in hypercholesterolemic mice, OPG inhibits aortic valve calcification and
preserves valve function by inhibition of osteogenesis [152]. These findings suggest
an inverse correlation between processes of valvular calcification and bone
formation.
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4.2.5 Notch Signaling

Notch signaling is a central pathway in aortic valve development. Activation of
Notch signaling suppresses Runx2 activity, through its downstream targets Hey1
and Hey2, thus inhibiting osteogenesis [153]. Notch1 heterozygous mice develop
aortic valve calcification with increased BMP/SMAD1/5/8 signaling and Runx2
expression in the aortic valves [154, 155]. Interestingly, mutations in the Notch
gene are also associated with developmental aortic valve abnormalities and calcifi-
cation in humans [156]. These results were confirmed by in vitro culture models in
which Notch inhibition promotes calcification of VICs by repressing chondrogenic
genes, including Sox9, and inducing expression of osteogenic genes
[154, 155]. Combined, evidence indicates Notch signaling as a negative regulator
of osteogenic differentiation and that its inhibition or dysregulation can result in
CAVD [157].

4.2.6 Renin-Angiotensin System

Stenotic aortic valves have significantly increased expression levels of both tissue
angiotensin converting enzyme (ACE) and angiotensin II type 1 (AT1) receptor
[158, 159]. ACE is produced by monocytes/macrophages and colocalizes with LDL.
Blockage of receptor AT1 by an antagonist prevents infiltration by inflammatory
cells, endothelial disruption, and VIC activation in rabbit model of valve disease
[160]. Patients treated with angiotensin II-receptor blocker showed significantly
slower progression of CAVD and lower mortality rates [161]. However, observa-
tional studies with ACE inhibitors have yielded conflicting results [160, 162]. Angio-
tensin signaling pathways may present an appropriate therapeutic target for CAVD
treatment, but future works are needed to better understand the potential and
appropriate points of intervention.

5 Diagnostic and Therapeutic Approaches

5.1 Aortic Valve Replacement

The only currently viable clinical option for CAVD patients is replacement of the
native valve with mechanical valves or bioprosthetic valves [69]. These options are
poor for the most commonly affected patient populations—pediatrics with congen-
ital disease and the elderly. Bioprosthetic valves are produced by decellularizing and
fixing valve apparatuses from bovine or porcine hearts. Implantation of these valves
requires open chest surgery, which is risky for many pediatric and elderly patients.
Cellular debris remaining in these leaflets has been shown to lead to accelerated
calcification in bioprosthetic valves in contrast to the active cellular mechanisms that
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mediate CAVD in native leaflets [163]. The calcific nodules in the bioprosthetic
valves nucleate within cellular remnants following fixation, whereas CAVD nucle-
ation appears to occur in the extracellular and pericellular space. Due to problems
with calcification and collagen degradation these bioprosthetic valves have a life
span of only 15–20 years and do not fully incorporate with host tissue, and therefore
do not allow for growth in the developing hearts of pediatric patients [11]. Traditional
mechanical valves suffered from poor hemodynamic recapitulation that often led to
remodeling in other cardiovascular tissues; however, newer generations of these
synthetic valves better mimic native biomechanical function [164]. Additionally,
many of these new valves can be implanted in a much more noninvasive manner.
TAVR approach may provide a good option for CAVD patients who cannot tolerate
invasive surgery [165]. Similar to bioprosthetic valves, these synthetic materials are
also incapable of integrating with the growing heart of pediatric patients. In addition,
a problem with TAVR approaches is the potential for vascular wall injury during
implantation. Patients with CAVD are often most at risk for diseases of the vascular
wall such as atherosclerosis, and injury caused by catheterization may increase the
likelihood of thrombotic events that lead to myocardial infarction and stroke.
However, early studies have indicated similar or reduced complications in TAVR
patients compared to traditional AVR [166]. As TAVR becomes more prevalent,
these cases will be monitored to ensure patient safety.

5.2 Potential Drug Targets and Clinical Trials

Due to the absence of noninvasive therapeutic interventions, clinicians often elect to
delay surgical or catheter-based valve replacement until gross changes severely
hinder leaflet biomechanics [167]. In the duration, patients must cope with a reduced
quality of life due to diminished cardiac function [168]. The asymptomatic progres-
sion of CAVD presents a double-edged sword for the discovery and development of
therapies. The slow progression of the disease presents a long window for therapeu-
tic intervention, but the disease duration makes it difficult and costly to follow
patients over the course of required randomized clinical trials [122]. Further, retro-
spective studies often focus on easily identifiable acute endpoints such as myocardial
infarction, stroke, or death. Slowly progressing deterioration in valve function may
be overlooked. Aortic valve leaflets, however, exhibit rapid calcification in chronic
renal disease patients undergoing dialysis [169]. It is currently unclear to what extent
calcification in these patients shares a common mechanism with that observed in
patients with normal serum phosphate [170]. These patients may present an appro-
priate clinical trial population to test therapeutics designed to inhibit mineral depo-
sition. The chronic renal disease patient population has a well-defined calcification
initiation point at the onset of dialysis [169], and the accelerated mineralization
circumvents the normal problems associated with the duration of aortic valve
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calcification. If basic mechanisms of mineral deposition are conserved, therapeutics
developed for these patients could be extended to the general population. This
patient population may allow testing of therapeutic targets that modulate the molec-
ular mechanisms reviewed in Sect. 4. In addition to these potential targets, recent
genome-wide association studies revealed a significant association with a polymor-
phism in the gene encoding the lipoprotein Lp(a) and CAVD [171]. This association
may explain the lack of efficacy of traditional lipid lowering drugs such as statins in
treating CAVD as these drugs do not affect Lp(a) levels. The mechanisms through
which Lp(a) may mediate CAVD remain unknown, but Lp(a) lowering agents such
as niacin and PCSK9 inhibitors may present new therapies to treat CAVD [172]. Fur-
ther, Lp(a) may represent a surrogate marker for CAVD that could be used to
identify patients requiring treatment and monitoring Lp(a) levels could be used as
a short-term benchmark to assess the effectiveness of a treatment strategy.

5.3 Clinical Imaging and Identification

The development of a non-replacement therapeutic for CAVD dovetails with the
need for strategies to identify early changes within the leaflets [122, 173]. Once
calcific deposits form within the valve, reversibility is unclear; however, early ECM
remodeling responses that presage gross calcific mineral deposition may fall within
an appropriate therapeutic window (Fig. 6). Traditional detection of valvular insuf-
ficiency using echocardiography is unable to identify early leaflet changes. Recently,
PET/CT imaging modalities have emerged as a means to detect inflammation and
mineralization within cardiovascular tissues of human patients [174], and optical
molecular imaging strategies have been successfully employed to visualize the
progression of CAVD in mice [111, 122, 173]. Utilizing these imaging strategies
may also give better insight into the temporal aspects of CAVD, and may lead to a
better understanding of the required therapeutic strategy at each stage of CAVD.

6 Future Perspectives

With the aging baby boomer population and the continued industrialization of the
developing world, CAVD will remain a major contributor to cardiovascular mor-
bidity and mortality. Therefore, the development of noninvasive therapeutic strate-
gies to treat CAVD patients is of utmost importance. Meeting this goal will require
financial and intellectual investments in holistic approaches that connect cellular
molecular mechanisms to clinically identifiable benchmarks in appropriate patient
populations. The complex cellular and biomechanical function of the aortic valve
necessitates an interdisciplinary team of basic scientists, engineers, and clinicians to
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address CAVD underpinnings and develop appropriate interventional strategies.
This approach begins with the understanding that the aortic valve is a unique tissue
with a distinct population of cells that must be treated differently than other cardio-
vascular tissues. Treatments that effectively target the pathological differentiation of
aortic valve cells and the resultant ECM remodeling will address an important unmet
clinical burden.
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Remodelling Potential of the Mitral Heart
Valve Leaflet

Bruno V. Rego, Sarah M. Wells, Chung-Hao Lee, and Michael S. Sacks

Abstract Little is known about how normal valvular tissues grow and remodel in
response to altered loading. In the present work, we used the pregnancy state to
represent a non-pathological cardiac volume overload that distends the mitral valve
(MV), utilizing both extant and new experimental data and a modified form of our
MV structural constitutive model. We determined that there was an initial period of
permanent set-like deformation where no remodelling occurs, followed by a
remodelling phase which resulted in near-complete restoration of homeostatic
tissue-level behaviour. In addition, we observed that changes in the underlying
MV interstitial cell (MVIC) geometry closely paralleled the tissue-level remodelling
events, undergoing an initial passive perturbation followed by a gradual recovery to
the pre-pregnant state. Collectively, these results suggest that valvular remodelling is
actively mediated by average MVIC deformations (i.e. not cycle to cycle, but over a
period of weeks).

Keywords Remodelling · Heart valve · Pregnancy · Volume overload · Structural
constitutive model · Valve interstitial cell
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1 Introduction

A primary hallmark of biological tissues that distinguishes them from abiotic
structures is their ability to actively adapt to mechanical, chemical, electrical, and
thermal cues from their surroundings. In tissues that respond largely to mechanical
stimuli, altered loading can trigger a strategic blend of extracellular matrix (ECM)
synthesis, degradation, and remodelling, producing adaptive changes in mechanical
properties that lead to restored function. While valvular tissues are known to remodel
in response to various pathological and non-pathological conditions [1–6], few
studies have elucidated the mechanisms through which heart valve tissues grow
and remodel. Most investigations of valvular remodelling also focus on disease
conditions and are therefore potentially influenced by factors specific to the pathol-
ogy of interest. As a result, very little is known about how heart valves grow and
remodel purely in response to altered loading. Such information is important not
only for our general understanding of heart valve pathophysiology, but also to serve
as the basis for improved methods of valvular repair and replacement.

Of the four heart valves, the mitral valve (MV) is under the greatest mechanical
demands. Physiologically, the MV functions to prevent the backflow of blood from
the left ventricle (LV) to the left atrium when the LV contracts during systole. MV
leaflet tissue is composed of four morphologically distinct layers: (1) the atrialis,
which faces the left atrium; (2) the spongiosa, which is made up primarily of
hydrated glycosaminoglycans and proteoglycans; (3) the fibrosa, consisting mainly
of collagen; and (4) the ventricularis, which contains some collagen but also a
substantial amount of elastin. Elastin in MV leaflets has been shown to consist of
two highly aligned subpopulations of fibres, oriented circumferentially in the
ventricularis and radially in the atrialis [7]. Similarly, collagen in MV leaflets is
also highly aligned, with the majority of fibres pointing within �15

�
of the circum-

ferential direction. Collagen fibres are also highly undulated (crimped) and thus bear
no load until after they have been stretched enough to be completely straightened
[7, 8]. While native valve properties have been extensively studied, we have
comparatively little knowledge regarding how these functional aspects of heart
valve leaflet tissues adapt and remodel to altered stresses induced by changes in
valvular and ventricular geometry from various surgical procedures and cardiac
pathologies.

Pregnancy induces a gradual cardiac volume overload, thus providing a natural
paradigm for studying growth and remodelling in the non-pathological heart valve in
response to altered loading. This is because pregnancy induces a wide array of
cardiac changes, as the presence of the foetal-placental unit places additional
demands on the maternal heart. Among these effects, some of the most notable in
humans include 50% increases in cardiac output and LV mass, a 40% increase in
blood volume, a 30% increase in stroke volume, a 20% increase in end-diastolic LV
volume, and a 12% increase in MV orifice area [9–11]. At the organ level, the MV is
connected to the LV through the chordae tendineae and papillary muscles (PMs) as
well as the annulus, making its mechanical behaviour tightly coupled to that of the
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LV. Changes in the geometry or contractile motion of the LV, due to factors such as
systemic hypertension, myocardial infarction, and pregnancy, result in displacement
of the PMs and changes to the shape of the MV annulus. This leads to a net change in
MV external loading patterns. In response, the MV undergoes complex remodelling
to adapt to its new ventricular environment. Previous animal studies have uncovered
significant mechanical, structural, and compositional changes in all four heart valves
during pregnancy (Table 1) [5, 12–14]. The mechanical behaviour of the MV
anterior leaflet has been shown to undergo a biphasic change during pregnancy,
with the apparent stiffness of the leaflet increasing significantly in early pregnancy
(EP) but returning to normal by late pregnancy (LP) [12]. In contrast, a more recent
investigation into structural changes of MV collagen during pregnancy uncovered no
biphasic changes, but instead found only monotonic changes in mass fraction,
preferred fibre direction, degree of fibre alignment, and crimp period [13]. The
study also reported significant changes in the thickness of each MV leaflet tissue
layer, with the fibrosa thickening by about 50%, the spongiosa/atrialis thinning about
30%, and the ventricularis thinning about 45%. We do not yet have a clear under-
standing of the underlying basis of these phenomena.

The objective of the present study was thus to develop a better understanding of
the valvular growth and remodelling process, using the MV pregnancy response as a
model system for normal heart valve tissues. Specifically, we sought to draw
connections between changes in tissue mechanical properties, composition, struc-
ture, and MV interstitial cell (MVIC) geometry. Utilizing these results, we began an

Table 1 Previous findings for MV growth and remodelling during pregnancy

NP average P average

Leaflet stretch (under 60 N/m)

Circumferential stretch 1.37 � 0.03 1.26 � 0.03

Radial stretch 1.67 � 0.06 1.67 � 0.06

Leaflet surface dimensions

Circumferential [cm] 5.1 � 0.1 5.9 � 0.2

Radial [cm] 2.5 � 0.1 3.0 � 0.1

Thickness [μm] 1170 � 75 1194 � 59

Layer thicknesses [μm]

Atrialis/spongiosa 431 � 85 346 � 76

Fibrosa 540 � 130 833 � 76

Ventricularis 221 � 40 135 � 22

Constituent fractions (% dry wt)

Total collagen 56.7 � 3.0 66.0 � 3.3

Extractable collagen 0.6 � 0.1 0.6 � 0.1

Elastin 6.2 � 0.6 2.8 � 0.4

sGAG 3.3 � 0.5 1.6 � 0.2

Collagen crimp period [μm] 22.9 � 1.2 65 � 15

MVIC population density (per 0.1 mm2) 10.2 � 0.7 7.6 � 0.7

All values previously reported in [5, 12–14]
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effort to elucidate the mechanisms through which heart valves are able to adapt
under persistent altered loading conditions in vivo. In particular, we wanted to
determine if there is a specific homeostatic endpoint that the MV tissue system
attempts to re-establish, similar to vascular tissues [15]. To link the observed
structural and morphological information, we utilized a recently developed compre-
hensive structural constitutive model specialized for the MV [16]. Moreover, we
linked tissue-level and cellular changes by quantifying how MVIC geometry
changes throughout pregnancy (Fig. 1). This additional focus on MVIC geometry
was based in part on the role of MVICs (particularly their induced deformations over
the cardiac cycle) in MV tissue maintenance [17]. Because both the LV and MV are
otherwise healthy throughout pregnancy, our results provided insight into how
valvular tissues adapt without the confounding pathological factors that must be
considered in other diseased systems.

2 Methods

2.1 Mechanical Database and Processing

In the present study, we utilized extant biaxial mechanical data from a previous
study, for which experimental testing methods have been described previously [12].
Briefly, fresh MV anterior leaflets from 5 never-pregnant heifers (NP) and 10 preg-
nant cows (P) at a variety of gestational time points were excised, laid flat, and their
in-plane dimensions (circumferential length ℓcir and radial length ℓrad) were mea-
sured using a ruler of 1-mm resolution. Leaflet thicknesses were also determined
from light microscopy images of radial Verhoeff-stained histological sections. A
rectangular specimen from the belly region of each anterior leaflet was mechanically
preconditioned and loaded under a membrane tension-controlled equibiaxial proto-
col to a peak tension of 60 N/m in both the circumferential and radial directions. The

Fig. 1 Schematic of the workflow in the present study
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specimen geometry and applied forces for each dataset were used to calculate right
Cauchy-Green deformation tensors C ¼ FTF, where F is the deformation gradient,
and second Piola-Kirchhoff stress tensors S at each instant of loading.

2.2 Accounting for Changes in Leaflet Dimensions

Permanent set, growth, and true tissue remodelling can all produce substantial
changes in the apparent material properties and structure of tissue. To distinguish
between these effects, we defined all moduli and structural parameters in our
constitutive model with respect to a NP reference state (Sect. 2.3), which we
estimated by establishing correspondence between the leaflet’s NP geometry and
its geometry throughout pregnancy. Specifically, we accounted for both permanent
set and growth by defining Fges(s) as a function of the gestation time s, which maps a
specimen from its NP stress-free configuration β0 to its P stress-free configuration βs
(Fig. 2 and Table 2). Since it was not possible to know the actual pre-pregnant
dimensions of each P leaflet, Fges + 1(s) was estimated by linear regression fitting of
data from Pierlot et al. [14] for circumferential and radial lengths versus gestation
time. From the trend lines for ℓcir(s) and ℓrad(s), respectively, Fges(s) was defined as

Fges sð Þ ¼
ℓcir sð Þ
ℓcir 0ð Þ 0

0
ℓrad sð Þ
ℓrad 0ð Þ

2
664

3
775 ð1Þ

We utilized the approximation that ℓcir(0) and ℓrad(0) are equal to the pre-pregnant
values of the circumferential and radial lengths, respectively, and that growth and
remodelling do not induce appreciable shearing. For any P leaflet with a known βs
and s, β0 can be estimated usingF�1

ges sð Þ. Because growth and remodelling occur on a

Fig. 2 Set of possible states in which a leaflet sample may exist. β0 is the NP reference configu-
ration used for all structural parameters, βs(s) is the natural stress-free configuration of a P leaflet
with gestation time s, and βt is the current state of the tissue under load. Corresponding deformation
gradient tensors between the reference and loaded states are also shown, as well as Fges(s), which
describes the gestation-induced enlargement due to permanent set and/or growth
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time scale much larger than that of the cardiac cycle (i.e. weeks vs. seconds), any
changes with respect to s were quantified without considering how tissue geometry
and structure change during in vivo loading and unloading. This also implies that for
each loading cycle, the tissue can be modelled as an incompressible pseudo-
hyperelastic biological material.

Table 2 Nomenclature

Abbreviation Definition

Anatomy LV Left ventricle

PM Papillary muscle

MV Mitral valve

ECM Extracellular matrix

MVIC Mitral valve interstitial cell

Tissue states NP Non-pregnant/non-pregnancy

P Pregnant

EP Early pregnant/pregnancy

LP Late pregnant/pregnancy

s Gestation time

β0 Non-pregnant stress-free tissue configuration

βs Pregnant stress-free tissue configuration

βt Tissue configuration under load

Mechanics Fges Change in configuration during gestation

Λges Change in length during gestation

F Deformation gradient

C Right Cauchy-Green deformation tensor

λ Unidirectional stretch

S Second Piola-Kirchhoff stress

Constitutive modelling MSSCM Meso-scale structural constitutive model

λslk Collagen fibre slack stretch

D Slack stretch distribution, recruitment function

λlb Lower bound of slack stretch distribution

λub Upper bound of slack stretch distribution

μD Mean recruitment stretch

σD Standard deviation of slack stretch distribution

n Collagen ensemble orientation vector

θ Angle from circumferential axis

ODF, Γ Orientation distribution function

μΓ Preferred fibre angle (ODF mean)

σΓ Fibre splay (ODF standard deviation)

ϕc Collagen fraction

ϕe Elastin fraction

ηc Collagen modulus

η cir
e , η rad

e
Circumferential and radial elastin moduli
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2.3 Constitutive Model

In order to express the mechanical behaviour of each valve leaflet specimen in terms of
physically meaningful parameters, we utilized a recently developed meso-scale struc-
tural constitutive model (MSSCM) for MV leaflet tissues [16, 37]. In brief, the total
stress in the leaflet in this solid mixture model was assumed to be the weighted linear
sum of the stresses borne by the underlying collagen fibre network, elastin fibre
network, and the remainder of the tissue matrix, with each stress being scaled by the
mass fraction of its corresponding phase. Thematrix phase has been shown to have very
low tensile stiffness and thus to contribute very little to the mechanical behaviour of the
total tissue [16, 37]. Therefore, in the present study, we neglected the matrix phase and
instead attributed all the stress in the tissue to the collagen and elastin fibre networks.

A collagen fibre within the MV leaflet is naturally undulated and bears negligible
load for stretch values smaller than some critical “slack” stretch λslk, above which
that fibre is fully straightened [16, 37]. In our MSSCM, the collagen phase was
modelled at the level of a fibre ensemble, which exhibits the properties of a
unidirectional population of collagen fibres having a bounded distribution of slack
stretches with lower bound λlb and upper bound λub. We modelled the distribution of
slack stretches D, with mean μD and standard deviation σD, using a beta distribution
Beta(α, β) that is linearly mapped onto [λlb, λub] and scaled by 1/(λub � λlb) such

that
ðλub
λlb

D λslkð Þ dλslk ¼ 1. Functionally, D serves to describe the gradual recruit-

ment (i.e. straightening) of fibres in an ensemble, and is thus referred to as the
“recruitment function.” It has been found that in normal MV leaflets, D is largely
independent of angle [16]. Following anisotropic permanent set and/or growth
during pregnancy, however, this assumption is no longer valid if the recruitment
function parameters are defined with respect to the natural stress-free reference
configuration (βs) of the tissue. To account for this, we defined all structural
parameters in the MSSCM with respect to β0, which we estimated for each P
specimen using F�1

ges sð Þ. We then recast D with respect to βs under the assumption
of affine mapping, following established push-forward procedures [18]. For clarity,
we represent the originally defined recruitment function as D0 and the recast version
as Ds (note that superscripts will be used throughout to designate the reference state
of a particular quantity).

Homogenizing to the tissue level, we defined the fibre ensemble orientation as
n0 ¼ [cosθ0, sinθ0]T, where θ0 2 [�π/2, π/2] is the angle from the circumferential
axis in β0. Additionally, we defined a beta-distributed orientation distribution
function (ODF) Γ0 supported on [�π/2, π/2], with mean μ0Γ and standard deviation
σ0Γ, which describes the directional density of collagen fibres at any θ0. Following
established procedures [19], we recast the ODF into βs using
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θs ¼ tan �1 Fges,21 cos θ
0 þ Fges, 22 sin θ

0

Fges,11 cos θ
0 þ Fges, 12 sin θ

0

" #
and Γs θsð Þ ¼ Γ0 θ0

� � Λges θ0
� �

det Fges
� � ð2Þ

where Λges θ0
� � ¼ ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi

n0,TFT
gesFgesn0

q
is the pregnancy-induced length change along

n0. The total stress in the collagen network is the sum of the stresses along all
ensemble directions, weighted by the ODF.

The orientation of elastin fibres has similarly been described using two continu-
ous distributions [16], oriented in the circumferential and radial directions in the
ventricularis and atrialis, respectively [7]. We found that to capture the effective
mechanical contribution of elastin, it was sufficient to model the elastin phase as the
superposition of two perfectly aligned orthogonal populations of fibres. Consistent
with previous findings [20], elastin fibres were assumed to have a linear S-C
relationship in the present study. To control for changes in the apparent stiffness
of the elastin phase due to permanent set, we defined the effective elastin stiffness
modulus for each direction with respect to β0, although S andC are always expressed
with respect to the natural stress-free configuration of each specimen (Table 3). The
sum of the stresses borne by collagen and elastin, weighted by their respective mass
fractions ϕc and ϕe, yields the stress tensor for the entire leaflet specimen as

S Cð Þ ¼ ϕc sð Þηc
Ð π=2
�π=2

Γs θs; μ0Γ; σ0Γ
� �

λ

ð λ

1

Ds λ sslk; μ0D; σ0D; λ0lb; λ0ub
� �

λ sslk

λ

λ sslk
� 1

� �
dλ sslk

" #

�ns
N

ns dθs þ ϕe sð Þ η cir
e Λ cir

ges

� �4
λ2cir � 1
� �

n s
cir

N
n s
cir

	

þη rad
e Λ rad

ges

� �4
λ2rad � 1
� �

n s
rad

N
n s
rad



ð3Þ

where ηc; η cir
e ; η rad

e

� �
are the effective stiffness moduli of collagen, circumferential

elastin, and radial elastin, respectively, λ ¼ λ θsð Þ ¼ ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi
ns � Cnsp

is the stretch for an

Table 3 Reference states for mechanical data and model parameters

Category Symbols

Reference state

β0 βs(s)

Deformation F, C X (NP leaflets) X (P leaflets)

Stress S X (NP leaflets) X (P leaflets)

Collagen recruitmenta μ0D, σ0D, λ0lb, λ0ub X –

Collagen orientationa μ0Γ, σ0Γ X –

Collagen modulusb ηc – –

Elastin moduli η cir
e , η rad

e
X –

aNote that recruitment and orientation parameter results for P leaflets presented with a superscript
s (e.g. μ s

D) have been mapped into βs for ease of interpretation (Sect. 2.5)
bThe collagen modulus is defined with respect to each fibre’s fully straightened stress-free state, and
is thus independent of tissue reference configuration [16]
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ensemble pointing in ns,Λ cir
ges ¼ Λges 0ð Þ,Λ rad

ges ¼ Λges π=2ð Þ, λcir¼ λ(0), λrad¼ λ(π/2),
and n s

cir; n s
rad

� �
are the circumferential and radial direction vectors, respectively,

cast in βs (Table 2). Note that the model does not require any assumptions to be made
about the nature of Fges (e.g. negligible shear). The formulation of the MSSCM
allows for the convenient decomposition of the contributions by collagen and elastin
phases, which can offer insights into the functional roles of each fibre type by
highlighting the stress/stretch regimes over which each constituent is dominant
(Fig. 3b).

2.4 Parameter Estimation

The final MSSCM formulation has nine parameters: the elastin moduli in the
circumferential and radial directions η cir

e ; η rad
e

� �
, the collagen modulus (ηc), the

recruitment function parameters μ0D; σ
0
D; λ

0
lb; λ

0
ub

� �
, and the collagen ODF parameters

μ0Γ; σ0Γ
� �

. These parameters were estimated in the following order either by assump-
tion or via non-linear least squares optimization using a differential evolution
algorithm with a seed range of [ξ/1.1, 1.1ξ] for any parameter initial guess ξ [21]
(Fig. 1). Note that mass fractions of collagen and elastin were not included in the set
of estimated parameters, and were instead prescribed from previous biochemical
assay results [5, 14]. Mass fraction data were reanalysed to identify potential time-
dependent trends, and appropriate values for ϕc and ϕe were assigned to each
specimen accordingly.

Fig. 3 (a) Effective equibiaxial mechanical response of the MV leaflet at each pregnancy stage
(adapted from [12]). Tension is plotted against the ratio between the current and stress-free
specimen areas. The leaflet apparently stiffens in EP, but recovers its original behaviour by
LP. (b) Representative fit of the MSSCM to biaxial mechanical data for a MV leaflet specimen,
illustrating the individual contributions of collagen (red) and elastin (green). The left curve
corresponds to the circumferential response, while the right curve corresponds to the radial
response. Model fits achieved R2 ¼ 0.940 on average
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2.4.1 Elastin and Collagen Moduli

As done previously [16], elastin moduli values were estimated first, under the
approximation that elastin fibres are solely responsible for the mechanical response
of the leaflet under low stress (Fig. 3b). In this step, the MSSCM was reduced to just
its elastin terms and was then fit to only the “toe region” points of the response
curves for all specimens. We hypothesized that all remodelling could be attributed to
structural changes in the collagen phase after accounting for changes in mass
fractions and leaflet dimensions, without any need for the inherent material proper-
ties of the fibre networks (i.e. the moduli) to change.

Next, we noted that for collagen ensembles in the MV, full recruitment does not
occur until stress in the ensemble direction exceeds 1.5 MPa [16]. Because the
mechanical data used in the present study only spanned a physiological stress range
(less than 100 kPa), we were unable to determine the collagen modulus ηc directly.
Instead, we chose to approximate ηc as the average value found by Zhang et al. [16]
for the porcine MV anterior leaflet, under the assumption that type I collagen
stiffness is well conserved across species. The collagen modulus was thus fixed at
ηc ¼ 160 MPa for all specimens (Fig. 1). Based on our previous biochemical and
thermochemical results, which suggested that collagen synthesized during preg-
nancy undergoes rapid cross-linking and maturation [5, 13], we also assumed that
the same collagen modulus could be applied to all groups.

2.4.2 ODF and Recruitment Parameters

Due to covariance both among the recruitment function parameters as well as
between the recruitment function and ODF parameters, even a search-based optimi-
zation algorithm can often fail unless data from numerous loading protocols (with
varying applied stress ratios) are collected [22]. This issue can be largely remedied,
however, by fixing a subset of the parameters to known values. We chose to
approximate the standard deviation of the recruitment function, as it has been
shown to be consistently close to σ0D ¼ 0:015with little variation between specimens
[16]. Further, based on previous results showing that slack stretch distributions in
heart valve leaflets are very negatively skewed, we assumed that μ0D � 1 � σ0D and
thus were able to eliminate an additional parameter by setting the recruitment lower
bound λ0lb ¼ 1, without significantly changing the shape of the recruitment function
(Fig. 1). Note that fixing σ0D and λ0lb does not lock the effective width of the
recruitment function, as λ0ub also greatly affects the shape of D

0. Specifically, a linear
mapping of μ0D and σ0D onto [0, 1] shows that the beta distribution Beta(α, β), from
which D0 is defined, has the mean
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μΒ ¼ μ0D � λ0lb
λ0ub � λ0lb

ð4Þ

and the standard deviation

σΒ ¼ σ0D
λ0ub � λ0lb

ð5Þ

that both depend on λ0ub. Moreover, the shape parameters α and β are given by

α ¼ �μΒ σ2Β þ μ2Β � μΒ
� �

σ2Β
and

β ¼ μΒ � 1ð Þ σ2Β þ μ2Β � μΒ
� �
σ2Β

ð6Þ

and thus, by extension, also depend on λ0ub.
Upon fixing σ0D and λ0lb, we had only four remaining parameters

μ0Γ; σ0Γ; μ0D; λ0ub
� �

, which we simultaneously optimized in the final stage of
parameter estimation (Fig. 1). The algorithm was executed several times, using
different initial guesses for each parameter that were arbitrarily above or below
any feasible value. By confirming that the same optimal solution was obtained every
time for each specimen, we demonstrated that the optimization was insensitive to
seeding when limited to these four parameters.

2.5 Interpretation of Parameter Values

All structural parameter values obtained from fitting the MSSCM to P data were
defined with respect to an estimated pre-pregnant reference configuration β0 (Sect.
2.2; Table 3). In order to draw insights into the relevant changes in collagen structure
and to allow for a more physiologically meaningful interpretation of the results, all
structural parameters for P specimens were recast into their natural (i.e. post-
excision) configuration βs, which corresponds more closely to the functional state
of the valve. We obtained the “preferred fibre angle” μ s

Γ and “fibre splay” σ
s
Γ directly

from the corresponding ODF Γs. Due to the angular dependence of Ds, we chose to
consider μ s

D and λ sub only for an ensemble oriented in the preferred fibre direction,
when θs ¼ μ s

Γ. To arrive at the transformed recruitment parameters, we normalized
μ0D and λ0ub by the gestational length change along the preferred fibre direction:
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μ s
D ¼ μ0D

Λges μ0Γð Þ and λ sub ¼
λ0ub

Λges μ0Γð Þ ð7Þ

All structural parameter results for P specimens presented below are therefore
expressed with respect to the βs configuration of each leaflet, and can be interpreted
as being closely related to the physiological state of the leaflet at their corresponding
gestation time s.

Because the LV remodels substantially during pregnancy [9–11], changes in the
fibre architecture of the MV would occur even in the absence of growth and
remodelling in the leaflet itself, since annular dilatation and PM displacement change
the geometry of the MV. It is thus crucial to determine the extent to which the
structural changes seen in the leaflet are consistent with changes in the leaflet’s bulk
surface dimensions. To determine how large of an effect growth and remodelling had
on the MV fibre architecture, we calculated how each structural parameter would
have evolved throughout pregnancy in the absence of growth and remodelling. This
was accomplished by applying Eq. (2) to the average NP ODF and Eq. (7) to the
average NP recruitment parameters for all s, which is equivalent to applying a stretch
that corresponds to the observed dimensional changes.

2.6 MVIC Geometry

To investigate whether structural changes in the ECM coincided with observable
changes at the cellular level, we quantified MVIC geometry throughout pregnancy,
using the nuclear aspect ratio (NAR) as a metric of overall cell shape (Fig. 1). First,
we obtained histological sections showing the circumferential-transmural plane from
3 NP and 6 P leaflets of varying gestation time. Each section was stained with
haematoxylin and eosin (H&E), which provided a sharp contrast between nuclei
(coloured dark blue) and the surrounding collagen fibres (coloured pale pink). The
middle of the fibrosa layer of each section was then imaged using bright-field
microscopy at �40 magnification. To determine the average NAR for each section,
a custom-written MATLAB (MathWorks, Inc.) script was used to automatically
detect and fit ellipses to 10 nuclei in each image. The NAR of each MVIC was then
calculated as the ratio between the major and minor radii of the corresponding
ellipse.

While we used our histological data to quantify the stress-free geometry of
MVICs throughout pregnancy, we relied on finite element (FE) simulations to
estimate how MVIC NAR changed over the cardiac cycle for different pregnancy
stages. In order to estimate changes in MVIC deformation throughout pregnancy, we
performed FE simulations using Abaqus (Dassault Systèmes Simulia Corp.) for a
representative volume element (RVE) of valve leaflet tissue under biaxial tension,
following established procedures [17]. Briefly, 10 MVICs were embedded in a
100 � 100 μm2 ECM region as Saint Venant-Kirchhoff ellipsoidal inclusions of
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~5-kPa stiffness, with an initial NAR equal to the average found for NP specimens
(Fig. 10c, inset). The number of cells used matched the MVIC population density
previously found by Pierlot et al. [5] (Table 1). Mechanical properties of non-MVIC
elements were prescribed using the MSSCM parameter estimates (Sect. 2.4). To
simulate the effects of pregnancy-induced dimensional changes at EP, we applied
the corresponding pre-stretch to the RVE model and performed the same FE
simulation using EP mechanical properties. No separate simulation for LP was
performed since the behaviour of LP leaflets is known to be almost identical to
NP [12].

3 Results

3.1 Leaflet Dimensions

Linear trendlines were sufficient to describe the continual changes in leaflet surface
dimensions over the course of pregnancy. The circumferential and radial lengths of
the excised MV anterior leaflets were found to correlate significantly with gestation
time (Fig. 4), with R2 values of 0.510 and 0.226, respectively, and p < 0.01 for both
cases. Normalizing each dimension by its NP value revealed that relative expansion
occurs primarily in the circumferential direction, with the circumferential rate of
change doubling its radial counterpart. By 250 days (close to term), circumferential
and radial length ratios were found to be 1.4 and 1.2, respectively (Fig. 5a). The
observed leaflet dimensions are consistent with several organ-level dimensions
previously measured in humans [10], which also increased linearly throughout
pregnancy (Fig. 5b). No correlation was found for leaflet thickness, which remained
relatively constant throughout pregnancy at 1.183 � 0.046 mm.

Fig. 4 (a) Circumferential and (b) radial length plotted versus gestation time, with NP data
displayed as mean�standard error at s ¼ 0. Linear trend lines were fit to all the data, showing a
continuous time-dependent correlation for each dimension (data from [14], with sample sizes of
nNP ¼ 10 and nP ¼ 15)
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3.2 Collagen and Elastin Fractions

An analysis of mass fraction data from Pierlot et al. [5, 14] showed no correlation
between ϕc and s (R

2 ¼ 0.098, p¼ 0.073), but revealed a significant time-dependent
linear trend in ϕe(s) (Fig. 6), with R

2¼ 0.687 and p < 0.001. During model fitting, ϕc

was thus assigned groupwise as 0.567 for all NP specimens and 0.660 for all P
specimens (Table 1), while ϕe was prescribed using the regression curve value
corresponding to each specimen’s gestation time.

Fig. 5 (a) Circumferential and radial length ratios (relative to their NP values) over the course of
pregnancy. Enlargement occurs primarily in the circumferential direction, at roughly double the rate
of that in the radial direction. (b) Similar monotonically increasing dimensional changes that occur
at the organ level (data from [10])

Fig. 6 Elastin fraction
versus gestation time,
showing a significant time-
dependent linear decrease
(data from [5], with sample
sizes of nNP ¼ 5 and nP ¼ 8)
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3.3 Elastin Moduli

The average effective moduli for circumferential and radial elastin were found to
be approximately η cir

e ¼ 76:6� 5:7 kPa and η rad
e ¼ 33:1� 3:4 kPa, respectively,

with no time-dependent trends found (R2 ¼ 0.027 and p ¼ 0.278 for η cir
e ; R2

¼ 0.155 and p ¼ 0.073 for η rad
e ). When grouped according to pregnancy status, t-

tests revealed no significant differences between the mean values of the same
modulus in NP and P ( p ¼ 0.165 and p ¼ 0.169 for η cir

e and η rad
e , respectively).

Additional t-tests comparing the moduli in the two directions indicated that the
mean η cir

e is significantly greater than that of η rad
e ( p < 0.001 for both NP and P

specimens). Note that this result does not imply that the stiffness of the underlying
elastin differs between the two axial directions. The discrepancy in the
effective elastin moduli should be interpreted instead as an approximation of the
relative amounts of circumferential and radial elastin in the leaflet, since
this cannot be captured through direct mass measurements. Specifically, η cir

e
correlates with the volume of circumferentially oriented elastin in the ventricularis
layer, while η rad

e correlates with the volume of radially oriented elastin in the atrialis
layer.

3.4 Collagen Fibre Architecture

No significant time-dependent trend was found for the preferred fibre angle μ s
Γ, nor

did we find any differences between NP and P groups ( p ¼ 0.295). The preferred
fibre angle in NP leaflets was 0.07 � 1.74

�
, while in P leaflets it was 0.82 � 4.13

�
.

This suggests that the true average fibre angle remains close to μ s
Γ � 0∘ throughout

pregnancy, consistent with the negligible growth-induced shearing. In contrast, the
fibre splay σ s

Γ was found to correlate significantly with gestation time, with R2

¼ 0.348 and p ¼ 0.036 (Fig. 7a). We observed that the fibre distribution narrows
slightly in EP, while in middle and late pregnancy the splay continuously increased
to values greater than 20

�
, resulting in a broader ODF (Fig. 7b).

The mean stretch value at which collagen fibres were recruited (i.e. transitioned
from a crimped state to a fully straightened state) was found to correlate with
gestation time, with R2 ¼ 0.572 and p ¼ 0.006 (Fig. 8a). The recruitment upper
bound was consistently between one and two standard deviations away from the
mean, indicating that the effective width of the recruitment function remains rela-
tively constant throughout pregnancy (Fig. 8b and Table 4). The overall behaviour of
the recruitment function during gestation paralleled that of the leaflet’s effective
mechanical response (Figs. 3a and 8b).
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3.5 Structural Effects of Growth and Remodelling

To determine the extent to which growth and remodelling activities change the fibre
structure of the leaflet compared to strictly passive processes (e.g. permanent set), we
compared the actual fibre splay and recruitment stretch results to a prediction of
those same parameters based solely on the observed dimensional changes of the
leaflet (Fig. 9). We found that in both cases, results for EP specimens were largely
consistent with a growth- and remodelling-free permanent set, but results for later
stages of pregnancy differed substantially from the growth- and remodelling-free
prediction. Specifically, while primarily circumferential enlargement would predict a

Fig. 8 (a) Mean recruitment stretch for both NP and P specimens, showing a sharp drop in EP
followed by a gradual recovery to the pre-pregnant value. (b) Collagen recruitment functions
representative of NP, EP, and LP. While the distribution of slack stretches is drastically shifted in
EP, its normal shape and location are essentially recovered by 250 days (close to term). In addition,
the width of the recruitment function stays relatively constant throughout. Parameters used to
construct the plotted distributions are listed in Table 4

Fig. 7 (a) Collagen fibre splay plotted versus gestation time, showing a statistically significant
time-dependent trend. (b) ODFs representative of NP, EP, and LP. While collagen alignment
increases initially, fibres are more uniformly oriented in LP
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continual decrease in fibre splay, the actual P data show that fibre splay increases
during middle and late pregnancy (Fig. 9a). Similarly, continual enlargement in the
absence of growth and remodelling would cause a monotonic decrease in recruit-
ment stretch, although the data show a clear recovery towards the NP value by
250 days (Fig. 9b). Linear regressions to the difference between the P data and their
predicted values were statistically significant for both fibre splay and recruitment
stretch ( p ¼ 0.033 and p < 0.001, respectively). Interestingly, the gestation time at
which the permanent set predictions and the P data regressions intersected was close
to s � 80 days for both parameters, suggesting that growth and remodelling effects
only become prominent around this time.

3.6 Quantitative MVIC Geometry

Differences in the shape of MVICs were observable in the H&E-stained histological
images (Fig. 10a). While NP and LP tissues looked morphologically similar with
regard to both fibre and cellular geometry, EP leaflets exhibited MVICs that were
noticeably pre-stretched and possibly compressed in the transmural direction by the
surrounding collagen. In addition, fibres in EP qualitatively appeared less crimped.

Table 4 Representative recruitment parameters

Parameter NP EP (s ¼ 80 days) LP (s ¼ 250 days)

μ s
D 1.462 � 0.033 1.299 � 0.027 1.435 � 0.030

λ sub 1.489 � 0.034 1.324 � 0.030 1.458 � 0.043

Fig. 9 Trend lines for (a) fibre splay and (b) mean recruitment stretch results, plotted together with
how each parameter would have evolved in the absence of growth and remodelling. While the bulk
dimensional changes in the leaflet alone would cause a continual decrease in both parameters, the
actual values diverge from that trend after, demonstrating the magnitude of growth and remodelling
effects and the significant role of growth and remodelling in the recovery of normal physiological
function
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NAR quantification revealed a biphasic trend that mirrors that of the mean
recruitment stretch, suggesting that these two metrics are tightly coupled
(Fig. 10b). Our results indicated that NAR increases by about 30% in the first
100 days, but then recovers gradually to within its NP range by 200–250 days (R2

¼ 0.563, p ¼ 0.043).
Similar to our direct imaging results, our FE simulations of a MV leaflet RVE

likewise showed that EP MVICs experience higher NARs than NP or LP MVICs
under any loading, though the difference is most pronounced at zero tension
(Fig. 10c). Specifically, we predicted that EP MVICs experience an increase in
NAR greater than 20% when the tissue is unloaded, compared to an increase of
less than 10% when the tissue is fully loaded at 150 N/m. This suggested that
alterations in leaflet geometry and loading in vivo primarily cause a deviation
from homeostatic MVIC geometry during diastole. Under higher loading, when

Fig. 10 (a) Representative histological images of the circumferential (C)-transmural (T) plane for
leaflets in NP, EP, and LP. While fibre architecture and MVIC geometry in NP and LP are relatively
similar, collagen in EP is less crimped and MVICs are noticeably deformed, possibly triggering
growth and remodelling. (b) Measured NAR for both NP and P specimens, showing a sharp rise in
EP followed by a gradual recovery to the pre-pregnant value. Average NAR for NP leaflets is shown
as the mean and standard error of 30 total VICs (10 from each specimen). Each P sample is shown as
the mean and standard error of 10 VICs. (c) FE simulation results for a population of 10 MVICs in a
NP/LP microenvironment, compared to an EP microenvironment. MVICs in EP are predicted to
experience higher NARs at all tension levels, but particularly at zero tension (diastole, in vivo). (c,
inset) A visualization of the FE mesh used, showing MVICs (blue) as ellipsoidal inclusions in the
ECM (pink)
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the ECM is much stiffer due to earlier collagen recruitment, MVICs do not bear a
significant portion of the total stress and thus experience a milder deviation from
their normal systolic geometry.

4 Discussion

4.1 General Overview

This study, and its antecedents [5, 12–14], represents the first detailed attempt at
gaining insight into the complex growth and remodelling processes that occur in
non-pathological valvular tissues. In the present study, we have shown evidence for
the substantial growth and remodelling that can result in structural and biochemical
changes and dramatically alter the morphology of the valve’s leaflet tissue. Specif-
ically, collagen fibre alignment, collagen fibre crimp, layer thicknesses, and constit-
uent fractions all change significantly as a result of pregnancy. Our results indicated
that growth and remodelling processes in the MV lead to significant structural
changes in the collagen phase of the leaflet tissue, both at the tissue and unidirec-
tional fibre ensemble levels. Specifically, we have shown that as pregnancy
advances, growth and remodelling alter the orientation distribution of the collagen
network as well as the amount of crimp held by the collagen fibres (Figs. 7 and 8).
Perhaps the most novel aspect of this study was the observation that these tissue
architectural adjustments appear to restore the normal physiological pre-pregnant
geometry of MVICs.

A key feature of our methodology was that by quantifying the continually
changing dimensions of the leaflet with respect to gestation time, we were able to
compensate for the effects of permanent set versus true growth. Moreover, we
expressed structural parameters with respect to a single pre-pregnant reference
configuration. This approach was vital to establishing correspondence between the
mechanical data of NP valves and that of P valves from a wide array of gestational
time points. In doing this, we were able to conclude that although the apparent
stiffness of the leaflet changes dramatically during pregnancy [12], the underlying
collagen and elastin fibre-level properties are not likely to change appreciably during
the remodelling process. Instead, our results demonstrated that changes in the
apparent leaflet stiffness can be attributed to a continual change in the natural
in vivo configurations of the tissue, as a consequence of permanent set, collagen
turnover, mass accretion, and elastin degradation. These mechanisms gradually
cause the homeostatic mechanical behaviour and interstitial cellular geometry of
the MV to be recovered, even in the presence of increasing overload.

At the fibre ensemble level, we hypothesize that collagen crimp is gradually
restored at least in part due to the serial addition of fibrillar material into existing
fibres (Fig. 11). Our past results suggesting that collagen crimp period increases
monotonically in pregnancy [5, 13] imply that the overall collagen crimp would need
to be restored via an increase in amplitude, a question which should be addressed in a
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future study. To bring about the significant widening we observed in the ODF
(Fig. 7), we further speculate that new fibres must also be deposited along ensemble
directions oriented at larger angles from the circumferential axis. While we do not
have exact information on the changes in MV shape during pregnancy, it is likely
that in vivo changes in loading make the deposition of more radially oriented fibres
adaptive for restoring normal valve function during gestation.

Our model parameters agreed well with the direct structural measurements from
Pierlot et al. [13], with both studies finding a decrease in collagen fibre alignment
(increase in splay) and an overall decrease in collagen crimp during pregnancy. In
addition, our results regarding collagen fibre recruitment showed biphasic changes in
mean recruitment stretch and thus the location of the recruitment function overall,
which parallels the changes in mechanical behaviour reported by Wells et al. [12]
(Fig. 3a). Viewing these results in their entirety, we are confident that through the
framework of our constitutive model, we have successfully unified the mechanical
and structural results of these previous two studies.

Interestingly, although the MV leaflet was able to regain much of its normal
mechanical behaviour by the end of pregnancy, growth and remodelling do not
appear to restore the MV ECM back to its pre-pregnant state. While our results show
that the leaflet virtually recovers its original properties at the ensemble and cellular
scales, the same cannot be said for the entire tissue, since the collagen fibre
population is significantly less aligned in LP compared to NP (Fig. 7) and the
collagen fraction is elevated in LP [13]. These results suggested that the tissue is
limited in its ability to reverse the structural changes brought on by altered loading
conditions. Alternatively, it is possible that there are multiple tissue states that
provide the same essential interstitial cell microenvironment and tensile behaviour
under normal stress levels, and that heart valves may not distinguish between these
when remodelling. Moreover, while there is some evidence indicating that the
effects of pregnancy on the LV are reversed after birth [11], the extent to which
valvular tissues in general return to their pre-pregnant state post-partum is unclear,
and should be the subject of a future study.

Fig. 11 Schematic of a possible mechanism for valvular growth via the serial addition of collag-
enous fibrillar material as well as the deposition of new collagen fibres. As existing fibres elongate,
their crimp amplitude and slack are gradually restored, relieving MVIC compression and restoring
normal homeostatic function

200 B. V. Rego et al.



4.2 Delayed Restoration of Homeostasis

Our results suggested that much of the growth and remodelling in the MV leaflet do
not begin immediately after the onset of pregnancy, although the exact reasons for
this delay are unknown. This contrasts with pregnancy-induced LV remodelling,
which has been shown to be significant just 1 month after conception [10]. In our
results of fibre splay and recruitment stretch, it is apparent that the trend lines for the
actual results begin deviating from that which is predicted by the bulk dimensional
changes at a gestation time of about 80 days (Fig. 9). In other words, it seems that the
valve is content to obey a trend of mostly passive leaflet enlargement until these
parameters reach a critically low level, at which point growth and remodelling are
triggered and sustained through middle and late pregnancy.

Taking the case of recruitment stretch specifically, the onset of remodelling at the
ensemble level can be associated with a significant difference in the in vivo stretch
range that the fibres experience as pregnancy advances. Continual leaflet enlarge-
ment leads to increasingly large pre-stretch in all directions, which causes collagen
fibres to experience significantly higher stretches compared to pre-pregnancy, espe-
cially in diastole as the corresponding ensemble mechanical response curve is
robbed of its toe region. The way by which this process triggers growth and
remodelling must be closely tied to the deformation of MVICs. It has been shown
that collagen synthesis as well as the ratio between matrix metalloproteinases
(MMPs) and their tissue inhibitors (TIMPs) is dependent on interstitial cell defor-
mation [23, 24, 33]. These compounds altogether determine the presence and
degradation of collagen in the ECM. Because each MVIC is tightly embedded in
the collagen network, its deformation will correlate strongly with the stretch of the
fibres surrounding it. Indeed, our cell geometry and FE simulation results clearly
showed that the cellular and fibre ensemble scales are tightly coupled, with loss of
crimp being associated with a substantial increase in MVIC NAR (Figs. 8 and 10).
As collagen fibre crimp is lost in EP, MVICs become compressed by surrounding
fibre bundles and thus experience increasingly non-homeostatic deformations, caus-
ing them to initiate growth and remodelling pathways (Fig. 11). One possible
mechanism that would explain the gradual increase in recruitment stretch after EP
is the serial addition of fibrillar material within existing collagen fibre bundles,
which would increase crimp amplitude and therefore fibre slack. As the insertion
of new fibrils causes the fibres to become longer and more undulated, recruitment
stretch would steadily increase and normal MVIC geometry would be restored. In
direct correlation with local collagen fibre density, it has been shown that MVIC
deformation varies across the different tissue layers of the MV leaflet [17, 33]. It is
therefore not surprising that MV growth and remodelling is also layer-specific, as
demonstrated by the non-uniform changes in layer thicknesses seen in
pregnancy [13].

Mechanisms of load-induced stabilization and destabilization of collagen fibres
may play an important role in growth and remodelling as well. Several types of
collagen are thought to be protected from enzymatic breakdown under low and
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moderate forces, but are made vulnerable to degradation by higher forces, as large
deformations expose sites of protease binding [25–27]. In a collagen network under
high pre-stretch (e.g. in EP), it follows that those fibres with the smallest slack stretch
(which bear more load and experience higher deformation) are most vulnerable to
binding by MMPs and will thus be preferentially degraded. Alongside the deposition
of new fibrillar material, this phenomenon would cause the distribution of slack
stretches to shift location while maintaining a relatively constant width, which is
consistent with our findings (Fig. 8b). In order for net growth to occur, the synthesis
of new collagen fibres, mediated by MVIC deformation, must increase sufficiently to
outpace degradation. It is therefore likely that both synthesis and degradation
increase significantly in pregnancy, similarly to what is seen following tendon
overloading in exercise [28–31]. Because fibres are always deposited with respect
to a valve’s current state, any new fibres will be less pre-stretched and more crimped
than the existing population of fibres, thus helping to shift the recruitment function to
the right and closer to its pre-pregnant location (Fig. 8b). This chain of growth and
remodelling processes, including serial fibril addition, has the potential to explain all
the recruitment results reported in the present study and may be a plausible hypoth-
esis for the mechanism by which the MV recovers its normal physiological function
during middle and late pregnancy. Future studies should seek to investigate this
question using innovative methods that combine microstructural and biochemical
measurements related to collagen synthesis and degradation.

4.3 Generalization and Special Considerations

Valvular remodelling due to overload (in pregnancy or otherwise) is fundamentally a
result of alterations in the boundary conditions to which the valve leaflets are
subjected over the cardiac cycle. In the case of the MV, these alterations come
primarily in the form of annular dilatation and expansion of the LV cavity, which
causes displacement of the PMs [9–11]. As the LV continues to grow and remodel,
these changes in boundary conditions become more pronounced and place an
increasingly large pre-stretch on the MV leaflets, which eventually triggers growth
and remodelling in the valve. Our study suggests that in pregnancy, valvular growth
and remodelling becomes significant after about 3 months. Moreover, we have found
that by 250 days (close to term), homeostatic MVIC geometry and the pre-pregnant
mechanical behaviour of the valve are fully recovered.

It is important to note that pregnancy is a special non-pathological case of volume
overload and is unique in several ways. Unlike pathological volume overload
brought on by anaemia or valvular regurgitation, pregnancy is a condition in
which the ventricles and heart valves remain functional but require remodelling
nonetheless due to increased cardiovascular demand. Moreover, pregnancy-induced
remodelling is a response to a gradual and continuous onset of volume overload, in
contrast with the sporadic stimulus of exercise or certain disease conditions
(e.g. infarction). These features make pregnancy a particularly convenient model
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for studying how heart valves adapt to conditions of increased stretch, since many
different magnitudes of overload can be investigated without any influence from
disease-specific third variables. In addition to uncovering some of the higher-level
mechanisms that drive valvular growth and remodelling, our pregnancy studies
provide a first approximation of the rate at which growth and remodelling occurs
in response to an increased-stretch condition. This time-course information can
potentially be used to inform future studies of valvular growth and remodelling in
response to other overload-inducing conditions, such as myocardial infarction
[32, 34, 35].

4.4 Limitations

The quantitative accuracy of our results may have been affected by multiple factors.
First, the mass fractions of collagen and elastin were prescribed in an average sense,
since the mechanical and mass fraction data were taken from different studies and
therefore came from different groups of animals [5, 12–14]. Because the mass
fraction data had relatively high variance, this assumption may have introduced
errors in the parameter estimates, since the ODF and recruitment parameters would
need to compensate for mass fractions that were too high or too low. Future studies
would benefit from controlling individual variations in constituent fractions by
performing mass quantification assays on each specimen from which mechanical
data are collected. Second, the ODF and recruitment function for each specimen
were each modelled using a single beta distribution. While this likely provides
reasonable approximations of the overall distribution shapes, we acknowledge that
a combination of multiple distributions could more precisely describe the orientation
and recruitment functions, since newly synthesized fibres are deposited in a different
material state and thus belong to a distinct statistical population. Despite these
sources of error, we believe the trends of growth and remodelling elucidated in the
present study are accurate. A further limitation of the present study that could impact
the generalizability of our results is the potential role of pregnancy-specific hormonal
conditions in valvular remodelling, the magnitude of which is currently unknown.

4.5 Conclusions

There is a need to develop a mechanistic model of growth and remodelling in heart
valve leaflet tissues, as well as a more faithful description of both organ- and tissue-
level MV behavior [34, 36]. In the present study, a cellular and tissue-level model-
ling approach was developed to deduce changes in MV leaflets subjected to
pregnancy-induced volume overload, which alters valvular loading and boundary
conditions. Collectively, our novel results suggest that valvular growth and
remodelling can be understood as a process through which cells seek to restore a
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normal deformation pattern and thus tissue-level homeostasis. These findings point
towards models that incorporate data from both mechanical and biochemical studies
to draw a more detailed and biologically informed connection between MVIC
deformation and growth and remodelling phenomena [35]. The goal of these future
studies should be to quantitatively predict the way in which the valve will return to
homeostasis after an imposed alteration in leaflet loading in pathological and
surgical repair conditions.
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Molecular and Cellular Developments
in Heart Valve Development and Disease

Lindsey J. Anstine, Anthony S. Baker, and Joy Lincoln

Abstract The prevalence of heart valve disease is estimated at 2.5% and this
number is likely to increase with the steady rise in life expectancy and associated
degenerative pathology. Affected individuals suffer significant morbidity and mor-
tality, and surgical intervention remains the only effective treatment. Disease of the
valves can be congenital associated with structural malformations present at birth as
a result of disturbances during embryonic valve development. Alternatively, pheno-
types can be acquired later in life following sustained exposure to environmental risk
factors including high cholesterol, tobacco-use, hypertension and aging, although
there is increasing evidence to suggest that embryonic origins may also play a role.
The mechanisms underlying heart valve disease in the human population are largely
unknown and this has hindered the development of alternative, more cost-effective
therapies. Formation of the valve in the developing embryo is complex and requires
the temporal convergence of many signaling pathways in specific cell types. Once
the valve structure is established after birth, it must be maintained by additional
regulatory networks, many of which are also involved in valvulogenesis. Here, we
will highlight the hierarchical pathways known to be essential for establishing and
maintaining valve structure–function relationships and discuss how aberrations in
their regulation can promote the onset and progression of valve disease. Further-
more, we will focus on how basic science discoveries and tools can provide critical
insights into the development of mechanistic-based therapies beyond surgical repair
and replacement.
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1 Introduction

Heart valve disease affects approximately 2.5% of the population in the USA and
continues to be a public health burden. With the steady rise in life expectancy,
population statistics worldwide project a significant increase in prevalence, and
therefore morbidity and mortality [1]. At present, there are no effective treatments
other than interventional surgery, and procedures to repair or replace diseased valves
are the second most common indication for cardiac surgery in the USA. Unfortu-
nately these procedures are often temporary due to inappropriate replacements that
fail to grow, remodel, repair, or withstand lifelong mechanical demands in vivo, and
therefore alternative approaches are required.

The function of mature heart valves is to regulate unidirectional blood flow
through the heart during the cardiac cycle, and in order to do this, valve structure–
function relationships must be established during embryonic and postnatal develop-
ment and maintained in adult life. Congenital malformations present at birth or
acquired disease later in life is detrimental to valve structure which in turn attenuates
biomechanical properties of the valves preventing them to fully open or close
causing obstructive or regurgitant blood flow, respectively. Here, we will review
the cellular and molecular mechanisms underlying heart valve disease and discuss
the biomechanical influence on disease progression with the goal of identifying
potential targets in the development of alternative therapies beyond surgical
intervention.

2 Structure-Function Relationships of Mature Heart Valves

Heart valves are dynamic structures designed to open and close over 100,000 times a
day to maintain unidirectional blood flow through the heart during the cardiac cycle.
In healthy individuals this is largely achieved by structure–function relations
between the cellular and extracellular components of the mature valve and the
hemodynamic environment. There are two sets of cardiac valves: the atrioventricular
(AV) valves including the mitral and tricuspid that separate the atria from the
ventricles on the left and right sides, respectively, and the aortic and pulmonic
semilunar valves that separate the ventricles from the great arteries. Although the
function of the valve sets is similar, they are anatomically different. The mitral and
tricuspid valves are composed of two and three leaflets, respectively, supported by
external fibrous chordae tendineae that attach the underside of the leaflets to
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papillary muscles within the ventricles and prevent prolapse into the atria during
ventricular contraction. The semilunar valve leaflets are often referred to as cusps
and lack external chordae but internal support has been described within the aortic
roots in the form of the fibrous annulus [2]. It is the coordinated movement of these
valvular structures that maintain unidirectional blood flow during the cardiac cycle:
In diastole, the papillary muscles are relaxed and high pressure in the atrium causes
opening of the mitral (left) and tricuspid (right) valve leaflets to promote blood flow
into the respective ventricle. Once ventricular pressure increases during diastole, the
chordae “pull” the AV valve leaflets closed and maintain coaptation to prevent
eversion of the valve into the atria. As the ventricle contracts, blood exits through
the now open semilunar valves and the ventricle relaxes to begin the cycle again.
Therefore, throughout the cardiac cycle the heart valve structures are exposed to
constant changes in hemodynamic force as a result of pressure differences between
systole and diastole. To withstand this complex mechanical environment, the valve
leaflets/cusps develop and maintain an intricate and highly organized connective
tissue system that provides all the necessary biomechanical properties for efficient
function.

2.1 Extracellular Matrix

The mature heart valves are connective tissues composed of a stratified extracellular
matrix (ECM) interspersed with an interstitial cell population and surrounded by a
single layer of endothelial cells (Fig. 1) [3]. The ECM is highly organized into layers
and arranged according to blood flow. The fibrosa is located on the ventricular side
of the AV valve leaflets and atrial side of the semilunar valves, away from blood
flow. This layer is predominantly composed of bundles of collagen fibers aligned
along the circumferential direction of the leaflets [4–7]. This arrangement provides
tensile strength to the valve leaflet during opening, while transmitting forces to
promote coaptation of the leaflets in the closed position [8–10]. Adjacent to the
fibrosa is the spongiosa, with a lower abundance of collagens and high prevalence of
proteoglycans. This composition provides a more compressible matrix, allowing the
valve to geometrically “flex” and absorb high force [7, 11]. Finally, the layer
adjacent to blood flow is termed the atrialis (AV) or ventricularis (semilunar) and
largely consists of radially orientated elastin fibers that facilitate tissue movement by
extending as the valve leaflet opens and recoiling during closure [12–14]. Further
support is provided by the fibrous annulus structure at the connection between the
leaflets/cusps and the myocardium [13, 15], and the external chordae tendineae in the
AV position.
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2.2 Valve Cell Populations

The ECM architecture within the mature valve leaflets/cusps is established during
embryonic development and postnatal growth, and maintained in the adult by valve
interstitial cells (VICs). This cell population is the most abundant within the valve
and phenotypically heterogeneous in health and disease [16, 17]. In addition to the

Fig. 1 Overview of heart valve structure. The atrioventricular (mitral (A), tricuspid) and semilunar
(aortic (B), pulmonic) valves are highly organized structures composed of cellular and extracellular
components. Each valve leaflet or cusp is surrounded by a continuous, single layer of valve
endothelial cells and interspersed by valve interstitial cells. The extracellular matrix is highly
organized and largely composed of elastin fibers in the atrialis/ventricularis (dark gray), proteogly-
cans in the spongiosa (blue), and collagens (yellow) in the fibrosa, and these are arranged according
to blood flow (red arrows)
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VIC population, the valve leaflet or cusp is encapsulated by a single endothelial cell
layer that serves as a physical barrier to protect the ECM and VICs against the
constant changes in hemodynamic forces and circulatory risk factors (Fig. 1). VEC
function is likely regulated by shear stress and flow, and through mechanosensitive
mechanisms VECs transmit signaling pathways to underlying VICs to maintain
homeostasis [18, 19].

3 Heart Valve Development

3.1 Embryonic Precursor Cells

The VIC population within the mature valve leaflets largely originates from
endothelial-to-mesenchymal (EMT) in a subpopulation of the endothelial cells lining
the atrioventricular canal (AVC) and outflow tract (OFT) regions of the embryonic
heart tube. These regions are first identified by localized deposition of proteoglycans
and hyaluronan termed cardiac jelly that form swellings known as endocardial
cushions (Fig. 2). The endothelial cells overlying these cushions lose cell–cell
contact, delaminate, and transform, and resulting mesenchyme cells migrate, prolif-
erate, and invade the cardiac jelly [20, 21]. This essential process is initiated in the
chick around embryonic day (E) 3, in the mouse at E9.5, and between E31-E35 in
human development [22]. In the AVC, four endocardial cushions form: the superior,
inferior, and left and right lateral cushions, while in the OFT, two cushions form in
proximal and distal locations [23]. These cushion structures serve as physical
barriers to prevent backflow of blood through the primitive heart tube [24], in
addition to housing a population of mesenchyme cells that serve as precursors to
the mature valve structures [25, 26].

3.2 Molecular Regulators of Endocardial Cushion
Formation

The process of EMT is complex and each step is tightly regulated by a complex
network of growth factors, transcription factors and intermediate signaling mole-
cules that cross talk between multiple cell types.

3.2.1 Transforming Growth Factor (TGF) β Signaling

The Tgfβ superfamily consists of the Tgfβ and bone morphogenetic proteins
(BMPs). The canonical signaling pathways function through Tgfβ or BMP ligand
binding to a type II receptor, that recruits and phosphorylates the type I receptor
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leading to complex formation with Smad proteins that translocate to the nucleus and
function as transcription factors on target genes. Tgfβs, Bmps, and their downstream
signaling mediators are the most well characterized regulators of EMT and their
signaling is required in multiple cell lineages for the initiation and progression of
EMT. Valvular phenotypes observed in mouse models with targeted manipulation of
Tgfβ superfamily members are highlighted in Table 1.

Downstream effectors of TGFβ-mediated activation include Smad2/3 and their
expression is sufficient to induce the zinc-finger transcription factors Snai1 (Snail)
and Snai2 (Slug) [27, 28]. Both these family members are highly expressed in
endothelial cells undergoing EMT, as well as in newly transformed mesenchyme
cells within the developing cushion [29–31]. Studies in chicken and mice have
shown that Snai1 and Snai2 are essential for endocardial cushion EMT
[27, 29]. Mice deficient for Snai2 display hypocellular cushions at E9.5, although
this phenotype is compensated by E10.5 due to increased Snai1 [30]. However,

Fig. 2 Overview of key stages during heart valve development. Heart valve development begins in
the embryonic looped heart (left) with formation of endocardial cushions following endothelial-to-
mesenchymal transformation (EMT) in the atrioventricular canal (A) and outflow tract regions (B).
(C, D) As development progresses, the cushions elongate to form valve primorida, and embryonic
valve interstitial cells (square cells) mediate extensive extracellular matrix remodeling until post-
natal stages when the trilaminar structure is complete
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Snai2 cannot compensate for Snai1 deficiency and therefore Snai1�/� mice die early
during development due to defective gastrulation and mesoderm formation prior to
endocardial cushion formation [32]. Using a conditional approach, it has been shown
that similar to TGFβ mutants, mice with reduced Snai1 function in endothelial-
derived cells using the Tie2cre model (Tie2cre;Snai1 fl/+) also develop hypoplastic
cushions as a result of impaired EMT [29]. As expected, Snai1 overexpression in
avian AVC explants is sufficient to induce EMT at the level of VEC transformation
and mesenchyme cell migration and invasion [29]. In other noncardiac systems,
Snai1 is known to regulate EMT by directly repressing expression of cell adhesion
molecules including E-cadherin [33]. The downregulation of cell adhesion genes in
Tie2cre;Snai1 fl/+ mice suggests similar mechanisms in the developing heart, there-
fore attenuating the breakdown of cell–cell contacts between VECs in Snai1

Table 1 Bmp signaling in endocardial cushion development

Target gene Model Endocardial cushion phenotype References

ALK2 Tie2-cre deletion Small endocardial cushions at E10.5, remain
impaired at E14.5

[174]

ALK3 Tie2-cre deletion Absence of AV endocardial cushions at E9.5 [175]

ALK5 Tie2-cre, Gata5-
cre deletion

Hypoplastic endocardial cushions [176]

Bmp2 Nkx2.5-Cre
deletion

Impaired endocardial cushion formation at
E9.5

[175]

Bmp4 Nkx2.5-Cre
deletion

Reduced endocardial cushion growth at
E11.5. Embryonic lethal at E13.5-E18.5

[177]

Bmp5, 7 Global double
knockout

Absence of endocardial cushions. Embry-
onic lethal at E9.5-E10.5

[178]

Bmp6, 7 Global double
knockout

Underdeveloped outflow tract endocardial
cushions at E11.5. Embryonic lethal at E9.5-
E15.5

[179]

Bmp7,
reduced
Bmp4

Global knockout Hypoplastic OFT endocardial cushions [177]

Latent Tgfβ
binding pro-
tein 1

Global knockout Impaired endocardial cushion formation [180]

Noggin Global knockout
Global transgenic

Enlarged endocardial cushions
Hypoplastic endocardial cushions

[181]
[182]

Smad4 Tie2-cre deletion Disturbed endocardial cushion formation
(decreased mesenchyme cell population)

[183]

Smad6 Global knockout Hyperplastic valves [184]

Tgfβ1 Global knockout Disorganized valves. Embryonic lethal at
E9.5-E11.5

[185, 186]

Tgfβ2 Global knockout Incomplete valve formation [187, 188]

TgfβRII cTnT-cre, cGata6-
cre, Mlc2v-cre
deletion

Common AV valve [189, 190]

AV atrioventricular, E embryonic day, OFT outflow tract
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mutants. It has also shown that Snai1 directly regulates mmp15: a matrix
metalloproteinase family member important for cell motility. Therefore, in addition
to maintained VEC contacts, the hypoplastic endocardial cushion phenotype
observed in Tie2cre;Snai1 fl/+ mice may also be the result of impaired cell invasion
into the cardiac jelly [29]. This collection of studies indicate that Tgfβ signaling
pathways are important for several biological processes required for endocardial
cushion formation including EMT initiation, breakdown of cell–cell contacts, mes-
enchymal cell motility, and proliferation.

The upstream regulation of Tgfβ during EMT has not been extensively reported;
however, miR-23b and miR-199a are predicted to target Tgfβ signaling and
overexpression in chick AVC cushion explants impairs EMT [34]. In addition to
molecular regulation, shear stress has been shown to activate Tgfβ-Alk5 signaling in
endothelial cells overlying the cushion, suggesting that the hemodynamic environ-
ment also plays a role in this process [35].

In addition to targeting downstream transcription factors, Tgfβ cross talks with
other signaling pathways during endocardial cushion development including
β-catenin. Tie2-cre deletion of β-catenin in endothelial and endothelial-derived
cells inhibits Tgfβ-mediated induction of EMT in mice [36], suggesting a require-
ment of the canonical Wnt signaling in this process. Tbx20 was later shown to
regulate Lef1, a key transcriptional mediator of Wnt/β-catenin signaling, during early
stages of valve formation [37]. In zebrafish, overexpression of a secreted Wnt
inhibitor (Dickkopf1) blocks cushion formation, while truncation mutants develop
hyperplastic cushions as a result of increased cell proliferation [38]. The notion that
Wnt signaling regulates VIC proliferation is continued in the avian system where the
Wnt receptor Frzb andWnt9a promote mesenchyme cell number in the AV cushions
[21]. Consistently, expression patterns of other Wnt pathway genes including
Wnt2a, LEF1, and Fzd2 in murine mesenchyme cells of the AVC and OFT cushions
suggest conserved mechanisms across species.

3.2.2 Notch Signaling

Activation of Notch signaling requires interaction of a transmembrane receptor
(Notch1–4) to a specific ligand (Jagged (Jag-)1, 2, Delta-like (Dll) 1, 3, 4) presented
on neighboring cells. Upon receptor–ligand interaction, Notch receptors undergo
proteolytic processing and release the Notch intracellular domain (NICD). NICD is
then translocated to the nucleus where it binds the DNA-binding co-repressor RBPJ
(recombination signal-binding protein for immunoglobulin κ J region), and recruits
the coactivator MAML1 (Mastermind-like 1) to de-repress and activate transcription
of downstream target genes including HES and HEY families of transcription factors
[39] (Fig. 3). Components of the Notch signaling pathway have been implicated in
EMT and many of which are required for murine endocardial cushion formation
in vivo (Table 2).
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3.2.3 Vascular Endothelial Growth Factor (VEGF)

Vascular endothelial growth factor (VEGF) A is a potent cytokine highly expressed
by the myocardium and VECs prior to cushion formation. However, expression of
the ligand and its receptors (VEGFR) becomes restricted to the endocardium once
cushion formation has been initiated [40, 41]. Given the role that VEGF plays in
response to hypoxia in the vascular system, it has been suggested that this temporal
and spatial change in VEGF expression during EMT correlates with oxygen levels in

Fig. 3 Canonical Notch signaling between neighboring cells. Interaction of the Notch ligand
(Jagged1, (Jag1)) presented on the surface of the signal-sending cell (blue) with the Notch receptor
(Notch1) on the signal-receiving cell (green) leads to cleavage of the Notch intracellular domain
(NICD). This cleaved fragment is then relocated to the nucleus of the signal-receiving cell where it
binds with cofactors (Co-A, RBPjk, MAML) to largely relieve repression of target genes. Co-R,
co-repressor; RBPjk, Recombination Signal Sequence-Binding Protein; Co-A, coactivator;
MAML, mastermind-like; NICD, Notch intracellular domain
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the developing embryonic heart [42]. Studies in chick, mouse, and zebrafish dem-
onstrate that endocardial VEGF signaling contributes to early valvulogenesis by
promoting the VEC phenotype and proliferation, thereby maintaining a proliferative
population of endothelial cells throughout EMT and cushion maturation [41, 43–
46]. From these studies, it is apparent that VEGF levels of expression must be tightly
controlled during endocardial cushion formation: too much VEGF inhibits EMT,
while too little attenuates VEC proliferation, thereby decreasing VEC availability for
transformation [41, 45]. Interestingly, it appears that VEGF signaling is required for
complete EMT in the OFT, but has less essential roles in AVC endocardial cushion
formation [47]. This observation has been attributed to the differential mediation of
VEGF signaling through VEGFR1 in the OFT, and VEGFRII in the AVC [47]. Fur-
ther downstream, VEGF regulates the transcription factor nuclear factor of activated
T-cells cytoplasmic 1 (NFATc1) in both developing and mature VECs to promote
VEC cell proliferation [46, 48]. While Nfatc1�/� mice undergo successful endocar-
dial cushion EMT [49–51], a more recent role has recently emerged in fate decisions
of VECs during transformation stages.

3.2.4 Nuclear Factor of Activated T-Cells-1 (Nfatc1)

During a tightly regulated temporal window, VECs break cell–cell contacts, trans-
form, and migrate into the underlying cardiac jelly. However after around E13 in the
mouse when cushion formation is complete, VECs no longer transform, despite

Table 2 Notch signaling in endocardial cushion development

Target
gene Model Endocardial cushion phenotype References

Hey1,
HeyL

Global double knockout Impaired EMT in E9.5 AV canal
explant cultures

[191]

Hey2 Predicted null allele (Hey2lacz) EMT occurs, but cushion maturation is
impaired

[192]

Jag1 VE-cadherin-Cre deletion Hypoplastic endocardial cushions at
E10.5, temporarily delayed EMT

[149]

MAML Dominant negative (dn), Isl1-
cre deletion

Hypocellular OFT endocardial cushions
at E10.5

[193]

MAML Tet-inducible dn under control
of VE-cadherin promoter

Tet-treatment at E10.5; impaired EMT
at E11.5 and E12.5

[194]

NICD1 Mesp1-cre transgenic Ectopic cell masses in endocardial
cushions at E9.5

[195]

Notch1 Global knockout Impaired EMT in E9.5 AV canal
explant cultures

[196]

Notch1 VE-cadherin-Cre deletion Delayed EMT at E10.5 [149]

RBPjk Global knockout EMT is initiated but endocardial cush-
ions lack mesenchyme cells at E9.5

[196]

EMT endothelial-to-mesenchymal transformation, E embryonic day, AV atrioventricular, OFT
outflow tract, tet tetracycline, dn dominant negative
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maintained expression of many EMT-inducers. For many years it has remained a
challenge to identify the molecular cues that determine the fate of individual VECs
during this window of events: which VECs transform and which VECs remain in the
endothelium. In the heart, Nfatc1 is expressed in VECs during endocardial cushion
formation [49–51]; however, a role during early stages of valve formation has
remained elusive. A study by Wu et al. [52] identified a transcriptional enhancer
region (En) within Nfatc1 that may play an important role in regulating VEC fate
during EMT. In contrast to Nfatc1 expression in all VECs, the study used reporter
mice to reveal a small subpopulation of VECs that express the Nfatc1-En. VECs
positive for Nfatc1-En expression do not appear to undergo EMT and remain part of
the proliferative endothelial cell population surrounding the developing valve.
Further, Nfatc1 inhibits EMT in a cell-autonomous manner by suppressing tran-
scription of Snai1 and Snai2 [52]. This regulation of VECs by Nfatc1 is the first to
provide a mechanism for cell fate decisions of endothelial cells during endocardial
cushion EMT.

3.2.5 Sox9

The SRY transcription factor Sox9 is activated during initiation of EMT in the AV
canal and OFT regions [53]. Targeted deletion to generate Sox9-null embryos results
in hypoplastic endocardial cushions, and similarly deletion in the Tie2-cre lineage
leads to premature lethality around E12.5 associated with small endocardial cushions
and reduced mesenchyme cell proliferation [54]. These studies identify a critical role
for Sox9 in maturation of mesenchyme precursor cells during early valvulogenesis.

3.3 The Contribution of Non-endothelial Cell Lineages
to the Developing Heart Valve Structures

Cell fate lineage analysis using Tie2cre;ROSA26R mice showed that the majority of
mesenchymal VICs that form the endocardial cushions in the AV canal and OFT
regions are derived from endothelial cells as a result of EMT [25, 26]. However,
using additional Cre-drivers contribution from additional sources has been demon-
strated, some of which are dependent on the valve location. Lineage tracing in mice
using the Wt1/IRES/GFP-Cre model demonstrates significant contribution of
epicardial-derived cells to the parietal leaflets of the AV valves following endocar-
dial cushion formation [55]. However, using a different model (Wt1CreERT2/+;
Rosa26mTmG) induced at E10.5, the contribution of epicardial-derived cells was
scant with enriched contribution to the annulus [56]. Earlier studies using the chick-
quail chimera system further support the contribution of these cells to the AV, but
not OFT valves [57]. The Wnt1-cre transgene fate maps cells originating from the
neural crest cell lineage and studies in mice show contribution of these cells to the
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OFT endocardial cushions and aorticopulmonary septal structures [26, 58]. While
neural crest cell contribution was thought to be restricted to the OFT, later studies
reported cells in the AV cushions at E12.5 [59]. Fate mapping of the secondary heart
field lineage using the Mef2c-Cre model identified an additional cell population
contributing to endothelial cells of the outflow tract cushions [60]. These collective
studies demonstrate that the valve precursor cell pool is derived from multiple
sources, however the role of these differential cell lineages to valve development
and disease remain largely elusive.

3.4 Molecular Regulation of Embryonic Heart Valve
Remodeling

Once endocardial cushion formation is complete, the cushions undergo extensive
remodeling as development of the valve primorida is initiated (Fig. 2). In the AVC,
remodeling begins with fusion of the inferior and superior endocardial cushions that
will give rise to the septal leaflets of the mitral and tricuspid valves [25, 26]. This is
in addition to the smaller lateral cushions on the left and right side myocardial walls
that serve as precursor to the parietal, or mural leaflets. In the OFT regions, distal
cushions formed from EMT and migrating neural crest cells, separate the developing
aortic and pulmonary roots, and fused proximal cushions also give rise to
non-valvular structures. However, it is fusion and remodeling of the central parts
of the developing cushions, along with septation events that create the foundation for
developing aortic and pulmonary valve cusps [61]. Remodeling is prominent from
~E14.5 and continues into the postnatal period and characterized by condensation of
the mesenchyme cushion cells that remain proliferative at the leading edge to
promote elongation. At this time, the mesenchyme cells actively breakdown the
primitive ECM within the valve primorida and begin secreting more specialized
matrices that will later form the trilaminar structure. Beyond the endocardial cushion
stage, the nomenclature of these cells has not been well defined, and their dynamic
expression pattern and involvement in matrix remodeling suggest a role beyond
mesenchymal cell function, and therefore these cells are referred to as embryonic
VICs (eVICs) [17]. While our understanding of the remodeling process is still
developing, key regulators beyond endocardial cushion formation are summarized
in Table 3. In the adult in the absence of disease, the valve endothelium is
maintained, VICs are quiescent (qVICs) and thought to function similar to fibro-
blasts by mediating ECM turnover to maintain homeostasis and biomechanical
function of the aging leaflets (Fig. 2). However, in response to pathological stimuli
or changes in the hemodynamic environment, the valve cell populations undergo
significant phenotypic changes and mediate pathological ECM remodeling leading
to biomechanical failure.
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4 Heart Valve Disease

In the USA, heart valve disease is an increasing burden with an overall prevalence of
2.5%. In 18–44-year-olds this number is as low as 0.7% and as high as 11.7% in
individuals over the age of 75 [1, 62]. In addition to aging, heart valve disease is
associated with risk factors similar to coronary heart disease including high blood
cholesterol, high blood pressure, smoking, insulin resistance, diabetes, and obesity
which can alter the structure and biomechanical properties of the valve [63]. Affected
individuals carrying these risks usually develop valve malfunction later in life and
therefore their disease is considered acquired. Alternatively, infants can be born with
congenital valve malformations as a result of aberrations during embryonic devel-
opment, and these structural defects often accelerate dysfunction during early
postnatal stages of life. There is also emerging evidence to suggest that acquired
valve disease may be the result of embryonic defects that become manifested later in
life (reviewed [13]). Valve disease affects all sets of valves, although several
pathologies are noted more frequently in those positioned on the left side of the

Table 3 Molecular regulators of embryonic heart valve remodeling

Target
gene Model Valve remodeling phenotype References

Adam17 Tie2-cre;Adam17 fl/fl Outflow tract valve thickening at E18.5,
increased cell number

[197]

AdamTs5 AdamTs5�/� Enlarged pulmonary valves at E14.5 and
E17.5, increased cell number

[198]

Bmp2 Bmp2 treatment of HH
Stage 24 AV cushion
mesenchyme cells

Increased versican and hyaluronan
expression

[199]

Cadherin-
11

siRNA in porcine aortic
valve interstitial cells
(pAVICs)

Reduced cell migration, impaired 3D
matrix compaction

[200]

CXCR7 CXCR7�/� Semilunar valve thickening at E18.5,
increased cell proliferation from E14.5

[201]

HB-EGF HB-EGF�/�

Tie2-cre;HB-EGF fl/fl
Thickened valve primorida associated
with increased proliferation between
E14.5-E16.5

[202–204]

Scleraxis
(Scx)

Scx�/� Fragmented collagen fibers, decreased
chondroitin sulfate proteoglycans, thick-
ened valve leaflets by E17.5

[205]

Sox9 Col2a1-cre;Sox9 fl/fl Reduced type II collagen, cartilage link
protein expression in valve leaflets at
E17.5

[54]

Tbx20 Nfatc1Cre/+;Tbx20 f/� Embryonic lethal E14.5-E16.5, valve
elongation defects at E15.5

[37]

Tgfβ2 Tgfβ2�/� Hyperplastic valves, increased
hyaluronan and cartilage link protein at
E18.5

[206]

E embryonic day and OFT outflow tract
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heart. The pathogenesis of valve disease has been extensively examined at the
histological level and often characterized by disruptions to the endothelial cell
layer, “activation” of otherwise quiescent VICs, and changes in the organization
and contribution of ECM components. The cause and effect of changes in the
cellular components of the valve are not clear, however significant changes in the
ECM lead to deformations in the valve leaflets or cusps and alterations in the
biomechanical properties. This is largely detected as thickening of the valve leaflets
or cusps, and depending on the ECM pathology can lead to biomechanical weaken-
ing, or prolapsed valves whereby the leaflets are unable to coapt resulting in
regurgitation. Alternatively, valve pathology is presented as stiffened or stenotic
valves that fail to fully open. Whether the valve is regurgitant or stenotic the
secondary effects on cardiac function can be detrimental to the affected individual.

4.1 Bicuspid Aortic Valve

Bicuspid aortic valve (BAV) disease is the most common congenital malformation
with an estimated prevalence of 1–2% [64]. Unlike the healthy tricuspid aortic valve,
the biscupid valve consists of two leaflets (Fig. 4) and aortic stenosis and insuffi-
ciency are common, with over 33% of initially asymptomatic patients experiencing a
major cardiovascular event or requiring surgery over the age of 20 [65]. The BAV
exists in different morphological phenotypes: the most prevalent (71%) is type-I
morphology featuring two cusps of unequal size resulting from the fusion of the right
and left coronary cusps, while 15% feature right- and non-coronary cusp fusion and
3% present with non- and left-coronary cusp fusion [66–69]. BAV has strong genetic
contributors, as evidenced by reports of familial clustering and calculated heritability
[70]. Table 4 summarizes the causative genes linked to BAV in the human popula-
tion and associated mouse models.

The abnormal formation of two cusps of a BAV is often described as resulting
from fusion of two cusps [71]. However, the relationship of the individual valve
cusps to specific endocardial cushion progenitors in the outflow tract regions is not
known, and BAV could result from failure of primordial cusps to separate as a result
of alterations in cell migration, cell survival, and signal transduction. Longitudinal
analysis of the developmental origins of a BAV has not been reported, but the
evolving development of new animal models (Table 4) will allow for morphologic
and mechanistic studies in the embryo and after birth.

In patients with BAV, the structural defect in cusp morphology present at birth
(Fig. 4) leads to lifelong dysfunction and abnormal biomechanics, often associated
with secondary complications including CAVD. The prevalence of calcification is
increased by 20% in BAV patients and may take as little as 10–12 years for the
disease to result in severe stenosis [72, 73]. It is not clear why the bicuspid valve is so
susceptible to calcification, but studies suggest inheritance with the BAV defect,
suggesting a genetic root [74–77]. An alternative theory considers the role of
mechanical stresses in a bicuspid setting. Calcification of tricuspid aortic valves
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largely forms on the aortic surface, a region subject to low and oscillatory shear
stress, and high diastolic pressure. Studies have demonstrated that the magnitude and
nature of shear stresses experienced by the atrial (fibrosa) and ventricular
(ventricularis) aortic valve surfaces are very different at the gene expression level

Fig. 4 Structural malformations in congenital bicuspid aortic valve disease. (A, B) The normal
aortic valve consists of three cusps, and during diastole (A) and systole (B) the cusps sufficiently
coapt and fully open respectively to regulate unidirectional blood flow. In contrast, bicuspid aortic
valves consist of two cusps that results in narrowing (D) and leads to lifelong changes in valve
biomechanics, stenosis and increases the risk of calcification (shown as nodules in C, D)

Table 4 Causative genes linked to bicuspid aortic valve

Target gene Mouse model References

ACTA2 [207]

GATA5 GATA5�/�

Tie2cre;GATA5 fl/fl
[77, 208]

NOTCH1 Notch1+/� on Western diet
NOS3�/�;Notch1+/�

[76, 81, 148]

NKX2.5 Nkx2.5+/� [209, 210]

KCNJ2 [211]

MATR3 Matr3GT-ex13 [212]

FBN1 [213, 214]

MADH6 (Smad6) [215]
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[78]. For example, anti-calcification markers (osteoprotegerin, parathyroid hormone,
c-type natriuretic peptide, chordin) are enriched in endothelial cells on the
ventricularis surface in the porcine model, compared to the fibrosa [78]. Furthermore,
side- and shear-specific expression of pro-osteogenic genes related to canonical
BMP signaling was seen on the fibrosa side [79]. In BAV, there is increased
turbulence downstream of the BAV and the leaflets, in particular the VECs are
exposed to increased fluid shear stress (reviewed [80]). Given the recent role of
VECs in mediating calcification in underlying VICs [81] it is plausible that calcifi-
cation in bicuspid valves is accelerated as a result of altered biomechanics, mechano-
responsive signaling pathways in VECs, and cell–cell communications with VICs.
The deposition of calcific nodules in addition to remodeling of other ECM compo-
nents as a result of disturbed blood flow (and strain) will together contribute to
biomechanical stiffening of the valve, further limiting leaflet movement and leading
to stenosis.

4.2 Mitral Valve Prolapse

The syndrome of mitral valve prolapse or myxomatous mitral valve disease is a
common disease occurring in 0.6–2.4% of the population, thus being more common
than BAV [82]. The disease is usually diagnosed in adulthood, but is heritable and
linked to connective tissue disorders and mutations in ECM, signaling and cytoskel-
etal genes (Table 5). Thus MVP often results from a molecular abnormality present
at birth and should be considered a congenital malformation in many cases. In
addition, mitral regurgitation and leaflet remodeling occur frequently in adults
with ischemic heart disease or dilated cardiomyopathy [83–85]. It seems likely
that genetic mutations associated with congenital mitral valve defects also could
affect the severity of valvular dysfunction in adult heart disease, but this has not yet
been reported. Clinically, MVP is associated with thickened valve leaflets that
“bulge” or prolapse into the atrium, thus preventing valve closure (Fig. 5)
[86]. The valve thickening is largely due to increased deposition of collagens and
proteoglycans, causing pathological changes in valve connective tissue homeostasis
and biomechanics [6, 12, 87, 88]. Mouse models (Table 5) demonstrate that
end-stage mitral valve disease can result from developmental defects that lead to
secondary changes in ECM-related signaling pathways, further promoting patho-
genesis in the adult [89, 90].

MVP is observed in patients with Marfan syndrome, caused by mutations in
Fibrillin-1 (FBN1), a major component of ECM microfibrils associated with elastin
[91–93]. Advances in understanding valve disease pathogenesis in Marfan syndrome
patients have been made using mice harboring a cysteine substitution (C1039G) in
an epidermal growth factor-like domain in fibrillin-1 that recapitulate human disease
phenotypes [89, 94, 95]. Fbn1C1039G/+ heterozygous mice survive until adulthood
and have MVP, however Fbn1C1039G/C1039G mice die prematurely (P7-P10) from
aortic dissection [89]. The progression of heart valve pathogenesis in mouse models
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Table 5 Genes associated with mitral valve prolapse

Target gene Associated syndrome Mouse model References

Elastin (Eln) Williams syndrome *Eln+/� [98, 216]

Fibrillin-1 (Fbn1) Marfan syndrome *Fbn1C1039G/+ [89]

Dachsous cadherin-related
1 (Dchs1)

Non-syndromic mitral valve
prolapse

*Dchs1+/� [108]

Filamin-A (FlnA) X-linked myxomatous valvular
dystrophy

*Tie2cre;FlnA
fl/fl

*Nfatc1cre;
FlnA fl/fl

[107, 217,
218]

Type I Collagen (Col1) Ehlers-Danlos syndrome
Osteogenesis imperfecta

Mov13�/� [219, 220]

Type II Collagen (Col2) Sticker syndrome Col2a1�/� [221]

Type III Collagen (Col3) Ehlers-Danlos syndrome Col3a1�/� [222, 223]

Type V collagen (Col5) Ehlers-Danlos syndrome *ColVa1+/�

ColVa1�/�
[101, 224,
225]

Type XI collagen (Col11) Ehlers-Danlos syndrome
Stickler syndrome
Marshall syndrome

*ColXIa1�/� [101, 226]

Tenascin-X (TnX) Ehlers-Danlos syndrome TnX�/� [227]

TGFβR1/2 Loeys-Dietz syndrome
Marfan syndrome

Tgfβr1 (p.
Y378*)
Tgfβr2G357W/+

[228, 229]

*Indicates published heart valve phenotype

Fig. 5 Structural alterations in mitral valve prolapse disease. (A) In the normal mitral valve, the
two valve leaflets open (diastole) and close (systole) to regulate unidirectional blood flow. In mitral
valve prolapse (B), valve leaflets are often thickened due to changes in extracellular matrix
composition and distribution. As a result, leaflets “bulge” or prolapse upward or back into the
atria preventing complete closure and leading to blood regurgitation
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of MVP has been attributed to increased TGFβ signaling, leading to valve leaflet
thickening, ECM disorganization, apoptosis, and cell proliferation [89, 96–98]. Fur-
ther support for the link between aberrant TGFβ signaling and MVP is the demon-
stration that Loeys-Dietz syndrome, linked to congenital MVP, is caused by
mutations in TGFβ receptor type I [92]. Treatment with TGFβ neutralizing anti-
bodies or with the angiotensin II type 1 receptor blocker Losartan prevents the
development of Marfan-related aortic and mitral valve anomalies in mice [99, 100].

Collagen is the major component of the valve ECM, and mutations in collagen
and associated glycoprotein genes have been identified in patients with MVP [101–
103]. Human gene mutations in collagen types (col) I, II III, V, and XI and the
collagen-associated glycoprotein tenascin cause Ehlers-Danlos and Stickler syn-
dromes (reviewed in [104]). ColVa1+/� and ColXIa1�/� mutant mice recapitulate
features of Ehlers-Danlos syndrome (EDS) and display thickened valve leaflets with
altered matrix organization, including increased fibrillar collagen protein deposition
and gene expression [7]. However, premature lethality of these animals prohibits
valve functional studies in newborns or examination of degenerative valve disease in
adults [7]. Tenascin-X�/� mice also exhibit hyperextensibility of the skin, charac-
teristic of EDS, but are viable [105]. While valve dysfunction or pathogenesis has
not been reported in these animals, altered valve biomechanics and MVP might be
expected to occur based on the cardiac valve abnormalities associated with other
ECM gene mutations that cause EDS.

Increased proteoglycan accumulation is a hallmark of MVP, but mutations in
proteoglycans or associated genes have not yet been reported in this patient popu-
lation [103]. Therefore increased proteoglycan deposition in MVP pathogenesis may
be secondary to aberrant valve development and subsequent dysfunction. However,
genetic alterations in proteoglycans and their associated molecules in mice can lead
to abnormal valve leaflet morphogenesis during development and pathogenesis after
birth. Mice deficient for the versican-specific protease Adamts9 exhibit abnormal
valve morphogenesis during development and myxomatous mitral valve leaflets in
adults as a result of versican accumulation [106]. As cleaved versican and Adamts9
are both expressed during valvulogenesis, it is likely that the adult mitral valve
abnormalities observed in Adamts9+/Lacz mice originate in the developmental alter-
ations in matrix remodeling [106]. There is increasing evidence that abnormalities in
ECM proteins present at birth can lead to progressive valve dysfunction and disease,
including MVP (reviewed [104]).

In addition to the ECM components, more recent studies have identified a role for
genes associated with the cytoskeleton in MVP development. Mice with targeted
deletion of Filamin-A in endothelial-derived cells using Tie2-cre develop thickened
mitral valves by E17.5, supporting a developmental origin. Affected valves are
composed of an abnormal abundance of proteoglycans and collagens, and such
phenotypes are thought to be due to decreased serotonylation of Filamin A
[107]. Furthermore, mutations in the cell polarity gene dachsous (DCHS1) have
been identified in non-syndromic MVP, and morphological and functional mitral
valve phenotypes have been recapitulated in zebrafish and mice. The mechanisms of
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DCHS1 dysfunction in mitral valve disease are not completely understood, but
in vitro manipulation in VICs suggests a role in cell migration and patterning [108].

Together, the combinatory approaches of human genetics with the development
of animal models will increase our current understanding of the etiology and
pathogenesis of human valve disease.

4.3 Pathobiology of Valve Interstitial Cells

In contrast to healthy valves, there is a wealth of evidence to suggest that VICs are no
longer quiescent in disease but activated (aVIC) similar to myofibroblasts. Studies in
humans [109–111], large animals [112–114], and mice [98, 115–117] have demon-
strated that in disease states VICs upregulate the myofibroblast marker SMA, which
is thought to recapitulate embryonic phenotypes. However, a recent study did not
detect SMA expression in vivo in mesenchyme cells of the cushion until after E12.5
[17]. Nonetheless, SMA is highly expressed in transformed mesenchyme cells in
endocardial cushion assays in vitro [36, 118–122]. Notably, VIC activation is not
ubiquitous to all resident VICs suggesting heterogeneity among the population and
there is a diverse profile of “activated” markers that are increased in subsets of VICs
depending on disease, age, sex, and species [123]. In myxomatous mitral valves
from human patients and canine models, SMA, Periostin, Vimentin, Desmin and
Embryonic Smooth muscle myosin heavy chain (SMemb) protein levels have been
observed in subsets of VIC populations, suggestive of activation [17, 109,
112]. Many VICs express multiple activation markers, others do not express any,
while SMA (myofibroblast) and Periostin (fibroblast) are detected in diverse
populations, highlighting the dynamic and differential phenotypes in mitral valve
disease [17, 109].

Histological analysis of human calcific aortic valve disease (CAVD) also report
increased SMA in pediatric and adult patients [111], with an additional study by
Latif et al., describing aberrant Calponin, SM22, Caldesmon, and Smooth muscle
myosin heavy chain expression, reflecting a more diverse VIC population containing
myofibroblast- and smooth muscle-like lineages in this disease type [110]. In this
later study, changes in smooth muscle and myofibroblast markers were regionalized
within the trilaminar layers of the ECM and changes in protein expression were not
uniform to all aVICs, highlighting the complexity of differential VIC phenotypes in
CAVD. In addition to VIC activation, CAVD has been characterized by ectopic
expression of osteoblast markers including Runx2 in affected VIC populations. In
vitro, this “osteoVIC” [16] phenotype is thought to precede increased SMA and
activation and mediate deposition of mineralized matrix, the contributor of calcifi-
cation [124, 125]. A comparative post-SMA-positive VIC in myxomatous disease
has not been described but warrants further investigation. Worthy of mention, SMA
is not always increased in valve pathology and there are reports of unchanged or
decreased expression [126–128], suggesting that VIC activation is not always
present in disease, or SMA is not a ubiquitous marker of this “activated” phenotype.
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The role of aVICs in valve disease is not known and it remains unclear if the
changes in VIC phenotypes are cause or effect. Studies by Rabkin et al. support a
causative role in myxomatous disease as SMA-positive VICs co-express matrix
metalloproteinases (MMPs) that are thought to break down healthy ECM within
the valve, and subsequently replace it with an abundance of proteoglycans and
fragmented collagen fibers [86, 109]. However, in CAVD it is not known if
activation is required for osteoVIC “transdifferentiation” and calcification. While
VIC activation is characteristic of several different forms of valve pathology, the
mechanisms that underlie activation are not fully understood, but there is increasing
evidence from in vitro studies to suggest molecular, cellular, and biomechanical
influences. Culture of VICs on stiff substrates significantly increases SMA expres-
sion [129–133] more robustly after passage 1 [113], and Xu et al. reported decreased
SMA in confluent porcine VICs [134]. Similar to fibroblast activation, Tgfβ1 is a
potent inducer of SMA expression in cultured VICs [135–137], which is largely
mediated by canonical Smad, and noncanonical MAPK signaling [138, 139]. In
addition, increased RhoA and Rho kinase activity is sufficient to promote
myofibroblast-related phenotypic markers [140]. In contrast, FGF-2 [138], reduced
β-catenin [141], and knockdown of the actin filament stabilizer, cofilin [113] have all
been shown to prevent Tgfβ1- and substrate-induced VIC activation. Interestingly,
substrate-induced VIC activation can be reversed by transferring cells to a soft
substrate [129], or adding polyunsaturated fatty acids to the growth medium [142],
highlighting the plasticity of cultured aVICs and potential reversibility of activation.
At the cellular level, substrate-induced VIC activation is significantly attenuated
when cocultured with VECs both in the presence [143] and in the absence [144] of
physical interactions. While the dogma has been that VIC activation marked by
SMA expression is a key process in the onset of progression of heart valve pathol-
ogy, the role of aVICs in disease has not directly been tested and therefore remains
unknown. Furthermore it is considered that SMA may not only mark resident aVICs
but also represent newly transformed mesenchymal cells recently shown to be
present in disease as a result of adult EMT [121, 144, 145].

4.4 Pathobiology of Valve Endothelial Cells

Compared to VICs, much less is known about the pathobiology of VECs, although a
substantial number of studies within the last decade have given further insight into
their role in health and disease. Morphologically, diseased valves are associated with
damage to the overlying valve endothelium [146, 147]. Deterioration of the physical
barrier likely increases exposure of the underlying VICs and ECM to physical forces
evoked by the hemodynamic environment, in addition to circulating risk factors,
hence the association of VEC denudation with ECM degradation and altered cell
turnover (Han 2103). In addition to physical damage, disruptions in intrinsic and
extrinsic signaling pathways in VECs can lead to pathological changes in the VICs,
suggesting molecular communication between cell populations.
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As discussed previously, Notch signaling is imperative for embryonic valve
formation and mutations in the human population cause aortic valve defects
[76]. Activated Notch1, determined by nuclear localization of the Notch1 intracel-
lular domain (N1ICD), is enriched in the valve endothelium and haploinsufficient
mice develop aortic valve calcification [148]. Furthermore, endothelial-specific
deletion of the Notch1 ligand, Jagged 1 (Jag1), also promotes calcific aortic valve
disease during adulthood [149], suggesting that Notch1 in postnatal VECs is
required to maintain valve homeostasis and prevent calcification. The upstream
regulation of Notch1 in VECs after birth is not clear, but shear stress increases
endothelial cell signaling via Notch1 [150], and stress induced ostogenic and
inflammatory responses requires Notch1 signaling in iPSC-derived endothelial
cells [151]. In addition to biomechanics, nitric oxide (NO) signaling has also been
implicated as a regulator of Notch signaling in VECs as calcification of porcine
aortic valve interstitial cells (pAVICs) following endothelial nitric oxide depletion
can be rescued by the addition of activated Notch1 (N1ICD) [81]. Furthermore,
compound Nos3�/�;Notch1+/� mice develop aortic valve disease at a penetrance of
100% which is significantly greater than ~25–30% in Nos3�/� mice and ~10% in
Notch1+/� mice, suggesting genetic interaction of these two pathways in VECs [81].

Decreased NO signaling and increased oxidative stress have been implicated in
heart valve disease and thought to be specific to valve endothelial cells similar to the
process described in atherosclerosis. In stenotic aortic heart valves, excess produc-
tion of superoxide in VECs is spatially localized with calcific lesions in humans
[152] and hypercholesterolemic mice [153]. Increases in VEC oxidative stress are
due to decreased expression and activity of antioxidants as well as the presence of
uncoupled NO synthases [152]. Further, it has been shown that VECs actively
contribute to calcification through TNF-α induced superoxide formation
[154, 155]. Although the mechanisms underlying induction of endothelial oxidative
stress in the valve is still largely unknown, these studies provide evidence to suggest
that both genetic and environmental factors play a role.

4.4.1 VEC-VIC Communications

Studies have shown that damaged or altered signaling within the overlying valve
endothelium leads to pathological changes in underlying VICs and ECM. In addi-
tion, in vitro studies from several labs have shown that VECs can molecularly
communicate with VICs through paracrine signaling to regulate their phenotype
[81, 143, 144, 156, 157]. VICs cultured in the absence of VECs are “activated,”
transdifferentiate towards a myofibroblast-like cell type [144], and undergo prema-
ture spontaneous calcification [81]. These pathologic phenotypes can be rescued by
coculture with endothelial cells, or treatment with an NO donor [81, 143, 144, 156]
further highlighting the importance of this signaling pathway in maintaining func-
tion of the endothelium. In addition to NO, a recent in vivo study identifies Tgfβ1 as
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a critical growth factor secreted by VECs to VICs to prevent calcification, by
promoting nuclear localization of the transcription factor, Sox9 [158]. Collectively,
these data show that a disruption in VEC signaling leads to deregulation of VIC
homeostasis, resulting in the onset of disease states.

4.4.2 VEC Heterogeneity

The spatial localization of VECs on the underside and overlying surface of the valve
leaflets allow for differential exposure to mechanical stimuli. In the aortic position,
VECs on the underside (ventricularis) experience laminar shear and low stress, while
those on the overlying surface (fibrosa) are subjected to oscillatory flow and high
pressure in diastole [159]. As VECs serve as mechanosensors, the biomechanical
environment can influence their function and the signaling pathways transmitted
from the endothelium to underlying VICs and ECM. Shear stress can protect against
calcification [160–162] and calcific lesions occur preferentially on the aortic
(fibrosa) surface of the valve exposed to oscillatory shear. This difference in disease
susceptibility has been attributed to the differential sheer-stress response of VEC
gene programs [78, 79, 163]. VECs exposed to oscillatory flow express less anti-
calcific and anti-inflammatory genes and more anti-oxidative mRNAs [78], and
using induced pluripotent stem cell-derived (iPSC) endothelial cells, this is thought
to be mediated by Notch1 [151]. These studies suggest that VECs are heterogeneous
and their regulatory function on VICs is influenced by mechanical stimuli.

In addition to being heterogeneous, adult VECs demonstrate degrees of “plastic-
ity.” Unlike vascular endothelial cells, VECs have a unique ability to undergo
endothelial to mesenchymal transition (EMT), a process well studied during
valvulogenesis. However, in vitro studies have shown that subsets of mature ovine
VECs have the potential to undergo EMT in response to TGFβ1 treatment [121] and
subsequently differentiate into osteogenic and chondrogenic lineages [164]. In addi-
tion, exposure of adult porcine VECs to inflammatory cytokines (interleukin-6,
tumor necrosis factor-α) also induced EMT in vitro [165]. In vivo, mesenchyme-
like cells have been observed in sub-endothelial locations in large animal models of
mitral valve regurgitation [166] and a mouse model of calcification (ApoE�/�) [157],
suggesting EMT. The development of inducible valve endothelial cell-Cre lines will
facilitate in the fate mapping of these cells in the future and their contribution to the
underlying VIC population in disease. EMT events in healthy adult valves are rare
and it is speculated that this is due to the suppressive effects that VICs have on
mesenchymal transformation (and calcification) of VECs in vitro [144, 157]. The
ability of VECs to undergo EMT in adult valves indicates that there is subpopulation
potentially capable of self-renewal that may serve to continually replenish the mature
VIC population and whose activity is enhanced during the disease process [145].
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5 Current Treatments and Clinical Perspectives

Despite the increasing burden of heart valve disease there are currently no pharma-
cological reagents available to cure valve disease. Drugs such as statins,
Angiotensin-converting enzyme (ACE) inhibitors, vasodilators, and β-blockers
have shown promising trends in their ability to partially alleviate the effects of either
valve stenosis or regurgitation, but solidifying evidence of improved clinical out-
comes from these treatments is lacking and therefore the medical consensus on the
benefits of these drugs remains blurred [167]. Advancements in the development of
mechanistic-based therapies have been hindered by our lack of understanding of the
processes that initiate and promote heart valve disease onset and progression. It is
also not clear if heart valve disease phenotypes are reversible and so at best,
pharmacological therapeutics may only be able to halt progression if the “window
of opportunity” has passed.

At present, tissue engineered heart valves (TEHV) are the most promising
replacement application due to many factors including their long-term structural
integrity and decreased immunogenicity [168, 169]. Several clinical trials involving
TEHVs have resulted in improved clinical outcomes [168]; however the ideal valve
replacement that can grow, remodel, repair, and withstand the hemodynamic envi-
ronment upon implantation has not been successfully developed. The application of
seeding stem cells onto TEHV scaffolds before implantation has shown encouraging
results both in vivo and vitro [168] with focus on bone marrow derived mesenchy-
mal stem cells (BMSCs) and circulating endothelial progenitor cells (EPCs). These
populations are not only interesting for their use in TEHVs but also as an endoge-
nous therapeutic target that could be enhanced to support valve maintenance and
repair, or serve as a platform to deliver corrected genetic material.

As discussed earlier, some VECs retain their embryonic plasticity into adulthood
including their ability to undergo EMT, differentiate, and express progenitor markers
[145]. Similarly, many VICs express mesenchymal stem-like cell markers [170] and
bone marrow transplant studies have shown that cells of bone marrow origin
incorporate into the VIC population in humans [171] and mice [172, 173]; however
the contribution of these cells to disease pathogenesis or age-related degeneration are
unknown.

Currently, the areas of research discussed here continue to push the field towards
possible therapeutics that target specific valve cell populations, mRNAs or proteins
and facilitate repair mechanisms to prevent and alleviate both chronic and acute
valve dysfunction.
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Mechanical Mediation of Signaling
Pathways in Heart Valve Development
and Disease

Ishita Tandon, Ngoc Thien Lam, and Kartik Balachandran

Abstract Heart valves are elegant, dynamic, pliable structures experiencing com-
plex and varied mechanical forces during development and throughout the course of
their postnatal lifetime. Recent work has shown a remarkable link between the
mechanical environment of these valve leaflets and their structure, function, and
biological behavior. Additionally, these mechanobiological responses, while being
regulated by a similar set of signaling pathways, may be very different depending on
their occurrence during valvulogenesis or during adulthood. This chapter reviews
what is currently known about these differentially mechanoregulated signaling
pathways in the heart valve, highlighting any gaps in knowledge.

Keywords Heart valve · Valve formation · Valvulogenesis · Valve disease ·
Mechanobiology · Signaling pathways

1 Introduction

Heart valves are elegant, dynamic structures experiencing complex and varied
mechanical forces during development and throughout the course of their postnatal
lifetime [1, 2]. These forces have a remarkable impact on the structure, function, and
homeostatic signaling mechanisms within the valves [1, 3–8]. These signaling
mechanisms play a major role in the proper development of heart valves by
governing processes like cell turnover and phenotype, among others [1, 7, 9]. At
times, mutated genes and misregulated signaling pathways lead to valvulopathies
such as bicuspid aortic valve disease, valve calcification, and myxomatous valve
disease [7, 10, 11]. Intriguingly, some of these regulatory signaling pathways appear
to have very different consequences depending on their occurrence during develop-
ment or in mature valves [12–14]. Detailed knowledge of these complex signaling
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mechanisms and in particular their interaction with the dynamic mechanical envi-
ronment is thus necessary for a complete understanding of the development and
pathology of heart valves.

Cardiac morphogenesis begins with a tubular heart structure where a crucial
process known as endothelial-mesenchymal transformation (EndoMT) takes place
to give rise to cardiac cushions—the early precursors of valve leaflets known as
valve primordia. These atrioventricular (AV) and outflow tract (OFT) cushions
populated with mesenchymal cells are profoundly visible at just 4 weeks in utero,
when the fetal heart has become a looped structure. The tissues from these cushions
gradually erode and undergo transformation and maturation to give rise to rudimen-
tary valves and subsequently the AV and semilunar (SL) valves. This transition is
not yet clearly understood. These valves are composed of interstitial cells (VICs),
endothelial cells (VECs). The tissue extracellular matrix (ECM), which comprises
collagen as well as elastin gradually increases in content as well as anisotropy as the
valve matures [15–17].

The signaling mechanisms regulating each step in the development of the heart
valve, from EndoMT to the synthesis and remodeling of matrix in matured valves,
include several widely studied pathways such as VEGF/NFATc1, shp2/ERK1/2,
wnt/β-catenin, TGF-β, BMP, and FGF [18–22]. Pathologies arise when one or more
of these pathways are misregulated, some pivotal signaling molecules are mutated,
or unwanted expression of genes occurs. Intriguingly, many of these pathways have
been indicated to be mechanosensitive in a wide range of organ systems, not just in
the cardiac valve [20]. In particular, processes such as macromolecule transport,
altered gene expression, fibrosis, and tissue calcification show direct dependency on
the mechanical forces. It is therefore important to understand the mechanism by
which these forces regulate the signaling pathways and how the interaction between
biochemical and biomechanics—i.e., mechanobiology, affects the development and
pathobiology of the heart valves. This knowledge would enable the development of
better therapeutic strategies by improving upon drug designs and refining regener-
ative medicine approaches.

In this chapter we first describe the mechanical forces acting in the developmental
and adult phases of the cardiac valves. We then describe in detail the signaling
pathways involved in valvulogenesis and major diseases and how they are affected
by these mechanical forces. Both congenital and adult diseases are discussed. The
comparison of the pathways involved in developing and diseased conditions have
been made to deepen the understanding of how a single pathway behaves differently
in healthy versus diseased conditions. This chapter also highlights possible future
avenues for research in this field.
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2 The Mechanical Environment of the Developing
and Adult Heart Valve

The four heart valves function to maintain unidirectional blood flow in the heart and
experiences complex and varied mechanical forces [23]. This section provides a
brief overview of the distinct mechanical forces acting during the developing and
adult phase and their overall significance in maintaining the structure and function of
the valve.

2.1 The Developing Heart Valve (Fig. 1)

The transformation of the fetal tubular heart structure to a developed four-chambered
heart with four, fibrous well-defined heart valves is accompanied by varying active
mechanical forces such as pressure, strain, shear, and also normal and circumferen-
tial forces and frictional fluid shear stress by virtue of blood flow. Initially the heart is
a tubular structure which forms an asymmetric loop in three distinct stages [16]. The
cardiac jelly forms into endocardial cushions and cushions function as primordial
valves facilitating unidirectional flow through the heart [24]. At this stage, the

Fig. 1 Mechanical forces acting on the heart valve during valvulogenesis. (a–c) Early heart tube
with contractile function. (b) Formation of Atrio Ventricular Cushions; (c) Myocardial contraction
produces oscillatory blood flow creating oscillatory shear stress at the AVC. (d) Cardiac looping; (e)
middle stage of Valve morphogenesis showing EndoMT
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pressure and fluid shear stress due to blood flow and circumferential stress due to
stretching of the walls begin increasing in prominence. Trabeculation occurs to
increase the surface area and compaction within the primordial myocardium,
followed by septation and increased contractility [25]. It is at this point that
EndoMT, a process via which endocardial endothelial cells delaminate and differ-
entiate into mesenchymal-like cells initiates, resulting in the sprouting and formation
of the tricuspid and mitral valve leaflets from AV cushions and SL valve leaflets
from the endocardial cushions in the outflow tract [24]. The role of specific mechan-
ical and structural events pre-EndoMT is still poorly understood [16, 24].

Apart from the major extrinsic forces, there are constant cell-ECM and cell-cell
tractions acting within the local microenvironment. These tractions are more signif-
icant in magnitude in the fetus than in an adult, suggesting their greater importance
during the developmental stage [16]. Fluid shear stress increases during the looping,
especially in the endocardial cushion region, and is greatest when and where the AV
and OT cushions are developing into matured valves and is known to tightly regulate
the genes involved in valve remodeling [26]. Aberrant or altered blood flow patterns
in these initial stages causes improper cardio- and valvulogenesis [26, 27]. Inability
to respond to the stress signal has also been reported to result in malformed mitral
and pulmonary valves [16, 26, 28].

Considerable experimental work has reported the importance of the mechanical
environment for proper morphogenesis of the AV valves [24, 27, 28]. Studies have
shown that during early embryogenesis before the convective transport begins, the
tubular embryonic heart had already begun to beat. Evidently this cardiac contrac-
tion is important for proper cardiogenesis and blood flow; however, its overall
significance is still not clearly understood [26]. It was noted that during the looping,
and before the proper development of valve leaflets or cusps, the pressure-volume
loops for the heart were reported to be quite similar to that in the fully developed
hearts [25]. Indeed, it was shown that altered flow dynamics resulted in functionally
and structurally impaired valve development [29–31]. Overall, intracardiac flow and
contractile function create the biomechanical factors necessary for impeccable
development of heart. A slight deviation from the tightly regulated conditions
leads to valve defects. However these mechanisms of mechanoregulation need to
be more deeply elucidated [23, 24, 30].

2.2 The Mature Heart Valve (Fig. 2)

Cardiac valves were initially thought to function passively under the influence of
mechanical forces acting on them by the virtue of flowing blood. Later evidence
showed that the pathological conditions building up in the diseased valve were
mostly associated with one or more specific regions of altered hemodynamic or
mechanical stresses, suggesting an intimate involvement of the external mechanical
environment. It was also noted that the different cells and the ECM components in
the valve dynamically alter their biological behavior in order to withstand the
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mechanical forces, thereby maintaining proper function [17]. This has led to the
exploration of potential link between these forces and the signaling involved in
disease initiation of the valves.

The forces experienced in the mature heart valve are well known and have been
extensively studied, and are thus not reviewed here in detail. While the magnitudes
of the forces differ between the left- and right-sided valves, in general, the types of
mechanical forces remain the same. Spatiotemporally varying pressure, membrane
stress, fluid shear stress, bending strain and stress, and tensile strain and stress act
cyclically for the human life span of approximately 70–90 years [1, 32]. The flow of
the blood results in an alternating pulsatile shear stress on the inflow side of the heart
valve when the valve is open and blood is flowing in a laminar to turbulent flow
regime. The outflow side of the heart is characterized by oscillatory shear stress
during valve closure, thereby stopping blood from flowing retrograde [29, 30]. There
is a pressure gradient created across the valve which increases in the case of stenosis.
The axial shear stress acting on the closed valve also creates a transverse pressure
across the valve which is accompanied by shear and bending strain that increases in
magnitude in the case of the diseased valve. Studies have shown that changes in
shear stress according to evolving anatomy during growth have an impact on the
cellular expression [33]. The tension and compression experienced on the convex
and concave side of the valve constitute the bending stress during valve opening and
closing. Axial stretch and circumferential stretch allows the valve cusps to
completely close, forming a coaptive seal without allowing regurgitation. The

Fig. 2 Mechanical forces on the adult valve. Mechanical forces acting on the valve in an (a) open
and (b) closed position, using the aortic valve as an example. Figure adapted from [1]
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effectiveness of this coaptation gradually decreases for the valve with aging. Intrigu-
ingly, despite the lower pressure environment, the right-sided valves experience
higher axial stretches compared to the left-sided valve, likely due to their reduced
thicknesses and mechanical strength [1].

2.3 Signaling Pathways Involved During Valve
Morphogenesis (Fig. 3)

Valvulogenesis occurs during the third week of human pregnancy after the formation of
the cardiac jelly. It begins with the formation of endocardial cushions in the AV canal
andOFT regions of the developing heart through a process known asEndoMT [34]. It is

Fig. 3 Signaling pathways in valvulogenesis. Sufficient expression of VEGF promotes endothelial
cell proliferation and differentiation into mesenchymal cells. This also leads to the activation of
Calcineurin which in turn activates the NFATc. NFATc suppresses VEGF expression and allows
the endocardium to transform into mesenchymal cells. In the developing heart, Notch signaling
increases activity of transcription factor Snail/Slug with or without the presence of TGF-β signaling
(dashed line). Snail/Slug leads to downregulation of endothelial markers (VE-cadherin, Tie, Tek,
and PECAM1) and upregulation of mesenchymal markers (α-SMA, PDGFR, and fibronectin),
resulting in EndoMT. Similarly, after Smad2/3 is phosphorylated, TGF-β signaling acts through
Snail/Slug to promote EMT while BMP signaling leads to the phosphorylation of Smad1/5/8.
TGF-β and BMP2 may induce periostin expression (dashed line) and enhance EndoMT.
Wnt/β-catenin and FGF4 enhance mesenchymal cell proliferation while EGF signaling prevents it
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reported that the glycosaminoglycan hyaluronan, a major component of the
cardiac jelly, causes the activation of ErbB2 and ErbB3 that coordinately pro-
vides activation signals for EndoMT. In response to these signals, adjacent
endocardial cells become activated, lose cell-cell adhesion, gain migratory prop-
erties, invade the cardiac jelly, and transform into mesenchymal cells. These cells
start to proliferate, differentiate, and remodel the ECM to further expand and
elongate the endocardial cushions [34, 35]. During the last phase of valvular
formation, additional ECM components are formed and the rudimentary valves
are reshaped into mature leaflets with tri-layered architecture. Obviously, an
orchestra of many transcriptional factors and signaling pathways has to be
involved and finely tuned to ensure proper valve formation stage after stage.
While the molecular regulation of cardiac valvulogenesis is studied elaborately,
the role of hemodynamic signaling in valve formation is under-researched. In the
context of this section, we will focus on some major signaling pathways that are
shared among different stages of valve development including VEGF, NFATc,
Notch, Wnt/β-catenin, BMP, TGF-β, FGF, and EGF signaling. We will also
summarize some evidence that highlights the relationship between mechanical
signaling and valvulogenesis.

Vascular endothelial growth factor (VEGF) is an important mediator of EndoMT
and its expression must be tightly controlled during the initiation of EndoMT. VEGF
is a signal protein that regulates angiogenesis, vasculogenesis, vascular permeability,
and endothelial cell proliferation during valve development. VEGF transmits signals
upon binding to its receptor complexes VEGF-R1/flt1, VEGF-R2/KDR, and
neuropilin-1, which are expressed on the endothelial cell surface exclusively
[18]. It was reported that VEGF is highly expressed by the myocardium and
endocardium before endocardial cushion formation. However, at the initiation of
EndoMT, its expression is downregulated. Surprisingly, high VEGF levels appear to
terminate EndoMT [20]. Similarly, mutant mouse embryo displayed multiple car-
diac abnormalities when VEGF gene expression increased two to threefold [36]. On
the other hand, null mutation of Hhex, the homeobox gene, caused major defects in
cardiac development due to decreased apoptosis and dysregulated EndoMT. Inter-
estingly, in these mutated mice, the expression level of VEGF was increased
threefold between E9.5 and E11.5. Addition of sFlt-1, a VEGF signaling inhibitor,
to the aortic valve explants from mutated mice resulted in the recovery of normal
EndoMT [37]. These observations suggest that the level of VEGF expression
directly controls the EndoMT process, and only basal level of expression is required
for EndoMT initiation. This suggestion is further supported in case of fetal hypoxia
or hyperglycemia. Overexpression of VEGF, as seen in hypoxia, causes endothelial
cells to maintain their endothelial phenotype, thus preventing cells from undergoing
EndoMT. Similarly, under-expression of VEGF, as seen in hyperglycemia, results in
the depletion of endothelial cells and leads to shortage of cell source for the cardiac
cushions to undergo EndoMT [18]. The overall outcome if EndoMT cannot occur is
that the cardiac cushions will not form. As a result, normal heart valves cannot be
developed and the embryo will suffer some form of congenital valvular heart
disease, underlining the importance of the strict control of VEGF signaling.
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Post-EndoMT and primordial valve growth require high level of endothelial cell
proliferation and ECM synthesis. This correlates to high level of expression of
VEGF after the onset of EndoMT but its expression is restricted to endocardium
only [38]. Studies on human pulmonary valve endothelial cells treated with VEGF
show that VEGF promotes VEC proliferation through NFATc1 activation. Increased
endothelial cell proliferation is not only necessary to populate the growing leaflet
surface area but also to prevent endothelial cells from differentiating into mesen-
chymal cells [38, 39].

NFATc1 signaling functions spatially frommyocardium to endocardium to initiate
valve formation and maintain embryonic valve maturation [40]. NFATc1 belongs to
the NFAT family of calcium-sensitive transcription factors expressed by AV and SL
endocardial cells throughout growth and remodeling [20]. Immunofluorescent
staining of embryonic sections show that endocardial cells express NFATs before
EndoMT of the OFTs and also during the valve and septal primordial growth. NFAT
expression appears to be dispensable in EndoMT but becomes more critical during
valve formation [41]. For instance, NFATc1-deficient mice have normal initiation of
endocardial cushion formation and EndoMT but suffer severe ventricular septal and
valve defects (i.e., valvular incompetence, stenosis, and conotruncal abnormalities)
which results in death by E14.5 [42]. Another study reported that endocardial
endothelial cells that have already undergone EndoMT do not stain for NFATc1
[18]. Chang et al. proposed a model to explain the role of NFATc and calcineurin
signaling in valve formation. First, NFATc2, c3, and c4 in the myocardium are
activated by calcineurin B which in turn causes the suppression of VEGF expression,
thus allows the overlaying endocardium to transform into mesenchymal cells. CnB
then activates NFATc1 in the endocardium, adjacent to the earlier myocardial site of
NFAT action, to provide signals for valve elongation and refinement [43]. This model
is supported by several lines of evidence. For instance, mutant embryos lacking
NFATc2/c3/c4 had significantly reduced numbers of mesenchymal cells in the
endocardial cushion together with aberrantly thinned myocardium, or loss of CnB
in the cushion only damaged valve elongation but not EndoMT [41].

Overall, experimental results from VEGF and NFATc signaling imply that VEGF
is a downstream signal of NFAT in developing and postnatal valve endothelium.
Cells undergo EndoMT when low level of VEGF expression together with the
activation of NFATc2, c3, and c4 occur. After that, VEGF expression is upregulated
to terminate the EndoMT while NFATc1 in endocardium directs valve maturation.

Notch signaling is a critical regulator of cardiac development, especially in the
control of endocardial cushion EndoMT. Notch1, 2, and 4 receptors and their ligands
(Jag1/2 and D114) are expressed by endothelial cells in the AV canal and OFT
before and throughout EndoMT [40]. Notch is a transmembrane receptor protein that
is composed of a short extracellular region, a single transmembrane pass, and a small
intracellular region. Upon binding to its ligands, Notch intracellular domain is
translocated to the nucleus and modifies gene expression [44]. In the developing
cardiac cushion, Notch signaling increases expression of the TGF-β pathway which
in turn increases activity of transcription factor Snail. Snail causes downregulation of
endothelial markers (VE-cadherin, TIE, TEK, and PECAM1) and upregulation of
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mesenchymal markers (α-SMA, PDGFR, and fibronectin) which initiates EndoMT
overall [45]. Disruption of Notch signaling specifically reduced TGF-β2 expression
in the myocardium as well its transcription factor Snail [18]. In mouse embryos that
lacked expression of Notch1, failure of EndoMT was manifested by histological
analysis of E9.5 AV canal endocardium which showed that cells did not lose their
cell adhesion molecules and did not invade the cardiac jelly [45]. Mutations in
Notch1 were shown to cause early developmental defects in the human aortic
valve and lead to high chances of developing aortic valve disease [46]. These
observations suggest that the Notch signaling is required for endocardial cushion
endothelial cell EndoMT and it can function independently or in combination with
TGF-β signaling to regulate EndoMT. Notch signaling may also play a role in valve
leaflet maturation by initiating valve polarity and stratification in response to shear
stress on the flow side of the valve. However, more evidence is needed to confirm
this last hypothesis [20].

Wnt/β-catenin signaling is essential for normal heart valve development as
demonstrated in multiple animal models [47–49]. During valvulogenesis,
Wnt/β-catenin regulates endocardial cushion as well as OFT development and pro-
motes valve progenitor cell proliferation. Wnt signaling acts by the binding of a
Wnt-protein ligand to a frizzled family receptor which results in the translocation of
β-catenin followed by the activation of β-catenin responsive genes. Zebrafish with
APC mutation, a negative regulator that phosphorylates β-catenin, was able to
complete gastrulation but its embryonic heart displayed multiple defects with exces-
sive endocardial cushions. Conversely, overexpression of APC or Dickkopf 1, a Wnt
inhibitor, stopped EndoMT, thus halting cushion formation. Injection of APC RNA
in wild-type embryos increased the number of embryos lacking endocardial cushions
[48]. Analysis of valve markers from in situ hybridization confirmed that
Wnt/β-catenin signaling is active in myocardial and endocardial cells that are located
in the valve-forming region [50]. In line with these observations, it is reported that
Wnt signaling plays a role in promoting mesenchymal cell proliferation in the AV
cushions. Wnt-9a overexpression increases cell proliferation and mesenchymal cell
number in the AV canal and results in enlarged, hyperplastic, multiple AV cushion
projections into the lumen. Wnt-9a appears to be an important regulator of the
expansion of endocardial cushion endothelial and mesenchymal cell populations
that are critical for appropriate growth and remodeling of the AV valves [51]. In late
stages of valvulogenesis, Wnt signaling involves in regulating fibrosa layer matura-
tion as well as directing cell lineages. Few initial studies include the observatory
expression of Wnt3a, Wnt7b (involved in bone development), and the Wnt pathway
reporter TOPGAL in remodeling mouse AV and SL valve leaflets, or the expression
of periostin, an ECM protein that is expressed in cells from mesenchymal lineage,
when treated avian embryo VICs with Wnt [20]. More studies are needed to
elucidate the role of Wnt signaling in valve stratification.

Bone morphogenetic proteins act as a myocardial-derived signal required for the
initiation of endocardial cushion formation and EndoMT. BMPs are members of the
TGF-β superfamily, and initiate their signaling effects through cell surface receptors
(Alk2, Alk3, and BMPRII) with serine/threonine kinase activity, which in turn
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phosphorylates downstream substrate proteins known as R-Smads. R-Smads asso-
ciating with the co-mediator Smads and enter the nucleus where it functions as
transcription factors to regulate gene expression [18, 20]. Several BMPs are
expressed in the heart throughout development. BMP2 and BMP4 are expressed in
both the AV and OFT myocardium with higher expression of BMP2 in the AV and
higher BMP4 expression in the OFT [52–54]. BMP6 is expressed in the endocar-
dium, myocardium, and AV mesenchyme while BMP7 is expressed in the OFT
myocardium only [55]. Although being expressed in different locations, disruption
in BMPs signaling all associates with defects in heart development. BMP-2 deficient
mice had severe defects in AV cushion morphogenesis by 9.5 dpc and suffered heart
failure at 10.5 dpc [52]. BMP2 is not present in healthy human valves but is
significantly detectable in calcified stenotic valves [56]. Mice with targeted deletion
of BMP4 showed no mesoderm formation and died between 6.5 and 9.5 dpc
[57]. BMP5; BMP7 double mutants displayed some developmental defects but
had normal embryos. However, double mutants missed endocardial cushions due
to significant delays in heart development which was also responsible for embryonic
lethality around 10.5 dpc [58]. These results highlight the important role of BMP
signaling in initiation of cardiac cushion EndoMT. At early valvulogenesis, BMPs
are secreted from the myocardium and signals the EndoMT through their receptors.
BMP ligands interact with BMPR2 and Alks to activate Smad1/5/8. These activated
Smads promote endothelial cell migration, proliferation, and differentiation into
mesenchymal cells [18]. BMP signaling also plays a role in post-EndoMT AV
cushion mesenchyme differentiation and maturation. Inai et al. reported that
BMP-2 induced migration of mesenchymal cells as well as increased expression of
an ECM protein, periostin at both mRNA and protein levels [59]. Indeed, several
studies showed that BMPs are capable of promoting growth of endocardial cushions,
proliferation and differentiation of valve primordial mesenchymal cell as well as
maintenance of ECM architecture during valve growth via a complex network of
transcription factors. For instance, Tbx20 expression in chicken embryo results in
increased expression of MMP9/MMP13 while Twist1 expression causes increased
expression of cell migration markers genes including periostin, cadherin 11, and
MMP2 [60, 61]. BMP signaling may also contribute to the AV stratification espe-
cially at the spongiosa layer. During endocardial cushion culture, treatment of valve
progenitor cells with BMP2 or FGF4 induced expression of aggrecan or tenascin
proteins characteristic of cartilage or tendon cell lineage. This suggests the ability of
cardiac progenitor valve cells to differentiate into different cell fates depending on
exposure to BMP or FGF signaling [62, 63].

TGF-βs are among the first signaling molecules that are involved in heart valve
development. Several TGF-β ligands and receptors expressed in the AVC and OFT
suggest the importance of this family during endocardial cushion formation and
EMT [20, 64]. TGF-β2 is highly expressed in mouse and chick embryos, during
EndoMT within the cushion myocardium and invading mesenchymal cells
[65, 66]. TGF-β1 is expressed in AV endocardium during and post-EndoMT.
TGF-β3 is expressed only in cushion mesenchymal at later stages of cushion
remodeling [67]. Accumulation of evidence points to the role of TGF-β2 in the
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initiation and cessation of endocardial cushion EndoMT and remodeling while
TGF-β3 may participate in later stages of establishing valve structure and function
[38, 65, 68, 69]. TGF-β signals through the binding event with their transmembrane
receptors which leads to the phosphorylation and activation of cytosolic Smad2/3
proteins. Smads induce expression of the transcription factor Slug/Snail causing
upregulation of mesenchymal specific genes and downregulation of endothelial
specific genes, thereby promotes AV canal endothelial cell activation and invasion
during EndoMT [18, 20, 38]. At later stages of valvulogenesis, TGF-β2 expression
appears to be required to ensure proper reduction in mesenchymal proliferation as
the valve primordia starts to mature and stratify its morphology with more diverse
and specified valve cell profiles [20]. Few studies also demonstrate a synergistic
cross talk between periostin, TGF-β, and BMP signaling that overall goal was to
enhance EndoMT [70].

FGF and EGF signaling take part in later stages of valvulogenesis and they are
important mediators of valve maturation. During growth of endocardial cushions and
valve primordia, FGF4 stimulates proliferation of mesenchymal cells while EGF
signaling inhibits this process to prevent hyperplasia [66]. EGF binds to its receptor
containing EGF and ErbB to activate the tyrosine phosphatase shp2, which in turn
signals ERK-mediated inhibition of proliferation by a Ras-specific pathway. Dis-
ruption of EGFR, ErbB2, or ErbB3 results in hyperplastic semilunar valves in which
mesenchymal cells are present excessively. Mutant mice also show premature death
[71, 72]. In addition to promoting cellular proliferation, FGF4 signaling also con-
tributes to the maturation of valve supporting structures (chordae tendineae) by
inducing expression of the tendon-related transcription factor scleraxis and
tenascin [20].

2.4 Signaling Pathways During Valve Disease (Fig. 4)

The heart is the first organ to form and function in the embryo. Any defect in heart
formation results in cardiac malformations which are characteristic of congenital
heart defects (CHD). Deficits in the valvulogenesis (formation of the AV and OT
valves) account for 20–25% of CHD and they can be caused by genetic or environ-
mental factors [73, 74]. As we discussed in the previous section, many signaling
pathways are involved in initiating valve formation and promoting valve maturation
with precise leaflet morphology, ECM layers, and supporting structures. Thus, one
could expect that disruption to any of these pathways will lead to disease, either in
the form of congenital valve disease or acquired valve disease.

Notch signaling plays an important role in valve development, as outlined earlier.
Notch1-deficient mice suffer early developmental defects in the aortic valve and
progressive aortic valve disease through repression of Runx2 activity [46]. Notch2
and JAG1 mutations are associated with a spectrum of cardiovascular anomalies and
they are also primary causes of Alagille syndromes. These patients exhibit pulmo-
nary artery stenosis and hypoplasia, pulmonic valve stenosis and Tetralogy of Fallot.
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Various studies where genes in Notch signaling pathway (Jagged1, Hesr1/Hey1,
Hesr2/Hey2) were mutated demonstrated in similar cardiac effects [75]. It was found
that Notch1 interacts with Toll-like receptor 4 (TLR4) in human AVICs and
mediates the pro-osteogenic response to TLR4 stimulation through modulation of
ERK1/2 and NF-κB activation [76]. Blockade of D114-Notch signaling using anti-
D114 monoclonal antibody caused decreased atherosclerosis, plaque calcification,
and fat accumulation [77]. These results demonstrate the functions of Notch signal-
ing during valve development and that disruption of Notch signaling components
can cause severe heart valve anomalies.

BMP signaling functions in multiple aspects of cardiogenesis from cardiogenic
mesoderm specification to second heart field, heart chamber and endocardial cushion
morphogenesis, epicardium development and differentiation [78]. In the previous
section, we already discussed its role in valvulogenesis and how defective BMP
signals leads to impaired embryonic valve formation. Such disruption will cause

Fig. 4 Signaling pathways in valvular heart disease. Notch1 interacts with Toll-like receptor 4 in
human VIC and mediate the pro-osteogenic response to LPS stimulation through ERK1/2 and
NF-κB activation. Notch1 signaling also can interfere Wnt/β-catenin stabilization and signaling,
thus preventing BMP2 and Runx2 expression. BMP-2 causes upregulation of Runx2, osteopontin,
and osteocalcin through activation of ERK1/2 and Smad1/5/8 pathways. TGF-β signaling induces
VIC activation via Smad or Ras-pathway which results in increased ALP activity, cell proliferation,
ECM biosynthesis that eventually contributes to valve calcification process. TGF-β also involves in
the 5-HT-mediated signaling. Binding of 5HT to the receptor activates the Gαq-PLC-PKC pathway
which leads to upregulation of TGF-β1. They act together to regulate cell proliferation and ECM
production
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CHD in most cases due to the intrinsically malformed valves. Apart from its role in
heart development, BMP signaling is thought to be highly involved in calcific aortic
valve disease (CAVD). Cells isolated from human stenotic aortic valves exhibited
markedly increased BMP2 protein expression. Cultured cells treated with BMP2
cause upregulation of early osteogenic markers via the activation of the Smad1 and
ERK1/2 pathways [79]. In fact, the expression of potent osteogenic morphogens,
BMP2/BMP4 is seen in myofibroblasts and pre-osteoblasts in areas of the valves
where ossification occurred [80]. In another study, the researchers observed strong
expression of phospho-Smad1/5/8 in the calcified fibrosa endothelium together with
low level of Smad6 expression compared to noncalcified valves [81]. These studies
clearly demonstrate the role of the BMP pathway in the pathogenesis of CAVD and
suggest that inhibitor of BMP signaling can be a potential treatment for CAVD.

TGF-β signaling regulates various biological processes, specifically in embryo-
genesis, development, and tissue homeostasis. Disruption of TGF-β leads to a
spectrum of diseases, including hypertension, aneurysms, atherosclerosis, and car-
diovascular disease [82–84]. Elevated TGF-β levels are thought to cause microfi-
brillar deficiency and inadequate matrix sequestration which are characteristics of
genetic disorder Marfan syndrome [85]. Mutations in TGF-βR2 are also associated
with Marfan syndrome type 2. TGF-β also appears to involve in myocardial infarc-
tion (MI). TGF-β-509C/T and T29C polymorphisms, for instance, are coupled with
increased risk of MI in males [86, 87]. Many studies have showed that TGF-β1
promotes calcification of aortic smooth muscle cells and aortic valve interstitial cells
in animal models. Cultured cells in calcified medium treated with TGF-β1 showed
nodule formation coupled with significantly increased alkaline phosphatase activity
and MMP2/9 expression [88]. Addition of TGF-β to culture medium induced VIC
activation with significantly increased α-SMA expression as well as contractility
[89]. It is well-known that myofibroblastic activation of VICs manifests as increased
ECM biosynthesis, MMPs and TIMPs expression as well as increased proliferation
and migration [90]. Interestingly, TGF-β1 is showed to be able to induce the
activation of Wnt/β-catenin signaling through TGF-βR1 kinase activity. Without
β-catenin expression, the effect of TGF-β1 on myofibroblast differentiation is
inhibited [91]. Obviously, activation of TGF-β1 signaling in valve cells is associated
with disruption in ECM homeostasis that eventually impairs valve structure and
function. These results support the idea that TGF-β can be used as a future thera-
peutic target for treatment of valve diseases.

Serotonin (5HT) signaling has been proposed to be responsible for the
valvulopathy that is observed after prolonged administration of serotonergic drugs.
Elevated 5HT levels as seen in carcinoid heart disease are thought to cause excessive
ECM secretion and thicken the valve leaflets due to activation of G-protein-coupled
receptors [92]. Among all 5HT subtype receptors, 5HTR2Aand 5HTR2B are the
most frequently pharmaceutical targeted, suggesting their role in valvular patholog-
ical processes. Addition of 5HT to the aortic valve interstitial cell culture causes
upregulation of TGF-β1 as well as increased collagen synthesis. Administration of
5HTR2A antagonist significantly terminated the effect of 5HT on TGF-β1 activity in
a dose-dependent manner. It was also reported that 5HT increased PLC and PKC

Mechanical Mediation of Signaling Pathways in Heart Valve Development. . . 253



activity coupled with Gαq overexpression. These results suggest that 5HT mediates
valvulopathy through a Gαq-PCL-PKC signaling pathway which leads to the
upregulation of TGF-β1 [93, 94]. Other studies, in contrast, propose the important
role of 5HTR2B in the maintenance of ECM homeostasis in cardiac tissues.
Gq-coupled 5HTR2B receptor-null mice show incomplete cardiac development
characterized by ventricular dilation, decreased systolic function, and lack of tissue
integrity [95]. Treatment with 5HTR2B antagonist significantly promoted an
antifibrotic environment in a mouse model by decreasing mRNA levels of
TGF-β1, connective growth factor, and plasminogen activator inhibitor-1 [96]. Dis-
ruption of 5HTR2B is thought to be responsible for preventing the proliferation of
VICs, EMC accumulation as well as inhibiting TGF-β1 signaling, thus preventing
VICs from differentiation to an activated phenotype [92]. In conclusion, 5HTR2A/
5HTR2B can be a promising strategy for future treatment of heart disease.

3 Mechanobiology of Valvulogenesis and Disease

Heart valves are inexorably linked to their surrounding mechanical and hemody-
namic environment and vice versa. Mechanical signaling regulates valve develop-
ment, tissue homeostasis, and disease, among other processes, while the valves open
and close continuously to maintain their proper mechanical environment. Despite
this vital connection, it is still unclear how mechanical forces modulate the multiple
signaling pathways that ultimately result in homeostasis and/or disease during
development and in the adult heart valve. The spatiotemporally complex combina-
tion of mechanical forces that act on and surround the heart valves makes it
extremely hard for researchers to be able to simulate these conditions in vitro or
in vivo. However, efforts have been undertaken to understand these
mechanoresponses in simplified model benchtop systems. Here we will summarize
some of the previous work that have been done to highlight the importance of
mechanical signaling in contributing toward heart valve development and disease.

The most dominant mechanical stimuli during heart valve development are
oscillatory flow and shear stresses generated by the blood flow [25, 28, 34]. During
valvulogenesis, the retrograde flow fraction (RFF is the degree of reversing flow) is
highest in the AV canal where it also accompanied with the expression of shear-
related genes, including Notch1b, KLF2A, and BMP4. Klf2a-deficient zebrafish
shows decreased endothelial number, abnormal cell shape as the effect of decreased
RFF [97]. In fact, it has been reported that Notch1 expression only occurs in the
presence of blood flow in the mouse embryo and that without Notch1, all Notch
ligands and effectors cannot be upregulated by flow [98].

Many studies have indicated that primordial VECs are sensitive to shear stress
which is probably due to their constant conditioning with blood flow. In response to
shear stress, VECs showed decreased cell number but increased protein content
[8]. Mutant mice for shear-responsive genes, including ET-1 and NOS3, displayed
various cardiac defects and also suffered embryonic lethality [99, 100]. In addition,
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the blood flow and pressure gradient can affect the magnitude of shear stress during
valvulogenesis. At the same time, valve formation is influenced by differences in
wall shear stress [24]. Using a computational approach, Yalcin et al. suggested that
low wall shear stress promoted the formation of myocardial trabeculation in contrast
to high unidirectional shear stress, which enhances cardiac jelly expansion and
EndoMT [101].

As we mentioned previously, BMP signaling is involved in aortic valve calcifi-
cation and accumulation of evidence suggests that this signaling is affected by
mechanical forces. 10% and 15% cyclic stretch applied to aortic valve leaflets causes
significant increased BMP-2/4 expression as well as apoptosis compared to fresh
samples. Addition of BMP antagonist reduced calcium content, ALP activity,
Runx2, and osteocalcin expression in the valve cusps [7]. Tissue exposed to abnor-
mal fluid shear stresses increased TGF-β1, BMP-4 expression as well as ECM
degradation [102]. The addition of BMP-2 to isolated cells from stenotic human
leaflets increased the expression of osteogenic markers, including Runx2 and
osteopontin through either ERK1/2 or Smad1 pathway [79]. Cyclic stretch also
influenced TGF-β signaling. TGF-β1 treatment in the presence of applied cyclic
stretch caused increased expression of contractile and biosynthetic proteins in VICs.
This phenotypic shift might result in excessive ECM synthesis that alters ECM
structure, impair valve function, and eventually cause degenerative valvular disease
[4]. Similarly, exposing VICs to various strain levels after treatment with TGF-β1
accelerates the nodule formation and applied strain regulates maturation of calcific
nodule via apoptosis [103]. Mechanosensitivity of 5-HT signaling has also been
observed in several studies. The combination of 5-HT and cyclic stretch applied to
aortic valve cusps resulted in increased collagen biosynthesis, cell proliferation, and
tissue stiffness. These responses are terminated by 5-HTR2A antagonist but not
5-HTR2B antagonist [104], although both receptor subtypes are significantly
upregulated in response to cyclic stretch [105]. 5-HTR2B expression was also
upregulated in response to mechanical stretch in pressure-induced cardiomyopathy
rat model [106].

It has recently been noted that several pathways such as BMP, TGF-β,
Wnt/β-catenin, and Notch1 among others play a regulatory role during development
as well as disease [12]. The reasons for such differential regulation of these signaling
pathways remain unknown, but could possibly involve subtle spatiotemporal vari-
ations in the mechanical environment. Indeed, a recent study reported that different
EndoMT signaling pathways are switched on and off depending on the precise
magnitude of applied cyclic stretching on cells [12]. A table (Table 1) has been
compiled comparing the different effects of mechanosensitive signaling pathways in
development and disease. Future work in this area of valve mechanobiology will
greatly improve our understanding and aid in the push toward developing therapies
for treating valvular heart diseases.
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4 Conclusion

The previous two decades have witnessed tremendous growth in the subject of heart
valve mechanobiology. While this growth has been driven primarily by the push
toward developing a tissue-engineered heart valve, there is also considerable interest
in understanding the differential role mechanical-mediated signaling plays in valve
development and disease. Pushing this field forward will require novel benchtop
bioreactor systems that can recapitulate the complex mechanical environment of the
heart valves and also systems to prolong these cultures in the order of months and
years. It is hoped that future research in this area will illuminate the myriad of ways
in which the structure, biology, and function of heart valves are regulated by
mechanical forces, and subsequently use this knowledge to design novel treatments.
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Tissue Engineered Heart Valves

Jay M. Reimer and Robert T. Tranquillo

Abstract Tissue engineered heart valves are being developed in order to provide an
alternative prosthetic valve to patients suffering from valvular heart disease. They
aim to address the limitations of currently existing bioprosthetic and mechanical
heart valves, which have a limited functional life or require lifelong anticoagulation,
respectively. Tissue engineered valves generally consist of three parts: a biodegrad-
able polymeric scaffold for initial structural integrity and cell attachment sites,
entrapped or seeded cells that remodel that biodegradable scaffold, and stimulation
paradigms to direct cellular activity (especially production of a functional extracel-
lular matrix). In vitro functional testing is useful to assess valve designs based on
their hydrodynamic performance under physiologic pressure and flow conditions.
However, in vivo testing is crucial since tissue engineered heart valves aim to
provide a living valve capable of cell-mediated repair, remodeling, and growth.
The aforementioned considerations comprise the focus of this chapter.

Keywords Heart valve engineering · Tissue engineered heart valves · Biopolymer
scaffold · Synthetic polymer scaffold · Animal model · Pulse duplicator

1 Background

Valvular heart disease, a widespread disease that has been estimated to afflict ~2.5%
of the US population, limits the efficient flow of blood through the heart due to
improper valve opening or closing [1]. Incomplete valve opening due to reduced
leaflet mobility is referred to as valve stenosis. Valve regurgitation occurs when the
leaflets fail to coapt, such as leaflet prolapse, during diastole; this allows blood to
flow backward through the valve. Valve dysfunction (regurgitation and/or stenosis)
can occur progressively or result from a specific event. Most commonly, patients
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undergo progressive valve deterioration as they age due to leaflet calcification,
hypertension, and/or atherosclerosis. A subset of patients suffers from congenital
cardiovascular defects, which affect valve performance at a much younger age.

Congenital cardiovascular defects are estimated to affect at least 40,000 infants
each year in the USA alone and ~25% of these patients (240/100,000 live births
[LBs]) require an invasive treatment within their first year of life [1, 2]. Defects
affecting heart valves include bicuspid aortic valves (1370/100,000 LBs), Tetralogy
of Fallot (40/100,000 LBs), pulmonary stenosis (60/100,000 LBs), pulmonary
atresia (7–8/100,000 LBs), truncus arteriosus (7/100,000 LBs), and tricuspid atre-
sia/stenosis (6.7/100,000 LBs) [1, 3, 4]. Tetralogy of Fallot encompasses multiple
defects including a ventricular septal defect, pulmonary stenosis, an overriding aortic
valve to the right, and right ventricular hypertrophy [5]. Atresia is a more extreme
version of stenosis in which the valve opening is abnormally closed or absent.

Dysfunctional valves can sometimes be repaired (nearly 19,000 in the USA in
2011 alone), but are more commonly replaced, ~83% of the time (nearly 92,000 in
the USA in 2011), with prosthetic valves to restore heart function. The aortic valve
most commonly requires intervention, followed by the mitral, pulmonary, and
tricuspid valves. The total number of heart valve procedures—stratified by proce-
dure type, age, and valve position—can be seen in Fig. 1. For younger patients,
congenital defects (such as Tetralogy of Fallot) can sometimes be repaired, but
pulmonary regurgitation may persist. This is typically well tolerated initially, but
late pulmonary valve replacement is increasingly used due to the effects of
prolonged pulmonary insufficiency [6–9]. These patients present a unique challenge

All Valves Aortic Valve Mitral Valve Pulmonary 
Valve Tricuspid Valve

Replace Repair Replace Repairs Replace Repairs Replace Repairs Replace Repairs

All ages
91,803 18,689 73,679 2,279 15,981 14,646 1,418 375 735 1,389
83.1% 16.9% 66.7% 2.1% 14.5% 13.3% 1.3% .3% .7% 1.3%

Age 
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ia
tr

ic
”

<1
57 681

*
85

*
75 57 251

*
270

0.1% 0.6% 0.1% 0.1% 0.1% 0.2% 0.2%

1-17
982 901 352 322 118 260 512 96

*
223

0.9% 0.8% 0.3% 0.3% 0.1% 0.2% 0.5% 0.1% 0.2%
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lt”

18-44 5,715 1,662 3,629 373 1,204 1,078 624
*

258 211
5.2% 1.5% 3.3% 0.3% 1.1% 1.0% 0.6% 0.2% 0.2%

45-64
24,879 7,099 18,694 740 5,818 6,062 157

*
210 297

22.5% 6.4% 16.9% 0.7% 5.3% 5.5% 0.1% 0.2% 0.3%

65-84
53,279 7,871 44,702 706 8,390 6,808

* *
205 357

58.1% 7.1% 40.5% 0.6% 7.6% 6.2% 0.2% 0.3%

85+ 6,694 411 6,253 53 441 358
* * * *

6.1% 0.4% 5.7% 0.0% 0.4% 0.3%

ICD-9-CM 
Codes Used

Aortic Valve Mitral Valve Pulmonary Valve Tricuspid Valve
Replacement 35.21, 35.22,35.05, 35.06 35.23, 35.24 35.25, 35.26 35.27, 35.28

Repair 35.01, 35.11 35.02, 35.12 35.03, 35.13 35.04, 35.14

Fig. 1 2011 Valvular heart disease hospital discharges stratified by procedure type (repair or
replacement) and patient age. Bold numbers ¼ Total number of patients for a given subset.
Percentages ¼ Number of given subset to the total number of valve procedures (repair + replace-
ment) (Adapted from 2011 HCUPnet data). Note: sum of all age groups does not necessarily equal
“all ages” group due to the associated standard errors
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for replacement valves as the child undergoes anatomical growth during their
maturation.

1.1 Existing Therapies

Two general heart valve replacement options exist currently: bioprosthetic and
mechanical heart valves [10, 11]. These replacement valves are differentiated by
their materials and design. There are two standard replacement procedures for
prosthetic valves: surgical and transcatheter. Each valve and procedure type has
advantages and disadvantages, which affect their selection for use in diseased
patients [12–18].

1.1.1 Replacement Procedures

Surgical valve replacement, first developed in the early 1960s, traditionally includes
opening the patient’s chest cavity, putting the patient on bypass, and replacing the
afflicted valve. More recently, transcatheter valve replacement has been developed,
which utilizes specially designed, expandable bioprosthetic valves. This technique is
much less invasive than traditional surgical valve replacement. Access to the defec-
tive valve is most commonly made through the femoral artery, but transapical and
transaortic approaches have also been described. Since transcatheter valve replace-
ment is relatively new, it is not yet indicated for all patient subsets despite some
promising outcomes. Longer term patient monitoring to collect additional data will
be needed in order to better understand the safety and efficacy of transcatheter versus
surgical valve replacement.

1.1.2 Existing Replacement Valves

Bioprosthetic heart valves are derived from biological tissues whereas mechanical
valves utilize inert materials such as pyrolytic carbon or titanium. Mechanical heart
valves are thus typically very durable, and can maintain function after 30 years, but
require aggressive anticoagulation to remain patent and to prevent thromboembo-
lism [19]. Current anticoagulation regimens require patient lifestyle changes—such
as routine blood tests and dietary restrictions (avoiding vitamin K)—to ensure that
therapeutic levels are maintained [14, 19, 20]. Furthermore, anticoagulation is
associated with numerous side effects, including bleeding or hemorrhaging
[13, 16, 19].

Bioprosthetic heart valves are generally more hemocompatible, but tend to
perform adequately for only 10–20 years [13, 21]. Tissue sources for bioprosthetic
heart valves include bovine tissue, porcine tissue, and a limited supply of human
cadaveric valves [22]. Tissues obtained for bioprosthetic heart valves are typically

Tissue Engineered Heart Valves 265



rendered inert by chemical fixation (nonhuman tissues) or cryopreservation, which
can negatively affect the tissue’s microstructure and in vivo durability [23–25]. Spe-
cifically, these treatments can limit host cell invasion, which is necessary for matrix
repair and regeneration [23]. This deficiency limits the functional life of
bioprosthetic heart valves and makes it more likely that patients younger than
65 will likely require a reoperation to replace a worn out prosthetic heart valve.

The tissues for bioprosthetic valves are often sewn onto a rigid frame or an
expandable stent (transcatheter valves), but can also be implanted without either.
The tissues for transcatheter valves are the same as those used for traditional
bioprosthetic valves and are thus not expected to have a longer functional lifetime.
Given that transcatheter valves are relatively new, they have been more extensively
used in patients who are considered at higher risk for traditional surgical valve
replacement. However, the use of transcatheter valves is expected to grow in the
future, pending continued demonstration of their safety and efficacy.

Reoperations to replace defective prosthetic valves are associated with a number
of risks, including mortality [13, 17, 26]. Addressing bioprosthetic valve failure is
challenging, although valve-in-valve procedures have been reported in which a
second valve is inserted within the defective bioprosthetic valve [27–29]. However,
concerns remain regarding the valve positioning, coronary obstruction, and higher
pressure gradients due to a narrowed valve orifice [29].

1.1.3 Replacement Heart Valve Selection

The particular prosthetic valve and replacement procedure used depends on factors
such as current disease status, expected patient lifespan, comorbidities, patient
preferences, and associated costs [13, 19]. In general, mechanical valves are selected
when the patient is expected to outlive the functional life of bioprosthetic valves or
unable to withstand the anticoagulation regimen required for mechanical heart valve
replacement. Valve selection for pediatric patients is especially problematic since
neither mechanical nor bioprosthetic valves are capable of growth. Thus, these
patients often must undergo one or more reoperations to replace outsized prosthetic
valves. Additionally, the chemically treated and cryopreserved tissues used are prone
to calcification in children, which can result in valve failure.

1.1.4 Emerging Replacement Valves

Decellularization has also been extensively explored as a way to reduce the immu-
nogenicity of allogeneic (human) and xenogeneic (nonhuman) tissues without cryo-
preservation or chemical fixation [24, 25, 30–33]. There are several published
clinical trials that evaluated the use of decellularized, non-cryopreserved human
heart valves in the pulmonary or aortic position [24, 34–36]. Although the initial
results have been promising, their long-term function remains unproven and they are
limited in supply due to donor shortage [22, 25, 31, 32, 35, 37, 38]. Decellularized
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xenogeneic valves have also been investigated extensively in animal models [31, 33,
39]. Although some human data has been reported, the study noted a high incidence
of conduit failure within 2 years of implantation [40]. Furthermore, explant histology
showed minimal host cell invasion, apart from the presence of inflammatory giant-
type cells on the lumenal surface. Providing various sizes of decellularized native
valves can be challenging, particularly for allogeneic valves where there are a limited
number of donors.

A more detailed description of decellularized xenogeneic or allogeneic valves
will not be discussed in this chapter, despite considering them to be tissue engineered
heart valves (TEHVs). Additional information on these approaches can be found
elsewhere and in the citations provided above. Instead, the remainder of this chapter
will focus on TEHVs that are not derived from native valves.

2 Tissue Engineered Heart Valves

Tissue engineered heart valves are being developed to address the shortcomings of
current and emerging replacement options. In order to be a viable replacement
option, TEHVs must first demonstrate excellent valve function (i.e., minimal regur-
gitation and low systolic pressure drops) under physiological pressures and
flowrates. Additional design criteria include high durability, hemocompatibility,
immunocompatibility, and capacity for growth (for pediatric applications). To
date, most TEHV designs have focused on imitating the function rather than the
form of native heart valves. For example, most tissues used for TEHVs consist of a
single layer as opposed to the tri-layer tissue found in native heart valve leaflets.

Various approaches have been described to generate an engineered tissue suitable
for a heart valve application. TEHVs typically consist of a degradable scaffold and
cells, which are often exposed to chemical and/or mechanical stimulation to produce
a desired response, such as collagen secretion. Although differing in various aspects,
these approaches all aim to generate a “living” tissue capable of repairing and
remodeling itself in vivo. The hope for such TEHVs is a longer functional life
and/or somatic growth (pediatric patients). Reported studies have utilized various
cell types, scaffold materials, mechanical/chemical stimuli, and valve designs
[41]. Components reported in the development of engineered tissues for TEHVs
are discussed below.

2.1 Cell Sources

The primary responsibility for cells in heart valve tissue engineering is to remodel
the starting polymer scaffold and secrete extracellular matrix components such as
collagen, elastin, and/or proteoglycans. The cells’ specific roles within the
engineered tissue guide their selection. A universal cell type has yet to be identified

Tissue Engineered Heart Valves 267



or adopted for heart valve tissue engineering applications, though most researchers
use a cell type that is easily sourced and can be easily expanded in vitro. Commonly
used cell types include smooth muscle cells (SMCs), myofibroblasts, dermal fibro-
blasts, and mesenchymal stem cells (MSCs) [42, 43].

The cells generally fall into one of three categories depending on how they are
obtained: autologous (from the same patient), allogeneic (from the same species), or
xenogeneic (from a different species). Another method avoids isolating cells alto-
gether and instead relies on in situ cell invasion and extracellular matrix deposition
[44, 45]. In one specific approach, valve molds were implanted subdermally for
several weeks, during which time host cells invaded and secreted extracellular
matrix proteins [46]. Another group implanted an electrospun scaffold into the
designated valve position and allowed host cells to repopulate this matrix
[47]. This nontraditional method avoids prolonged in vitro culture but is dependent
on appropriate cell recruitment and tissue formation, which may vary between
individuals. Other challenges include recruiting circulating cells, guiding their cell
fate and behavior, and controlling tissue formation [45].

Historically for cardiovascular tissue engineering, and heart valve tissue engi-
neering in particular, it has been important to consider the thrombogenicity and
immunogenicity of the engineered tissue. These risks can be attenuated by using
autologous cell sources. However, obtaining and expanding autologous cells can be
a lengthy and arduous task, especially considering that these cells could behave
differently depending on the individual and they may express a diseased phenotype.
This process can be further complicated if a valve replacement is needed quickly, as
can be the case for pediatric patients suffering from congenital defects.

2.1.1 Decellularization

The advent of decellularization has had an impact on heart valve tissue engineering.
This process enables researchers to effectively remove the cellular components from
a tissue, while leaving the extracellular matrix intact [48]. Acellular, non-fixed
TEHVs offer several advantages over their cellularized counterparts. First,
decellularization allows TEHVs to be stored for longer periods of time prior to
use, which is important for commercialization. Additionally, decellularization, if
performed properly, removes the antigenic cellular components and would enable
researchers to use allogeneic and possibly xenogeneic cells to batch-produce heart
valve tissues. An in-depth description of decellularization protocols is outside the
scope of this report, but there are several literature reviews that can provide more
detail [49]. In general, these protocols use a combination of zwitterionic, ionic, or
nonionic detergents in addition to extensive rinsing or perfusion.
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2.1.2 Recellularization

TEHVs rely on cells to remodel the matrix and respond to physiological growth cues
over time. One factor to consider is that decellularized TEHVs must rely on host cell
invasion and proliferation for tissue regeneration and growth. This recellularization
process takes time and thus the acellular engineered tissue must also be able to
withstand the in vivo environment without cells until sufficient cell invasion occurs.
The invaded cells also must not grossly remodel the tissue such that the valve
geometry and/or its function are compromised. The recruitment of endothelial
cells to cover the blood-contacting surfaces is particularly important, as this will
reduce the thrombogenicity of the TEHVs.

2.2 Scaffold Materials

Polymeric scaffolds are an integral part of engineered tissues and provide initial
mechanical support, an initial geometry, and attachment sites/cues for cells. These
scaffolds are typically temporary and degrade as the cells secrete their own extra-
cellular matrix. It is important to consider the initial mechanical strength of the
scaffold and its degradation rate so that physical support for the cellular component
of the engineered tissue is maintained during maturation. Additionally, the scaffold
should be non-immunogenic and non-thrombogenic. It must also promote cellular
attachment and interaction, and its degradation by-products should not elicit an
inflammatory response [42, 50]. The two most common sources of scaffold materials
for TEHVs are grouped into two categories: synthetic polymers and biopolymers.
Recently, a hybrid scaffold has also been described that is unique from the two
traditional categories.

2.2.1 Synthetic Polymer Scaffolds

Synthetic polymers are frequently used for heart valve tissue engineering. Primary
advantages of this scaffold type are that they are widely available and can be
configured to nearly any microscopic morphology and macroscopic geometry.
Additionally, synthetic polymers can have a large range of mechanical and chemical
properties based on how they are synthesized. Fabrication methods include salt-
leaching, rapid prototyping, electrospinning, and phase-separation [42].

Synthetic polymers do not inherently contain biological signaling components
like those found in biological polymers, although researchers have the ability to
incorporate bioactive components [50]. Cell engraftment can be achieved by directly
seeding cells onto the synthetic scaffold or using a cell carrier, such as fibrin.
Controlling the polymer degradation rate is also important since it provides mechan-
ical support and attachment sites for cells. Accelerated or slow degradation can affect
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the in vitro remodeling and maturation of the tissue. Additionally, if polymer
degradation isn’t completed prior to implantation, its degradation by-products
must not cause deleterious effects on adjacent cells [51].

One of the first reports of a TEHV made from a synthetic scaffold used a
polyglycolic acid (PGA)–polylactic acid (PLA) copolymer layered between nonwo-
ven PGA [52]. Later, the use of polyhydroxyoctanoate (PHO) was explored to
remedy problems associated with high scaffold stiffness, but ultimately proved to
be less than ideal because of its slow degradation profile [53, 54]. PGA coated with
poly-4-hydroxybutyrate (P4HB) has a more favorable degradation profile and has
seen more extensive use [55, 56]. In general, most synthetic scaffolds for heart valve
tissue engineering have been derived from aliphatic polyesters,
polyhydroxyalkanoates, or combinations of the two [42, 57].

2.2.2 Biopolymer Scaffolds

Biopolymer scaffolds naturally incorporate biological signaling components, which
are important to modulate cell attachment and activity [42, 50]. These materials can
be obtained autologously to minimize immunocompatibility concerns, but this can
introduce variability among the scaffolds, including purity and degradation rate, and
it could limit commercialization and clinical use. For these reasons, xenogeneic
sources of biopolymers are more commonly used in cardiovascular tissue engineer-
ing approaches. Another challenge associated with biopolymers is that they lack the
initial mechanical strength required to withstand physiologic conditions. This has
prompted researchers to explore various culture conditions and bioreactors (which
will be discussed in more detail later), to improve the mechanical properties of the
TEHVs.

Several biopolymer sources, particularly collagen and fibrin, have been explored
for use in heart valve tissue engineering [42, 50, 57]. Unlike with synthetic poly-
mers, cells can be directly entrapped into these scaffolds because polymerization
occurs in an aqueous solution at physiological pH and temperature. The cell and
monomer solutions are mixed together prior to polymerization to facilitate cell
distribution throughout the resulting hydrogel. This method of cell seeding is
advantageous because it enables researchers to incorporate cells directly, and homo-
geneously, into their nascent engineered tissue.

Type I collagen is a natural choice as a biological scaffold because it is a major
extracellular matrix protein found in cardiovascular tissues, including heart valves.
Collagens are homologous across species and thus are biocompatible and weakly
immunogenic [58, 59]. However, cells cultured in type I collagen gels exhibited
lower collagen synthesis and cell proliferation compared to fibrin gels [59–61].

Fibrin has been an attractive biopolymer for heart valve tissue engineering
because cells are able to proliferate more and produce more collagen and total
protein than in collagen gels [62–64]. One challenge for the use of fibrin is control-
ling its degradation rate, as it can be enzymatically degraded rapidly depending on
the cell type and in vitro conditions [62]. This degradation must be matched with the
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deposition of cell-produced collagen to provide sufficient mechanical properties to
the maturing engineered tissue.

2.2.3 Hybrid Scaffolds

Hybrid scaffolds are an alternative source to synthetic and biopolymeric scaffolds.
These scaffolds have been recently described and are a combination of nitinol and
cells seeded with [65] or without [66] a biological material (collagen). Other reports
have previously demonstrated the capability of fabricating nitinol-based heart valves
[67, 68].

The hybrid scaffolds are fabricated by coating the metal meshes with cell-seeded
collagen gels, which produce matrix proteins over a period of multiple weeks. These
scaffolds are inherently strong and are capable of withstanding physiological pres-
sure gradients due to the incorporation of the metal mesh [67, 69]. Although the
biological scaffold material or the cells are not the primary load-bearing component,
they serve to improve the biocompatibility of the TEHV [70].

One of the major issues using this type of scaffold is cell–metal interface and
ensuring that there is proper attachment and cellular responses to these materials.
Hybrid scaffolds are also not optimal for pediatric patients since they are inert and
lack the ability to grow with the patient. Apart from these concerns, the in vivo
function of TEHVs with hybrid scaffolds has yet to be assessed [41].

2.3 Stimulation Paradigms

The conditions imposed upon the nascent tissue have a significant impact on cellular
function and ultimately tissue development. Most engineered tissues undergo some
sort of mechanical conditioning to generate a mechanically robust and mature tissue
in order to withstand physiologic conditions. This maturation process, particularly
for approaches that use biopolymer scaffolds to grow connective tissues, often
focuses on biochemical and mechanical stimulation paradigms to enhance cellular
collagen synthesis. Biochemical agents are most commonly added to the culture
medium periodically and have demonstrated the ability to stimulate collagen syn-
thesis in vitro. These agents include fibroblast growth factor (FGF), transforming
growth factor (TGF), plasmin, insulin, and ascorbic acid [71–73].

Cells are able to sense mechanical stimuli via mechanotransduction, which can be
utilized in order to induce a desired cellular response [74, 75]. Most commonly,
researchers mechanically stretch the engineered tissue to stimulate cellular collagen
production. These systems are often capable of applying complex strain and shear
stress patterns in the constructs. Regardless of the design, bioreactors must meet
certain requirements such as adequate gas exchange, nutrient delivery, and sterility.
For heart valve tissue engineering, bioreactors that replicate physiological pulsatile
pressures or utilize controlled cyclical stretch have been described [76–88]. The

Tissue Engineered Heart Valves 271



most suitable system depends on a number of factors such as the desired level of
control on the regimen, bioreactor complexity, and valve design.

Bioreactors require a number of components in order to replicate physiologic
pulsatile pressure waveforms. Common features among the different designs include
a pump to induce fluid motion, a mounting chamber for the TEHV, a culture medium
reservoir, compliance chambers for energy dissipation, and a tunable element to
control system pressure [43]. These systems condition the whole valve during the
entire cardiac cycle (systole and diastole). Another iteration of these systems is to
simulate only diastolic pressure conditions by exposing the leaflets to cyclic back
pressure [81]. An example system and its components are described in more detail in
Fig. 2.

Although the aforementioned systems can replicate physiological pressure con-
ditions, the strain magnitude depends on the tissue properties and is not controlled.
There have been published reports demonstrating the advantages of using incremen-
tal strain regimens and/or transmural flow [76–78]. Syedain and colleagues designed
a cyclic stretch bioreactor capable that had a defined strain magnitude by mounting a
TEHV within a latex tube [77]. Since the latex tube was much stiffer than the
engineered tissue, strain magnitudes could be prescribed throughout the culture
period independent of the tissue properties.

Fig. 2 Schematic of a diastolic pulse duplicator system consisting of a (A) bioreactor and a (B)
medium chamber. The medium is pumped through the (C) tubing connecting the two chambers
using (D) roller pumps. Compressed air is introduced into a (E) polycarbonate cylinder, which
encases part of the tubing, using a (F) magnet valve. Compliance is incorporated into the system
using a (G) syringe and pressure is measured using (H) sensors on either side of the TEHV. With
kind permission from Springer Science+Business Media: Annals of Biomedical Engineering,
Tissue engineering of human heart valve leaflets: a novel bioreactor for a strain-based conditioning
approach, 33, 2005, 1778–1788, A. Mol, N.J. Driessen, M.C. Rutten, S.P. Hoerstrup, C.V. Bouten,
and F.P. Baaijens, Fig. 2 [81]
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3 Valve Design

Traditional TEHVs, those using synthetic or biopolymeric scaffolds, must be fabri-
cated into the heart valve geometry. The inherent properties of synthetic and
biopolymeric scaffolds allow researchers to fabricate TEHVs in ways not possible
with traditional bioprosthetic valves or decellularized native tissues. Almost all
TEHV designs incorporate distinct leaflets that open and close in response to
pressure gradients. Valvular function also can be achieved by attaching an
engineered tissue tube to a three-pronged frame or to create a tubular valve [89]
that is the functional equivalent of a trileaflet valve [90–92]. Some valve designs for
pediatric patients also incorporate a root, or flow conduit, since cardiovascular
congenital defects can affect the outflow tract as well as the leaflets [88, 93].

Biopolymeric and synthetic scaffolds are easily moldable since they often begin
as an aqueous solution or typically incorporate a thermoplastic
polyhydroxyalkanoate (such as P4HB), respectively [42, 55, 94, 95]. This has
enabled researchers to use casting molds (as shown in Fig. 3) that integrate the
valve root and leaflets together. This allowed researchers to create valves with
leaflets directly attached to the root from the onset of valve fabrication [73, 83].

While these molds were innovative and provided a proof of concept, there are
several challenges associated with this approach. First, machining the molds is
challenging given the unique geometries utilized. Additionally, the presence of
sharp corners and high stress points in these molds can lead to tissue thinning and
tearing. Another major challenge is ensuring that valve geometry and coaptation is
maintained throughout the culture period. Although cell induced compaction can be
exploited to generate anisotropic tissues [73, 96], over-compaction can result in

Fig. 3 Valve equivalent mold and fabrication procedure using a biopolymeric (fibrin) scaffold
[73]. Reprinted with permission from (Tissue Engineering Part A, Volume 14 & Issue 1, pages
83–95), published by Mary Ann Liebert, Inc., New Rochelle, NY
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geometrical changes that compromise the valve. For example, over-compaction in
the leaflet channels results in loss of coaptation.

A simpler approach is based on a tubular valve design [89]. Instead of using a
complex mold to define the heart valve root and leaflet geometries, tissue tubes are
constrained such that they collapse inward under back pressure at three equi-spaced
positions (commissures) around the circumference that anchor the tube (Fig. 4). This
creates the equivalent of three leaflets, which respond to dynamic pressure gradients
across a tubular heart valve. These principles have been applied to heart valve tissue
engineering as researchers have reported tubular TEHVs using tubular tissues based
on synthetic and biopolymer scaffolds [88, 90, 92, 93]. Most tubular TEHVs utilize a
single tube that is attached to a frame, an expandable stent, or designed to be
implanted within the native vasculature.

The use of inert frames, stents, chemically fixed tissues, or embedded synthetic
materials preclude them from growing and are thus suboptimal for pediatric patients.
One new approach avoids these components and might be more suitable for pediatric
valve replacements [93]. It consists of two completely biological, decellularized
engineered tubes (primarily cell-produced collagen) that are attached using a degrad-
able suture line and does not incorporate any inert materials, frames, or stents. It

Fig. 4 Schematic showing the design and modification of the Medtronic 3F bioprosthetic valve,
which utilizes tubular leaflet design. During implantation, the fabricated tube is attached around the
base and at the three commissural tabs. Exposure to back pressure collapses the tube in the regions
in between the commissural tabs, resulting in the formation of leaflets [89]. Reprinted from Journal
of Thoracic and Cardiovascular Surgery, Volume 130/edition 2, James Cox, Niv Ad, Keith Myers,
Mortiz Gharib, and R.C. Quijano, Tubular heart valves: a new tissue prosthesis design—preclinical
evaluation of the 3F aortic bioprosthesis, 520–527, Copyright (2005), with permission from
Elsevier
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relies on host cell invasion and matrix production to fuse the two engineered tubes
along the degradable suture line and subsequently respond to physiologic growth
cues in vivo. However, it remains to be seen whether this or other TEHVs are
amenable to long-term function and growth.

4 In Vitro Functional Testing

Functional testing systems in the laboratory are invaluable in validating and improv-
ing valve designs for TEHVs prior to expensive animal studies. These pulsatile flow
testing systems are similar to some of the aforementioned bioreactor systems in
terms of components required. They are not exclusive to TEHVs, but instead are
useful for testing all types of valves (including mechanical and bioprosthetic valves).
They typically include pressure and flow probes, a pump to induce fluid motion,
compliance chambers, a valve housing chamber, and a fluid reservoir [85].

The primary goal of functional testing is to elucidate the TEHV’s function under
physiologic pressure and flow conditions [97]. Important hydrodynamics include
systolic pressure drop, regurgitation, and effective orifice area (EOA). Detailed
descriptions of these metrics and other valve testing requirements can be found in
ISO 5840. A high-speed camera is typically placed end-on to visualize and record
leaflet motion during the cardiac cycle. This allows researchers to visualize any
fluttering, prolapse, or asymmetry in the valve leaflets. An additional camera can be
used to visualize root motion if it is incorporated into the prosthetic heart valve and
the test system allows for it.

Accelerated wear testing (AWT) is a type of functional testing designed to
evaluate the fatigue properties of prosthetic heart valves under pulsatile flow and
physiologic loading. Complete valve opening and physiologic diastolic pressure
gradients are the only requirements for AWT. This allows researchers to utilize
higher frequency pumps to evaluate a heart valve’s durability after a large number of
cycles. Traditional mechanical and bioprosthetic heart valves must withstand
600 million or 200 million cycles per ISO 5840, respectively. Often valves undergo
full functional testing (physiologic flow and pressure conditions) periodically during
AWT to assess their hydrodynamic performance.

The appropriate number of test cycles for TEHVs is unclear since engineered
valves are designed on the premise that cells will repair and remodel the extracellular
matrix following implantation [42]. These cells can be either transplanted with the
valve or host cells that repopulate the acellular valve, or a combination of both. The
complex in vivo environment cannot be completely mimicked with in vitro systems.
The ideal number of cycles depends on the timeline necessary for cellular production
of matrix proteins needed to sustain valve function following implantation. Discus-
sions with the FDA on these points will be crucial to ensure that the protocols for
appropriate in vitro functional tests and their duration are established as TEHVs
become closer to commercialization.
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5 In Vivo Testing

Large animal testing is a requirement for the preclinical assessment of prosthetic
heart valves. These tests allow researchers to assess the performance of the surgical
procedure and valve’s hydrodynamic performance in a beating heart over an
extended period of time. These studies are highly regulated and require approval
by a standard governing body known as the Institutional Animal Care and Use
Committee, or IACUC. The following sections highlight the animal models and
results with TEHVs to date.

5.1 Animal Models for TEHVs

Chronic in vivo TEHV studies are conducted primarily in sheep, which are the
current “gold standard” for preclinical prosthetic heart valve replacement studies
[98]. Studies with TEHVs are often performed in the pulmonary position of sheep
due to the lower pressure gradients associated with this position compared to the
aortic valve. Congenital defects also often affect this valve. Sheep are advantageous
because they have similar normal cardiovascular physiological parameters (blood
pressure, cardiac output, heart rate, and intracardiac pressure) and valve diameters
that are similar to humans. The ovine model is also an aggressive calcification
model, particularly in juvenile animals, compared to other large animal models.

Canine models were common historically since they have good temperaments
and can be trained easily. However, they are not as common now due to the
occurrence of leaflet fusion and high collateral coronary circulation [98]. Swine
models are advantageous since they have very similar cardiac anatomy to humans in
terms of their valves, coronary arteries, and conduction system. However, they have
a high incidence of postoperative mortality and arrhythmias which limits their
widespread use. There has also been a report of a nonhuman primate model being
used, but this is currently not very common [99].

Heart valve replacement studies, particularly those with TEHVs, are conducted
using healthy animals and primarily aim to assess valve function. Naturally occur-
ring and reproducible valvular defects have been described in rats and mice, but are
much less common in larger animal models [100]. Researchers have described large
animal models with iatrogenic valve stenosis, regurgitation, and anatomical abnor-
malities [98, 100]. However, these are not commonly used, particularly for TEHV
studies.

The animal model’s growth rate is also important to consider when conducting
chronic animal studies, particularly if the desired valve orifice sizes and study aims
necessitate using immature animals. Growing animal models are intriguing for
TEHV studies since they aim to assess somatic growth of the TEHV, which is an
unmet clinical need for pediatric valve replacement patients. Accelerated growth
rates compared to human can result in “prosthesis-patient mismatch” and valve
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stenosis if the animal outgrows its prosthetic heart valve [18]. The aforementioned
animal models all reach full maturity within 12–18 months of age, which is sub-
stantially faster than in humans [98, 101–103]. This timescale can be challenging for
TEHVs, especially pediatric valves, which rely on transplanted or invaded cells to
dictate growth in response to physiological cues.

5.2 Preclinical Testing Results with TEHVs

Shinoka et al. [104] was one of the first to demonstrate the feasibility of TEHVs for
valve replacement. A single sheep pulmonary valve leaflet was replaced with
autologous or allogeneic tissue engineered leaflets, which were fabricated by seeding
a combination of fibroblasts, smooth muscle cells, and endothelial cells seeded onto
polyglactin/PGA mesh sheets. Lambs with one of these allogeneic leaflets experi-
enced leaflet retraction and an acute inflammatory response despite receiving immu-
nosuppression therapy, whereas those with an autologous leaflet did not. While the
single leaflet approach has limited applications, this study demonstrated the feasi-
bility of tissue engineering in heart valve replacements.

The same research group soon developed a complete trileaflet TEHV by seeding
autologous (ovine) myofibroblasts and endothelial cells onto a PGA/P4HB scaffold
[55]. Following pulsatile bioreactor culture, the TEHVs were implanted into the
pulmonary position of sheep for up to 20 weeks and valve function was monitored
via echocardiography. The tensile strength of the engineered leaflets were initially
higher than those of the native leaflets, but was comparable after 20 weeks in vivo.
Histology showed increased organization and layering similar to native leaflets after
20 weeks with the presence of collagen, glycosaminoglycans, and elastin. Although
the TEHV leaflets remained functional throughout the duration of the study, signif-
icant regurgitation was observed after 16 and 20 weeks. Authors attributed this loss
of valve function to the enlarging flow conduit and/or shrinkage of the TEHV
leaflets.

A minimally invasive TEHV was fabricated by seeding myofibroblasts or stem
cells onto a PGA/P4HB scaffold using fibrin as a cell carrier [105]. Following
bioreactor culture, the TEHVs were transapically implanted into the pulmonary
position of sheep for either 4 or 8 weeks. Examination following explantation
revealed thickened and non-coapting leaflets. A similar approach, but without
bioreactor culture, demonstrated valve function up to 4 weeks in the pulmonary
position of primates [106]. Substantial cellular remodeling and endothelial cell
coverage was observed without tissue thickening. However, structural shortening
of the TEHV leaflets was detected after explantation.

Autologous pulmonary and aortic TEHVs have been explored in canine and goat
models. Using a custom mold and in situ fabrication, these “Biovalves” were highly
collagenous with a small amount of elastin [107]. Early generations of this TEHV
allowed substantial regurgitation in dogs [108], which ultimately led to design
changes in the valve mold. The most recent Biovalve incorporated a 3D printed
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mold and were implanted in the aortic position for 1 month [107]. Another group
implanted an electrospun supramolecular polymer scaffold that was functionalized
with biological components to recruit circulating host cells [47]. They reported
sustained mechanical and biological function of their TEHV up to 6 month in their
preliminary report.

Two different groups have described the fabrication of TEHVs using fibrin
scaffolds with complex molds. Flanagan et al. used autologous cell populations
(smooth muscle cells and fibroblasts) and bioreactor culture for 4 weeks to generate
TEHVs sufficient for implantation [109]. The mature TEHVs were seeded with
autologous endothelial cells prior to implantation into the pulmonary position of
mature sheep for 3 months. Extensive in vivo remodeling resulted in the replacement
of the fibrin scaffold with cell-produced extracellular matrix. An endothelium was
observed on the valvular surfaces and there was no evidence of thrombi, calcifica-
tion, stenosis, or aneurysms. Despite these promising results, valvular function was
not maintained due to cell-mediated leaflet shortening.

Another fibrin-based TEHV was fabricated by using human dermal fibroblasts
and a cyclic stretch bioreactor [73, 110]. Cell-mediated fibrin gel contraction was
exploited by this group to dictate collagen fiber alignment and mechanical anisot-
ropy similar to the native heart valve root and leaflets [73, 96]. These bileaflet
TEHVs were implanted interpositionally into the pulmonary position of sheep
after comprising the native pulmonary valve leaflets [110]. A concentric sleeve
was placed along the entire root length to mitigate the risk of suture pullout or root
rupture.

Echocardiography immediately following implantation showed coapting leaflets
with regurgitation, orifice area, and pressure gradients comparable to the native
pulmonary valve. However, echocardiography at 4 weeks revealed moderate regur-
gitation due to significant leaflet shrinkage. Only one shortened leaflet was observed
in each of the two valves explanted after 8 weeks. Extensive tissue remodeling and
endothelialization was observed following implantation. Elevated collagen and
elastin concentrations and minimal calcification were observed.

These studies demonstrated the feasibility of TEHVs, but ultimately failed due to
progressive leaflet contraction in vivo. Syedain et al. demonstrated that the
transplanted fibroblasts maintained a contractile phenotype following implantation.
Flanagan et al. also reported that cells in the explanted leaflets expressed alpha
smooth muscle actin. Proposed solutions included fabricating TEHVs with addi-
tional coaptation area, utilizing stiffer polymers to prevent over-compaction, or cell
removal following in vitro tissue remodeling [55, 109, 110].

Decellularization has been explored recently as a means to eliminate in vivo
leaflet shortening by removing the cellular components. It also reduces the immu-
nogenicity of the TEHVs. However, this approach relies on rapid host cell invasion
to repopulate the TEHVs so that cell-mediated repair and remodeling (and poten-
tially growth) can occur. It is imperative that the acellular TEHVs can withstand this
initial phase prior to recellularization in vivo. Decellularization was first performed
on TEHVs fabricated using synthetic polymer scaffolds attached to expandable
nitinol stents [94], and subsequently in TEHVs fabricated using a fibrin gel [90].
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Decellularized TEHVs implanted into the pulmonary position of sheep exhibited
extensive host cell invasion and matrix remodeling. Recellularization was fastest in
the valve root, followed by the root/leaflet attachment area and the leaflets. However,
mild central regurgitation appeared after 8 weeks and progressed to moderate after
24 weeks [91]. This loss of function was attributed to fusion of the leaflets to the
valve root at the leaflet base, as shown in Fig. 5. Similar results were reported in a
senescent nonhuman primate model [99]. However, the appearance of mild to

Fig. 5 Macroscopic appearance of a decellularized TEHV (derived using synthetic polymers), (a–
c) before and after implantation for (d–f) 8, (g–i) 16, and (j–l) 24 weeks. Leaflet coaptation was (d)
maintained for 8 weeks, but (g, j) was not evident thereafter. (e, f, h, i, k, l) Leaflet fusion to the root
(arrows) progressed upward over time, resulting in smaller leaflets. Reprinted from the Journal of
American College of Cardiology, Volume 63/Issue 13, A. Driessen-Mol, M.Y. Emmert,
P.E. Dijkman, L. Frese, B. Sanders, B. Weber, N. Cesarovic, M. Sidler, J. Leenders, R. Jenni,
J. Grunenfelder, V. Falk, F.P. Baaijens, and S.P. Hoerstrup, Transcatheter implantation of homol-
ogous “off-the-shelf” tissue-engineered heart valves with self-repair capacity: long-term function-
ality and rapid in vivo remodeling in sheep. Pages 1320–1329, 2014, with permission from Elsevier
[91]
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moderate regurgitation after 8 weeks was attributed to the passive retraction of the
extracellular matrix in the primate study.

Another decellularized TEHV has also been reported recently using engineered
tubes derived from a sacrificial fibrin scaffold [90]. Following in vitro maturation
and decellularization, the engineered tubes consisted primarily of cell-produced
collagen, which was preferentially aligned in the circumferential direction. The
engineered tubes were sewn onto a three-pronged frame to create a tubular heart
valve and tested under aortic conditions in an in vitro pulse duplicator system
[90]. The TEHVs were subsequently implanted into the aortic position of adult
sheep for up to 24 weeks [111]. Although there has been one other aortic TEHV
study in sheep, it was designed to assess valve delivery, position, and function
immediately after implantation [112]. The study by Syedain et al. was the first
long-term aortic valve study with a traditional TEHV (derived using synthetic or
biopolymeric scaffolds) reported.

Full leaflet motion, laminar flow, and maintained effective orifice area were
observed throughout the entirety of the implant period [111]. Two of the four valves
implanted exhibited trivial to mild aortic insufficiency immediately after implanta-
tion. The insufficiency grade in three of the valves increased after 12 weeks, which
was attributed to small matrix tears near the top of the frame struts. However, the
aortic insufficiency did not progress further between 12 and 24 weeks. No evidence
of calcification was reported in any of the explanted TEHVs. Extensive
recellularization was observed near the base of the leaflets after 12 weeks. After
24 weeks, the cells in these regions expressed vimentin and lacked alpha smooth
muscle actin, similar to native valve interstitial cells. Increased cell invasion was
observed near the leaflet free edge at this time point as well. The invaded cells
deposited proteoglycans, elastin, collagen IV, and laminin. An endothelium was
similarly forming from the base of the leaflets towards the free edge. Similar results
regarding cell infiltration and matrix deposition were observed when a ‘pediatric’
heart valve flow was implanted into a growing sheep model. This valve was
fabricated using the same starting tissue, degradable sutures, and lacked a
frame [113].

6 Remaining Challenges

The prospect of using tissue engineering principles to generate a living heart valve
capable of repairing and remodeling itself is promising and exciting. However, there
are numerous challenges remaining before a tissue engineered heart valve can be
safely translated to the clinic. These heart valves must demonstrate both short- and
long-term function in dynamic mechanical and flow environments. In order to
respond to these environments and other biological cues, the correct cells must
reside in the TEHV and maintain a homeostatic functional state over an extended
period of time [114]. This challenge is exacerbated in pediatric patients who are also
undergoing somatic growth.
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Due to the breadth of valve fabrication methods (scaffolds, cells, cell stimulation,
etc.) continued research is needed to identify the optimal TEHV. The use of animal
models will be crucial in order to elucidate the host response to TEHVs and their
various components in regards to thrombosis, inflammation, infection, and calcifi-
cation. Demonstrating repeatable and long-term valve function has been a challenge
for the field to date.

Since TEHVs depend on resident cells to confer remodeling and somatic growth
in response to physiologic cues in vivo, it will be crucial to assess their presence and
phenotype following implantation. Ensuring cellularity is essential for decellularized
valves, which are reliant on host cell invasion to provide durability (via secretion of
new matrix proteins) and hemocompatibility. Demonstrating success in these areas
will be critical to the success of the heart valve tissue engineering field.

7 Summary

There are numerous approaches to developing a TEHV, each with their own
advantages and disadvantages. Various cell sources, scaffold materials, and cell
stimulation paradigms have been explored with varying levels of success. Ensuring
the safety and efficacy of a tissue engineered valve prosthesis will require well-
designed in vitro and in vivo studies. Translating tissue engineered heart valves into
the clinic is promising, but also challenging, as evidenced by outcomes of in vivo
TEHV studies to date.
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Decellularization in Heart Valve Tissue
Engineering

Katherine M. Copeland, Bo Wang, Xiaodan Shi, Dan T. Simionescu,
Yi Hong, Pietro Bajona, Michael S. Sacks, and Jun Liao

Abstract Annually, over 50,000 deaths are attributed to heart valve disease (HVD)
in the United States. The most common treatment for HVD, such as stenosis and
regurgitation, is total valve replacement using mechanical and bioprosthetic heart
valves, which often results in subsequent surgery to replace failed implants. For the
pediatric population especially, a viable valve implant with the potential to repair,
remodel, and grow within the patient is a great clinical need. Recent research has
demonstrated that tissue-engineered heart valves (TEHV) have the potential to
deliver a viable valve replacement, which is constructed with scaffolds and func-
tional cells. Acellular heart valve (HV) scaffolds obtained by decellularization,
biological polymer scaffolds, and synthetic polymer scaffolds have been widely
used for TEHV fabrication, each having advantages and disadvantages. In this
chapter, we focus on TEHV via a decellularization approach and provide a system-
atic review covering (1) the concepts of decellularization and current
decellularization methods, (2) a comparative study showing how the ultrastructure
and biomechanics of acellular HV scaffolds were affected by different
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decellularization methods, (3) the cell sources and bioreactor systems for TEHV
reseeding, conditioning, and integrity testing, and (4) the current accomplishments
of HV decellularization in animal studies and clinical trials and the challenges in
moving this approach toward clinical applications.

Keywords Heart valves · Decellularization · Aortic valve leaflets · Acellular valve
scaffolds · Extracellular matrix · Trilayered structure · Collagen · Elastin ·
Proteoglycans · Tissue engineering · Bioreactors · Valve replacements

1 Introduction

Heart valve diseases comprise a considerable portion of cardiovascular diseases, a
major cause of morbidity and mortality. Heart valve disease occurs when one or
more of the four heart valves no longer functions as it should, commonly due to
stenosis, regurgitation, or congenital defects. According to the American Heart
Association (AHA), 50,222 deaths in the USA were related to heart valve diseases
in 2013 [1, 2]. The tricuspid valve, pulmonary valve, mitral valve, and aortic valve
are the four types of valves in the heart that ensure unidirectional blood flow
beginning from the right atrium, followed by the right ventricle, pulmonary artery,
left atrium, left ventricle, and lastly the aorta. The aortic valve, located between the
aorta and the left ventricle, is most prone to disease among the four types of heart
valves due to the high working pressure and complicated stresses involved in its role
in governing blood flow from the heart to the rest of the body [3]. In fact, aortic valve
disease (AVD) led to approximately 39,000 of reported deaths in 2013 [1]. For
patients with end-stage heart valve disease, complete heart valve replacement is
currently the standard treatment option [2, 4].

Mechanical and bioprosthetic heart valves are the two primary options for heart
valve substitutes. Although these substitutes can be successful in clinical applica-
tions, each of these options has major shortcomings [5]. Mechanical heart valves are
made of synthetic materials, which give them excellent long-term durability of
~20–30 years [6]; however, patients with these valves face the risk of thromboem-
bolic complications and require lifelong anticoagulation therapy [5]. On the other
hand, bioprosthetic heart valves are made from chemically crosslinked (e.g., glutar-
aldehyde) porcine aortic valves or bovine pericardium, which give excellent hemo-
dynamic performance and do not require lifelong anticoagulation therapy. However,
bioprosthetic heart valves lack long-term durability and, therefore, have a limited
lifespan, up to ~15–20 years [7, 8], due to progressive leaflet structural deterioration
and calcification [9, 10]. Cryopreserved homografts have also been employed, but
are limited by donor shortage and long-term degeneration [9–11]. A recent option,
used in patients who are considered inoperable, is transcatheter aortic valve replace-
ment (TAVR), which works by inserting a collapsible bioprosthetic valve through a
catheter and placing and expanding it into the aortic root; nevertheless, TAVR
experiences durability limitation similar to bioprosthetic heart valves, as well as its
own issues such as paravalvular leak [12].

290 K. M. Copeland et al.



For the above-mentioned options, it is important to note that all the valve sub-
stitutes lack the capability to grow and remodel within the patient and hence present
a major challenge in applications in the pediatric population [11]. Thus, pediatric
recipients of all types of heart valve prostheses are subjected to subsequent surgeries
to replace the valves that they have outgrown [13]. Another major concern with
pediatric bioprosthetic heart valves is the acceleration of heart valve calcification
[14]. Calcification is commonly caused by cellular xenograft rejection and glutaral-
dehyde fixation pretreatment, especially in younger, growing recipients
[14, 15]. Therefore, there is a great need for tissue-engineered heart valves
(TEHV) that experience no deterioration/calcification and can grow and remodel
in response to the pediatric patient’s somatic growth.

Although diseased aortic valves are generally most common and, therefore,
introduce the need for tissue-engineered aortic valves (TEAV), there is also a need
for tissue-engineered pulmonary valves (TEPV). For instance, in the Ross procedure
for pediatric patients, the diseased aortic heart valves are replaced by autografts of
the patient’s own pulmonary valve. The pulmonary valve is then replaced by a donor
homograft [16]. This homograft requires a need for re-intervention more commonly
than the pulmonary autograft. Depending on the age of the patient and the patient’s
response to the initial homograft, the homograft may need to be replaced by another
homograft or even a mechanical or biosynthetic valve [17], thus arises the need for
a TEPV.

In general, researchers hope to fabricate these TEHVs by recellularizing three-
dimensional (3D) scaffolds to achieve cell-scaffold integration, appropriate mechan-
ical properties, and robust functional performance. Recellularization can be achieved
via either in vitro bioreactor conditioning or surgical insertion of a cell-free construct
that encourages host cell migration and repopulation in vivo [18]. Both approaches,
in vitro recellularization and in vivo cell repopulation, rely on the design and
fabrication of scaffold materials.

The most commonly researched scaffold materials for TEHV include synthetic
polymer scaffolds, biological polymer scaffolds, and acellular HV scaffolds. Syn-
thetic sources such as poly(glycolic) acid (PGA), poly(lactic) acid (PLA), poly
(caprolactone) (PCL), and poly(hydroxyalkanoate) (PHA) offer uniform mechanical
and structural control; however, degradation rates and cell compatibility of these
scaffolds are not easily predicted [19]. In vitro cellular seeding of polymeric scaf-
folds has shown to increase cell viability, leading to the production of extracellular
matrix (ECM) that is important for the continuance of cellular integration and
maintenance of mechanical properties; however, cell proliferation and ECM pro-
duction rates in current studies have not been optimal [19–21]. On the other hand,
biological polymer scaffolds, such as collagen, fibrin, and hyaluronic acid, offer the
inherent benefit of cell compatibility but are not as mechanically sound as their
synthetic counterparts [19]. It was reported that biological polymer scaffolds are
currently mechanically unsuitable for aortic valve replacement since their weak
mechanical strength cannot match the high working pressure required of the aortic
environment [19, 21, 22].

Heart Valve Decellularization 291



In this chapter, we will focus on acellular HV scaffolds and provide a systematic
review covering (1) the concepts of decellularization and current decellularization
methods, (2) a comparative study showing how the ultrastructure and biomechanics
of acellular HV scaffolds were affected by different decellularization methods,
(3) the cell sources and bioreactor systems for TEHV reseeding, conditioning, and
integrity testing, and (4) the current accomplishments of HV decellularization in
animal studies and clinical trials and the challenges in moving this approach toward
clinical applications.

2 Fundamentals of Tissue-Engineered Heart Valves

The goal of tissue engineering is to create a functional and living organ that can
repair, remodel, and grow within the patient just as the native organ would in
response to injury, disease, and normal physiological forces [11, 23]. To achieve
this goal, three requirements must be met: (1) proper 3D scaffolds; (2) isolation of
appropriate cell sources (unless using a cell-free approach); and (3) in vitro culture
conditions, such as bioreactor conditioning, that can produce the final tissue-
engineered product prior to implantation [18, 23].

The ideal TEHV should be widely available, allow cell attachment, proliferation,
and migration, provide structural and biomechanical cues and biochemical signals in
favor of valvular interstitial cell and valvular endothelial cell behavior, and grow as
the patient develops [24, 25]. Additionally, TEHV should have regenerative poten-
tial, optimal mechanical properties, low risk of matrix degeneration and thrombo-
embolism, and should be free of adverse immune responses [24, 25]. Therefore, the
first challenge in creating a TEHV is constructing 3D scaffolds with proper ECM
components, ultrastructure, and mechanical properties. Moreover, it is important to
implement the proper cell source and type to achieve successful recellularization of
heart valve scaffolds [26]. The two cell types required for TEHV are myofibroblast-
like valve interstitial cells (VICs) and valve endothelial cells (VECs) [23]. In the
context of TEHV, valve interstitial cells produce ECM and are, therefore, responsi-
ble for the development of tissue to match the mechanical properties of native heart
valves [23]. Endothelial cells act as a covering for the surface of TEHV and prevent
thrombotic complications from occurring [23]. Previous studies show that both types
of cells can be harvested or derived from vascular vessels, bone marrow, umbilical
cord blood (UCB), and amniotic fluid [23]. Lastly, HV bioreactors, in vitro systems
that are designed to mimic the pressure profile of the left ventricle, provide physi-
ological stimulations allowing the cells to thoroughly reseed the HV scaffolds,
proliferate, differentiate into or maintain the right phenotypes, and synthesize ECM.
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3 Components and Ultrastructure of Aortic Valves

As mentioned above, the aortic valve is the most commonly diseased of the four
heart valves. Consequently, the aortic valve has been studied most in the field of
HV tissue engineering. It is thus important to understand its constitutive ECM
components, ultrastructure, and cellular constituents. With the knowledge of the
natural design of aortic valve scaffolds and cells, bioengineers can better develop a
tissue engineered aortic valve (TEAV).

3.1 Structure of Aortic Valve

The aortic valve consists of three flexible tissue leaflets (or cusps) and a circular root
complex, and is categorized as a semilunar valve due to its half-moon shaped leaflet
[27]. The aortic valve leaflet is a thin, flexible trilayered structure composed of the
fibrosa, spongiosa, and ventricularis layers, which contribute to its complicated and
efficient biomechanical functions [28, 29]. The fibrosa is the thickest and main load-
bearing layer of the three. It is located at the aortic side and is responsible for tissue
strength and durability [28]. The fibrosa is comprised of a dense collagen network,
primarily type I collagen. Type I collagen forms thick fiber bundles that are primarily
oriented in the circumferential direction of the valve leaflet. Type III collagen is also
present and forms finer, more reticulate fibers. In the fibrosa, elastin fibers are
sparsely meshed with the collagen fiber network [28]. The middle layer, the
spongiosa, consists mainly of glycosaminoglycans (GAGs) [30] and a relatively
sparse collagen fiber network that spans across the spongiosa and connects the
fibrosa and ventricularis layers [28, 31]. The spongiosa operates as a cushion
between the fibrosa layer and ventricularis layer and reduces the shear stresses due
to valve flexure, enabling long-term durability of the valves. Moreover, the inter-
connection of collagen fibers across the spongiosa allows a trilayered structure with
less risk of delamination. The ventricularis, the thinnest of the three layers, mainly
consists of radially oriented elastin fibers, which support large deformation along the
radial direction and minimize energy dissipation during valve loading and unloading
[32, 33].

3.2 Cellular Components of Aortic Valve

Cellular components of the aortic valve include VICs and VECs that account for
nearly 30% of the volumetric density of the valve [34]. VICs are the principal cell
population and are essential to valve function. Structurally and mechanically, VICs
are an intermediate cell-type between fibroblasts and smooth muscle cells, but also
take on characteristics of contractile myofibroblasts in response to injury or disease
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[34, 35]. VICs are responsible for maintaining the structural and mechanical prop-
erties of tissues, and also play a role in remodeling and repairing damaged valve
tissue by synthesizing important ECM components such as type I collagen and
glycosaminoglycans (GAGs) [36, 37]. VECs are oriented orthogonally to the direc-
tion of blood flow and form a continuous layer. In response to hemodynamic flow,
VECs regulate the phenotype of VICs to maintain the overall leaflet tissue integrity
[38]. During the developmental, mature, and aging stages, the cell components, cell
density, and cell phenotype of the heart valves change accordingly [39]. Because of
the dynamic cellular changes that occur throughout people’s lives, it is important to
achieve the proper cellular components, cell densities, and cell phenotypes prior to
implantation of a tissue-engineered construct. This is especially true when deciding
between a cell seeded construct or an acellular construct.

4 Decellularization and Applications in TEHV

4.1 Concept of Decellularization and Acellular HV Scaffolds

Decellularization is the removal of all cellular materials from a native tissue via
chemical, enzymatic, and/or physical means [40]. To obtain acellular HV scaffolds,
it is important to identify the optimal decellularization protocols that can thoroughly
remove all cellular contents, including the cell membrane and chromosomal debris,
while introducing minimal structural disruption and preserving the mechanical
properties.

The first successful decellularization protocol was performed on small intestine
submucosa in 1995 by Badylak et al. using a chemical detergent treatment
[41]. Since then, common decellularization methods, including chemical, enzymatic,
and/or physical treatments, have been developed. The combination of these treat-
ments disrupts the cell membrane, releases cell contents, and facilitates removal of
cellular components from the ECM. Badylak et al. also notes that the degree to
which decellularization occurs depends upon the tissue and the specific
decellularization protocol used [41]. It is thus important to utilize the optimal
decellularization protocols for each specific tissue to achieve the desired acellular
scaffold properties and performance.

Decellularization techniques have been applied to heart valve tissue engineering
and have shown promising results in large animal studies, preclinical testing, and
clinical trials [26, 42–44]. The advantages of the decellularized heart valves as
scaffolds include preservation of leaflet morphology and geometry, native ECM
molecules, overall ultrastructure and trilayered configuration, and similar mechani-
cal and functional behavior to that of the native heart valve leaflet.

The trilayered structure design, the distribution and configuration of collagen,
elastin, and GAGs in individual layers, along with valve tissue viscoelasticity are
thought to contribute to the overall excellent performance and durability of heart
valve leaflets [11]. Decellularized heart valves preserve most of the above traits and
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are, therefore, attractive scaffolds for TEHV [45]. However, there are still concerns
about acellular HV scaffolds, such as disruption of certain ECM architecture,
challenges in thorough reseeding, immunogenicity, and toxicity by possible residual
chemicals used in the decellularization process [19, 46]. In the following section, we
briefly summarize various decellularization methods and protocols and discuss their
advantages and disadvantages.

4.2 Decellularization Techniques Available for HV
Decellularization

Currently, valve tissues of human origin or xenogeneic origin have been
decellularized with various protocols to obtain acellular HV scaffolds for valvular
tissue engineering [47, 48]. Different decellularization protocols involve physical,
chemical, or enzymatic treatments, or a combination of those techniques [40, 49].

Decellularization Using Physical Forces. In decellularization, the most com-
monly used physical methods include application of mechanical forces, snap-
freezing, sonication, and mechanical agitation [40]. Mechanical forces can cause
cell lysis; however, only the cells on the surface of the tissues, the cells near the
surface, and the cells associated with sparsely organized ECM structures can be
effectively removed with this method [40]. Snap-freezing disrupts cellular mem-
branes by forming intracellular ice crystals that cause cell lysis; however, the
intracellular contents still need subsequent processing for removal [40, 50]. Mechan-
ical agitation and sonication have often been applied along with chemical treatments
to facilitate cell lysis and cellular debris removal. Overall, physical treatment is
insufficient to achieve thorough decellularization when applied alone, and must be
combined with other chemical and/or enzymatic treatments to remove cellular
remnants [40].

Decellularization via Chemical Agents. Chemical agents for decellularization
include acids and bases, hypotonic and hypertonic solutions, and detergents
[41]. Acids and bases not only cause hydrolytic degradation of biomolecules, but
also damage ECM components and decrease mechanical properties [51–54]. Hyper-
tonic saline can cause DNA to be dissociated from proteins [55]; hypotonic solutions
can cause cell lysis by an osmotic effect and better preserve the ECM architecture
[56]. Detergents, such as Triton X-100, sodium deoxycholate acid, sodium dodecyl
sulfate (SDS), deoxycholic acid, and ethylenediaminetetraacetic acid (EDTA), are
most commonly used in decellularization. These detergents have the capability to
preserve, at various degrees, overall tissue dimension, ECM ultrastructure, and
mechanical behaviors, and simultaneously disrupt lipid–lipid bonds/lipid–protein
bonds and remove cellular nuclei/DNA from dense tissues and organs [40]. It was
reported that the combination of multiple detergents is more effective for cell
removal [57] and ultrastructure preservation [58, 59] than the single-detergent
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treatments; however, detergent treatments alone cannot completely dissolve and
remove the cellular fragments [60, 61].

Decellularization via Enzymatic Treatments. Enzymatic treatments, including the
use of trypsin, endonucleases, exonucleases, collagenase, lipase, dispase,
thermolysin, and α-galactosidase, can specifically remove cell residues, leaving
behind the overall structural and functional ECM constituents. Nonetheless,
enzyme-treated scaffolds showed fragmentation and distortion of the ECM compo-
nents [62]. Furthermore, enzymatic agents used for decellularization can be difficult
to remove from the acellular tissue scaffolds and may subsequently result in an
immune response [40]. In decellularization applications, enzymes are usually added
into the decellularization solution along with chemical detergents since enzymatic
treatment alone is inadequate to achieve complete cell removal [41].

5 Effects of Decellularization Protocols on Leaflet
Biomechanics and a Study on Fatigue Mechanism

In general, decellularization maintains the overall structural and mechanical charac-
teristics of the native tissues; however, specific decellularization protocols can result
in different levels of preservation of those properties. Liao et al. performed a
comparative study to determine the effects of three major decellularization protocols
on the structural and mechanical properties of aortic valve leaflets [45]. The main
decellularization agents of the three major protocols were (1) an anionic detergent—
sodium dodecyl sulfate (SDS), (2) an enzymatic agent—Trypsin, and (3) a nonionic
detergent—Triton X-100. The various outcomes of the acellular leaflets from those
three decellularization protocols were reported [45].

Effects of Decellularization Protocols on Leaflet Mechanical Behavior. It was
found that under 60 N/m equibiaxial tension, the three protocols all increased the
extensibility of the acellular leaflets, with Triton X-100 exhibiting the greatest
increase (Fig. 1a) [45]. Analysis of maximum stretch ratios along the circumferential
direction (λc) and the radial direction (λr) revealed that Triton X-100 had the greatest
effect on extensibility in the radial direction (Fig. 1b). The three protocols did not
affect the maximum tensile modulus (MTM) of the radial direction, but increased the
MTM of the circumferential direction, with the Triton X-100 protocol causing the
largest MTM increase (Fig. 1c). Axial coupling, a parameter reflecting the inter-fiber
mechanical interactions and fiber rotations, revealed that all three decellularization
protocols induced larger changes in stretch along the opposite stretch axis, which
meant a higher degree of axial coupling (Fig. 2a, b). This observation could be
explained by the increased fiber mobility after decellularization, i.e., a collagen
network less bounded in the acellular leaflets. Bending tests of the leaflets showed
that all three decellularization protocols induced a large decrease in flexural rigidity
(Fig. 2c). Furthermore, the momentum-curvature curves of the acellular leaflets all
showed a nonlinear response in both “with curvature” (WC) and “against curvature”
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(AC) bending while the native leaflets had a much stiffer, near linear moment–
curvature relationship (Fig. 2c, d). The decreased flexural rigidity and nonlinear
response of the acellular leaflets were likely associated with loss of tissue stiffness
and ECM disruption after decellularization [45].

Effects of Decellularization Protocols on Leaflet Ultrastructure. Digital images
of the intact leaflets were taken before and after decellularization with a bright light
shining from the back and through leaflet. It was found that the gross collagen fiber
architecture, including the branching of collagen fiber bundles and the thinning
regions with finer network features, were preserved after decellularization (Fig. 3a,
b). Different decellularization protocols have different effects on the dimensions of
the acellular leaflets. Evaluation of area and thickness before and immediately
after decellularization showed that (1) the SDS protocol did not cause any statistical
differences in area or thickness of the acellular leaflets; (2) the Trypsin protocol
increased both the area and thickness of the acellular leaflets ( p ¼ 0.011 and
p ¼ 0.002, respectively); and (3) the Triton-X protocol decreased both the area

Fig. 1 Parameters for biaxial behavior of aortic valve leaflets obtained by different
decellularization protocols. Net extensibility was represented by areal strain (a) and maximum
stretch ratios (b) in the circumferential and radial directions at 60 N/m equibiaxial tension. Net
extensibility increased for all decellularization protocols. (c) Maximum tangent modulus (MTM)
was increased in the circumferential direction with no effect in the radial direction under 60 N/m
equibiaxial tension. Reprinted with permission from Effects of decellularization on the mechanical
and structural properties of the porcine aortic valve leaflet, by Liao et al., March 2008
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and thickness of the acellular leaflets ( p < 0.001 and p < 0.001, respectively)
(Table 1).

Small angle light scattering measurements were performed over the entire leaflet
to reveal the local and gross fiber structure, including the preferred fiber orientation
(short dark line) and degree of fiber alignment (color code) in local regions (Fig. 3c–
f). Native leaflets showed significant regional variations with various degrees of
alignment, in which the coaptation region and the mid-belly region aligned relatively
well, but other regions, such as the regions near the annulus and the regions
containing the Nodulus of Aranti, showed poorer alignment (Fig. 3c). The SDS
and Trypsin protocols were able to preserve the regional variations, while causing an
overall decrease in the degree of alignment, especially in the belly region (Fig. 3d, e).
The acellular leaflets obtained with the Triton X-100 protocol showed a loss of
typical regional variation and displayed more homogenous fiber structure (Fig. 3f).

Histological images of hematoxylin and eosin (H&E) stained heart valve leaflets
demonstrated that the three protocols thoroughly removed all cell nuclei (Fig. 4b–d).
By comparing the Movat’s Pentachrome histological images, it is noticeable that the

Fig. 2 Axial cross-coupling for biaxial protocols for the (a) circumferential and (b) radial direc-
tions demonstrated that all decellularization protocols caused changes when compared to the native
valve (NA), which is likely caused by the structural changes in the tissue following
decellularization. The flexural behavior of (c) the decellularized valve leaflets exhibited a nonlinear
response both with and against the curvature, while (d) the native valve leaflets had an overall linear
response. The nonlinear behavior is likely due to the decrease in flexural rigidity and ECM
disruption. Reprinted with permission from Effects of decellularization on the mechanical and
structural properties of the porcine aortic valve leaflet, by Liao et al., March 2008
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Fig. 3 Morphology of the native aortic valve leaflet (a) and the same leaflet decellularized with the
SDS protocol (b), showing the overall collagen fiber architecture was preserved after
decellularization. Fiber architecture mapped by small angle light scattering (SALS) demonstrated
that, when compared to the native valve leaflet (c), the SDS-treated valve leaflet (d) had better
alignment than the trypsin-treated valve leaflet (e) and the Triton X-100-treated valve leaflets (f)
(larger NOI corresponds to better alignment). Reprinted with permission from Effects of
decellularization on the mechanical and structural properties of the porcine aortic valve leaflet,
by Liao et al., March 2008

Table 1 Different decellularization protocols caused different changes in leaflet dimensions

Area of valve leaflets (mm2) Thickness of valve leaflets (mm)

Before
decellularization

After
decellularization

Before
decellularization

After
decellularization

SDS
Trypsin
Triton
X-100

264.5 � 36.8
250.5 � 42.4
260.9 � 36.3

268.0 � 35.9
302.8 � 49.6*

213.2 � 26.6*

0.48 � 0.07
0.43 � 0.04
0.31 � 0.05

0.43 � 0.08
0.48 � 0.04*

0.16 � 0.04*

The SDS protocol did not cause any statistical differences in area or thickness of the acellular
leaflets. The Trypsin protocol increased both the area and thickness of the acellular leaflets
( p ¼ 0.011 and p ¼ 0.002, respectively). The Triton-X protocol decreased both the area and
thickness of the acellular leaflets ( p < 0.001 and p < 0.001, respectively). Values are given as
Mean � SEM. * denotes statistical significance when compared with the area and thickness of the
native valve leaflet. Reprinted with permission from Effects of decellularization on the mechanical
and structural properties of the porcine aortic valve leaflet, by Liao et al., March 2008
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SDS protocol preserved the trilayered structure very well (Fig. 4e, f), while the
Trypsin protocol and Triton X-100 protocol caused depletion of GAGs in the
spongiosa after decellularization (Fig. 4g, h). Moreover, the Trypsin protocol and
the Triton X-100 protocol resulted in significant changes in ECM ultrastructure. The
ECM in Trypsin-decellularized leaflets showed a swollen and loose collagen fiber
structure, as well as a disrupted elastin network (Fig. 4g). The swelling of the ECM
network and loss of elastin constriction could possibly explain the increased leaflet
area and thickness in Trypsin-decellularized leaflets (Fig. 4g and Table 1). On the
other hand, the acellular leaflets obtained with Triton X-100 showed a condensed
collagen fiber morphology and a relatively well-preserved elastin fiber network
(Fig. 4d, h), which is consistent with the observed overall tissue shrinkage shown
by the decreased leaflet area and thickness (Table 1) [45].

Polarized light microscopy was applied to picrosirius red-stained slices to reveal
the collagen crimp structure in the leaflets. The fibrosa layer in the native leaflets
exhibited macroscopically well-organized light distinguishing bands, which

Fig. 4 Histology for (a–d) hematoxylin and eosin (H&E), (e–h) Movat’s Pentachrome, and (i–l)
picrosirius red stains. H&E stains verified that no cell nuclei were present after decellularization
with each protocol. The trilayered structure of the leaflet decellularized with (f) SDS (anionic
detergent) was very similar to the trilayered structure of the (e) native aortic valve leaflet. However,
the spongiosa was depleted with decellularization with (g) Trypsin (enzymatic agent) and (h) Triton
X-100 (nonionic detergent). (i–l) The macroscopically well-organized collagen crimp structure was
disrupted by all three decellularization protocols as compared to the native aortic valve leaflet.
Reprinted with permission from Effects of decellularization on the mechanical and structural
properties of the porcine aortic valve leaflet, by Liao et al., March 2008
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revealed the well-coordinated collagen crimp structure spanning the fibrosa (wavy
collagen fibers) (Fig. 4i). Noticeably, when compared to the native leaflets, the
acellular leaflets obtained from all three decellularization protocols showed that
the collagen fibers were locally crimped (Fig. 4j–l), but no longer had macroscopic
distinguishing bands (Fig. 4i) [45]. Although collagen fibers in the acellular leaflets
retained a degree of local crimp structure, their macroscopically disrupted alignment
was understandably an important contributor to the altered leaflet mechanical behav-
ior, such as increased tissue extensibility. Moreover, loss of the well-organized
collagen crimp structure indicated a loss of certain protective mechanism associated
with this natural design [63], which might affect collagen fiber loading behavior and
long-term tissue durability [45].

Fatigue Mechanism of the Acellular Leaflets. It is important to understand the
fundamental fatigue mechanism of the acellular leaflets, so researchers can better
predict the fate of implants and envision strategies to prevent structural degeneration
and increase valve durability. Liao et al. developed a pulsatile flow loop equipped
with a silicone root featuring the Valsalva sinus design to subject the decellularized
aortic valve conduits to in vitro cardiac exercising (2 weeks: ~1.0 million cycles;
4 weeks: ~2.0 million cycles) [64]. The exercised leaflets were characterized to
assess the structural and mechanical alterations [64]. Although this in vitro cardiac
exerciser still represented a harsh environment, in which the effects of solution
storage could not be fully excluded and the observed fatigue took place in an
accelerated fashion, the fatigue pattern of the acellular leaflets did reveal the trend
of leaflet ECM disruption without cellular maintenance.

The observations can be summarized as follows: (1) Although the overall mor-
phology was maintained and the leaflets were able to coapt and support pressure
load, the fatigued leaflets exhibited an unfolded and thinned morphology (Fig. 5);
(2) the thinned morphology was a result of the straightening of the locally wavy
collagen fibers and the disruption of the elastin network; (3) the unfolding of wavy

Fig. 5 H&E staining (a, b, e, f) and polarized light (picrosirius red staining) (c, d, g, h) showed the
straightening of collagen fibers in the exercised leaflets. (a, c) 2-week exercising and (b, d) 2-week
static control; (e, g) 4-week exercising and (f, h) 4-week static control. Reprinted with permission
from The Intrinsic Fatigue Mechanism of the Porcine Aortic Valve Extracellular Matrix, by Liao
et al., January 2012
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collagen fibers and structural thinning caused a changed leaflet reference status and
resulted in lower net tissue extensibility of the fatigued leaflets (Fig. 6) [64]. In short,
due to lack of either exogenous stabilizing crosslinks and/or cellular maintenance,
the decellularized valve leaflets experienced structural fatigue and the structural
disruption was irreversible and cumulative [64]. This study points out two
approaches that can help resist fatigue caused by cyclic loading, i.e., exogenous
stabilizing crosslinking and recellularization of the acellular leaflets (either in vitro or
in vivo), in order to achieve tissue maintenance and remodeling.

6 Cell Sources for TEHV

With regard to applications of TEHV, several types of human cells have been studied
including vascular-derived cells, bone marrow-derived cells, UCB-derived cells, and
amniotic fluid-derived stem cells. Vascular endothelial cells are commonly used in
recellularization and can be harvested from the vasculature and proliferated in vitro
[44, 65]. Vascular endothelial cells have proven to be effective to reconstruct the
right ventricular outflow tract (RVOT) during the Ross operation. In one study, after
Dohmen et al. replaced the diseased aortic valve with the autologous pulmonary
valve, an acellular pulmonary valve autograft seeded with autologous vascular
endothelial cells was used to replace the pulmonary valve and reestablish the
RVOT [44]. After 1 year follow-up, the reconstructed RVOT continued to

Fig. 6 A schematic illustration of the underlying structural mechanism for net extensibility
changes. (a) Native aortic valve leaflet, (b) Decellularized leaflet right after SDS treatment, and
(c) Decellularized valve leaflet after cardiac cycling. Note that the sketches of collagen fibers were
simplified for illustrative purposes. Refer to the histology in this study and our previous study for
the details of collagen fiber organization. Reprinted with permission from The Intrinsic Fatigue
Mechanism of the Porcine Aortic Valve Extracellular Matrix, by Liao et al., January 2012
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demonstrate excellent hemodynamic function [44]. It is believed that seeding the
decellularized heart valves with vascular endothelial cells may increase valve
hemocompatibility and decrease the chance of valve degeneration, and hence
increase valve durability.

Recently, new cell sources with improved growth and differentiation potential
have been evaluated as reseeding cells in HV tissue engineering. Bone marrow-
derived cells, UCB-derived cells, and amniotic fluid stem cells are attractive candi-
dates for reseeding because of their proliferative potential. Bone marrow-derived
cells are easily isolated and demonstrate high volume cellular expansion in vitro
[66]. Due to the excellent proliferation and differentiation potential, bone marrow-
derived cells have been used to regenerate heart valves in vitro [21, 67]. It is worth
mentioning that bone marrow-derived cells are easily converted into endothelial
cells, fibroblasts, myofibroblasts, and smooth muscle cells that bear a resemblance to
valvular cells [68]. However, these cells still meet the challenge of inflammatory and
thrombotic reactions [69].

The umbilical cord contains various types of progenitor cells including mesen-
chymal cells and endothelial progenitor cells (EPC) from Wharton’s jelly tissue
[70]. Umbilical cord- or cord blood-derived cells can be used as an alternative to
endothelial cells and fibroblasts, and provide the high number of cells required in
regenerative medicine [71]. The extraordinary proliferative capability of
UCB-derived cells and the efficiency in providing a large number of endothelial-
like cells for HV tissue engineering make them an attractive autologous cell source,
particularly for congenital defects [72–75]. The disadvantages of UCB-derived cells
is their low adhesive ability after cryopreservation and subsequent thawing, and the
long-term influence of storage is still unknown [76]. Amniotic fluid-derived stem
cells are unique fetal cell sources that contain multipotent stem cells with potential
for tissue engineering applications [77]. Schmidt et al. created a viable autologous
heart valve leaflet ex vivo with a single cell source isolated from human amniotic
fluid [78]. Both UCB-derived cells and amniotic fluid-derived cells serve as a
multipotent stem cell source without raising the ethical concerns involved in the
use of embryonic stem cells [79, 80].

Since numerous practical cell sources (vascular-derived cells, bone marrow-
derived cells, UCB-derived cells, and amniotic fluid stem cells) exist, no further
attention has been given to embryonic stem cells, despite the success of in vitro
experiments. This is largely due to the ethical concerns surrounding the use of
embryonic stem cells, as well as the uncertainty of long-term biological safety and
efficacy following implantation [81]. However, induced pluripotent stem cells (iPS
cells) have a promising future in the field of TEHV. Although a current protocol does
not exist, efforts are being made to generate engineered VICs from iPS cells [82].
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7 Bioreactors for TEHV Development

Bioreactor systems are often used in various tissue engineering applications to
provide tissue constructs with an environment that mimics the in vivo environment
of the target tissues/organs, as well as provide precise physical stimulations, such as
mechanical loading, pressure, fluid flow, and electrical stimulation [83–85]. In HV
tissue engineering, the goal of a bioreactor is to create a mechanical and biochemical
environment that closely mimics the physiological condition experienced by native
HV, and is hence designed to control parameters such as temperature, oxygen
diffusion, biofactors, flow rate, and pressure gradients that open and close the
heart valves [86]. Previous studies have demonstrated that these physical and
biochemical cues together are able to facilitate cell migration, proliferation, align-
ment, and ECM formation and remodeling [19, 21, 87–89]. The bioreactor system
functions to condition TEHV prior to surgical implantation, as well as observe and
address any structural irregularities [19, 86].

For example, mechanical stimuli such as cyclic stretch, cyclic flexure, and shear
stress induced by flow have been included as loading modes in a flex–stretch–flow
(FSF) bioreactor [88, 89]. By employing neodymium magnets embedded in a
paddlewheel, culture medium was recirculated within the bioreactor system. Using
this two-chambered FSF bioreactor, Engelmayr et al. applied stretch, flexure, and shear
independently or in combination, and examined their effects on cell differentiation and
proliferation, ECM remodeling, and the maturation of the TEHV [88, 89]. Their study
concluded a synergistic effect of combinedmechanical stimulations on TEHV [88, 89].

Pulsatile flow bioreactors have been designed to condition intact TEHV, aiming
to accurately mimic the tissue’s physiological environment by providing mechanical
forces that stimulate cellular migration and attachment to the acellular constructs
[21, 90–92]. By using a bioreactor that could apply pulsatile fluid flow stimulations,
Zeltinger et al. developed a TEHV from decellularized porcine aortic valves seeded
with human neonatal fibroblasts [91]. This pneumatic bioreactor apparatus consisted
of a valve holder assembly that stabilized and submerged the aortic valves in a
chamber filled with culture medium. A return flow loop was used to circulate the
medium through the valves at a rate of 25 mL/min [91]. This study demonstrated
that, after 8 weeks in vitro culture, the TEHV was viable and could secrete several
extracellular matrix proteins [91]. Mol et al. seeded a tri-leaflet polyglycolic acid
(PGA) heart valve scaffold with human saphenous vein cells in a six-part diastolic
pulse duplicator (DPD) bioreactor system, which provided dynamic strains to the
leaflets [92]. The six parts of the DPD worked together simultaneously to culture the
cells, as well as monitor the pressures upstream and downstream of the leaflets
[92]. Their results showed that a large amount of ECM was formed in the condi-
tioned TEHV, and the TEHV exhibited nonlinear mechanical properties [92].

Recently, Sierad et al. designed a state-of-the-art bioreactor to condition and
analyze the function of an acellular porcine aortic valve treated with PGG for
stabilization purposes [86]. In addition to the three chambers (air, ventricular, and
aortic chamber), this pneumatic bioreactor system consisted of a pressurized com-
pliance tank, a reservoir tank, one-way valves, pressure transducers, and a ventilator
pump that all fit within a standard incubator (Fig. 7) [86]. Aortic valves were
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Fig. 7 Heart valve bioreactor and conditioning system. (a) Computer-aided design (left) and
manufactured heart valve bioreactor (right) showing the four main components. A transparent
silicone membrane diaphragm is mounted between the air chamber and the ventricular chamber.
(b) Air and media flow through the system during systole (left) and diastole (right). Color coding
aids identification of the components, and black arrows indicate direction of air and media flow. (c)
Schematic overview of the entire conditioning system: a three-chambered heart valve bioreactor (1),
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mounted between two o-rings on the valve-holder. During inspiration, the ventilator
pushed air into the air chamber, which was connected to the ventricular chamber via
a silicone diaphragm. The influx of air in the air chamber pushed the diaphragm into
the ventricular chamber, resulting in culture media flow through the aortic valve,
hence opening the valve. This was followed by expiration, where the ventilator
released pressure in the air chamber, resulting in a vacuum pressure inside the
ventricular chamber and hence closing the valve via a pressure gradient [86].

Sierad et al. noted that both the noncoronary and left coronary leaflets were
functional, noting that both exhibited good apposition and coaptation. On the other
hand, the right coronary leaflet did not function perfectly well during systole due to
the thick muscular shelf found in the porcine heart. However, since this thick
muscular shelf is not present in the human heart, the above observation will not
apply to human aortic valve, and the right coronary leaflet of the human heart
should behave similarly to that of the porcine noncoronary and left coronary
leaflets. Additionally, SEM revealed that after 17 days in the bioreactor, endothe-
lial cells adhered well to the scaffold surface and acquired a morphology similar to
that of the native VECs. The endothelial cells were aligned parallel with the
circumferential direction along the collagen fibers. Additionally, greater than
90% of the cells were viable, suggesting that the biological scaffold was not
toxic to cells.

8 TEHV via Decellularization Approach: Large Animal
Studies and Clinical Trials

TEHV have not yet been approved for widespread clinical applications due to issues
with immunogenicity, calcification, fibrosis, etc.; however, several large animal
studies and clinical trials, of which decellularized aortic valves were used as scaf-
folds, have been performed, and the results demonstrated the potential of TEHV via
a decellularization approach. Baraki et al. implanted acellular aortic valve allografts
orthotopically in sheep and compared the implants to native allografts [26]. Up to
9 months, the decellularized aortic valves functioned well, exhibited normal mor-
phology and some cellular repopulation, and experienced only trivial regurgitation

Fig. 7 (continued) an optional pressurized compliance chamber (2), a reservoir tank (3) with sterile
filter (4) for gas exchange, one-way valve (5), pressure-retaining valve (6), a webcam (7), and a
ventilator pump (air pump). The entire setup fits within a standard cell culture incubator. (d) Two
identical bioreactor systems (Br 1 and Br 2) with endothelial cell seeded, functioning valves inside
an incubator; the bioreactors are in the front row while their corresponding reservoirs are in the back
row. The webcams normally mounted onto the top viewing windows of the aortic chamber have
been removed to reveal bioreactor details. Reprinted with permission from Form Follows Function:
Advances in Trilayered Structure Replication for Aortic Heart Valve Tissue Engineering, by
Simionescu et al., December 2011
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and microthrombi formation [26]. In another study, Lichtenberg et al. reseeded
acellular aortic valves using endothelial cells and conditioned the valves with a
pulsatile flow bioreactor; they reported that the endothelial cell coverage signifi-
cantly increased after the reseeded valves were implanted in lambs for 3 months
[43, 93]. Additionally, their animal study showed improved function of the reseeded
valves when compared to the acellular valves without in vitro endothelial cell
reseeding [43, 93]. However, there were also observations that found sustained
tissue contraction and valve-thickening after implantation, resulting in less pliable
valve tissue [43, 93–95].

Preliminary clinical results demonstrated that decellularized homografts, either
reseeded in vitro or without any reseeding, are an appropriate replacement for the
diseased valves. Dohmen et al. recellularized acellular pulmonary valve
(PV) allografts with autologous vascular endothelial cells in vitro and implanted
them into adult patients, yielding successful results with no calcification evident over
a period of 10 years [96]. Cebotari et al. created tissue-engineered heart valves with
decellularized PV allografts and autologous endothelial progenitor cells (EPCs).
Three and a half years after implantation into two pediatric patients (ages 11 and
13) with congenital PV failure, an increase of the PV annulus diameter and decrease
of valve regurgitation were observed, showing the TEHVs were able to grow with
the somatic development of pediatric patients [93].

In another large-scale decellularized heart valve study, da Costa et al. implanted
decellularized (0.1% SDS) aortic valve homografts as root replacements for
41 patients. After 3 years, the implanted aortic valves showed structural integrity,
low incidence of calcification, and improved hemodynamic performance and func-
tion with trivial regurgitation, and no additional operations were required
[19, 97]. The success of da Costa’s clinical trials might be due to the less aggressive
decellularization approach using 0.1% SDS, which greatly helped preserve the
overall morphology, size, structure, and function of the acellular aortic valves with
few microstructural disruptions [19, 45, 97]. However, it is important to note that the
dense ECM environment still prevented adequate cellular infiltration, which might
lead to complications such as cusp shrinkage, fibrosis, or stenosis [19, 43, 49].

9 Current Challenges in TEHV via Decellularization

Immunogenic Responses. Although there were successful applications of TEHV via
decellularization as summarized in the above section [26, 43, 93, 96, 97], a few
clinical studies reported failures of the implanted acellular heart valves, which might
be related to remaining DNA fragments inside the decellularized xenogenic valve
matrices that elicited an immune response [98–100]. For instance, SynerGrafts
(Cryolife, Inc., USA), an acellular (nonglutaraldehyde-fixed) porcine aortic pros-
thetic valve, has been tested in four children; all four grafts failed due to inflamma-
tory response, valve rupture, and degeneration [98]. The inflammatory response,
likely caused by the xenogenic valvular collagen matrix and the remaining
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immunogenic cell fragments, led to thickening of the valves, which likely led to the
lack of cellular infiltration. One year postimplantation, the valves experienced
rupture and degeneration, and there remained no signs of cell repopulation or
endothelialization [98].

Leyh et al. effectively eliminated endothelial and interstitial cells from porcine
and ovine pulmonary valve conduits; however, implants in a sheep model showed
severe calcification and only partial repopulation with endothelial cells [100]. In an
in vitro human peripheral blood mononuclear cell model, Bayrak et al. also demon-
strated the strong immune response induced by native porcine matrix scaffolds; on
the other hand, glutaraldehyde-treated scaffolds did not induce a strong immune
response, but proved nonviable, resulting in residual inflammatory responses
[99]. Caution should thus be taken if the decellularized xenogenic heart valves are
used, and tests need to be performed to verify the scaffold’s minimal immune
response [101].

Recellularization and Conditioning. Other challenges lay in the recellularization
of the decellularized HV scaffolds, which include selecting the right cell sources,
promoting the desired cell phenotypes, facilitating cell infiltration and proliferation,
and stimulating ECM secretion/development during in vitro culture [27, 102–
104]. As mentioned in Sect. 6, various types of cells have been studied and have
shown some promising outcomes. However, the acellular leaflets, whose structural
and biomechanical properties were preserved relatively well, often have a dense
collagen network [19, 45]. As an example, the acellular leaflets obtained from 0.1%
SDS treatment preserved the trilayered structure and biomechanical properties well,
but resulted in a dense collagen network with small pore size, which represents a big
challenge for cell infiltration and proliferation [45]. Moreover, the long wait time for
cell expansion, construct seeding, and TEHV conditioning and maturation during
in vitro tissue culture is another practical issue for patients who are in urgent need of
heart valve replacement [105].

Disruption of ECM Components and Microstructures. During decellularization,
loss of ECM components, microstructural alterations, and physical property changes
all present challenges [40, 41, 45, 49, 59, 64]. One comparative experiment that
investigated the flexural responses at the microstructural level in native,
decellularized, and glutaraldehyde-fixed porcine aortic valve leaflets can help us
better understand the challenges of ECM disruption [19]. In the experiment, the
native leaflet, acellular leaflet (0.1% SDS treatment), and glutaraldehyde-fixed leaflet
(0.625% glutaraldehyde treatment for bioprosthetic heart valve) were clamped into a
“U” shape toward the fibrosa direction in a phosphate-buffered saline (PBS) bath.
The “U” shaped leaflet strips were then fixed with 4% glutaraldehyde (fixation for
histology), followed by histological analyses.

This study showed that, with the coordination of the three layers, the native leaflet
was able to cope well with the extreme flexure. As shown by Fig. 8a, b, the fibrosa
layer readjusted the collagen fiber crimps in response to compressive stress without
causing fiber buckling; the ventricularis layer showed the uncrimping and recruit-
ment of the fibers due to tensile stress, and the spongiosa appeared to smoothly
mediate the transition from tension in the ventricularis to compression in the fibrosa.
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Although the acellular leaflet showed the preservation of the overall leaflet structural
integrity and trilayered structure (Fig. 8c, d), histology did reflect loss of GAGs in
the spongiosa (Fig. 8c) and a large-scale loss of the collagen crimp pattern (Fig. 8d),
all similar to what have been observed in our previous study (Fig. 4a, e). It was hence
understandable that the acellular leaflet could cope with the extreme flexure rela-
tively well, but with a degree of imperfection. As demonstrated by the histological
images, no noticeable fiber buckling was observed in the fibrosa layer that experi-
enced compression, but overstretching of fibers was observed in the ventricularis
that experienced tension (Fig. 8c, d). As a sharp comparison, the effectiveness of the
acellular leaflet in coping with valvular flexure could be readily appreciated by
examining the extreme bending morphology of the glutaraldehyde-treated leaflet
(Fig. 8e, f). Glutaraldehyde crosslinking stiffened all fiber networks, and the
spongiosa layer lost its cushion functionality. Without a functioning trilayered
structure, the chemically fixed leaflet experienced difficulty in coping with extreme
flexure, showing serious fiber buckling in the fibrosa that was under compression
(Fig. 8e, f).

As demonstrated by the above study [19], one can envision that some
decellularization protocols might be more effective than others. Recently, Haupt
et al. performed a study investigating how a combined detergent-based
decellularization strategy preserves the macro- and micro-structure of heart valves
[106]. In this study, porcine pulmonary heart valves were decellularized using ionic

Fig. 8 (a) Movat’s pentachrome staining and (b) polarized light imaging of the native porcine
aortic valve leaflet; (c) Movat’s pentachrome staining and (d) polarized light imaging of the
decellularized (0.1% SDS treatment) aortic valve leaflet; (e) Movat’s pentachrome staining and
(f) polarized light imaging of the glutaraldehyde fixed (0.625% Glut) porcine aortic valve leaflet.
Sample preparation: The leaflet strips were folded into a “U” shape toward the fibrosa side in a PBS
bath; the “U” shape leaflet strips were then clamped at two edges and fixed with 4% glutaraldehyde
for histology. Scale bar unit: μm. Reprinted with permission from Form Follows Function:
Advances in Trilayered Structure Replication for Aortic Heart Valve Tissue Engineering, by
Simionescu et al., December 2011
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and nonionic detergents with low concentrations of enzymes. Valves treated with
DET (SDS and Triton X-100 detergents) and ENZ (low concentrations of enzymes)
exhibited an intact morphology lacking cellular content. The overall collagen and
elastic fiber architecture remained similar to that of native valves, with a loss of
glycosaminoglycans.

ECM Stabilization with Crosslinking and Coating Reagents. Since TEHV will be
subjected to complex, strong mechanical forces, it is important that decellularization
protocols do not interrupt the structural integrity and weaken the mechanical prop-
erties of valvular tissues. To prevent in vivo structural degeneration and fatigue,
stabilize the ECM structure, increase durability, and decrease antigenicity of the
decellularized heart valves, researchers proposed to treat the decellularized heart
valves with crosslinking reagents, such as pentagalloyl glucose (PGG) and
nordihydroguaiaretic, which are mild and nontoxic to cells [107, 108]. For instance,
PGG has a high affinity for collagen and elastin and is, therefore, useful for
preserving the ECM components, which is needed to maintain valvular structure
and function. Compared to glutaraldehyde that was used for bioprosthetic HVs,
PGG-treated HVs showed better mechanical behavior, biocompatibility, and biolog-
ical properties. Especially, PGG-treated pericardium-based valve scaffolds presented
no calcification and were supportive of host cell infiltration and matrix remodeling
after in vivo implantation [108]. Recently, acellular mitral valves were also treated
with PGG to stabilize the scaffolds and retard degradation [109]. Implantation
studies showed that these PGG-treated acellular valves did not elicit an immune or
inflammatory response, nor did it cause calcification, thus resulting in biocompatible
mitral valve scaffolds.

To modify acellular HVs, researchers also coated the decellularized heart valves
with biological or biodegradable polymer composites to further promote microen-
vironments that are favorable for recellularization and HV construct remodeling
[110, 111]. For instance, a polyethylene glycol (PEG) hydrogel was used to coat
acellular heart valves to improve cell attachment to the scaffold and assist in cell
retention [112]. In another instance, researchers noticed that, after scaffold
crosslinking, the size and number of pores in the treated scaffold were reduced. To
facilitate better cell infiltration and proliferation, a high concentration of acetic acid
solution was used to increase the porosity of the scaffolds; the resulting scaffolds
were then coated with biocompatible RGD polypeptides to increase cell
adhesion [51].

10 Final Remarks

To achieve a successful TEHV, an optimal combination of proper 3D scaffolds, cell
sources, and culture conditions must be determined. As one of the approaches of
TEHV, decellularized heart valve scaffolds have shown great potential in large
animal studies, preclinical tests, and clinical trials. The notable benefits of the
decellularization approach are the removal of the immunogenic cellular contents,
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the preservation of leaflet morphology and geometry, native ECMmolecules, overall
ultrastructure and trilayered configuration, and mechanical and functional behavior
similar to the native heart valves. As demonstrated by the previous studies, the
optimal performance and durability of valve leaflets greatly benefit from the
trilayered structure design being capable of mitigating flexural fatigue, along with
the nonlinear, anisotropic, viscoelastic tissue behavior [11, 19, 27, 64, 67, 103, 104,
113].

Due to the high working pressure and complicated stresses/strains that heart
valves undergo, TEHV must have “ongoing strength, flexibility, and durability,
beginning at the time of implantation and continuing indefinitely thereafter”
[113]. It is thus essential to fully understand, from the beginning, how the various
decellularization protocols affect the mechanical and structural properties of heart
valve tissues. We assessed the effects of SDS, Trypsin, and Triton X-100 on leaflet
biomechanics, reporting that (1) all three protocols increased the extensibility of the
acellular leaflets, with Triton X-100 exhibiting the greatest increase; (2) all three
decellularization protocols significantly decreased leaflet flexural rigidity; (3) all
three protocols were able to preserve the gross collagen fiber architecture, including
the branching of collagen fiber bundles; (4) the SDS protocol preserved leaflet
dimensions well, while the Trypsin protocol increased both the area and thickness
(swelling), and the Triton X-100 protocol decreased both the area and thickness of
the acellular leaflets (shrinking); (5) the SDS protocol preserved the trilayered
structure well when compared with the Trypsin protocol and Triton X-100 protocol;
moreover, the Trypsin protocol resulted in a swollen and loose collagen fiber
structure and a disrupted elastin network, while the Triton X-100 protocol resulted
in a condensed collagen fiber morphology and a relatively well-preserved elastin
fiber network; (6) lastly, the acellular leaflets obtained from all three
decellularization protocols showed that the collagen fibers were locally crimped
but no longer had macroscopically organized wavy patterns as shown in the native
leaflets.

The above observations indicate that various decellularization protocols result in
different initial biomechanical states of the leaflets, likely presenting various chal-
lenges for later leaflet recellularization, performance, and durability. In an in vitro
fatigue mechanism study, we found that the fatigued leaflets exhibited an unfolded
and thinned morphology, which resulted from the straightening of locally wavy
collagen fibers and the disruption of the elastin network; moreover, the unfolding of
collagen fibers and structural thinning caused a changed leaflet reference status and
hence resulted in lower net tissue extensibility of the fatigued leaflets. We speculate
that, in order to resist cyclic fatigue and irreversible and cumulative structural
disruption, exogenous stabilizing crosslinking and recellularization of acellular
leaflets can be used to slow down structural degeneration and achieve tissue main-
tenance and remodeling, respectively.

TEHV incorporates two types of cells: myofibroblast-like VICs that mediate
valvular ECM for optimal biomechanical properties, and VECs that cover the
valve surface for hemocompatibility and durability. Up to now, vascular-derived
cells, bone marrow-derived cells, UCB-derived cells, and amniotic fluid-derived
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stem cells have been investigated as reseeding sources for acellular valve scaffolds.
Each cell type has its advantages and disadvantages. In general, they all face
challenges such as cell quantity, thorough infiltration of cells into dense valve
interstices, defective endothelial coverage of valve surface, and uncertainty to
achieve proper cell phenotypes after reseeding. To facilitate recellularization and
maturation, TEHV often requires in vitro conditioning in a bioreactor designed to
closely mimic the physiological conditions of heart valves. Many studies have
shown that, by delivering stimulations such as pressure gradients to open and
close the heart valves, shear flow to mediate VECs, and appropriate biofactors, the
TEHV exhibits either better recellularization/maturation results or desirable func-
tional performance with remodeling potential [11, 19, 27, 43, 64, 67, 86, 92, 103,
104, 113].

Although there has not been widespread clinical applications for TEHV yet,
positive results have been reported in large animal experiments and clinical trials,
in which decellularized aortic/pulmonary valve scaffolds were utilized [26, 42–
44]. Among them, reiterating two notable clinical trials would help us appreciate
the potential of TEHV via the decellularization approach (with or without in vitro
reseeding)—(1) in vitro recellularized acellular PV allografts function well without
calcification in adult patients over a 10 year period [96]; (2) acellular PV allografts
reseeded with autologous EPCs were found to grow in size with the somatic growth
of pediatric patients [93].

Many challenges still exist in TEHV via the decellularization approach. Concerns
include inflammatory responses, unpredictable degeneration, and lack of cellular
repopulation, as observed from the catastrophic failure of early clinical trials of the
acellular porcine aortic prosthetic valve (SynerGrafts) [98], as well as other failures
of the implanted acellular heart valves, which might be related to the remaining
immunogenic cell and DNA fragments inside the decellularized xenogenic valve
matrices [98–100]. Other subtle ECM disruptions, such as loss of GAGs, micro-
structural alterations, and loss of spongiosa mediation, might also present challenges
to fatigue resistance and long-term durability of the leaflets. One solution that has
been investigated is to treat the acellular heart valves with mild, nontoxic
crosslinking reagents (e.g., PGG or nordihydroguaiaretic), with a goal to stabilize
ECM structure, decrease antigenicity, and prevent in vivo structural degeneration
and fatigue, while not inhibiting cell repopulation [102, 103].

Lastly, TEHV should join the efforts that seek to establish standardization for
tissue-engineered medical products (TEMPs). The goal of TEMP standardization is
to ensure the repeatability, quality, and reliability of final TE products and hence
facilitate both FDA approval and translational applications. We summarize the
standards and evaluation criteria for TEHV via the decellularization approach as
follows: (1) structural integrity and biomechanical properties, (2) free of residual
cellular/DNA debris, (3) cell isolation/expansion for reseeding, (4) recellularization
and construct maturation, (5) biocompatibility, hemocompatibility, and immunolog-
ical characteristics, (6) functional and hemodynamic performance, (7) durability,
remodeling, and growth potential, and (8) manufacture and delivery protocols for the
final products [114, 115]. This is a long, challenging list and represents the need for
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systematic, reliable, and repeatable procedures to move TEHV to clinical
applications.
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Novel Bioreactors for Mechanistic Studies
of Engineered Heart Valves

Kristin Comella and Sharan Ramaswamy

Abstract Beyond the identification of the most appropriate cells and scaffold
materials, translation of cardiovascular tissue engineering structures requires opti-
mization of construct biological and mechanical properties in order to permit their
long-term functionality in the native hemodynamic environment. Unfortunately,
rudimentary tissue growth technologies such as plate or rotisserie culture do not
lead to the generation of functional tissues, thereby limiting their usefulness.
Dynamic culture systems or bioreactors with true construct mechanical conditioning
capabilities thus form an essential part of the research and development pathway in
cardiovascular regenerative medicine. This is because engineered tissues cultured
under specific bioreactor mechanical environments enhance their biological proper-
ties such as functional stem cell differentiation to complex tissue phenotypes and
also augment construct structural properties as a result of accelerated tissue forma-
tion. In the heart valve tissue engineering arena, based on at least a decade of
scientific results, there is now general acceptance that bioreactor usage is a critical
preclinical step. In this book chapter, we describe important considerations in
bioreactor design as well as focus on the critical scientific findings in the develop-
ment of de novo valvular tissues, including our own experience in this area. We
subsequently detail scaffold and cell sources that have been used in conjunction with
these devices and finally conclude by addressing the key challenges that still remain.
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1 Introduction

Millions of people worldwide are suffering from valvular heart disease and the rate
of incidence is expected to significantly increase in the future [1]. Current techniques
for prosthetic valve replacement are reasonable in some cases but have distinct
limitations in others. In particular, no robust treatment option is available for the
treatment of critical congenital valve diseases in children. An inability of prosthetic
valves to accommodate somatic growth and practical size limitations of current
commercial valves represent specific technical challenges. The field of tissue
engineered heart valves holds promise of filling this unmet need. The living,
biological heart valve would function in a similar manner as native tissue with
normal hemodynamic performance and minimal degeneration. To achieve this
task, current consensus in the scientific community is that a bioreactor will be
necessary to help create a tissue engineered valve with ideal function. In this context,
the bioreactor is a device that will help to promote engineered tissue properties via
the delivery of appropriate biomechanical and biochemical stimuli during tissue
culture. There are many variables to consider when designing a bioreactor to
condition a tissue engineered heart valve (TEHV). From a biomimetic standpoint,
this design needs to consider the hemodynamic environment of the native, healthy
heart valve. In addition, the type of scaffold material, the choice of cell source(s), and
the duration of culture will affect the de novo tissue properties.

2 Bioreactors

2.1 Design

The basic components of bioreactors as described by Berry et al. to design
engineered heart valves are [2]:

1. A driving force or pump for fluid movement
Typical pumps include pneumatically controlled diaphragms, reciprocating

pistons, peristaltic pumps, or meshing gears teeth. The pumps are typically
controlled by a computer system as it is desirable to have complete control over
the fluid movement.

2. A reservoir (for cell culture media)
Culture media should support the growth of the cell type and can contain a

variety of different growth factors. Minimizing the overall volume of media with
help to reduce costs.

3. A test section containing the heart valve
Location of the test sections can disturb or change the flow patterns. Many

groups are using a spiral-bound section to allow for minimal flow disturbances.
4. A fluid capacitance to store and release energy at every pump cycle
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As system pressure builds due to forward or reverse fluid flow, a fluid
capacitance can help to release this energy.

5. A resistance element
The overall system pressure can be controlled with the resistance element.

6. Allows for Gas exchange
Gas exchange by bubbling of the media or diffusion at the reservoir surface

can keep the culture media oxygenated to support cell growth.

2.1.1 Static Designs

A simple example of a static bioreactor is a petri dish or culture flask. These typically
include a non-stirred environment or may include packed-bed reactors with porous
substrate which allows for culture perfusion [3]. Even though rotisserie culture
systems involve rotational movement of tubes containing the engineered tissues,
they are still considered static in the context of the negligible mechanical stresses that
are imparted onto the developing tissue constructs. Seliktar et al. [4] described an
initial static bioreactor that was subsequently modified to permit dynamic mechan-
ical conditioning of tissue engineered constructs composed of cells in a scaffold. The
response to this conditioning included increased contraction and mechanical strength
as compared to traditional static cultures.

2.1.2 Dynamic Designs

Dynamic bioreactors typically include pulse duplicators and devices for organ tissue
culture. This environment allows for the maturation and physical conditioning of
engineered tissue. Gandaglia et al. [5] provided a description for a dynamic biore-
actor that is similar to the defined components described by Berry et al. [2] above.
The dynamic bioreactor for engineered heart valves consist of the following com-
ponents: (1) a ventricle, driven by a motor (mechanical, pneumatic, or electric)
which creates specific pressure and flow patterns, (2) a system to adjust resistance,
(3) a chamber to shelter the heart valve, (4) a hydraulic circuit for the different unit
joint, (5) probes and sensors for measuring and adjusting flow and pressure, tem-
perature, pH, pO2, pCO2, and metabolite concentration, and (6) hardware and
software to control the system.

Berry et al. [2] made a schematic of the typical pulsatile bioreactor designs. Small
differences in design can lead to varied environments and therefore major differ-
ences in the tissue engineered heart valve properties (Fig. 1).
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2.2 Mechanical Environment

The mechanical environment for normal heart valve tissue can be broadly described
as a combination of cyclic stretch, forward and oscillating blood-induced shear
stresses as well as cyclic flexure. The hemodynamics is time-dependent and is
based on heart function over the cardiac cycle as well as the opening and closing
events of the valve. Therefore, designing engineered valves that can withstand this
environment is challenging. Many investigators have focused on creating special-
ized bioreactors that divide the environment into components of stretch, flex or
flow [2].

2.2.1 Stretch

The commercially available Flexcell system (Flexcell International, Hillsborough,
USA) provides an environment for studying cyclic stretch. The Flexcell System is a
computerized, pressure-operated instrument that applies a defined controlled, static
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Fig. 1 Schematic diagrams of five contemporary heart valve bioreactor designs. These designs
have been reported to deliver physiologic pulsatile flow and pressure while maintaining the proper
temperature, gas exchange, and sterility [2]
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or variable duration cyclic tension, to cells growing in vitro. This system utilizes
regulated vacuum pressure to deform flexible bottomed culture plates. Utilizing the
Flexcell system, Carrion et al. [6] demonstrated that bicuspid aortic valve (BAV)
leaflets experience increased biomechanical strain as compared to tricuspid aortic
valves in response to mechanical stretch. Human aortic valve interstitial cells were
exposed to cyclic stretch of 14% at 1 Hz or static condition, the control condition, for
24 h. They demonstrated the molecular pathogenesis involved in the calcification of
BAVs especially when exposed to mechanical stretch. Cyclic stretch has been shown
to affect cytoskeletal organization as it is sensed by cardiomyocytes. The stretch
signal sensing is mediated via focal adhesion kinase and leads to intracellular
reorganization and orientation. The oblique orientation of the cell with regard to
the direction of stretch may define a directed force vector which could allow the cell
to orientate [7]. In one study, human adipose stem cells exposed to mechanical
stretch at 12% at 1 Hz frequency for up to 96 h did not differentiate to cardiovascular
cell phenotypes [8]. The ability of cells to secrete an array of cytokines, however,
remained unchanged by mechanical stretch [8]. In another study, activating tran-
scription factor 3 which is known to have a cardioprotective activity was shown to be
activated by mechanical stretch [9].

Ku et al. [10] demonstrated that collagen synthesis by valve interstitial cells as
well as mesenchymal stem cells is a function of both the degree and duration of
stretch. Depending on the stretching profile that is applied, the properties could be
varied to make an appropriate tissue engineered heart valve.

Syedain and Tranquillo [11] considered a controlled cyclic stretch bioreactor as
opposed to pulsed flow. This led to improved tensile and compositional properties.
They demonstrated that the TEHV could withstand the cyclic pressures of a pulmo-
nary artery in the Ovine model. Another study used aortic valve interstitial cells
(VIC) on a porcine aortic valve in a cyclic stretch and pressure bioreactor [12]. The
leaflets were stretched at a frequency of 1.167 Hz (equivalent to 70 bpm) at 10% or
15% stretch and a cyclic pressure of either 120/80 or 140/100 mm Hg was applied.
The combination of cyclic stretch and pressure was shown to help modulate the VIC
phenotype.

2.2.2 Flexure

Dynamic flexure or bending effects on valve leaflets is an important variable to
consider when developing TEHVs. Engelmayr et al. [13] developed a bioreactor that
considered dynamic flexure. The linear actuator was used to simulate the cardiac
cycle at 1 Hz (60 bpm). The scaffolds were displaced 6.35 mm with a flexure angle
of 62�. They assessed unidirectional cyclic flexural properties of a nonwoven mesh
of polyglycolic acid (PGA) fiber as well as a nonwoven mesh of PGA and poly L-
lactic acid (PLLA). Both samples were coated with poly 4-hydroxybutyrate (P4HB).
The PGA/PLLA/P4HB scaffolds that were subjected to dynamic flexure were
significantly less stiff than the static controls and they developed directional anisot-
ropy. The PGA/P4HB scaffolds showed less stiffness after dynamic flexure but did
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not develop directional anisotropy. These experiments indicated that dynamic flex-
ure does produce changes in the scaffolds and that this should be considered when
developing engineered heart valve tissues.

In another set of experiments, Engelmayr et al. [14] considered cell-seeded
scaffolds. Ovine vascular smooth muscle cells (SMC) were seeded on PGA/PLLA
scaffolds and subjected to either static conditions or unidirectional cyclic three-point
flexure at a frequency of 1 Hz and a central displacement of 6.35 mm. The flexure
group showed an increase in stiffness, collagen, and vimentin expression as well as
more homogeneous cell distribution as compared to the static group. Similar results
were obtained using scaffolds seeded with ovine bone marrow-derived mesenchy-
mal cells (BMSCs) [15].

Mirnajafi et al. [16] designed a device to study controlled cyclic flexural loading
on bioprosthetic heart valves. They were able to study layer-specific structural
damage induced by cyclic flexural tensile at a frequency of 1 Hz and a central
displacement of 6.35 mm and compressive stresses alone. Results indicated that
rigidity was reduced after only 10 million cycles.

2.2.3 Flow

Some bioreactors focus on steady fluid flow mechanical conditioning. One system
examined the effects of laminar flow (7 days exposure to ~0.066 dyn/cm2, followed
by a step change to ~0.13 dyn/cm2 for an additional 7 days) on tissue induced by
dialysis roller pump (500 mL/min), and nutrition flow by a perfusion pump (3 mL/h)
[17]. Mahler et al. [18] considered a microfluidic bioreactor that applies oscillatory
shear stresses. The system was used to study the effects of flow on the transformation
of endothelial to mesenchymal cells. For the oscillatory shear experiments, a square
wave flow pattern at 1 Hz was used, in which the flow was fully forward at 2, 10, or
20 dyn/cm2 for one-half of the cycle and fully reversed at �2, �10 or �20 dyn/cm2

respectively for the remainder of the cycle. In previous reports, steady shear flows
led to differences in morphology and transcriptional profiles [19].

Ramaswamy et al. [20] considered design of a bioreactor that combined all three
physiological characteristics of flexure, stretch, and flow in combination or indepen-
dently. The device consists of four identical chambers and up to three specimens can
be placed into each. Specimens can be subjected to changes in curvature, uniaxial
tensile strains, and laminar flow. This system provides a useful tool to study the
effect of mechanical stimuli on engineered heart valve tissue formation. The flow
chamber takes a U-shaped configuration (see Fig. 2). The device is connected to a
peristaltic pump and an actuator. There are four chambers each containing three
samples. Samples are fixed with a pin at one end and a circular moving post on the
other end. In a combination of cyclic flexure and steady flow (flex-flow) experiments
for example, the moving post moves linearly using the linear actuator in the axial
direction to initiate cyclic flexure. A peristaltic pump is used to create a continuous
flow rate (e.g. 850 mL/min).
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Using this bioreactor under flex-flow conditions to engineer aortic valvular
tissues (1 Hz cyclic flexure and shear stress of ~4.73 dyn/cm2 on the “ventricular”
side of the specimen), the Ramaswamy group successfully differentiated BMSCs
simultaneously in vitro, to both endothelial cells and activated interstitial cells (i.e.,
alpha-smooth muscle actin positive) which distributed preferentially to the
engineered tissue surfaces and interstitium, respectively, similar to native heart
valve morphology [21].

In addition to the physiological ranges of flexure, flow, and stretch as well as the
intrinsic biochemistry of cell culture media being used, other parameters need to also
be considered when conditioning engineered heart valves. Some of these parameters
include fluid pressure, temperature, and oxygen diffusion which can all be regulated
to promote extracellular matrix (ECM) formation, cellular proliferation and/or cell
organization. As one example, pressures in some bioreactors have been typically set
to 80–120 mm Hg to simulate systemic circulation or 20–40 mm Hg for the
pulmonary circulation [22].

3 Scaffolds

An important factor in the tissue engineering of heart valves is naturally the choice of
scaffold material. The type of material utilized in tissue engineering can provide a
natural environment which mimics the physiological conditions in the body. The

Fig. 2 (a) Schematic diagram of the custom-built U-shaped bioreactor connected to a linear
actuator which guides the rods that threads through samples, permitting them to bend and
straighten. (b) Inset shows three samples inside the conditioning chamber that can be moved one
end (ring) and is fixed on the other (pin). In the current study, the actuator was set to a 1 Hz
frequency to permit cyclic flexure while the pump operated at a steady flow rate of 850 mL/min [21]
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native ECM acts as the backbone for cells to organize and assemble into functioning
tissue. An engineered ECM must mimic this environment in order to create and
maintain tissues for functional use as an implant. Most cell types utilized in bio-
reactors are adherent cells and therefore a cell adhesion substrate is critical for
success. Cells can be embedded in a complex microenvironment that may include
various growth factors and/or cytokines. Scaffolds can be made of synthetic mate-
rials or natural materials.

3.1 Synthetic

The most common synthetic materials are polyhydroxyalkanoate (PHA), PGA, poly
lactic acid (PLA), and PLLA/PLA blends. One of the major concerns when devel-
oping an appropriate scaffold material is the vascularization to support proliferation
of cells. Another critical component is to design the appropriate degradation time
schedule. The material must allow for cell adhesion and replacement of scaffold
material with the development of de novo ECM. If the scaffold degrades too early,
the entire construct may fail mechanically.

Shinoka et al. [23] described a PLA scaffold seeded with fibroblasts which
formed a tissue-like sheet. The sheet was then seeded with endothelial cells to
form a cellular monolayer. The implantation of the seeded scaffold as leaflet
replacements was completed in seven animals and all survived the procedure.
There was no evidence of stenosis and histology demonstrated appropriate cellular
architecture and extracellular matrix. Sodian et al. [24] have used cell-seeded PLA
scaffold as well as PHA and P4HB synthetic polymers for heart valve tissue
engineering purposes. After comparing PGA, PHA, and P4HB, there was signifi-
cantly higher cell attachment and collagen content on PGA samples. A variety of
different combinations of scaffold material have been reported; however, most have
described short-term success in vitro which may not translate into long-term success
with in vivo possibility [5, 25–27].

3.2 Natural

Natural scaffolds are typically obtained from decellularized animal valves or made
from collagen and fibrin-based scaffolds. When obtaining animal valves the
processing must be done carefully to preserve the structure of the ECM to allow for
cell seeding. Several studies have been described where detergents do not damage the
ECMmatrix structure and integrity. Some studies have focused on low concentration
of detergents for scaffold purification [28, 29] or crosslinking of collagen with
nordihydroguaiaretic acid (NDGA) [30]. These valves have several drawbacks
which include inflammation, fibrosis, degradation, damage, and possible death of
patients. In addition, these designs may be cost prohibitive. Gerdisch et al. [31] have
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performed studies for mitral valve repair using decellularized ECM from porcine
small intestinal submucosa (CorMatrix Cardiovascular Inc., Roswell, GA). A total of
19 patients underwent the surgery and this preliminary study showed promised with
good valvular function and no calcification on echocardiographic images.

Another method of natural designs involves collagen and fibrinogen gels to help
entrap the seeded cells. By mixing the cells in the gel, the structure contracts and the
cells remove water. Unfortunately the final construct remains unpredictable due to
large differences in cell density [32, 33]. Moreira et al. [34] discussed the use of a
living textile reinforced mitral valve to overcome the limitation of fibrin gel.

Hong et al. [35] fabricated a novel scaffold using an electrospinning technique.
Cells were seeded onto decellularized pig valves that had been coated with poly
(3-hydroxybutyrate-co-4-hydroxybutyrate). The valves were placed in a pulsatile
flow bioreactor and exposed to defined physical signals with a fixed frequency
(1 Hz) and pressure conditions (3 L/min and 60/40 mm Hg) over a time period of
either 9 or 16 days. As compared to decellularized valves without the coating, the
hybrid scaffold showed a significant increase in mechanical strength. Both groups
showed similar proliferation of cells and comparable cell mass.

4 Cell Types

After considering the type of scaffold and bioreactor that should be utilized, the cell
source(s) to be seeded on the scaffold will need to be chosen. Most groups have
focused on using adherent cell types and in many cases stem cells.

4.1 Mesenchymal Stem Cells (MSCs)

Adult stem cells are found in every part of the body and their primary role is to heal
and maintain the tissue with which they reside. In addition, they have the ability to
differentiate into specialized cell types. Adult stem cells can be harvested from a
patient’s own tissue, such as adipose (fat) tissue, bone marrow, teeth, and more.
Adult stem cells have a limited potential for growth when placed into culture and do
not grow as rapidly as embryonic stem cells.

There is a population of cells known as MSCs which are different from blood
cells which may give rise to bone, cartilage, and even fat cells. Caplan [36] first
described MSCs in 1990 and the ability of these cells to go down different pathways
of differentiation.

Several groups have described the use of MSCs in experiments with bioreactors.
MSCs could be used in an autologous (from same patient) or allogeneic (non-matched
donor) manner because they usually will not illicit an immune response, i.e., they are
considered immunomodulatory [37]. In addition to the immune privileged nature of
MSCs, they are a preferable source in that they will respond to mechanical stimuli
[38–41] and allow natural remodeling to heart valve structure [42].
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4.2 Fibroblasts/Smooth Muscle Cells/Valvular Interstitial
Cells

Fibroblasts are a cell that are responsible for synthesizing the ECM and creating the
framework of tissue. Smooth muscle cells (SMCs) or myocytes are responsible for
creating muscle tissue in a process called myogenesis. Valvular interstitial cells
(VICs) are the cells that make up the interstitial spaces of aortic valves. They exhibit
an intermediate phenotype between fibroblasts and SMCs. They are responsible for
creating the ECM in the valve and maintaining its mechanical characteristics [43].

Appleton et al. [44] combined vascular SMCs with a mixture of growth factors to
create a surrogate cell source for developing a valve graft. They demonstrated that by
combining SMCs with transforming growth factor beta-1, epidermal growth factor,
and platelet-derived growth factor, they could increase proliferation and expression
of ECM constituents found in the aortic valve. There are reports of calcification and
other potential drawbacks to cells in the heart valve lineages such as a low rate of
matrix remodeling and lack of elastin production. In addition, scaffolds seeded with
these cells displayed low mechanical strength with a disarray of fibrous components.
Ultimately even if these obstacles are overcome, the reality of being able to incor-
porate somatic cell sources such as SMCs for heart valve tissue engineering is likely
to be impractical due to distinct supply limitations.

4.3 Endothelial Progenitor Cells

Endothelial progenitor cells (EPCs) are a mixture of cells that are responsible for
regeneration of the endothelial lining of blood vessels. Because of their ability to
create structured ECM, EPCs represent a viable cell source for TEHVs. In addition,
EPCs can be used as a cell source for engineered valves because they have charac-
teristics of both interstitial and endothelial tissues. Some researchers have combined
EPCs with smooth muscle cells and fibroblasts to help improve the ECM formation
[45]. Valves that had been conditioned in a bioreactor demonstrated unobstructed
opening and closing. In addition, the tissue presented with collagen types I and II
with a homogeneous cell distribution.

4.4 Embryonic/IPS/Amniotic/Cord

Embryonic stem cells (EScs) are the most primitive stem cell. They are derived from
the inner cell mass of the blastocyst and are present in the embryo before implan-
tation occurs in the uterus. EScs are capable of dividing rapidly in culture and can be
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grown indefinitely in an undifferentiated state. They are capable of differentiating
into all cells of the adult body. EScs were originally discovered and derived from a
mouse in 1981 by Evans and Kaufman [46] and later from a human by Thomson in
1998. Thomson [47] first developed a technique to isolate and grow human embry-
onic stems cells in culture. The inner cell mass (ICM) of the blastocyst is a
pluripotent cell that can become specialized into any cell of the body. Cells from
the ICM may maintain the potential to form any cell in the body even after extensive
proliferation in culture.

Induced pluripotent stem cells (iPS) are progenitors that have been derived from
an adult somatic cell via transcription factor encoding by genes. The adult cell is
re-programmed to behave very similar to an ESc. The cells have similar expression
of genes and proteins, potency and differentiability. Because iPS cells can be derived
from the patient as an autologous product, there is less risk of rejection and no need
for immunosuppression. In addition, the production of iPS cells does not require the
destruction of an embryo, therefore eliminating some of the ethical debate surround-
ing embryonic stem cells. These cells are typically derived using transfection
techniques to make the non-pluripotent cells express proteins or transcription factors
that are typically expressed by pluripotent cells. Takahashi and Yamanaka [48]
pioneered these techniques in 2006.

Both EScs and iPS cells represent a novel approach to tissue engineering because
of their capacity to differentiate into any cell or tissue. Some groups have explored
the use of these types of cells for heart valve tissue formation. As one example,
Ghodsizad et al. [49] described the use of embryonic cells seeded in a decellularized
valve in a magnetically guided multifunctional bioreactor. Valves were prepared
using decellularized porcine pericardium. Half of the samples were prepared using a
magnetic field to prevent the loss of cells. This allowed for homogeneous and
efficient cell seeding of the decellularized matrix. An absence in cell seeding was
observed in the nonmagnetic group. It is important to note that iPS is a new
technology and issues relating to repeatability and avoidance of teratomas are likely
to delay its applicability for use in translational heart valve tissue engineering
investigations. Furthermore, ethical and legal concerns with embryonic cell sources
are likely to result in translational studies focused primarily on adult stem cell
progenitors for at least the foreseeable future.

Schmidt et al. [50] studied the use of amniotic fluid-derived cells as a potential
source for heart valve tissue engineering. They demonstrated that the cells could
maintain their characteristics after cryopreservation. In particular, cells expressing
CD133 showed characteristics similar to endothelial-like cells and were able to
produce ECM elements on a leaflet. Periodontal ligament cells (PDLs) have demon-
strated potential in heart valve tissue engineering after flow-based, bioreactor
mechanical conditioning [51]. PDLs can differentiate down pathways of endothelial
cell and smooth muscle cell phenotypes by applying steady shear stress of 1 dyn/cm2.
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5 Preclinical/Clinic Studies

A few studies have been completed where TEHVs were implanted in animals. Many
preclinical animal studies were completed with the valve in the pulmonary position
[52]. The benefit to testing the valve in the pulmonary position is that the conditions
on the right side of the heart are less demanding than those of the systemic
circulation. Dohmen et al. [52] described the use of tissue engineered valves in a
juvenile sheep model. Decellularized porcine matrices were seeded with vascular
endothelial cells. The valves were implanted into the right ventricular outflow tract.
The valves exhibited endothelial cells along the inner surface of the valve as well as
fibroblast growth on the decellularized matrix. In addition, the calcium contents were
very low on the TEHV.

In another study, synthetic scaffolds were seeded with autologous bone marrow
cells and implanted into nonhuman primates [53]. Echocardiography showed pre-
served valve function at 4 weeks post implant. Substantial cellular remodeling and
ingrowth on the scaffold was visualized via histology and immunohistochemistry. In
addition, there was evidence of new living tissue replacing the biodegradable
synthetic matrix. Bert et al. [54] also demonstrated successful implantation of
TEHV in young healthy baboons.

Hoerstrup et al. [55] preconditioned leaflet heart valves in pulse duplicators for
14 days prior to implanting in lambs. The valves grown in the bioreactor were under
gradually increasing nutrient medium flow and pressure conditions (125 mL/min at
30 mm Hg to 750 mL/min at 55 mm Hg). They were able to function for up to
5 months when they were explanted and resembled normal heart valves in properties
and structure. Converse et al. [56] have recently reported on a prototype of a full-
scale system that produces pulsatile conditioning using cyclic waveforms. After 72 h
of conditioning, full tissue recellularization was not achieved but a subsurface pilot
population of cells resulted.

Preconditioning valves prior to implantation has been challenging mostly due to
the lack of a disposable system that ensures sterility and can create an appropriate
mechanical environment. When moving TEHV therapies to the clinic, it is important
to develop a construct that is non-thrombogenic, biocompatible, capable of cell
growth, have long-term efficacy, and result in clinical improvement for the patient.
Dohmen et al. [57] reported on 63 patients with calcific aortic valve disease who
underwent a valve replacement using a TEHV. A biopsy sample of the TEHV
indicated the presence of endothelial cells and recellularization.

In 2006, researchers evaluated TEHVs seeded with autologous progenitor cells
implanted into pediatric patients [58]. The cells were isolated from peripheral
mononuclear cells isolated from human blood. No signs of valve degeneration
were observed in either patient. Two clinical trials have been reported using
decellularized xenograph heart valves [59]. Several adverse events were reported
highlighting the importance of rigorous models prior to human studies. Three of the
four children that received the implants died and therefore the fourth valve was
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removed prophylactically. Two of the three deaths were sudden with severely
degenerated valves and the third had rupture after 7 days.

CorMatrix ECM Technology has been used at more than 825 hospitals across the
USA and has been implanted in nearly 95,000 cardiac procedures. The FDA issued
clearance of an Investigational Device Exemption (IDE) for an Early Feasibility
Study of its CorMatrix® ECM® Tricuspid Heart Valve. Gerdisch et al. [31] demon-
strated early feasibility on 19 patients for mitral valve repair. The ECM scaffold
appeared to resist calcification and infection and may be a satisfactory material for
mitral valve surgical situations; however, additional studies are warranted to deter-
mine long-term feasibility.

6 Conclusions

Tissue engineered valves provide new hope in the development of cardiac valve
replacement. The main considerations when designing a TEHV include the scaffold
and cell types as well as mechanical/physiological forces to condition the growing
construct. The ability to develop a TEHV to replace damaged valve tissue decreases
the risk of complications and improves valve performance. Tissue engineering
presents the opportunity to introduce a natural tissue that may have long-term
viability and fewer side effects. There are many hurdles still to overcome but
TEHVs represent an opportunity to revolutionize the cardiac field. For example,
valves which are exposed to dynamic and complex forces must integrate with the
native tissue. Hence, designing a TEHV that is capable of integrating with native
tissues and functioning in the high throughput of the heart is a challenge.
Establishing appropriate in vitro models for optimizing mechanical cues for de
novo valvular tissue growth and appropriate in vivo preclinical models can help to
advance the field. Major research goals include understanding mechanisms of action,
developing biomarkers, assays, and tools, defining appropriate endpoints and
establishing reliable animal models. Preliminary work in the clinic is promising
but many questions remain unanswered. The major clinical goals include character-
izing and designing quality tissue constructs for implant, sterility concerns,
addressing rejection complications, and early prediction of clinical outcomes.
Thus, there are indeed many variables to be considered and further analyzed in
TEHV design and approaches. Nonetheless, TEHVs represent an area in tissue
engineering where clinical translation in the foreseeable future is likely, based on
the state of the field today. The use of bioreactors as part of this process, in terms of a
preconditioning tool, has proven to be essential, thus augmenting the role of the
Bioengineer in the overall TEHV treatment strategy.
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Abstract For the past 50+ years, the heart valve replacement (HVR) industry has
gone through multiple growth phases in terms of innovation and market growth, and
is now a formidable submarket of the cardiovascular medical device space.
HVRs started off as small, compact simplistic devices made from synthetic parts.
Now, these archaic prototypes have evolved into a diverse product offering from a
multitude of small to large healthcare firms that range from completely synthetic
materials to crosslinked tissue-based HVRs to new research being performed to
investigate engineered tissue valves. These innovative leaps in technology and
growth in commerce would not have been possible without the collaboration of
multidisciplinary investigators unified through their passion in pursuing one goal—a
superior healthcare option that resulted in a better quality of life for individuals
throughout the world needing a new heart valve. Everything from biomaterial design
to micro/macro-biomechanics to build computational modeling to optimize valve
design has been utilized to create the current product line and are currently still in use
as our metrics and methods get more advanced to innovate the future of heart valves
as well as cardiovascular device technology. The future of HVRs rests on academia
and industry coming together to move technology forward to provide patients in dire
need of a more durable HVR device. Therefore, the rest of the content covered in this
book is a comprehensive review of current art and models in existence to design an
effective HVR in the efforts of empowering individuals wishing to bring healthcare
options to a patient segment in dire need of change. The following chapter will cover
past and current approaches in designing and fabricating HVR materials, current
performance of HVRs, material design considerations of next generation materials,
and major research interests in the next generation of HVR materials. The rest of this
publication will cover approaches in properly leveraging this base biomaterial in
valve-specific design to innovate a more effective HVR.
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1 Introduction

For the past 50+ years, the heart valve replacement (HVR) industry has gone through
multiple growth phases in terms of innovation and market growth, and is now a
formidable submarket of the cardiovascular medical device space. HVRs started off
as small, compact simplistic devices made from synthetic parts. Now, these archaic
prototypes have evolved into a diverse product offering from a multitude of small to
large healthcare firms that range from completely synthetic materials to crosslinked
tissue-based HVRs to new research being performed to investigate engineered tissue
valves. These innovative leaps in technology and growth in commerce would not
have been possible without the collaboration of multidisciplinary investigators
unified through their passion in pursuing one goal—a superior healthcare option
that resulted in a better quality of life for individuals throughout the world needing a
new heart valve. Everything from biomaterial design to micro/macro-biomechanics
to build computational modeling has been utilized to create the current optimal valve
designs. The future of HVRs also rests on academia and industry coming together to
move technology forward to provide patients in dire need of a HVR device that is
durable. The following chapter will cover past and current approaches in designing
and fabricating HVR materials, current performance of HVRs, material design
considerations of next generation materials, and major research interests in the
next generation of HVR materials. The rest of this publication will cover approaches
in properly leveraging this base biomaterial in valve-specific design to innovate a
more effective HVR.

2 Growing the Heart Valve Market Space

The cardiovascular medical device and therapeutics space as an aggregate market is
valued at $92BIL with a 7% CAGR across the industry [1]. Heart valve replacements
represent a $1.25BIL segment of this market [1] with over 300,000 heart valve
replacements per year globally [2, 3]. However, in emerging markets such as the
Chinese, Brazilian, and Indian healthcare markets, the cardiovascular space is
experiencing upwards of 10–15% CAGR annually. With 85% of developed industry
concentrated in developed economies (only 18% of the human population resides in
these regions), the cardiovascular market (including the heart valve replacement
market) is poised to continue large growth in the next 50 years if suppliers of the
cardiovascular space can meet patient needs in these countries. Market growth will
concentrate on penetrating emerging economies with patient segments that have not
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yet experienced widespread healthcare services in the cardiovascular space, but
which also possess the infrastructure needed to offer these services and to maintain
a standard of care [4, 5].

3 Current Indications for Use

Between 275,000 and 370,000 heart valve replacements occur annually [2, 5–
8]. This number is a small fraction of the 15 million people suffering from aortic
or mitral valve disease. Over 20,000 cases of valve disease result in death annually in
the United States, and contribute to an additional 42,000 deaths [9]. Valve disease
can be broken into two categories: valvular stenosis and valvular insufficiency.
Stenotic valves are characterized by narrowing of the valve opening, typically
caused by stiffening of the leaflets. Valvular insufficiency, or regurgitation, is
characterized by incomplete coaptation of the leaflets, which can also be caused
by stiffening and by structural degradation of the leaflet tissue [10]. One of the most
common causes of stenotic valves is calcific degeneration of the leaflets [11–
15]. Calcific nodules form within the leaflet, creating a thick fibrotic, stiffer tissue
(Fig. 1). Calcific degeneration progresses similarly to atheroma in the vasculature
and typically occurs in adults over 65 years of age. Because of the stiff leaflets and
smaller opening, the heart must pump harder to move the same amount of blood.
This puts increased strain on the heart and reduces the flow of blood to the body. An
increased pressure gradient across the valve can put greater stress on the stiffened
leaflets and this can cause calcified fragments to break off and embolize.

Stenosis and regurgitation are two ways to characterize valve disease and failure,
but there are further contributing causes and disorders to valve disease. These
include rheumatic fever, infective endocarditis, myxomatous degeneration, calcific
degeneration, and congenital anomalies. Each of these disorders contributes to valve
disease, predominantly affecting the highly stressed mitral and aortic valves.

Fig. 1 (a) Healthy human aortic valve [16] and (b) explanted calcified human aortic valve with
arrow pointing to calcific nodule [17]
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Incidence of problems with these valves arises from the higher pressures and stress
placed on the right side of the heart. Valvular diseases can be alternatively classified
as congenital (preexisting at birth) heart defects, or acquired diseases [3, 10,
18]. Congenital defects are associated with inherited disorders, and they affect
approximately 3% of the population. However, they are usually asymptomatic
until discovered in a routine examination. Two common congenital defects are
myxomatous mitral valves and bicuspid aortic valves [3, 18]. Further disorders
affecting the valves are autoimmune and connective tissue disorders. Myxomatous
mitral valves, commonly called “floppy valves,” present as prolapsed valves,
extending back into the left atrium during contraction. The leaflets contain thickened
spongiosa caused by an accumulation of dermatin sulfate [3, 10]. In fact, the term
myxoma is derived from the Greek word for mucus, which contains a mixture of
proteoglycans. The increase of the spongiosa causes a thicker, more rubbery tissue,
and weakens the fibrosa as collagen bundles are pushed farther apart [10]. Mitral
valve prolapse can result in valve insufficiency, but can also be asymptomatic and
cause heart failure [3, 10].

Bicuspid aortic valves appear to have only two leaflets, and can appear as one
normal leaflet and two leaflets fused together, or two symmetric leaflets. Similar to
myxomatous degeneration, bicuspid aortic valves are asymptomatic in early life
unless observed under examination. The presence of a bicuspid aortic valve can lead
to aortic root dilation or cusp prolapse later in life [10, 18]. Aside from congenital
disorders, several acquired diseases affect the heart valves. Incidence is affected by
environmental factors such as lifestyle choices and infection. The most common
acquired diseases affecting heart valves are infective endocarditis, rheumatic heart
disease, and degenerative diseases such as calcification and aortic root dilation.

Infective endocarditis is defined as the infection and vegetation of the endocar-
dium or heart valves [19–22]. The majority of infections are caused by gram-positive
cocci such as coagulase-positive Staphylococcus aureus or coagulase-negative
Staphylococcus epidermis. Valve leaflets have no vascular supply; consequently,
infection must come from the blood itself. Valve damage is a predisposing factor for
infective endocarditis due to compromised native barriers to infection [19]. Bacteria
or fungi can become trapped during the repair process within a network of immune
cells, platelets, and fibrin. These organisms cause rapid tissue destruction, leading to
large vegetations or growths, which cause incomplete coaptation or stenosis of the
valve [23]. Larger vegetations can embolize into the bloodstream, leading to side
effects and infection progression downstream. Since valve damage promotes bacte-
rial attachment, conditions such as congenital heart defects, degenerative disease,
rheumatic disease, and mechanical wear can be predisposing factors for endocarditis
[10, 19, 23]. Rheumatic fever can develop in children following contraction of strep
throat, caused by Streptococci bacteria, and Rheumatic fever is believed to be caused
by antibody cross-reactivity [24–26]. In rare occurrences, antibodies are released
which can react with proteins in the tissue. Rheumatic fever can lead to rheumatic
heart disease, collectively causing damage to all parts of the heart and valvular
defects [10]. However, incidences affecting the joints are more common
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[27]. Rheumatic fever has largely been eliminated in first and second world coun-
tries, mainly remaining a problem in developing countries [28].

Degenerative diseases are passive disorders that cause wear, tear, and calcifica-
tion of the valve [29]. They are more common in older patients due to tissue fatigue,
and present as floppy valves, aortic dilation, or valve calcification. Preexisting
conditions such as congenital defects or other diseases increase the propensity of
the valve to wear, causing quicker degeneration of the tissue [3, 10, 14, 15, 29]. Over
25% of patients over 65 suffer from aortic calcific sclerosis [30], and roughly 43% of
all heart valve diseases present as aortic sclerosis [9]. Aortic stenosis causes include
calcification and thickening of the aortic valve, and progresses similarly to athero-
sclerosis [3, 14, 15]. Lifestyle choices remain a significant contribution to the
development of this disorder. Though mostly a degenerative disease, calcification
is also an active process influenced by phenotypic shifts of cells [3, 14, 15, 31,
32]. Increased macrophage activity occurs, and valvular interstitial cells (VICs)
shift toward osteoblast-like properties, which produce bone mineralization. Degen-
erative diseases greatly interest the cardiac community, since they are both prevalent
in native heart valve disease, and remain the number one mode of failure in
bioprosthetic valves.

4 Current Treatments for Valvular Disease

Early intervention can help reduce the severity of valvular disease before it neces-
sitates surgery or replacement. Noninvasive visualization techniques such as echo-
cardiography or coronary angiography can correctly identify valve disease.
Echocardiography can show the size of the valve openings. Doppler mode uses
ultrasound to determine regurgitation or stenosis severity. Coronary angiography
utilizes an injectable contrast agent to visualize blood flow and identify a narrowed
valve or backflow of blood. Blood cultures and echocardiography are used to
identify infective endocarditis. However, if heart valve disease is not caught early
enough or prevetive measures are not taken, structural degeneration or calcification
can result in valve insufficiencies caused by valve stenosis (closing or reduction of
effective orifice area of valve opening) or regurgitation (reduced ability for valve
leaflets to come back together for coaptation). Figure 2 illustrates a normally
functioning (a) opened (top) and closed (bottom) valve. Figure 2b illustrates a
stenotic valve (top) and a regurgitant valve (bottom). Both can compromise systemic
blood flow and result in fatal consequences in the patient.

Upon identification of valvular disease, corrective actions for treatment can be
taken. Lifestyle changes or drug therapy affect progression of acquired diseases
through mediating and reducing the severity of symptoms. A variety of percutaneous
interventional methods exist. One such example is balloon valvuloplasty, which
works similarly to angioplasty to help reopen stenotic valves. This treatment is most
commonly used in the tricuspid, pulmonary, and mitral valves. Risk for embolism
exists in valves with vegetations or calcific deposits. Surgical repair includes the use
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of autologous or xenographic patches, removal of calcific deposits, or reinforcement
of the valve. Surgery can also repair congenital defects of heart valves [33, 34]. If
repair cannot sufficiently treat a diseased valve, the next treatment option is usually
valve replacement. This therapy typically consists of an open-heart surgery, includ-
ing a heart lung bypass machine. Recent attempts to create minimally invasive
treatments have resulted in percutaneous valves, which utilize catheterization
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Left ventricle

Left ventricle

Left ventricle

Left ventricle

Aortic
valve

Aortic
valve

Fig. 2 Degenerative heart valve diseases resulting in conditions necessitating an HVR. (Left top)
Normal effective orifice area. (Left bottom) Normal coaptation of heart valve leaflets during
ventricular diastole. (Right Top) Stenotic valve that cannot open into optimal effective orifice
area. (Right Bottom) Regurgitant heart valve from heart valve leaflets not being able to accomplish
coaptation
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techniques to introduce the valve [5, 35, 36]. Replacement valve options include
mechanical heart valves or bioprosthetic tissue valves. Some investigation has been
made in polymeric valves, but they were unsuccessful due to inadequate combina-
tion of mechanical properties and non-thrombogenicity [6, 37]. Attempts mainly
included polyurethanes, polyesters, and polyethers [6, 37]. Polyesters and polyethers
degrade under hydrolysis and oxidative deamination; polyurethanes were used for
their excellent hemocompatibility and unique two phase structure. A large push in
research is towards the development of tissue engineered heart valves derived from a
patient’s own cells [38].

Preexisting conditions and age play a role when optimal valve replacement
therapy is chosen for each patient. Mechanical heart valves require lifelong systemic
anticoagulant therapy while bioprosthetic valves do not [33, 39]. Patients who
cannot tolerate this therapy due to blood disorders, pregnancy, or other contraindi-
cations should not receive MHVs [40–44]. Bioprosthetic tissue valves possess a
short implant life, so they are typically implanted in older patients [3, 45]. More
about these valve types, their selection factors, and shortcomings are discussed in the
following section. Clinically used prosthetic valves can be broken into two catego-
ries: mechanical heart valves (MHVs) and bioprosthetic heart valves (BHVs).
Mechanical heart valves primarily consist of metal, and have various mechanical
designs to improve valve performance. Bioprosthetic heart valves are tissue based
and made of either human (allograft) or animal-based (xenograft) tissues. Another
treatment option typically used in young children is the Ross Procedure [6, 46]. The
patient’s aortic valve is replaced by the patient’s pulmonary valve which in turn
is replaced by an allograft. This allows the valve in the aortic position to remodel and
grow as the patient grows [47]. Recent pushes in the field have investigated the use
of polymeric heart valves, as well as tissue engineering approaches for heart valves
[3]. Each type of heart valve has various designs, failure modes, advantages, and
disadvantages, which will be discussed later in this section.

A set of design considerations was originally presented by Harken in 1962 [48],
and has been modernized by Schoen and Levy (Table 1) [3]. Ideally, a replacement
valve would perform as closely as possible to a native valve. Design considerations
include mechanical factors, and implant-host factors. Further design factors are ease
of surgery and patient comfort. Each valve type tackles some of the design require-
ments in different ways. For example, mechanical heart valves possess good

Table 1 Desirable
characteristics of a heart valve
substitute (adapted from [3])

Nonobstructive
Prompt and complete closure

Nonthrombogenic

Infection resistant

Chemically inert and nonhemolytic

Long-term durability

Easily and permanently implanted

Patient-prosthesis interface heals appropriately

Not annoying to patient
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durability due to the use of metal, so altered flow patterns are the design factor that
represents the highest capacity to improve. Similarly, tissue valves possess good
native hemocompatibility, so design changes focus on improving durability and
reducing implant calcification.

5 Current Gold Standards in Heart Valve Replacements

There are currently three large companies that comprise the majority of the aggregate
value of the heart valve replacement market. These companies are Edwards
Lifesciences, St. Jude Medical, and Medtronic [1]. Smaller companies that make
up the rest of the aggregate value of the heart valve replacement market are
companies like Sorin, Onyx, and other medium to smaller producers [1].

Current heart valve replacement technology offerings available on the market can
be divided into two main product offering segments: mechanical heart valves
(MHVs) and bioprosthetic heart valves (BHVs). Each type addresses different
patient segments with different value proposition offerings to fit those patient
segment needs. It should be noted that when the heart valve market is segmented
by different product offerings, BHVs account for the majority of the market share,
and the rest of the market is in MHVs. This means that BHVs are the predominant
and preferred product offering in the heart valve replacement space. Edwards
Lifesciences leads this product offering segment, followed by Medtronic, then
St. Jude [1]. However, despite over 40 years of innovation, both modes of replacing
heart valve function have failure rates at 10–15 years needing replacement or
compromising of patient [2, 3, 5, 7, 49]. Also, Edwards Lifesciences’ design and
utility patents on their heart valve replacements are due to expire soon or have
already expired thereby creating a potential power vacuum in the heart valve
replacement space. Without these market barriers on specific methods of fabricating
the valve and valve design, other players may mimic their designs at will. The
following sections delve deeper into the technology developed in each product
offering segment.

6 Mechanical Heart Valves (MHVs)

The core concept behind MHVs is to completely replace mechanical function of the
heart valve with synthetic materials. MHVs usually incorporate a bileaflet design
often made from biologically inert materials such as polycarbonate. The major value
proposition in using these materials and design is that (1) the materials are
engineered significantly past the lifespan of a human and (2) the geometry, dynam-
ics, and overall design of the heart valve provide adequate pulsatile system blood
flow to the body. MHVs are composed entirely of synthetic materials, typically
composed of metal or both metal and polymer. Figure 3 below depicts several
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models of MHVs. All MHVs consist of three major parts: sewing ring to attach to the
tissue, housing, and occluder. Flexible fabric made of Dacron (polyethylene tere-
phthalate) or ePTFE (expanded polytetrafluoroethylene) typically composes the
sewing ring to allow attachment to the body via sutures. The housing consists of a
base for attachment of the sewing ring, and guides the motion of the occluder. The
occluder is the only moving part of the valve and it moves to alternately block and
allow blood flow. Figure 4 depicts different designs of MHV leaflets to allow for
pulsatile blood flow. MHVs exhibit decreased hemocompatibility due to their
materials and geometry and thus they require lifelong anticoagulant therapy. How-
ever these valves also exhibit high durability due to their materials properties, which

Fig. 4 Contrasting MHV designs resulting in differing hemodynamics. (Top) Side view with
arrows indicating different laminar flow of blood shearing against surfaces. (Bottom) Isometric
view of MHV designs during ventricular systole. (a) Ball and cage model. (b) Single leaflet model.
(c) Bileaflet model

Fig. 3 Mechanical Heart Valves. (a) Hufnagel [33], (b) Starr-Edwards [51], (c) Bjork-Shiley [52],
(d) Medtronic-Hall [33], (e) St. Jude Bileaflet [53]
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contributes to their low material failure rates. Therefore MHVs are typically used for
younger patients with long life expectancy. These patients must also not have
preexisting conditions such as blood disorders or pregnancy risk which contraindi-
cate anticoagulant therapy [40, 41, 44, 50].

Drawbacks of this MHV design are that any occluder design, although optimized
to reduce irregular flow patterns to mimic native blood flow as much as possible, still
forces blood past a very non-native junction at the strut where the polycarbonate
occlude(s) is attached. This causes irregular shearing patterns in the blood that
activate the coagulation cascade making MHVs highly thrombogenic. It should be
noted that MHV thrombogenicity has no correlation with the selection of material—
the inherent geometry of the MHV causes irregular shear patterns within the blood
that elicit a coagulation response. Therefore, MHV recipients must be put on
anticoagulant therapy such as warfarin, coumadin, or other blood-thinning antico-
agulants for the duration of implant use. Usually, patients are compromised due to
this anticoagulant therapy because these anticoagulation agents are highly toxic and
can lead to other lethal complications. This design is valuable in the small patient
segment in developed economies that fall between the ages of 45 and 55 years and
cannot afford more expensive BHVs. This patient demographic is still very mobile
and immune competent. Implanting the alternative, BHVs, in this patient segment
would be catastrophic as BHVs fail more rapidly in younger patients [54, 55];
therefore, surgeons opt for MHVs for their durability and patients’ ability to handle
the anticoagulation therapy. It ultimately becomes a lifestyle choice [56, 57].

7 Bioprosthetic Heart Valves Overview (BHVs)

The majority of the HVR patient segment receives a BHV. BHVs are fabricated from
chemically treated tissues derived from connective tissue in animals. Two biologi-
cally based materials have been approved for clinical use as xenogenic tissue in
BHVs: whole porcine aortic valves and bovine pericardium-based valves [3, 58–
60]. The heart valve tissue bares all the loads and fatigue cycling of the system;
therefore, biomaterial engineering is of utmost importance in BHV engineering.
Currently, the standard practice in industry is to chemically tan bovine pericardium
or porcine aortic heart valve leaflets with glutaraldehyde to produce a durable yet
viscoelastic material that can deform to allow for the complex valve leaflet biome-
chanics for hundreds of millions of cycles. Tissue antigenicity must be reduced prior
to implantation, and can be accomplished through multiple treatments, but glutaral-
dehyde is the only one clinically used. Glutaraldehyde has the benefit of crosslinking
collagen and devitalizing cells in the tissue, but results in a tissue possessing
inadequate long-term durability [3, 59]. The lack of viable cells results in a loss of
remodeling capabilities of the valve, and the ECM gradually degrades without
replacement [61–66]. Two basic parameters can be changed in BHVs: material
fabrication and valve design (including mounting, stent types, and suturing
methods).
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8 BHV Base Materials: Bovine
Pericardium (BP) and Porcine Aortic Heart Valve
Leaflets (PAVs)

“At the same time, market-driven preferences for either bovine pericardial or porcine
aortic valves cultivated a pseudo sense of progress among surgeons while in fact
they merely reflected the circumstances of the time rather than scientific insight.
While in previous eras clinical failures due to design flaws affected the surgeon’s
preferences for bovine or porcine products, prion and virus concerns as well as tissue
availabilities and production advantages determine today’s marketing thrusts
towards ‘bovine’ or ‘porcine’ valves” [5]. Still commercially available, both mate-
rials are currently implanted in patients. St. Jude Medical Inc. and Edwards
Lifesciences utilize BP wrapped in proprietary methods around proprietary stents
of differing composites to mimic the structure of a native aortic valve. Medtronic
utilizes a line of BHVs fabricated from PAV leaflets. Figure 5 illustrates a variety of
models of BHVs including transcatheter valves that can be implanted
percutaneously.

Bovine pericardium is now much more predominant in the premier BHV models
offered by companies. The core concept behind BHV function is mimicking the
native heart valve as much as possible by forming a crosslinked animal derived
tissue into the geometry of a trileaflet native heart valve around a polymeric/metal
stent. This results in a robust valve with hemodynamics more like those of a native
valve. This minimizes shear on the red blood cells, and anticoagulant therapy is not
needed for BHV recipients. This makes BHVs more valuable than MHVs. With
innovations in percutaneous valve implantation, BHVs are of great value to elderly
patients. However, the tissue-based materials are susceptible to degradation and
other biological insults that the MHV materials are engineered to be much more
resistant to. For this reason, from a strictly mechanical standpoint, MHVs are much
more structurally robust than BHVs. However, again, because of the anticoagulation
therapy, there is actually no significant difference between the two implants when
using the metrics of implant life in patients aged 50–69 [67]. Again, as illustrated in
Fig. 6, it becomes a lifestyle choice when patients are outside of the bell curve
demographic of 60–75 years of age.

The rest of this chapter will focus on tissue-based heart valve replacements
(BHVs) because they are the preferred choice of surgeons: BHVs do not require
anticoagulant therapy and offer more native-like hemodynamics than MHVs. Alde-
hyde treated BHVs are currently the market gold standard for the main patient
segment currently receiving heart valves—elderly patients aged 65+. Figure 7
depicts a brief history of HVRs and the rise of the many designs starting in the 1960s.

BHVs are designed to be either stented or stentless. Stents are made from artificial
material, either metal or plastic, and covered in a fabric sewing ring to provide a
frame for the valve. Stentless BHVs allow for implantation of larger valves, yielding
increased implant performance [3, 45, 59, 69]. Early stented valves used rigid metal
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stents with three posts. These valves exhibited a high failure rate due to tears at
commissures near the posts. The concept of a flexible stent to reduce the rigidity of
the frame was pursued to alleviate stress in the tissue near the posts. Initial attempts
were unsuccessful at mitigating this failure and introduced further deformation

Fig. 5 Tissue heart valves (a) Carpentier-Edwardss PERIMOUNT Magnas Pericardial
Bioprosthesis (Stented) [45], (b) Edwards Prima Pluss Stentless Bioprosthesis [45], (c) Edwards
Sapien Pericardial Percutaneous Valve [35], (d) CoreValve Percutaneous Valve [35]
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problems. Modern stents utilize a flexible polymer-based stent, contributing
improved mechanical properties to mitigate this failure mode. Stents also increase
the ease of valve implantation procedures. Expandable metal stents, similar to those
used in the vasculature, are of recent interest for use with percutaneous intracatheter
delivered valves [5, 6, 35, 36]. While the increased size of stentless valves allows
better approximation of a patient’s normal valve, their design lacks some of the
benefits that stented valves present for implantation. For example, stentless
valve design contains additional xenogenic aortic wall material [3, 59]. This

Fig. 6 Rates of complications and adverse events of HVR requiring reoperation or
intervention [67]

Fig. 7 Evolution of prosthetic heart valves [68]
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increases the chance for calcification and pannus overgrowth in the valve, as well as
inadequate implant integration [3]. Additionally, stentless valve design increases the
level of difficulty of implantation and therefore limits the operation to more expe-
rienced and skilled surgeons [59].

The anatomical structure of porcine valves is highly similar to human valves, but
two main differences exist. Porcine valves contain a muscle shelf to support the right
coronary cusp, and also possess less fibrous continuity between the mitral and aortic
valve [59, 69, 70]. This shelf is an extension of the ventricular septum, and may
promote calcification and reduce valve range of motion [3, 59, 69, 70]. To eliminate
this shelf in the valve, some manufacturers elect to select optimal leaflets, treat them
individually, and match them for appropriate size prior to assembly [3, 59, 69]. Peri-
cardial valves are formed from sheets of pericardium, which are cut and constructed
to form a trileaflet valve [3, 45, 59]. The structure of pericardium is different from the
structure of valve cusps. The pericardium contains a smooth inner layer, middle
fibrosa layer, and an outer rough layer [3, 60]. The rough layer contains collagen and
elastin, which must be trimmed from desired tissue to present a more uniform
surface. This surface is still rough, so it becomes the inflow surface which allows
for washing of the surface to prevent thrombus formation. The fibrosa contains
collagen, elastin, microvessels, and nerve bundles. BP is essentially a collagen mesh
that has glycosaminoglycans (GAGs) and elastin dispersed throughout the tissue
composite. Though BP contains the same components (collagen, GAGs, and elastin)
as PAV leaflets, BP is in stark contrast to PAV leaflet due to the composition and
orientation of these extracellular matrix protein structures. BP is ~95% collagen with
very little ground substances (GAGs) and interdispersed elastin throughout the mesh
oriented in various directions. Pericardial-based valves allow for optimization of
design for improved hemodynamics, but their vastly different structure imparts
inferior biomechanics for durability [59, 69, 71].

From a manufacturing standpoint. BP is much easier to handle, comes in a sheet
that can be cut in any shape desired and this is most likely the largest driving factor in
it becoming the preferred design of suppliers because it drives down overhead costs
and increases operational margin. Large sheets can be pre-selected according to
desired thickness and mesh fiber orientation and then treated with relatively lower
volumes of glutaraldehyde solution than the amount that would be required for PAV
leaflets. This process can be highly automated giving BP users a distinct cost
advantage at large production volumes. These sheets can then be cut into strips in
a proprietary geometry such that the strips can be wrapped and stitched around stents
to form the tri-valve design. It should be noted that the assembly process of all BHVs
(including PAV derived BHVs) is still done by hand and thus is heavily protected by
not only a portfolio of methods and design patents but also technical know-how in
these companies’ human capital. BHVs fabricated from PAV leaflets are less
congruent with optimal manufacturing processes because selection requires many
animals (specifically grown for heart valve materials) and is not easily automated.
Only the noncoronary leaflets (one each valve) are considered as candidates for heart
valve fabrication. Only the best noncoronary leaflet from a group of animals is used
in the fabrication of the final BHV. Therefore, it takes multitudes of animals to
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produce one PAV derived BHV. These leaflets, all different in geometry, must also
be individually cut and stitched together onto the stent to form the trileaflet structure.
These BHVs are then stuffed and crosslinked in glutaraldehyde under a
pressure head.

These differences in manufacturing technique could be producing very different
products long-term, especially using a zero-set treatment technique with BP versus a
pre-tension treatment technique that puts an inherent tension in the PAV leaflets
[72]. Long-term data isolating these two variables in large patient groups is not
available. However, BP and PAV leaflets are fundamentally the same in one
respect—they are both made of the same extracellular matrix (ECM) components.
The varying amounts of those ECM components and structural organization of these
components are what gives rise to differing tissue composites, which will be
manifested in different biomechanical responses. BP as it comes off the heart of a
cow has within it a multitude of orientations varying by region. BHV manufacturers
that utilize BP as the base material for BHV fabrication select BP based on alignment
orientation and thickness specifications set forth within the protocol of the company.
Figure 8 illustrates the range of mesh oriented collagen fibers that are within
BP. Previous studies have established that these tissues are highly complex nonlinear
materials that have preferred orientations [73, 74]. The biomechanical properties are
dependent on the initial fixation pressure [72] and how long and what type of
mechanical load/deformation is placed upon the material after fabrication [73, 75–
77].

PAV leaflets were first used because they mimicked very closely the native
human aortic valve. PAV and human leaflets have three layers: (1) the fibrosa,
(2) the spongiosa, and (3) the ventricularis. This three-layer structure is shown in
Fig. 9. The fibrosa faces the aortic side of the leaflet and contains highly
circumferentially aligned type VII collagen to give the leaflet structure and strength
to withstand its high cyclic pressure environment [78–80]. Facing the opposite side
towards the ventricle, the ventricularis also contains collagen; but its key component
is radially aligned elastin. The ventricularis functions in providing elasticity and

Fig. 8 Scanning electron microscopy images of collagen in bovine pericardium. (a) side faces
away from the heart of the pericardium (Fibrosa), (b) side facing the heart for the pericardium
(Serosa)
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recoil to the leaflet [81, 82]. This allows the PAV to create the pressure gradients
necessary for pulsatile circulation of blood after ventricular systole. In between the
fibrosa and ventricularis lies the spongiosa, which primarily contains GAGs. This
layer is believed to mechanically function as a shearing medium between the two
other layers because the GAGs form a hydrogel-like layer [61, 83].

It has been shown that depletion of ECM proteins can cause deviations in
biomechanics and could contribute to structural degradation [81–83, 85, 86]. How-
ever, standard industry practice continues to be prioritizing collagen fixation and
removing potential nucleation sites for calcification. Though composed of the same
ECM components, BP is a material in stark contrast to PAV leaflets in the variation
in ECM components and how these components are organized. This material design
elicits completely different material properties even before downstream processes
such as fixation and valve design.

9 BHV Drawbacks

Currently marketed BHVs employ glutaraldehyde treated tissue. The resulting tissue
is adequate for application, but suboptimal in long-term performance. Roughly half
of these valves fail within 12–15 years [3, 8]. BHVs fail along four different paths:
endocarditis, thromboembolism, structural degradation and nonstructural dysfunc-
tion, [3, 8, 15, 20, 21, 23, 59, 64, 77, 87–90]. Infective endocarditis incidence is
dependent on sterility and the skill of the surgeon [18–23, 89, 91, 92]. The progres-
sion of endocarditis is similar in BHVs and native heart valves, but typically presents

Fig. 9 Histological representation of three layers within PAV ECM. (a) Fibrosa layer with heavy
circumferentially aligned collagen content illustrated in yellow. (b) Spongiosa layer comprising of
GAGs, illustrated in blue, and collagen. (c) Ventricularis layer comprising collagen and radially
aligned elastin illustrated in dark purple and black fibrous structures, respectively [84]

352 N. Vyavahare and H. Tam



early on in the life of the implant. Organisms commonly infecting valves include
Staphylococcus aureus, Staphylococcus epidermidis, Streptococcus pneumoniae,
and Aspergillus. Early diagnosis can utilize antibiotic treatments, but disease pro-
gression can result in valve failure. The most common mode of failure associated
with endocarditic prostheses is dehiscence, or the detachment of the implant from the
suture line. Frequency of failure can be limited by maintaining surgical sterility.
Future attempts to limit could include antibacterial coatings of sewing rings, similar
to those being investigated for vascular grafts.

While BHVs have a reduced risk for thrombosis in comparison to MHVs, the risk
remains, particularly early on following implantation. Although tissue-derived leaf-
lets already possess thromboresistant material, they must go through an adaptation
period following implantation. Thromboembolism risk is still high for approxi-
mately 3 months post-operation due to incomplete integration of the implant with
native tissue. Consequently, anticoagulants are administered during this time period.
Due to artificial materials and altered hemodynamics, stented valves have a slightly
higher risk of thromboembolism than stentless valves. Nonstructural dysfunction
encompasses host responses to BHVs, including pannus overgrowth, hemolysis, and
paravalvular leakage. These complications, pannus overgrowth in particular, occur
at similar rates across implant types. Pannus overgrowth of tissue extends over the
sewing ring during integration, and can spread to affect the motion of valve cusps,
eventually inhibiting their ability to open and close [93]. Hemolysis is caused by
shear forces on blood cells, and typically occurs on the surface of valves. Hemody-
namics performance affects hemolysis rates, and can be altered by design type. The
Reynolds number is a measure of the ratio of inertial to viscous forces, and can be
used as a parameter for predicting hemolysis. Since tissue valves have more natural
leaflet action than MHVs, better flow profiles occur and result in decreased blood
shear and hemolysis. Paravalvular leakage is typically preceded by valvular endo-
carditis, and consists of leakage at the interface of the valve to the patient’s tissue. It
allows blood to flow around the implant and to circumvent the valve when closed.
This results in undesired backflow and inferior hemodynamic performance.

Structural degradation remains the primary mode of failure for BHVs, and
includes calcific and noncalcific degradation [3, 8, 94]. Noncalcific structural deg-
radation involves mechanical and material-based degradation that does not involve
mineralization of the cusps. Calcific degradation involves deposition of mineralized
calcium phosphate crystals in tissue to create calcific nodules. Cusp calcification
typically results in leaflet hardening and stenosis. Reduction in rates of these failure
modes may be accomplished through improved chemical fixation modalities. These
failure modes are depicted in Fig. 10 and summarized in Fig. 11.

Roughly 75% of all porcine aortic valves experience structural degradation such
as cusp tears [3]. This usually presents as valvular insufficiency. In vivo factors such
as mechanical forces and enzymatic digestion initiate degradation of the extracellular
matrix. Since fixed tissue loses its ability to remodel and its innate enzyme resis-
tance, the proteins are slowly degraded, which exacerbates mechanical fatigue.
Chemical treatments of BHV material cause microscopic changes to the tissue,
which can increase stiffness or cause localized stresses. Mechanical failure usually
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results in cusp tears or buckling of the tissue. Treatment with glutaraldehyde is
known to cause two changes contributing to degradation: crosslinking of collagen
and loss of cell viability [3]. Tissue begins deteriorating immediately following
harvest, and cell death causes the release of ECM degrading proteases [61–63,
65]. The loss of extracellular matrix components, in particular collagen damage
and loss of GAGs, has been observed following fixation and in explanted valves
[61, 62, 65, 95–99]. Insufficient stabilization against enzymes can have drastic
effects on the integrity of the ECM and durability of tissue valves in vivo
[63, 100]. Glutaraldehyde crosslinking of collagen accomplishes a fair degree of
extracellular matrix stabilization, but at the cost of flexibility [3]. Crosslinks and
stabilization result in a locked configuration characterized by increased cusp rigidity
with increased localized stresses [101–103]. Inability of glutaraldehyde to ade-
quately preserve GAGs promotes tissue stresses and susceptibility to mechanical
damage [3, 61, 64, 104, 105].

Fig. 10 Bioprosthetic heart valve failure. (a) Removed porcine BHV from mitral position for
8 years. Tears and calcific nodules can be seen [8]. (b) Porcine BHV from mitral position, implanted
for 7 years. Prosthesis shows thickening of cusps and white vegetations from infection
[8]. (c) Aortic surface of explanted BHV showing two torn cusps with prolapse [94]. (d) Left
ventricular outflow surface shows a torn cusp and extensive pannus formation covering portions of
the cusps [94]
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Calcification pathways are not fully understood, but are affected by various
factors including tissue damage, host response, and material [3, 49]. Calcification
begins with initiation or nucleation of crystals within the tissue itself. These crystals
propagate, resulting in a deteriorated structure and increased stiffness. Thus, calci-
fication has a direct effect on structural integrity and long-term durability of BHVs.
Due to higher metabolic rates, calcification progresses quicker in younger patients,
resulting in faster failure of BHVs than in older patients. In living tissue, cells
contain ion pumps to regulate calcium levels, but following cell death this ability
is lost [3, 12, 49, 65, 106, 107]. Consequently, any calcium influx cannot be
removed, allowing high concentrations of calcium to build up within cells. Calcium
reacts with intracellular phosphorous from organelles, nucleic acids, and membrane
components, which results in nucleation and initiation of mineralization within
residual cells [49]. Additional nucleation sites may also be present in the extracel-
lular matrix. Elastin-mediated calcification occurs without chemical crosslinking of
the tissue, but collagen crosslinking with glutaraldehyde creates nucleation sites
[108]. Theories suggest that elastin is typically protected by glycoproteins and
microfibrils, which are lost during tissue preparation or matrix metalloproteinase
(MMP) activity, allowing calcification to occur. GAGs are theorized to inherently
inhibit calcium through chelation or steric hindrance [49]. In vivo rat subdermal
implantation models have shown that GAG loss promotes calcification, while GAG
stabilization inhibits calcification [98, 103, 109, 110]. Even after 40 years of clinical

Fig. 11 Model for structural dysfunction in bioprosthetic heart valves. Two pathways are shown,
one induced by stress, resulting in structural degeneration and valve failure. The other is affected by
implant and host factors, results in cuspal calcification and valve failure. Implant and host factors
induce collagen-oriented deposits, seen in the ultrastructure that predominate at flexion points and
commissures. The pathways are not independent, however, since structural degeneration predis-
poses cusps to calcification [3]
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use and development, structural degradation remains a problem in BHVs. Extracel-
lular matrix loss exacerbates degradation and calcification of tissue. Additions or
alterations to current chemical treatments may prove beneficial to reducing structural
degradation, improving durability, and increasing the life of bioprosthetic heart
valves.

10 Industry Practice of BHV Fabrication

Fixation methods are chemical treatments, applied to xenogenic bioprosthetic valve
tissue. Utilization of these treatments accomplishes three things: sterilization of the
tissue prior to implantation, rendering the tissue inert (reduce antigenicity) to reduce
immune rejection, and stabilizing the extracellular matrix since remodeling is not
possible. Stabilization of collagen, elastin, and GAGs in the extracellular matrix is
necessary to provide mechanical integrity for long-term application. Chemicals for
fixation need to create irreversible and stable crosslinking bonds between various
tissue components. These bonds can be created by binding to carboxyl groups and
various amino acids within the tissue to increase its stability.

Early bioprosthetic valves used formaldehyde to provide adequate stability.
However, long-term durability remained a concern. With the advent of glutaralde-
hyde in 1969, formaldehyde treatment was replaced permanently. Glutaraldehyde
remains the primary clinically used fixative due to its proven advantages. It is
inexpensive and readily soluble, but its reactivity may have some harmful effects
on the body. Glutaraldehyde’s IUPAC name is 1,5-pentanedialdehyde, and its most
stable form is a bifunctional five carbon aldehyde. In aqueous solution, glutaralde-
hyde can occur as a free aldehyde, monohydrate, dihydrate, hemiacetal, or any
polymerized form (Fig. 12). BHVs are treated initially with low concentration
glutaraldehyde for 24 h to optimize fixation. Two different reactions occur with
glutaraldehyde and tissue that are important in tissue fixation: Aldol condensation
and Schiff bases. Aldol condensation can occur between two aldehyde groups,
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Fig. 12 Glutaraldehyde (a) monomer structure free polymerizes in ring form and (b) schematic of
reaction with collagen [111]
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yielding unsaturated (unless each end is bound) polymerized glutaraldehyde. Schiff
base bonds form with lysine or hydroxylysine residues in collagen, and can bind two
collagen molecules together. Glutaraldehyde, which also reacts with carboxyl and
amide groups in proteins, reacts most preferentially with primary amines and least
preferentially with hydroxyls. Low concentrations of glutaraldehyde allow adequate
penetration into the tissue for maximum fixation potential, in contrast to high
concentrations which quickly create less permeable surface crosslinks.

Glutaraldehyde presents several benefits over formaldehyde crosslinking. First,
formaldehyde fixation is a reversible process; the chemical can react with only one
collagen molecule. Treatment with formaldehyde results in cusp stretching, defor-
mations, and increased immune response. Although more useful than formaldehyde,
glutaraldehyde depolymerizes and releases byproducts into the body. Residual glu-
taraldehyde exacerbates calcification, and crosslinking fails to block calcium nucle-
ation sites. This causes the tissue to stiffen and undergo further mechanical damage.
Residual glutaraldehyde, unreacted in crosslinked tissue, can also cause inflamma-
tory or cytotoxic responses, and can promote calcification [101, 112–114]. Glutaral-
dehyde cytotoxicity hinders cellular ingrowth, reducing macrophage activity, and
the attachment of native endothelial cells. Cytotoxicity can be reduced by thoroughly
rinsing the implant in saline prior to implantation. Glutaraldehyde’s pro-calcific
effects can be neutralized or reduced by various anti-calcification treatments.
Amino oleic acid (AOA) neutralizes glutaraldehyde by using amino groups to
sequester free aldehydes, allowing endothelial growth and mitigating calcification.

Alternative fixation chemistries are constantly being investigated. Among these
are epoxies, acyl azides [115], polyethylene glycol [116, 117], quercetin [118],
carbodiimide [95–97, 104, 119–121], periodate [96, 109], triglycidylamine [115],
and dye-mediated photooxidation [114, 122]. Researchers hope that properties of
these fixation chemistries can help solve the issues experienced by glutaraldehyde
treated tissue. Carbodiimide and epoxy-based chemistry have entered clinical trials.
Carbodiimide treatment is further discussed in Sect. 6. Use of epoxies as a fixative
yields increased pliability and a more pleasing appearance of valves.
Triglycidylamine, one such polyepoxide, is being investigated for use in porcine
aortic cusps, bovine pericardium, and collagen fixation. Characterization showed
shrinkage temperatures similar to those of glutaraldehyde crosslinked tissues,
increased collagenase resistance in vitro, improved mechanical properties, and
decreased calcification levels in subdermal implants in a rat calcification model
[115]. Additions to glutaraldehyde are also being investigated and used clinically.
One such calcification reduction method is used in Linx™ technology (St. Jude
Medical, St. Paul, MN). Ethanol preincubation reduces calcification potential in
valve leaflets through the removal of phospholipids and cell debris and causing
conformational changes in collagen. Ethanol has shown marked reduction in
collagen-related and cell-initiated calcification, but fails to reduce elastin-mediated
calcification. Additional investigations into mitigating elastin-mediated calcification
could prove beneficial. In short, glutaraldehyde is clinically used to chemically
crosslink tissue heart valves, but it presents its own shortcomings. These can be
overcome by developing new crosslinking technology to increase stability of tissue
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against structural degradation and calcification. Many promising techniques exist,
but proving their efficacy is a lengthy process, and after several years of investiga-
tion, failure in clinical trials remains a possibility.

11 Underlying Factors in Failure Modes of BHVs

BHVs start to experience failure modes around 10–15 years after implantation
[7, 54]. BHVs fail due to two primary failure modes which are (1) calcification
and (2) structural degradation [7]. Both these failure modes can occur independently
or concurrently and can be synergistic. The tradeoffs between BHVs and MHVs are
in their failure rates. Both BHV and MHV failure rates start to occur 10–15 years
after implantation [56, 67]; however, BHV failure rates occur earlier in younger
patients sometimes as soon as 5–7 years after implantation [7, 55, 57]. The two main
modes of failure in BHVs are calcification and/or structural degeneration leading to
tearing [5, 7]. These two failure modes are not mutually exclusive as both have
occurred together as well as independently [76] as indicated in Fig. 12.

12 Mechanisms of Calcification

The major barrier to addressing calcification in BHVs is a limited understanding of
the mechanisms initiating the onset of calcification. Although calcification is a
passive process beginning from nucleation sites at cellular debris left in BHV
materials [49, 123–126], it is currently unknown how and why these nucleation
sites are manifested and how they aggregate into stenosis-inducing calcification
nodules. Figure 13 depicts the predominate hypothesis on how calcification in
BHVs occur.

Furthermore, there exist alternative crosslinking chemistries that do not calcify
despite cellular debris being left in the implant suggesting that there are multiple
pathways of calcification. Additionally, calcification can occur in collagen sponges
[125]. These tissues are devoid of devitalized cells and calcification nodules were
still found to have developed (Fig. 13). The five overarching processes that have
demonstrated the capacity to play a role in calcification are: (1) cellular debris,
particularly the phospholipid content that provides a high affinity binding site for
minerals such as calcium, providing the substrate for nucleation site formation [7],
(2) damaged ECM (both elastin and collagen) providing high affinity substrates for
mineralization occur [103, 123, 124, 127–130], (3) glutaraldehyde itself, specifically
unbound free floating aldehydes is highly toxic and may predispose tissue to
calcification [125, 126, 131, 132], (4) oxidative stress [133], and (5) an active
cellular response that may contribute to calcification [93]. Because there are multiple
driving factors to calcification, it has been difficult to discern the exact mechanism in
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how calcification progresses giving rise to multiple intertwined hypotheses in causes
for calcification.

The literature is unclear on how the host cellular response plays into the calcifi-
cation response and how it affects the biomaterial in general. Figure 14 depicts
activated macrophages, phagocytic cells, and activated T-cells, which have all been
found in failed BHVs explanted from compromised patients [131, 132]. TEM
images showing collagen fragments in phagocytic vesicles from failed BHV
explants have been reported, suggesting an active cellular response in degeneration
of BHVs [134]. However, the studies do not clearly show what triggers these cells
into the hostile activity towards the implant or the pathway progressions these cells
are taking to produce such behavior. They do, however, show that phagocytic cells
actively participate in fragmentation of ECM proteins [134, 135]. These could
potentially be the sites necessary for calcification nodule formation. While the
immunogenicity of the biomaterial itself may be enough to elicit such a response
[135], even collagen sponges implanted subcutaneously have elicited heavy foreign
body giant cell activity, phagocytic activity, and calcification [125]. Furthermore,
collagen sponges implanted in nude mice (immune cell deficient mice) still
presented with calcification and host cellular infiltration [136].

Fig. 13 Overarching hypothesis within the literature pertaining to mechanisms underpinning
calcification for BHV failure [7]
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13 Mechanisms of Structural Degradation

Regarding structural degradation, much work has been done on mechanical wear
and its effects on the tissue composite. However, how alternative crosslinking
chemistries and the biomechanical implications of different crosslinking networks
mitigate mechanically induced structural degradation remain unexplored. Further-
more, the literature does not come to a cohesive consensus on the role of the host
cellular response in regard to structural degradation. Though it is accepted that
mechanical fatigue can produce many deviations in biomechanics including flexural
compliance [64], permanent geometric deformation and loss of extensibility
[74, 75], and large disruptions in fiber orientation [72, 73, 137, 138]; the host
cellular response is capable of fragmenting ECM components [125, 135, 139,
140] which could potentially result in more structural degradation. Furthermore, it
has been shown that oxidative stress can damage and weaken glutaraldehyde
bonds [133].

Previous research has indicated that glutaraldehyde crosslinking itself may
increase propensity of tissue calcification [125, 126]. Schiff-base crosslinking
[141, 142] is shown to be reversible and susceptible to hydrolysis [142, 143]. Though
the reaction can be made more irreversible by using reducing agents such as sodium
tetraborate [144], such treatments are not used for clinical BHVs. The inability of
GLUT crosslinking to stop degradation of the integrity of the collagen triple helix
during cyclic fatigue loading was shown by shifts in amine peaks in FT-IR exper-
iments [64]. Same studies also showed that in vitro cyclic fatigue causes change in
bending stiffness in GLUT treated PAVs indicating a degradation of the ECM
structure [64]. Glutaraldehyde actively crosslinks only collagen and leaves other
key ECM components such as GAGs and elastin unstabilized in the overall tissue
composite [141]. Therefore, these major ECM components are lost from the tissue

Fig. 14 Histological analysis of explanted large-animal study sheep valves or failed human valves.
TEM shows activated macrophages infiltrating between collagen fibers in ECM (A and B) as well as
immune cells infiltrating into ECM of structurally failed valves (C). It has been previously shown
that these cells are aggressive in destruction of foreign ECM [135, 139, 140]
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due to enzymatic degradation [61, 66, 95, 104]. Slow depletion of these ECM
components compounded with constant cyclic loading may lead to microtears after
valve implantation. This early degeneration may then lead to calcification nodule
development and/or visible tears within a few years. Figure 15 depicts that areas
of loss or damage of elastin can serve as high affinity calcification sites. It has been
demonstrated that depletion of elastin within soft connective tissues such as PAVs
produces severely deviated biomechanical properties. Figure 16 shows that GAGs in
BHVs are strongly connected with fiber-fiber and fiber-matrix interactions at low
force levels and that they may be important in providing a damping mechanism to
reduce leaflet flutter when the leaflet is not under high tensile stress [83]. Thus, the
degradation of the essential ECM components may lead to compromised mechanical
function of the leaflet; this could be a major contributor to degenerative tears of
BHVs.

Fig. 15 Histological analysis of explanted large animal study sheep valves or failed human valves.
TEM shows activated macrophages infiltrating between collagen fibers in ECM as well as immune
cells infiltrating into ECM of structurally failed valves. It has been previously shown that these cells
are aggressive in destruction of foreign ECM [135, 139, 140]
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Furthermore, current treatment methods with glutaraldehyde show the structural
degradation implications of using reversible chemistry in a device that requires
high cyclic fatigue resistance [73, 74]. Figure 17 depicts fatigued collagen treated
PAVs exhibit permanent deformations (also called permanent set), deviations in
biomechanical behavior, as well as fiber orientation disruption and visible macro-
scopic deformations. Depicted in Fig. 18, just by the naked eye, physical sagging of
the inside of the heart valve as well as stress shunting around the aortic wall can be
seen [75]. Accompanying the macroscopic to microscopic structural degradation,
individual collagen fibers at the protein level exhibit degradation
[64, 73]. In Figure 19, FT-IR spectroscopy results of fatigued samples as compared

Fig. 16 Biomechanics testing showing the alteration in mechanical behavior in elastin-digested
tissues [82]
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to unfatigued samples show a shift in peaks in the amide regions. The marked
amide regions are indicative of the collagen triple helix structure in which one
amide group is facing inward and two facing outward. With the disruption of
collagen and “unraveling” of the triple helix, the amide group usually facing
inward is now exposed to solution and shifts the peaks of the spectroscopy to a
slightly altered but detectable wavelength. Therefore, it can be concluded that
simply fatiguing tissues fixed with reversible chemistries such as aldehydes can
cause deviations at the biochemical, microscopic, macroscopic, and gross anatomy
level (Fig. 20).

Fig. 17 Alterations in mechanical behavior in GAG and GAG depleted tissues. (a) Reduced
hysteresis effects suggesting that leaflets “flutter” and have lost bending stiffness. Reduction in
bending stiffness and differences in low force biaxial tensile testing have been previously shown in
fatigued samples that also showed a reduction in GAG content over time suggesting that
GAGs play a role in maintaining fiber-fiber interaction and orientation [83]. (b, c) GAG depleted
tissues on the left buckled more easily than tissues with GAG stabilized tissues further suggesting
that GAGs play a pivotal role in maintaining an optimal bending stiffness for constant cyclic
bending [104]
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Fig. 18 Alterations in mechanical behavior in cycled PAVs crosslinked with glutaraldehyde. (Top)
Permanent geometric deformation relative to nominal geometry imparted by cyclic fatigue testing.
(Bottom left) Fatigued samples show a shift in biomechanical behavior. (Bottom right) Fatigued
samples show misaligned collagen fiber orientation relative to normal cusps damaged either through
in vivo failure or in vitro accelerated fatigue testing [73]
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14 Barriers to Innovation

The barrier to innovating the next generation of artificial heart valves that addresses a
larger patient segment is in developing a biomaterial that can preserve optimal
hemodynamics, has longer implant lifespan in younger patients, and does not require
the use of anticoagulants. One method to accomplish this goal is in investigating
alternative crosslinking methods used to chemically treat tissue biomaterials for
BHVs such as porcine aortic heart valve (PAV) leaflets or bovine pericardium
(BP) to produce a biomaterial that resists calcification and structural degradation.
Longer lasting, more durable heart valves would minimize recurrent surgeries and
improve quality of life for patients. These valve materials should (1) be biocompat-
ible, (2) resist calcification, (3) resist progressive structural degradation, (4) improve
patient quality of life, and (5) comply with best practices and processes of current
heart valve producers. These metrics will be used to evaluate emerging research in
BHV material design, but first, the current commercially available materials must be
evaluated to show what improvements are needed.

Fig. 19 MRI imaging of macroscopic geometric deformations in fatigued PAVs. (a) Normal,
unfatigued noncoronary cusp. (b) Fatigued noncoronary cusp with visual signs of sagging. (c, d)
Fatigued coronary cusps showing sagging. Sagging is indicative of permanent geometric deforma-
tion and can lead to force shunting causing unpredicted stress points. These high stress points could
exceed design specifications and be manifested as microtears leading to macrotears and eventually
structural degradation [75]

Bioprosthetic Heart Valves: From a Biomaterials Perspective 365



15 Add on Methods to Curb Shortcomings
of Glutaraldehyde Crosslinking in BHVs

Three schools of thought exist in the effort to innovate biomaterials for HVR
fabrication that will last longer. Either add-on technologies that can augment the
core crosslinking network created by glutaraldehyde can be developed, a completely
new chemistry can be used to treat BP or PAV tissues to produce a completely new
biomaterial that actively resists calcification and structural degeneration, or a
completely new biomaterial, synthetic or tissue engineered, can be used to fabricate
new valves.

Currently, every product line of BHVs has an add-on technology involving some
type of alcohol or surfactant treatment or secondary processing technique that is
aimed to decrease calcification rates. For instance, St. Jude uses a proprietary alcohol
or surfactant treatment in conjunction with their formaldehyde treated PAV BHVs.
Edwards Lifesciences uses a treatment technique that rids the tissue of residual
aldehyde and removes phospholipid content. Studies in the literature suggest that

Fig. 20 FT-IR spectroscopy investigating the integrity of the collagen triple helix of a patch of
glutaraldehyde treated PAV. Note the amide shifts between the cycled and control samples in the
1500–1600 wave number spectrum. This peak pattern is indicative of the amide residues normally
facing inward in the collagen triple helix that are now facing outward and exposed to solution,
suggesting that the collagen triple helix is unraveling. The implication of this is that glutaraldehyde
does not provide a stable enough bond to ensure the stability of the individual collagen fiber as it
gets fatigued with more and more cycles. This short coming in collagen stability could play a pivotal
part in structural degradation [73]
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the rationale behind using surfactants and alcohols is that these chemicals rid the
tissue of phospholipid content from devitalized cells that serve as high affinity
binding sites for mineralization, thus avoiding calcification initiation sites (nucle-
ation sites). Alcohol pretreatments also rid the tissue of cholesterol, alter collagen
confirmation, and remove cardiolipin. However, other studies have concluded that
these treatments only delay the onset of calcification in animal models. Prolonged
implantation in rat subcutaneous calcification models noted a return of calcification
in implanted materials in anti-calcification treatment groups. Other post glutaralde-
hyde crosslinking treatments are aimed at removing residual aldehyde residues that
have been previously shown to decrease the propensity of the tissue to calcify.
Company literature from heart valve producers such as St. Jude Medical, Medtronic,
and Edwards Lifesciences also explicitly state that there are no studies conclusively
demonstrating the long-term efficacy of any of these anti-calcification technologies
[145–147].

To prevent structural degradation, the optimal crosslinking is a balance between
using a concentrated crosslinking agent but still retaining functional compliance in
the tissue. Diamine crosslinking in combination with sodium tetraborohydrate in a
glutaraldehyde-based crosslinking has produced a more tightly crosslinked network
and decreased risk of calcification. The diamine crosslinking reduces the glutaral-
dehyde bonds into more stable double bonds that are much more irreversible.
However, sodium tetraborohydrate is a highly toxic chemical and the side effects
of leechables has not been fully studied and cleared for use in trials. As to date, this
technology has not garnered any industry interest, and furthermore innovations in
the industrial market space of BHVs focuses on anti-calcification. Innovations in
industry to actively prevent structural degradation (stabilize ECM proteins for better
long term durability) has historically not been pursued and emphasized despite
structural degradation contributing to 50% of BHV failure rates.

16 Alternative Crosslinking Chemistries to Innovate
a Novel Biomaterial for BHV Fabrication

To date, there are no other chemistries used other than aldehyde chemistry used to
fabricate BHVs for commercial use. Medtronic and Edwards Lifesciences BHVs
both use glutaraldehyde [146, 147] and St. Jude Medical BHVs utilize formaldehyde
[145] (Table 2).

Table 2 Comparison of fabrication techniques in various BHV biomaterials currently on market

Company Base biomaterial Crosslinker Anti-calcification treatment

Edwards Lifesciences BP Glutaraldehyde ThermaFix™

Medtronic PAV Glutaraldehyde AOA™ (alpha oleic acid) +
Physiological Fixation™

St. Jude Medical BP Formaldehdye Linx™ AC

Bioprosthetic Heart Valves: From a Biomaterials Perspective 367



However, researchers in the academia are publishing a multitude of approaches to
create entirely new materials. Figure 21 depicts many of the different techniques
used to stabilize collagen in soft connective tissue applications such as BHV
fabrication. Despite the number of methods to make a new material, all include
around the same concepts, which center on using a crosslinking chemistry that is
much less reversible than aldehyde chemistry and have previously been

Fig. 21 Different stabilizing and crosslinking agents demonstrated to adequately crosslink colla-
gen to produce biomaterials and scaffolds [141]
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demonstrated to be resistant to calcification. The rationale behind using more
irreversible chemistries is that the bonds crosslinking the ECM proteins are more
stable. This is especially important when crosslinking collagen, the ECM protein that
provides all the load bearing strength required of BHVs. A more stable bond should
lead to a higher level of collagen stability and resistance to degradation that should
lead to the resistance of permanent biomechanical alterations within the tissue
composite. From this process, the BHV can be designed to minimize stress concen-
trations and resist stress shunting and thus microtear formation. A lower incidence of
microtear formation should result in less tearing and catastrophic failure of BHVs
due to structural degradation.

The art of crosslinking and the underlying fundamentals of finding the optimal
chemistry for BHV fabrication lies in the crosslinking technique’s ability to produce
a structurally very durable, tough biomaterial, but to retain compliance even at high
volumes of cyclic mechanical deformation. The crosslinking scheme must produce
very stable bonds, but not produce such a rigid tissue composite that the BHV cannot
function as a viscoelastic material. Alternative fixation chemistries are constantly
being investigated. To name a few, fixation chemistries include epoxies, acyl azides
[135], polyethylene glycol [136, 137], quercetin [138], carbodiimide [28, 139–144],
periodate [95, 142], triglycidylamine [135], and dye-mediated photooxidation
[104, 134]. It is hoped that properties of these fixation chemistries can help solve
the issues experienced by glutaraldehyde treated tissue. The main reasoning behind
using these different crosslinkers is to use the varying available binding substrates
(i.e., free carboxyl and amine groups) within the ECM’s soft connective tissue to
form a more stable, irreversible bond between those substrates than glutaraldehyde, a
bond that does not allow the tissue to calcify. Carbodiimide and epoxy-based
chemistry have entered clinical trials. Use of epoxies as a fixative yields increased
pliability and a more pleasing appearance of valves. Triglycidylamine is one such
polyepoxide, which is being investigated for use in porcine aortic cusps, bovine
pericardium, and collagen fixation. Characterization showed similar shrinkage tem-
peratures to glutaraldehyde, increased collagenase resistance in vitro improved
mechanical properties, and decreased calcification levels were seen in subdermal
implants [135]. Additions to glutaraldehyde are being investigated and used clini-
cally. One such calcification reduction method is used in Linx™ technology
(St. Jude Medical, St. Paul, MN). Ethanol preincubation reduces calcification poten-
tial in valve leaflets through removal of phospholipids and cell debris and causes
conformational changes in collagen. Ethanol has shown marked reduction in colla-
gen related and cell-initiated calcification, but fails to reduce elastin-mediated
calcification. Research has been done in an attempt to increase stability of glutaral-
dehyde bonds by reducing them to double bonds rather than single aldehyde bonds
[140, 142]. Other attempts at using material such as 20% polyacrylimide gels as
fillers between the free amine and carboxyl groups within the ECM have been shown
to reduce calcification [148]. Additional investigations into mitigating elastin-
mediated calcification could prove beneficial. Multiple, combined fixation additions
to glutaraldehyde or altered fixation methods have been investigated to preserve
glycosaminoglycans. Carbodiimide crosslinking, neomycin incorporation, and
periodate oxidation are methods that have shown promise.
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17 Combined Approaches to Curb Structural Degradation
and Calcification

New preliminary data from the Vyavahare group has demonstrated permanent set
effects in bovine pericardium (preferred material of use in industry for BHV
fabrication) with glutaraldehyde-based crosslinking chemistry. However, these
effects were eliminated when using carbodiimide (irreversible crosslinking chemis-
try that has been previously demonstrated to resist calcification) in combination with
neomycin (GAGase inhibitor to enable GAG retention) and PGG, (stabilizes colla-
gen and elastin and has implications in calcification resistance) referred to as TRI.
This alternative fabrication method has been demonstrated to enable biomaterials to
retain all ECM components through both in vitro enzymatic challenges and small
animal in vivo studies [149]. Furthermore, this material has also been shown to resist
calcification even in a long-term implant rat subcutaneous calcification model
(commonly accepted model for biocompatibility and, within the space of BHVs,
an accepted accelerated model to test calcification within biomaterials) [149]. This
dual calcification and structural degradation resistance is suspected to be caused by
the irreversible crosslinking technique protecting the ECM such that it is not
susceptible to degradation and thus eliminates nucleation sites where calcification
nodules to form. This also suggests that calcification and structural degradation
processes in the scope of BHVs are highly intertwined and share a common
underlying factor—the use of reversible chemistry such as aldehydes as a chemical
fabrication method. Only by innovating around this common underlying factor can
we hope to bring transformative technology to the HVR market.

This effort of using compounds previously demonstrated to stabilize individual
ECM proteins and prevent calcification in combination with one another may be the
new approach to engineering the next generation of BHVs that have significantly
longer life span. The added value proposition of protecting all ECM proteins with an
irreversible chemistry such as TRI from an outcomes standpoint is threefold.

1. More native-like biomechanical behavior, compliance and retention of more
native-like biomechanical behavior and compliance after cycling or prolonged
strain.

2. Significant reduction in ECM degradation by-products as well as known cyto-
toxic residues that may augment a negative host cellular response.

3. Calcification resistant biomaterial.

The added value proposition of innovating a new chemical fixation technique
over innovating another method to fabricate heart valves from an operations stand-
point has some distinct advantages.

1. Quickly scalable into industry and allows quick adoption because heart valve
producers already have capital assets and infrastructure to manufacture
these BHVs.
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2. Predicate devices already exist, so regulatory hurdles, distribution, operator and
user education, and payer models can be readily adjusted for market adoption.

3. Thus, this technology can quickly be scaled to emerging economies, where this
technology is needed most.

It should be noted that other methods of creating heart valves are currently being
researched and are yet not approved. Polyurethane valves, the leading candidate for
synthetic-based polymer valves, lack durability. A successful polymer valve would
be a more efficient manufacturing technique from a batch standpoint and would
allow for better scaling as well as functional valve design for transcatheter valves.

Tissue engineering also poses a unique value proposition because a tissue
engineered heart valve integrates with the human body to give an adaptable,
permanent solution. However, major obstacles that have prevented realization of
this concept. Decellularized heart valves were tested in the early 2000s. Investigators
failed to properly decellularize the ECM, and the residual cellular components
caused implant rejection immediately after implantation, causing three pediatric
deaths and one emergency heart valve replacement. Thereafter, the field regressed
to basic science— investigating better protocols for decellularization. Additionally,
valvular interstitial cells and stem cells in general are poorly understood, especially
regarding modulating a remodeling response versus a growth response. Further,
decellularized valves would be problematic because many countries that are in dire
need of heart valve replacements do not yet have the facilities and infrastructure that
would support stem cell harvesting and growing of tissue engineered valves.

Perhaps this scattered approach to produce scientifically viable ideas that do not
consider other parts of operations, supply chain, implementation, and payer models
underpins the reason we have seen only marginal innovations that add onto
preexisting techniques when it comes to industry adaptation of an alternative to
glutaraldehyde despite all the shortcomings of the crosslinking. This phenomenon is
not unique only to the vertical HVR market, but across the healthcare industry and
technology spaces in general. There has not been a concept that has demonstrated
compelling data from a larger picture perspective to properly derisk the amount of
upfront investment required to bring a Class III medical device to market and justify
the cost of adopting a different industry standard.

If we are to truly innovate for the betterment of masses and expand to all the
patient segments in need of heart valve replacements, we as innovators within the
field of heart valves must collaborate to solve the larger puzzle that is BHVs. We
cannot continue to present the market space with tid bits and lone puzzle pieces,
though pristine and compelling within their own right, of the larger picture and
expect stakeholders within a market space that directly affects hundreds of millions
of individuals to take a large risk on an unclear opportunity. We must start from
patient clinical needs and systematically approach preventing the underlying mech-
anisms of action in calcification and structural degradation to consider alternative
chemistries that may produce calcification resistant and structurally robust biomate-
rials. Furthermore, we must subject these alternative approaches to biomaterial
fabrication and valve design to the harshest of objective criticism from a
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multidisciplinary perspective. BHV concepts groomed out of academia for industrial
commercialization must be subjected to as much chemical stability analysis as
biomechanical merit, from molecular merit to macro-biomechanics merit. This
academic research in basic concept must also be done in parallel with and in complete
alignment with clinical appointments (from surgeon, insurance, and administrative
level) and business acumen (financial viability, risk assessment, strategy, target
market segmentation, etc.) to adequately depict an opportunity that presents an
undeniable value proposition and is investible and scalable to the market space.
Only then will we have a chance at market adoption and only then are we able to
fully use our skillsets to fulfill dedicating our lives to research and innovation to help
people who would otherwise have no other option.

18 Serving a New Demographic

The current gold standard in the current heart valve market operating primarily in the
developed economy space may not be able to meet all the clinical needs of the new
growth sector in emerging economies. The caveat to catering to this new market
segment centered in emerging economies and often resource lean regions is that this
new market segment will serve a different patient segment or demographic. This
means that there will be different clinical needs that will define different design
criteria that will affect current paradigms in heart valve design [4, 5].

The major difference between developed economy and emerging economy
patient segments in the cardiovascular market is seen if the market is segmented
first by geographic location then by age. Cardiovascular disease, especially in the
heart valve market, is on the rise in developed countries primarily due to chronic
conditions causing health complications later in life. The average age for a heart
valve recipient is over 55 years old, the median is ~65 years old. Figure 22 shows that
the distribution of patients when segmented by age in the current market primarily
operating in developed nations is very narrow, stark, and heavily skewed towards
patients 60–69 years of age. Congenital conditions and infectious disease that
damage the heart necessitating a heart valve transplant (such as rheumatic fever) in
the current demographic the heart valve market serves are relatively low compared to
that of the new patient segments in emerging economies.

The new patient demographic segmented by age showes a stark difference in
patient distribution. The distribution curve is much flatter encompassing a larger
range of ages receiving heart valve replacements. The median age receiving a heart
valve transplant is 45, and the most common age receiving a heart valve replacement
is ~35. A large number of the aggregate heart valve replacement recipients were
younger than 35 years of age. This wide age range is due to inherent differences in
the underlying conditions necessitating a heart valve replacement. In these often
resource lean regions, congenital conditions and disease states often cause heart
valve disease and are no longer negligible drivers of heart valve replacements. This
is contrary to long-term chronic conditions mainly due to genetics or lifestyle leading
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to slow but progressive degenerative conditions as seen in developed regions. This
key difference in cause of need for HVRs drives a different set of demand criteria
from a user and healthcare provider standpoint that HVR suppliers must address in
their heart valve design.

19 Contrasting Patient Demographics; Contrasting Design
Requirements for Heart Valves

Because of there are drastically different clinical needs between the current devel-
oped world market and the emerging economic market, there must be changes in
heart valve design to fully capture market share and effectively serve the new patient
demographic in emerging economies. Because the market’s current patient segment
served is predominantly elderly, current heart valve durability and implant lifespan is
engineered to last only 10–15 years before failures start to occur [7, 57]. Strictly
based on patient age demographic, the current market gold standards for heart valve
replacements will not serve the emerging economy heart valve replacement market

Fig. 22 Patient population segmented by age in HVR market. Differences in age demographics of
HVRs in developed economies versus developing economies. It should be noted that 85% of the
healthcare market is generated in advanced economies. Only 11% of the human population resides
in these regions leaving the majority of humanity to have little access to healthcare services and
products
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because the average recipient age is ~30 years or half the age of developed economy
recipients. The value proposition offered to the patient segment of the emerging
economies by the current technology available on market only marginally improves
lifespan. Further, it has previously been shown that current heart valve technology
fails faster and sooner as patient age decreases [55, 150]. This implies that the
marginal amount of engineering that must be invested into each additional year of
implant life increases as implant life increases. Therefore, the much larger patient
segment distribution exhibited by emerging economy patient demographics will not
be fully served by current commercially available technology, and this sector will
need technological innovation to expand and capitalize on more patient segments.
For a replacement valve to effectively capture market share in these new market
segments in emerging economies where most of the human population resides and
where there is the most clinical need, more robust biomaterials must be designed
coupled with computational modeling to optimize heart valve design such that it has
the lowest chances of failure modes at both the base biomaterial level and device
design level.

20 Designing for Emerging Markets and Developed
Markets

The basic question to implementing much needed technological advancement in this
sector of healthcare is how we can bring value proposition to both developed
markets and emerging markets past the cannibalization of current product lines.
How can we design a valve that minimizes current market shareholder losses in
adopting new technology and drive increased value in all the patient segments and
geographical segments? By designing a heart valve with increased implant life in
many patient segments and such that it leverages current heart valve supplier
competencies is the quickest way to market and drives the most social impact.

21 Summary and Conclusion

For the 50+ years, HVRs shifted from early mechanical models such as the Bjork-
Shiley valves or the ball and cage models to a diversified market of high performance
designs such as the bileaflet conduit MHVs or the spectrum of proprietary BHVs in
an effort to increase implant life and patient quality of life. However, there is still
room for improvement. MHVs currently require anticoagulant therapy, which has
many debilitating side effects for the patient and restricts its use in a younger
demographic. BHVs experience failure rates at 10–15 years after implantation due
to calcification and structural degradation. BHVs also fail faster in younger patients,
and therefore serve only an older population. Most technological innovation has
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taken place in the form of transcatheter or percutaneous delivery of BHVs; however,
the base concept of an HVR has not been innovated in recent decades, leading to
stagnation in improved patient outcomes. To design the next generation of HVRs,
we must redesign the base biomaterials these HVRs are fabricated from. Smarter,
more durable, more mechanically optimal, more biocompatible, and more easily
implanted designs are necessary to address the widespread clincal need of this
technology. This widespread need is largely neglected in lean resource
regions despite technological advances in developed regions of the world.
Multidisciplinary collaboration through the different silos of science and academia
as well as consideration of the needs of other stakeholders in this complex ecosystem
such as industry, investors, payers, users, healthcare providers, and healthcare
administrators all must accompany the distillation of science into a technology
platform to be harnessed by society. This is the essence of innovation and the
HVR market space is in dire need of it.
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Computational Modeling of Heart Valves:
Understanding and Predicting Disease

Ahmed A. Bakhaty, Ali Madani, and Mohammad R. K. Mofrad

Abstract Computational methods offer a robust means of studying healthy and
diseased heart valves. Simulations can shed light on the elusive function of heart
valves and allow us to understand the underlying causes of heart valve disease in an
effort to develop effective treatments. In comparison to experimental approaches,
which either may not be representative in vitro or feasible in vivo, simulations assist
in obtaining detailed information on the response of valves in a cost-effective
manner.

In this chapter, we take a look at how computational methods have been used to
study the varying types of heart valves. In particular, we focus on the modeling of
diseased valves, and the simulation of associated therapies. We aim to highlight the
work done to date in computationally modeling heart valves and emphasize the need
for continued development of these models.
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1 Introduction to Computational Modeling of Heart Valves

Computational methods offer a robust means of simulating the physical behavior of
heart valves (HVs). They permit one to simulate in vivo conditions and probe the
physical response everywhere, which is difficult—or impossible—to achieve with
experimental approaches. These models can further be used in a predictive sense.
For example, an anatomically accurate aortic valve (AV) model of a patient with
early stages of calcific aortic stenosis (CAS) can be used to predict the progression
over time of the calcification and aid the clinician in determining the most appro-
priate treatment course. That same model can then be used to test various treatments,
such as repair, surgical replacement, or drugs.

The paradigm of using computational models to study HVs can be categorized as
follows:

1. Study HVs in physiologic and pathologic states to shed light on the underlying
biomechanics.

2. Develop patient-specific models to determine the efficacy of treatments, namely
pre-, intra-, and postoperative modeling for predicting long-term patient
outcomes.

3. Use a simulation-based methodology to design novel and robust artificial valve
replacements.

Figure 1 depicts this paradigm with its components: clinical, experimental, and
computational.

Fig. 1 Paradigm for computational HVs. Medical imaging, laboratory experiments, and clinical
data are combined to generate computational models that can be used to study pathological valves,
in clinical applications, and for the design of novel artificial valves
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Unfortunately, such methods come equipped with their own shortcomings. The
main challenge scientists and engineers face when modeling is being able to create a
model that accurately reproduces the true physical behavior of HV systems. Clearly,
validation is necessary for any model. This is typically done with established
experimental data, such as lab experiments or in vivo probes (e.g., echocardiography
or MRI). Neumann et al. proposed a pipeline that uses microCT and in vitro data,
along with machine learning and optimization to construct and validate heart valve
models [1]. An approach such as this is critical for the development of sufficiently
accurate models.

HVs are complex biophysical systems: they boast distinct features and biome-
chanics at different length scales (organ, tissue, cellular, and molecular); they exhibit
highly nonlinear, inhomogeneous, and anisotropic material response; and they
possess complex geometries. A detailed model that captures every aspect will be
computationally intractable, with available technologies, let alone practical. On the
other end of the spectrum, a highly simplified model will fail to capture important
aspects of HVs. Naturally, early models were simple in scope, equipped with many
simplifying assumptions that are not generally justifiable. Over time, these models
have grown gradually in complexity, steadily relaxing these assumptions as advanc-
ing technology has made it feasible to do so.

In this section, we present an overview of computational modeling of heart valve
systems. We first discuss the equations that govern HV biomechanics. We then go
into detail into each: tissue modeling, fluid modeling, fluid-structure interaction,
micromechanics, and multiscale modeling.

1.1 Computational Mechanics

As an organ, heart valves function as an efficient mechanism to semi-passively
control blood flow through the chambers of the heart. Naturally, characterizing
their behavior quantitatively amounts to analyzing the system from a mechanical
point of view. More interestingly, the behavior of the valvular interstitial cells
(VICs) and valvular endothelial cells (VECs) is also a mechanical process
[2]. These engines play a central role in maintaining tissue homeostasis and regu-
lating pathology [3, 4]. The cells engage in biochemical processes as a response to
mechanical stimulation. Thus, we consider HVs from a biomechanical perspective
across the various scales.

In mechanical systems, we aim to satisfy balance of mass,

dp
dt

þ ρ∇ � υ ¼ 0, ð1Þ

where ρ(x, t) is the density of particles at coordinate x and time t, υ(x, t) is the
velocity, and ∇(•) is the divergence operator; conservation of linear and angular
momenta,
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X
i

Fi ¼ dp
dt

ð2Þ

X
i

x� Fi þMi ¼ dh
dt

, ð3Þ

where F and M are external forces and moments, and p and h are the linear and
angular momenta, respectively. We also have balance of energy, given as the
incremental first law of thermodynamics:

δE ¼ δQþ δW , ð4Þ

where E is the total energy of the system, and Q and W are the heat added to and
work done on the system, respectively. When considering HVs at the organ, tissue,
and (to an extent) the cellular scale, it is acceptable to model the media as a
continuum. Thus, the above equations reduce to the governing partial differential
equations of continuum mechanics [5]. Analytical solutions exist only for very
simple cases, which, in general, do not apply to the complex HV systems. Therefore,
these equations are typically solved with a numerical approximation, most com-
monly the finite element method FEM [6]. In FEM, the geometry is discretized, and
the governing equations are solved discretely at a finite number of points such that
they are satisfied in an average sense over the whole domain.

Naturally, FEM and other numerical methods are approximations. Theory guar-
antees asymptotic convergence, and thus FEM modeling amounts to finding a
balance between accuracy and computational tractability. Modeling the microstruc-
tural details (i.e., VICs and the fibrous extracellular matrix (ECM)) of HVs leads to a
problem that is computationally intractable; thus, these details are often omitted. The
fundamental role of this microstructure to the healthy and diseased function of HVs,
however, renders models that disregard these aspects insufficient in capturing the
true behavior. Methods that deal with ways to incorporate the microstructural
features in a computationally tractable manner will be discussed throughout this
chapter.

At the cellular scale and molecular scale, continuum mechanics becomes inap-
propriate to capture the discrete and stochastic nature of mechanical events occurring
at that scale. Typically, we turn to molecular dynamics (MD) to solve the above
equations. In MD, first principle calculations are used to satisfy the physical balance
laws for a collection of particles that represent various molecules. One can see that
such computations are computationally intensive, and, in general, tractable for only
small systems and time scales. Extending the capabilities of these methods is a work
in progress.

The remainder of this section will be an overview of how the physics (solids and
fluids) of HVs are modeled and how multiple scales are considered.
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1.2 Tissue Modeling

HV tissue exhibits a highly nonlinear, heterogeneous, and anisotropic response
[7]. This is a manifestation of the organized network of collagen and elastin fibers
that constitute the microstructure of the tissue. Figure 2 demonstrates the force-strain
relationship of aortic valve tissue subjected to biaxial loading in the principal
directions defined by the alignment of collagen fibers. As the valve undergoes
loading due to a pressure gradient across the valve, collagen fibers are recruited
and align to withstand the load. In this case, the circumferential direction is the
alignment direction and is, thus, characterized by a much stiffer response.1

Clearly, an isotropic material model is inappropriate for capturing the behavior of
HV tissue. Furthermore, a linear elastic model is similarly inadequate. Given the
elasticity of biological tissue, continuum hyperelasticity is widely accepted for the
modeling of HV tissue [5, 8]. For a hyperelastic material, we postulate the existence
of the Helmholtz free energy ψ , and obtain the Piola stress P as

P ¼ ∂ψ
∂F

, ð5Þ

where F is the gradient of the deformation map, known as the deformation gradient.
Convexity of ψ is necessary to existence of a solution [9]. We typically take the
Helmholtz energy as the sum of elementary energy functional:

ψ ¼
X
i

ψ i: ð6Þ
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Fig. 2 Biaxial “stress-strain” behavior of aortic valve tissue adapted from [7]. Circumferential
direction is noticeably stiffer due to alignment of collagen fibers as the tissue stretches

1The interesting negative stiffness behavior can be explained by the fact that samples tested are
excised from tissue, and thus the fibers are detached from a larger network that acts as a unit [7].
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At the minimum, these terms should typically consist of an isotropic exponential
for the matrix (a la the model of Fung [10]), an anisotropic term to account for the
collagen fiber alignment (a la the Holzapfel model [8]), and an initial modulus (a la
Neo-Hookean).

A more direct treatment of fiber remodeling processes was proposed by Driessen
et al. [11]. Here, collagen recruitment, alignment, and remodeling are explicitly
considered by modulating the stiffness and stress in accord with the time evolution of
the fiber content in φj in direction j:

dϕ j

dt
¼ f ϕ j; λ j; μ
� � ð7Þ

where μ is a rate constant, and λj is the stretch in direction j. Given the isotropic stress
Piso, fiber j Piola stress pj, and Cartesian unit vectors ej in direction j, the Piola

stress can be expressed as

P ¼ Piso þ
X
j

ϕ j p j � e j � Pisoe j

� �
e j � e j: ð8Þ

An interesting component usually left out of most HV simulations is contact. In
FEM, the material is not aware of other material, i.e., if two geometries meet, they do
not physically interact. To model the inherent phenomenon, “contact” formulations
must be present in the FEM simulation.2 Saleeb et al. [12] and Rim et al. [13]
accounted for contact in HV FEM simulations and found, unsurprisingly, funda-
mentally different response when contact was incorporated.

1.3 Computational Fluid Dynamics (CFD) and Fluid
Structure Interaction (FSI)

1.3.1 Computational Fluid Dynamics (CFD)

As an organ, heart valves consist of blood (fluid) flowing through leaflet tissue
(solid). Solid modeling of valve tissue was discussed above. Herein, the fluid
modeling of the blood is considered. As before, balance of mass (1), momentum
(2), and energy (4) hold. Under the assumption of linear viscosity (μ), this often takes
the form of the Navïer-Stokes equations:

2The concept is similar to considering electrostatic repulsion in molecular dynamics simulation.
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ρ
∂v
∂t

þ ρυ �∇υ ¼ �∇Pþ μ∇2υ, ð9aÞ

∇ � υ ¼ 0, ð9bÞ

where P is the pressure. In solid mechanics, we consider a Lagrangian frame of
reference, wherein we track the movement of the leaflets with respect to an initial
reference configuration. In fluid mechanics, we typically use an Eulerian frame of
reference, wherein we fix a control volume and temporally track fluid flow
through it.

To solve these equations for complex boundary conditions and geometries, we
employ a numerical scheme, such as finite differences, finite volume, finite elements,
discontinuous Galerkin, and others. The reader is referred to Sotirpoulos et al. for
more [14].

1.3.2 Suspended-Solid Fluid Models

Blood is a non-Newtonian fluid, due to the presence of suspended red blood cells,
platelets, and white blood cells—which account for nearly half of the volume versus
plasma. For many blood fluid mechanics simulations in literature, blood can be
represented as a Newtonian fluid for vessels larger than one hundred microns.
However, in many applications it might be relevant to account for solutes, and,
more generally, the non-Newtonian behavior, to properly model blood flow in the
heart valve and study certain pathologies. For instance, thrombosis has been linked
with activation of platelets in the blood caused by nonphysiological flows from
mechanical valves [15, 16]. Other suspended-solid studies include the smoothed
particle hydrodynamics approach of Shahriari et al. [17], the work of Yun et al. [18]
on bileaflet mechanical valves, and Pozrikidis deformable 3D cell (with membrane
effects) flowing through a tube [19].

1.3.3 Fluid-Structure Interaction

Early heart valve models considered the solid only or just the fluid dynamics,
accounting for the interaction only implicitly (e.g., as pressure loading on the solid
or rigid boundaries for the fluid). Such models were not sufficient in accurately
reproducing the true response of the system [20].

Computational techniques that combine the two are generally referred to as fluid-
structure interaction (FSI). Three popular methods are commonly used in FSI:
arbitrary Lagrangian- Eulerian (ALE) [21], immersed boundary (IB) [22], and
fictitious domain (FD) [23]. In each of these methods, a solid, typically FEM, is
embedded in a fluid, often FEM or finite volume model [24]. The governing
equations are solved simultaneously, with kinematic conditions and equilibrium
satisfied at their interface. ALE carefully treats the interface by using a body-
conforming mesh that needs to be updated, a procedure that is computationally
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expensive. IB relaxes this requirement by having a finite difference structured fluid
mesh that does not conform to the body and adjusting the equations at the interface,
at the cost of losing detail at that interface. FD is similar to IB, but with a
nonconforming FEM fluid mesh that is coupled with the use of Lagrange multipliers.
For in-depth reviews of FSI, the reader is referred to Vigmostad et al. [25].

1.4 Molecular Dynamics

Although the continuum assumption can be applied to mechanics at the organ,
tissue, and even (in some applications) the cellular scales, it generally does not
hold as we approach molecular-scale phenomena. Molecular dynamics
(MD) simulations, which are rapidly progressing due to increasingly powerful
computational capabilities, must be used to analyze molecular-scale interactions.
An MD simulation is a system of Newtonian equations of motion, where the
Newtonian equation is special case of the Lagrangian equation of motion for mass
points in a Cartesian system. The fundamental equation relating the force in terms of
accelerations can be expressed as the gradient of the potential energy as follows:

Fi ¼ mi€ri ¼ �∇Ui, ð10Þ

where Fi, mi, ri, and Ui are the force, mass, position, and potential of particle i,
respectively.

Therefore, to calculate the forces acting on the atoms, the potential energy of the
system must be known. The nonbonded potential energy terms are traditionally
considered for the pair potential, U (ri, rj) ¼ U (rij), and neglected for higher order
interactions. One of the most commonly used potentials is the Lennard-Jones
potential with two parameters: σ, finite diameter at which the inter-particle potential
is zero, and ε, the potential well depth:

Ui, j ¼ 4ε
σ

r

� �12
� σ

r

� �6� �
: ð11Þ

In addition, there are a variety of bonding potentials that describe the intramo-
lecular interactions. Force fields have been constructed to describe the complex
interactions between atoms through the parameterization of potential functions via
experimental data or ab initio and semi-empirical quantum mechanical calculations.
The functional form of a force field such as AMBER [26] or CHARMM [27] can be
described by the following terms:

Ufield ¼ Ubond þ Uangle þ Utorsion þ Uimproper þ UudW þ Uelec, ð12Þ
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where each term is representative of bond energies, angle, torsional effects, van der
Waal’s, electrostatic, etc. For a system composed of atoms with positions, potential
energy, and kinetic energy (derived from atomic momenta), the classical equations
of motion will be a set of coupled ordinary differential equations. Many methods
exist, such as the original Verlet, velocity Verlet, and predictor-corrector algorithms,
that perform the step-by-step numerical integration. With the proper selection of
parameters and algorithm, MD techniques are able to accurately reproduce macro-
scopic properties of the system.

In addition to equilibration simulations, modelers have progressed to more
investigative manipulations of biomolecules through steered molecular dynamics
(SMD). Similar to atomic force microscopy (AFM) experiments or in vitro cellular
mechanical events, single-molecule force spectroscopy can now be achieved in
silico. Although MD simulations have not yet been systematically applied to heart
valve behavior, many efforts do exist that are directly applicable. In particular,
research is carried out to simulate various aspects of the behavior of collagen fiber
on the molecular scale [28–31]. Madani et al. carried out a SMD simulation of
mechanosensitive collagen binding bacteria that could have implications for heart
valve infection [32]. Carcinoid heart disease, particularly serotonin-mediated valve
disease, is a valvular pathology that has been investigated with MD. The 5-HT2B
receptor was identified as the likely target leading to heart valve tissue fibrosis and
has been studied at a molecular scale [33]. Of and around the heart valves, MD
studies have been conducted such as on cardiac troponin, a [Ca2+] dependent switch
for contraction in heart muscle, and the simulation of a cardiac ion-channel gating
and its alteration by mutations [34, 35].

Although there have been great strides in computational capacity and
parallelization techniques in MD, the computational demands of MD limit the
timescale and size of simulated systems. For heart valve studies, MD is a powerful
and accurate technique that can be used in conjunction with experimental methods
such as NMR studies [36].

1.5 Multiscale Methods

The valvular interstitial cells (VICs) play a central role in maintaining tissue
homeostasis and regulating disease pathology [3, 4]. Several studies have recently
been conducted to characterize the micromechanics at the cellular scale, through a
continuum-based approach [37–44], in an effort to integrate them to larger compu-
tational models of HVs. It is becoming more evident that models need to capture
VIC behavior to properly simulate the healthy and diseased function of HVs.

Traditional FEM does not consider the microstructure (in the case of HVs, VICs,
collagen/elastin fibers, etc.) explicitly, but rather implicitly through semi-empirical
stress-strain laws. One method that allows direct integration of the microstructure is
computational homogenization [45]. In computational homogenization, coined FE2

by Kouznetsova, stress/stiffness response is obtained by minimizing an auxiliary
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FEM problem representative of the microstructure (referred to as an RVE, or
representative volume element) at desired points throughout the material. Using an
averaging approach, we can obtain the stress and tangent stiffness from an affine
deformation field d imposed on the RVE domain Ω:

Pavg ¼ 1
VRVE

ð
Ω

∂ψ
∂F

dV : ð13Þ

ℂavg ¼ 1
VRVE

ð
Ω

∂2ψ

∂F2 dV �
ð
Ω

∂2ψ

∂F∂d
dV

 ! ð
Ω

∂2ψ

∂d2
dV

 !�1 ð
Ω

∂2ψ

∂d∂F
dV

 !2
4

3
5

ð14Þ

Such a method allows one to probe, computationally, events occurring at the
cellular scale that occur as a result of events at the macroscale (e.g., the valve as an
organ). This is done in a coupled manner, i.e., events at each scale directly influence,
and are influenced by, events at the other scale(s), while remaining computationally
tractable. Application of this method has been validated for use in aortic valve
models by Bakhaty et al. [46].

A discussion of multiscale modeling of aortic valves is presented by Weinberg
et al. [47], and a more general discussion of multiscale modeling is presented by
Summers et al. [48]. We return to the topic of multiscale modeling in Sect. 6 to
discuss future application. In the sequels, we discuss the application of the modeling
described herein to the four heart valves and artificial valve replacements.

2 Aortic Valve Models

Many studies of HVs, particularly computational modeling, have been focused on
the aortic valve (AV), since AV disease constitutes about 67% of HV disease cases
[49]. Nevertheless, much of the work done in modeling the AV can be easily
extended to the three other valves, and vice versa. In this section, we will take a
look at some computational studies of the aortic valve.

2.1 Aortic Valve Computational Models

AV tissue material properties can be calibrated to the biaxial stretch test of Billiar
and Sacks [50] and bending test of Gloeckner et al. [51]. Moreover, the importance
of modeling the trilayer structure of the AV is emphasized by Buchanan et al.
[52]. Their study found that the AV layers act together as a unit, indicating that
one may get away with using an average material description for course models, but
will not capture the heterogeneous response of the AV tissue in this manner.
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Geometrical considerations can be found in Haj-Ali et al. [53] and Thubrikar
[54]. A detailed parameterization of AV geometry is provided therein for construc-
tion of idealized AV root geometry. A more detailed patient-specific modeling
approach is discussed in Sect. 6.

Fluid shear stresses are important for characterizing healthy or abnormal valve
behavior, and response of the endothelial cells [25]. Naturally, AV models should
adopt an FSI approach. One of the earlier AV FSI models was developed by De Hart
et al. [55] in 2D. The AVs trileaflet structure does not permit axisymmetry well, and
thus 2D models are inadequate. Modern studies, in general, adopt 3D FSI
implementations.

The importance of multiscale models is emphasized throughout this chapter. To
these ends, Weinberg and Mofrad developed a model that links the organ scale and
the cellular scale of the AV. [56] Illustrated in Fig. 3, an FSI model of the AV organ
passes down boundary conditions to a tissue model, which in turn passes down
boundary conditions to a cellular-scale model. Such a model, however, fails to
capture the inherent communication between the scales, that is to say, in this
model, events at the cellular scale have no repercussion on the macroscopic behavior
of the AV.

For the remainder of the section, we highlight key findings of AV models used to
study disease, namely, calcific aortic stenosis and bicuspid aortic valve, as well as
surgical implantation of stents and valve replacements. The reader is referred to
Weinberg et al. [47] and Bakhaty et al. [57] for more detail on AV computational
modeling.

Fig. 3 Multiscale model of the aortic valve developed by Weinberg and Mofrad [56]. Organ-scale
model: FSI simulation of AV leaflets. Tissue-scale model: FEM model of AV tissue. Boundary
conditions come from FSI results at critical points in the tissue. Cellular-scale model: FEMmodel of
VIC in ECM. Boundary conditions come from tissue model
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2.2 Modeling of Calcific Aortic Stenosis

Calcific aortic stenosis (CAS) is characterized by AV leaflets that do not fully open
as a result of stiffening due to calcification deposits. This causes irregular blood flow
that can lead to thromboembolisms and death. Stenotic behavior, and its severity,
can be identified by the pressure gradient across the AV. This can be measured
in vivo or computed in real time with fractional flow reserve models (see [58] and
Sect. 6.2).

Weinberg and Mofrad introduced local regions of higher stiffness to model
calcification deposits [59]. Although etiologically accurate, obtaining accurate dis-
tributions of CAS valves in vivo is rather difficult.

Van Loon took a different approach by altering the leaflet geometry to capture
stenotic behavior [60]. The model demonstrated how small changes in the native
valve geometry can lead to largely abnormal behavior. Such an approach, however,
suffers from a very large parameter space that, similar to the Weinberg model, may
be difficult to accurately obtain from medical images.

Both of these models share a common shortcoming: difficulty of obtaining
physically realistic parameters. Maleki et al. sought to overcome this by considering
the performance of the model with respect to noninvasive measurements only on
average [61]. In this approach, the isotropic Fung stiffness (viz., Sect. 1.2) is
modified parametrically until the simulation results match the experimental
measurements.

Despite the power of these models, the progression of calcific disease remains a
process driven at the cellular scale [62, 63]. One way to model this of CAS is through
interstitial tissue mass growth (see Ateshian [64]) at the cellular scale of a multiscale
model approach (such as that of Bakhaty and Mofrad [46]). A more complete model
should account for the mechanochemical coupling.

2.3 Bicuspid Aortic Valve

Bicuspid aortic valve (BAV) is a congenital disease affecting 1–2% of the popula-
tion and is characterized by the AV having two leaflets instead of three. This often
leads to ascending aortic complications, CAS, and regurgitation [65]. Modeling of
BAV is rather straightforward: replace the tricuspid geometry with a bicuspid one.
The challenge lies in interpreting the model. This, in general, comes down to
hemodynamic characterization (relative to the healthy trileaflet AV).

Conceptually, the bicuspid geometry will lead to abnormal fluid flows that differ
from the flow patterns that the aortic root has biologically evolved to efficiently
withstand. FSI models regularly predict this. Viscardi et al., for instance, found
asymmetrical blood flow in the ascending aorta with BAV as opposed to the healthy
trileaflet valve [66]. This supports the postulate that ascending aorta complications
found in BAV patients result from aberrant fluid flow. The FSI model of Marom
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et al. corroborates this finding and identifies larger than normal (i.e., the trileaflet
AV) fluid shear stresses and leaflet stresses [67]. Similarly, the FSI BAV model of
Katayama et al. predicts excessive strains in the AV leaflets [68].

Various FSI models have demonstrated consistency in predicting abnormal
mechanics (stress, strain, flow characteristics, etc.) in BAV, but this is insufficient
to prove a causal relation with BAV pathology. Furthermore, such models cannot be
used for patient prognosis.

Establishing a link with cellular activity may be the key to making progress
towards this end.

From a multiscale standpoint, Weinberg and Mofrad found that although tissue
stresses and fluid jet formation was noticeably different, when comparing BAV with
the trileaflet AV, cellular-scale stresses were similar enough [69]. An implication of
this is that the geometrical factors (i.e., bicuspid structure) may not be the primary
cause of the progression of calcification. Rather, the phenomenon may be more
related to cellular-scale events.

A different approach taken by Atkins et al. combined experimentation with a
computational model of BAV to characterize cellular gene expression [70]. Shear
stresses on the ascending aorta wall computed from a BAV FSI model were applied
to tissue samples in the laboratory. These experiments demonstrated aortic wall
remodeling and degradation. This combined simulation-experimentation multiscale
methodology closes the loop that connects mathematical modeling and biology.
Continued application of this approach is promising for advancing our knowledge of
multiscale HV behavior.

2.4 Aortic Valve Surgical Modeling

Computational models offer a unique means of determining the efficacy of surgical
intervention. Consider, for instance, the implantation of a stent. A parametric
simulation of tissue stresses and flow characteristics can be used to predict potential
tearing or leakage over the lifetime of the stent [71]. Asides from preoperative
applications (see Sect. 6.5), this approach boasts a powerful tool for the design of
stents.

Transcatheter aortic valve replacement (TAVR) has gained popularity in the
cardiothoracic surgery community due to favorable performance [72]. These out-
comes depend heavily on geometric considerations and the choice of prosthetic.
Aurrichio et al. investigated these factors with patient-specific computational stud-
ies, determining the impact of geometry, effect of prostheses material, and native
tissue stress distribution from various stent placements [73–75].

Currently there is no effective method for dealing with diseased AVs, and thus
patients with severe cases of disease typically undergo valve replacement surgeries
[49]. Sometimes valve repair surgeries are performed, but this is more common with
the mitral valve (see Sect. 3.2). The methodology of simulating repair for the valves
is more or less identical, except for perhaps the type of procedure appropriate for the
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valve in question. For instance, Labrosse et al. [76] simulated central or commissural
plication [77] for AV prolapse and identified the optimal technique for restoring AV
mechanical performance to normal.

3 Mitral Valve Models

The mitral valve (MV) has also received considerable attention from the standpoint
of computational modeling, due to the persistence of mitral regurgitation. Unlike the
AV, valve replacement surgeries are less common. Repair procedure is more prev-
alent [49]. Thus, many computational models have focused on simulating the
efficacy of surgical repair. In this section, we will highlight key studies in the
computational modeling of the MV.

3.1 Mitral Valve Computational Models

Early 3D models of the MV were developed by Kunzelmann et al. with tissue
experimental data by the same group [78, 79]. This model was used to study, for
instance, MV chordae tendineae repair [80, 81] and the effect of collagen concen-
tration in the MV [82]. The latter approach used an altered stiffness of the valves to
account for the biochemical variation, as opposed to a direct biochemical approach.
This, of course, requires knowledge of the valve stiffness as a function of the
collagen concentration from in vitro experimental data. Later models incorporated
FSI with a collagen/elastin fiber recruitment and alignment tissue model (see Sects.
1.2 and 1.3) [83, 84].

The MV is distinct due to the presence of the papillary muscles and the chordae
tendineae. The role of the cardiac muscles in the MV apparatus (including the leaflet)
is, in fact, not passive. Incorporating muscle activity is nontrivial but it was consid-
ered by Skallerud et al. [85]. They were able to reconcile a physiological inconsis-
tency (bulging of the MV leaflets) by incorporating parametric activation of muscle
fibers during systole:

σ f ¼ t � tstart
tend � tstart

σmax, t2 tstart; tend½ �, ð15Þ

where σf is the muscle fiber stress as a linear function in time (start to end of systole)
of the max fiber stress. One may consider a different, biochemical approach (see for
instance [86]):
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σ f ¼ f λ; Ca2þ
� 	� �

: ð16Þ

Here, the calcium concentration is explicitly considered alongside mechanical
factors (i.e., the stretch λ). For more on biochemical activation of muscle, see Rachev
and Hayashi [87].

For a more detailed discussion of MV modeling, the reader is referred to Einstein
et al. [88].

3.2 Mitral Valve Repair

The most common MV disease is mitral regurgitation, in which the MV does not
fully close, allowing backflow of blood into the left ventricle. Severe enough cases
of mitral regurgitation are often treated via surgical intervention. Unlike the AV, the
MV is typically repaired as opposed to being replaced.

Computational modeling naturally lends itself as a versatile method of assessing
the efficacy of various repair techniques, which depends on many factors, some of
which can be modeled (for instance, suture length and placement, nature of the
regurgitation, transvalvular pressure, etc.) [89]. One important factor is the age of the
valve, which results in altered mechanical properties. Stiffening valve is known to be
a common cause of regurgitation.

Computational modeling naturally lends itself as a versatile method of assessing
the efficacy of various repair techniques, which depends on many factors, some of
which can be modeled (for instance, suture length and placement, nature of the
regurgitation, transvalvular pressure, etc.) [89]. One important factor is the age of the
valve, which results in altered mechanical properties. Stiffening valve is known to be
a common cause of regurgitation. Properly characterizing the MV properties based
on age is considered by Pham et al. [90] and Lee et al. [91].

4 Pulmonary and Tricuspid Valve Models

The pulmonary and tricuspid valves have received far less attention than the AV and
MV in the literature, presumably due to their relative rarity of disease. Nevertheless,
for completeness we present a few modeling studies of these two valves.

4.1 Pulmonary Valve

Following the modeling paradigm introduced in Sect. 1, Tang et al. [92] pursued a
study of MRI-based patient-specific modeling of pulmonary valve (PV) insertion/
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replacement surgery. They proposed an approach of determining the efficacy of a
surgical procedure with a patient-specific computational model. They were able to
develop a model of the right and left ventricles used to evaluate optimal patching and
scar removal procedures by identifying lowest tissue stresses. This approach makes
use of a more realistic description of the cardiac system than isolated models of HVs.

Mansi et al. followed along this paradigm of system modeling by proposing a
model to simulate PV replacement surgery as the results show in Fig. 4 [93]. This
model incorporates electrophysiology with the mechanics by solving the anisotropic
Eikonal equation:

υ2 ∇Tdð ÞTD∇Td

� � ¼ 1, ð17Þ

Fig. 4 Right Ventricle (RV) volume curves and pressure-volume loops at varying states. Solid
green is from image segmentation; Solid black is from preoperative simulation; Dashed blue is from
simulation after percutaneous PV replacement; Dash-dotted red is from simulation after PV
replacement with volume reduction. Regurgitations and curve shifts are apparent as a result of
RV volume reduction. Figure originally found in Mansi et al. [93]
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where υ is the local conduction velocity, Td is the electric wave depolarization time,
and D is the conduction anisotropy tensor.

4.2 Tricuspid Valve

To the authors’ best knowledge, there has been almost no endeavors to computa-
tionally model the tricuspid valve (TV). This is unsurprising, given the relative
scarcity of TV disease. Nevertheless, the TV is biomechanically not dissimilar from
the other three valves. In particular, its structure is very similar to the other atrio-
ventricular valve (the MV), but with three (or more [94]) leaflets. Hence, models of
the MV can easily be extended to study the TV. Note, however, that the dearth of
literature regarding TV tissue mechanics makes it difficult to properly model the
TV. Further experimental probing is warranted for interest in modeling and under-
standing the TV.

5 Artificial Valves

When one of the four heart valves malfunctions, many patients opt to implant an
artificial valve. There are three main divisions of prosthetic heart valves: mechanical,
bioprosthetic, and tissue-engineered valves—with tissue-engineered valves being
the newest addition to the well-established mechanical and bioprosthetic valves.
Each type and subdivision will have different properties that the patient considers
before implantation. Based on the patient’s preference and factors such as body size,
valve annular size, age, lifestyle, comorbidities, and ventricle function, a prosthesis
model should be selected that provides superior hemodynamic performance that
minimizes prosthesis patient mismatch (PPM). The most widely used parameter for
identifying PPM is the indexed valve effective orifice area of the prosthesis divided
by the patient’s body surface area. In this section, we will examine the recent
computational studies for various artificial heart valves that lead to a more precise
quantification of valvular characteristics.

5.1 Artificial Valve Modeling

The ideal valve prosthetic should mimic the properties of a native heart valve in areas
including, but not limited to, hemodynamics, durability, thromboresistance, and
implantability. Numerical modeling can enable a precise quantification of these
characteristics to ultimately influence effective valve design. Figure 5 demonstrates
how a simulation allows one to determine the stresses on the valve and the native
surroundings during the cardiac cycle. Consequently, the designer can make
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structural modifications or alter the prosthesis placement to insure the induced stress
state is as close as possible to the native state. Furthermore, in a parametric manner,
the prosthesis durability can be assessed by simulating long-term fatigue behavior.

Fig. 5 Flow and wall shear stress results for two different artificial valves at different times, as
presented by Dumont et al. [95]
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For large artery flow simulations, blood is assumed to be an incompressible
Newtonian fluid with its motion governed by the Navier-Stokes Eqs. (9a and 9b).
However to fully capture the small regions of flow in and around prosthetic valve,
non-Newtonian effects can become more important to capture and are included in
the governing equations. The equations of motion of the valvular structure, partic-
ularly the leaflets, are governed by the balance laws of momentum. By capturing the
solid, fluid, and FSI effects, advanced computational tools enable the design of new
valves, even patient-specific, and the in silico performance assessment of valve
prototypes without the need for extensive in vitro and animal tests.

5.2 Mechanical Valves

Mechanical heart valve designs have evolved significantly over the years; the most
notable design is the bileaflet mechanical heart valve (BMHV), alongside the mono-
leaflet and caged ball valve designs. Although mechanical valves are more durable
than bioprosthetic valves, the patient must consider limiting side effects. Due to high
shearing of blood cells and platelets, patients with mechanical heart valves must
undergo lifelong anticoagulation therapy.

Many computational models have been developed to investigate different param-
eters and conditions important to mechanical heart valves. Using FSI modeling
techniques on three three-dimensional cases with aortic bileaflet mechanical heart
valves (BMHVs), Annerel et al. examined the influence of upstream boundary
conditions [1]. Borazjani et al. show the importance of aorta geometry, as opposed
to the oversimplified straight aorta, on the flow physics, shear stress, and pressure
drop in BMHVs [96]. To be noted, locations other than the aortic valve have been
studied such as the mitral position by Choi et al. [97]. Their results indicate a mitral
BMHV with a more centrally located hinge and implanted in the anatomical
orientation provides the best overall performance. For further reading into the variety
of numerical techniques used for simulating flow through mechanical valves, readers
are encouraged to review Sotiropoulos et al. [98].

Computational models have also been used for comparison studies between
differing designs of heart valves. Dumont et al. studied two commercially available
BMHVs and assessed differing potential for platelet activation during regurgitation
phase by their hinge mechanisms [95]. Many have sought to validate their compu-
tational models via experimental techniques such as particle image velocimetry
(PIV) measurements. Guivier et al. developed an experimental model that accounts
for geometric features and hydrodynamic conditions for a prosthetic valve that can
later help investigate clinical issues involving the aortic valve [99]. Nobili et al.
carried out a fully implicit FSI simulation of a BMHV and validated with an ultrafast
cinematographic technique which proved to be a promising tool for mechanical heart
valve designers and surgeons as well [100].
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5.3 Bioprosthetic Valves

Bioprosthetic valves are tissue valves, mainly constituted from porcine or bovine
pericardium tissues, which have similar geometries to native valves enabling supe-
rior hemodynamics and decrease red blood cell damage. As a result, bioprosthetic
valves do not require the use of anticoagulant drugs but many fail structurally within
the first 10–15 years after implantation. There are different categories of designs
within bioprosthetic valves that differ by tissue type, stent, or type of replacement
operation—the newest of which are transcatheter aortic valve replacement
techniques.

Like the mechanical heart valves, a variety of computational models have been
employed for bioprosthetic heart valves. For example, de Hart et al. developed a
numerical model of a fiber-reinforced stentless aortic valve [101]. Haj-Ali et al.
developed a combined computational and experimental approach for the nonlinear
structural simulations of polymetric trileaflet aortic valves (PAVs) [102]. Particular
events and conditions are especially relevant to capture with computational tech-
niques. For example, even though bioprosthetic valves are known to have better
hemodynamics than mechanical valves, there still might be a risk, however low, of
thromboembolic events as investigated by Sirois [103]. Martin et al. developed a
computational framework to evaluate noncalcific structural deterioration due to
tissue leaflet fatigue [104]. And by developing a stress resultant shell model for
bioprosthetic heart valves, Kim et al. correlated regions of stress concentration and
large flexural deformation during opening and closing phases of the cardiac cycle
with regions of calcification or mechanical damage on leaflets [105].

Lastly, the use of transcatheter heart valves is increasing each year. Numerical
modeling can offer new insights such as a better understanding of the mechanism
producing the radial force in transcatheter heart valves. Tzamtzis et al. simulated and
compared the behavior of two transcatheter heart valves from Medtronic and
Edwards Corporation [106]. Sun et al. developed computational models of a
transcatheter aortic valve (TAV) to better understand the biomechanics involved
with a TAV with an elliptical configuration [107].

5.4 Tissue-Engineered Valves

Tissue-engineered heart valves (TEHVs) have been presented as an attractive future
alternative to the drawbacks of existing heart valve replacements. The main factors
for TEHVs to consider are the scaffold material (whether biological or synthetic),
cell source, and in vitro preconditioning settings. Computational modeling serves as
a promising tool to develop a more thorough understanding of the necessary
characteristics to enable a successful TEHV.

Wang et al. developed a three-dimensional aortic valve leaflet model to investi-
gate the effect of tissue thickness and thickness variation on oxygen diffusion within
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the leaflet [108]. Also for tissue-engineered human heart valve leaflets, Driessen
et al. performed uniaxial tensile tests to determine model parameters after various
culture times [109]. They subsequently performed FEM simulations to understand
the mechanical response of the leaflets to pressure loads. They specifically discov-
ered the stresses in the leaflets induced by the pressure load increase with culture
time as a result of a decrease in thickness, whereas the strains decrease, due to an
increase in elastic modulus. They conclude that compared to native porcine leaflets,
the mechanical response of tissue-engineered leaflets is more linear, stiffer, and less
anisotropic [109].

The reader is urged to review Hasan et al. [110] for an overview of mechanical
properties of human and common animal model heart valves for potential avenues of
application of computational modeling.

6 Future Directions

6.1 Summary: A Discussion on the Validity of Models

The essence of computational modeling of heart valve systems is building a math-
ematical representation of the physics governing the system. Numerical approxima-
tions are necessary to handle the inherent complexity of such systems. Assumptions
allow for tractability, but at the cost of accuracy. Improving technologies have paved
the way for successive relaxations of these assumptions, but much work remains.

The notion of “accuracy” mentioned above warrants closer attention. The accu-
racy, or “success,” of a model is tantamount to its ability to properly reproduce the
true behavior of the heart valve system. Hence, the notion of validation. Any model
of the heart valve must be validated against reasonable experimental data. Naturally,
this requires an interdisciplinary understanding of the biological, physiological,
clinical, engineering, and mathematical aspects of the problem to identify appropri-
ate metrics of validity.

Upon validation, these models can be used to safely predict phenomena in a
manner that is generally not feasible through traditional experimental techniques.
This is the power of computational modeling. Naturally, the engineer or scientist
performing such simulations should exercise appropriate judgment when
interpreting the results and making any claims.

For the remainder of this section, we provide a brief outlook on the future of heart
valve computational modeling.

6.2 Heart Systems

Ideally, the cardiovascular system (or some subset thereof) should be modeled.
Boundary conditions of “snapshots” of the valve, with an incomplete description
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of its surroundings, fail to capture important interactions occurring in the cardiovas-
cular system. Some models have considered this, but the valve in such systems
becomes overly simplified. One successful implementation with clinical applications
is the fractional flow reserve system of Nørgaard et al. [111]. Combining the
sufficiently complex heart valve models discussed in this chapter with these larger
systems is a natural extension.

6.3 Multiscale Considerations

The concept of coupling the scales allows for the inherent communication between
the VICs and the valve organ be modeled. Models of this type have been success-
fully implemented of other systems and validated for AV tissue [46]. A future hope
is to incorporate the nanoscale.

6.4 Patient-Specific Modeling

Several of the modeling studies discussed in this chapter have used geometrically
accurate geometries obtained from medical images (microCT, XRAY, MRI) and
reconstructed into a 3D mesh for FEM software. The goal of such studies is to create
models specific to a patient in a clinical setting and use these models for diagnosis,
prognosis, and for determining the best course of treatment, as well as the potential
effectiveness.

6.5 Intraoperative Modeling

With the paradigm described above, patient-specific models can be used
intraoperatively to monitor tissue and fluid stresses during surgery. Such a frame-
work that combines noninvasive imaging with FEM to assess the MV in vivo was
developed by Xu et al. [112]. Other examples include real-time surgical electrome-
chanical model in pulmonary valve replacement surgeries [93] and intraoperative
ultrasound magnetic navigation in TAVR [113].

6.6 Non-Physics-Based Computation

The terminology “computational modeling” in this chapter has been used in the
context of the governing physics equations (Eqs. 1–4). However, numerical methods
have great applicability outside of physics in biomedicine. Economic decision-
making and statistical inference are two important applications of computation that
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have significant ramifications for clinical practice, and the biomedical field in
general, from assessing the cost/risk of a surgical procedure, to determining the
viability of mass-producing a bioprosthetic replacement valve. Such models offer
the ability to predict the effectiveness of surgical procedures and treatment plans, and
aid the clinician and patient with the decision-making process. An interesting area
that has yet to be well investigated is to combine these non-physical models with the
physical models, medical imaging, and databases to create a framework for pre-,
intra-, and postoperative modeling.
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Biomechanics and Modeling of Tissue-
Engineered Heart Valves

T. Ristori, A. J. van Kelle, F. P. T. Baaijens, and S. Loerakker

Abstract Heart valve tissue engineering (HVTE) is a promising technique to
overcome the limitations of currently available heart valve prostheses. However,
before clinical use, still several challenges need to be overcome. The functionality of
the developed replacements is determined by their biomechanical properties and,
ultimately, by their collagen architecture. Unfortunately, current techniques are often
not able to induce a physiological tissue remodeling, which compromises the long-
term functionality. Therefore, a deeper understanding of the process of tissue
remodeling is required to optimize the phenomena involved via improving the
current HVTE approaches. Computational simulations can help in this process,
being a valuable and versatile tool to predict and understand experimental results.
This chapter first describes the similarities and differences in functionality and
biomechanical properties between native and tissue-engineered heart valves. Sec-
ondly, the current status of computational models for collagen remodeling is
addressed and, finally, future directions and implications for HVTE are suggested.
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SF Stress fiber
TE Tissue engineering
TEHV Tissue-engineered heart valves

1 Introduction

Annually, an estimated 300.000 heart valve replacements are performed worldwide
[1]. Current heart valve replacements can be categorized into two groups: mechan-
ical and bioprosthetic valves. Although both of these prostheses are lifesaving, they
do exhibit a number of drawbacks. Mechanical valves have shown good structural
durability, but they are prone to thromboembolic events, making lifelong treatment
with anticoagulants inevitable [2]. On the other hand, while bioprosthetic valves do
not require anticoagulation therapy, they do suffer from structural valve degenera-
tion and the associated requirement for reoperation [3, 4]. Besides these type-specific
drawbacks, both heart valve replacements lack the ability to grow, repair, and
remodel in response to changes in their environment, which especially imposes
problems for younger patients. A promising alternative for the currently available
prostheses are tissue-engineered heart valves (TEHVs), as these living valves do
have the intrinsic potential to grow, repair, and remodel. One can roughly distinguish
two different approaches in heart valve tissue engineering (HVTE): in vitro and in
situ approaches.

1.1 In Vitro Heart Valve Tissue Engineering

The in vitro HVTE approach is based on the classical tissue engineering
(TE) paradigm, in which extracellular matrix (ECM) producing cells are seeded
onto a scaffold. This cell-scaffold construct is then cultured in vitro in a bioreactor,
during which various stimuli are provided to the cells to trigger them to synthesize
and/or remodel their ECM. A particularly important aspect in this is the choice of
scaffold. Decellularized xenografts or homografts would seem the obvious choice
[5–7], as these grafts are geometrically and structurally very similar to native heart
valves. However, these techniques suffer from some serious drawbacks: the use of
xenografts has a zoonoses-associated risk, while the use of homografts suffers from a
limited availability of donor material. Moreover, both decellularized grafts have
limited recellularization potential [8]. An alternative scaffold for in vitro tissue
engineering is biocompatible synthetic materials which, depending on the choice
of material, offer a broad range of scaffold properties. In 1995, Shinoka et al. [9] was
the first to show the potential of this classical in vitro approach, replacing a single
valve leaflet with a TE construct. Since 2000, several studies performed full heart
valve replacements with TEHVs, using different cell types and scaffold materials
[10–13]. Unfortunately, this approach does require a period of in vitro cell culture
and results in a living biological prosthesis prior to implantation, which complicates
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the regulatory processes. Moreover, this technique does not offer off-the-shelf
capability, which makes this technique clinically less attractive.

1.2 In Situ Heart Valve Tissue Engineering

An alternative to the in vitro approach is the in situ HVTE approach. This technique
does not rely on the classical TE paradigm, but merely uses the human body’s own
regenerative potential to regenerate a living, functional, heart valve. Key in this
technique is the choice of scaffold, as no in vitro culture phase is used. This scaffold
should be able to allow cellular infiltration and retention in vivo, while also inducing
subsequent remodeling. Again, decellularized xenografts or homografts could be
used as a scaffold [14–16] but these still suffer from the previously mentioned
drawbacks. Decellularized in vitro tissue-engineered heart valves [8, 17] overcome
this drawback, but nevertheless these valves still fail to address the issues associated
with in vitro culture. The use of synthetic materials is more appealing, as the scaffold
properties are well defined and can be tuned to suit the intended application. This,
with the off-the-shelf availability, makes the in situ approach an attractive candidate
for HVTE.

1.3 Limitations and Challenges

Both the classical in vitro and the in situ approach have shown promising results.
However, there are still several challenges which need to be overcome. First,
implanted TEHV showed leaflet retraction after in vivo remodeling, resulting in
valvular insufficiency [18, 19]. Second, obtaining the native layered structure, lined
with endothelial cells, has proven to be an issue [8]. Finally, current clinical studies
focus mainly on the relatively short-term development of the TEHV in vivo, so the
long-term tissue growth and remodeling remains yet to be elucidated. We hypoth-
esize that any of these challenges that need to be resolved mainly arise due to a
mismatch between the final structural properties of the TEHV and its native coun-
terpart. Clearly, the starting configurations of HVTE strategies are different com-
pared to the native situation. In order to obtain this native situation in the TEHV,
inducing physiological tissue remodeling is of vital importance. Existing research
recognizes that tissue remodeling of TEHVs is, besides biochemical factors, highly
affected by mechanical cues [20, 21]; however, the underlying mechanisms are
largely unknown. A first step towards improving TEHV structural properties is
understanding the underlying mechanisms of tissue remodeling. Experimental
work is a valuable tool in unraveling these underlying mechanisms; however, this
tends to be very costly and time expensive. Moreover, ethical concerns naturally
arise in case of animal experimentation. An attractive contribution to experimental
research is the use of computational modeling. Computational models have the
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potential to improve the analysis of experimental observations, identify the under-
lying mechanisms, and predict how these mechanisms will affect the in vivo
remodeling process of TEHVs with complex geometries and loading conditions.

1.4 Outline

In this chapter we will evaluate the history and current stance of computational
modeling of tissue remodeling in TEHVs. First, an overview of the biomechanical
properties of the native and tissue-engineered heart valve will be given. Next,
phenomenologically motivated models are discussed (Sect. 3), followed by more
complex biologically motivated models (Sects. 4 and 5). Finally, we will address the
future directions of modeling heart valve tissue remodeling.

2 Biomechanical Properties of Native
and Tissue-Engineered Heart Valves

The ultimate goal of HVTE is to create living heart valve substitutes with the same
hemodynamics and biological functionality as their native counterparts. This func-
tionality is determined by the valve’s structure, and consequent biomechanical
properties. Investigating the differences in structure and biomechanical properties
of native valves and TEHVs is thus crucial to improve current HVTE strategies.

2.1 Heart Valve Structure, Function, and Biomechanics

Aortic valves are composed of three thin and half-moon-shaped leaflets attached in a
crown-shape fashion to the aortic root [22]. The points of the attachment that two
leaflets have in common are called commissures. When the valve is closed, the edges
of the leaflets not attached to the aortic root (free edges) form a small overlap of
tissue (coaptation area) that provides a safety margin for valve closure [23]. Finally,
the leaflets have a body of tissue between the attachment and the free edges (belly),
which bears the largest part of the pressure exerted on the leaflet [24].

The primary function of heart valves, which is to impede blood backflow, is
achieved due to highly optimized biomechanical properties. Throughout the cardiac
cycle, heart valves are subjected to a wide range of mechanical stimuli [25], namely
shear stress during systole, bending strain in between systole and diastole, and
pressure during diastole. In the context of functional mechanics, we focus our
attention on the biomechanical responses to blood pressure. Native leaflets are
anisotropic and highly nonlinear: they are stiffer in the circumferential direction
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than the radial one, and respond to stress with a nonlinear increase of stiffness as
tension increases [26, 27] (Fig. 1). Due to this biomechanical behavior, at the end of
the systolic phase, the leaflets can enlarge mainly radially to close the valve, restrict
circumferential strain, and then rapidly stop their deformation ensuring a proper
valve closure [28]. So, there is a clear consistency between biomechanical properties
and functionality.

The biomechanical behavior of aortic leaflets is determined by their components,
which are mainly valvular interstitial cells, collagen, elastin, glycosaminoglycans
(GAGs), and proteoglycans (PGs) [29]. The aortic leaflets have three layers, specif-
ically the fibrosa, the spongiosa, and the ventricularis, containing different proteins:
the fibrosa is mainly composed of bundles of circumferentially oriented collagen
fibers [30]; the ventricularis consists of a considerable amount of elastin disposed in
a dense sheet [31]; and the spongiosa comprises predominantly GAGs, PGs, and
some collagen and elastin connecting the other two layers [23, 32, 33]. The biome-
chanical behavior of the leaflets is mostly determined by the collagen present in the
fibrosa. Collagen fibers are known to be crimped in the absence of hemodynamic
loading, and to withstand only tensile stress exerted along their direction. Due to
their initially wavy configuration, they exert low resistance against low levels of
strain while, at higher levels, they get fully extended and prevent further strain,
leading to the tissue’s nonlinear mechanical behavior. Similarly, the tissue

Fig. 1 Representation of the mechanical response of native (left bottom) and tissue-engineered
(right bottom) heart valves to biaxial loading (as induced by transvalvular pressure)
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anisotropy is caused by the circumferential alignment of the collagen fibers, which
gives the tissue a higher stiffness in that direction.

2.2 TEHV Biomechanical Properties

Current HVTE strategies are focusing on replicating the biomechanical properties of
native heart valves. As the collagen is a strong determinant of the biomechanical
behavior of the leaflets and is the main load-bearing structure present in cardiovas-
cular tissues, many studies have focused on creating TEHVs with a dense and
organized collagen network [11, 34–41]. Mechanical tests performed on TEHVs
have demonstrated that, before implantation, these constructs exhibit a biomechan-
ical behavior which is similar to the native aortic counterpart, although the degrees of
nonlinearity and anisotropy are less pronounced [10, 17, 39, 42–47] (Fig. 1). Most
likely, these differences in mechanical properties are caused by insufficient collagen
cross-linking [42] and collagen alignment [35] in TEHVs, characteristics that may,
however, improve after implantation due to in vivo remodeling. In previous studies,
TEHVs have been implanted into animal models in the pulmonary position, where
they have shown good functionality in the short term. However, medium- and long-
term follow-up results showed that many valves were prone to progressive leaflet
thickening and/or retraction, and consequently valvular insufficiency [18, 47–
49]. Concluding, the initial configuration of previous strategies did not induce
physiological tissue remodeling in most cases. These experimental results highlight
the necessity to increase our understanding of the underlying remodeling processes,
to define a rational valve design that will induce physiological remodeling.

2.3 Computational Simulations of TEHVs

Computational simulations play a significant role in determining the optimal initial
configurations for TEHVs. For instance, using computational modeling, Loerakker
and colleagues [50, 51] demonstrated that the geometry of the leaflets can have a
major influence on the mechanical behavior of the valve, and therefore also the
mechanical stimuli sensed by the tissue, and that a suboptimal leaflet design can be
one of the causes of in vivo leaflet retraction. In addition to knowing how the initial
properties of the engineered tissues affect the mechanics of the heart valve, under-
standing and being able to predict the subsequent tissue remodeling process as a
function of the initial valve design is essential as well. Most of the previously
developed tissue remodeling algorithms focused on predicting collagen remodeling,
as this is the main determinant of the mechanical behavior of most tissues. The first
models that were developed to predict collagen remodeling mainly adopted a
phenomenological approach to identify which mechanical parameters are most

418 T. Ristori et al.



relevant for the remodeling process. An overview of these models and their similar-
ities and differences will be given in the next section.

3 Mathematical Models of Collagen Remodeling

3.1 Collagen Architecture in Native Aortic Heart Valves

The collagen architecture in native aortic heart valve leaflets is highly organized and
mainly circumferentially orientated (Fig. 2). Collagen fibers are not homogenously
distributed over the leaflets, but arranged into bundles [52]. The macroscopic
configuration of these bundles has often been compared to a hammock-like structure,
as they seem to depart mainly from common points (the two commissure points) and
branch into various bundles in between. The circumferential alignment of the
bundles is evident along the free edges while, due to the branching, this orientation
may be less apparent in the belly. However, microscopic examination has shown that
also the collagen fibers present in this region of the leaflets are mainly oriented
circumferentially [53–55].

Fig. 2 Collagen architecture in the fibrosa layer of a native human heart valve leaflet. Courtesy of
Pim Oomen
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3.2 Collagen Remodeling in Response to Mechanical Stimuli

The collagen fibers present in heart valves remodel in response to changing
demands, where we define collagen remodeling as the process of realignment,
degradation, and synthesis of collagen fibers. Several studies have suggested that
the level of organization of the collagen architecture is proportional to the magnitude
of the pressure exerted on the closed valve. For instance, pulmonary heart valves
experience a lower pressure than their aortic counterpart and, although they have a
similar geometry, they exhibit lower values of collagen content and alignment
[53]. The same phenomenon can be observed comparing aortic valves of different
ages. The aortic pressure increases with age and, consequently, the collagen structure
in these heart valves adapts to these changes. Early fetal heart valves exhibit loosely
arranged collagen fibers that increase in content in the first weeks of development.
After birth, the circumferential alignment of the collagen fibers continues to increase
with age and with the associated increase in transvalvular pressure difference, until
the adult configuration is acquired [53, 56].

The influence of mechanical stimuli on collagen remodeling has been demon-
strated also via in vitro experiments. For instance, it has been observed that in cell-
populated collagen gels and engineered cardiovascular tissues, the collagen organi-
zation is isotropic when these constructs are biaxially constrained [57, 58], whereas
in the case of uniaxial constraints, the collagen fibers orient along the constrained
direction [57, 59, 60]. Additionally, Rubbens et al. [57] demonstrated that dynamic
stretch increases the rate of collagen realignment and the collagen content along the
stretched direction. Concluding, mechanical stimuli play a significant role in colla-
gen remodeling, and need to be understood to successfully engineer tissues with a
physiological and functional collagen network.

3.3 Early Computational Models

In addition to experimental work, computational models have been developed to
understand the mechanisms of collagen remodeling and to predict how the final
collagen organization depends on factors such as tissue geometry, mechanical
properties, and external mechanical loads. Early computational studies on collagen
remodeling have investigated which mechanical stimuli are the most important
determinants in this process, focusing on predicting the (re)alignment of collagen
fibers [61–72]. Various phenomenological hypotheses have been tested, with stress
and strain often chosen as driving mechanical stimuli for this phenomenon. To
validate the hypotheses for collagen remodeling, the model predictions have been
compared with the collagen architecture observed in native cardiovascular tissues,
such as heart valves and arteries.

420 T. Ristori et al.



3.4 Realignment with Principal Loading Directions

As one of the first attempts, Boerboom et al. [61], Driessen et al. [66], and Driessen
et al. [63] predicted collagen remodeling considering a discrete number of fiber
directions. They hypothesized that collagen fibers align towards the principal strain
directions and that their amount increases with the strain magnitude (Fig. 3). Their
models were able to successfully predict the mainly circumferential collagen orga-
nization present in native heart valve leaflets. Computational models with similar
hypotheses, but with the stress chosen as mechanical stimulus driving the
remodeling, have been used to successfully study the tissue remodeling in other
tissues, such as transversely isotropic tissues and tendons [73, 74].

Conversely, the numerical algorithms resulting from these first hypotheses
appeared unable to predict the collagen distribution present in native arterial walls,
which is characterized by collagen fibers grouped in two distributions of which the
mean orientations form a double-helical structure, with increasing pitch from inside
to outside [75]. In arteries, the principal strain directions are the axial and the
circumferential ones. Therefore, a numerical algorithm developed using the previous
hypotheses would erroneously predict collagen fibers oriented axially or

Fig. 3 Main hypothesis of early computational models for collagen remodeling and the predicted
collagen fiber orientation under uniaxial, biaxial, or equibiaxial loading
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circumferentially. Since heart valves and arteries roughly consist of the same
components [76], the collagen fiber architecture present in these two cardiovascular
tissues should be predictable with similar collagen remodeling laws. As a conse-
quence, the previous hypotheses needed to be revised to successfully predict colla-
gen remodeling in a broader range of cardiovascular tissues.

3.5 Realignment in Between Principal Loading Directions

Driessen et al. [64, 67] were able to predict the collagen architecture present in both
native arterial walls and heart valves using a single type of remodeling law, by
considering two fiber directions and hypothesizing that collagen fibers prefer to align
in between the principal strain directions (Fig. 3). In addition, similar results for the
collagen architecture in the arterial wall could be obtained choosing the stress as the
driving mechanical stimulus [68, 69].

The preferred directions introduced in these models depend on the difference
between the magnitude of the two maximal principal strains or stresses: the larger
this difference, the closer the preferred direction is to the maximal principal loading
direction (Fig. 3). As a result, in the case of uniaxial strain, the preferred direction
and the strained direction coincide. Therefore, the predictions of this kind of
mathematical models can be reformulated as follows: in the case of uniaxial strain,
collagen orients towards the strained direction; in the case of biaxial strain, collagen
aligns in between the principal loading directions. In the context of heart valves,
since the commissure region is known to be uniaxially strained while the belly is
biaxially loaded [55], these hypotheses predict a circumferential alignment of
collagen close to the free edges and a more branched orientation in the belly [64],
which is in accordance with experimental results [53, 55, 77].

Nevertheless, these models still have some limitations, mostly related to the use
of only two fiber directions. In the belly of the leaflets, using only two fiber
directions, these models predict the branching of the collagen fibers with the two
fiber families diverging from the circumferential direction [64] (Fig. 3). Although the
branching of collagen fibers itself is consistent with experimental observations, the
complete lack of collagen fibers in the circumferential direction is not physiological
[53, 55]. Further limitations can be found considering equibiaxially loaded tissues.
The isotropic collagen organization observed in these tissues [78] cannot be
predicted with computational models that only consider two fiber directions for the
collagen network.

3.6 Inclusion of Fiber Dispersity

In a successive study, Driessen et al. [65] overcame the limitations of the previous
models by introducing a fiber dispersity for the two collagen fiber families. Similar to
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the previous mathematical models, the main fiber directions were hypothesized to
align in between the principal loading directions, while the fiber dispersity was
hypothesized to be inversely proportional to the difference of strain or stress
magnitude between the two maximal principal loading directions (Fig. 3).

The remodeling laws of this model are conceptually equivalent to the previously
proposed laws [67, 68], but the use of a fiber dispersity presents significant advan-
tages over the previous approach. For instance, this numerical algorithm is able to
predict the isotropic collagen distribution in tissues subjected to equibiaxial loads. In
that case the fiber dispersity is predicted to be maximal, and thus a main direction of
the fibers is predicted to be absent. Moreover, Driessen et al. [65] obtained improved
results for the simulation of collagen remodeling in native heart valves. The use of
fiber dispersity enabled the prediction of a large amount of collagen in the circum-
ferential direction also in the belly of the leaflets, which had not been observed in the
previous computational results [64]. The main directions of the two fiber families at
this location were still predicted to be in between the circumferential and radial
direction. However, due to the large fiber dispersity, the two fiber families always
overlapped along the circumferential direction. Consequently, for the collagen
architecture as a whole, their contributions in this direction had to be summed and
thus a high content of collagen in the circumferential direction could be successfully
predicted (Fig. 3).

3.7 Main Limitations

Although the models described in this section are successful in predicting the
collagen structure in various cardiovascular tissues, they are mainly phenomenolog-
ical in nature and do not include biological motivations for the collagen remodeling
process. The inclusion of the biological phenomena involved in collagen remodeling
in computational models is, however, necessary to understand the underlying mech-
anisms and further enhance the predictive capacity of the models. For example, next
to mechanical cues, cells are the main affecters of collagen remodeling, since they
are responsible for collagen production and cell-produced enzymatic collagen deg-
radation. Moreover, cells have shown to alter the apparent stiffness and prestress of
the tissue, by pulling on their surroundings, including collagen fibers [79]. These
effects need to be accounted for in computational models of tissue remodeling, as it
is of major importance for obtaining accurate predictions of the mechanical state of
the tissue, which in turn will drive the remodeling process in the model.

In the past years, considerable efforts have been made in developing computa-
tional models that can predict the contractile stresses exerted by cells under various
conditions. The integration of such algorithms and biologically motivated models of
collagen remodeling has the potential to further unravel the mechanobiological
mechanisms involved in tissue remodeling. The next section will give an overview
of the computational models that are able to predict the orientation of actin stress
fibers, which are the major source of cellular contractility and tissue prestress.
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4 Modeling Stress Fiber Remodeling

4.1 Actin Stress Fibers

Actin stress fibers (SFs) are filaments of F-actin cross-linked by α-actinin and
bundled by myosin II. These acto-myosin bundles are fundamental for the interac-
tion of cells with their surroundings, because cells are known to synthetize collagen
[80] and exert contractile forces onto their surrounding material along the directions
of these fibers [81]. These cellular forces play a pivotal role in the differentiation and
orientation of cells, and the organization of the extracellular matrix [79, 82–84]. Fur-
thermore, it is well established that cellular forces are among the most important
contributors to tissue prestress [85]. For these reasons, to enhance the computational
models for tissue remodeling, including an algorithm that is able to predict the
orientation of and stress exerted by SFs, is crucial.

4.2 SF Remodeling

Similar to collagen fibers, SFs remodel in response to mechanical stimuli. Several
studies have shown that, when cells are cultured on a substrate with anisotropic
stiffness or embedded in a uniaxially constrained collagen gel, their SFs align along
the stiffest or constrained direction [83, 84]. Conversely, when seeded on a stiff
substrate or a biaxially constrained collagen gel that is cyclically strained in one
direction, cells orient perpendicular to the strain [83, 86–88]. This phenomenon is
known as strain avoidance, and depends on the frequency and amplitude of the
cyclic strain, where larger frequencies or amplitudes lead to higher levels of align-
ment [87, 89]. Importantly, recent studies have shown that SFs do not orient
perpendicular to the direction of uniaxial cyclic stretching when cells are seeded
on a low stiffness substrate or embedded in a uniaxially constrained collagen gel. In
these conditions, SFs prefer to align along the direction of the applied stretch [83, 90,
91]. This phenomenon seems to highlight the importance of SF stress for the
organization of SFs. In fact, one possible explanation for these observations is the
following: for low stiffness materials, cells cannot exert high tension perpendicular
to the cyclic stretch because the material is too compliant to contrast the cellular
tension, and consequently the final SF architecture do not orient in this direction; on
the other hand, in the direction of the cyclic stretch, cells sense this mechanical
stimulus as a mechanical resistance to their cellular forces, and thus they accordingly
realign their SFs along the direction of the applied stretch.

In addition to mechanical stimuli, SFs also respond to topographical patterns,
which is known as the contact guidance phenomenon. We refer to contact guidance
when SFs arrange themselves along geometrical patterns such as nano/microgrooves
on 2D substrates [92] or fibrous structures in 3D environments [93, 94]. The effects
of strain anisotropy and contact guidance can be in competition. For instance, this
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competition can occur when cells are seeded on microgrooved substrates stretched
along the direction of these topographical patterns. In these conditions, contact
guidance would induce an alignment parallel to the direction of the microgrooves,
while the cyclic strain would induce an alignment in the perpendicular direction.
Prodanov et al. [95] demonstrated that the final SF configuration resulting from this
competition depends on several factors, such as the microgroove size and the
frequency of the cyclic strain. Similarly, in 3D, it has been observed that contact
guidance has a larger influence than strain anisotropy when cells are embedded in a
gel with a high density of collagen [93], or cultured on polymeric fibrous
scaffolds [96].

4.3 Computational Models for SF Remodeling

To simulate and understand the processes of SF remodeling and cellular contraction,
several computational models have been proposed. As for mathematical models for
collagen remodeling, stress and strain have often been chosen as driving mechanical
stimuli for SF remodeling. In addition, since it appears that strain rate influences the
SF stress, also this parameter has been included in the proposed evolution laws. In
particular, it has been observed that the α-actinin and myosin present in SFs have an
organization similar to muscle sarcomeres [81]. Therefore, the law of Hill [97] that
describes the relationship between the strain rate and the stress for sarcomeric
structures has often been used in mathematical models to predict stress exerted by
SFs. For the SF turnover, two main hypotheses have been proposed, suggesting that
cells rearrange their SF network to maintain either a stress or strain homeostasis.
Most of the proposed models are phenomenological and have been inspired by
experimental observations, but a trend towards more physically motivated models
can be recognized.

4.4 Stress Homeostasis

Deshpande et al. [98] developed one of the first computational models for SF
remodeling and cellular contraction. They based their model on the assumptions
that cells avoid fast compression and seek for a stress homeostasis (Table 1). In
particular, they hypothesized that: SF polymerization is isotropic and activated by a
cellular signal; the SF stress can be described by a Hill-type law dependent on strain
rate, in such a way that stress decreases when SFs undergo fast compression; in
response to a decrease in stress, cells depolymerize the SFs along that direction.
Interestingly, although this model did not include a dependency on strain, it could
successfully predict the SF organization for cells under static conditions or subjected
to dynamic stretch on a stiff substrate through the use of a strain rate dependency
[98, 105, 106].
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In a successive study, this model has also been enhanced with the inclusion of
differential equations for focal adhesion formation and diffusion of the intracellular
signaling arising from these cellular points of attachment to the substrate
[107, 108]. These enhancements have enabled the prediction of SF concentration
at the cellular level [109, 110] and the simulation of contact guidance in 2D
microgrooved substrates [111].

Unfortunately, due to the absence of a strain dependency, this model was unable
to predict the dependency of strain avoidance on strain magnitude for constant strain
rate, as was demonstrated experimentally by Faust et al. [89]. In these experiments,
cells were seeded on an isotropic substrate and cyclically stretched at different strain
magnitude but constant strain rate. In spite of this constant strain rate, the authors
observed that the effects of strain anisotropy were larger when the strain magnitude
increased.

4.5 Stress and Strain Homeostasis

Kaunas and Hsu [99] proposed a different hypothesis for SF remodeling, by assum-
ing that is motivated by maintaining a strain homeostasis (Table 1). In particular,
cells were hypothesized to depolymerize SFs when their strain differed from an
optimal homeostatic level. The polymerization of SFs was assumed isotropic, and
the total amount of SFs was kept locally constant. Since this mathematical model
was dependent only on the strain experienced by SFs, it could simulate the increase
of strain avoidance behavior with increasing strain magnitude, but not for increasing
frequency. Therefore, Hsu et al. [100] enhanced the model by assuming that SFs are
able to relax over time due to their viscoelastic characteristics, with an associated
velocity of relaxation (Table 1). In this way, when the strain rate applied to the cells
in the simulations was low compared to this relaxation, then SFs were able to follow
the deformation without being subjected to depolymerization. Conversely, for high
strain rates compared to the relaxation rate, cells preferred to orient their SFs away
from that mechanical stimulus. With this enhancement, the mathematical model
could successfully predict the effects that changes in strain rate have on the phe-
nomenon of strain avoidance. However, since the magnitude of the stress exerted by
the cells was not clearly specified, predicting larger stresses for stiffer materials and
for directions with larger amounts of SFs was not possible.

In a successive study, Kaunas et al. [101] proposed a new model for SF turnover
coupled with active cellular contraction, with the assumption that cells reorganize
their SFs following the principles of both stress and strain homeostasis (Table 1). In
their model, SFs depolymerized when the SF stress differed from a reference value,
with this SF stress dependent on the level of strain experienced by SFs. In addition,
similar to Hsu et al. [100], in this mathematical model the viscoelastic behavior of
SFs was taken into account to explain the influence of strain rate on SF remodeling.
Numerical simulations demonstrated that the model was indeed able to predict the
final configuration of SFs for cells subjected to cyclic strain. Nevertheless, it is
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unclear if the model can simulate SF remodeling in cells residing in an environment
that has an anisotropic stiffness.

4.6 SF Assembly Dependent on Strain and Strain Rate

In 2011, Vernerey and Farsad [102] developed a predictive model for SF remodeling
and cellular contraction, in which they assumed that stress, strain, and strain rate
affect SF polymerization instead of depolymerization (Table 1). They hypothesized
that cells produce more SFs in directions where they exert more stress. Similar to the
model of Kaunas et al. [101], SF stress was dependent on both the strain and the
strain rate sensed by SFs. In particular, the stress was assumed to increase with the
amount of strain in the SFs. The relationship between SF stress and strain rate was
described by a Hill-type law as in the model of Deshpande et al. [98], with the
exception that it was antisymmetric around zero. In addition, in contrast to the
previous models, the model assumed that cells have a long-term memory of the
stretch history, because the original configuration of the cell was used to define the
strain stimulus.

With these features, the model was able to successfully predict SF remodeling
occurring in cells that are statically cultured in an environment with anisotropic
stiffness, and in cells that are cyclically strained. Nevertheless, the increase of strain
avoidance for increased strain rate could not be captured due to the antisymmetry
around zero of the Hill-law present in the model.

Due to this limitation, Obbink-Huizer et al. [90] proposed a new model for SF
remodeling (Table 1). While the main hypotheses of this computational model were
comparable with the model of Vernerey and Farsad [102], some modifications were
introduced to the equations. For example, to avoid antisymmetry, the Hill-law was
shifted in such a way that, similar to Deshpande et al. [98], SF compression caused
decreased SF stress, while extension did not induce significant variations. Moreover,
the SF polymerization was supposed to depend only on the stress actively exerted by
the SFs, and not on the passive component of the SF stress. These adjustments were
beneficial for the predictive potential of the model, which was now able to predict the
SF final configuration as a result of several mechanical stimuli, such as anisotropic
stiffness and cyclic strain with varying frequency and amplitude, using only a single
set of parameter values.

Despite its high predictive potential, the hypotheses that are the basis of this
model are mainly phenomenological and some of the consequences deriving from
these assumptions are questionable. For example, it is unlikely that cells have a long-
term memory of their stretch history. Therefore, to further increase the predictive
potential of computational simulations, and to use the computational models as a
tool to unravel the underlying mechanisms of SF remodeling process, physically
motivated hypotheses should be introduced.
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4.7 Model Based on Thermodynamics

The first promising computational models in this direction have recently been
proposed by Foucard and Vernerey [103], and Vigliotti et al. [104], by introducing
thermodynamical laws as driving mechanisms for SF remodeling (Table 1). In their
studies, they defined chemical potentials for both unbound F-actin filaments and
SFs, and they hypothesized that SF remodeling occurs when these two chemical
potentials are not in equilibrium. In both models, SF stress and positive strain were
assumed to stabilize SFs and thus diminish the SF chemical potential, although a
different definition of strain experienced by SFs was used. While Foucard and
Vernerey [103] used the usual definition of strain dependent on an original config-
uration such as in Vernerey and Farsad [102], Vigliotti et al. [104] introduced a new
definition for the SF strain by hypothesizing that SFs change their reference config-
uration over time as a result of SF remodeling, with this last assumption appearing
more biologically sound.

Both mathematical models exhibited excellent predictive potential both for static
and dynamic conditions, and for materials with different stiffness. For instance, the
model of Vigliotti et al. [104] was tested for a wide range of cyclic stretching profiles
with promising results and, compared to the previous phenomenological model of
Obbink-Huizer et al. [90], it showed improved predictions for different cyclic
waveforms. Moreover, these models represent the first attempts to give an explana-
tion for the biological mechanisms responsible for SF remodeling.

4.8 Main Challenges

The mathematical models described in this section mostly focus on the effects that
mechanical cues have on SF remodeling, while only a few studies analyzed the
effects that topological patterns have on SF networks. Currently the competition
between strain avoidance and contact guidance has not been fully investigated
through computational simulations. A first attempt has been proposed to investigate
this phenomenon at the cellular level [112], but further studies could elucidate the
underlying mechanisms and the factors involved.

Furthermore, in view of a development of numerical algorithms coupling both SF
and collagen remodeling, the refinement of the computational models for SF
remodeling should not lead to excessive computational costs. The processes of SF
and collagen remodeling have different time scales, with SF remodeling occurring
over minutes and collagen remodeling over days. Consequently, the prediction of the
final SF architecture should be relatively fast, to enable the simulation of weeks of
remodeling.
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5 Prestress and Cell-Mediated Collagen Remodeling

The computational models described in Sect. 3 were able to successfully predict the
collagen architecture in native cardiovascular structures in many cases. Yet, these
phenomenological models lacked biological motivation for the proposed remodeling
laws. An important part of remodeling is collagen turnover, which is mediated by
cells; they deposit new collagen fibers and synthesize enzymes responsible for
collagen degradation. Another important cellular aspect, besides mediating collagen
remodeling, is the presence of cell-generated forces that induce collagen fiber
realignment, tissue prestress and subsequent tissue compaction. Including cellular
behavior into collagen remodeling algorithms can therefore greatly increase the
predictive potential of the models, and help to better understand the underlying
mechanisms of collagen remodeling.

5.1 Cell-Mediated Collagen Turnover

Cells embedded in the tissue form the bridge between mechanical stimuli and
subsequent collagen turnover; in fact, cells sense mechanical loads and act accord-
ingly to remodel the collagenous matrix. These mechanical stimuli influence three
factors that are important in cell-mediated collagen turnover: collagen synthesis,
cellular orientation, and cell-produced enzymatic collagen degradation.

First, new collagen fibers are synthesized (in the form of procollagen) and
deposited by cells. In vitro experiments have demonstrated that fibroblasts embed-
ded in cyclically strained tissues increase their mRNA expression of procollagen
[113–115]. As a result, cells seeded on cyclically stretched scaffolds increase their
collagen synthesis [34, 57].

Second, in the process of collagen synthesis, cellular orientation also plays a
significant role. In fact, these new collagen fibers are primarily deposited in the
direction in which cells are oriented [80]. The orientation of contractile cells is
determined by the direction of SFs, which remodel in response to mechanical
stimuli.

Finally, not only cell-mediated collagen synthesis and deposition are important
for collagen remodeling, but also collagen degradation. Cells synthesize matrix
metalloproteinases (MMPs) and tissue inhibitors of matrix metalloproteinases
(TIMPs), which are the mediators of collagen degradation [116, 117]. Fibroblasts
increase their expression of these MMPs and TIMPs in response to cyclic strain
[118, 119]. In addition to cellular expression, strain also affects enzymatic collagen
degradation. In particular, if collagen fibers get strained, they undergo a molecular
change for which it has been hypothesized that it makes them less susceptible to
MMP-mediated degradation [120–123]. In summary, it is apparent that mechanical
stimuli influence cellular behavior which ultimately has significant consequences for
collagen turnover and the resulting collagen architecture.
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5.2 Cell-Mediated Prestress

In addition to driving the collagen turnover in response to mechanical stimuli, cells
influence the biomechanical behavior of tissues and collagen realignment by apply-
ing traction forces to their surroundings. The presence of these forces has a direct
effect on this biomechanical behavior, since they lead to tissue prestress, compaction
and resulting collagen realignment in many soft biological tissues [124]. Rausch and
Kuhl [125] attributed discrepancies between in vivo and in vitro stiffness measure-
ments of biological tissues to the presence of prestress. Seemingly, the prestress
directly influences the tissue’s biomechanical behavior by changing the apparent
stiffness. Furthermore, prestress indirectly affects collagen remodeling. For exam-
ple, Grenier et al. [126] showed that prestressed tissues exhibit enhanced tissue
formation compared to unconstrained tissues. One explanation for this observation is
that the prestressed collagen fibers in the constrained samples were less susceptible
for enzymatic degradation.

Cell-mediated collagen remodeling and prestress are not only complex phenom-
ena on their own, but also highly interrelated. For this reason, including cellular
behavior into computational models of collagen remodeling is imperative. In this
section we will first discuss models that include cellular prestress in a phenomeno-
logical manner. These models showed the importance of including cell traction.
Second, mathematical models that propose biologically motivated laws for collagen
remodeling and degradation are addressed. Finally, an example of a model applied to
TEHVs is described.

5.3 Phenomenological Models of Cell-Mediated Collagen
Remodeling

One of the first models to investigate the effects of cell traction on collagen
realignment was the model of Soares et al. [127]. In this phenomenological model,
cell traction was added to the collagen framework proposed by Driessen et al. [65],
via the inclusion of inverse isotropic volumetric growth. Although this model was
relatively simple, it was able to predict the change in collagen orientation through the
thickness of tissue-engineered vascular grafts. Despite its relative simplicity, the
model showed the importance of including cellular behavior (in this particular case
cell traction) into computational models.

Successively, Nagel and Kelly [128] studied the effects of cellular contraction on
collagen realignment with a more complex theory. Rather than directly including the
cell traction forces in the model, they assumed that cells, seeking for a homeostatic
level of strain or stress experienced via their interaction with collagen, contract
collagen fibers in a “hand-over-hand” fashion [79]. This was implemented in the
model by assuming that the stress-free configuration of collagen fibers evolves
towards a preferred homeostatic level. These principles were then coupled with a
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mathematical model for the collagen realignment along the maximum principal
strain direction. Several experimental observations could be reproduced with this
framework, including collagen remodeling occurring in periosteum [129], in colla-
gen gels [58], and cruciform fibrin gels [78]. However, this model was still phe-
nomenological, since it did not describe the underlying mechanisms driving collagen
crimping and turnover, and the homeostatic collagen stress-free configuration was
set a priori.

5.4 Biologically Motivated Models for Cell-Mediated
Collagen Remodeling

Biologically motivated hypotheses for collagen synthesis and degradation were
proposed by Valentín et al. [130, 131], who based their models on the framework
proposed by Baek et al. [132, 133]. In particular, they assumed that collagen
remodeling depends on wall shear stress induced production of vasoactive molecules
and intramural stress induced production of growth factors. Newly synthesized
collagen fibers were deposited at a certain preferred homeostatic stretch, while
collagen degradation was implemented via a fading memory behavior; more recently
produced fibers contribute more to the stress response. Finally, active smooth muscle
contraction was modeled to depend on the ratio of produced constrictors and
dilators. With this model, the two-step response to changes in arterial flow rate
(instant contraction or dilation, followed by tissue remodeling) could be predicted,
including the typical time scales at which these phenomena occur. Moreover, arterial
thickening due to pressure overload could be predicted successfully. Nevertheless,
these model predictions could not be obtained using one set of model parameters.
The predictive power of the model has been shown by Miller et al. [134] and
Khosravi et al. [135], who used this framework to identify important scaffold
parameters and development of tissue-engineered vascular grafts.

Recently, Heck et al. [136] proposed a biologically motivated model in which
collagen degradation is the main mediator of collagen remodeling. In this model,
collagen fibers are assumed to degrade via a strain dependent mechanism for which
at higher strains the collagen fibers are less susceptible to degradation [123, 137]. Fur-
thermore, it was hypothesized that both collagen production and degradation
increase with cellular deformation. Contact-guided cell traction was included by
assuming that the magnitude of the cell-induced collagen fiber strain evolves
towards the value at which collagen production and degradation are in equilibrium.
Finally, when over-stretched, collagen fibers could rupture in a two-stage manner.

This model was able to predict a wide range of experiments. First, the inclusion of
fiber rupture allowed the prediction of axially loaded bovine pericardium subjected
to collagenase [138]. In addition, the experiments of Lee et al. [139] (uniaxially
loaded fibroblast populated collagen gels), Hu et al. [140] (biaxially constrained
collagen gels), and Foolen et al. [129] (transition stretch of periosteum) could be
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predicted successfully. However, despite the good predictive capacity of the model,
these results could not be obtained with a single set of model parameters. Moreover,
the SF remodeling is not included explicitly in the model, but is merely dictated by
the collagen network. Therefore, cell-mediated remodeling is limited as collagen
fiber remodeling is the real actuator of the model.

5.5 Inclusion of SF Remodeling

Following their phenomenological study of 2011, Soares et al. [141] mathematically
described the mechanism of tissue compaction including SF contractile forces and
remodeling in the computational model, by using the previously described frame-
work of Deshpande et al. [98]. With this model, SF orientation, tissue compaction,
and stresses in statically cultured tissue-engineered strips [124] could be predicted.
However, the collagen remodeling process is mostly neglected in this study; the
amount of collagen is assumed to correspond with the relative amount of SFs in each
direction.

Successively, Loerakker et al. [142] attempted to model cell-mediated collagen
remodeling using a bottom-up approach, coupling two separated mathematical
models for collagen and SF remodeling. In particular, several previously proposed
hypotheses were included and coupled in one common numerical algorithm. While
the SF remodeling algorithm coincided with the model proposed by Obbink-Huizer
et al. [90], the SF mediated tissue compaction occurred via two mechanisms: directly
via SF contractile stress and via cell-mediated contraction of the collagen fibers. The
latter was implemented in a similar manner as proposed by Nagel and Kelly [128],
but the stress-free configuration of collagen fibers was assumed to depend on the SF
stress and the presence of mechanical loads, instead of being imposed a priori.
Concerning the collagen turnover, two hypotheses for collagen production and
two hypotheses for collagen degradation were tested and compared. The first
degradation hypothesis was the same as implemented by van Donkelaar et al.
[137] and Heck et al. [136]; degradation decreases with strain and becomes constant
after a certain threshold value. On the other hand, the second degradation hypothesis
assumed an increased degradation after this threshold value. The production part of
the model assumed either collagen deposition in the direction of the SFs, in accor-
dance to experimental observations [80], or isotropic deposition which would
correspond to the hypothesis that collagen remodeling is dictated by degradation.

This model was able to reproduce a variety of experimental outcomes [78, 124,
129] and was the first to predict a helical collagen organization in vascular grafts
without a priori assuming two distinct fiber families. An advantage of this model
over the previously described models is that all the simulations were performed with
the same set of model parameters. Besides this versatility, this computational model
also has some limitations. First of all, the model is not able to predict tissue growth or
dilation. In addition, it shares all the previously described limitations of the
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computational model proposed by Obbink-Huizer et al. [90], since the same hypoth-
eses were used for the SF remodeling.

5.6 Remodeling of TEHVs

Recently, the framework of Loerakker et al. [142] was applied to predict collagen
remodeling in TEHVs [143]. In order to prevent excessive computational costs in
simulating collagen and SF remodeling under dynamic loading conditions, an
analytical approximation for the SF remodeling laws was used [144].

As valvular insufficiency is an important problem in HVTE, they assessed this
risk for TEHVs after remodeling at the pulmonary and aortic position. In agreement
with existing research, it was found that TEHVs implanted at the pulmonary position
are at risk to develop valvular insufficiency, where this risk increases with the level
of cellular contractility. In contrast, it was predicted that leaflet retraction and the
associated insufficiency is unlikely to occur at the aortic position because in these
conditions the hemodynamic loads are high enough to counterbalance the cellular
traction forces. Moreover, they predicted the development of a native-like,
circumferentially aligned collagen network at the aortic position.

5.7 Future Scope

By including cellular behavior, the predictive capacity of computational models for
collagen remodeling has greatly increased. Moreover, a better understanding of the
underlying mechanisms has been obtained. These models have only recently been
applied to predict the remodeling of TEHVs, but have already shown their efficacy
by highlighting the important determinants in the remodeling process. This shows
that computational models can tremendously aid HVTE research. Therefore, devel-
oping current models even further is of vital importance. The final chapter will deal
with the future perspectives and challenges in modeling the in vivo adaptation and
functionality of TEHVs.

6 Future Directions

It is yet unclear whether current HVTE techniques are able to induce a physiological
remodeling of the collagen network, which is essential for obtaining the proper tissue
biomechanical properties that are strongly correlated with heart valve functionality.
Computational simulations can help to improve HVTE strategies, since they are a
valuable and versatile tool for increasing our understanding of and control over the
process of collagen remodeling. The early computational models (Sect. 3) mainly
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relied on phenomenological remodeling laws. This enabled the prediction of the
collagen architecture in arteries and heart valves but, on the other hand, did not allow
for the investigation of the underlying biological processes driving collagen
remodeling. Since cells are ultimately responsible for collagen remodeling, numer-
ical algorithms capturing the cellular behavior need to be included in the computa-
tional models. Section 4 elucidated the development of models for the prediction of
the cell orientation and contraction, through the use of numerical algorithms for SF
remodeling. Finally, cell models were coupled to collagen remodeling laws (Sect. 5),
which substantially improved the predictive potential of the computational simula-
tions. Yet, there is still room for improvement of the existing computational models
for TEHV remodeling. First of all, since they only capture relatively short-term
remodeling, long-term prediction of tissue growth of TEHVs has not been
established. In addition, the phenomenological nature of many of these models
does not grant a mechanistic understanding of the biological processes involved.
This final section will deal with the future directions of modeling growth and
remodeling of TEHVs, and their implications for the improvement of current
HVTE techniques.

6.1 Growth

Current models mainly focus on short-term tissue remodeling and, in general, they
rely on the hypothesis of conservation of mass, which impair predictions of long-
term volumetric growth. As TEHV are aimed at being life-lasting valve replace-
ments, modeling and optimizing this long-term tissue growth is crucial.

Several research groups have included growth into their numerical algorithms for
collagen remodeling in cardiovascular tissues. Humphrey and Rajagopal [145]
implemented growth using the concept of an evolving stress-free tissue configura-
tion. Successively, the group of Kuhl implemented volumetric growth, assuming
stress- or stretch-driven growth along the principal loading directions [146]. This
approach was successfully applied to arteries (stress-driven [147]), skeletal muscle
(stretch-driven [148]), skin (stretch-driven [149]), and heart muscle (stretch- and
stress-driven [150]). In particular, the latter demonstrated that assuming stress- or
stretch-driven growth correspond to the prediction of different physiological pathol-
ogies. This shows that the choice of the driving stimulus determines to a great extent
the model predictions. Therefore, identifying the driving stimulus of TEHV growth
and remodeling is of vital importance to accurately predict long-term tissue devel-
opment. Oomen et al. [53] made a first attempt, by investigating the driving stimulus
of human heart valve growth. In this study, geometric and mechanical characteriza-
tion, followed by finite element simulations of the loaded configuration of native
heart valves of increasing age in diastole, revealed increasing tissue stress with age,
while stretch differences were relatively small between the aortic and pulmonary
valve as well as valves of different ages. Consequently, these results suggest that
heart valve growth is a stretch mediated process.
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6.2 Agent-Based Models

In addition to tissue growth, obtaining a mechanistic understanding of tissue growth
and remodeling is essential. A promising approach towards this end is the use of
agent-based computational models, where both the behavior of individual agents and
the interaction between them determines the outcome of computational simulations.
Obviously, single cells can potentially form the basis of such models for TEHVs.

Recently, Werfel et al. [151] have used an agent-based model to predict cancer
development due to physical changes in the surroundings of the cell. In their study,
they modeled cells on a 2D substrate as adhesive spheres, in which the tension
experienced by the cells determines their fate; in particular, cells under extension had
a high probability to grow and proliferate, while compression induced apoptosis.
The computational simulations suggested that geometric changes and increased
variability in phenotype may be a mechanism for tissue disorganization and subse-
quent non-mutagenic cancer development. Interestingly, in this model both cell-cell
interaction and growth were incorporated, and this could be translated to models for
growth and remodeling of TEHVs.

In addition, an agent-based mathematical model predicting scar development
after a myocardial infarction has been proposed by Rouillard and Holmes [152]. In
this study, a previous agent-based model [153] was coupled to a macroscopic model
for tissue mechanics. The fibroblasts in the agent-based part were assumed to deposit
and remodel the collagen in response to chemical, structural, and mechanical stimuli.
The model was able to predict infarct healing of a coronary ligation rat model
[154]. This was the first agent-based model specifically developed for the prediction
of tissue remodeling, and it showed the potential of this multi-scale approach.

The advantage of using agent-based models is that important cellular processes
such as cell migration can be modeled specifically, which would not be possible
using a continuum approach. Moreover, the use of single agents allows the inclusion
of stochastic factors into computational models. Not only do these agent-based
models help to gain a mechanistic understanding of the underlying processes of
growth and remodeling, but they also have the potential to tackle other multi-scale
problems, such as disease modeling.

6.3 How Far Should We Go?

In general, increasing the complexity of mathematical models can lead to a greater
predictive potential of the computational simulations. However, a disadvantage of
increasing the complexity is that increasing the number of differential equations
related to the tissue remodeling laws generally corresponds to an increase in model
parameters. Consequently, the estimation of these parameter values and the inter-
pretation of the simulation results become more difficult, and often a single set of
model parameters cannot be identified. Albert Einstein once said:
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It can scarcely be denied that the supreme goal of all theory is to make the
irreducible basic elements as simple and as few as possible. . .

Reflecting on this quote, we strongly believe that a model should have a certain
degree of complexity to capture the behavior one aims to describe accurately;
however, all additional complexity will unnecessarily increase the model uncertainty
and should therefore be avoided.

6.4 Implications for TEHVs

Computational simulations have already demonstrated their utility in improving
HVTE techniques [51, 143] and in understanding complex experimental results
[143]. Their use is extremely promising for the optimization of the in vivo
remodeling response of TEHVs, through the prediction of the influence of several
factors involved, such as scaffold design, cell type, or transvalvular pressure mag-
nitude. However, further improvements are still necessary.

While the enhancement of current computational models continues, this proce-
dure constantly needs validation. In this last process, in vitro experimental results
backing the model predictions are fundamental and allow for a comparison between
computational and experimental results. For this reason, many current mathematical
models have shown their predictive capacity by reproducing multiple in vitro exper-
imental outcomes. While experimental data are already available to analyze and
model short-term tissue remodeling, there is a lack of experimental results for the
development of computational models for long-term growth. To this aim, controlled
experiments to identify the driving stimulus of TEHV growth are needed. Only with
the information provided by these experiments computational models for tissue
growth will be able to be coupled with biologically motivated hypotheses that are
fundamental to understanding, predicting, and optimizing the long-term behavior of
implanted TEHVs.

Concluding, computational models and experiments can mutually benefit from
one another, and the synergy of combined numerical-experimental approaches will
continue to help the HVTE research to obtain a fully functional, life-lasting heart
valve substitute.
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Fluid–Structure Interaction Analysis
of Bioprosthetic Heart Valves:
the Application of a Computationally-
Efficient Tissue Constitutive Model
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and Michael S. Sacks

Abstract This paper builds on a recently developed computationally tractable
material model merged with an immersogeometric fluid–structure interaction meth-
odology for bioprosthetic heart valve modeling and simulation. Our main objective
is to enable improved application of the use of exogenous crosslinked tissues in
prosthesis design through computational methods by utilizing physically realistic
constitutive models. To enhance constitutive modeling, valve leaflets are modeled
with a computationally efficient phenomenological constitutive relation stemmed
from a full structural model to explore the influence of incorporating a high-fidelity
material model for the leaflets. We call this phenomenological version as the
effective model. This effective model constitutive form is incorporated in the context
of the isogeometric analysis to develop an efficient fluid–structure interaction
method for thin shell structure of the leaflet tissues. The implementation is supported
by representative simulations showing the applicability and usefulness of our effec-
tive material model in heart valve simulation framework.
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1 Introduction

Bioprosthetic heart valves (BHVs) are the most popular replacement heart valve
owing to their natural hemodynamic characteristics, high resistance to thrombosis,
and good medium-term durability. However, durability of BHVs is still the major
limitation of the current technology. Structural valve deterioration may occur which
necessitates replacement particularly in younger patients and the replacement sur-
gery has higher risk of mortality. Therefore, the heterograft tissue needs to be refined
and modified to improve the life span of BHV. Otherwise durability in the range of
10–15 years continues to hamper BHVs.

Almost all BHV designs use exogenous crosslinked (EXL) collagenous soft
tissues obtained from bovine pericardium to manufacture leaflets. Exogenous
crosslinking of soft collagenous tissue is a common method for biomaterial devel-
opment and medical therapies. To enable improved application of the use of EXL
tissues in computational methods and prosthetic design, the development of physi-
cally realistic constitutive models is clearly required. Recent advances in computa-
tional methods to enhance the physical realism of BHV simulations are reviewed in
[29]. These computational techniques utilize the advanced numerical methods for
the simulation of heart valve function to assess the impact of selecting different
constitutive models in the organ-level simulation of a BHV. Computational simula-
tions have shown the impact of different choices of constitutive models to simulate
valve function and have observed that the stress and strain distribution in the leaflets
was severely impacted by the material modeling choice, as well as the effect of
permanent set as the mechanism responsible for the geometry change of BHV
leaflets in the long-term cyclic loading. This information should serve not only to
infer reliable and dependable BHV function, but also to establish guidelines and
insight for the design of future prosthetic valves by analyzing the influence of design,
hemodynamics, and tissue mechanics.

BHV leaflet mechanical properties have been demonstrated to be anisotropic.
Fiber bundles have a preferred direction of alignment and some degree of dispersion.
Wu et al. [27] recently explored the effects of anisotropy on BHV leaflet strain
patterns using an immersogeometric fluid–structure interaction (FSI) analysis. Con-
sidering that collagen fibers is the main load-bearing structure in the tissue, the
results confirmed that the anisotropy of the BHV leaflets is important for its overall
function. However, this work was primarily concerned with phenomenologically
modeling of the anisotropy and nonlinearity with a limited number of parameters and
the proposed Lee–Sacks model cannot account for interactions between fibers or
inelastic changes to the material’s local stress-free configuration [30]. Moreover,
since phenomenological models do not take into account the underlying mecha-
nisms, this category of material models can only match the response of the leaflet
tissue in a limited range, where experimental data were acquired for parameter
estimation, but cannot predict how the mechanical response will differ outside of
that range. However, they have been used in computational simulations to predict the
tissue response under unpredictable ranges of deformation. Therefore, high-level
simulations still require more complex material models.
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The first rigorous full structural-based model which explicitly incorporating various
features of the collagen fiber architecture for EXL soft tissues is developed by Sacks
et al. [21]. This novel structural model accounts for three contributors to themechanical
response of soft tissue: collagen fibers, EXLmatrix, and the interactions between fiber–
fiber and fiber–matrix components. The authors concluded that fiber-ensemble interac-
tions played a large role in stress development and often dominating the total tissue
response. However, although structural models proposed in Sacks et al. [21] can
accurately reproduce the soft tissue response, these models require a multiple integrals
over the collagen fiber architecture to accurately compute the strain energy of fiber
interactions. This can lead to increase in computational cost, and significant loss of
numerical precision when the number of quadrature points is not sufficient. To repro-
duce the characteristics of this structural model in a computationally efficient way, a
simple phenomenological form of this high-fidelity structural constitutive model is
described in Zhang et al. [31]. This computationally efficient version, which they
referred to it as the effective material model, is able to fully reproduce the response of
complex structural model for the entire range of deformations and the material param-
eters are identified by developing a systematic parameter estimation approach. This
effectivematerial model has some advantages over other soft tissuemodels in literature,
which are explained in details in [31]. Effective model can be implemented in place of
structural-based material models in numerical simulations, but receive its parameters
from the structural-based model through a proper parameter estimation techniques.

Here in this work, we want to explore the significance of using this computation-
ally efficient effective model to BHV modeling and explain why this constitutive
model is a suitable choice for heart valve simulation. To answer this question, we
demonstrate how this model is formulated within the Kirchhoff–Love shell formu-
lation framework of [15] and we simulate the response of EXL tissue to the cyclic
loading using our previously developed immersogeometric FSI method. We dem-
onstrate that this effective model [31] can be used for different tissue types, at the
same time, “effective” for finite element simulation of heart valve problems. The
material model’s strain-energy functional contains an exponential form which takes
care of fiber and interaction parts; and the matrix part can be modeled using modified
Yeoh model or a simple neo-Hookean form. We show the derivatives of invariants
for the effective model in curvilinear coordinates to calculate the stress and elasticity
tensors. Following the approach presented in [27], we define the fibers in the
physical space and then we transform them to the computational coordinates. Our
implementation has been validated using biaxial simulations.

The relative simplicity of the effective material model is suitable for computa-
tionally expensive applications such as FSI analysis of the heart valve. Moreover, we
have a single functional form that covers all the tissue materials and wide range of
deformations. We have shown this by using the model for both crosslinked and native
heart valve tissues and comparing them. This is not a trivial feature, as other widely used
soft tissue models are not able to match wide range of material properties (e.g., [6, 16])
and also this characteristic is important as the aortic valve leaflet material properties
change as a result of biological processes. Moreover, this model allows us to separate
the effect of crosslinking from the tissue matrix component and identify the interaction
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effects. To the best of our knowledge, no previous study to date has focused on
investigating how the crosslinking behavior of BHV leaflet influences various charac-
teristics of the valve dynamics. Although based on the results in Sacks et al. [21] we
know that the EXL effect is important in stress development, still at this point we don’t
know howmuch this effect matters in BHVdynamics.We explore the effect of EXL on
BHVs dynamics and strain distribution by separating the effect of exogenous cross-
linking from the full structural-based model. This crosslinking behavior takes into
account the bending rigidity of EXL fibers, fiber–fiber interaction, and fiber–matrix
interaction. To optimally utilize heterograft biomaterials in replacement of heart valves,
an improved understanding of the effects of chemical modification on their mechanical
behavior is clearly a critical step. Investigations of this type may provide useful clinical
information for increases in fatigue resistance resulting from crosslink augmentation.

This manuscript is organized as follows: Sect. 2 reviews the hyperelastic
Kirchhoff–Love thin shell formulation of Kiendl et al. [15]. It also provides an
overview of the computationally efficient material model that we use for the effec-
tive response of planar soft tissues and explains how to implement this constitutive
model within the curvilinear shell formulation framework. We verify our implemen-
tation by reproducing analytical results following the biaxial test in [23] for BHV
leaflets. In Sect. 3 we summarize the immersogeometric FSI simulation setup and
propose numerical simulations to explain the importance of our material model tool
in heart valve simulation. We discuss the numerical results in Sect. 4. Finally,
conclusions and future directions are presented in Sect. 5.

2 Modeling Framework

2.1 Thin Shell Formulations for the BHV Leaflets

BHV leaflets are modeled as hyperelastic thin shells and discretized
isogeometrically, as in [15] and [9]. We assume that this thin shell structure is
represented mathematically by its mid-surface. Further, we assume this surface to
be piecewise C1-continuous and apply the Kirchhoff–Love shell formulation and
isogeometric discretization studied by Kiendl et al. [13, 14] and Kiendl [12]. The
spatial coordinates of the shell mid-surface in the reference and current configura-
tions are given by X(ξ1, ξ2) and x(ξ1, ξ2), respectively, parameterized by ξ1 and ξ2.

The Kirchhoff–Love hypothesis of normal cross sections implies that a point x in
the shell continuum can be described by a point r on the midsurface and a vector a3
normal to the midsurface:

xðξ1, ξ2, ξ3Þ ¼ rðξ1, ξ2Þ þ ξ3 a3ðξ1, ξ2Þ; ð1Þ

where ξ1, ξ2 are midsurface coordinates, ξ32 [�hth∕2, hth∕2] is the thickness coordi-
nate, and hth is the shell thickness. Covariant base vectors and metric coefficients are
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defined by gi¼ x,i and gij¼ gi �gj, respectively, where (�),i¼∂(�)∕∂ξi indicates partial
differentiation. We adopt the convention that Latin indices take on values {1, 2, 3}
while Greek indices take on values {1, 2}. Contravariant base vectors gi are defined
by the property gi � gj ¼ δij. Contravariant metric coefficients can be obtained by
matrix inversion [gij]¼ [gij]

�1. For the shell model, only in-plane components of gij
and linear terms in ξ3 are considered:

gαβ ¼ aαβ � 2 ξ3bαβ; ð2Þ

where aαβ¼ aα �aβ, bαβ¼ aα,β �a3, aα¼ r,α, and a3 ¼ a1�a2
jja1�a2jj. The definition holds for

both deformed and undeformed configurations. Variables of the latter are indicated

by �ð Þ
∘
, e.g., x

∘
, g

∘
, i, g

∘
i j, etc. The Jacobian determinant of the structure’s motion is

J ¼
ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi
gi j
�� ��= g

∘
i j

��� ���
r

and the in-plane Jacobian determinant is J ¼
ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi
gαβ
�� ��= g

∘
αβ

��� ���
r

.

The weak form of the shell structural formulation is

Z
Γ0

w � ρhth∂
2y

∂t2

�����
X

dΓþ
Z

Γ0

Z hth
2

�hth
2

δE : S dξ3dΓ

�
Z

Γ0

w � ρhthf dΓ�
Z

Γt

w � hnet dΓ ¼ 0;

ð3Þ

where y is the midsurface displacement, the derivative ∂(�)∕∂t|X holds material
coordinates X fixed, ρ is the density, S is the second Piola–Kirchhoff stress, δE is
the variation of the Green–Lagrange strain corresponding to displacement variation
w, f is a prescribed body force, hnet is the total traction from the two sides of the shell,
and Γ0 and Γt are the shell midsurfaces in the reference and deformed configurations.
The Green–Lagrange strain is E ¼ 1

2 ðC� IÞ, where C is the right Cauchy–Green
deformation tensor and I is the identity tensor. For Kirchhoff–Love shell kinematics,
only in-plane strain components are computed, using Eαβ ¼ 1

2

�
gαβ�g

∘
αβ

�
. The

second Piola–Kirchhoff stress tensor is obtained from a hyperelastic strain-energy
density functional ψ :

S ¼ ∂ψ
∂E

¼ 2
∂ψ
∂C

: ð4Þ

Linearizing Eq. (4) yields the tangent material tensor

ℂ ¼ ∂S
∂E

¼ 4
∂2ψ

∂C2 :
ð5Þ

Fluid–Structure Interaction Analysis of Bioprosthetic Heart Valves. . . 451



In this work, we assume the material to be incompressible; the elastic strain-
energy functional form for the effective model ψeff is augmented by a constraint term
enforcing J ¼ 1, via a Lagrange multiplier p:

ψ ¼ ψ e f f � pðJ � 1Þ: ð6Þ

For shell analysis, one can use the plane stress condition, S33¼ 0, to analytically
determine the Lagrangian multiplier p [15, Eq. (46)]. Furthermore, one can express
E33 in terms of Eαβ [15, Eq. (38)] and derive an in-plane material tangent tensor ℂ̂

such that dSαβ ¼ ℂ̂
αβγδ

dEγδ, where dS and dE are total differentials of S and E:

Sαβ ¼ 2
∂ψ e f f

∂Cαβ
� 2

∂ψ e f f

∂C33
J�2
o gαβ; ð7Þ

ℂ̂
αβγδ ¼ 4

∂2ψ e f f

∂Cαβ∂Cγδ
þ 4

∂2ψ e f f

∂C2
33

J�4
o gαβgγδ

�4
∂2ψ e f f

∂C33∂Cαβ
J�2
o gγδ � 4

∂2ψ e f f

∂C33∂Cγδ
J�2
o gαβ

þ2
∂ψ e f f

∂C33
J�2
o ð2gαβgγδ þ gαγgβδ þ gαδgβγÞ:

ð8Þ

With Eqs. (7) and (8), arbitrary 3D constitutive models providing
∂ψe f f

∂Ci j
and

∂2ψe f f

∂Ci j∂Ckl

can be directly used for shell analysis. The whole shell formulation is completely
described in terms of the shell midsurface deformation. For more details of the shell
formulation, see [15].

2.2 Leaflet Tissue Material Model

Recently, Zhang et al. [31] developed a constitutive model form for the effective
response of soft tissues. This effective material model is applicable to a wide range of
soft tissue responses, while being as computationally efficient as most common
effective models, such as Holzapfel-Gasser-Ogden [7], generalized Rivlin model
[19], May-Newmann model [17], or the generalized Fung model [5] which are
popular for numerical simulations. The effective material model proposed by
Zhang et al. along with optimal loading paths is able to fully replicate the response
of complex meso-scale structural constitutive models for the entire range of defor-
mations. It has been shown to be very effective at capturing the mechanical response
of the high-fidelity structural model presented in [21] for EXL collagenous tissue,
while provides significant decrease in its computational cost and is relatively easy to
implement. We model the constitutive behavior of BHV leaflets using this model
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which we refer to as the “effective model” form in this paper. Here we first provide
an overview of the structural model and then we summarize its effective version.

To briefly summarize, the aforementioned structural model is composed of three
components: collagen, ψC, matrix, ψM, and interactions, ψ I.

ψ ¼ ψM þ ψC þ ψ I ð9Þ

The matrix term, ψM, can be modeled as a modified version of the Yeoh model or
neo-Hookean form. As the modified Yeoh model, it is composed of two terms both a
function of the invariant I1¼ tr(C),

ψM ¼ ηM
2

1
a

I1 � 3ð Þa þ r

b
I1 � 3ð Þb

� �
,

with 1 < a < b, ab < 2, 0 � r:

ð10Þ

This model contains four parameters: ηM is the modulus parameter corresponding to
the same parameter in the neo-Hookean model, a, b, and r are the shape parameters,
where a and b control the shape of the two terms, while r is the weight between the
two terms. In general, we find a, b, and r to be very consistent between specimens,
where a� 1, b� 1.87, and r� 15 can be treated as constants.

ψM ¼ μa
2a

I1 � 3ð Þa þ μb
2b

I1 � 3ð Þb,
with 1 < a < b, a:b < 2:

ð11Þ

In the case of neo-Hookean model for the extracellular matrix phase we have

þψM ¼ cNH
2

I1 � 3ð Þ: ð12Þ

Here cNH represents matrix modulus. Modified Yeoh model produces a response that
is more linear in second Piola–Kirchhoff stress and stretch in comparison to the
neo-Hookean model.

The collagen contribution is

ψC ¼ ϕcηC

Z
θ

Γ1ðθÞ
Zλθ
1

D1 λsð Þ λθ
λs

� 1

� �2

dλsdθ: ð13Þ

In Eq. (13), ϕc is the mass fraction of the collagen fibers and D1 and Γ1 are the
collagen fiber recruitment distribution function and orientation distribution function,
respectively. λθ ¼

ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi
nθ � Cnθ

p
is the stretch of the collagen fiber ensemble referenced

to the referential configuration of the tissue and λs is the slack stretch required to
straighten the collagen fiber crimp. λt¼ λθ∕λs is the stretch of the collagen fibers after
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it’s straightened, which is also the true fiber stretch. ηC is defined as the modules of
collagen and terms.

Similarly, the response of the interaction term is given by:

ψ I ¼
ηI
2

Z
α

Z
β

ΓðαÞΓðβÞ
Zλα
1

Zλβ
1

D xαð ÞD xβ
� � λαλβ

xαxβ
� 1

� �2

dxα dxβ dα dβ ð14Þ

ηI accounts for interactions modulus and α and β are directions in the tissue
that two fiber ensembles are oriented along them, and λα and λβ denote stretches of
the collagen fibers in these directions. For details of this model, readers are referred
to [21].

The second Piola–Kirchhoff stress of all three components of the full model
(Eq. (9)), using S ¼ 2 ∂ψ

∂C, is given by
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Z
θ

Γ1ðθÞ
Zλθ
1

D1 xð Þ
x

1
x
� 1
λθ

� �
dx

8><
>:

9>=
>;nθ

O
nθdθ

þ ϕCηI

Z
α

Z
β

Γ1 αð ÞΓ1 βð Þ

�
Zλα
1

Zλβ
1

2λβD1ðxαÞD1ðxβÞ
xαxβ

λα
xα

λβ
xβ

� 1

� �
dxα dxβ

8><
>:

2
64

þ
Zλβ
1

D1ðxβÞ λβ
xβ

� 1

� �2

dxβ

9>=
>;

nα
N

nα
λα

þ
Zλα
1

Zλα
1

2λβD1ðxαÞD1ðxβÞ
xαxβ

λα
xα

λβ
xβ

� 1

� �
dxα dxβ

8><
>:

þ
Zλα
1

D1ðxαÞ λα
xα

� 1

� �2

dxα

9>=
>;

nβ
N

nβ
λβ

3
75dα dβ

þ ϕMηM I1 � 3ð Þα�1 þ r I1 � 3ð Þβ�1
� 	

I� C33C
�1

� �h i

ð15Þ

where ϕC and ϕM are the mass fraction of collagen and matrix, respectively.
Using the structural model (Eq. (15)), the mechanical response of bovine peri-

cardium leaflets under a wider range of deformations is explored in and the effective
material model is introduced [31]. The model functional form uses a transversely
isotropic exponential type term to model the network of collagen fibers and the
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interaction effects. The response of soft tissues in the low stress region and to the
shearing is mainly due to the matrix, especially before collagen recruitment. To
account for the extracellular matrix, modified Yeoh model previously introduced in
[21] or neo-Hookean model similar to the approach in [27] is perfectly good to
simulate the response of tissues at low stress. The final form of the effective model
for heart valve tissue replacement is given by

ψ e f f ¼ c0 eQ � 1ð Þ þ ψM

Q¼ b1E2
M þ b2E2

P þ b4EMEP þ b5E4
M þ b6E4

P þ b9EME3
P

þ b10E4
ϕ þ b11E2

ME
2
ϕ þ b12E2

PE
2
ϕ,

ð16Þ

where c0, b1, . . .b12 are material parameters. Given a preferred fiber directionM
!
as a

unit vector defining the collagen fiber direction in the reference configuration, and its

orthogonal direction P
!
, we define the Green strains relative to this basis as follows:

EM ¼ M
! �E M

! ¼ 1
2
MiMjgi j �

1
2
; ð17Þ

EP ¼ P
! �E P

! ¼ 1
2
PiPjgi j �

1
2
; ð18Þ

Eϕ ¼ M
! �E P

! ¼ 1
2
MiPjgi j; ð19Þ

EM ¼ M
! �E M

!
; ð20Þ

EP ¼ P
! �E P

!
; ð21Þ

Eϕ ¼ M
! �E P

!
; ð22Þ

EM, EP, Eϕ are Green–Lagrange strain with respect to the material axis. These will
be used in place of the invariants in the effective material mode so that the model
parameters are invariant with respect to rigid body motion and changes in the
reference coordinate system. The second Piola–Kirchhoff stress is given by

S ¼ ∂ψ
∂EM

M
! O

M
!T

þ ∂ψ
∂ES

s
! O

s
!T

þ 1
2
∂ψ
∂Eϕ

�
M
! O

P
!þ P

! O
M
!�

: ð23Þ

The elasticity tensor is given by the second derivative of the strain energy
function with respect to the right Cauchy strain. Using the chain rules, fully
expanding all terms, and enforcing symmetry of partial derivatives, the generalized
form for the elasticity tensor is obtained. Equations (7) and (8) require the following
derivatives of ψeff(EM, ES, Eϕ):
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We present the following derivatives of strain invariants in curvilinear coordinate
system for the effective model form with Green–Lagrange strain:
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Moreover, based on the structure of the bovine pericardium used in BHVs we
assume that collagen fibers lie primarily in the plane of the tissue (i.e., M3¼ 0 in the
curvilinear coordinate system of Sect. 2) and our nine response functions are

∂ψ e f f

∂EM
,

∂ψ e f f

∂ES
,

∂ψ e f f

∂Eϕ
,
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,
∂2ψ e f f

∂EM∂ES
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∂2ψ e f f
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:

ð26Þ

The matrix response can be estimated from the low stress region where collagen
does not contribute any stress. A modified Yeoh model as presented in [21] can be
utilized. This form was found to fit the low-stress data of crosslinked BHV quite
well. Therefore, for the matrix contribution we have
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∂ψMðI1Þ
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¼ ∂ψM
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; ð27Þ
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; ð28Þ

full expressions for the terms appearing in (27) and (28) are:

I1 ¼ trC ¼ gαβg
∘ αβ þ C33, ð29Þ

∂ψM

∂I1
¼ ηM

2
I1 � 3ð Þa�1 þ ηMr

2
I1 � 3ð Þb�1, ð30Þ

∂2ψM

∂I1∂I1
¼ ηM

2
ða� 1Þ I1 � 3ð Þa�2 þ ηMr

2
ðb� 1Þ I1 � 3ð Þb�2, ð31Þ

∂I1
∂Ci j

¼ g
∘ i j, ð32Þ

2.3 Implementation Verification of the Material Model

To ensure that the stress update and tangent stiffness were properly implemented,
stress-controlled single element biaxial tests were performed. We adopt the static
testing setup of [20] similar to the validation procedure presented in [27]. Briefly,
node stress of the single-element was prescribed as boundary condition to control the
element deformation. The nominal stress imposed on each side of the specimen
varies from 0 to 100 MPa. The Cartesian material coordinates X1 and X2 are oriented
at a 45∘ angle relative to the Cartesian specimen coordinates X0

1 and X0
2. The fiber

direction M is aligned with X1. We simulate the equibiaxial tests using one cubic
B-spline element. The material parameters reproduced using the effective model for
an EXL bovine pericardium tissue sample [21] are used. The resulting finite element
updated strains were used as input to the constitutive model of Eq. (7) to calculate the
theoretical updated stresses. The theoretical stresses were then compared with the
finite element stresses to validate the correctness of the model implementation. The
result demonstrates exact agreement between the theoretical results and numerical
simulation. It indicated that the material model was successfully incorporated into
our isogeometric analysis (IGA). The left panel in Fig. 1 shows the stress-controlled
equibiaxial testing setup. Arrows on the edges represent nominal stresses. The stress-
strain curve shown in the right panel demonstrates that the stretches in the circum-
ferential direction were small compared to the radial stretches, due to the difference
in extensibility between both directions. The lines are analytically evaluation of the
constitutive equation for the selected values of parameters characterizing the model.
The dots represent the effective model response for values of radial and circumfer-
ential stresses plotted against strain.

Fluid–Structure Interaction Analysis of Bioprosthetic Heart Valves. . . 457



3 Numerical Simulations

In this section we discuss some computational simulations that elaborate the useful-
ness of the effective model form for heart valve biomechanics simulations. The first
test case is designed to show that this model form is suitable to represent different
level and direction of anisotropy, and therefore can be used for different tissue types.
The second test case shows the effect of interaction term in heart valve simulation
under physiological loading condition. The effect of fiber–ensemble interaction in
computational simulation of heart valve has not been studied before due to the
difficulties to separate the effect of EXL from the material model but we have the
tools to perform this investigation. Indeed, one advantage of the full structural model
[21] and therefore the effective model is that the various contributions to the total
stress can be separated to reveal the EXL effect by examining the effect of it on the
individual stress component under the physiological loading of the heart valve. In
particular, we perform a qualitative study of the EXL effects on FSI simulation of
heart valve by comparing the dynamics of a control and cross-linked specimens. For
the purpose of numerical simulations of this paper, we use a neo-Hookean term to
model the extracellular matrix and a combination of exponential type terms to model
the network of collagen fibers and the interaction effects, according to Eq. (16).
The neo-Hookean model is simpler than the modified Yeoh model and is described
by fewer material parameters. Before explaining the test cases, we provide a short
summary of our computational setup.

Fig. 1 Verification and validation of the correct implementation of the material model. Predicted
Green strains from an equibiaxial protocol from a single element compared with the theoretical
result, demonstrating exact agreement. Line plots are theoretical results and dot plots are numerical
results
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3.1 Setup of the Immersogeometric FSI Simulation

In this section we summarize the main components of the immersogeometric
framework for FSI, as it applies to the simulation of BHVs. For mathematical and
implementation details, the reader is referred to [8, 9, 11]. For the simulation of BHV
with anisotropic leaflets, the immersogeometric FSI techniques developed in [10, 11]
and [8, 9] are utilized. We consider an aortic configuration and model the artery as a
16 cm long elastic cylindrical tube with a three-lobed dilation near the BHV region
modeling the aortic sinus (Fig. 2). The cylindrical portion of the artery has an inside
diameter of 2.6 cm and a wall thickness of 0.15 cm. The blood flow in the deforming
artery is governed by the Navier–Stokes equations of incompressible flow posed on
a moving domain. The domain motion is handled using the Arbitrary Lagrangian–
Eulerian (ALE) formulation [4] and follows the motion of the deformable arterial
wall, which is governed by equations of large-deformation elastodynamics written in
the Lagrangian frame [2]. The discretization of the Navier–Stokes equations makes
use of a combination of trivariate quadratic NURBS and variational multiscale
formulation [1]. The discretization of the solid arterial wall also makes use of
NURBS-based IGA. The discretization between blood flow and arterial wall is
assumed to be conforming. BHV leaflets are modeled as rotation-free hyperelastic
Kirchhoff–Love shells presented in Sect. 2.1 and discretized by T-splines using
Bézier elements [22]. The mesh resolutions are shown in Fig. 2 and are identical to
those reported in [9]. The BHV is immersed into the moving blood-flow domain; the
immersed FSI problem is formulated using an augmented Lagrangian approach and
solved using a semi-implicit time integration procedure [10, 11]. Contact between
leaflets is handled by a penalty-based approach and imposed at quadrature points of
the shell structure [11]. A combination of the quasi-direct and block-iterative FSI
coupling strategies [24] is adopted for solving the coupled FSI problem [8].

Fig. 2 Computational domain for the FSI simulations of a trileaflet aortic valve. Top: View of the
arterial wall, lumen, valve leaflets, and rigid stent. Bottom: T-Spline surface and fiber orientations
used for simulations
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The arterial wall is modeled as a neo-Hookean material with dilatational penalty
[2], where the shear and bulk moduli of the model are selected to produce a Young’s
modulus of 1.0� 107 dyn/cm2 and Poisson’s ratio of 0.45 in the small-strain limit. The
density of the arterial wall is set to 1.0 g/cm3. Mass-proportional damping is added to
model the interaction of the artery with surrounding tissue and interstitial fluid, with
the damping coefficient set to 1.0� 104 s�1. The density and dynamic viscosity of
blood flow are set to 1.0 g/cm3 and 3.0� 10�2 g/(cm s), respectively. The BHV leaflet
density and thickness are set to 1.0 g/cm3 and 0.0386 cm, respectively. The choice of
these values is based on the discussions in [9] and the references therein.

The inflow and outflow boundaries are located at the ventricular and aortic ends
of the channel shown in Fig. 2. The designations of inflow and outflow are based on
the prevailing flow direction during systole. We apply a physiologically realistic left
ventricular pressure waveform (Fig. 2) as a traction boundary condition at the
inflow. The applied pressure signal is periodic with a period of 0.86 s. The traction
� ( p0 +RQ)n is applied at the outflow for the resistance boundary condition [26],
where p0 is a constant physiological pressure level, n is the outward-facing normal of
the fluid domain, R> 0 is a resistance coefficient, and Q is the volumetric flow
rate through the outflow. In the present computation, we set p0¼ 80 mmHg and
R¼ 70 (dyn s)/cm5. These values ensure a realistic transvalvular pressure difference
of 80 mmHg across a closed valve while permitting a reasonable flow rate during
systole.

The inlet and outlet cross sections are free to slide in their tangential planes and
deform radially, but constrained not to move in the orthogonal directions [3]. The
outer wall of the artery has a zero-traction boundary condition. The metal frame and
suture ring of the BHV are assumed to be rigid and fixed in space; homogeneous
Dirichlet conditions are applied to any control point of the solid portion of the artery
mesh whose corresponding basis function’s support intersects the stationary metal
frame and suture ring. The edges of the BHV leaflets are clamped to the rigid frame.
The time step size for the FSI simulation is Δt¼ 1.0� 10�4 s.

Each FSI simulation takes about 48 h to compute a full cardiac cycle using
144 processor cores on Lonestar 5.

3.2 Different Levels and Directions of Anisotropy Using
Effective Model

In this test case we simulate the coupling of the BHV and the surrounding blood flow
under physiological conditions. The BHV leaflets are modeled using various mate-
rials with different degree of anisotropy and various direction of anisotropy, dem-
onstrating the effectiveness of the proposed techniques for wide range of material
properties and deformations in practical computations. In particular, to study the
effect of material anisotropy due to the level of anisotropy and fiber orientation, we
perform FSI simulations of two cases. We perform FSI simulation of a valve using
the native porcine tissue for the leaflets and a valve of the same geometry modeled
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using crosslinked bovine pericardium tissue, and we compare the results. Bovine
pericardium has mild anisotropy and native porcine tissue has more extreme
anisotropy.

Starting from the structural model (Eq. (15)), we reproduced the mechanical
response of bovine pericardium and porcine aortic valve leaflets using our single
form model, i.e. effective model, to determine the rest of the parameters of the
effective form. Details of the parameter estimation procedure have been previously
presented in [31]. The coefficients cNH of the neo-Hookean model are assumed to be
1.0� 106 dyn/cm2 for crosslinked bovine pericardium and 1.0� 105 dyn/cm2 for the
native porcine tissue simulation. Fiber direction of 45∘ for crosslinked pericardium
sample and 0∘ for native porcine sample has been assumed. The result is shown in
Figs. 3 and 4.

Figure 3 illustrates the deformations and strain distributions of the valve in both
models throughout a period of the FSI simulation. Figure 4 depicts the
corresponding flow velocity fields in the fluid domain obtained for both cases. We
observe that there is no that much change in overall flow field between two tissue
type cases, however the valve kinematics is very different. Several important
qualitative differences between the valve deformations in two models are observed.
Firstly, the peak strain in native tissue is much larger and regions of concentrated
strains are observed. In the crosslinked pericardium strains are more evenly distrib-
uted through the leaflets in a more uniform manner. The results show that the
deformations of the native tissue during the whole cycle are markedly different
from those computed using crosslinked tissue properties, due to the fact that

Fig. 3 Deformation of the valve results obtained using the effective model both for a crosslinked
BP and a valve of the same geometry modeled using native porcine parameters, fiber direction is
zero for native valve and 45 for BHV. The color represents maximum in-plane principal strain
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chemical modification stiffened the pericardium tissue. This difference is more
noticeable during diastolic pressure. In particular, in native case diastolic state
exhibits much greater sagging of the belly region. The strain field at time
t¼ 0 : 34 s for native valve is also interesting in that the strain near the commissure
points is significantly higher than it is at the same time point for the other model (and
also when the valve is fully closed). This is due to the effect of the fluid hammer
striking the valve as it initially closes. At the fully closed stage, asymmetrical fiber
orientation in the 45∘ case produces an asymmetrical strain distribution as shown in
Fig. 3.

The simulated valves in both models open and close at roughly the same time; we
define the fully opened stage at t¼ 0.25 s and the fully closed stage at t¼ 0.53 s. The
valve opens with the rising left ventricular pressure at the beginning stage of systole
(0.0–0.06 s) and stays fully open near the peak systole (0.25 s), allowing sufficient
blood flow to enter the ascending aorta. A very quick valve closure, which mini-
mizes the reverse flow into the left ventricle, is observed at the beginning of diastole
(0.34–0.38 s). Finally, the valve properly seals and the flow reaches a near-
hydrostatic state (0.53–0.78 s).

3.3 A Qualitative Study of the Crosslinking Effects on FSI
Simulation of BHV

In this test case we explore the effects of the crosslinking behavior of the leaflet
tissues on the valve dynamics and its strain distribution. Crosslinking induces both

Fig. 4 Velocity field at several points during a cardiac cycle obtained using the effective model
both for a crosslinked BP and a valve of the same geometry modeled using native porcine
parameters
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intramolecular and intermolecular crosslinks within the collagen fibers, leading to
enhanced interfiber crosslinking (i.e., interaction). Related works have revealed
micromechanical interactions due to EXL formation, but the effect of these interac-
tions on the heart valve dynamics under physiological condition remains largely
unknown.

We perform FSI simulations to model valve dynamics for a native pericardium
and a chemically modified pericardium, by using different material parameters to
delineate the mechanical effects of exogenous cross-links and corresponding inter-
action effects. For this purpose, we separate the effect of EXLs on the fibers and
matrix from the full structural model and obtain the corresponding material param-
eters of the effective model functional form, so that the interaction effects could be
separately identified. In particular, we fit the effective model to the synthetic data
obtained from our structural-based model when contributions from all the terms are
included (matrix, fiber, interaction). This gives us one set of parameters for the
simulation which represents the “crosslinked bovine pericardium” case. Next, we
create another set of synthetic data using structural-based model when we shut down
the interaction contribution term, and we fit the effective model to that. This gives us
another set of parameters which represents “native bovine pericardium” case. We
perform simulation using both sets and compare the results. Collagen fiber modulus,
recruitment distribution function, and orientation distribution function are kept the
same between the both specimens. 0∘ fiber orientation is assumed. We also identify
this EXL effect for various extracellular matrix modulus. The coefficients cNH of the
neo-Hookean model set to be 1.0� 106 dyn/cm2 for the first set of simulations. We
also explored this effect for much less stiffer matrix, when we have cNH¼ 1.0� 105

dyn/cm2.
The deformation of the leaflet cross-section of both native and crosslinked case

for several points of a cardiac cycle is presented in Fig. 5 for simulations with
different matrix modulus. The chosen time points are consistent with Fig. 3. For the
case with smaller matrix modulus, the deformation and strain distribution of the
leaflets at a few selected time points in the cardiac cycle, that are a selected time point
during opening phase of the leaflet, and when the valve is fully opened and is fully
closed (after reaching a periodic solution) is illustrated in Fig. 6.

Based on the results shown in Figs. 5 and 6, the overall behavior of the
crosslinked case is very close to that of the native case, especially for the case of
using physiological matrix stiffness cNH¼ 1.0� 106 dyn/cm2. This is expected,
given that the force resulted from crosslinking contribution is too small to affect
valve deformation at peak flow and at the end of the cycle. In fact the main loading at
peak flow when the valve is fully opened and at the end of the diastole when the
valve is fully closed is caused by matrix effect and tensile stresses, respectively.

We observed that native tissue undergoes slightly larger peak strains. This is due
to its less stiffness as the chemical modification stiffens bovine pericardium. We
further noted that the interaction produced substantial contribution in the valve
deformation due to bending effects, when the valve transitions from the opening
position to the closed state. In particular, the displacement of cross-sections of the
leaflet in the fully closed and full-opened stages is almost the same for both native
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and crosslinked tissues, and for different values of matrix stiffness (Fig. 5). The
interactions actually produced the largest contributions for the case of softer matrix
coefficient cNH¼ 1.0� 105 dyn/cm2, for the snapshots at time 2 and 6 ms when a
portion of the leaflet near belly region undergoes larger strains, while the deforma-
tions of the attachment edge are quite similar at all times. When the valve was fully
closed the collagen fiber contribution dominates the response and therefore the effect
of interaction term is not noticeable. Similar procedure happens when the valve is
fully opened and the isotropic matrix contribution dominates the deformation. We
also observed that there are no significant differences in the fluid flow between both
cases.

Fig. 5 Cross-sections of the time dependent leaflet profile, comparison between native BP (blue
line) and crosslinked BP (red line) for different matrix modulus. Left plot obtained by using
modulus equal to 1.0� 106 dyn/cm2 and right plot obtained using modulus 1.0� 105 dyn/cm2.
Results show that ignoring the effect of EXL causes small difference in valve deformation

Fig. 6 Comparison of valve deformation at a selected time point during valve opening, fully
opened, and fully closed state between native bovine pericardium and crosslinked bovine pericar-
dium for the right panel plot in Fig. 5 using matrix modulus 1.0� 105 dyn/cm2. The color represents
maximum in-plane principal strain
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4 Discussion

A multi-component model is presented in this paper for simulation of the interaction
between the blood flow and the valve with realistic representation of the material
properties of the leaflets. The material modeling tool incorporated in our framework
can be used for large range of material properties and is able to capture the effect of
crosslinking behavior and the resulting interaction effect. In this section we discuss
the results of our FSI simulation, which underscore the effectiveness of our effective
material model in simulation of heart valve.

To investigate the effect of alteration of the tissue mechanical properties, we
simulated the deformation of the valve for both native porcine tissue and crosslinked
pericardium using the single form of the effective material model. We showed that
the effective material model is able to fully reproduce the response of BHV dynam-
ics for various range of deformation. It is not a trivial result as most other constitutive
models cannot fit all tissue responses and they are more specialized. We observed
that the crosslinked bovine pericardium tissue has more uniform elastic properties
and strain distribution. Also the native porcine valve is under significantly higher
strain especially near the commissure regions of the valve (see Fig. 3). These
observations are mainly due to the differences in mechanical properties in vivo
and the measured mechanical response obtained from experiments. In the case of
porcine aortic valve, which is extremely anisotropic with very high compliance in
the radial direction of the leaflets, residual strain has also a significant impact on its
apparent stiffness and therefore the deformation of the leaflets.

We also investigated the contribution of the fiber interaction term and
crosslinking behavior in BHV simulation. This is based on the fact that chemical
modification induces both intramolecular and intermolecular crosslinks within the
collagen fibers, leading to alteration of mechanical properties. There is no measure-
ment of the effect of interaction term available at this time. Hence using this
computational framework we separate the effects of EXLs on the fiber and matrix,
so that the matrix, collagen, and interaction effects could be clearly identified. We
estimated how it affects the valve dynamics throughout the cardiac cycle by elim-
inating the interaction contribution from the full model and obtaining the resulting
material parameters. We noted that when we consider interaction term, the effective
model fits the experimental data slightly better comparing to when we don’t have
EXL term. For the native and crosslinked pericardium, the values of total R2 are 0.96
and 0.97, respectively. By looking at the results (Fig. 5) for valve deformation in a
cardiac cycle, an increase in strain peak value is observed in native case which is due
to the elimination of interaction related stiffness. The bending stiffness of chemically
treated tissue can be up to four times greater than the fresh tissue according to Vesley
and Boughner [25]. The increased bending stiffness of the treated tissue is respon-
sible for increased stresses that may ultimately lead to the leaflet tearing and
calcification. Furthermore we observed that the difference in valve dynamics is
much more pronounced when the valve transitions from the closed stage to the
opened stage, as the bending effects are dominating valve response during the valve
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opening phase (right panel, Fig. 5). During opening, fibers contribute very little to
the bending resistance. Bending stiffness of the native tissue is likely responsible for
the buckling and localized kinking during the valve opening.

The heart valves operate under a complex cyclic tensile–shear–flexural loading
environment. The structure of the aortic valve ensures the high tensile strength for
resisting the high transvalvular pressures and the low flexural stiffness as required
for normal opening of the valve. Flexure is a major mode of deformation for BHV
leaflet during valve operation that induces more complex deformation patterns
within the tissue compared to tensile loads; with one portion of tissue in tension
while the remaining portion in compression. In other words, flexural deformation is a
sensitive method of evaluation of mechanical properties in the low strain range.

Results of this study indicate that the flexural properties of bovine pericardium are
dominated by crosslinking behavior. Because crosslinking affects the matrix mod-
ulus, it affects the bending modulus and affects the flexural properties. The effective
tissue stiffness in the crosslinked tissue is higher than the native tissue. In other
words, the glutaraldehyde treated tissue flexural properties is different. This has been
also studied earlier by Mirnajafi et al. [18]. We further note that the contribution of
the interaction is sensitive to extracellular matrix modulus. More precisely, increas-
ing matrix modulus decreases the effect of interaction terms due to decreasing the
bending behavior. The EXL effect is intensified when we have smaller matrix
modulus, as it escalates the bending effect. Therefore, increase in the matrix modulus
can act as a way to compensate for the EXL effect./AQPlease check the sentence, “
In other words, the glutaraldehyde” for clarity.

After chemical fixation the entire extracellular matrix is highly bonded, inducing
an increase in tissue stiffness in the low strain range. Further, a slightly stiffer belly
region may accommodate smoother multidirectional flexure of the leaflet during
valve opening, avoiding wrinkling of the opened leaflet and hence better perfor-
mance of the valve. However, the bending stiffness due to crosslinking appears to be
only slightly affected when matrix modulus is high (left panel, Fig. 5). The displace-
ment of the leaflet cross-section remained largely unchanged following chemical
fixation in diastole, when the dominant mode of deformation is tensile stresses,
which ensures proper leaflet coaption at the fully closed stage.

Our results suggest that crosslinking may act useful to avoid buckling during
valve opening phase. However, if crosslinking increases stiffness too much, this
might not be desired as it increases the peak stress within the leaflet and moreover the
valve may not be opened properly. It would be optimal for design purpose to
produce materials that lead to reduced bending stresses during valve function, yet
provide sufficient tensile strength. These findings can be used to guide the develop-
ment of novel chemical treatment methods that seek to optimize biomechanical
properties of prosthetic valve. From a valve design perspective minimizing valve
opening forces and transvalvular pressure gradients also requires more knowledge
about the heterograft flexural behavior. Flexural deformation modes thus provide a
highly sensitive and straightforward means to explore the subtle effects of chemical
modification on the mechanics of soft tissues.
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5 Conclusions

To enhance the realism of the BHV simulations for the design purpose, choosing an
accurate material model is imperative as the material properties affect the mechanical
behavior of the valve and may have an impact on the stress distribution. The focus of
this paper is to provide a framework which enables us to use more physically
realistic soft tissue material model in heart valve simulations. We started from the
microstructural material model presented in [21] and a phenomenological material
model form presented in [31] that covers the interaction between the tissues collagen
fibers and its ground matrix as well as the interaction between different fibers. We
use this computationally tractable material model to facilitate the integration of the
model into our FSI solver. We showed that this effective material model is suitable
for the simulation of valve dynamics using different range of leaflet physical
properties. Moreover, we observed that crosslinking affects bending stiffness and
bending behavior.

Applications of this approach include the utilization in the design of novel
chemical treatments to produce specific mechanical responses and the study of
fatigue damage in bioprosthetic heart valve biomaterials. Also, since our model
capture both fluid flow and valve deformation for large range of material properties,
it can be extended to propose the optimized replacement valve that works very
similar to the native valve. In particular, we study the interaction between the blood
flow and the patient-specific structure of the aortic root and heart valve’s leaflets to
obtain the geometry of the leaflets which results in best valve performance based on
our design criteria similar to the approach presented in [28]. We can also study the
effect of age related leaflet structural changes. To capture this process, the model
presented in this paper needs to be coupled with an optimization algorithm and
prestress. This will be implemented in our future work. These results can provide
guidelines for designing leaflet tissues to improve valve durability.
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Towards Patient-Specific Mitral Valve
Surgical Simulations

Amir H. Khalighi, Bruno V. Rego, Andrew Drach, Robert C. Gorman,
Joseph H. Gorman, and Michael S. Sacks

Abstract Ischemic mitral regurgitation (IMR) occurs when a mitral valve (MV) is
rendered incompetent by left ventricular (LV) remodeling induced by a myocardial
infarction (MI). Hemodynamically significant, IMR affects at least 300,000 Amer-
icans. This important clinical problem is expected to grow substantially during the
next 20 years as the population ages. MV repair with undersized ring annuloplasty
has been the preferred treatment for IMR. However, 1/3 of all patients treated this
way develop significant recurrent IMR within 6 months. Using real-time 3D echo-
cardiography (rt-3DE) image analysis software, it has been demonstrated that IMR
in humans is etiologically heterogeneous. In one subset of patients the predominant
cause of IMR is annular dilatation and flattening; in the remaining patients, leaflet
tethering is the dominant pathology. It has been demonstrated that recurrent IMR
after ring annuloplasty occurs most commonly when leaflet tethering is the primary
cause of IMR. There is now agreement that adjunctive procedures are required to
treat IMR caused by leaflet tethering. However, there is no consensus regarding the
best procedure. Multicenter registries and randomized trials would be necessary to
prove which procedure is superior. Given the number of proposed procedures and
the complexity and duration of such studies, it is highly unlikely that IMR procedure
optimization will be achieved by prospective clinical trials. Novel computational
approaches directed towards optimized surgical repair procedures can substantially
reduce the need for such trial-and-error approaches. We thus present a state-of-the-
art means to produce patient-specific MV computational models, which can directly
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utilize rt-3DE imaging data that can be used develop quantitatively optimized
devices and procedures for MV repair.

Keywords Mitral valve · Ischemic mitral regurgitation · Finite element modeling ·
Image-based modeling · Patient-specific model · Chordae tendineae · Surgical repair

1 Introduction

IMR occurs when a structurally normal mitral valve (MV) is rendered incompetent
as the result of LV remodeling induced by a MI [1]. IMR increases mortality even
when mild, with a strongly graded relationship between severity and reduced
survival [2, 3]. IMR is present to some degree in over 50% of patients with reduced
LV function undergoing coronary artery bypass grafting (CABG) [4, 5] and affects
at least 300,000 Americans [4]. The magnitude of the clinical problem is significant
and is expected to grow substantially over the next two decades as the population
ages [2, 4–6]. MV repair with undersized ring annuloplasty has been the preferred
treatment strategy for IMR [7–9]. However, the overall persistence and recurrence
rate of moderate or severe IMR within 6–12 months of surgery has been consistently
reported to affect a third of the treated patients [10–12]. The high incidence of
recurrence after repair may explain the difficulty in demonstrating a survival benefit
of annuloplasty for IMR over coronary revascularization alone [12–14]. The nega-
tive clinical implications of recurrent IMR were confirmed by the recent randomized
multicenter study conducted by the Cardiothoracic Surgical Trials Network (CTSN),
which evaluated the relative benefits and risks of repair versus replacement in
patients with IMR [12]. The CTSN study demonstrated no significant difference in
LV volume or survival at 12 months between repair and replacement groups.
However, the recurrence of moderate or severe IMR after 12 months was 33% in
the repair group [12]. Subgroup analysis demonstrated that repair patients with
recurrent IMR had no reduction in LV volume while repair patients without recur-
rence experienced LV volume reduction that was superior to patients having valve
replacement [12]. These results suggest that a patient-specific approach to treatment
guided by preoperative imaging-based risk stratification that is predictive of recur-
rent IMR would be useful for optimizing surgical results. Our group has created such
a tool [15]. Our long-standing laboratory work and that of others [16–19] along with
clinical studies [14, 20–22] have helped to elucidate that IMR is associated with
annular dilatation and annular flattening as well as leaflet tethering. More recent
work using our state-of-the-art real-time 3D echocardiography (rt-3DE) image
analysis software has demonstrated that the pathogenesis of IMR in humans is
etiologically heterogeneous [20, 23–25]. That is, patients have varying combinations
of the pathogenic anatomical abnormalities. In some patients the major contributor to
the pathogenesis of IMR is annular dilatation and flattening. While in others annular
dilatation is mild to moderate and leaflet tethering is the major pathology driving
the IMR.
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Undersized ring annuloplasty, while effective in reducing annular area, does little
to improve and may actually exacerbate leaflet tethering by displacing the posterior
annulus anteriorly, which leads to increased posterior leaflet tethering (Fig. 1)
[26]. Therefore, it is likely that the relative contributions of annular dilatation and
leaflet tethering to IMR in individual patients determine the clinical response to
annuloplasty. Patients with annular dilatation and relatively limited tethering are
likely to respond best to ring annuloplasty, while those with severe tethering are
more likely to develop recurrent IMR after annuloplasty.

In a recent study, our group demonstrated that real-time 3D echocardiography
combined with custom image analysis and valve modeling algorithms provided a
powerful tool for quantifying the complex geometry of the entire MV and more
importantly is able to effectively predict the risk of recurrent IMR after undersized
ring annuloplasty. The study demonstrated that, in fact, patients with leaflet tethering
as the predominant cause of IMR responded poorly to ring annuloplasty [15]. It is in
this patient population that improvements in MV repair techniques are required. We
have made significant advances in our understanding of IMR pathogenesis, valve
function/anatomy, leaflet structure and micromechanical properties, and especially in
the development of imaging and computational models. These advances have put us in
the position to develop computational tools to design procedures and devices for the
now well-defined and clinically identifiable patient population that is poorly served by
repair with simple annuloplasty. The development of those computational tools,
devices, and procedures is the goal of our ongoing MV research endeavors [27–30].

2 Image-Guided 3D MV Analysis

Since its invention by Carpentier over 40 years ago, the objective of MV repair has
been to reestablish normal leaflet geometry and coaptation [27–33]. Our rt-3DE
imaging work and the computational MV modeling has supported Carpentier’s early

Fig. 1 IMR is caused by a variable combination of annular dilatation and leaflet tethering.
Undersized annuloplasty reduces annular size but exacerbates leaflet tethering. Patients with severe
leaflet tethering are at greater risk for recurrent IMR after annuloplasty placement
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intuition that IMR repair durability is strongly correlated with post-repair valve
geometry. We have shown that saddle-shaped annuloplasty reduces valve stress by
increasing both leaflet curvature [34, 35] and leaflet coaptation [25] when compared
with flat annuloplasty. These studies have also demonstrated that IMR repairs using
leaflet augmentation strategies also reduce valve stress [36] and increase leaflet
coaptation [37]. While these approaches have improved IMR repair and
annuloplasty ring design by putting both on a more quantitative footing, the associ-
ated computational tools have lacked the systematic methodology to fully predict
post-repair MV geometry based on pre-repair geometry and repair technique.
Through clinical research, two points have become clear regarding the treatment
of IMR:

1. Successful repair produces better results than replacement.
2. Simple undersized ring annuloplasty is ineffective in at least 1/3 of patients

[12, 15].

There is agreement that adjunctive procedures are required for patients with IMR
caused by a predominance of leaflet tethering; however, there is no consensus
regarding what the best procedure is [38]. Although there is significant clinical
interest in developing these procedures the reported data are from small, single-
center retrospective or observational studies [39–44]. Multicenter registries and
randomized trials would be necessary to prove which procedure is superior. Given
the number of proposed procedures and the complexity and duration of such
comparative studies, it is highly unlikely that IMR procedure optimization could
be effectively carried out this way. As a result, the systematic simulation-based
strategy we have designed using our comprehensive computational pipeline offers a
unique opportunity for solving this difficult and important clinical problem. Pro-
posed adjunctive procedures fall into two major categories: intra-ventricular papil-
lary muscle/chordal interventions and leaflet augmentation procedures. While the
papillary muscle procedures have their putative benefits [39, 40, 42, 43], leaflet
augmentation is a technically more straightforward and reproducible way to alleviate
tethering [36, 37, 43–47].

3 A Comprehensive Pipeline for Multi-ResolutionModeling
of the Mitral Valve

Multiple studies have demonstrated that the pathological geometries unique to each
patient can affect the durability of MV repairs [12, 15, 34]. While computational
modeling of the MV is a promising approach to improve the surgical outcomes, its
complex anatomy precludes use of simple geometries. Moreover, the lack of the
complete in vivo geometric information presents significant challenges in the devel-
opment of patient-specific computational models. To address this issue, we have
developed a novel pipeline for building attribute-rich computational models of the
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MV of varying fidelity from in vitro imaging data (Fig. 2). The approach combines
high-resolution micro-computed tomography (micro-CT) geometric information
from loaded and unloaded states to achieve a high level of anatomic detail, followed
by mapping and parametric embedding of tissue attributes to build high-resolution,
attribute-rich computational models. Moreover, subsequent lower resolution models
were then developed and evaluated by comparing the displacements and surface
strains to those extracted from the imaging data. Based on our novel framework to
build micron-resolution MV models with local fiber architectural infomartion

Fig. 2 (a) Multi-resolution MVmodel pipeline, based on in vitro images. (b) Our pipeline relies on
high-resolution geometric models of the MV leaflets and chordae tendineae from the fully open and
fully closed states, respectively, to develop complete MV models with an unparalleled level of
geometric accuracy. (c) and (d) demonstrate the results for predicting the stress and strain response
of the MV at the end-systolic time point of the cardiac cycle
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incorporated, we then established required levels of fidelity for building predictive
MVmodels in the diseased and post-repaired states, demonstrating that a model with
a feature and mesh size of ~1 mm was sufficient to predict overall MV shape, stress,
and strain distributions with high accuracy. Further, as an extension of the approach
described in Fan and Sacks [48], we developed the following total fiber recruitment
tensor χ to provide insight into the deformations and structural response of leaflet
tissue microstructure under the mechanical loading, defined as

χ Eð Þ ¼
Zπ=2

�π=2

Γ θð Þ
ZEens θð Þ

0

D xð Þdx

2
64

3
75n θð Þ

O
n θð Þdθ ð1Þ

where Γ is the fiber orientation distribution function, D is the fiber ensemble
recruitment function, and Eens is the fiber ensemble strain. This is an important
indicator of the tissue-level response of the leaflets under different loading condi-
tions. The magnitude of χ is a normalized index of local structural changes in the
leaflet tissue, which varies between zero (slack tissue with full structural reserve) and
1.0 (fully recruited tissue with depleted structural reserve). The choice of the
tensorial formulation instead of the single scalar index provides a deeper insight
into the directional tissue response.

In addition to the simulations of in vitro states of the MV, we also performed a
series of simulations mimicking various pathological and surgically intervened
in vivo conditions. The goal of this exploratory study was to estimate the effect of
different annulus shapes on the coaptation behavior of the MV. We relied on
reconstruction of extant images obtained from live Dorset sheep using rt-3DE to
acquire mitral annulur geometries and then averaged three annulus reconstructions to
build a representative in vivo annulus. The average annulus was then mapped onto
the in vitro MV model (Fig. 2) via arc-length parameterization. Next, the morphed
annulus was deformed into additional states: (1) flattened; (2) isotropically enlarged
by 20%; (3) isotropically reduced by 20%; (4) anisotropically stretched by 20% in
the short-axis direction (SL); and (5) anisotropically stretched by 20% in the long-
axis direction (CW) (Fig. 3a). Simulations of the in vitro simulated dilated and
repaired states demonstrated a high degree of predictive accuracy [49]. The simu-
lated dilated states, which are based on realistic in vivo estimates of post-IMR human
MV, demonstrated that dilation alone (i.e., without changes in papillary muscle
position) induced large regional increases in leaflet stress. More interestingly, the
structural reserve (as indicated by χ) in the commissure regions increased dramati-
cally. This result underscores why IMR can put such demands on the MV leaflets,
leading to deleterious changes in leaflet function and further demonstrates why study
of the underlying structural adaptions provides insight into the etiology of the
treatment of MV disease].
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4 Exploitation of Image-Based Biomechanical Modeling

While the above findings demonstrate the value and utility of detailed, high quality
MV models, our ultimate aim is patient-specific surgical planning and understanding
of the underlying processes. Such approaches are possible due to recent advances in
quantitative rt-3DE MV imaging, which have allowed us to produce images of IMR
valves throughout the cardiac cycle. This data will serve as input for our newly

Fig. 3 (a) Illustrations of both in vitro and in vivo annular shapes that were enforced as displace-
ment boundary conditions thoughout our MV closure simulations to replicate the effects of MV
annulus deformations due to disease (IMR) and surgical treatment (annuloplasty repair) (b)
Elevated of χ were observed in the center of the anterior leaflet the diseased and repaired states
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developed approaches, described in the following sections that directly incorporate
MV-specific geometries and a functionally equivalent subvalvular apparatus (effec-
tively the equivalent MVCT structure) to develop patient-specific models, as
described below.

4.1 rt-3DE In Vivo Data Acquisition and Segmentation

Following established methods [34, 50], electrocardiographically gated full-volume
images were acquired from normal anesthetized sheep (randomized to sex) using a
iE33 platform (Philips Medical Systems, Andover, MA) with a 2–7 MHz
transesophageal matrix-array transducer over four consecutive cardiac cycles.
From each subject’s data series, rt-3DE images of the MV in the fully opened,
mid-systole, and fully closed state were selected for analysis. These 3D TEE images
were exported in Cartesian format (224 � 208 � 208 voxels), with an approximate
isotropic resolution of 0.6–0.8 mm. Next, from each rt-3DE image, following
[25, 51], the plane of the MV orifice was rotated into a short-axis view. The
geometric center of the MV orifice was then be translated to the intersection of
two long-axis planes corresponding to the intercommissural and septolateral axes of
the MV orifice. A rotational template consisting of 18 long-axis cross-sectional
planes separated by 10� increments was superimposed on the 3D image. Two
annular points intersecting each of the 18 long-axis rotational planes were then
identified and marked interactively (Fig. 4). The anterior and posterior commissures
were defined as annular points at the junction between the anterior and posterior
leaflets (middle of commissural region) and interactively identified. Finally, the two
leaflets were traced separately in parallel long-axis cross-sections, 1 mm apart and
sufficient to encompass the entire MV from commissure to commissure (Fig. 4).

4.2 In Vivo Leaflet Geometric Model Development Pipeline

Starting from the segmented fully open rt-3DE image of each MV, we constructed
MV-specific meshed geometries of the entire leaflet surface, including both the
annular and leaflet free-edge boundaries (Fig. 4). First, the interactively traced
cross-sections of the leaflet mid-surface were all parameterized using shape-
preserving piecewise cubic interpolating polynomial curves, and re-discretized
with an equal number of spline segments of uniform arc length [52]. It is straight-
forward from this representation to obtain separate preliminary meshes of the
anterior and posterior leaflets, using a 2D Delaunay triangulation scheme (Fig. 4).
To join the two leaflets in the commissural regions, circumferential cross-sections of
the entire leaflet surface were generated using a cubic spline interpolation of
corresponding parametric (i.e., relative arc length) locations on each trace curve,
with periodic tangent and curvature boundary conditions enforced to preserve
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surface smoothness. This procedure yields a fully parameterized spline representa-
tion of the leaflet surface. Lastly, we discretized the surface uniformly using a
Poisson-disk sampling method, tuning the sampling density to arrive at a 1 mm
mesh resolution. The end product of this pipeline is a complete MV-specific leaflet
geometry for each specimen (Fig. 4).

4.3 Development of the MV FE Model

The above pipeline directly generated accurate 3D models of the MV leaflets from
rt-3DE images. However, the subvalvular apparatus, which is composed primarily of
the MV chordae tendineae (MVCT), cannot be accurately imaged in vivo. To
address this limitation, we developed a novel approach to generate a MV-specific
functionally equivalent subvalvular apparatus, as described in the following
[53]. We first started with converting the leaflet geometry into a working MV FE
model. To model the leaflets' mechanical behavior, we applied a nonlinear trans-
versely isotropic material model for the leaflets, which we have extensively demon-
strated to be sufficient for obtaining accurate organ-level simulation [49, 54–60]. To
implement our models within a computational framework, we used the commercial
FE software package ABAQUS 6.14.1 (SIMULIA, Dassault Systèmes, Providence,
RI, USA) that was configured to use a nonlinear quasi-static solver with direct
explicit time intgration and automatic time stepping. In terms of computational
elements, the leaflet geometry discretized using first-order isoparametric triangular

Fig. 4 Images (rt-3DE) of a representative ovine MV showing the centering and sectioning planes
used for tracing the MV leaflet structure. The segmented images were then converted to computa-
tional meshes by interpolating the leaflet curve traces and building a triangular surface representa-
tion of the leaflet geometry
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elements and assigned shell element type (ABAQUS type S3). This approach was
based on our extensive studies on the native MV using high-resolution, in vitro-
derived models (Fig. 2) [49, 54, 60–63]. Further, the MVCT geometry was
discretized using the first-order isoparametric line elements and assigned uniaxial
truss element type (ABAQUS type T3D3) with element-wise cross-sectional areas.
The convergence criteria for simulations of valve closure was set to 0.01 in relative
displacements and 0.0001 in relative residuals.

The final step in the development of the computational model of the MV is
calibration of the complete geometric model of MV. This is necessary to adjust the
generic tissue parameters to accurately match the observed behavior of the specific
MV. This process involves simultaneous calibration of MVCT (to match the overall
shape of the MV in the fully coapted state) and leaflets (to match tenting volume of
the leaflets). First, the fully coapted model of MV was morphed into the unloaded
(open) state using the previously established full field deformation map for leaflets.
Due to lack of the deformation map for the MVCT, the morphing step was performed
using a stiff material model with all elements subjected to the gravity load to emulate
the conditions of the imaged state. These two conditions allowed us to effectively
recover the open-state shape of the imaged MV without changing the length of
individual branches of the MVCT. In the next step, we performed a closing simula-
tion of the MV to determine the effective pre-strain in MVCT. The leaflets were
subjected to the uniform pressure loading and the MVCT were modeled using the
same “stiff”material model. This simulation effectively recovered the closed state of
theMV fromwhich we started the calibration step. However, at this stage, each of the
MVCT elements is now tensioned with realistic stresses. We then recovered the
corresponding strain levels by inverting the actual material model of MVCT. Lastly,
to produce fully calibrated models of the full MV, we populated the open-state model
with these pre-strain values and re-run the closing simulation using the realistic
MVCT material model to verify the accuracy of the calibration step [49].

4.4 Development of a Functionally Equivalent Subvalvular
Apparatus

To develop the geometrically synthetised funcationally equivalent models of the MV
chordal structure, we started with performing the a series of sensitivity studies by
starting from the most anatomically accurate model, then simplified the geometry ina
systematic approach. Based on our unique previous work on the MVCT anatomy
[64], we identified the main geometric attributes which render the CT network rather
complex to be the following: (1) pointwise cross-sectional area fields, (2) branching
patterns, (3) chordae-to-leaflet insertion locations, and (4) chordae-to-papillary mus-
cle attachment locations. Thus, in our sensitivity studies we perturbed the chordal
geometry by simplifying the native structure along the above characteristic attributes
(Fig. 5). Simulation results, based on high-resolution in vitro reconstructions [65],
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have indicated that several levels of MVCT density and detail can produce accurate
results for the normal MV (Fig. 5). Specifically, starting with the native valve MVCT
geometry, a series of progressive simplifications of the MVCT were undertaken,
including common cross-sectional area, removal of all branching, use of two com-
mon origins, and a gradual density reduction. The resulting simulations using the
same leaflet geometry clearly demonstrate nearly equivalent results (the circumfer-
ential strain field shown in Fig. 5b). The optimal arrangement appeared to be using a

Fig. 5 (a) Geometric representations of the native (top left) and various MVCT resolution models
utilized to represent the effective subvalvular apparatus (i.e., MVCT network). (b) FE simulations
using these MVCT network integrated into the MV leaflet model clearly demonstrate that a
functionally equivalent MVCT network can be developed
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chordal density of 15 � 2 insertions/cm2 with uniform density and common origin
for each papillary muscle group.

Once developed, the simulated MVCT approach's predictive capabilities were
evaluated. Note that these evaluations were based entirely on the developed “normal”
model with no further modifications. The MV model was tested against two states,
dilated and repaired, taken from the same in vitromeasurements [49]. Results indicated
that, when compared to the fully reconstructed MV, the simulated chordae model was
able to predict both the geometric shape and strain distributions in both states (Fig. 6).
Thus, reproduction of detailedMVCT network is not required for accurate organ-level
simulations [63]. Most importantly, this compelling result indicates that a functionally
equivalent subvalvular apparatus can be developed on a valve-specific basis, based on
available in vivo leaflet and papillary muscle tip geometry.

5 Future Directions

The results of these study preceding aims suggest that determining the optimal repair
scenario in silico. We have shown that there is much more to optimization of an MV
repair than basic stress and strain analysis [61]. The various methods that can be used
for MV repair can be divided into two main categories: the shape and size of the AP

Fig. 6 Closure simulations for a functionally equivalent MVCT and the ground truth models
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ring, and augmentation patch geometry. While at first glance these appear to be fairly
basic parameters, the large number of parameter combinations, combined with
complexity of the MV geometric and material nonlinearities, preclude an easy,
straightforward determination of the optimal repair strategy. Moreover, there is an
inherent question of what constitutes an optimal repair. We have shown that the
“structural reserve” of the collagen fiber network (as quantified by the χ tensor)
provides an important additional functional metric. To address this complex task, an
MV-specific optimized repair can be defined as that scenario that combines leaflet
stress minimization, homogenization of the stress field, maximization of leaflet
tissue structural reserve, and coaptation [30]. The next step is clearly to apply the
completed pipeline (Fig. 2) to examine its translation to human studies using existing
pre- and postsurgical imaging data from our previous work [15].
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