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Preface

Dwindling fossil fuel reserves and concerns about the enormous impact of climate
change attributable to the burning of fossil fuels have focused the world’s attention
on the search for sustainable sources of renewable energy. A glance at any daily
newspaper is very likely to find at least one article treating this subject which has
obviously very forcefully entered the public consciousness. While some inroads to
these problems have been made through the deployment of technologies that are
ready at present, principally generation of electricity with wind or hydro turbines,
these resources are insufficient for the enormous challenge in front of us, and cer-
tainly are incapable of satisfying more than a tiny fraction of the world’s hunger for
mobile power sources.

Biofuels, fuels made from biological sources, appear to be the only way to make
the necessary liquid or gaseous fuels in sufficient quantities in a renewable way with
minimal environmental damage. The only other remotely possible alternative,
hydrogen generation with nuclear power, would have a very hard sell after the recent
Fukushima Daiichi nuclear disaster. It might be possible to someday use biological
means to extract energy directly from water in the form of hydrogen. Otherwise,
suitable fuels can be derived from biomass, plant material made by the natural pro-
cess of solar energy capture by photosynthesis. These resources are abundantly
available and a variety of processes might be used to derive suitable fuels from
them. Some processes use physico-chemical means to directly convert biomass to a
biofuel, but these are not discussed here. Rather, the purpose of this book is to intro-
duce the reader to the great variety of biological mechanisms for converting readily
available resources, ultimately solar energy, to renewable sustainable fuels. Enough
is known now to realize that biofuels cannot be made in sufficient quantities from
crops that could ultimately serve as food sources, corn, wheat, or some oil plants,
the so-called first generation biofuels, and that the future lies in second generation
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biofuels made using advanced technologies. The aim of this book is to survey the
science of the possible in this area and to lay out the great diversity in approaches
that exist. Further work in the future will be needed to develop the art of the practical
in realizing large-scale advanced biofuels production.

Montréal, Québec, Canada Patrick C. Hallenbeck
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Chapter 1
Biofuels, the Larger Context

Patrick C. Hallenbeck

Keywords Peak oil * Climate change * Food versus fuel * Energy security * Energy
conservation ¢ Carter doctrine

1.1 Need for New Energy Sources: Biofuels

Few would argue with the need to replace the fossil fuels that are currently the driving
force of the world’s economy with renewable fuels that are produced in a sustainable
manner and that minimally increase greenhouse gas emissions. While the focus of
this book is on some of the science behind advanced biofuels production using
microbes, enormous changes are required for the world to quit its addiction to fossil
fuels. Thus, it is worthwhile to raise and consider some of the larger issues around
future biofuels production. These certainly call for a large public debate, and careful
consideration by policy makers. In addition to the social issues, biofuels production
raises a number of ethical questions and it can even be argued that there is an ethical
imperative to produce biofuels (Buxy and Tait 2011). First, I lay out the case, perhaps
already well-made elsewhere, for the need to develop new energy sources and then
discuss some of the larger issues surrounding new energy development.

1.1.1 Oil Is Running Out!!

While it can be, and is, argued exactly when the world reaches peak oil production,
there can be no doubt that the majority of the easily extractable oil from conven-
tional sources has already been pumped out of the earth (Kerr 2008, 2011). Continued

P.C. Hallenbeck (<)
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fossil fuel demand and use undoubtedly drive further exploitation of the world’s
fossil fuel reserves, with predictable consequences in terms of ever-greater
environmental disasters (remember the Gulf Coast Deepwater Horizon oil disaster),
not to mention the continued production of greenhouse gases, mainly carbon diox-
ide, under this scenario. Given the challenges in ramping up alternative fuel produc-
tion to anything approaching present-day fossil fuel use, even optimistic estimates
of time to peak oil leave little time to prepare a new energy economy. Failing to heed
the signs of dwindling fossil fuels and falling short of meeting the existing and prob-
ably even greater future demand has disastrous effects on world economy.

1.1.2 Climate Change Is Catching up to Us!!

The consensus of the vast majority is that we are about to witness abrupt climate
change unprecedented on the human scale. Obviously, the exact extent of the com-
ing changes, with unknowable effects on global weather patterns and thus food
production, and rise in sea levels, is very difficult to predict. Although public aware-
ness has mostly fixated on “global warming” and thus may not be bothered by what
seems to be relatively small global temperature changes, many predict storms of
increasing intensity, changes in patterns of precipitation, and drastic changes in
local temperatures. Together, these climate changes have very significant effects on
agricultural production. Since world food production is barely estimated to keep up
with population growth and since already close to one billion people are undernour-
ished (FAO estimate), the mortality effects of climate change could be enormous. In
fact, meeting the climate change challenge is the most pressing need for develop-
ment of new, alternative energy that does not increase global warming through
greenhouse gas emissions. Future generations will judge if the failure to act deci-
sively is a crime against humanity.

1.1.3 Energy Security: We Depend on Other (Unstable?)
Countries for Our Lifeline!!

Energy security is often cited as a need for alternative energy development, and this
is probably true from the perspective of individual countries. Ironically perhaps, this
issue often takes front stage in the USA, who in fact imports the majority of its oil
from Canada, nearly twice the number of barrels it gets from Saudi Arabia. The
truth behind the energy security question is that with demand outpacing production
(current world oil consumption is 84.5 million barrels per day, current world oil
production is 81.8 million barrels per day) world energy supply is closely interwo-
ven and any disruption in supply has an immediate ripple effect on supplies and
hence price. Thus, far-off events, even sometimes imaginary ones, have an almost
immediate effect on prices at the gas station pump. Obviously, replacing at least
some of the presently used fossil fuels with biofuels would have a stabilizing effect
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on energy prices, and since these might be produced locally energy prices could be
fixed to some extent by national policy.

1.1.4 Petroleum Products/Use Are Dangerous to Our Health!!

An often overlooked aspect to the continued use of fossil fuels is the burden that
fossil fuel combustion places on human health and well-being. In fact, it is impos-
sible to find an accurate estimate of the magnitude of the effects of fossil fuel use on
human health and mortality. In part, this is due to the diffuse nature of the pollution
generated and its quasi omnipresence. Nonetheless, the potential magnitude of this
effect can be seen from more restricted studies. A recent report looking at health
effects of electricity generation estimated that in the UK, where 34% of generation
is by coal-fired plants, the associated air pollution from coal-fired generation alone
causes an annual toll of 3,800 deaths, 35,000 cases of serious illness, and 1.9 million
cases of minor illnesses (Markandya and Wilkinson 2007). In another example, the
extra health costs associated with coal-fired electricity generation in Ontario in 2005
was estimated to be $3 billion annually (Ontario Ministry of Energy 2005). In terms
of transportation fuels, air-borne particulates, emanating from vehicle exhaust, are
estimated to be responsible for 20% of the lung cancer deaths in the USA (Pearce
2002), and that is a country with fairly stringent emissions standards.

Of course, this begs the question of energy justice. The unequal distribution of
clean energy, readily available in the developed world which is also largely respon-
sible for the vast majority of incurred climate change, is already responsible for an
enormous burden in the developing world (Wilkinson et al. 2007). In addition,
changes brought about by a warming climate, including increased “natural” disas-
ters, cause large but unknowable future mortality and sickness.

1.1.5 The True Cost of Fuel

Of course, all these considerations bring up the question as to the true cost of fuel.
Many, including some US government agencies, suggest that biofuels should be
brought in at a price competitive with currently produced fossil fuels. However, this
is unfair, and in fact incorrect, if subjected to a more global economics analysis. Such
an analysis would have to consider the “hidden” costs of fossil fuel use: present-day
health impacts, environmental degradation, and the effects of future climate change.
Some of these costs are of course presently paid by the consumer, but not at the pump.
They are collected as an increased tax burden and health insurance premiums. Adding
a carbon tax to the price of fossil fuel use would help, but only partially, redress this
situation. From this viewpoint, biofuels might be a bargain at a price much higher than
current pump prices for gasoline. Of course, totaling up the “true” cost of fossil fuel
use would be difficult and full of uncertainties, but given what is at stake it would be
a useful exercise. Knowing the global cost per gallon and paying it up front would
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help drive energy conservation and highlight the true cost competiveness of biofuels,
for although they may always cost more to produce than it costs to pump oil out of the
earth; they would garner savings in terms of these hidden costs.

1.2 New Energy Challenges

Thus, the world is, hopefully, about to embark on building a new economy based on
new, nonfossil fuel energy. However, in challenge, there is opportunity. The chal-
lenges in instituting new energy present the opportunity to rethink the current para-
digm of supply and usage (Fig. 1.1). In the long run, this could result in a more
equitable use of the world’s natural resources, including energy. One could even
argue that this aspect is of strategic importance as access to energy is at the root of
at least some of the military conflicts in the world, a situation that is likely to worsen
as fossil fuel energy supplies become tighter. The realization of this driving force is
at least partially behind the current US military support of biofuels research. Some
of the points that might be considered are discussed below.

1.2.1 New Production/Conservation

While the need to find new sources of energy is evident and a lot of effort is going
in that direction, it is often forgotten that part of the energy demand/supply dilemma
can be solved by increased energy conservation measures, better insulation, higher
fuel economy, and lifestyle changes (decreased meat consumption). In many
respects, it is much easier and more cost-effective to introduce conservation mea-
sures, given the present-day, often wasteful use of energy, than it is to produce
replacement fuels (International Energy Agency 2010). In fact, a solution lies some-
where between this apparent either—or proposition. Conservation would decrease
but not eliminate the requirement for new energy development. Efforts in this direc-
tion are necessary as it is difficult to even imagine a scenario, where biofuel produc-
tion could match the current and projected greater energy demands. Thus, it would
be shortsighted to reject out of hand biofuels because one cannot claim the ability to
completely replace fossil fuels in satisfying the world’s energy demands.

New Energy Challenges
*New production / conservation
*Quick short term / long term smart
*One energy source / many
*Centralized / local

Fig.1.1 A partial list of some of the challenges inherent in developing a new energy supply on a
large scale. The list is not meant to be exhaustive but to merely provide a springboard for a larger,
wide-ranging discussion
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1.2.2  Quick Short-Term/Long-Term Smart

Unfortunately, the perception of an urgent need to act sometimes brings about
ill-considered reaction, leading to a solution that is untenable in the long term. Many
would argue that this is the case for first-generation biofuels, where alcohol produc-
tion from corn is gathering increased scorn and raising concerns as to the effects of
biofuels production on world food supplies and prices (Editorial 2007). Thus,
renewable fuels mandates that can only be met by the very large-scale production of
first-generation biofuels seem ill considered. Already, 25% of total US corn produc-
tion was used for bioethanol production in 2009. Moreover, many issues around
corn-based ethanol production remain controversial and poorly resolved, including
net energy gained, increased N O emissions, land use changes in the USA and
elsewhere (Searchinger et al. 2007), and changed water usage. Some are concerned
that increased corn production is leading to depletion of “fossil” water reserves in
the Midwest. The problem here is the scale (Field et al. 2007). Any production of a
biofuel that is large enough to make an impact in terms of fossil fuel use can cause
serious perturbations with many ripple effects that need to be considered. Careful
analyses, including detailed and complete life cycle analysis (LCA) (Kendall and
Chang 2009), as well as long-term thinking, are required to build a new energy
future that is truly renewable and sustainable.

1.2.3 One Energy Source/Many

Of course, scale issues directly impact the question of which, or how many, new
energy sources should be developed. Single-biofuel thinking leads to somewhat
startling projections of the total arable land required in the USA to completely
replace petroleum-derived gasoline with bioethanol made from a single crop, be it
corn or a lignocellulosic substrate. It is in fact probably not desirable to develop a
single biofuel. There may well be different solutions for different climates, geogra-
phies, and economies. In fact, meeting the present and future energy demands
requires the conversion of enormous amounts of wastes and biomass resources to
not one but a variety of biofuels.

1.2.4 Centralized/Local

Another point to consider is to what extent biofuel production should be centralized.
Current energy production of course depends upon enormous petrochemical facili-
ties capable of treating and refining millions of barrels of oil on a daily basis. This
works and makes sense with a high-energy-density fuel source like fossil fuels, but
does it with biofuels which are made from relatively low-density starting materials
(biomass) or from direct conversion of solar energy with its relatively low energy
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density? In fact, net energy considerations require that biorefining plants be cited
relatively close to source to minimize energy expenditures in transporting the neces-
sary lignocellulosic materials. As well, local siting might be required given that it is
probably necessary to grow different locally adapted plants suited for particular
geographies, soil types, and climates.

1.3 Business as Usual?

In addition to the considerations discussed above, new energy development gives us
the chance to reconsider some of the larger social questions involved in energy sup-
ply and use. The situation we find ourselves with presently was obviously not planned
but evolved as fossil fuel use became widespread, and was partially dictated by the
characteristics of the fossil fuels themselves and the happenstance of their geographi-
cal location. As the new energy economy develops, there is a chance to revisit some
of the aspects of energy supply and use and their effect on human society (Fig. 1.2).

1.3.1 Local Use Has Global Effects

One perspective that has really only been indirectly considered in the past is that
local energy use often has global effects. Of course, the obvious case in point for
fossil fuel use is that carbon dioxide generated during local combustion affects
global climate. Past fossil fuel burning by developed countries has been the major
contributor to the current and future climate change, which disproportionately
affects developing countries. In fact, World Health Organization (WHO) estimates
indicate that up to 99% of the disease burden from climate change is in developing
countries (Patz et al. 2007). The accumulated excess carbon dioxide levels can be
viewed as a “natural” debt, owed by citizens of developed countries, that has created
inequities on several levels: between countries and regions and between genera-
tions. Another way of looking at these inequities would be to regard carbon dioxide
emissions as another kind of “secondhand smoke” (Patz et al. 2007). Many coun-
tries regulate exposure to secondhand tobacco smoke with the rationale that it is

Business as usual?

* Local use has global effects

* Whose resources for whose energy?
* Will energy demand-supply continue
to drive politics? Wealth distribution?

Fig.1.2 A partial list of some of the socio-economic issues involved in developing new energy
supplies. Fossil fuel supply and use are at the very core of the world’s economy. Changing supplies
can have far ranging effects that need to be considered
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unethical to expose members of society to the health-threatening effects of bad
behaviors of individuals. A logical extension of this line of reasoning is that it is
unethical for individual countries to wantonly expose the world at large to the life-
threatening effects of their excess fossil fuel use. Redressing these wrongs requires
a detailed full accounting of the past and future fossil fuel use. For example, a sim-
ple analysis shows that carbon dioxide emissions in the land areas of the developed
world have decreased by 2% over the past 18 years. However, if a consumption-
based analysis, which takes into account carbon dioxide emissions generated else-
where to produce the goods that are consumed (emissions embodied in international
trade), were used, emissions in the developed world have increased by 7% over the
same time period (Caldeira and Davis 2011; Peters et al. 2011). Carbon dioxide
emissions are merely being outsourced!

What will happen (or is already happening) with the development of new
energy? As the demand for biofuels grows, one danger, already realized to some
extent, is that biofuels consumed in one region is at the expense of environmental
damage in another region due to land use changes (Fargione et al. 2008; Tilman
et al. 2009). For example, the demand for biodiesel, largely driven by fuel man-
dates in Europe, has been responsible for a significant fraction of total deforesta-
tion in Malaysia and Indonesia, and the loss of 6% of the total peatlands in this area
greatly increasing carbon emissions. For example, carbon losses due to deforesta-
tion for palm oil production in a single province of Indonesia are thought to be the
same order of magnitude as annual greenhouse gas emissions in the transportation
sector in the UK (Koh et al. 2011). Additional concerns have been raised about the
impact of the present, and certainly future, biofuels supply on food security, the
“Food versus Fuel Debate.” In fact, once again, this does not have to be an either—
or situation, but it is evident that food security, especially in light of the predicted
population increase between now and 2050, has to be a major consideration when
developing biofuels policies (Karp and Richter 2011). Expanded food production
has to be carried out in a sustainable way and, of course, the same is true for future
biofuels production. Proposed biofuels-producing systems need to be carefully
analyzed for direct and indirect land use change, greenhouse gas emissions, in
particular any increase in N,O emissions caused by fertilizer use, impact on water
supply, etc.

1.3.2 Whose Resources for Whose Energy?

It is perhaps worthwhile considering how new clean energy would be distributed. It
could be argued that an equitable portion should go to the developing world, where
much of the raw material is likely to be produced. At present, about 50% of the
world’s population relies on biomass for its cooking needs and biomass provides
about 40% of the global residential energy needs (85% in Africa) (Sagar and Kartha
2007). Although a renewable resource, it is not a clean burning fuel and is the big-
gest source of indoor air pollution worldwide with a large impact on the developing
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world, killing about 1.6 million people and responsible for 38 million disability-
adjusted lost years (DALYs) a year (Sagar and Kartha 2007).

1.3.3 Will Energy Demand-Supply Continue to Drive Politics
and Wealth Redistribution?

The availability and ownership of energy, specifically fossil oil, have played a major
role in world history almost since the time of the discovery of crude oil and certainly
throughout the twentieth and twenty-first centuries (Yergin 1992; Klare 2004). It
has been at the heart of some conflicts, and has heavily influenced many others. In
addition, it has been the cause of the most massive transfer of wealth in human his-
tory. In this, the age of “Hydrocarbon Man” (Yergin 1992), the price of oil sets the
tenor of the economy and changes in its price can either plunge the world into reces-
sion or help spur on recovery.

The world’s dependence on oil and the consequent power behind its production
and distribution are so woven into the fabric of modern life that it is almost taken for
granted. Nevertheless, energy security, which in practical terms has meant unhin-
dered access to relatively cheap oil, has been on the minds of world leaders for more
than a century. One explicit statement of this has come to be known as the Carter
Doctrine.

The Carter Doctrine:

Let our position be absolutely clear: An attempt by any outside force to gain control of the
Persian Gulf region will be regarded as an assault on the vital interests of the USA, and such
an assault will be repelled by any means necessary, including military force (Jimmy Carter,
State of the Union, January 23, 1980).

However, policies like these are actually rooted much deeper in history, and the
Carter Doctrine merely echoes many earlier statements, such as those made by the
British Foreign Secretary at the beginning of the twentieth century and US President
Franklin D. Roosevelt during World War II (Yergin 1992). Oil wealth and access to
oil are at the roots of many conflicts between nations and much strife within coun-
tries (Ross 2008, Le Billon and Cervantes 2009; Tsui 2011). Much of this is due to
the radically unequal geographical distribution of oil resources, a situation that may
worsen as peak oil approaches and conventional oil fields are pumped out. For
example, peak oil production in America occurred around 1970 with great conse-
quences for the USA as it went from the world’s main oil producer to the world’s
largest oil importer.

Changes in oil production and the need of many countries to import oil have
driven, and are continuing to drive, large transfers in wealth. Certainly, oil has
played both direct and indirect roles in the growing inequity in wealth distribution.
For example, per capita income differences between the richest and poorest regions
of the world were merely 3:1 in 1820, and by 2001 this difference had ballooned to
18:1 (Gancia and Zilibotti 2009). Importation of petroleum products drives the US
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trade deficit, accounting for about 60% of this value yearly now, which means that
close to one billion dollars is transferred from the USA daily to pay for oil.

Development of biofuels on a significant scale requires enormous quantities of
feedstocks. However, since these are likely to be at least somewhat more equally
distributed than fossil oil, this may alleviate some of the problems discussed in
this section. Nevertheless, the thirst for energy will continue to drive politics, and
economics to some extent. Some countries may establish trade barriers to support
their own biofuels industries. For example, both the US and the EU have estab-
lished tariff barriers against the importation of Brazilian ethanol. Biofuels’
demands certainly distort many economies. Already, palm oil exports are import
drivers in Indonesia and Malaysia, each of which exported more than $16 billion
in palm oil in 2009, with the palm oil industry accounting for about one-third of
Malaysia’s GDP.

1.4 Conclusions

As the world moves forward on biofuels development and production, there are
many large social and sustainability issues to be resolved, as outlined in this chapter.
Finding long-lasting and equitable solutions requires intense debate at all levels.
Dealing with climate change and the need for new energy requires a shift from the
present carbon-based economy, certainly the greatest challenge before us.
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Fig.2.1 Pathways for possible biofuels production by cyanobacteria. Shown is the typical Z scheme
of photosynthesis operative in plants, algae, and cyanobacteria. Captured solar energy (photons) is
used to split water, liberating oxygen, and to reduce ferredoxin. Electron passage through the
membrane-bound electron transport chain (plastoquinone, cytochromes b, and f and plastocyanin)
that connects the two photosystems drives proton translocation and subsequent ATP synthesis.
Reduced ferredoxin can participate in a number of metabolic reactions. It can reduce plastoquinone,
driving cyclic photophosphorylation through photosystem I (PSI), thus generating additional
ATP. Reduced ferredoxin can directly donate electrons to the nitrogenase system which can cata-
lyze the ATP-dependent production of hydrogen (4ATP/H,). Additionally, reduced ferredoxin can
reduce NADP to NADPH through the action of FNR. NADPH can drive hydrogen production by the
bidirectional (reversible) Hox system or can drive CO, fixation by the Calvin cycle. Pathways can
be introduced to produce various biofuels or biofuel precursors from the metabolic intermediates,
mainly 3-phosphoglycerate, produced by the Calvin cycle

(Abed et al. 2009; Rastogi and Sinha 2009). However, the only economically viable
products currently being made from cyanobacteria are either the organisms themselves,
grown commercially on relatively large scale in open ponds for use as nutritional
supplements (Cyanotech, Earthrise), or, on a smaller scale, pigments are extracted
and used in cell labeling for fluorescence-activated cell sorting (FACS). Thus, not
only are cyanobacteria of potential interest in various biotechnological applications,
this also suggests that useful by-products might be obtained from the biomass
produced during their use in biofuels production.

Cyanobacteria are appealing since they are capable of the direct capture of solar
energy and its conversion to useful chemical energy using water as a substrate
(Fig. 2.1). This capacity could be used in a number of ways in biofuels production.



2 Hydrogen Production by Cyanobacteria 17

Table 2.1 Comparison of hydrogen production by direct and indirect biophotolysis

Process Possible advantages Likely disadvantages
Direct biophotolysis Direct conversion of solar energy Large hydrogen-impermeable
to fuel, maximum efficiency photobioreactors required
Single-stage process, simpler Possible generation of
facility, ease of operation explosive hydrogen/
oxygen mixtures
Uses the existing metabolic Oxygen evolved in vicinity
machinery of oxygen-sensitive
hydrogenase
Indirect biophotolysis Separation of incompatible oxygen Possible energy loss in
and hydrogen-evolving reactions pumping between stages
Possible reduced photobioreactor Energy loss in production
requirement for H,-producing and reuse of stored
stage energy carrier

For one thing, their capacity to drive carbon dioxide fixation with photosyntheti-
cally derived energy, ATP and reductant, suggests that the newly recycled carbon
could be converted to useful biofuels through the introduction of novel (to cyanobac-
teria) metabolic pathways (Angermayr et al. 2009). One cyanobacterial-derived
fuel that is under active investigation and commercial development (Algenol
Biofuels) is ethanol (Dexter and Fu 2009). Recently, high production rates of isobu-
tyraldehyde, precursor of isobutanol among other things, have been demonstrated
with metabolically engineered Synechococcus elongatus (Atsumi et al. 2009). As
well, Synechocystis has been engineered to divert newly fixed carbon into isoprene
synthesis (Lindberg et al. 2010). However, cyanobacteria have been mainly investi-
gated for their capacity to convert captured solar energy to hydrogen. In this pro-
cess, light energy captured by the two photosystems acting in concert is used to
split water, producing oxygen, and generate a high-energy, low-potential reductant
capable of reducing protons to hydrogen via a hydrogenase enzyme, a process that
has been called biophotolysis. This is an inherently appealing and conceptually
simple approach in which an abundant substrate, water, and a ubiquitous energy
source, solar energy, are used to produce a highly diffusible and energy-dense fuel,
hydrogen. Note that a true biophotolytic process should produce a 2:1 ratio of
hydrogen to oxygen without the need for carbon dioxide fixation and other interme-
diate metabolic reactions. Indeed, carbon fixation in this case is a side reaction that
would reduce hydrogen yields by using reductant that otherwise could go to proton
reduction.

Biophotolysis by cyanobacteria has been under active investigation for over
35 years (Benemann and Weare 1974; Weissman and Benemann 1977; Miyamoto
et al. 1979a, b), and several systems have been considered, at least conceptually,
including direct biophotolysis and indirect biophotolysis (Table 2.1) (Benemann
et al. 1980; Hallenbeck and Benemann 2002). In direct biophotolysis, the photosyn-
thetically produced reductant, either ferredoxin or NADPH, directly reduces hydro-
genase. Thus, in this process, hydrogen production is strictly light dependent. In
indirect biophotolysis, water splitting photosynthesis and consequent ferredoxin
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reduction are used to fix CO, and the resulting reduced carbon compound can be
used to drive hydrogen evolution in a separate reaction. Thus, hydrogen production
can be separated in time and/or space from oxygen evolution potentially overcoming
the problematic production of oxygen in the vicinity of a highly oxygen-sensitive
hydrogenase.

2.2 Hydrogenase Enzymes in Cyanobacteria

Three different hydrogenase enzymes have been identified and studied in
cyanobacteria; nitrogenase, a reversible bidirectional hydrogenase (Hox), and an
uptake hydrogenase (Hup) (Fig. 2.2) (Ghirardi et al. 2007; Tamagnini et al. 2007).

2.2.1 Nitrogenase

Nitrogenase (Fig. 2.2a) evolves hydrogen under two different conditions. First,
while actively fixing N,, 25% of the electron flux through the enzyme goes to proton
reduction to hydrogen during an unavoidable side reaction (2.1).

N, +10H" +16 ATP — 2NH, + H, + 16ADP. 2.1

Actually, this is the case for the major nitrogenase, Mo—Fe hydrogenase, which
has an active site formed by a complex iron—sulfur cluster containing molybdenum.
Other forms of nitrogenase are known with slightly different active sites, a vana-
dium nitrogenase and an iron-only nitrogenase, that at first glance seem more suit-
able for hydrogen production since a larger percentage of the electron flux is devoted
to hydrogen production during nitrogen fixation. However, total electron flux
through these alternative nitrogenases is much lower making their application to
hydrogen production a dubious proposition. In the absence of N, nitrogenase turn-
over continues unabated with total electron flux going to proton reduction to H.;
thus hydrogen production under these conditions is much higher. The absence of
nitrogen fixation also restricts growth, not a bad thing if one is interested in making
a biofuel and not biomass. This strategy was applied early on (Benemann and Weare
1974) and is discussed in more detail below. There are a variety of diazotrophic
(nitrogen fixing) cyanobacteria, including unicellular, filamentous, and filamentous
heterocyst-containing types, and the physiology of nitrogen fixation differs some-
what among them.

The basic incompatibility of possessing an active oxygen-sensitive nitrogenase
while carrying out oxygenic photosynthesis is combated by a number of different
strategies. Unicellular cyanobacteria typically separate these incompatible meta-
bolic reactions in time with active photosynthesis occurring during the daytime and
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Fig.2.2 Cyanobacterial enzymes participating in hydrogen metabolism. Cyanobacteria, depending
upon the species, can contain up to three different enzymes capable of participating in hydrogen
metabolism. (a) Nitrogenase produces hydrogen as a side reaction while fixing N, or, in the absence
of other reducible substrates, continues to turn over at the same rate reducing protons to H,. Two
specific protein components are required: Mo—Fe protein, a o, 3, complex which contains two
highly oxygen-sensitive complex metallic clusters, the P cluster and Fe-MoCo, where substrate
reduction occurs, and the Fe protein, a specific reductase for Mo—Fe protein. Note that hydrogen
production requires ATP hydrolysis and that nitrogenase is only synthesized in response to fixed
nitrogen deprivation. (b) The Hup hydrogenase is a membrane-associated nickel iron hydrogenase
that is poised to carry out hydrogen oxidation. The exact site of electron donation to the membrane-
bound respiratory electron transport chain is unknown. It is found in organisms that have nitrogenase
and is coregulated with nitrogenase. It is thought to recover some of the energy lost through hydro-
gen evolution during nitrogen fixation. (¢) The Hox system is also a nickel—iron hydrogenase, but
is soluble or only very loosely membrane associated, and has a diaphorase module (Hox EFU) that
interacts with pyridine dinucleotides (NAD, NADPH). It is reversible (bidirectional) and can catalyze
proton reduction or hydrogen oxidation depending upon the state of cellular metabolism. It is
responsible for hydrogen evolution during dark fermentation as well as a burst of hydrogen seen
upon reillumination of dark-adapted cultures

NAD(P)H

NAD(P) H*

Hox

with maximal nitrogenase expression during the night time. Often, there is a burst
of activity immediately upon reillumination. On the other hand, heterocystous
species are able to simultaneously carry out oxygenic photosynthesis and nitrogen
fixation since they are composed of two different cell types: vegetative cells, where
normal photosynthesis (oxygen evolution) and carbon fixation occur, and heterocysts,
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metabolism

Vegetative Cell Heterocyst

Fig.2.3 Metabolic interactions during biophotolysis by heterocystous cyanobacterial cultures.
Nitrogen deprivation causes some filamentous cyanobacteria to differentiate a specialized cell
type, the heterocyst. The heterocyst has many morphological and metabolic differences with the
normal vegetative cell enabling it to provide an anaerobic environment permitting nitrogenase to
function in a mileu that is otherwise often supersaturated with oxygen. These modifications include
the development of a specialized cell envelope that impedes the inward diffusion of oxygen and an
active respiratory chain that quickly consumes any oxygen that does enter. Moreover, photosystem
II (PSII) is absent; thus, there is no oxygen evolved from photosynthesis within the heterocyst.
Since the key enzymes of the Calvin cycle (including Rubisco) are absent, reduced carbon
compounds to support nitrogen fixation or hydrogen production must be imported from the neigh-
boring vegetative cells which carry out oxygenic photosynthesis and CO, fixation. Disaccharides,
quite possibly sucrose, are imported through special channels connecting the two cell types.
Genetic studies have shown that the oxidative pentose pathway (OPP), in particular glucose-6-
phosphate dehydrogenase (zwf), is absolutely required for reductant generation and consequent
reduction of fdxH which, in concert with ATP formed by cyclic photophosphorylation catalyzed
by photosystem I (PSI), drives hydrogen production by nitrogenase

which lack PSII (no oxygen evolution) and have a series of adaptations that permit
the establishment of an anaerobic environment in an aerobic milieu and thus allow
nitrogenase activity (Fig. 2.3).

2.2.2 Reversible Hydrogenase

Many cyanobacteria possess another enzyme capable of hydrogen evolution, a
soluble, or loosely membrane-associated, Ni—Fe hydrogenase, Hox, that is revers-
ible or bidirectional (Fig. 2.2¢) (Schwarz et al. 2010). This enzyme can appar-
ently, depending upon metabolic conditions, either evolve hydrogen or oxidize
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(consume) it. The presence of this enzyme was noticed over 30 years ago
(Hallenbeck and Benemann 1978) and it was shown to be capable of producing
hydrogen in the dark (Hallenbeck et al. 1981). The cyanobacterial Hox is a hetero-
pentameric enzyme consisting of a hydrogenase module, HoxHY, and a diaphorase
module, HoxEFU, carrying out the transfer of electrons between the hydrogenase
module and NAD(P)H. Much has been made about the similarity of HoxEFU with
the Complex I subunits NuoE, NuoF, and NuoG (NADH-dehydrogenase type 1),
especially since cyanobacteria appear to lack other Complex I homologs (Appel
and Schulz 1986). However, hox minus strains have normal Complex I activity
and these subunits instead play critical roles in dark hydrogen evolution driven
either by endogenous reserves, such as polyhydroxybutyrate or glycogen, or exog-
enous-reduced carbon compounds (Hallenbeck et al. 1981; Troshina et al. 2002;
Gutthann et al. 2007). Hydrogenase activity can also potentially serve to correctly
poise the photosynthetic apparatus for action upon illumination. Indeed, dark-
adapted cells often show a transient burst of hydrogen upon reillumination (Appel
et al. 2000; Schwarz et al. 2010).

2.2.3 Hup, an “Uptake” Hydrogenase

Many cyanobacteria contain an [NiFe] hydrogenase, encoded by hupSL, that is
poised to act in hydrogen oxidation, i.e., hydrogen “uptake.” Unlike some other
organisms where this class of enzyme can serve a variety of functions, in cyanobac-
teria the major metabolic function of Hup appears to be to recycle hydrogen that
is evolved as a side reaction during nitrogen fixation since it is only found in nitro-
gen-fixing species and its transcription is coupled to the nitrogen fixation process.
Thus, in Anabaena variabilis for example, hupSL is transcribed under conditions
of nitrogen depletion through the action of the cyanobacterial global nitrogen regu-
lator NtcA (Weyman et al. 2008). In some cases, maximum induction of hupSL
expression has been reported to occur in the presence of hydrogen (Axelsson and
Lindblad 2002). The situation is further complicated in some species by the need for
excision of an intervening sequence, a process that is tied to heterocyst development
(Carrasco et al. 2005).

2.3 Hydrogen Production

2.3.1 H, Production by Heterocystous Cyanobacteria

The majority of the hydrogen evolution observed with heterocystous cyanobacteria
is due to nitrogenase, which, as discussed above, continues to turn over in the
absence of other reducible substrates, reducing protons to hydrogen in a relatively
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slow reaction (6.4 s™') which also requires substantial energy input (2 ATP/e™;
4 ATP/H,). Purification and characterization of the cyanobacterial nitrogenase have
shown that its properties are essentially the same as those from heterotrophic organ-
isms (Hallenbeck et al. 1979). Some groups of cyanobacteria grow in filaments and
are able, under conditions of nitrogen limitation, to differentiate specialized cells
called heterocysts (Kumar et al. 2010; Mariscal et al. 2010). In effect, heterocysts
are microbial nanofactories which provide a quasi-anaerobic microenvironment
which allows the oxygen-sensitive nitrogenase to function and evolve hydrogen
in what is otherwise an environment supersaturated with oxygen. Nitrogenase
expression is restricted to the heterocyst under normal aerobic conditions (Murry
et al. 1984). Several mechanisms combine to protect nitrogenase from oxygen
damage. Heterocysts do not express an active photosystem II, so do not produce
oxygen through water splitting. Gas diffusion into the heterocyst is impeded by a
unique cell wall structure. In addition, heterocysts possess a very active respiratory
system which, being membrane bound, can consume trace amounts of entering oxygen
before it reaches nitrogenase in the cytoplasm. Nevertheless, some continual
synthesis of nitrogenase is necessary to replace oxygen-damaged nitrogenase
(Murry et al. 1983).

Solar energy capture and subsequent hydrogen evolution by these organisms can
be demonstrated by a simple co-opting of this elaborate machinery developed early
on soon after oxygenation of the earth’s atmosphere. Of course, some hydrogen is
naturally evolved during active nitrogen fixation since one H, is produced during
the reduction of N, to NH,*, and some of this is captured by the so-called uptake
hydrogenase and recycled. However, nitrogenase turnover continues in the absence
of exogenous substrates, reducing protons to hydrogen gas and hence hydrogen
evolution is much more significant under an argon atmosphere. Depending upon
culture conditions, very little of this hydrogen is recaptured or alternatively muta-
tions in the uptake hydrogenase can be introduced.

However, the Calvin—Bassham cycle for carbon dioxide fixation is also absent in
the heterocysts. Thus, heterocyst metabolism and, therefore, some of the energy
required to drive hydrogen production by nitrogenase depend upon the import of
fixed carbon from the neighboring vegetative cells through specialized intercon-
necting pore structures (Mariscal et al. 2010). The imported sugar, recently shown
to be sucrose (Lopez-Igual et al. 2010), is metabolized in the heterocyst through the
oxidative pentose pathway (Summers et al. 1995). Since hydrogen production in the
heterocysts depends upon reductant produced by water-splitting photosynthesis in
the adjoining vegetative cells, this is in fact indirect biophotolysis on a microscopic
scale. As a consequence, the possible maximal theoretical conversion efficiencies
are reduced. Nevertheless, this system is of interest due to its inherent robustness
and has been studied for over three and a half decades (Benemann and Weare 1974).
Early on, very reasonable conversion efficiencies, capable of being sustained for
days to weeks, were achieved using nitrogen-limited cultures. In laboratory studies,
where higher efficiencies can be expected, conversion of total incident light energy
to free energy of hydrogen produced was shown to be 0.4% (Weissman and
Benemann 1977), and, by the same measure, cultures incubated under natural
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sunlight were shown to convert 0.1% of incident light to hydrogen (Miyamoto et al.
1979a, b). However, although there have been a number of studies carried out in the
years since then, very little improvement in yields have been noted. For example,
much more recent reports of conversion efficiencies under laboratory conditions
found ~0.7% (total incident) (Yoon et al. 2006; Sakurai and Masukawa 2007,
Berberoglu et al. 2008) and under natural sunlight 0.03-0.1% (Sakurai and
Masukawa 2007; Tsygankov et al. 2002). Thermophilic strains exist, allowing for
hydrogen production in photobioreactors that would exhibit lower cooling require-
ments; yet these of course show the same low efficiencies (Miyamoto et al. 1979c,
d). Theoretical efficiencies with this nitrogenase-based system are around 4.6%, so
there is some room for improvement.

Theoretical efficiencies can be calculated on the basis of the number of photons
required to produce hydrogen. Photon energy must be used to derive the two neces-
sary substrates, high-energy electrons, and ATP needed for nitrogenase to reduce
protons to hydrogen. The calculation must also account for the source of electrons
since heterocysts do not derive them directly from water splitting. Instead, the
degradation of imported sugars by the oxidative pentose pathway generates up to
12 NADPH (24e") per hexose. Each sugar molecule was synthesized in the vegeta-
tive cell at a cost of 48 photons/hexose or 2 photons per e~ used in hydrogen pro-
duction. Absorption of a photon by PSI raises the energy sufficiently to reduce
ferredoxin and drive nitrogenase. Thus, the photon requirement for the necessary
electrons for H, production (2) is 6. However, the additional requirement of nitro-
genase for ATP, 4 ATP/H, (2 ATP/2¢"), effectively doubles the photon requirement,
thus halving the efficiency. One of the required ATP comes at no additional ener-
getic cost since it is produced during the noncyclic functioning of PSI required for
the two electrons, since the passage of each electron causes the Q cycle to pump
2H* and approximately 4H* are needed per ATP. Six additional photons are required
to produce the three additional ATPs needed, since six rounds of cyclic photosyn-
thesis by PSI are necessary to make the number of necessary protons 12. Hence,
the minimum photon requirement is 12 photons per H,, which translates to an effi-
ciency of 4.6%.

Thus, since observed conversion efficiencies are lower than predicted, it is
worthwhile considering what steps might be taken to improve the overall perfor-
mance. This is especially important since light conversion efficiencies directly dic-
tate photobioreactor footprint, so doubling efficiency, for example, halves the
required surface area for the same amount of fuel production. A number of avenues
might be explored. For example, part of the reduction in efficiency for microbial-
based photosynthetic systems is typically thought to be due to inefficient use of
total light energy at high light intensities. This is because the light-harvesting
apparatus, consisting of reaction centers surrounded by antenna pigments, is opti-
mized for effective light capture at the low light conditions normally experienced
by these organisms. This means that at high light intensities more photons are
captured than can be productively processed and consequently, the excess energy
is wasted via fluorescence, thermal decay, etc. Therefore, reducing the size of the
photosynthetic antennae through genetic modifications should make for more
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efficient use of high light intensities by the culture as a whole. Another leverage
point is the hydrogen-producing catalyst. As pointed out above, half of the photon
requirement goes to providing the ATP required for nitrogenase action, thus sub-
stituting hydrogenase, which does not require ATP for proton reduction, for nitro-
genase should have an energy-sparing effect. Another possible way to increase
yields would be to increase heterocyst frequencies, although this may not have the
desired effect since even in fairly long-term studies with these organisms the H,/O,
ratio is close to the desired stoichiometry of two, suggesting nearly optimal cou-
pling between oxygen-generating photosynthesis in the vegetative cells and hydro-
gen production by heterocysts.

2.3.2 H, Production by Nonheterocystous Cyanobacteria

Although the heterocyst/nitrogenase-based system is certainly the best studied,
there are a number of other known cyanobacterial hydrogen-producing reactions
that could potentially be exploited in practical large-scale hydrogen production.
For example, some unicellular (nonheterocystous) cyanobacteria possess nitroge-
nase and in nature are able to fix nitrogen without the oxygen protection afforded
by the heterocyst. However, this is usually possible since photosynthesis and nitro-
gen fixation are under circadian control in these organisms assuring that active
transcription and activity of the photosynthetic apparatus take place during the
daytime and conversely, oxygen inhibition of nitrogenase is avoided since its tran-
scription and activity are maximal during the dark (night period). Nonetheless,
light-driven hydrogen production due to the action of nitrogenase has recently been
demonstrated in the unicellular cyanobacterium, Cyanothece (Min and Sherman
2010), although this was carried out under especially favorable conditions: low
light intensities, presence of glycerol, argon sparging to remove evolved oxygen,
unlikely to be applicable to a practical system. In addition, many species are capa-
ble of dark hydrogen evolution catalyzed by either nitrogenase or a hydrogenase
(Kumazawa 2004; Troshina et al. 2002; Prabaharan et al. 2010). Many cyanobac-
teria also possess a soluble NADH-linked [NiFe] hydrogenase that is capable of
hydrogen evolution, especially when cells are newly illuminated after a dark period
(Schwarz et al. 2010). This is thought to act as an electron valve, returning the cell
to the proper redox status as photosynthesis resumes in the light. However, this
activity is short-lived as it is quickly inhibited with the resumption of oxygen
evolution.

Indirect biophotolysis is another strategy that could possibly be used for hydro-
gen production by cyanobacteria. In this process, oxygen-evolving photosynthe-
sis is used in one stage to fix carbon and store, thus producing reduced carbon
compounds that can later be used in a second, anaerobic, hydrogen-producing
stage. Thus, the oxygen-sensitive proton reduction reaction is separated in time
and/or space from oxygen-producing photosynthesis. While indirect biophotolysis
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has long been discussed, it was only recently demonstrated on an experimental
level, where the nonheterocystous Plectonema boryanum was cycled multiple
times through an aerobic, nitrogen-limited stage, during which glycogen was
accumulated, followed by a second anaerobic, hydrogen-producing stage
(Huesemann et al. 2010). In this case, hydrogen evolution is catalyzed by nitroge-
nase, whose activity is permitted by the anaerobic conditions of the second stage.
However, as noted above, many cyanobacteria contain a reversible NAD-linked
[NiFe] hydrogenase and thus it might be possible to develop a two-stage indirect
biophotolysis system using this enzyme in either an anaerobic, light-driven sec-
ond stage or in a dark fermentative process. Indeed, a suitably modified Synecho-
coccus, a unicellular cyanobacterium, has been shown to convert biomass
accumulated in a first-stage photosynthetic stage to hydrogen in a second-stage
dark fermentation, where an [NiFe] hydrogenase is active with a 12% efficiency
(i.e., 1.44 moles H, /mole hexose) (McNeely et al. 2010). Obviously, to be practi-
cal, this yield would have to be greatly increased, not an easy prospect given the
present metabolic limitations to dark hydrogen fermentations, which restrict
yields to at most 4 moles H,/mole hexose (see the chapter on dark fermentative
hydrogen production).

2.4 Conclusion and the Way Forward

Thus, cyanobacteria have been shown to posses multiple hydrogen-producing
enzymes and are capable of both dark- and light-driven hydrogen production in a
variety of configurations. However, as noted above, there are serious limitations at
present to developing any of these on a practical level. Although some further
improvements might be possible by discovery of new species or manipulation of
culture conditions (Ananyev et al. 2008; Burrows et al. 2009; Carrieri et al. 2008;
Chen et al. 2008), these would not be game changers as any increases would likely
be incremental. Development of low-cost photobioreactors suitable for the task
(i.e., transparent, durable, hydrogen impermeable, etc.) requires advances in
materials sciences. On the biological side, real improvements are probably real-
ized only through a thorough understanding of the systems biology involved
(Navarro et al. 2009) and the application of genetic engineering. Although some
effort has gone into adapting cyanobacteria for some liquid biofuels (Angermayr
et al. 2009; Atsumi et al. 2009; Lindberg et al. 2010; Lu 2010), relatively little has
been done until recently to attempt to improve cyanobacterial hydrogen produc-
tion by metabolic engineering. Very recently, the successful expression of an
[FeFe] hydrogenase in a cyanobacterium was reported (Ducat et al. 2011) and a
“Biobrick” strategy widely applicable to cyanobacteria was laid out (Huang et al.
2010). The near future may bring some real attempts to advance one or more of
the cyanobacterial systems to the next level with some real gains in conversion
efficiencies.
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Hydrogen Production: Light-Driven
Processes — Green Algae
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3.1 Introduction

An ability of certain microalgae to produce molecular hydrogen was discovered a
long time ago. From this discovery up to now many achievements in understanding
of the process have been made. We know the general scheme of the photosynthetic
electron transport chain and virtually understand properties of all enzymes and
complexes involved in the process. However, advances towards practical applica-
tions of the process are minimal. In this chapter the state of the art with an emphasis
on critical steps restricting the application of hydrogen production by microalgae
for light-energy bioconversion is presented.

The ability of microalgae to produce hydrogen under light was discovered for
more than 65 years ago (Gaffron and Rubin 1942). The process realizes the true
water-splitting reaction:

2H,0+hv = 2H, +0, 3.1)

If one could implement this process technically with H, and O, spatial (or temporal)
separation, at low operational cost, in practical scale, and with high rate (in accor-
dance with sunlight intensity), the human population on the Earth could get really
environmentally friendly and clean energy from renewable source.
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Fig.3.1 Photosynthetic electron transport pathways in microalgae capable of H, production

From the discovery of microalgal H, photoproduction up to now many achievements
in understanding of the process have been made. Virtually all participants of the
electron transport chain from light absorption to H, molecule formation are known.
Tremendous successes in investigations of structure and function of photosynthetic
apparatus, ATPase, Q-cycle, b f complex as well as [Fe-Fe]-hydrogenases were
achieved. In the recent years many excellent reviews describing molecular biology
(Ghirardi et al. 2007) and maturation (Bock et al. 2006; Meyer 2007), of Fe-Fe hydro-
genases, biophysics (Boichenko et al. 2004), and genomics of microalgal hydrogen
production (Melis et al. 2004, 2007) were published. However, advances towards
practical applications of the process are minimal. In this chapter the state of the art
with an emphasis on critical steps restricting the application of hydrogen production
by microalgae for light-energy bioconversion is presented.

3.2 Molecular Basics for Light-Dependent Hydrogen
Production by Microalgae

The fundamental result of photosynthesis (Fig. 3.1) in microalgae, as well as in
plants, is the production of transmembrane proton gradient and a couple of reductant
(as reduced Fd) with oxydant (as molecule of O,). Under normal conditions, the
transmembrane proton gradient is used for ATP synthesis with subsequent expendi-
ture of most of the ATP and reductant (via NADP* reduction) for glucose synthesis
via carbon dioxide fixation. The glucose that is synthesized is used in light-independent
metabolism to supply cells via central metabolism with intermediates for the synthesis
of amino acids, lipids, and other components as well as substrates for respiration.
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Starch is synthesized from glucose as a reserve material for use, following
degradation, during night time or under stress conditions. Under balanced growth
conditions, starch is synthesized at much lower rates than cell biomass.

From the point of view of overall metabolism, H, production is just a waste of
reductant. Fortunately for cell growth and maintenance, H, production pathways do
not operate under normal conditions; sunlight and high oxygen concentrations in
the environment. Firstly, the reduction of protons to H, is thermodynamically less
favorable than the reduction of NADP* (E, for H /H* is —414 mV at pH 7.0 whereas
E_for NADP*/NADPH is —320 mV). Secondly, microalgal hydrogenases are very
sensitive to O,, which irreversibly inactivates these enzymes within seconds.
(Detailed descriptions of structure, structural and accessory genes of microalgal
hydrogenases as well as the maturation of the enzyme are described in various
recent reviews (Bock et al. 2006; Das et al. 2006; Ghirardi 2006; Ghirardi et al.
2007) and will be not discussed here.) However, in nature, microalgae experience
dark anaerobic conditions every day: during the night time microalgae and other
organisms consume the dissolved oxygen via respiration, creating an anaerobic
environment for the rest of the night. Three decades ago it was observed that hydro-
genase activity appears in Chlamydomonas reinhardtii under dark anaerobic
conditions and that this requires protein synthesis (Yanyushin 1982a). Furthermore,
the induction of hydrogenase activity does not require darkness: the establishment
of anaerobic conditions even under light is enough (Yanyushin 1982b). Much later
it was shown that C. reinhardtii contains two genes coding different hydrogenases,
and anaerobiosis induces the de novo synthesis of both hydrogenases (Forestier
etal. 2003). As a result, many microalgae that are capable of hydrogenase synthesis
are able to produce H, by fermentation (Boichenko and Hoffmann 1994), similar to
a wide spectrum of anaerobic and facultative anaerobic bacteria. Recently, metabolite
analyses, quantitative PCR, and high density Chlamydomonas DNA microarrays
were used to monitor changes in the accumulation of metabolites and gene expres-
sion during adaptation of cells to anaerobiosis (Mus et al. 2007). This study
showed that under anaerobiosis C. reinhardtii realizes a heterofermentative mode of
fermentation with formate, ethanol, and acetate as the major products, and malate, H2)
and CO, as minor products with the concomitant action of pyruvate:formate-lyase,
pyruvate:ferredoxin-oxidoreductase, and pyruvate-decarboxylase. Only two (FDX2
and FDX5) out of five ferredoxins were transcribed at elevated levels. It appears that
during adaptation to anaerobiosis this microalga increases the level of transcription
(and, most likely, of expression) of more than 500 genes (only 145 transcripts
encode proteins with known functions) and decreases the level of transcription for
58 genes. Therefore, the adaptation of microalgae to anaerobiosis is an extremely
complicated process requiring differential expression of functional enzymes and
many regulatory proteins and proteases as well. All these dramatic changes take less
than 2 h, resulting in a reconstruction of overall metabolism from photosynthetic
aerobic to dark anaerobic (Mus et al. 2007). Evidently, during dark anaerobic
fermentation cells have much more reduced cellular status (especially the NAD(P)
H/NAD(P)* ratio) as compared to photosynthetic conditions.

When dark-adapted cultures are illuminated, the photosynthetic apparatus
starts very quickly (Fig. 3.1). As a result, Fd is reduced to higher extent than under
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darkness. This creates an elevated level of reduced NADPH that inhibits further
NADP* reduction and, in the presence of active hydrogenase(s), H, is produced.
The rate of hydrogen production is very high at the onset of illumination: in different
microalgae, it may be as high as the rate of light-dependent oxygen formation
(100-300 pmol mg™ Chl h'!; for a survey of relevant data see Boichenko and
Hoffmann 1994; Boichenko et al. 2004). It must be noted that the rates of hydrogen
production depend on light intensity and species, as well as on the physiological
state of the microalga. This maximal rate lasts for only a short period of time.
Investigations with high time resolution showed that upon low-level irradiation
(0.03 Wm™) of anaerobically adapted Chlorella vulgaris, H, production rates reach
a maximum after 2.5 s with linear kinetics for at least 1 min (Boichenko et al. 1983).
However, under 2 Wm™2, cells show a maximum rate after only 0.6 s, which starts
to decline after 1 s of illumination. Other researchers have observed a decrease in
the rate of hydrogen production in minutes after which H, production ceases
(Greenbaum 1980; Yanyushin 1982b). It is generally accepted that this decline in
the rate of H, production is a result of oxygen accumulation, which inactivates algal
hydrogenases (Ghirardi et al. 1997). It is important to note that the participation of
PSII is not absolutely necessary for initial H, production. The addition of DCMU,
an inhibitor of electron flow from PSII, does not prevent H, production during the
initial seconds, but causes the rate of H, production to decrease after 1 s of illumina-
tion (Boichenko et al. 1983) with the disappearance of H, production thereafter.
In the presence of DCMU, the electron donors for PSI are endogenous reduced
compounds. Evidently, the duration of H, production depends on the status of the
cell: the amount of accumulated starch, the availability of CO, and the readiness to
assimilate it via photoreduction with simultaneous H, consumption, and overall
metabolic activity. Very high initial rates of hydrogen production by microalgae
appear to be promising for practical application in systems of light-energy bioconversion.
However, to realize this rate over a longer time scale it is necessary to solve the first
key issue: the inhibition of hydrogenase activity (and synthesis) by traces of oxygen.

From Fig. 3.1 it is evident that the minimum number of quanta for the formation
of 1 molecule of H, should be 4, or in other words, the maximum quantum yield is
0.25 when water is the electron donor. Precise measurements, based on absorbed
quanta, showed that in general, the data are consistent with this value, indicating
that the real quantum yield is close to the theoretical maximum (see Boichenko
et al. 2004). However, some experiments with microalgae showed that 2-2.5 quanta
were sufficient to produce one H, molecule (Boichenko et al. 1989). This suggests
that some microalgae might produce reducing equivalents during dark adaptation
that can supply PSI with electrons.

3.3 Physiological Role of Microalgal H, Production

The physiological significance of H, evolution by microalgae is still not well under-
stood. As mentioned before, H, production is a waste of the reductant produced by
photosynthesis. The opinion that this process is important as a regulatory valve for
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Table 3.1 Characteristic times for different light-dependent processes (data from Rubin 1999)

Process Characteristic times (s)
Light capture by pigments of antenna 107121071
Energy migration from core complexes to PSII reaction center 3x107M-2x107"°
Energy migration from core complexes to PSI reaction center 0.7-1.2x 107
Charge separation in reaction centers of PSI and PSII 107"
Stabilization of charge separation in PSII and Q, reduction 0.5%x107

S-cycle completion with O, release 1073

Electron transport from Q, to Q, 0.2-0.5x107
Electron transport to PQ 0.2

Electron transport from PC to PSI reaction center 0.2x107
Electron transport from PSI with Fd reduction 0.5-100x 10°

a proper redox poisoning is wide spread (Appel and Schulz 1998; Boichenko et al.
2004). In the natural environment, microalgae may be suddenly illuminated after
prolonged dark anaerobic adaptation (for example, bringing microalgal cells at a
stream receiving sun exposure in the early morning or light penetration into places
that were shaded for a long period of time). Upon illumination after prolonged
darkness, microalgae have to re-adapt from anaerobic fermentative mode to aerobic
photosynthetic.

The time scale for different light-driven processes is presented in Table 3.1
(data from Rubin 1999). From these data it is clear that Fd is reduced after less than
1 ms of illumination. Furthermore, considering that the PQ pool is in a reduced state
due to fermentation reactions, electron transfer to PQ from PSII (with a characteris-
tic time 0.2 s) would not be a rate-limiting step for Fd reduction. Thus, when Fd is
oxidized, it might be reduced very quickly. At this very initial stage of illumination,
respiration is not possible due to the absence of oxygen. CO, fixation is reduced due
to inactive RuBisCo, the key enzyme of CO, assimilation. Upon illumination,
RuBisCo is activated by RuBisCo activase with half maximal activity being achieved
in 2 min. Rapid RuBisCo activation requires electron flow through the photosyn-
thetic ETC (electron transport chain) (Campbell and Ogren 1990). In other words,
cells have to initiate photosynthetic electron flow while avoiding the production
of different toxic radicals in the absence of oxidative processes. H, evolution is
therefore a process that activates photosynthetic electron flow upon light illumination,
resulting in an accelerated activation of RuBisCo and the lack of conditions necessary
for active radical production. As a matter of fact, the time required for RuBisCo
activation (Campbell and Ogren 1990) and the time when H, evolution is inhibited
due to inactivation of hydrogenase(s) by accumulated oxygen (Boichenko et al.
2004) are in the same range (10-100 s). Thus, the role of hydrogen production as a
regulatory valve looks very realistic.

However, if this is the case, then how do hydrogenase-less microalgae avoid the
problem of transition from dark anaerobic to photosynthetic aerobic conditions?
This question does not have an experimental answer. In addition, if hydrogen
production by microalgae is important, conditions favorable for hydrogen produc-
tion would presumably create a difference in viability between the wild-type strain
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Fig.3.2 The viability of CC425
C. reinhardtii CC425 and
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and a mutant unable to produce hydrogen. Recently, a hydrogenase-less mutant of
C. reinhardtii was described (Posewitz et al. 2005) and such experiments were performed
(Tolstygina et al. 2006). The parent strain (CC425) and mutant were found to have
similar growth rates under photoheterotrophic conditions, very similar rates of O,
evolution under saturating light, and comparable rates of respiration in the dark.
They accumulated the same quantities of starch as reserve material under sulfur
deprivation. After dark anaerobic adaptation, CC425 could produce H, when
hydrogenase activity was assayed with reduced methylviologen. However, the
hydrogenase-less mutant did not synthesize hydrogenase. Under sulfur deprivation
(see below for detailed explanation of this experimental approach) CC425 produced
approximately 75 ml of H, per liter of culture, unlike the hydrogenase-less mutant.
However, after 6 days of incubation under sulfur deprivation, the suspension of the
parental strain (which produced H, on the second day of sulfur deprivation) and
the suspension of mutant cells contained practically the same quantity of viable
cells (Fig. 3.2). Furthermore, under conditions when H, production was inhibited by
addition of H, in the gas phase, the viability of parental and mutant strains was not
changed. Thus, the hypothesis that if H, production is important for survival of
microalgal cells under particular conditions, it should be expressed as a difference
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in viability of parental strain and hydrogenase-less mutant under conditions favorable
for H, production, did not appear to be supported by a direct experimental approach.

Recently, a detailed analysis of dark metabolic differences between the parental
strain of C. reinhardtii and its hydrogenase-less mutant was published (Dubini et al.
2009). It appears that mutant strain exhibits a higher accumulation of succinate and
a lower production of CO, relative to the parental strain, during dark, anaerobic
metabolism. The formation of succinate requires NAD(P)H when it is synthesized
from pyruvate via malate and fumarate (Dubini et al. 2009). Therefore succinate
formation might be used as a sink of reductants under sulfur deprivation when
NADPH is produced by photosynthesis instead of hydrogen photoproduction. In
any case, the physiological role of H, photoproduction by microalgae still requires
clarification.

3.4 Long-Term Hydrogen Production

For the practical application of H, photoproduction by microalgae, the process
should be extended from a scale of seconds to at least hours. Two traditional possi-
bilities exist to extend the duration of hydrogen production: stopping concomitant
O, generation during H, production, or decreasing the concentration of O, produced
near hydrogenase. The first possibility uses DCMU as an inhibitor of electron
transfer from PSII to PQ pool. However, this method converts the H, production
process by microalgae from using the water-splitting reaction to produce reductant
to a process, which requires a more reduced electron donor produced by another
type of metabolism. In addition, H, production with DCMU can only be a long-
term process when microalgal metabolism is suppressed (Fouchard et al. 2005;
Hemschemeier et al. 2008). Nevertheless, a prolongation of H, production using
DCMU is a very useful scientific tool allowing study of the process in more detail.

The second possibility includes chemical binding of the produced O, by dithionite
(Pow and Krasna 1979) or sparging the culture with inert gases (Greenbaum 1980).
Both methods are very useful in the study of the hydrogen metabolism of microalgae,
but from practical point of view has given maximal rates 10 (Pow and Krasna
1979) or even 100 (Greenbaum 1980) times lower than maximal short-term hydrogen
production rates, 100-300 umol mg~' Chl h™! (Boichenko et al. 2004).

3.5 Hydrogen Production by Sulfur-Deprived Microalgae

Another approach for realization of long-term H, photoproduction by microalgae
was proposed by Melis et al. (2000). They used the observation that, during adaptation
of C. reinhardtii to sulfur deprivation, microalgae decrease PSII activity (Wykoff
et al. 1998). After 1 day of S-deprivation, the rate of photosynthetic O, evolution
decreases to a level lower than the rate of respiration. If, at this moment the culture
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is sealed, the cells will consume the dissolved oxygen. Under anaerobiosis, microalgal
Fe—Fe-hydrogenases are synthesized and activated (Forestier et al. 2003) with
subsequent sustained H, production (Melis et al. 2000). The most surprising finding
was that hydrogenase synthesis and activation and consequent long-term hydrogen
production occurs under illumination. The authors called this approach a two-stage
process, with temporal separation of O, and H, production.

In the first stage, cells produce oxygen and accumulate starch, which appears to
be very important for the H, production stage (Posewitz et al. 2004). In the second
stage, cultures produce H, with concomitant degradation of starch and proteins
(Melis et al. 2000). This approach has attracted the attention of many research
groups worldwide and we now know much more about this two-stage system than
11 years ago. The influence of light intensity (Laurinavichene et al. 2004; Kim et al.
2006), pH (Kosourov et al. 2003), cell cycle period (Tsygankov et al. 2002), sulfur
presence and re-addition at different times of S-deprivation (Kosourov et al. 2002;
Zhang et al. 2002; Kosourov et al. 2005), biomass concentration, and cell age (Kim
et al. 2005) have been studied in detail. Different strains of microalgae have been
tested and some compounds that are toxic for H, production identified (Skjanes
et al. 2008).

When S-deprivation of C. reinhardtii was studied in specialized photobioreactors
with computerized control of the main parameters (pO,, Eh, pH, #°C, the volume of
produced gas), it was shown that the system is two-stage only in terms of gas production.
S-deprived cultures pass through five consecutive phases: an aerobic phase, an O,-
consumption phase, an anaerobic phase, a H, -production phase, and a terminal
phase (Kosourov et al. 2002). Each phase has a unique importance in adaptation of
microalgae to S-deprivation, and detailed analysis of each phase might help us to
understand the process better, and to find ways to improve hydrogen production.
Furthermore, it appears that different phases might have different optimal environmental
conditions for maximal hydrogen production (Tsygankov et al. 2006; Tolstygina
et al. 2009). Unfortunately, we do not have enough information about the regulatory
systems inside microalgal cells, which are involved in the process of adaptation to
S-deprivation. The description of each phase below is based on the available data,
but many points need additional study.

During the first, aerobic stage (Fig. 3.3), S-deprived cultures start to grow as
normal cultures since the intracellular sulfur content is optimal even if sulfur has not
been added. Increase in biomass depends on traces of sulfur in the medium, the
physiological state of the microalga (which, in turn, depends on the method and
durability of sulfur removal before the experiment), and environmental conditions
(light intensity, temperature, pH). The statement about the intracellular S content
that follows is based on the existence of a specific sulfur permease SulP in C. reinhardtii
(Chen and Melis 2004) and from the well-known fact that all microorganisms have
various concentrating mechanisms preventing cellular leakage of different nutrients.

Very soon (usually after hours), depending upon the external S content, cells
experience sulfur deficiency due to S dilution from an increase in biomass, and,
potentially, to some S leakage to the outside. Growth gradually decreases, but at a
much higher rate than the cellular doubling time. Since the rate of photosynthesis at
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Fig.3.3 A simplified presentation of physiological parameters of C. reinhardtii during adaptation
to S-deprivation. I - aerobic phase; Il - O,-consumption phase; IIl - anaerobic phase; IV —H -production
phase; V — termination phase. All parameters are shown in relative units

this point is higher than cellular demand for reductant and ATP, the photosynthetically
synthesized glucose is diverted from biomass synthesis to starch accumulation. During
this time, the rate of photosynthesis gradually decreases (Fig. 3.3). However, starch
accumulation continues up to the moment when the rate of photosynthesis becomes
lower than the rate of respiration. When the rate of photosynthesis falls below the
rate of respiration, the aerobic phase is finished. This phase is extremely important
for successful transition of the culture to the H -production stage with sustained H,
production. Two important pre-requisites for the establishment of anaerobiosis
and subsequent H, production need to occur during the aerobic phase: the decrease
in the photosynthetic O, production rate below the respiration rate and substantial
starch accumulation.

Several possibilities exist to decrease the rate of oxygen production during the
aerobic phase. The first is a “natural” decrease of PSII activity under S-deprivation
(Wykoff et al. 1998; Melis et al. 2000) with an overreduction of the PQ pool (Antal
et al. 2003) due to nutrient deficiency under close to saturating light intensity. This
is the “standard” behavior of S-deprived microalgal cultures, which has been explored
by many researchers since the original publication (Melis et al. 2000). During the
gradual decrease in the O, production rate, microalgal cells accumulate enough
starch for subsequent sustainable H, production. Due to the presence of exogenous
acetate this method gives stable and reproducible results over a wide range of incident
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light intensity, cell concentrations, and history of culture cultivation. However, it is
important to note that all the carbon in the starch in such photoheterotrophic
cultures comes from acetate since no CO, was added to the medium. Thus, due to
the use of acetate in the aerobic phase, this approach is not a pure bioconversion
process of light energy into H,.

The second possibility is an exploitation of environmental conditions in addition
to S-deprivation. Upon a decrease in the light supplied, potentially brought about by
a variety of factors; a decrease in incident light intensity, an increase in cell density,
an increase in the depth of the illuminated suspension, or a combination of all these
factors, the rate of O, production decreases. For example, a 1-cm C. reinhardtii
suspension with approximately 12.5 mg 1-! of Chl (a+b) gave only 10% of maximal
O,-evolving activity at 25 uE m™ s (Wykoff et al. 1998). Therefore, since the
respiratory activity of photoheterotrophic C. reinhardtii is as high as 20% of maximal
O,-evolving activity (Melis et al. 2000), anaerobiosis might be easily established
by light manipulation. Furthermore, the optimal light intensity for H, evolution
under S-deprivation for photoheterotrophic cells was shown to be in the region of
20-30 uE m™ s7! (Laurinavichene et al. 2004), already a level that is limiting for
photosynthesis. It is interesting to note that under such a light intensity, the ratio of
O, produced in the aerobic stage and the H, generated in the hydrogen-producing
stage was less than 1:10 (Laurinavichene et al. 2004). From this observation and
from the fact that the necessary CO, for starch synthesis by photoheterotrophic
cultures comes exclusively from respiration, it is evident photosynthesis contributes
very little to starch accumulation under these conditions. Indeed, starch might even
be accumulated during dark heterotrophic growth of C. reinhardtii on acetate (Hurris
1989). Many chemotrophic bacteria accumulate elevated levels of reserve products
like polyhydroxybutyrate or glycogen under unbalanced growth conditions or under
nutrient deprivation (Lengeler et al. 1999). One can assume that under dark heterotrophic
conditions with no contributions of photosynthesis, S-deprivation of C. reinhardtii
will also result in increased accumulation of starch, due to the use of acetate, although
this hypothesis has yet to be tested.

A third approach to decreasing PSII activity below the rate of respiration is the
use of mutants with decreased PSII activity. Mutants carrying mutations at position
323 of the protein D1 created by site-directed mutagenesis were used to explore
this possibility (Makarova et al. 2007). The authors showed that the duration of the
aerobic phase correlated with the PSII activity of mutants. The wild-type strain
showed the longest aerobic phase (30-35 h) and the mutant with the lowest PSII
activity showed the shortest aerobic phase (5-6 h). However, the mutants with
impaired PSII activity accumulated too little starch during the aerobic phase. The
authors used a very high light intensity (both sides illuminated with 250 pE m= s7!)
through the whole process of S-deprivation. It is possible that under this strong
intensity PSII activity decreased so quickly that the mutants transitioned to anaerobiosis
too early. As a result, cells of mutants did not have enough time to accumulate starch
even via respiration using acetate. This assumption needs experimental verification.
A mutant that is locked in state 1 under anaerobiosis also shows decreased PSII
activity (Kruse et al. 2005). Under moderate light intensity (100 uE m= s7'), this
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mutant accumulates large amounts of starch. As a result of starch accumulation in
the aerobic phase and, possibly, due to inhibited cyclic photophosphorylation, this
mutant produces very high quantities of H, in the H -production phase.

Photoautotrophic microalgae grow and produce starch exclusively via CO,
assimilation. Starch accumulation during the aerobic phase is much more critical
for photoautotrophic cultures since it is the only substrate available for respiration
during the O,-consumption phase. That is why these cultures should be supplied
with CO, and sufficient light intensity during the aerobic phase of S-deprivation.
However, these requirements are necessary but not sufficient. Using the previously
established procedure (Melis et al. 2000), the passage of S-deprived photoauto-
trophic cultures to anaerobic conditions is erratic (Tsygankov et al. 2006). Careful
analysis of the factors influencing the stable establishment of anaerobiosis shows
that the culture history is very important. Photoautotrophic cultures pre-grown
under low (20 uE m™ s7') and high (100 uE m= s') light intensity before
S-deprivation experiments showed different behavior during the aerobic phase
(Tsygankov et al. 2006; Tolstygina et al. 2009). Cultures pre-grown under low light
reproducibly shifted into the O, consuming and anaerobic phases only if they were
illuminated during the aerobic phase of S-deprivation at high light intensity
(100 pE m=2 s7!). Under low light intensity (20-25 uE m= s7') either they did not
transition to the second, oxygen consuming phase, or this transition was too slow
(Tsygankov et al. 2006). In contrast, cultures pre-grown under higher illumination
(100 uE m~ s7!) did not transition into the anaerobic phase regardless if they were
illuminated by light with intensities of either 20 or 100 uE m=? s~! (Tsygankov et al.
2006). Cultures were able to establish anaerobiosis quickly and reproducibly only if
they were illuminated by light with an intensity greater than 175 pE m= s
(Tolstygina et al. 2009). Thus, photoautotrophic cultures decrease PSII activity
during the aerobic phase only if they were exposed to higher light intensity compared
to the light intensity used during pre-growth. However, only cultures pre-grown
under low light intensity and incubated under higher illumination (100 pE m= s7!)
accumulated satisfactory quantities of starch for subsequent respiration in the O,-
consumption phase and for subsequent H, production.

Cultures pre-grown under high light supply are potentially more efficient for
hydrogen photoproduction: they have higher rates of photosynthesis and lower
contents of chlorophyll a and b. Also, the ratio of [total Chl a+b]/[Chl in reaction
centers] is lower in the cultures grown under high light intensity. High rates of pho-
tosynthesis could promote the rate of hydrogen photoproduction, whereas at lower
chlorophyll concentrations it is possible to use higher biomass concentrations.

To understand the reasons why photoautotrophic cultures pre-grown under high
light did not produce starch in the aerobic phase, the influence of light intensity
and dissolved oxygen concentration during the O,-evolution phase of S-deprivation
on other parameters of the culture were studied (Tolstygina et al. 2009). It was
found that the light intensity itself did not have a significant impact on the rate
of PSII inactivation in the range up to 800 uE m=2 s~'. Under an atmosphere of 21%
O,, the rate of oxygen production did not change significantly, whereas under 100%
O,, it was decreased significantly independently of the light intensity in the range
400-800 LE m~2 s7L.
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It is important to note that photoautotrophic cultures pre-grown under low and
moderate light show different mechanisms of PSII inactivation. Low light-grown
cultures decrease PSII activity under S-deprivation reversibly, as judged from
experiments with DBMIB and DCBQ. The decrease in PSII activity of cultures pre-
grown under moderate light is partially reversible, but a significant fraction of the
decrease was irreversible. Differences in mechanisms of PSII inactivation in photo-
autotrophic cultures pre-grown under different light intensities require further study.
However, this information appears to be very useful for realization of the optimal
conditions for sustained hydrogen production by cultures pre-grown under moderate
light. In the aerobic phase of S-deprivation these cultures should be illuminated
more intensively than during pre-growth and an excess of produced oxygen should
be removed. In this case, cultures reproducibly used the aerobic phase of S-deprivation
to accumulate sufficient quantities of starch for subsequent respiration during the
O,-consuming phase and for subsequent H, production (Tolstygina et al. 2009).

During the second, oxygen-consuming phase of S-deprivation, the cultures
switch to a predominately heterotrophic mode of metabolism. The oxygen concen-
tration in the suspension decreases due to the respiration. The activity of RuBisCo
is low in this phase (Zhang et al. 2002). Starch is not accumulated and, most
probably, it is degraded (Kosourov et al. 2002, 2003). Evidently, many regulatory
systems are activated, and changes in cells during this phase need to be investigated
on the physiological and molecular levels.

When considering S-deprived microalga as a possible tool for light-energy biocon-
version, it is important to note that, during the O -consuming phase, cells simultane-
ously absorb light energy and assimilate reduced substrates for subsequent respiration.
As a matter of fact, if microalgae in this phase consume all the oxygen produced
during aerobic phase, they will use all photosynthetically produced starch, a natural
consequence of the stoichiometry of photosynthetic CO, assimilation to glucose
and glucose to CO, oxidation. To increase the efficiency of hydrogen production it
is important to make this stage as short as possible. There are two possible ways to
do that: decrease the oxygen content in the microalgal suspension and decrease
inefficient light absorption. It is possible if during this phase one decreased the
dissolved oxygen concentration. Using a particular photobioreactor design or gentle
evacuation of the culture, and with the light switched off, hydrogen production by
the culture would increase. This hypothesis needs experimental evaluation.

The third, anaerobic phase of S-deprivation, is not studied in detail. The transition
from a predominantly heterotrophic oxygenic mode of metabolism to an anaerobic
one is definitely more significant than the transition from mostly photosynthetic
mode (during the aerobic phase) to mostly heterotrophic one (during the O,-consuming
phase). We know only that immediately upon establishment of anaerobiosis PSII
activity photochemical drops to zero (Antal et al. 2003). This change is accompanied
by a rapid and dramatic decrease of the redox potential (Fig. 3.3) and, evidently,
initiation of hydrogenase synthesis (Forestier et al. 2003). H, appears in the gas phase
above the suspension 10 min after establishment of anaerobiosis (Antal et al. 2003),
which obviously is not enough time for full protein synthesis and maturation. One
hour later PSII activity increases. In this phase starch degradation occurs through
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glycolysis with subsequent fermentation (Kosourov et al. 2002). However, no data
about this process have been reported. During this phase, protein degradation
occurs (Melis et al. 2000) and this is even more pronounced when the pH for the H,
production is not optimal (Kosourov et al. 2003). Evidently, during adaptation to
this phase, microalgae transition to an anaerobic mode of metabolism under
S-deprivation. Thus, regulatory processes, involved in microalgal adaptation to
anaerobic phase of S-deprivation are more complicated than those present during
adaptation of microalgae to anaerobiosis (Mus et al. 2007).

This phase is also inefficient in H, production, and the shorter this phase is the
less starch is degraded without visible H, production. However, the significance of
this phase of microalgal adaptation to S-deprivation is still awaiting a complete
evaluation. The most important question for hydrogen metabolism in this phase is:
why does hydrogen appear in the head space 10 min after the establishment of
anaerobiosis (Antal et al. 2003), while the accumulation of visible hydrogen gas
requires 5 h (Antal et al. 2003), 15 h (Kosourov et al. 2002), or sometimes never
even appears (Tsygankov et al. 2006)?

The fourth phase of microalgal adaptation to S-deprivation is the H, producing
phase. H, production during this phase is light dependent. Fermentation products
(formate, ethanol, and, in some cases, acetate) are accumulated in the suspension
simultaneously with the photosynthetic formation of H, (Kosourov et al. 2003).
This indicates that photosynthesis is occurring simultaneously with fermentation.
The suggestion has been made that photosynthesis is anoxygenic during this phase
with only PSI being active and products of starch and protein degradation supplying
PSI with electrons (Melis et al. 2000). However, direct measurements of PSII
photochemical activity during this phase (Antal et al. 2003) and experiments with
DCMU (Kosourov et al. 2003) have shown that PSII is active and participates in
electron donation to PSI. This participation was substantial, at least, at the start of
H,-production phase, with DCMU inhibiting up to 80% of the H -evolving activity
of the microalga. In other research, DCMU inhibited approximately 20% of this
activity at the start of H,-production phase (Hemschemeier et al. 2008). However,
this does not mean that 80% (or 20%) of electrons needed to produce H, come
directly from PSII. The system appears to be very complicated since, in addition to
photosynthesis and fermentation, the cells are also engaged in oxygen production
and respiration. Three different metabolic pathways are active simultaneously in
one cell! DCMU addition inhibits PSII activity, which results indirectly in inhibition
of respiration since no oxygen is available. In turn, this affects fermentation: in the
presence of oxygen part of the reduced equivalents derived from fermentation are
oxidized. Absence of O, definitely increases the level of reduction in cells and these
equivalents might accumulate as fermentation products, such as formate or acetate.
This might inhibit fermentation itself and, as a result, decrease the flow of electrons
to PSIL. In any case, two pathways are supplying PSI with electrons: PSII through
water oxidation and fermentation.

Based on the observation that during the anaerobic and H,-producing phases
significant protein degradation occured (Kosourov et al. 2003; Melis et al. 2000) it
has been suggested that protein degradation is also a source of electrons for PSI
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(Melis et al. 2000). A decrease in Chl content has been observed simultaneously
with protein degradation. However, in some investigations (Tsygankov et al. 2002)
Chl content does not decrease during the H -production stage, suggesting that the
protein degradation does not necessarily supply PSI with electrons but is merely an
indicator of cellular degradation during S-deprivation. Unfortunately, no additional
investigations have been carried out to clarify this question.

The participation of PSII and endogenous reductants in electron donation to PSI
is not the same during the H,-production phase. Indirect evidence for that is provided
by measurements of hydrogen production as a function of light intensity during
different times of the H -production phase (Tsygankov et al. 2006). At the beginning
of H, production, the kinetics of H, production were linear (during 4 h) only under
13 uE m™ s7'. Rates of H, production decreased after 1 h at light intensities equal to
34 uE m= s7! or higher. After 1 day of hydrogen production, the kinetics are linear
at 13 and 34 uE m™ s', and after 2 days of H, production, the kinetics are linear
even at 156 uE m™ s™'. Non-linear kinetics are the result of O,accumulation during
this reaction (Tsygankov et al. 2006). When PSII activity is higher, O, production
will be greater. Thus, at the beginning of H,-production phase, PSII is more active
and therefore plays a more important role in electron donation to PSI and O, produc-
tion. Similarly, an increase in light intensity during the H,-production phase results
inincreased H, production only if argon sparging is increased (Laurinavichene et al.
2004). Additional evidence for this comes from the fact that at the beginning of the
H,-producing phase the photochemical activity of PSII is higher and then decreases
with time (Antal et al. 2003).

The terminal phase is the last one in the adaptation of microalga to S-deprivation.
In this phase neither O, nor H, is produced and no additional fermentation products
appear. It is unclear how cells remain viable. When this phase is prolonged, the
viability of the cells decreases (Tolstygina et al. 2006). From a practical point of view,
this phase should be avoided to increase the efficiency of H, production by the
S-deprived system and to allow for possible system recycling.

The above description (as shown in Fig. 3.3) presents a scenario, which transfers
cells to H_-production stage successfully. However, it is probably not the only possible
scenario, and acomplicated interplay of many factors could transfer cells to S-deprivation
without hydrogen production. Experiments have been presented where cultures
did not reach the anaerobic phase or reached the anaerobic phase very rapidly but
did not produce hydrogen (Tsygankov et al. 2006). The main possible factors (excluding
pH and temperature) responsible for variations in adaptation to S-deprivation are:
average light intensity, initial photosynthetic and respiratory activity of cells, and
acetate (or CO,) availability. All these factors together define the oxygen concentra-
tion in microalgal suspensions during the aerobic phase. The oxygen concentration
defines the rate of PSII activity decrease under S-deprivation: at higher pO, the
decrease accelerates (Tolstygina et al. 2009). If this decrease is too rapid and acetate
is absent, microalgae do not have enough time for starch accumulation. If this
decrease is too low, the microalgae cannot reach the anaerobic phase, hydrogenase
is not synthesized, and therefore no hydrogen is produced.
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3.6 Limiting Steps in H, Production by S-Deprived Cultures

S-deprived cultures of microalgae appeared to be a very useful tool for investigations
of microalgal light-dependent hydrogen production. However, the rate of hydrogen
production by these cultures is much lower than hydrogenase activity measured
with reduced methylviologen (up to 300 pmoles h™ mg~' Chl), O, evolving activity
(up to 300 pmoles h™' mg~! Chl), or even respiration rate (up to 80 pmoles h™! mg~!
Chl) (data from Melis et al. 2000; Kosourov et al. 2002; Kosourov et al. 2003; Tsygankov
et al. 2006). In the best case it was equal to 9.5 pmoles h~! mg~! Chl (Kosourov et al.
2003) and decreased significantly with the Chl concentration (Kosourov et al. 2002).
Thus, the rate of H, evolution by S-deprived cultures is not limited by hydrogenase
or photosynthetic activities.

One suggestion is that O, produced due to PSII activity inhibits hydrogenase
activity. In support of this suggestion, when S-deprived cultures were flushed with
argon, the rate of H, production increased significantly (Laurinavichene et al. 2004).
However, simultaneously with possible O, dilution by argon, H, was also diluted
(from ~60-80% to ~0.5%), causing a shift in cellular redox-balance of more than
60 mV. Thus, the increase in H, production might merely be due to the changes in
equilibrium dictated by thermodynamics laws. As well, researchers did not observe
a significant positive effect of CCCP addition on H, production, which would be
predicted under this scenario since an increased rate of photosynthesis should
increase the rate of O, production (Guan et al. 2004; Kruse et al. 2005). However,
CCCP addition has a very complicated influence on microalgal metabolism. ATP
synthesis stops in response to the disappearance of the transmembrane proton
gradient; as a result microalgae increase the rate of photosynthetic electron transport
flow with an increase in H, and O, production. Simultaneously, cells should increase
the rate of respiration to increase ATP synthesis, resulting in a decreased cellular O,
level. Unfortunately, no direct experiments testing this hypothesis have been per-
formed. Another approach to check the influence of O, on the rate of H, production
by S-deprived microalgae is the creation of an O, insensitive hydrogenase (Ghirardi
et al. 2007). If O, concentration is a rate-regulating factor, microalgae with an O,
insensitive hydrogenase will produce H, under S-deprivation at higher rates.

PSII activity under S-deprivation is very low due to overreduction of the PQ pool
(Antal et al. 2003). This overreduction might inhibit cyclic photophosphorylation
activity but not linear electron flow through PSI. It is possible that an excess of ATP,
and, as a result, an elevated transmembrane proton gradient, inhibits photosynthetic
electron flow through PSI. In support of this suggestion, addition of CCCP increased
the H_-production rate by a factor 2 with the wild-type strain and a factor of 8.8 with
a mutant with inhibited cyclic photophosphorylation (Kruse et al. 2005). The mea-
surement of the influence of respiratory inhibitors on the rates of dark mitochondrial
respiration in different phases of S-deprivation (Antal et al. 2003) also supports this
suggestion. It appears that the putative PQ oxidase only has a low impact on the
total respiratory activity of S-deprived C. reinhardtii. At the start of S-deprivation
cytochrome oxidase contributes five times more to respiration than the alternative
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cyanide-resistant oxidase. This means that at this time microalgae can produce ATP
via photosynthesis in sufficient quantities for metabolism, and oxidative phos-
phorylation is partially via the alternative oxidase, which is less efficient in
ATP production. The alternative oxidase activity declines to almost zero at the start
of the anaerobic phase indicating that during this phase, when H, is not produced
and O, is absent, ATP is limiting for overall cellular metabolism. Some authors have
observed a decline in the activity of cytochrome oxidase and an increase in that of
the alternative oxidase during the H,-production phase of S-deprivation, indicating
that during this phase cells have to decrease the efficiency of oxidative ATP synthesis
in accordance with metabolic demands. However, data on the cellular content of ATP
during S-deprivation are not available, and additional investigations are necessary to
determine if an excess of ATP exists during the H -producing phase.

Taken together, the existing data do not allow a firm conclusion to be drawn as to
which part of a very complicated interplay of different metabolisms; respiration,
photosynthesis, fermentation, or electron transport from Fd to hydrogenase, are
limiting in the process of H, production. The activity of the microalgal cell is prob-
ably regulated to survive under stress but not to maximize H, production. Hopefully,
heuristic modeling of the total metabolic network will help to define the key aspect
of metabolism that limits the rate of H, production.

3.7 Technological Approaches for Long-Term Hydrogen
Production by Microalgae

Even if today microalgae do not produce H, with high efficiency and with sufficient
long-term rates, it is likely that with time researchers will find a way to realize
the potential of microalgae for practical hydrogen production. Thus, preliminary
research on some of the technological aspects of this process is important at present.

The first question is how to simplify the sulfur depletion step since the standard
procedure is complex and very expensive since it requires a centrifugation step.
To address this question, a dilution method for S-deprivation was proposed
(Laurinavichene et al. 2002). This method is based on the fact that growing
microalgae consume sulfur from the medium. It involves sulfur deprivation by
dilution of sulfur-replete cultures into either sulfur-limited or sulfur-free medium.
In the first case a small volume of inoculum is introduced into a medium with a
low S content. In the second case, the S-sufficient culture is diluted with medium
without sulfur. Both cultures show a prolonged aerobic phase, with the length of the
aerobic phase dependent upon the sulfur concentration, compared to the standard
S-deprivation procedure, and after this phase they transition to the subsequent
phases with substantial hydrogen production. By changing the sulfur content (up to
certain limit) at the start of the cultivation, it is possible to control the final cell and
Chl concentrations. Another benefit is that it is simpler using this method to keep
the cultures pure.
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Another method for possible simplification of S-deprivation is based on the
discovery of a novel chloroplast-targeted sulfate permease, SulP (Chen and Melis
2004; Chen et al. 2005). SulP catalyzes the uptake of sulfate by the chloroplast in
C. reinhardtii. It is possible to down-regulate the sulfate-uptake capacity of the
chloroplast in C. reinhardtii using antisense technology with the SulP gene. SulP
antisense transformants produced H, even in the presence of 150 uM sulfur at the
beginning of growth (Melis 2007). This finding can greatly simplify the two-stage
system by avoiding the S-deprivation procedure.

It is possible to increase the volumetric rate of hydrogen production using immobili-
zation technology (Tsygankov 2004). With immobilized cultures the cycling between
S-deprivation and S-repletion is very simple since the liquid is separated from the
microalgae. Immobilized cells are widely used for both practical and research purposes
(Brodelius and Vandamme 1987; Guisan 2006). Taking into account the requirement
that the immobilization procedure should not prevent light delivery to photosynthetic
cells, the following immobilization methods are applicable:

— Entrapment in an inert support (transparent gel).

— Binding via immobilized biological macromolecules or attachment to the activated
surface of a translucent matrix.

— Autoimmobilization on a transparent or translucent matrix.

Different kinds of gels have been used for entrapment of cells for more than
20 years (Brodelius and Vandamme 1987). Photosynthetic microorganisms, mostly
purple bacteria, have been entrapped into translucent gels like agar (Vincenzini
et al. 1982a; Vincenzini et al. 1982b; Vincenzini et al. 1986), carrageenan (Francou
and Vignais 1984), poly(vinyl alcohol) (Hallenbeck 1983), and alginate (Hallenbeck
1983; Kosourov and Seibert 2009). Recently, a protocol for entrapment of purple
bacteria into thin latex films was described (Gosse et al. 2007). Unfortunately,
green-algal-cell viability could not be maintained during the drying process inher-
ent to latex film formation (Kosourov and Seibert 2009).

Immobilization of microorganisms in gels has a drawback. Highly concentrated
cells consume substrates and produce products at high rates. In some cases these
rates are limited not by light but by substrate diffusion through the gel matrix
(Vincenzini et al. 1982a). To overcome this drawback, thin layer gels with a matrix
supporthave been used (Gosse et al. 2007; Kosourov and Seibert 2009). Alternatively,
immobilization of purple bacteria on a translucent matrix, like porous glass, with
the possibility of direct contact of the microorganisms with medium, have been
explored (Tsygankov et al. 1993; Tsygankov et al. 1994). To accelerate the procedure
of immobilization authors activated the glass surface by 3-(2-aminoethyl-aminopropyl)-
trimethoxysilane. Application of this protocol to a wide spectrum of photosynthetic
microorganisms showed that the photosynthetic microorganisms covered 2—38% of
the activated glass surface after 1 h of incubation of the microbial suspension in
distilled water with the glass matrix (Tsygankov et al. 1998).

Rapid immobilization may be optimal for microalgae and cyanobacteria. It has
been possible to polymerize translucent polyurethane foam together with microalga
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or cyanobacteria without essential loss of activity (Brouers et al. 1983). The matrix
for coating by gels or for direct immobilization of photosynthetic microorganisms
should be durable and cheap for future possible practical application. In addition,
it should have a high surface-to-volume ratio for high density occupation by
microorganisms. Porous glass has a very high surface-to-volume ratio and is
durable, but very expensive. A glass textile with a linen-like structure made of glass
fibers was proposed as a matrix for immobilization of photosynthetic microorgan-
isms (Laurinavichene et al. 2006). Different textiles with different properties of
glass fibers were tested and an appropriate one (TR-03) was selected. All of them
are available on an industrial scale and at very low cost. The effect of liquid mixing,
sulfate content, acetate levels, and light intensity on H, production of immobilized
C. reinhardtii was studied. It was demonstrated that sulfur deprivation of microalgae
was necessary for hydrogen production. The authors tested two methods of
microalgae immobilization: activation of the matrix by 3-(2-aminoethyl-aminopropyl)-
trimethoxysilane, and autoimmobilization. Autoimmobilization was slower but
much cheaper than matrix activation. Liquid mixing is important to provide homo-
geneous conditions for the cells. The maximum total volume of H, produced by the
cells was 2.4 1 per liter of photobioreactor volume for 23 days with the highest
rate of 11.8 ml h™' 1! of photobioreactor. Cell immobilization significantly increased
the duration of H, photoproduction (up to 4 weeks). Later it was shown that continuous
H, production occurred for at least 90 days under constant flow of the medium
with acetate and micromolar sulfate concentrations (Laurinavichene et al. 2008).
The authors also checked cycling between plus and minus sulfate conditions and
showed that this procedure also increased the duration of hydrogen production.
Nevertheless, it was suggested that heterogeneity in cells concentration resulted in
heterogeneity in the photochemical activity of PSII. The degree of physiological
heterogeneity might depend on the properties of glass matrix itself (which is not
constant), nonequivalent conditions for microalgal cells binding in different parts of
matrix during pre-immobilization, and in inadequate mixing of the medium inside
the photobioreactor. As a result, some parts of the matrix produced oxygen, and
some parts — hydrogen. The produced oxygen inhibited H, production decreasing
the total H, production by photobioreactor.

In contrast to direct immobilization of microalgae on the glass tissue matrix, the
entrapment of microalgae in an alginate gel with black polymer insect screen as a
matrix produced a more homogeneous surface (Kosourov and Seibert 2009).
Furthermore, immobilized cells demonstrated an unexpectedly high resistance of
the H,-producing system to inactivation by atmospheric oxygen. Most probably,
this was the result of slow diffusion of oxygen from the liquid to the gel with the
microalgae. The immobilization procedure resulted in a higher volumetric rate of
hydrogen production, extension of the duration of the process, as well as in lower
oxygen sensitivity. However, all experiments with immobilized S-deprived microalgae
were done using photoheterotrophic conditions with acetate presence. The next step
in the development of the immobilization technology for S-deprived microalgae
should be an investigation of immobilized photoautotrophic cells.
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The next issue that requires a technological solution is the regulation of hydrogen
concentrations. When hydrogenase catalyzes hydrogen production at neutral pH
under an atmosphere of 95% H,, the redox potential of the electron donor for hydro-
genase (Fd in the case of microalgae) should be less than —414 mV (in accordance
with the Nernst equation). The H,-production rate is equal to zero at this redox
potential and is proportional to the difference between the redox potential of the
Fd~/Fd couple and =474 mV. In contrast, at 5% H,, the reaction will start with the redox
potential of the Fd"/Fd couple less than —354 mV. Thus, the rate of H, production
depends on the concentration of H, during the reaction, as has been observed for
S-deprived microalgae (Laurinavichene et al. 2004). The technological issue is:
how to decrease H, concentrations without additional expenses and complicated
devices? Gas selective membranes (Teplyakov et al. 2002) are useful for decreasing
the H, content inside a photobioreactor. The ability of nanotubes made of different
materials to accumulate H, (Niemann et al. 2008) may also be used for accumulation
of H, and its transportation to the outside of the photobioreactor. This technological
approach is still waiting for experimental validation.

3.8 Future Prospects

Two-stage systems based on S-deprived microalgae appeared to be a powerful
approach for investigation of the metabolic pathways and regulatory networks
involved in long-term biological H, photoproduction. However, comparing the
maximum rates of H, production (~12 ml h™' 1", see above) with practical demands
(~20-30 1h' 17!, see Levin 2004; Levin et al. 2004), it can be seen that a more
than 1,000-fold increase in rates is necessary for possible practical application.
Thus, an increase of specific rates of hydrogen production is a challenge and a key
issue for researchers. However, taking into account the complexity of the metabolism
involved in H, photoproduction, it is evident that the solution is not just a change
in a single reaction rate. A careful and detailed study of the whole metabolic
network could provide a key to understanding how to increase the long-term rate of
microalgal H, production by three orders of magnitude. This study must include the
investigation of different single reactions and enzymes by standard and modern
methods, metabolic analyses of the whole set of possible metabolisms by high
throughput methods, genetic engineering for the creation of targeted mutants, and
application of modern technologies for bioprocess development, photobioreactor
design, and the process stability.
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H,-producing enzymes), and the possibility to couple this kind of H, production
processes with waste disposal (Basak and Das 2007).

As it has been said, the main microorganisms involved in this process are PNS
bacteria, a group of anoxygenic photosynthetic bacteria widely distributed in many
natural environments, in particular, in anoxic water environments. In this chapter,
the main features of PNS bacteria and of their application in hydrogen production
processes are discussed, also presenting the open problems still to be solved in order
to make this process economically feasible.

4.2 Purple Nonsulfur Bacteria: Systematics, Habitats,
and Main Metabolic Features

Purple nonsulfur (PNS) bacteria are anoxygenic phototrophic bacteria that contain
photosynthetic pigments and are able to perform anoxygenic photosynthesis under
anoxic conditions; they mainly belong to the taxonomic group Alphaproteobacteria,
even if many species belong to the Betaproteobacteria (respectively, 18 and 3 genera
have been recognized for each group, as described by Madigan and Jung 2009). The
Alphaproteobacteria are divided into three subgroups: a-1 for Rhodospirillum and
relatives, a-2 for Rhodopseudomonas and relatives, and a-3 for Rhodobacter and
relatives (Imhoff 2006). Indeed, it is a very diverse group as regards morphology,
internal membrane structure, carotenoid composition, utilization of carbon sources
and electron donors, cytochrome c structures, lipid composition, quinone composition,
lipopolysaccharide structure, and fatty acid composition (Imhoff 1995). However,
sequence analysis of the proteins composing the reaction center (Nagashima et al.
1997) showed a similarity that suggests a lateral gene transfer for the acquisition of
their phototrophic capacity, even corroborated by the close relation with strictly
chemotrophic relatives (Imhoff 2006).

PNS bacteria can be found in aquatic environments rich in organic soluble matter
as lakes, waste water ponds, and costal lagoons. Some representatives can also be
found in sediments and moist soils, and some even in marine and hyper saline envi-
ronments. They usually occur in temperate habitats, but some PNS bacteria reside
in thermal springs and in cold polar waters (Imhoff 2006). However, eutrophic
ponds are the most common habitat where, only occasionally, PNS bacteria can
form dense blooms; more frequently they inhabit the anoxic or low-oxygen tension
layers of water bodies. At the same time, a suitable light irradiation is preferred even
if not strictly necessary.

The publication of the first complete genome sequence of a PNS bacterium,
Rhodopseudomonas palustris (Larimer et al. 2004), pointed out the metabolic
versatility of these bacteria. Such a complexity of metabolic pathways requires
further discussion. The unique characteristic of purple bacteria is their ability to
form their energy carrier (ATP) in the absence of oxygen by using sunlight as a
source of energy. All PNS bacteria can grow photoheterotrophically using reduced
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carbon compounds as electron donors and carbon source; some species can also
grow photolithoautotrophically using S*, H,, or Fe** as electron donors and CO, as
the sole carbon source (Larimer et al. 2004).

The cycle of anoxygenic photosynthesis is presented schematically in Fig. 4.1: a
photon stimulates the excitation of bacteriochlorophylls in the reaction center and
this energy is used for the release of an electron which reduces the quinone Q. Once
the quinone is doubly reduced (i.e., after a second photon is captured), it picks up
protons from the cytoplasmic space and translocates through the membrane to reach
the cytochrome bc, complex: here electrons are addressed to the cytochrome ¢, (Cytc,)
while protons are released in the periplasmic space. Cyt c, is then able to reduce the
oxidized primary electron donors in the RC, thus closing the cycle. The protons
accumulated in the periplasm form an electrochemical gradient which is used by the
ATP-synthase to generate ATP.

The reduced quinones can open the cycle making the NADH dehydrogenase
working in the “reversed” way to reduce NAD* to NADH, and the succinate dehy-
drogenase can also work “backwards” reducing fumarate to succinate (processes not
shown in Fig. 4.1). The reversed NADH dehydrogenase reaction is also the way to
refurnish the cell with NADH reducing equivalents (Adessi and De Philippis 2012).
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In the presence of O,, anoxygenic photosynthesis in purple bacteria is inhibited
and ATP is synthesized through cellular respiration. Under dark anoxic conditions,
electron acceptors other than oxygen can be used for respiration: some conventional
substrates, such as sulfur and nitrogen compounds, and some “exotic” substrates like
DMSO (dimethylsulfoxide), TMAO (trimethylamine-N-oxide), and even arsenate
and halogenated aromatics (Zannoni et al. 2008).

Depending on the metabolic mode PNS bacteria carry out, carbon compounds
have different roles being not only a carbon source but also a source of reducing
power. In photoheterotrophy they cover both roles, but if some inorganic electron
donor is present, carbon is exclusively assimilated. During respiration, carbon
compounds are mainly oxidized, and only a small part is assimilated. It has to be
stressed that PNS bacteria are also able to fix CO, in autotrophic conditions, using
RuBisCO to refurnish the cell with organic carbon, but some activity of this enzyme
has also been observed during heterotrophic growth in order to equilibrate the redox
state (Tabita 1995).

PNS bacteria are able to use a wide variety of organic carbon compounds,
namely, the intermediates of the tricarboxylic acid cycle, pyruvate and acetate,
organic acids, amino acids, alcohols, and carbohydrates; some of them are high-
lighted in frames in Fig. 4.2. Some species can also use one-carbon atom com-
pounds such as methanol and formate, while some other species grow using aromatic
organic compounds such as benzoate, cinnamate, chlorobenzoate, phenylacetate,
or phenol (Harwood 2008). This versatility is not surprising, considering the vari-
ety of natural environments in which PSN bacteria have been found, as above
reported.

Among PNS bacteria, only Alphaproteobacteria use inorganic sulfur compounds
as electron donors for reductive carbon dioxide fixation during photolithoauto-
trophic growth. In particular, they oxidize sulfide and/or thiosulfate to sulfate and/
or elemental sulfur (Sander and Dahl 2008). That bears witness to a spurious nomen-
clature, as purple “nonsulfur’” bacteria actually use sulfur compounds; it has to be
said that any rate they generally have a lower tolerance to sulfide, resulting in toxic-
ity at lower concentrations than for purple sulfur bacteria.

Purple bacteria can use oxidized nitrogen compounds as electron acceptors,
carrying out denitrification. Many are complete denitrifiers, while some are so-
called partial denitrifiers, because of the four enzymes required for the nitrate
reduction to N, not all are present (Shapleigh 2008). Nitrogen reduction can have
both an assimilatory or dissimilatory purpose. To be assimilated nitrate is reduced
to nitrite and then directly to ammonia (Richardson et al. 2001), but this ability is
not widespread across the group. The preferred way to assimilate nitrogen is fixa-
tion through nitrogenase that reduces nitrogen to ammonia. The enzyme produces
hydrogen as a byproduct, but also functions in the absence of molecular nitrogen
using protons as electron acceptors to dissipate the excess of reducing power in
the cell.

Hydrogen can also be an electron donor for purple bacteria, oxidized by a mem-
brane bound enzyme, named hydrogenase. The reaction can take place in both
directions, depending on the presence or absence of the substrates. A further discus-
sion of these two enzymes is in Sect. 4.3.
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4.3 Enzymes Involved in Hydrogen Production

It is known that nitrogen fixation is related to hydrogen production, for example, it
was calculated that one million tons of H, per year is produced by nodule bacteria
(Evans et al. 1987), well known as nitrogen fixing microorganisms. Nitrogenase is
the enzyme that, in all the N -fixing prokaryotes, including PNS bacteria, is responsible
for hydrogen production, catalyzing the reaction (4.1) that leads to the production
of one H, molecule per molecule of N, fixed.

N, +8H" +8e” +16ATP — 2NH, +H, + 16ADP 4.1

Usually, nitrogen fixing microorganisms also possess a mechanism to uptake the
hydrogen produced in case of need of reducing power dividing it into electrons and
protons (4.2) through the activity to hydrogenase, a membrane bound enzyme, able
to catalyze the reaction in both directions. The uptake reaction is schematically
presented in Fig. 4.1.

H, < 2H" +2¢” 4.2)

High hydrogenase activities have been observed in cells possessing an active nitrogenase;
the hydrogen produced by nitrogenase stimulates the synthesis of hydrogenase in
growing cells, even though the synthesis of hydrogenase is not closely linked geneti-
cally to the synthesis of nitrogenase (Coulbeau 1980).

4.3.1 Nitrogenase

Nitrogenase is a two-protein complex consisting of a dinitrogenase containing Fe
and Mo as cofactors and having a molecular weight of 250 kDa, and of a dinitroge-
nase reductase (containing Fe) of about 70 kDa. Some alternative nitrogenases have
been described by Larimer et al. (2004), namely, a Vanadium nitrogenase and a
Fe-only nitrogenase. The three isozymes produce different ratios of hydrogen and
ammonia (McKinlay and Harwood 2010) as shown in reactions (4.3—4.5).

Mo - nitrogenase : N, +8H" +8¢™ +16ATP — 2NH, + H, +16ADP  (4.3)
V - nitrogenase : N, +12H" +12e” + 24ATP — 2NH, +3H, + 24ADP (4.4)

Fe - nitrogenase : N, + 24H" +24e™ +48ATP — 2NH, +9H, +48ADP (4.5)

Nitrogenase catalyzes a very expensive reaction in terms of energy, and thus it is
very strictly regulated by the presence of dissolved ammonium ions. The regulation
of nitrogenase has been studied in Rhodobacter capsulatus that only contains Mo
and Fe nitrogenases. In Rb. capsulatus, the regulation has been modeled as a three-level
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control mechanism, as described by Masephol et al. (2002), but the regulatory
cascade described for this microorganism might not be applicable to all PNS
bacteria, due to various differences, including a variable presence or absence of the
three isozymes.

As shown in Fig. 4.1, in the absence of molecular nitrogen, the enzyme, catalyzing
reaction (4.6), dissipates the excess of reducing equivalents deriving from other
metabolic processes.

8H" +8e” +16ATP — 4H, +16ADP (4.6)

This is the reaction used for hydrogen production processes; as shown in Fig. 4.1,
nitrogenase under nonnitrogen fixing conditions uses ATP and electrons deriving
from the cyclic photosynthesis: the electrons are transferred to nitrogenase by ferre-
doxins that have been previously reduced in an ATP-consuming reaction.

4.3.2 Hydrogenase

The hydrogenases are iron—sulfur proteins distributed into two main phylogenetically
distinct classes, the [NiFe]-hydrogenases and the [FeFe]-hydrogenases, which contain,
respectively, a Ni and a Fe atom or two Fe atoms at their active site.

The [NiFe]-hydrogenases are the most studied and the kind most frequently
found in photosynthetic bacteria. The synthesis of these enzymes occurs under
anaerobic conditions, and is usually negatively regulated by O,. [NiFe]-hydrogenases
are divided into four groups, according to Vignais (2008), based on their function:

1. Uptake hydrogenases: Respiratory enzymes, which recover electrons from H,,
reducing the membrane-soluble quinones; they are involved in anaerobic
respiration.

2. Cytoplasmic H, sensors: Regulatory enzymes, able to activate the cascade regu-
lating the respiratory hydrogenases in the presence of H,.

3. Bidirectional heteromultimeric cytoplasmic [NiFe[-hydrogenases: Enzymes able
to bind NAD and NADP and to work in both directions, either to generate reduced
nucleotides, or to dispose of exceeding electrons.

4. H, evolving, energy-conserving, membrane-associated hydrogenases: These
multimeric enzymes appear to couple anaerobic oxidation of one-carbon-atom
organic compounds to the production of H..

[FeFe]-Hydrogenases are very uncommon in PNS bacteria, yet its presence in
Rp. palustris is confirmed by the genome sequence (Larimer et al. 2004). This could
be a result of horizontal gene transfer, as it is an enzyme usually found in anaerobic
prokaryotes as clostridia and sulfate-reducing bacteria. In H, production processes,
active uptake hydrogenases are undesirable, as they affect the gas production: in
particular, an inactivation of such enzymes usually leads to an enhanced hydrogen
production (Ooshima et al. 1998; Franchi et al. 2004; Kim et al. 2006; Oztiirk et al.
2006; Kars et al. 2008).
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4.3.3 Conversion of Substrates to Hydrogen

As has been described, hydrogen production in purple bacteria is related to many
metabolic processes that deal with ATP generation (photosynthesis), carbon metab-
olism (TCA cycle and carbon fixation), and nitrogen fixation (see Fig. 4.1). Usually,
all the processes involved in energy generation, as photosynthesis and H, oxidation,
and energy consumption, as N, and CO, fixation, are globally regulated by the two
component system RegB—RegA (Elsen et al. 2000). A deeper understanding of
the relationships occurring among these processes could help improving hydrogen
production by finding the right balance between them.

As mentioned above, the preferred substrates for hydrogen production are the
low-molecular weight organic acids that can easily enter the TCA cycle, which is
very active during anaerobic photosynthetic growth. The scheme (Fig. 4.2) repre-
sents carbon metabolism in PNS bacteria, even if not all species and genera follow
this scheme: for example, Rp. palustris does not have the Entner—Doudoroff path-
way (Larimer et al. 2004). Figure 4.2 shows also the role of the Calvin cycle in
carbon metabolism. Joshi and Tabita (1996) demonstrated that the absence of
the reductive pentose phosphate CO, fixation pathway enhances the synthesis of
nitrogenase even in the presence of ammonium ions, as the reduction of CO, is, in
photoheterotrophy, just another way to dissipate the reducing power deriving from
organic carbon compounds.

An important parameter in the evaluation of the yield of a hydrogen production
process is the substrate conversion efficiency, calculated as the ratio between the
moles of hydrogen produced and the moles theoretically obtainable if all the substrate
were converted to CO, and H,. Thus, considering the most common organic acids
utilized in photofermentation processes (Barbosa et al. 2001), the conversion yields
can be calculated from the following reactions:

Lactate : C,H,O, +3H,0 — 6H, +3CO, “@.7
Acetate : C,H,0, +2H,0 — 4H, +2CO, (4.8)
Malate : C,H,O, +3H,0 — 6H, +4CO, “4.9)

It has to be stressed that these reactions are theoretical, because they are neither
considering the utilization of the substrate for the growth nor the limiting factors
occurring in a culture. On the basis of these reactions, the gas should be expected to
be composed of 66.7% H, and 33.3% CO, when growing on lactate and acetate; 60%
H, and 40% CO, when growing on malate. Actually the gas phase above the culture
is much richer in H, than in CO,, due to a partial solubilization of CO, in the culture
medium and also to a partial fixation to CO, for anabolic reactions. A 100% conver-
sion efficiency was reported by Sasikala et al. (1990), but in a limited culture volume
(2 ml); substrate conversion yields (reported in Table 4.1) mainly range for acetate
between 69 and 75%:; for lactate between 50 and 85%:; for malate from 25 to 88%.
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The conversion efficiency is strongly affected by the C/N ratio in the culture.
Indeed, a high C/N ratio in the culture medium usually leads to higher hydrogen pro-
duction compared with a low C/N ratio, where a higher cell growth occurs (Redwood
et al. 2009). In the latter case, the conversion efficiency decreases due to the con-
sumption of the organic acids for cell growth instead of for hydrogen production.

This problem becomes a very relevant matter when wastewaters or liquors
derived from other fermentation processes are utilized for the production of H, by
means of photofermentation. This matter will be treated in the following section of
this chapter.

4.5 Research on Hydrogen Production Processes
Carried Out with PNS Bacteria

Hydrogen production using PNS bacteria is an attractive process due to the oppor-
tunity of producing a nonpolluting energy vector through a nonpolluting biological
process that can also be combined with the disposal of various kinds of wastes. It is
also possible to couple the production of H, with the production of other valuable
products, as vitamins or biological plastic materials (PHB), or with the use of the
spent biomass itself as a fertilizer. These opportunities are the lights that drive the research
along an uneven path. The hurdles along this path are constituted by the costs and
by the low efficiencies of conversion of substrate and of light into H,. Costs are
related to the type of substrate used for the photofermentation, to the light source
and, mainly, to the construction of photobioreactors. The complex issues regarding
photobioreactors are discussed in Sect. 4.6. There are also energetic costs related
the light sources as well as culture mixing.

The aim of the research in this field is to find the best balance between costs and
yields: if the yield is not very high the costs have to be very limited, but if a very
high yield is reached a higher cost can be tolerated. It is possible to individuate two
different lines in the current research: on the one hand there are groups working with
very low-cost systems, using complex low-cost substrates and natural light sources;
on the other hand there are groups working on the optimization of hydrogen produc-
tion, aiming at obtaining the best production rates with the best technology avail-
able. Regardless of the approach chosen, the goal is a cost-effective process.

4.5.1 Substrates for Hydrogen Production Using PNS Bacteria

4.5.1.1 Synthetic Substrates

The use of synthetic media for hydrogen production process has a very high relevance,
as it describes the behavior of the microorganisms in a controlled system, where the
culture medium is completely defined. Culture conditions are usually very homogeneous
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with regard to temperature and pH, respectively, around 30°C and around 7.0. Based
on the two reviews recently published by Koku et al. (2002) and Kapdan and Kargi
(20006), it is possible to say that acetate, lactate, and malate are the most commonly
used organic acids for hydrogen production; only a little data is available for
butyrate, and some data refer to the use of sugars, such as glucose or fructose.

The C/N ratio is quite variable among the studies reported, as it has to be optimized
according to the microorganism and the carbon substrate used.

Considering the three most frequently utilized substrates, it appears that their
conversion yield is highly dependent on the PNS bacterial strain and on the condi-
tions utilized (Table 4.1), showing a high variability even within the data obtained
with the same substrate. In any case, the best conversion yields are in the range
75-88% (Table 4.1). In all the studies, the maximum rate of H, production was
reported, but quite frequently the mean production rate, which is a parameter of
great interest for practical applications, is not available. The maximum rates reported
range from very low values (about 1-2 ml I! h™") to very high values (103 and
165 ml 17! h7'). In particular, the highest maximum production rate so far obtained
was achieved by using high light intensity with stacked cultures of Rhodobacter
sphaeroides ZX-5 (Li et al. 2009).

However, the little data that is available on light conversion efficiency shows
very low values, thus pointing out that one of the main critical points to be solved is
the efficiency of light utilization by the PNS bacteria. Indeed, it has been reported
that a light conversion efficiency of about 10% should be achieved in order to make
this process economically feasible (Basak and Das 2007; Akkerman et al. 2002).

4.5.1.2 Substrates Deriving from Wastes of Industrial or Agricultural
Processes

As mentioned above, one of the most interesting features of PNS bacteria is their
capability to use, for the production of H,, waste residues derived from industrial or
agricultural processes. This characteristic gives two potential economic advantages
to this process (1) the substrate is free or very cheap, being a waste derived from other
processes; (2) the use of these substrates for H, production processes reduces or
eliminates the cost of their treatment and/or disposal. Moreover, these substrates are,
in many cases, available in large amounts. However, it has to be considered that the
H, production plant must be located close to the site or area of production of wastes,
in order to maintain at the lowest level the expenses for transporting this material.

According to Koku et al. (2002), wastes deriving from sugar refineries (Yetis
et al. 2000), tofu factories (Zhu et al. 1999a), olive mills (Eroglu et al. 2002), municipal
solid wastes (Fascetti et al. 1998), dairy plants (Tiirkaslan et al. 1998), and lactate
fermentation plants (Sasikala and Ramana 1991) have been used, at proper dilutions
and with proper additions, with Rb. sphaeroides. In particular, as they report, the best
waste used with this species was tofu wastewater, considering the high gas production
rates and the fact that the wastewater was not diluted and no addition of other nutrients
was necessary; they obtained a gas production rate of 15.9 ml1-! h™'.
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Hydrogen production using a Rhodopseudomonas sp. strain was investigated by
Singh et al. (1994) using a substrate potato starch, sugarcane juice, and whey: the best
result was obtained with sugarcane juice, which showed a specific rate of hydrogen
production of 45 ml/g of dry weight per hour. De Philippis et al. (2007) reported the
use of a fermentation broth, derived from the spontaneous fermentation of vegetable
wastes, for the production of H, with Rp. palustris; a mean production rate of
16 ml 1" h™! was obtained. Tao et al. (2008) tested three different wastewaters using
Rb. sphaeroides ZX5: a wastewater derived from a succinate producing factory
(mixed with a synthetic medium without carbon source), a wastewater of a fuel
ethanol manufacturer (with a threefold dilution), and a kitchen waste (diluted twofold)
obtaining, respectively, maximum rates of 55, 48, and 45 ml 1-! h™'.

Efforts have been made in order to overcome some of the problems arising from
the use of low-cost substrates (Redwood et al. 2009):

1. Control of the NH,*-dependent inactivation of nitrogenase.
A big concern about the use of these substrates is the low conversion of substrates
and nitrogenase “‘switch off”” due to the presence of nitrogen sources in the sub-
strate. For solving this problem, various approaches have been followed:

* Development of NH,* insensitive strains (Zinchenko et al. 1991; Yagi et al.
1994; Zinchenko et al. 1997).

*  Electroseparation of NH,* from the culture medium (Redwood and Macaskie 2007).

¢ Use of immobilized cultures in anion selective matrices (Zhu et al. 1999b, 2001).

2. A bioreactor design aimed at optimizing the process (discussed in Sect. 4.6).

3. The development of uptake hydrogenase deficient strains.
As discussed in Sect. 4.3.2, the inactivation of uptake hydrogenases leads to
enhanced hydrogen production (Ooshima et al. 1998; Franchi et al. 2004; Kim
et al. 2006; Oztiirk et al. 2006; Kars et al. 2008).

4. The development of PHB-deficient strains.
The biosynthesis of storage material such as poly-beta-hydroxybutyrate competes
with hydrogen production, as it has the same function of dissipating excess reduc-
ing power (Vincenzini et al. 1997; Koku et al. 2002). The development of mutants
with inactivation of the PHB biosynthetic pathway resulted in improved hydrogen
production rates, but only when uptake-hydrogenase activity had also been abol-
ished (Franchi et al. 2004; Kim et al. 2006); the strain with only the PHB biosyn-
thetic pathway deleted did not exhibit increased rates (Franchi et al. 2004).

However, it has to be stated that most of the above-mentioned studies have
been done at a laboratory scale, and their real applicability needs to be verified at a
pilot scale.

4.5.2 Solar Irradiation and Related Issues

As mentioned above, light irradiance is very important factor when using photosynthetic
bacteria and it has to be stressed that in a cost-effective system the best solution
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would appear to be the use of natural solar light. However, there are a number of
problems arising from the use of natural irradiation. They are presented below
together with some new possibilities for enhancing light conversion efficiency.

Even if purple bacteria are able to use a wide range of the solar light spectrum
(400-950 nm), in fact this PAR (photosynthetic active radiation) for purple bacteria
is only 65.8% of total solar radiation (Akkerman et al. 2002). Another problem
comes from the light saturation of PNS bacterial cultures: Miyake et al. (1999)
showed how, in an outdoor experiment, the maximum rates (3.4 1m=2 h™!) were
obtained 2-3 h after the maximum light intensity at noon, while during the period
of the day with the highest irradiation (about 1.0 kW m) hydrogen production rates
were significantly lower, thus indicating probable photoinhibition. The same study
points out how the intrinsic variability of solar light makes the rates vary along with
light intensity during the day: this means that the process is continuously varying
and the rates cannot be constant. It is anyway interesting to observe how after the
night period, when gas production ceases, photoevolution of gas starts again after a
lag period of 2—4 h.

Ozgiir et al. (2009) showed how when passing from indoor experiments to
outdoors, temperature fluctuation becomes a very relevant concern, as temperature
fluctuation decreases H, production by 50%, and being subject to light/dark cycles
further decreases it. In another photobioreactor irradiated by solar light (Eroglu
et al. 2008), but bigger in volume (8.0 1 instead of the 0.550 1 of the previous article
cited), an average production rate 10 ml 1! h~! was obtained when using malate as a
substrate.

In any case, it is evident that absent or insufficient light irradiation stops hydrogen
production, and this has an effect on the total gas production, that is surely lower
than the amount that can be produced by continuous illumination. In this regard, it
is worth considering integrated artificial and solar light systems; as an example a
system has been proposed (Ogbonna et al. 1999) to overcome the solar light variations
during the day, bad weather periods, and the night periods: solar light was collected
by Fresnel lenses equipped with a light-tracking sensor; the solar light collection
device was connected to optical fibers that brought light into light radiators which
homogeneously diffused light into the photobioreactor. This system was equipped
with a light intensity sensor that in the case of insufficient solar light intensity switched
on an artificial light to supply the culture’s light needs. This ingenious system may
have opened up a path aiming to create an homogeneous and continuous hydrogen
production process. However, a careful evaluation of the costs of the use of artificial
light and benefits in terms of increased hydrogen production must be done before
proposing these technologically complex systems.

4.5.3 Scaling Up of the H -Producing Processes

McKinlay and Harwood (2010) stressed the relevance of the energetic yield of
hydrogen production rates compared with crop-based biofuels if only it was possible
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to linearly scale up the actual biohydrogen production processes: with a virtual
production process using Rp. palustris they calculated that it is possible to obtain
23-29 equivalent L of gasoline ha™' day~!, that is much higher than the single equivalent
L of gasoline ha™' day~' obtainable with soybean-based biodiesel. This is actually a
wide margin which leaves many possibilities, since, even if the scaling up were not
linear, it can probably remain more convenient than crop-based biofuels. Some
recent studies concern this aspect which is tightly linked with natural irradiation and
with the use of low-cost substrates owing to the higher costs of a scaled-up process
in comparison with a low volume process.

The passage to a higher culture volume leads to higher amounts of gas production,
but the rates and the efficiencies can be significantly lower than with smaller culture
volumes. Eroglu et al. (2008) carried out a H -producing photofermentation in an
8 L photobioreactor using natural irradiation with Rb. sphaeroides. Various substrates
were tested (malate, lactate, acetate, and olive mill wastewater) and a 10 ml 1! h™!
production rate was obtained with malic acid, while a 3 ml 1! h™! production rate
was obtained with olive mill wastewater (4% olive mill wastewater in distilled
water). De Philippis et al (2007) scaled up the hydrogen production process starting
from a 0.25 L bioreactor to an 11.0 L column photobioreactor using vegetable
wastewater (50% wastewater in distilled water) as a substrate, with Rp. palustris.
Using artificial light irradiation, rates decreased from 16 to 11 ml 17! h™! in the
scaled-up process.

When using much larger volumes, the processes should use a fed-batch processes
instead of a batch, as once the biomass is inoculated it is desirable to use it as long
as possible due to the complex operations needed to manage big volumes of culture.
An example of a fed batch, semipilot scale biomass production process was reported
by Carlozzi and Sacchi (2001): they used a temperature controlled tubular culture
system of 53 1 volume containing growing Rp. palustris under solar irradiation with
an irradiated area of 1.52 m? and a total ground footprint of 2.0 m?. Even though
the process was not aimed at hydrogen production, it highlights the importance of
operating at the right biomass concentration when growing phototrophic bacteria.
The authors indicated an optimal culture concentration of 1 g of dry weight 1! to
obtain the best biomass productivity and also demonstrated that, in order to maintain
this cell concentration, a fed-batch process is necessary.

Boran et al. (2010) have investigated hydrogen production using Rb. capsulatus
in a solar tubular photobioreactor of 801 volume with an illuminated area of 2.0 m?
and a total footprint of 2.88 m?. They artificially illuminated the culture during the
exponential phase of growth, than they started feeding and natural irradiation.
At the end of 32 days, they had obtained 80 I of hydrogen, but gas production
actually started only after 6 days and after cells had reached a concentration of
0.8 gI”'. A mean rate of 0.31 and a maximum rate of 0.74 mol H,m™ h™' were
obtained. They calculated a mean light intensity of 90 W m~2 during the light hours
out of a 13-day period, and on this basis they calculated a conversion efficiency of
1%. However, it has to be stressed that during such a long period of time the solar
light intensity might have undergone many significant variations, and thus calculating
a mean value would appear not to be the best way to evaluate this parameter. They
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also observed that, when the light intensity was below 90 W m=2, hydrogen production
ceased and the substrate was only used for cell growth. However, also considering
that the producing system operated under not yet optimized conditions, the results
seem promising. Indeed, they have shown the feasibility of the scaling up of the
system, and the possibility to maintain a culture of PNS bacteria for a long time (about
1 month) under natural irradiation with a significant production of hydrogen.

4.6 The Issue of Light and of the Geometry of Photobioreactors

One of the most relevant issues to be considered for the optimization of the production
of H, via photofermentation is the photochemical efficiency of the system.
Considering the absorption spectrum of purple bacteria (Fig. 4.3), Miyake (1998)
calculated that for the production of a single molecule of H,, 11 photons are required
at 860 nm; Akkerman et al. (2002) calculated that 14—15.8 photons are required for
amolecule of H, at 522 nm. Even though there are no data available on the quantum
yields at the other wavelengths utilizable by purple bacteria, it has been estimated
that the overall theoretical photosynthetic efficiency (PE) (4.9) is at least 10%. The
details of these calculations can be found in Akkerman et al. (2002).

PE = Free energy of the total amount of H, produced 100, (4.10)

Total energy of the light incident on the culture

Moving from theory to real applications, the value of light conversion efficiency
dramatically drops down not only under natural sunlight, but also under artificial
irradiation. Indeed, high light conversion efficiencies have only been reached using
such low light intensities that the production rates are not high enough to be considered
interesting for a H, production process. Barbosa et al. (2001) observed that higher
light intensities may decrease PE, but usually increase hydrogen productivity.
Miyake and Kawamura (1987) reported light conversion efficiencies of 7.9 and 6.2%
under illumination by a xenon lamp at 50 W m= and by a solar simulator at 75 Wm=2,
respectively: those are very low light intensities to reach a gas evolution significant
for a production process. Thus, it can be seen that light intensity, light quality and
sources, light distribution and photobioreactor design, are all very important issues
for the optimization of H, production with PNS bacteria and are thoroughly treated
in the following paragraphs.

4.6.1 Light Intensity

One of the problems in comparing the data of light efficiency of different H,-
producing systems is due to the lack of homogeneity in the way light intensities are
measured and reported in different papers. Indeed, a first cause of unhomogeneity
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Fig.4.3 Absorption spectrum typical for PNS bacteria. Absorption maxima at 805 and 875 are
due to bacteriochlorophyll a

comes from different ways of measuring light, based on different theoretical assump-
tions, which makes it difficult to convert one unit of measurement to another.
Anyway, to give an order of magnitude of the light intensities more frequently used,
they range in the thousands of lux, usually around 10 klux, and in hundreds of both
umol (photons) m=2 s~ and W m=2.

Another cause of unhomogeneity in the data reported in the literature is related
to the different light requirements of the organisms utilized, and with the character-
istics of the light source used (incandescent lamp, LEDs, solar light), which have
different spectra of emission as well as different intensities and angle of incidence.
It has also to be stressed that in many cases, if not all, the value of the light energy
used for calculating the light efficiency with (4.9) is that impinging on the photobio-
reactor, and not the one actually absorbed by the culture. As an example, Uyar et al.
(2007) indicate, for Rb. sphaeroides, a minimum light intensity of 270 W m~ to obtain
high hydrogen production rates; they state that this value is equivalent to 4,000 lux
and 1,370 umol (photons) m=2s7!.

4.6.2 Light Quality and Sources

When using artificial light, the most used light sources are tungsten lamps as their
emission spectrum covers the absorption spectrum of PNS bacteria (see Figs. 4.3
and 4.4). Particularly important is the near infrared emission, the absorption maximum
of bacteriochlorophylls.
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Fig.4.4 Emission spectrum of a tungsten lamp at an equivalent color temperature of 3,053°K

As tungsten lamps are energy-expensive light sources, some alternatives can be
offered by light emitting diodes (LEDs). Kawagoshi et al. (2010) utilized long-wavelength
LEDs (LW-LEDs), with a maximum emission at 850 nm, to produce hydrogen by
means of a halo-tolerant photosynthetic bacterium. They state that LEDs have a life
time ranging between 20,000 and 30,000 h, while a tungsten lamp lasts for 1,000—
2,000 h, and they prefigure a reduction of energy cost by 98% using LEDs instead
of tungsten lamps.

At the present state of knowledge in technology and processes, it is possible to
predict that the best producing system may come from the optimization of a medium
scaled, naturally irradiated hydrogen production process (Boran et al. 2010), provided
with an artificial light supply switched on as soon as light intensity decreases under
a threshold value (Ogbonna et al. 1999), and where the artificial light is provided by
wavelength-selected LEDs (Kawagoshi et al. 2010).

4.6.3 Photobioreactor Design and Light Distribution

Photobioreactors for biohydrogen production with PNS bacteria are closed systems
that allow the maintenance of anaerobic conditions, and prevent H, gas leakage;
they are characterized by a high illuminated surface to volume ratio, and need for a
mixing system to keep the cells as much uniformly illuminated as possible. A very
large part of literature regarding photobioreactors is dedicated to microalgal cultures,
and mainly for biomass production processes (Ugwu et al. 2007). Even if some light
distribution characteristics can be common, those processes differ significantly from
hydrogen production processes using purple bacteria.

Two main types of photobioreactors are suitable for hydrogen production
processes with PNS bacteria: flat panel bioreactors and tubular reactors; air lift pho-
tobioreactors are not appropriate for this kind of process as it would be necessary to
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bubble argon gas inside the reactor, instead of air, in order to maintain anaerobic and
not-nitrogen-fixing conditions, and this would drastically increase the costs.

Flat panel reactors are rectangular transparent boxes that can be either vertical or
inclined in sun direction. They are only a few centimeters thick (1-5 cm, according
to Akkerman et al. 2002) and this exposes cells to only very short mixing-induced
light/dark cycles, which otherwise decrease hydrogen productivity. The advantage
in using flat panel photobioreactors is the possibility to arrange a set of reactors one
behind the other, at a proper distance, to increase the ground area productivity
(Gebicki et al. 2009).

Tubular photobioreactors consist of transparent tubes placed either horizontally
or with an inclination of 10°-30°, south oriented (Gebicki et al. 2009); mixing is
mechanical and gas is collected at the top of the bioreactor. In these systems, the gas
is collected on one side of the tube and this imposes a limit in length; indeed, the
longer the tube, the longer the time the gas bubble stays inside the reactor where H,
could be taken up by cells, thus decreasing hydrogen productivity.

A relevant aspect when using outdoor cultures is the management of light inten-
sities, not only when they are not sufficient, but also when they are too high, as
mentioned above (Sect. 4.5.2). Wakayama and Miyake (2002) developed a light-shade
bands photobioreactor system and were able to obtain a light conversion efficiency
of 3.5% at 800 W m~2 of solar light intensity, while photoinhibition was observed at
400 W m~ without the shading system.

4.7 Integrated Dark- and Light-Fermentation Processes
for Hydrogen Production

In Sect. 4.5.1, the possibility of producing hydrogen using low-cost starting
substrates in order to minimize the costs of the process was discussed. Another
possible solution is integration with a dark-fermentative H, production processes: in
these kinds of two-stage H, production processes, heterotrophic bacteria are utilized
to ferment sugars producing hydrogen, carbon dioxide, and organic acids which are
subsequently used for photofermentation with PNS bacteria. In this way, the light
independent bacteria and photosynthetic bacteria would provide an integrated system
for maximizing the hydrogen yield from glucose. As glucose fermentation in heterotrophic
bacteria is thermodynamically limited to partial sugar oxidation (4.10), a subsequent
fermentation of acetate by phototrophic bacteria (4.11) could lead to the theoretical
maximum conversion of 12 moles of H, per mole of glucose (4.12).

C,H,0, —2C,H,0, +4H, + 2CO, (4.11)
2C,H,0, +4H,0 — 8H, + 4CO, (4.12)

C,H,,0, —12H, +6CO, (4.13)
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Some very promising results have been obtained by Nath and Das (2005) and by
Asada et al. (2006) that reached, respectively, a global yield of 5.3 and 7.1 mol (H,)
mol (glucose)™' with such integrated processes. The details of the two-stage processes
are discussed in Chap. 7.

4.8 Concluding Remarks

At the present time, increases in energy demands makes it necessary to find new
energy sources, which at the same time reduce the emission of greenhouse gases.
Photofermentative H, production appears promising because of the possibility of
providing renewable and sustainable energy while using free solar light and managing
waste disposal. However, large-scale production is still far from being practical, as
some obstacles remain to be overcome. Several of these challenges were discussed in
specific topics in this chapter; the most pressing open issues are detailed below:

e Light delivery is a very complex problem, involving both light sources and the
design of efficient photobioreactors.

» There are several points concerning substrates. Substrates need to be found that
have the right C/N ratio and are readily available. Large-scale production requires
industrial, retail, and agricultural wastes suitable for photofermentation that are
produced throughout the year, and with a stable composition. Moreover, BioH,
plants will need to be placed near the waste production sites. Therefore, future
factories of this type should be built in locations with large surface areas available,
in order to provide sufficient area for photobioreactors.

e Multiple-organism systems appear to be a promising method for efficient energy
generation (Redwood et al. 2009; McKinlay and Harwood 2010), and, although
scaling up requires solving an number of economic problems, current laboratory
scale data are encouraging.
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Fermentative Hydrogen Production
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5.1 Introduction

Fossil fuels, despite causing serious environmental pollution, represent the most
important source of energy supporting the current economic activity. Easily extract-
able fossil fuel reserves are depleted sometime in the next 50 years, necessitating
the development of alternative renewable energy sources that pose little or no envi-
ronmental hazards (Hallenbeck et al. 2009). Hydrogen is currently being actively
investigated as a promising renewable energy carrier since it produces only water
when combusted, and thus engenders no environmental pollution (Hawkes et al.
2002; Kapdan and Kargi 2006; Hallenbeck 201 1a). Biological hydrogen production
is more advantageous than other methods since it is potentially less energy intensive,
being carried out at ambient temperature and pressure (Kraemer and Bagley 2007;
Nishio and Nakashimada 2004). A variety of biological technologies for hydrogen
production are currently available, including biophotolysis of water using algae/
cyanobacteria, photodecomposition (photofermentation) of organic compounds
using photosynthetic bacteria, dark fermentative hydrogen production using anaerobic
(or facultative anaerobic) bacteria, and bioelectrohydrogenesis (Hallenbeck et al. 2009;
Hallenbeck 2011a).
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Both photosynthetic and fermentative hydrogen production have been investigated
over the last three decades. Photosynthetic hydrogen production is inherently attractive
since its promise is to convert abundantly available solar energy into hydrogen,
using either water (biophotolysis cyanobacteria or green algae) or organic waste
streams (photofermentation—photosynthetic bacteria). However, there are significant
technical barriers to the practical realization of these routes, low light conversion
efficiencies, and the difficulty in constructing low-cost photobioreactors (Hawkes
et al. 2007; Hallenbeck 2011a). On the other hand, fermentative hydrogen produc-
tion has the advantages of being simple, commonly requiring mainly anoxic condi-
tions, using a variety of organic wastes as substrate, and giving a high volumetric
rate of hydrogen production. Thus, fermentative hydrogen production is widely
considered as being more feasible than photosynthetic methods. In addition, since
fermentative hydrogen production consumes organic wastes, useful waste treatment is
carried out with concomittent clean energy production. For these reasons, fermentative
hydrogen production has gained widespread interest and attention in recent years
(Hallenbeck 2011a, b; Li and Fang 2007a).

Bacteria ferment various organic substrates, mainly carbohydrates, by oxidizing
them, generating free energy used to produce ATP, and electrons, which are used to
form reduced products (Hallenbeck 2005; Hallenbeck 2011a, b). Commonly, volatile
fatty acids (VFAs) are produced, but, depending upon the bacterium and the sub-
strate, anaerobic fermentations also lead to the formation of alcohols. These reduced
end products, such as ethanol and butanol, provide one means to regenerate the
oxidized electron carriers necessary for continued substrate assimilation and ATP
generation. However, as is seen below, these reduced electron carriers are also
needed to drive hydrogen production and therefore, alcohol production results in a
correspondingly lower hydrogen yield. In order to maximize the yield of hydrogen,
bacterial metabolism must be directed away from alcohols (ethanol and butanol)
and reduced acids (Hawkes et al. 2002; Hallenbeck 2005).

Hydrogen is one of the reduced products made by many different bacteria, and in
some ways is an ideal fermentation product since it diffuses away from the producing
organism and does not result in medium acidification. Disposal of reducing equiva-
lents generated during fermentation is a major problem in most fermentative bacteria
as metabolic redox balance must be achieved for survival. Reducing equivalents can
be eliminated via proton reduction, facilitated by hydrogenase and the appropriate
electron carriers, leading to the formation of hydrogen. Thus, the activity of
Hydrogenases catalyze the simplest chemical reaction and their activity assures the
disposal of electrons released during the key metabolic oxidations necessary to sus-
tain microbiallife in the absence of external electron carriers (Adams and Stiefel
1998; Hallenbeck and Benemann 2002).

2¢"+2H" > H,

Pathways leading to hydrogen production from various C6 and C5 sugars are
shown in Fig. 5.1. Glycolytic conversion to pyruvate results in the production of
the reduced form of nicotinamide adenine dinucleotide (NADH). Pyruvate can then
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Fig. 5.1 Pathways leading to hydrogen production through dark fermentation. The active fractions,
hexoses and pentoses, derived from wastes or biomass enter the cell and are degraded by glycolysis
(only the steps from glyceraldehydes-3-phosphate to pyruvate are shown) giving ATP, pyruvate, and
NADH. Two different pathways, sometimes in the same organism, convert pyruvate to acetyl-CoA
and either reduced ferredoxin (and CO,) (Pfor-pyruvate:ferredoxin oxidoreductase) or formate (Pfl-
pyruvate:formate lyase). Acetyl-CoA is converted to one or more fermentation products, allowing
oxidation of NADH (ethanol, butanol, butyrate, etc.) and/or formation of ATP. Not all possible path-
ways are shown. Hydrogen is produced from formate by either an [NiFe] hydrogenase, Ech (shown
in green), or by an [FeFe] hydrogenase ([FeFe] hydrogenases are shown in red; the group to which
they belong is also shown). The reduced ferredoxin generated from pyruvate oxidation by the Pfor
pathway can reduce an [FeFe] hydrogenase, generating hydrogen. A number of possibilities using
different [FeFe] hydrogenases exist for generating additional hydrogen through the (thermodynami-
cally unfavorable) oxidation of NADH. Some hydrogenases may be able to use NADH directly. In
some cases, there may be an NADH:ferredoxin oxidoreductase (NFO) present that is able to reduce
ferredoxin with NADH. Both these reductions are quite thermodynamically unfavorable and only
proceed at very low hydrogen partial pressures. Finally, a newly described trimeric hydrogenase
could couple ferredoxin oxidation with NADH oxidation, thus making hydrogen production from
NADH more favorable. Fdox oxidized ferredoxin, Fdred reduced ferredoxin, NFO NADH:ferredoxin
oxidoreducatase, Pfl pyruvate:formate lyase, Pfor pyruvate:ferredoxin oxidoreducatase
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be further converted to acetylcoenzyme A (acetyl-CoA), carbon dioxide, and hydro-
gen by pyruvate—ferredoxin oxidoreductase and one of many hydrogenases.
Alternatively, pyruvate is dissimilated to acetyl-CoA and formate, which is readily
converted to hydrogen and carbon dioxide through the action of either an [NiFe]
hydrogenase (Ech type) or an [FeFe] hydrogenase. Acetyl-CoA is a central interme-
diate that gives rise to a variety of soluble metabolites, such as acetate, butyrate,
ethanol, etc., depending upon cellular requirements for ATP and maintaining redox
balance (Hawkes et al. 2007; Hallenbeck 2011a, b).

Several recent reviews exhaustively treat the molecular details of hydrogen-
producing pathways and how these might be increased using metabolic engineering
(Hallenbeck and Ghosh 2009; Hallenbeck 2011a, b; Hallenbeck et al. 2011), and
thus these areas are not reviewed here. However, fermentative hydrogen production
is a complex process and influenced by many factors, such as inoculum, substrate
type, reactor configuration, temperature, pH, and media components, including
especially nitrogen, phosphate, and metal ions (Li and Fang 2007a). Thus, the goal
of this chapter is to review the various factors influencing fermentative hydrogen
production and discuss possible means of increasing hydrogen production through
their manipulation.

5.2 Process Parameters Affecting Fermentative
Hydrogen Production

5.2.1 Inoculum

Many different culture types have been used to produce hydrogen from various
substrates, and both pure and mixed cultures have been used. Clostridium and
Enterobacter are the most widely used organisms for fermentative hydrogen pro-
duction in pure cultures. Due to the metabolic pathways involved, the yield of
hydrogen from Clostridium species is generally higher than that from facultative
anaerobic Enterobacter sp. (Hallenbeck 2009). The metabolic pathways used in the
two bacterial types are shown in Figs. 5.2 and 5.3. The critical difference is whether
or not additional hydrogen can be extracted from the NADH that is produced during
glycolysis. Clostridium, depending upon the organism, has a variety of pathways
leading to hydrogen production since there are different hydrogenases that can
accept electrons either directly from NADH or indirectly from ferredoxin reduced
by NADH (Fig. 5.1). This leads to a theoretical maximum yield of four moles of
hydrogen per mole of glucose. On the other hand, Enterobacter, such as Escherchia
coli, lack this ability and therefore can, at maximum, produce only two moles of
hydrogen per mole of glucose. Hence, when mixed cultures are to be used, it is
advantageous to select for clostridia species in the inoculum. However, clostridia
have several disadvantages, such as their sensitivity to inhibition by oxygen and their
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Fig. 5.2 The main fermentative pathways of Enterobacter species carrying out mixed acid fer-
mentations. Fermentative hydrogen production from glucose by E. coli, a well-studied facultative
anaerobic bacterium, is shown. Hydrogen is produced through the action of the FHL complex,
including the Ech [NiFe] hydrogenase (hyrogenase 3). The maximum theoretical hydrogen yield
is 2 mol of H, per mole of glucose. The metabolic breakdown of glucose yields succinate, lactate,
acetate, ethanol, and formate as fermentation end products. Succinate production is a rather minor
pathway. Production of acetate generates ATP. Lactate production and formate dissimilation to
CO, and H, occur primarily upon acidification of the medium. The proteins shown in bold with an
astensk have been studied through metabolic engineering in order to enhance the biohydrogen
production. PFL pyruvate formate lyase, FDH formate dehydrogenase, FHL formate hydrogen
lyase, Hyd hydrogenase, CoA coenzyme A

need for specific nutrient and other environmental requirements for spore germination,
if sporulation occurs in response to unfavorable environmental conditions, such as
lack of nutrients (Hawkes et al. 2002).

Although many studies have been conducted using glucose with batch cultures
of pure organisms, a practical process probably necessitates the use of continuous
operation with mixed cultures since the substrate to be used would be organic wastes
or eventually deconstructed ligno-cellulosic biomass, and substrate sterilization
would be too energy intensive and costly. In addition, the use of inexpensive
feedstocks (i.e., wastes) allows for the generation of waste treatment credits.
However, full utilization of such materials requires wide-ranging hydrolytic capaci-
ties, something much more likely to be found with mixed cultures (Hallenbeck et al.
2009). Inocula for mixed culture studies are commonly obtained from sewage
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Fig. 5.3 The main fermentative pathways of organisms like Clostridium. Fermentative hydrogen
production from glucose by C. acetobutylicum, a strict anaerobic bacterium, is shown. Hydrogen
can be produced through the action of PFOR and NFOR. The maximum theoretical hydrogen yield
is 4 mol of H, per mole of glucose, with acetate or acetone as the fermentation end product. The
metabolic breakdown of glucose potentially yields lactate, acetate, ethanol, acetone, butanol, and
butyrate as fermentation end products. Production of acetate generates ATP. Formation of lactate,
ethanol, butanol, or butyrate consumes NADH, reducing the overall hydrogen yield. The proteins
shown in bold with an asterisk have been studied in Clostridium species through metabolic
engineering in order to enhance biohydrogen production. G3PDH glyceraldehyde-3-phosphate
dehydrogenase, PFOR pyruvate ferredoxin oxidoreductase, NFOR NADH:ferredoxin oxidoreductase,
NADH nicotinamide-adenine dinucleotide, red reduced. Three different types of [FeFe] hydroge-
nases have been described in Clostridia. HydA, the classical clostridial hydrogenase that reacts
with reduced ferredoxin, Hnd, an NAD(P)H reactive hydrogenase, and HydABC a novel bifurcating
hydrogenase that reacts simultaneously with NADH and reduced ferredoxin

sludge, compost, or soil (Zhu and Beland 2006; Wang and Wan 2008). However,
mixed cultures need to be pretreated by one of several methods in order to suppress
as much hydrogen-consuming bacterial activity as possible while still preserving
the activity of the hydrogen-producing bacteria (Wang and Wan 2008, 2009).

The pretreatment methods reported for enriching hydrogen-producing bacteria
from mixed cultures include heat shock, exposure to acid or base, aeration, freezing
and thawing, chloroform, sodium 2-bromoethanesulfonate or 2-bromoethanesulfonic
acid, and iodopropane (Mohan et al. 2008; Sompong et al. 2009). Heat shock has been
the most widely used pretreatment method for enriching hydrogen-producing bacteria
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for inocula. However, it is not always as effective in comparison with other methods
as it may reduce the activity of some hydrogen-producing bacteria (Li and Fang
2007a; Wang and Wan 2008). As an alternative, base pretreatment of mixed cultures
with base may prevent a shift in the microbial population to nonhydrogen-producing
acidogens, thus having benefits for fermentative hydrogen production (Kim and Shin
2008). Microbial analysis methods, such as PCR-DGGE, have been used to determine
the community structure of mixed cultures and the changes that may occur after cer-
tain pretreatment (Kim and Shin 2008; Shin et al. 2004).

5.2.2 Feedstocks

Many studies have examined the hydrogen production potential of different carbon
sources varying from simple sugars, such as glucose, to more complex substrates,
such as biomass (Hallenbeck et al. 2009). In general, carbohydrates are the preferred
organic carbon source for hydrogen-producing fermentations. Glucose, either as a
hexose or derived from polymers, such as starch and cellulose, gives a maximum
yield of 4H, per glucose when Clostridium-type organisms are present and when
acetic acid is the by-product while half of this yield per glucose is obtained if butyrate
is the fermentation end product (Hawkes et al. 2002; Hallenbeck 2005, 2009).

C,H,,0, - 2CH,COOH +2CO, +4H,
C,H,,0, - CH,CH,CH,COOH +2CO, +2H,

Glucose and sucrose are the most commonly used pure substrates in both batch
and continuous processes because of their relatively simple structures, ease of bio-
degradability, as well as their presence in several industrial effluents (Kapdan and
Kargi 20006). In addition, they can be readily obtained from the polymers present in
many agricultural and biomass wastes. In the future, to meet the demand for renew-
able energy and for a truly sustainable process, more sustainable feedstocks will
need to be utilized. These may be in the form of sugar-containing crops, such as
sweet sorghum and sugar beet, starch-based crops, such as corn or wheat, or ligno-
cellulosics, such as fodder grass and Miscanthus (Hawkes et al. 2002). The practical
maximum yield, based on four moles of hydrogen per glucose, by mixed or pure
cultures operated at or near atmospheric pressures and mesophilic temperatures is
in the range of 45-60% for either pure substrates or wastes (Fang and Liu 2002).

Dilute substrates, typically 1% TS, e.g., 10 g/l glucose, have been used for hydrogen
production, as dilute substrates have been shown to give the best yields. However,
use of dilute solutions leads to higher heating requirements for mesophilic operation
(Lo et al. 2008). In addition, to increase total volumetric hydrogen production, a
requirement for any practical system, a higher level of total solids must be used.
However, at high-substrate-concentration levels, hydrogen production is often
observed to decrease in proportion to further increasing levels of the substrate, and
yields are usually reduced.
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Some complex substrates may not be ideal for direct use in fermentative hydrogen
production due to their recalcitrance to degradation caused by their structure.
Therefore, pretreatment may be required before they can easily be used by hydrogen-
producing bacteria. For example, the hydrogen yield from cornstalk wastes after
acidification pretreatment was much larger than that from cornstalk wastes without
any pretreatment (Zhang et al. 2007a). Likewise, waste-activated sludge from
wastewater treatment plants contains high levels of organic matter and thus is a
potential substrate for hydrogen production. The ability of hydrogen-producing
bacteria to produce hydrogen from it can be improved after appropriate pretreatment,
such as ultrasonication, acidification, freezing and thawing, sterilization, and expo-
sure to microwaves (Wang et al. 2003; Ting et al. 2004). To maximize hydrogen
production from a particular waste stream, it is recommended to carry out preliminary
studies of different pretreatment methods.

5.2.3 Nutrients

Careful consideration needs to be given to the possible requirement for the addition
of inorganic nutrients for optimal hydrogen production from a particular feedstock.
Nitrogen is an essential component of proteins, nucleic acids, and other cellular
components and therefore its availability can greatly affect the growth of hydrogen-
producing bacteria, as well as, it seems, directly affecting fermentative hydrogen
production (Bisaillon et al. 2006). Fixed nitrogen in the form of an ammonium salt
is the most widely used nitrogen source for fermentative hydrogen production.
Some authors recommend studying the effects of nitrogen sources other than
ammonia on the process of hydrogen production (Wang and Wan 2008).

Phosphate plays a dual role in supporting hydrogen production due to it being an
essential element in microbial nutrition as well as offering buffering capacity. It has
been demonstrated that increasing phosphate concentration in an appropriate range
can increase the ability of hydrogen-producing bacteria to produce hydrogen during
the fermentative process. However, phosphate concentrations at excess can adversely
affect hydrogen production (Lay et al. 2005; Bisaillon et al. 2006). In continuous
studies with Clostridium pasteurianum under phosphate limitation, ethanol, butanol,
and 1, 3-propandiol were the major products from glucose (Dabrock et al. 1992).
Many studies have shown that appropriate C/N and C/P are essential for effective
fermentative hydrogen production (Wang and Wan 2008). For comparison, the C:P
recommended for anaerobic digestion is about 130:1 (corresponding to a COD:P of
350:1 for carbohydrate).

Iron is an essential component of hydrogenase enzymes and, consequently, limi-
tation for iron results in decreased hydrogenase activity. Ferrous (Fe*?) has the most
widely investigated metal ion for fermentative hydrogen production (Wang and Wan
2008). Batch studies with mixed cultures on sucrose found that low iron concentra-
tions favored ethanol and butanol production while maximum hydrogen yields were
observed with the addition of 800 mg of FeCL/I to the growth medium (Lee et al. 2001).
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Reduced fermentation end products, such as lactate, ethanol, and butanol, require
reductant that could otherwise be used for hydrogen production, so their production
must be minimized if H, yields are to be maximized. Therefore, iron must be present
at greater than limiting levels. Thus, for example, batch experiments with glucose
have shown that iron concentrations of less than 0.56 mg/l are growth limiting for
C. pasteurianum and cause significant lactic acid production (Dabrock et al. 1992).
Once again, although trace levels of iron are required for fermentative hydrogen
production, at high concentrations, iron may inhibit the activity of hydrogen-producing
bacteria (Chen and Lin 2003).

Several authors have also investigated the toxic effects of some heavy metals on
fermentative hydrogen production. For example, it was reported that the relative
toxicity of six electroplating metals was in the order, Cu>Ni>Zn>Cr>Cd>Pb
(Li and Fang 2007b), while another study reported that the relative toxicity of three
heavy metals for fermentative hydrogen production was in the following order:
Zn>Cu>Cr (Lin and Shei 2008).

5.2.4 Bioreactor Configuration

Most of the studies on fermentative hydrogen production have been conducted
using batch mode due to its simplicity and ease of control. However, large-scale
operations would require continuous production processes for practical engineering
reasons. The continuous stirred tank reactor (CSTR) has widely been used for
continuous fermentative hydrogen production (Hawkes et al. 2002; Hallenbeck
et al. 2009). However, CSTR have some disadvantages as they are very sensitive to
fluctuating environmental conditions, such as changes in pH and HRT, and washout
of biomass can occur during operation at high dilution rates (Lin et al. 2007,
Hallenbeck et al. 2009). In general, fermentative hydrogen production is somewhat
sensitive to HRT, and, in an appropriate range, increasing HRT increases hydrogen
production while HRT at much higher levels could decrease hydrogen production
proportionally (Chen et al. 2008).

Immobilized cell reactors provide an attractive alternative to conventional CSTR
because they are capable of maintaining higher biomass concentrations and can
operate at short HRTs without the risk of biomass washout. Biomass immobiliza-
tion can be achieved through formation of granules, biofilms, or by using gel entrap-
ment (Li and Fang 2007b). For example, it has been reported that the formation of
granular sludge permitted the attainment of biomass concentrations as high as 32.2 g
VSS/L and enhanced hydrogen production (Zhang et al. 2007b). When compared
with a biofilm-based reactor, the granule-based reactor was better for continuous
fermentative hydrogen production due to its higher capacity for biomass retention
(Zhang et al. 2008). A particular type of immobilized reactor, up-flow anaerobic
sludge blanket (UASB) reactors, have proven to be popular option for continuous
fermentative hydrogen production due to their high treatment efficiency, short HRT,
and excellent process stability characteristics. Establishing a stable granular bed
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may require protracted periods of time, which, however, can be at least partially
compensated by the long period of stable operation that can be obtained (Gavala
et al. 2006; Hallenbeck and Ghosh 2009).

5.2.5 Temperature

Temperature is one of the most important factors that influence the activities of
hydrogen-producing bacteria and hence fermentative hydrogen production. It has
been demonstrated that in an appropriate range, increasing temperature could increase
hydrogen production while much higher temperature levels can suppress it (Wang
and Wan 2008). Of course, the optimal temperature for fermentative hydrogen pro-
duction depends upon the organism or microbial community being used and successful
hydrogen fermentations have been reported both in the mesophilic range (around
37°C) and the thermophilic range (around 55°C) (Li and Fang 2007a). Temperature
may also affect product distribution. For example, one study found that the concen-
tration of either ethanol or acetic acid in batch tests increased with increasing tem-
perature from 20 to 35°C, but it decreased with further increases in temperature from
35 to 55°C. Moreover, the concentration of propionic acid and butyric acid decreased
with increasing temperatures from 20 to 55°C to the extent that they were undetect-
able (Wang and Wan 2008). The changes in soluble metabolites observed with
increasing temperature using mixed cultures suggest changes in metabolic pathways
caused by a shift in which bacteria are dominant at each temperature. As noted before,
in general, hydrogen yields should increase with higher temperatures as the thermo-
dynamics of hydrogen formation become more favorable (Hallenbeck 2005) and
indeed this seems to be the case with yields approaching four moles of hydrogen per
mole of glucose in the extreme case (Zeidan and van Niel 2010).

52.6 pH

pH is another important factor that greatly influences hydrogen production with
either pure cultures or mixed communities through affecting the activities of
hydrogen-producing bacteria. The direct effect on the bacterium seems to affect the
metabolic pathways which are used. With mixed cultures, there is an indirect effect
since the activity of hydrogen-consuming methanogens is inhibited at low pHs.
Although it is often suggested that pH may affect hydrogenase activity, this has
never been directly shown and is difficult to rationalize since the internal pH should
remain constant independent of the pH control of the medium. pH control is impor-
tant as the generation of hydrogen by fermentative bacteria is also accompanied by
the formation of organic acids as metabolic end products (e.g., lactate, acetate, and
butyrate), lowering the pH. These acids accumulate during fermentation causing a
sharp drop in culture pH and subsequent inhibition of bacterial hydrogen production
(Fabiano and Perego 2002; Oh et al. 2003).
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It has been demonstrated that in an appropriate range, increasing pH could
increase the ability of hydrogen-producing bacteria to produce hydrogen during
fermentative hydrogen production while higher pH could adversely affect the results
(Wang and Wan 2008). Up to now, most studies have been conducted in batch mode
without pH control, and therefore only the effect of initial pH on fermentative
hydrogen production has been investigated (Khanal et al. 2004, for example). It is
reasonable to suppose, given the rather marked effects of pH that have been observed,
that pH control of continuous cultures should lead to higher hydrogen productivity,
better control over end product distribution of soluble metabolites, and more stable
operation in general (Karadag and Puhakka 2010). Although the specific pH values
required may differ with species or culture [for an extreme example, see (Collet
et al. 2004)], some generalizations, based on some reported studies, can be made.
A recent study with a pure culture of Clostridium butyricum showed that ethanol and
butyrate formation was favored at low pHs, lactate and formate formation at relatively
high pHs (6 and above), and hydrogen production was maximum at moderately acidic
pHs (pHS) (Masset et al. 2010). Similarly, fermentation of swine manure supple-
mented with glucose with a mixed culture showed that acidic conditions favor butyrate
formation while more basic conditions allow methane formation (Wu et al. 2010).

5.3 Hydrogen Partial Pressure

Hydrogen partial pressure in the liquid phase is one of the key factors affecting hydro-
gen production. Since hydrogen production by hydrogenases is a reversible process,
build up of the product, H,, depending upon the thermodynamics involved, decreases
further conversion of substrate to hydrogen. The effect is different depending upon the
hydrogenase reduction pathway involved. Hydrogen production from reduced ferre-
doxin is much more favorable than hydrogen production from NADH, so it is less
sensitive to this effect. Hydrogen production driven by NADH only proceeds at
relatively low hydrogen partial pressures, so as hydrogen partial pressures increase,
H, synthesis decreases and metabolic pathways shift toward production of other
reduced substrates, such as lactate, ethanol, acetone, and butanol (Hallenbeck 2005).
Thus, a decrease in hydrogen partial pressure should give an enhanced hydrogen
yield. Gas sparging has been found to be one useful technique for reducing hydro-
gen partial pressure in the liquid phase, thereby enhancing the overall hydrogen
yields. For example, lowering dissolved hydrogen by sparging with nitrogen gave a
68% increase in hydrogen yields with a reactor containing enriched mixed micro-
flora operating with 10 g/l glucose-mineral salts at pH 6.0 (Mizuno et al. 2000). In
another technique, the partial pressure of hydrogen was effectively reduced using a
hollow fiber/silicone rubber membrane, resulting in a 10% improvement in the rate
of hydrogen production and a 15% increase in hydrogen yield (Liang et al. 2002).
Of course, in nature, mixed anaerobic cultures accumulate very little hydrogen as
its production is normally balanced by rapid hydrogen consumption by methano-
gens. Thus, mixed microbial cultures must be operated under conditions that
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simultaneously favor the activity of hydrogen producers and reduce the activity of
hydrogen consumers. While in theory it would appear that one way to prevent
interspecies hydrogen transfer would be to remove hydrogen as fast as it was
produced; this is hardly possible in practice given the relatively high affinity of
hydrogen consumers for hydrogen and the relatively slow mass transfer of hydro-
gen from the liquid to gas phase. At any rate, a process that affects hydrogen partial
pressures by dilution, i.e., sparging, would create a dilute hydrogen stream, adding
prohibitive hydrogen concentration costs to the production system.

5.4 Metabolic Control

Most fermentative bacteria cannot tolerate pH values less than 5.0, and therefore
some possess natural homeostatic mechanisms that attempt to limit extreme acidifi-
cation. For example, in bacteria, such as E. coli, a drop in pH triggers hydrogen
production from formic acid, thus removing one acid while at the same time chan-
neling more metabolic flux into lactate, which improves the situation since only one
acid (lactic) is produced from pyruvate rather than potentially two (acetic and formic).
Of course, lactate production is to be avoided since it decreases net hydrogen pro-
duction. As well, as noted above, acid pHs favor butyric acid production over acetic
acid in the Clostridium, and thus less hydrogen is formed. Thus, the microbial
metabolism can be controlled to favor hydrogen production by controlling the pH.
This of course entails costly addition of alkali. Hence, it has been suggested that
acid-tolerant facultative anaerobes possessing a lower pH limit for hydrogen pro-
duction be used in order to reduce alkali consumption (Fabiano and Perego 2002;
Fang et al. 2002). Another approach to improve hydrogen yields is to block the
formation of these acids through redirection of metabolic pathways (Hallenbeck
et al. 2011).

5.5 Population Control

In practice, high hydrogen yields are usually associated with acetate production
while lower yields are found when butyrate is the main fermentation product, as
noted above. This indicates that for optimum hydrogen yield acetate should be
favored as the fermentation end product. Fermentation by mixed cultures generally
results in the formation of a spectrum of products, including reduced end products,
lactic acid, alcohols, and propionic acid. Unfortunately, many researchers erroneously
contend that the observed propionic acid comes at the expense of the produced
hydrogen according to:

C,H,,0, +2H, —» 2CH,CH,COOH +2H,0.
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This fallacy, now often repeated, is based on a single-modeling study which
assumed that this reaction takes place (Vavilin et al. 1995). In fact, this has never
been actually demonstrated. The only organisms known to produce propionate, the
Propionibacteriaceae, ferment lactate to propionate. A blast search shows that not a
single member of this group contains genes encoding either an [FeFe] or [NiFe]
hydrogenase. Thus, propionate cannot be produced at the expense of hydrogen
already generated by a mixed culture. However, the presence of propionate does
mean that reducing equivalents that could have been used for hydrogen production
have been lost from the system since the true substrate for propionate formation,
lactate, is made from pyruvate that otherwise could have been used to generate
molecules capable of driving proton reduction.

Regardless, controlling the makeup of the bacterial population in a mixed culture
is a desirable end, although difficult, if not impossible, to achieve in practice.
Pretreatments that select for spore-forming fermenters, for example heat treatment,
mainly select Firmicutes, excellent hydrogen producers. Other techniques can
include the addition of long-chain fatty acids, for example (Ray et al. 2010a, b).
Genetic techniques are currently used to demonstrate the complex nature of the
bacterial population in hydrogen-producing microflora and the existence of shifts in
this population. For example, gene-profiling techniques have been used to demon-
strate the complexity of a microbial community producing hydrogen from glucose,
and to show that the microbial community changed with pH in the range studied
(pH 4.0-7.0) (Fang and Liu 2002; Fang et al. 2002). Similarly, a study on the effect
of changes in operating pH (from 5.0 to 8.0) on organic acid production by continuous
reactors inoculated with anaerobic digester sludge and fed with a glucose—yeast
extract medium showed that acid production switched from butyrate to propionate
as the pH increased. This was attributed to a change in the dominant microbial
population rather than a metabolic pathway change within the same bacterial popu-
lation, which would be expected to occur more quickly than the observed transition
period of around 120 h (Horiuchi et al. 2002). One very useful and powerful technique
that can be used in general to follow the composition and evolution of bacterial
populations is PCR coupled with DGGE analysis. Usually, 16 S DNA is targeted,
since this is the usual case in environmental studies, where phylogenetic character-
ization of widely different organisms is required, but in fact, for the study of hydrogen-
producing fermentations by mixed cultures, a functional probe (i.e., hydA) is probably
much more useful (Quéméneur et al. 2011).

5.6 Conclusions

Much has been learned about hydrogen production by dark fermentation. Many
studies with pure cultures have enabled the detailed characterization of some of the
mechanisms involved and the application of genetic engineering to increase yields.
However, practical processes probably involve the application of mixed cultures and
nonsterile conditions. Maximization of hydrogen production and yields under these
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conditions involves the optimization of different process parameters, as detailed in
this review. A number of factors have been shown to affect hydrogen production by
continuous cultures with mixed microflora, including N/C, pH, temperature, and
reactor configuration. In most cases, this reflects changes in the microbial popula-
tion, although more subtle changes might arise from metabolic shifts within the
resident population. To understand these dynamics in greater detail and thus to more
accurately be able to control the fermentation, a detailed characterization of the
relevant microbial populations on the molecular level is required. This should be a
major consideration for future studies.
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6.1 How Does an MEC Work

Figure 6.1 shows the essential physical components of an MEC that consists of an
anode, a cathode, a membrane, electrochemically active microbes, and a power sup-
ply. Microbes in the anode chamber break down organic matter and release elec-
trons and protons. Driven by the electrode potential set by the power supply, the
electrons travel through the wire and combine with the protons at the cathode to
form H,. This process has been referred to as bio-electrochemically assisted micro-
bial reactor (BEAMR) (Liu et al. 2005; Ditzig et al. 2007) and biocatalyzed elec-
trolysis cell (BEC) (Rozendal et al. 2006b). With acetate as a substrate, the electrode
reactions can be written as follows:
Anode

CH,COO™ +4H,0 =2HCO, +9H" +8¢" 6.1)
Cathode
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Fig. 6.1 Schematic of a microbial electrolytic system. Anode and cathode are separated by a
proton exchange membrane (PEM) with a power supply as the driving force for electrons flow
from anode to cathode
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Overall reaction

CH,COO™ +4H,0 =2HCO, +H' +4H, (6.3)

6.2 Stoichiometry and Energetics

For the anode reaction (6.1), the electrode potential can be written as follows:

5o _RT,[CH,COO]

Ean = an ﬁ’
8F  [HCO, J'[H']

(6.4)

where E_° (0.187 V) is the standard electrode potential for acetate oxidation,
R (8.314 J/K/mol) is the universal gas constant, 7 (K) is the absolute temperature,
and F (96,485 C/mol e) is Faraday’s constant.

For the cathode reaction (6.2), the electrode potential can be written as follows:

=B -y P, (6.5)
2F [H']
where E_° (0 V) is the standard electrode potential for hydrogen.
For electrode reactions in MECs at pH 7, the anode potential is calculated
as —0.279 V and the cathode potential is —0.414 V.
The equilibrium voltage of the overall reaction can be calculated as follows:

E, =E, -E, =(-0414)-(-0.279)=-0.14V. (6.6)

The negative equilibrium voltage indicates that hydrogen cannot be produced
from acetate spontaneously and that an additional voltage (at least 0.14 V) has to be
applied in order for the reaction to proceed. In practice, the applied voltage is nor-
mally lager than the theoretical equilibrium voltage (£,) due to the internal losses
in the system. Experiments have demonstrated that an applied voltage of 0.2 V or
more is needed to obtain reasonable current density and thus useful hydrogen pro-
duction rates (Rozendal et al. 2006b; Cheng and Logan 2007a).

6.3 Electrochemically Active Microorganisms
and Their Plausible Electron Transfer Mechanisms

Hydrogen generation in an MEC is directly linked to the ability of electrochemi-
cally active microbes on the anode to facilitate the transfer of electrons from sub-
strate to anode. Only a few papers have been published since this concept was first
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reported in 2005. More research efforts have been made on microbial fuel cell
(MFC) technology, which utilizes bacterial catalysis to directly convert the chemi-
cal energy in organic materials to electrical energy (Logan et al. 2006). Despite the
different cathode reactions in MECs (generating hydrogen) and MFCs (generating
electricity), they share some similar processes, such as electron transfer from
microbes to electrode and the proton transfer from anode to cathode. Although the
microbial activity and the impact of electrode materials on electron transfer might
be affected by the applied external voltages, and/or different solution chemistry, for
example, dissolved oxygen (in MFCs) and hydrogen (in MECs), the general elec-
tron transfer mechanisms and the suitable electrode materials in MFCs might be
applicable in MECs.

The electrochemically active microorganisms in MFCs have been referred to as
exoelectrogens (Logan and Regan 2006), electrogens (Lovley 2006), anode-respir-
ing bacteria (Torres et al. 2007) in previous publications. Different genetic groups
of bacteria have shown electron transfer activity to anodes, including 3-Proteobac-
teria (Rhodoferax) (Chaudhuri and Lovley 2003), y-Proteobacteria (Shewanella and
Pseudomonas) (Kim et al. 1999; Rabaey et al. 2004), 5-Proteobacteria (Aeromonas,
Geobacter, Geopsychrobacter, Desulfuromonas, Desulfobulbus)(Bond et al. 2002;
Pham et al. 2003; Holmes et al. 2004), Firmicutes (Clostridium) (Park et al. 2001),
and Acidobacteria (Geothrix) (Bond and Lovley 2005). The mechanisms used for
exocellular transport of electrons by these bacteria are still being studied. It has been
demonstrated that cell-bound outer membrane cytochromes and conductive pili
(nanowires) may play a key role in electron transfer for some Geobacter and
Shewanella species (Gorby et al. 2006; Myers and Myers 1992; Reguera et al.
2005). Alternatively, some exoelectrogens, such as Pseudomonas aeruginosa
(Rabaey et al. 2005) and Geothrix fermentans (Bond and Lovley 2005), excrete
mediators to shuttle electrons to surfaces.

Electrochemically active microbes can be enriched from various environments,
such as domestic wastewater (Liu et al. 2004), ocean sediments (Reimers et al.
2001), and anaerobic sewage sludge (Kim et al. 2005). Mixed cultures have been
applied in most MEC studies (Call and Logan 2008; Cheng and Logan 2007a; Hu
et al. 2008; Liu et al. 2004; Rozendal et al. 2006a, b, 2007; Tartakovsky et al. 2009).
Shewanella oneidensis MR-1 has been examined in a singe chamber MEC, but
exhibited much lower hydrogen production rate under the same operational condi-
tions (Hu et al. 2008).

6.4 MEC Design

6.4.1 Anode

Enhancing the electron transfer from microbes to the anode in MECs is a critical step
for the improvement of hydrogen production efficiency. Electron transfer efficiency
in turn is limited by the properties of the anode, such as conductivity, biocompatibility,
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chemical stability, surface area, surface charge, etc. The most versatile electrode
material is carbon that can be fabricated with different morphologies, such as carbon
cloth (Liu et al. 2005; Hu et al. 2008), carbon paper (Ditzig et al. 2007), graphite felt
(Rozendal et al. 2006b, 2007; Tartakovsky et al. 2009), graphite granules (Cheng and
Logan 2007a; Ditzig et al. 2007), and graphite brushes (Call and Logan 2008; Logan
et al. 2007). Carbon cloth and paper can be easily cut into various shapes fitting to
reactors and connected with wires. In order to increase anode performance, carbon
materials was also treated with high temperature ammonia gas process, which
resulted in a faster start-up and increased current density (Cheng and Logan 2007b).

6.4.2 Cathode and Cathode Catalysts

Carbon-based electrode materials, such as carbon cloth were also used as cathodes
in MECs (Liu et al. 2005; Hu et al. 2008). However, previous metal catalysts, such
as platinum, are commonly used in MEC systems to enhance the hydrogen evolu-
tion reaction on cathodes (Call and Logan 2008; Cheng and Logan 2007a; Hu et al.
2008; Liu et al. 2005; Rozendal et al. 2006b, 2007; Tartakovsky et al. 2009).
Recently, some low-cost cathode materials, such as nickel alloys and stainless steel,
were evaluated in MECs and demonstrated a comparable performance with those
coated with platinum (Hu et al. 2009; Selembo et al. 2009; Call et al. 2009). In addi-
tion, biocathodes that use bacteria as cathode catalysts were also explored in MECs
for hydrogen production (Rozendal et al. 2008a).

6.4.3 Membrane

Membrane is used in a two-chamber MEC system to separate the anode chamber and
the cathode chamber. Cation exchange membranes (CEMs), such as Nafion®, CMI-
7000 (Membranes International, USA), and Fumasep FKE (FuMA-Tech GmbH,
Germany) were used to facilitate the transport of protons from anode into cathode in
MEC:s (Liu et al. 2005; Rozendal et al. 2006b). The drawback of using this type of
membrane in MECs is that a pH drop in anode chamber may occur due to the faster
charge transfer rates of other cations than protons across the membranes (Gil et al.
2003; Rozendal et al. 2006a, 2007; Kim et al. 2007). Anion exchange membranes
(AEMs), such as AMI-7001 (Membranes International, USA) demonstrated a better
performance in MECs (Cheng and Logan 2007a; Rozendal et al. 2007) due to the
transportation of negatively charged pH buffers, such as phosphates and bicarbonate,
which can facilitate the proton transfer (Fan et al. 2007). Bipolar membranes (BPM)
and charge mosaic membranes (CMM) were also examined in MECs (Rozendal
et al. 2008b). With respect to the transport numbers for protons and/or hydroxyl ions
and the ability to prevent pH increase in the cathode chamber, the ion exchange mem-
branes are rated in the order BPM >AEM >CMM > CEM (Rozendal et al. 2008b).
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Fig. 6.2 Photos of various MEC designs: (a) an H-type two-chamber MEC; (b) a large cube-type
MEC; (c) a cube-type MEC with a graphite brush anode; (d) a small cube-type MEC; (e) a disc-
shaped MEC; (f) a disc-shaped MEC with membrane electrode assembly; (g) a rectangular-shaped
MEC with biocathode; (h, i) two bottle-type single-chamber MECs. Figure modified from Logan
et al. (2008)

6.4.4 MEC Systems

MEC:s are typically designed as a two-chamber system with the bacteria in the anode
chamber separated from the cathode chamber by a membrane (Fig. 6.2). The use of
membrane not only reduces the crossover of fuels and bacteria from the anode to the
cathode chamber but also helps maintain the purity of the hydrogen gas evaluated
on the cathode. Figure 6.2 illustrates the MECs designs developed in the past 3
years, including: (1) a H-type MEC with carbon cloth electrodes and a Nafion mem-
brane (Fig. 6.2a, Liu et al. 2005); (2) cube-type MECs with graphite granules anodes,
carbon cloth cathodes, and a Nafion membrane (Fig. 6.2b, Ditzig et al. 2007) or an
AEM (Fig. 6.2d, Cheng and Logan 2007a, b); (3) disc-shaped MECs with a graphite
felt anode, a titanium mesh cathode, and a Nafion membrane (Fig. 6.2e, Rozendal
et al. 2006b), or with a membrane electrode assembly (Fig. 6.2f, Rozendal et al.
2007); (4) a rectangular-shaped MEC with a graphite felt anode, a graphite felt bio-
cathode, and a cation-selective membrane (Fig. 6.2g, Rozendal et al. 2008a).
Single-chamber system was recently developed by removing membranes from two-
chamber systems (Call and Logan 2008; Hu et al. 2008). Hu et al. (2008) used glass
bottles as the main bodies of the reactors and carbon cloth as electrodes, which were
separated by a cloth layer to prevent short circuit (Fig. 6.2h, i). Call and Logan (2008)
developed a cube-type single-chamber MEC with a graphite brush anode and carbon
cloth cathode (Fig. 6.2c). Significant enhancement on hydrogen production rate was
observed due to the reduced internal resistances (Call and Logan 2008; Hu et al. 2008).
In addition, issues related to membranes, such as clogging, degradation, and high cost
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can be avoided in the single-chamber MEC system. The main challenges of using such
a system for practical applications may include downstream hydrogen separation from
other biogases, such as CO, and H,S, and potential hydrogen loss due to the consump-
tion by other microorganisms (Hu et al. 2008).

6.5 Operation of MEC Systems

6.5.1 Inoculation

Four methods are commonly used to inoculate MECs: (1) Operating MFCs till
reaching stable power generation and then transferring the anodes to MECs (Liu
et al. 2005; Call and Logan 2008; Logan 2008; Hu et al. 2008). This procedure
ensures the enrichment of exoelectrogenic community on anodes and provides a
rapid start-up for MEC operation; (2) Using the effluent from running MFCs/MECs
or scraping biofilms from these anodes (Cheng and Logan 2007a; Rozendal et al.
2007); (3) Directly using wastewater or anaerobic sludge as seeds (Liu et al. 2005;
Rozendal et al. 2006b; Tartakovsky et al. 2009); and (4) Using cultured pure bacte-
rial species (Hu et al. 2008).

6.5.2 Applied Voltage

A power supply is required in MECs to provide the additional voltage needed for
hydrogen production. The positive pole of the power supply is connected to the
anode and negative pole is connected to the cathode. In spite of the theoretically
minimum applied voltage of 0.14 V, most MECs were operated at applied voltages
of 0.3-1.0 V (Cheng and Logan 2007a; Call and Logan 2008; Hu et al. 2008).
Applied voltages above 1 V are not recommended because the electrical energy
input is so large that the microbial electrolysis process becomes closer to a water
electrolysis process (Kinoshita 1992). Although hydrogen production was detected
at applied voltage of 0.2 V (Cheng and Logan 2007a), applied voltages lower than
0.3 V may result in low hydrogen production rate and erratic system performance
(Liu et al. 2005; Rozendal et al. 2006b).

6.5.3 Gas Collection

Gas produced in MECs can be collected and measured either by intermittent or
continuous gas release method in laboratory (Logan et al. 2008). For intermittent
gas measurement, the MECs must be gastight enough to withstand the build up of
gas pressure in the headspace. Continuous gas measuring in MECs has been carried
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out using a water displacement by connecting a gastight gradual cylinder with
MECs (Hu et al. 2008), or an anaerobic respirometer system (Cheng and Logan
2007a), or a flow meter (Rozendal et al. 2007). Greater hydrogen production rate
and Coulombic efficiency were reported in a system with intermittent gas release
than that with continuous gas release (Ditzig et al. 2007). However, the underlying
reasons for the difference are still not clear. Long tubing and fittings should be
avoided as they can lead to considerable hydrogen gas loss.

6.5.4 Methanogenic Inhibition

Significant amount of methane was detected accompanied by a decrease in hydro-
gen production rate in single-chamber MECs after a few weeks operation with
mixed cultures (Call and Logan 2008; Hu et al. 2008). Control experiments indi-
cated that methane was produced mainly through the catalytic activities of hydrog-
enotrophic methanogens on cathodes (Hu et al. 2008). Among the several methods
investigated for methanogenesis inhibition, exposing cathodes to air periodically
seems an effective practice (Hu et al. 2008; Call and Logan 2008). Lowering pH to
5.8 was not very effective in suppressing methanogens and heat treatment of anodes
or inoculums significantly inhibited the activities of electrochemically active micro-
organisms (Hu et al. 2008).

6.6 Evaluation of MEC Systems

6.6.1 Current Density

Current density (i,) is used to evaluate the electrode performance and can be calcu-
lated as follows:

i =114, (6.7)

where [ is the current generated at a certain applied voltage, which can be measured
directly by a current meter or calculated through the measurement of voltage (V)
across a small resistance (R) (I = V/R); A is the anode surface area.

Volumetric current density was also used to evaluate the performance of the
whole reactor by normalize the current to the MEC volume (Call and Logan 2008;
Logan et al. 2008). High current density implies high potential of an MEC system
to achieve high hydrogen production rate (Logan et al. 2008). Since current density
is affected by the applied voltage (Logan et al. 2008; Logan 2008), the comparison
among reported current densities should be based on same or similar applied volt-
age. The reported current densities of MECs were in the range of 0.5-16 A/m?
(3-355 A/m®) (Table 6.1).
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6.6.2 Cathodic Hydrogen Recovery

The cathodic hydrogen recovery (r_ ) is defined as the percentage of current used in
producing hydrogen on the cathode. It can be used to evaluate the potential hydro-
gen loss in MECs due to gas leakage and/or electron and hydrogen consumptions on
cathode. It can be calculated as follows:

roo=—t (6.8)

where V is the cumulative volume for H, at sample time 7 and V/, is the expected
biogas production at sample time #, which can be calculated based on the integrated
current over time, as given by:

Vi [ 1ar

) 6.9
Ty (69)
where V, is the molar gas volume (25,200 mL/mol at 30°C), [ is the current, F'is
Faraday’s constant (96,485 C/mol), and 2 is for 2 mol e/mol H,. The reported
cathodic hydrogen recoveries are in the range of 50-100% (Table 6.1).

6.6.3 Coulombic Efficiency, Hydrogen Recovery, and Hydrogen
Production Rate

Coulombic efficiency (Cy) is the percentage of substrate used in producing current.
C, can be calculated as a ratio of total recovered coulombs obtained by integrating
the current over time to the theoretical coulombs that can be produced from the
substrate, as given by:

C.=—="—, (6.10)

where b is the number of moles of electrons produced per mole of substrate; v is the
volume of substrate solution; and AC is the concentration difference of substrate
from time O to time 7 (mol/L).

The overall hydrogen recovery (r,; ) can be calculated as the product of cathodic
hydrogen recovery and Coulombic efficiency, as given by:

h, = T Ce- (6.11)

Overall hydrogen recoveries of 91% using acetate and 71% using glucose were

reported (Cheng and Logan 2007a).
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Hydrogen production rate is another parameter in evaluating MEC systems,
which is usually normalized to the reactor volume (QHZ",,m3/day/m3). Hydrogen
production rates in MECs have reached 2 m?*/day/m? at an applied voltage of 0.6 V
(at the time of this writing) (Table 6.1).

6.6.4 Energy Efficiency

In an MEC system, the energy inputs are electricity and substrates consumed and
the energy output is hydrogen produced. The energy efficiency can be calculated
based on only electrical input (electrical energy efficiency) or based on both electri-
cal and substrate inputs (overall energy efficiency).

The electrical energy efficiency (7,) can be calculated as follows:

W,

H, _

ny AGHZ

Mg = 6.12)

We B V-J.(;Idl‘ ’

where W, is the amount of energy recovered as hydrogen, W, is the amount of elec-
trical energy applied to the system, 7 is the number of moles of hydrogen produced
by time 7; AG, (=-237.1 kJ/mol) is the energy content of hydrogen based on its
oxidation by oxygen to water (Lide 1995); Vis the applied voltage, and I is the cur-
rent generated at applied voltage V.

The overall energy efficiency (7)) can be calculated as follows:
ny AGy

H,

= , (6.13)
WetWs v 1dr+n,AG,

T.lEJrS =

where W is the amount of chemical energy consumed, 7 is the number of moles of
substrate consumed by time #; AG is the Gibbs free energy change of the oxidation
of substrate to CO, and water.

When a higher voltage is applied, MECs obtain more energy from electricity
than from substrates (Call and Logan 2008; Logan 2008). Thus, a small applied
voltage should be used in order to maximize the renewable energy production. An
electrical energy efficiency of 351% and overall energy efficiency of 86% were
achieved in recent studies (Call and Logan 2008) (Table 6.1).

6.7 Outlook

MEC technology shows great potential in hydrogen production from renewable
biomass due to its high-energy conversion efficiency and its capability in utilizing
various biomass resources. Direct generation of hydrogen from wastewater and
simultaneously accomplish wastewater treatment is a niche application of this



104 H. Liu and H. Hu

technology, especially for high strength industrial waste streams. Another niche
application is the combination of MEC system with fermentative hydrogen produc-
tion system. Such a combination may increase the overall hydrogen production rate
and hydrogen recovery. With breakthroughs in enzymes for efficient biomass hydro-
lysis, it is also possible to develop a viable MEC system for hydrogen production
from lignocellulosic biomass.

While the microbial electrolysis has tremendous potential, the development of
this technique is still in its infancy. Enhancing hydrogen production rate while at the
same time lowing material costs is the greatest challenge for realizing the practical
applications of this technology. This challenge is expected to be overcome through
the development of cost-effective electrode materials, isolation, and/or engineering
of highly efficient electrochemically active microbes, and optimization of reactor
design.
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Chapter 7
Combined Systems for Maximum
Substrate Conversion

Alessandra Adessi, Roberto De Philippis, and Patrick C. Hallenbeck

Keywords Two-stage systems ® Maximum hydrogen recovery ® Methanogenesis
* Photofermentation * Microbial electrolysis ® Hydrogen—methane mixture « Waste
treatment « COD

7.1 Introduction

In this section, a number of chapters have discussed various microbial processes for
producing hydrogen from different substrates, either water, or some carbon compounds.
Fermentative hydrogen production would appear to have some advantages, at least
for nearer term application. For example, high volumetric rates of hydrogen production
from a number of waste streams can already be demonstrated over long periods of
time on the pilot scale using mixed cultures and nonsterile conditions. This is possible
since known, relatively reactor technology can be used, and since bioprocess param-
eters and controls are relatively well understood. However, as discussed in Chap. 5
and covered in detail elsewhere (Hallenbeck and Ghosh 2009; Hallenbeck 2005,
2009, 2011; Hallenbeck and Benemann 2002), a truly practical application of this
technology is hindered by the relatively low yields obtained. Typically, under the
best of circumstances these range from 2 to 3 mol of H, per mole of hexose in
the substrate (10.3-15.6 mmol H/g COD). Since in principal 12 mol of H, could be
produced per hexose, this represents a serious shortfall. Not only does the process
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fail to extract all the available energy in the substrate, but also, given the metabolic
pathways involved, this means that two thirds of the substrate is converted into
byproducts. At any appreciable scale, these become nuisance waste products requiring
further waste treatment before disposal. As discussed in more detail below, and
elsewhere (Hallenbeck 2009, 2011), no known organism possesses a metabolic
pathway capable of extracting more than 4 mol of hydrogen from a hexose, creating
an apparent roadblock to the use of fermentation technology in the practical generation
of hydrogen as a biofuel. Nevertheless, one way forward is to develop methods
to extract additional energy from the byproducts of the hydrogen fermentation.
To accomplish this, various two-stage systems, with an optimized dark fermentation
as the first stage, have been proposed (Hallenbeck and Ghosh 2009) (Fig. 7.1) and
are discussed in some detail in this chapter. These include a methane digestion of
the byproducts giving additional energy in the form of methane, photofermentation,
or microbial electrolysis to give additional hydrogen in the second stage. First some
of the theoretical issues are outlined below, and then each of the possible second
stages currently under development are discussed.

7.2 General Theoretical Issues

The production of hydrogen by heterotrophic fermentations can be carried out by a
wide variety of microorganisms, either strict anaerobes and facultative anaerobes. A
wide range of organic substrates can be used by these microorganisms for the pro-
duction of hydrogen, but, for the sake of brevity, only glucose will be considered as
model substrate for the theoretical calculations of hydrogen yield.

The complete oxidation of glucose to H, and CO, would give 12 mol of hydrogen
per mole of glucose (7.1), but is thermodynamically unfavorable owing to a positive
value for AGY".

»
'

Fig.7.1 (continued) action is to convert the various fermentation products of the first stage into
methane. Archaea carry out methanogenesis (i.e., the production of methane), shown by the blue
hexagon, and can use acetate, produced in the first stage, directly. Associated syntrophic bacteria,
shown as the purple trapezoid, oxidize other fermentation products from the first stage to sub-
strates that can be used in methanogenesis; acetate, Hzﬁ and CO,. Photofermentation as a second
stage is shown in the middle right. Usually a pure culture of a purple nonsulfur photosynthetic
bacterium is used to convert the organic acids produced in the first stage dark fermentation to
hydrogen. These organisms use the captured light energy to drive reverse electron flow (shown as
a light blue cylinder) producing the necessary low potential electrons as well as the ATP required
for nitrogenase, the hydrogen producing enzyme system in this case (shown in red). A microbial
electrohydrogenesis cell as a second stage is shown in the lower right. Here bacteria in the anodic
chamber (shown in green) degrade the fermentation products from the first stage and donate
electrons to the anode. Additional voltage is added via a power supply and hydrogen is evolved at
the cathode in the cathodic chamber (shown in blue) (reproduced from Hallenbeck and Ghosh
(2009), by permission)
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Fig. 7.1 Different possible two-stage systems for the complete conversion of substrate. In the first
stage (shown on the left) substrate is fermented to hydrogen and various fermentation products,
which vary with organism and conditions. The two types of fermentation pathways are shown
within the blue box on the left. Glycolysis of sugars produces pyruvate from which hydrogen and
other fermentation products are derived. Hydrogen is either produced either from formate via an
Ech (NiFe) hydrogenase in enterobacterial-type fermentation (right in the blue box) or from
reduced ferredoxin via a FeFe hydrogenase in clostridia-type fermentations (left in the blue box).
Additionally hydrogen can be derived from NADH in clostridia-type fermentations, although the
molecular details are unclear and may involve a NADH-dependent FeFe hydrogenase, at least in a
few cases (as shown by the dashed pink box). In both cases, the formation of acetate provides ATP
synthesis. As discussed in the main text, acetate and the other fermentation products can then be
fed into a second stage reactor (right panels), in which additional energy is extracted, either in
the form of methane in the case of anaerobic digestion, or hydrogen for photofermentations or
MEC:s. In the latter case additional energy is required for the second stage of the process: light for
photofermentation and electricity for MECs. Anaerobic digestion as a second stage is shown in the
upper right. Anaerobic digestors contain a community of different organisms whose concerted
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n
Glucose + 6H,0 T T 12 H, + 6CO,
or e e e e e >
4H,+2CO,
AGY
-206.3 k) mol!
acetate
Dark anaerobic fermentation Light anaerobicfermentation
(chemoheterotrophs) (photoheterotrophs)

Fig. 7.2 Complete oxidation of glucose by combining dark and light fermentations; on the y axis,
Gibbs’ free energy at standard conditions; the dark arrows indicate the thermodynamically favor-
able reactions; the gray dotted arrows indicate the thermodynamically unfeasible reactions [AG”
values derived from Thauer et al. (1977)]

C.H,,0, +6H,0 - 12H, +6CO.,. (7.1)
AG” = +3.2kJ/mol.

Thus, only a partial oxidation of glucose to acetate, CO,, and H, (7.2) is possible,
with a maximum yield of 4 mol hydrogen per mole of glucose and a negative value
of AG”. This is described in reaction (7.2) and schematically presented in Fig. 7.2.

C,H,,0, +2H,0 — 2C,H,0, +4H, +2CO,. (7.2)

AG” =-206.3kJ/mol.

The subsequent oxidation of acetate to CO, and H, is thermodynamically unfavorable,
owing to a large positive AG” (7.3):

2C,H,0, +4H,0 —> 8H, +4CO,. (7.3)

AG" =+104.6kJ/mol.
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Thus, this process is not feasible for chemoheterotrophic bacteria, but can be
carried out by purple nonsulfur bacteria (PNSB), in a process known as photofer-
mentation, as the energy required for this endergonic reaction can be obtained from
sunlight. Thus, the combination of a heterotrophic fermentation reaction (7.2) and a
photofermentation reaction (7.3) theoretically enables the total conversion of 1 mol
of glucose into 12 mol of hydrogen. The combination of these two reactions is sche-
matically presented in Fig. 7.2. Alternatively, the extra energy needed can be provided
electrically and acetate can be converted stoichiometrically to hydrogen by the process
of microbial electrolysis (Fig. 7.1), as described in Chap. 6. This requires the application
of atleast 0.14 V and in practice more due to internal resistances and overpotentials.
Finally, it should be pointed out that the acetate produced is an ideal substrate for
methanogenesis (Fig. 7.1). In fact, an entire class of methanogens, the acetoclastic
methanogens, are devoted to the utilization of this substrate. Therefore, acetate
resulting from a hydrogen fermentation could be readily converted to methane by a
methane digestion (see Chaps. 8 and 9). Thus, as discussed in more detail below,
another alternative is to establish a two-stage process, with a acetate yielding hydrogen
fermentation as the first stage and one of three stages to extract extra energy from
the acetate that is produced; methanogenesis (methane), photofermentation [hydrogen,
or microbial electrolysis (hydrogen)].

However, the oxidation of glucose by chemoheterotrophs carrying out dark fermen-
tation can also lead to products other than acetate, most frequently butyrate (7.4),
lactate (7.5), or lactate and ethanol (7.6):

C,H,,0, - C,H,0, +2H, +2C0,. (7.4)
C,H,,0, —2C,H,0,. (1.5)
C,H,,0, - C,H,0, +C,H,0H+CO,. (7.6)

Reactions (7.4)—(7.6) are generally unwanted in dark fermentations due to the
lower or null H, yields in comparison with reaction (7.2) and, in the case of the
formation of lactate or ethanol, to the waste of reducing power, which is diverted
away from the formation of H, to the reduction of pyruvate or acetaldehyde.
However, these products, including ethanol for some species (van Niel 1944), can
be further metabolized by photosynthetic bacteria, theoretically leading to their
complete oxidation through photofermentation to H, and CO, (7.4)—~(7.4).

Butyrate : C,H,0, + 6H,0 — 10H, +4CO,. (1.7)

Ethanol : C,H,OH +3H,0 — 6H, +2CO,. (7.8)

Lactate : C;H,O, +3H,0 — 6H, +3CO,. (7.9)
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Actually, in real systems there is quite often the formation of a mixture of acids
that can be subsequently utilized by PNSB either for H, production or for the syn-
thesis of other products, such as poly-B-hydroxybutyrate (Vincenzini et al. 1997).
These products can also serve as substrates for hydrogen production by microbial
electrolysis (see below). Finally, methanogens have a restricted substrate range and
thus cannot directly convert these products to methane. However, it is possible to
couple a dark-fermentation stage producing hydrogen and a variety of acids and
alcohols to a second stage producing methane because anaerobic digestors contain,
in addition to methanogens, syntrophic bacteria capable of converting these sub-
strates to hydrogen and carbon dioxide (see Chaps. 8 and 9).

7.3 Combined Dark H, Production and Methane
Generation Processes

In this approach, a regular acidogenic hydrogen producing fermentation with a
mixed culture is carried out for the first stage and a different reactor is used for the
second stage that is operated under conditions that favor methanogenesis, such as
higher pH and longer HRT. Note that the substrates used would also serve as sub-
strates for a single stage conversion directly to methane by methanogenesis. In fact,
in a regular anaerobic digestor, of which thousands are in operation world-wide, the
complex microbial community that is present assures breakdown of the substrate
through a series of intermediates before compounds that serve as substrates for
methanogens are produced. Thus, hydrogen is normally produced in these reactors,
but only exists transiently as it is immediately, along with carbon dioxide, by
hydrogenotrophic methanogens. The idea here is to operate the two-stage system
under conditions that allow partial conversion of substrate to hydrogen and its
capture before more complete conversion of the residual components to methane.

Although in the long term it would be preferable to produce only a hydrogen
stream, this hybrid two-stage system, producing both hydrogen and methane, is
nearly ready to put into practice, and has already been scaled up to the pilot plant
stage (Ueno et al. 2007). Typically, these can be run without a great deal of difficulty,
producing both hydrogen and methane streams. Although in some senses it is a
disadvantage to generate two different gas streams, in practical, terms this might be
useful as hydrogen—methane mixtures are cleaner fuels than methane alone when
burned in an internal combustion engine.

In many cases, high yields for total energy extracted and excellent waste treatment
can be obtained. For example, one recent study on a thermophilic two-stage system
found 87.5% conversion of the potential energy available in the hydrolysate used as
substrate with 81% removal of volatile solids (VS) (Kongjan et al. 2011a, b). However,
although in most cases methane yields are relatively good, hydrogen yields are
disappointingly small and variable, depending upon the waste substrate, ranging in
one case from 3.4 to 12.6% conversion of COD (Giordano et al. 2011). (Remember,
metabolic constraints predict an absolute maximum of 33%.)
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Nevertheless, one distinct advantage of this process is that higher waste treat-
ment efficiencies than for a single-stage methane digestor are almost always found
(Siddiqui et al. 2011; Yang et al. 2011), thus perhaps justifying the use of the
process in its present state of development, and suggesting that further development
of the first, hydrogen producing stage, is warranted. Improving the first stage hydrogen
production process was shown to be a priority in a recent techno-economical assess-
ment of this two-stage process which also noted that, under the assumptions used, it
was more important to optimize hydrogen productivity than yields (Ljunggren and
Zacchi 2010). Moreover, in some cases higher methane yields are obtained than in
one-stage processes, and this is even after some of the potential methane generating
substrate has been converted to hydrogen. Taken together, this suggests that, at least
as far as methane generation is concerned, the fermentative bacteria in the first stage
are capable of beneficial augmentation of hydrolysis of the complex substrates that
are present.

Thus, although not generating a pure hydrogen stream, a two-stage approach,
with an acidogenic hydrogen fermentation in the first stage and a second stage with
a methane generating anaerobic digestion of the effluent from the first stage, is a
process capable of being deployed on a pilot, and perhaps even larger scale. Further
development of this system would not only provide a system with enhanced waste
treatment capabilities and capable of generating gaseous biofuels from a variety
of waste streams, it would allow the development of experience and knowledge
about the optimal operation of a large scale, first stage hydrogen generating fermen-
tation. This could then later be implemented in one of the two following schemes,
dark fermentation coupled with a microbial electrolysis cell (MEC), or dark fermen-
tation followed by photofermentation, that promise complete substrate conversion
to hydrogen.

7.4 Combined Dark Fermentation and Microbial Electrolysis
H, Production Processes

As discussed above (sects. 7.1 and 7.2), the metabolic pathways of dark fermentation
only incompletely convert substrate to hydrogen, producing in addition organic
acids, principally acetic, and alcohols. This is the most thermodynamically favorable
route; that is, the route that allows the bacterium to extract the most energy for cell
growth. However, conversion of acetate, or other soluble fermentation products, to
hydrogen is thermodynamically unfavorable. Thus, some energy must be put in to
the system to drive hydrogen production from these substrates. A MEC, as discussed
in Chap. 6, is able to do this by using an applied voltage to augment the voltage
generated from anaerobic respiration of acetate, or other fermentation metabolites,
to a sufficient level to produce hydrogen at the cathode.

A number of studies have examined two-stage systems with a first stage acidogenic
hydrogen producing dark fermentation followed by a second stage MEC, converting
the fermentation products of the first stage to hydrogen. Such a process can theoretically
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derive complete conversion of a hexose, such as glucose, to 12 mol of hydrogen per
mole of hexose with only a minimal (0.14 V) input of electrical energy. Proof of
principal of this approach was shown using an improved MEC with an anion
exchange membrane that was capable of converting the volatile fatty acids which
are common fermentation products, acetic, butyric, valeric, propionic, and lactate,
to hydrogen at yields ranging from 67 to 90% (Cheng and Logan 2007).

Several studies have examined actual two-stage systems coupling a MEC with
effluents from dark fermentations. One study actually used corn stover hydrolysate,
a potential large scale biofuels substrate and compare rates and yields of hydrogen
production with both cellobiose and a synthetic effluent (Lalaurette et al. 2009).
First stage fermentation with Clostridium thermocellum produced about 1.6 mol H,/mol
of glucose equivalent with either cellobiose or corn stover hydrolysate and signifi-
cantly more hydrogen was produced in using the second stage MEC, 900 ml H,/g
COD (5.5 mol H,/mol glucose equivalent) (cellobiose) and 750 ml H,/g COD
(4.1 mol H,/mol glucose equivalent) (lignocellulose). Thus yields were respectable
and, it should be noted, high volumetric rates of hydrogen production were obtained,
0.96 H, L/L-d (cellobiose), 1.0 L H,/L-d (lignocellulose), at high relatively high
electrical energy efficiencies of 220 and 230%, respectively. (Electrical efficiencies
calculated on the basis of hydrogen out for electrical energy in can be greater than
100% because this does not take into account the chemical energy in the substrate.)
On the down side, however, COD removal was only moderate, with only 65%
removal of total COD. This is at least partially due to the complex nature of some of
the substrates used, giving components that are not actively used by the microbes
present at the anode of the MEC, as removal rates of the volatile fatty acids and
ethanol were much higher. Similarly, a MEC system using the buffered effluent
from a hydrogen—ethanol fermentation gave maximum hydrogen and energy recoveries
of 83 and 70%, with a hydrogen production rate of 1.4 m* H /m*day (Lu et al.
2009). Although these results are encouraging, performance and operational character-
istics would have to be improved before scaling up to a practical system. Unbuffered
effluents were practically totally ineffective, and therefore a replacement for the
costly phosphate used to buffer the system would have to be found. In addition, as noted
elsewhere, applied voltages need to be decreased and current densities increased to
make these devices more effective.

In a novel approach, a combined system has very recently been described in
which the electricity required for hydrogen production from the MEC was generated
from some of the dark-fermentation stage effluent using MFCs (microbial fuel cells)
(Wang et al. 2011). Given the large amount of over-voltage currently required for
appreciable hydrogen production from MECs (total voltage required ~0.6 V, so
~0.4 V over-voltage) this required hooking at least two MFCs in series (MEC). The
overall hydrogen production of this integrated system was 41% higher than what
could be obtained by fermentation alone and resulted in an overall energy recovery
efficiency from cellulose of 23% with a production rate of 0.24 m* H /m*/day. These
results are encouraging, especially since they demonstrate that it is possible to run
this system without any external input of energy, but obviously rates and yields will
need to be increased in the future.
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Thus, increased hydrogen production from practical substrates has been demon-
strated using MECs in a second stage following a dark hydrogen fermentation stage.
There are several advantages of this approach over others; including, the ability to
use mixed cultures, the ability to convert a wide range of fermentation products to
hydrogen, and the requirement for simple, relatively abundant energy input, elec-
tricity, to drive the process. In fact, as noted above, it may even be possible to gener-
ate the required power input in situ (Wang et al. 2011). However, before this can
become a practical reality a number of obstacles need to be overcome. In addition
to the buffer requirement mentioned above, these are essentially the limiting factors
for the operation of MECs in general. Thus, advances need to be made in electrode
materials (particularly the cathode), volumetric production rates (this is related to
the achievable current density), and the voltage required for achieving appreciable
rates and yields.

7.5 Combined Dark Fermentation and Photofermentation
H, Production Processes

The use of combined processes, that is, dark fermentation followed by photofer-
mentation, for H, production offers the opportunity of exploiting the specific fea-
tures of different microorganisms for obtaining the best results in terms of H, yield.
In this chapter, the efforts to combine the dark fermentative process (described in
Chap. 5 of this book) with photofermentation (discussed in Chap. 4) for obtaining
the largest amount of hydrogen possible are discussed. In particular, attempts at
combining a first stage, where thermophilic or mesophilic chemoheterotrophic
bacteria convert carbohydrates into H, and organic acids, with a second stage, where
the fermentation products deriving from the first stage are converted to H, by photo-
heterotrophic bacteria, are described. A very complete and exhaustive summary of
combined systems employed for hydrogen production has been recently given by
Redwood et al. (2009), also comprising processes not leading to H, production in
both stages. However, in this section, only the processes leading to H, production in
both stages will be considered, as some two-stage processes fermenting low cost
carbohydrate-rich material to organic acids, with no production of hydrogen, followed
by a H, producing phase have already been discussed in Chap. 4.

7.5.1 Processes Using Synthetic Media and Related Issues

The use of synthetic media presents an opportunity to investigate some theoretical
aspects of the combination and integration of the two different kinds of fermenta-
tion. In these studies, glucose was generally used as the starting substrate, but sucrose
has been used as well (Table 7.1). The best result so far obtained with combined
systems operating with a synthetic medium was the achievement of an overall
productivity of 7.1 mol of H, per mole of hexose (Chen et al. 2008), where the
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major role was played by the photosynthetic bacterium Rhodopseudomonas
palustris WP3-5, which produced 5.2 mol H/mol of glucose. This result was
obtained by using a very complex illumination system, composed of tungsten and
halogen lamps in addition to side-light optical fibers and clay particles in the
medium, to enhance photofermentation by means of an efficient light distribution in
the photobioreactor.

Another important issue is raised by comparing the data reported by Redwood
and Macaskie (2006, 2007a, b) (Table 7.1): in the first paper, no H, production was
observed in the second stage of the combined system tested, as the effluent coming
from the dark fermentation was rich in fixed nitrogen which inhibited hydrogen
production. However, in the next experiments (Redwood and Macaskie 2007a, b),
NH,* was removed by electroseparation during the passage from the fist to the second
stage, and photohydrogen production was obtained. These results strongly highlight
the crucial importance of removing nitrogen sources, and in particular ammonia,
from the dark-fermentation effluent for achieving an efficient hydrogen production
with combined systems.

Even if the overall productivity was not reported, the results obtained by Nath
et al. (2005, 2008) showed a significant increase in hydrogen production in the dark
fermentative stage, probably due to the enhancement in the cultivation mode that
passed from a 500-ml Erlenmeyer flask to a 600-ml custom designed vertical
tubular bioreactor. It is also worth mentioning an experiment carried out where the
same microorganism (Rhodopseudomonas palustris) was used for the first and
the second stage, taking advantage of the metabolic versatility of PNSB, some of
which are capable of chemoheterotrophically growth under dark fermentative
conditions. Under these conditions, Oh et al. (2004) demonstrated the feasibility of
using only one bacterium for a combined two stage, dark/light H, production.
However, the production rates obtained were too low to be economically acceptable.
Similarly, a recent initial study has examined the possibility of a direct single stage
fermentation of glucose to hydrogen, however, maximum H, yields of about 3.5 mol/
mol of glucose were obtained, less than what has been observed with two-stage
systems (Abo-Hashesh et al. 2011).

7.5.2 Processes Using Low Cost Starting Materials
and Related Issues

From a practical application point of view, even if the combination of the two systems
has cost reduction as a goal since the overall productivity is higher than the single
productivities, the combined process represents an expensive process. However,
costs can be further reduced by the use of low cost substrates instead of synthetic
media (Keskin et al. 2011). The combined processes that led to hydrogen production
in both stages, utilizing as low cost starting materials as substrates are shown in
Table 7.2. A very interesting result was obtained by Kim et al. (2006), who reported
an overall productivity of 8.3 mol H /mol glucose using Chlamydomonas reinhardtii



7 Combined Systems for Maximum Substrate Conversion 119

biomass as starting material. A process like this, using microalgal biomass as starting
material, might appear more expensive than a process using waste materials as
substrate for H, production. However, it has to be stressed that microalgae can be
grown using as carbon source the CO, emitted by some industrial plants, thus reducing,
if only temporarily, the emission of greenhouse gases. Subsequently, the microalgae,
which have stored the fixed carbon dioxide as biomass, can be fermented in a two-
stage process producing hydrogen, according to the results reported by Kim et al.
(2006), thus coupling the fixation of CO, with the production of a clean energy vector
like H.. The use of sweet potato starch residues (Yokoi et al. 1998, 2002) led to a very
interesting overall productivity, 7.2 mol H,/mol glucose. In addition, beet molasses
has also been used as substrate (Ozgiir et al. 2010b), with a yield of 6.85 mol H_/mol
glucose.

Three-phase processes can be performed when using complex matrices due to
the need to hydrolyze the starting material before its use in dark fermentation. In these
processes, the first phase can be either chemical (i.e., HCI pretreatment, as in Yang
etal. 2010), enzymatic (Su et al. 2009b), or microbial (Lo et al. 2008 used Caldimonas
taiwanensis Onl to hydrolyze starch), followed by the two fermentative stages.
From a general overview of Table 7.2, it can be seen that there is an occasional need
to supplement the starting material with some specific compound in order to start or
to speed up the process. In this case, depending on what kind of modifications are
needed for carrying out the process, overall costs might increase.

7.5.3 Cocultures

Another approach utilized for carrying out combined processes has been the use of
cocultures of H,-producing microorganisms. This approach has the advantage of
simplifying the management of the H, production plant, as there is only one biore-
actor and there is no intermediate phase between the two stages. However, the major
drawback is the different growth requirements that two kinds of metabolically very
different microorganisms might have. Here, we will discuss only the processes that
combined hydrogen producing microorganisms; other studies, not reported here,
have been carried out by combining dark fermentative, nonhydrogen producing
bacteria with photoheterotrophic hydrogen producing bacteria, in order to verify
the productivities of an acidogenic process combined with a photofermentative
hydrogen producing process.

The few experiments using cocultures of two microorganisms that have been
reported showed very promising results (Table 7.3). Indeed, comparison of the data
reported in Tables 7.2 and 7.3 shows that the results obtained by Yokoi et al. (1998),
who used a mixed culture of Clostridium butyricum and Rhodobacter sp. M-19,
demonstrate a much higher overall productivity, 6.6 mol H /mol hexose in a fed batch
process, than that obtained with a sequential two-stage process, 3.6 mol H,/mol hexose.
This result is also interesting because it was obtained with a low cost starting material
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and is almost as high as that, 7.0 mol H,/mol hexose, obtained with a glucose-
containing synthetic medium (Miyake et al. 1984).

7.5.4 Some Conclusions Concerning Two-Stage Systems
Using Photofermentation

Multiple-organism systems, consisting of two or three stages, may realistically be
the most suitable processes for future biological energy production. As discussed
above, the microorganisms most frequently utilized to carry out the dark fermentative
hydrogen production process have been Clostridia, some Enterobacter (both meso-
philic microorganisms), and some thermophilic bacteria such as Caldicellulosiruptor
and Thermotoga. The possibility of working with facultative anaerobes, like
Enterobacter, offers easier process management than when working with strict
anaerobes such as Clostridia; mesophilic operations are energetically less expen-
sive than thermophilic processes, but the latter processes have the advantages of
faster kinetics and reduced risk of contamination, which could help balance the
energetic costs. PNSB are the most suitable organisms the photofermentative stage
due to the high substrate conversion yields that can be achieved, the possibility of
using a wide solar spectrum, and the large variety of organic compounds that they
can metabolize for hydrogen production (see Chap. 4).

Even though the integration of a photofermentation stage with a dark-fermenta-
tion stage seems attractive for high yielding hydrogen conversions, a number of
problems have to be overcome to make this a possible practical solution. In addition
to the limitations inherent in each process taken separately, integration potentially
brings some additional complications. For one thing, cultivation modes (i.e., the use
of freely suspended or immobilized cells) have an influence on the integration strategy,
as the microbial biomass generated in the first stage may need to be separated from
the effluent before starting the second stage. Furthermore, if the aim is to carry out
axenic processes with specific microorganisms the effluent has to be sterilized.
As well, the dark-fermentation effluent may require additional treatment and amendment,
for example, supplementation with some limiting factors, pH adjustment, or manipu-
lation (ammonia removal) to achieve the optimal nitrogen composition, thus increasing
operational costs. Finally, in most cases the fermentation product coming from the
first stage, in particular when the dark fermentation was carried out with waste-derived
substrates, is dark colored and rich in suspended particles, thus strongly reducing
the light availability for PNSB.

7.6 General Conclusion

Thus it would appear that two-stage systems may offer a way to increase yields of
total hydrogen produced from practical biomass substrates to the point where they
are practical and competitive with other biofuels. However, although there is great
potential, there are many problems to be solved and open question to answer.
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Nevertheless, the work already done on each of the three approaches discussed in
this chapter provides a good starting point for future research aimed at improving
current biological systems for hydrogen production.
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8.1 Introduction

Methanogenesis under controlled conditions in bioreactors is a sustainable way to
conserve chemical energy in organic waste component as biogas. Methanogenesis
is a microbial process in which metabolic interactions between different physiologi-
cal types of microorganisms play a crucial role. Methanogens are rather restricted in
their physiological abilities. These microorganisms belong to the archaea and derive
energy from the conversion of a few simple substrates, which include H,/CO,, for-
mate, methanol, methylated amines, and acetate (Liu and Whitmann 2008; Thauer
et al. 2008). More complex substrates are not used by methanogens. Consequently,
other microorganisms are required to degrade complex organic molecules to com-
pounds that are substrates for methanogens (Schink and Stams 2006; Mclnerney
et al. 2008). This results in a food chain as depicted in Fig. 8.1. Polymers in complex
organic matter are first hydrolyzed by extracellular enzymes. Polysaccharides yield
monomeric and oligomeric C6 and C5 sugars, while proteins are converted to mix-
tures of amino acids and small peptides. RNA and DNA are transformed to C5
sugars and nucleic bases purines (adenine and guanine) and pyrimidines (cytosine,
thymine, and uracil). Lipids are degraded to glycerol and long-chain fatty acids. The
general pattern of further anaerobic mineralization of organic matter is that fermen-
tative bacteria degrade easily degradable compounds like sugars, amino acids,
purines, pyrimidines, and glycerol to a variety of fatty acids, carbon dioxide, for-
mate, and hydrogen. Then, higher fatty acids are degraded by so called acetogenic
bacteria, finally to the methanogenic substrates. All these processes, fermentation,

Organic matter

Reduced organic

compounds
HCOO", H, + CO, Acetate
Fig. 8.1 Schematic \ /
representation of
methanogenic degradation CH4+ CO,
of complex organic matter
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acetogenesis, and methanogenesis, take place simultaneously, but often, because of
differences in growth rates and specific activities of the microorganisms involved,
the processes are partially uncoupled, resulting in the accumulation of especially
fatty acids. For complete mineralization of complex organic matter, acetogenic bac-
teria that degrade fatty acids play a crucial role. This chapter addresses the physio-
logical properties of acetogenic bacteria that degrade propionate, butyrate, and
higher fatty acids. Propionate and butyrate are important intermediates in the anaer-
obic fermentation of sugars and amino acids (Schink and Stams 2006; Stams 1994),
while long-chain fatty acids are formed in the hydrolysis of lipids and fats (McInerney
1988; Sousa et al. 2009). To optimize methanogenesis in bioreactors especially the
metabolic interactions of syntrophic communities need to be understood.

8.2 General Features of Syntrophic Fatty Acid Conversion

Bacteria that degrade and grow on fatty acids have to deal with the unfavorable
energetics of the conversion processes. Table 8.1 illustrates the conversion of some
fatty acids to the methanogenic substrates acetate and hydrogen. It is evident that
bacteria can only derive energy for growth from these conversions when the product
concentrations are kept low. This results in an obligate dependence of acetogenic

Table 8.1 Standard Gibbs free energy changes for some of the reactions involved in syntrophic
fatty acid degradation metabolism

AG” (KJ)
Fatty acid oxidation
Propionate™ +3H,0 — acetate” + HCO,” + H" +3H, 76
Butyrate™ +2H,0 — 2acetate” + H" +2H, 48
Caproate™ +4H,0 — 3acetate” + 14H, + 2H" 96
Palmitate” + 14H,0 — 8acetate” +14H, + 7TH" 353
Stearate” +16H,0 — acetate” + 16H, + 8H" 404
Oleate™ +16H,0 — 9acetate™ +15H, +8H" 338
Hydrogen utilization by methanogens, homoacetogens, and sulfate reducers
4H,+HCO,” +H" — CH, +3H,0 136
4H, +2HCO,” +H" — acetate” +4H,0 105
4H,+S0,” +H" — HS™ +4H,0 152
Acetate utilization by methanogens and sulfate reducers
Acetate” +H,0 — HCO,” +CH, 31
Acetate” +S0,” +2H,0 — HS™ +2HCO," 47
Intracellular redox conversions
2Fd,, +2H" = 2Fd  +H, 3
NADH+H" - NAD' +H, 18
FADH, — FAD +H, 37

Standard Gibbs energies of formation of obtained from Thauer et al. (1977); for palmitate, stearate,
and oleate standard Gibbs energies of formation were calculated from the structures of the com-
pounds using a group contribution method described by Mavrovouniotis (1991)
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bacteria on methanogenic archaea for product removal. As the methanogens obtain
their substrates for growth from the acetogens, syntrophic communities are enriched
with propionate, butyrate, and higher fatty acids.

Obligate syntrophic communities of acetogenic bacteria and methanogenic
archaea have several unique features: (1) they degrade fatty acids coupled to growth,
while neither the archaeon nor the bacterium alone is able to degrade these com-
pounds; (2) intermicrobial distances influence biodegradation rates and specific
growth rates, which in nature results in the self-aggregation of bacteria and archaea
to compact aggregates; (3) the syntrophic communities grow in conditions that are
close to thermodynamical equilibrium; and (4) the communities have evolved bio-
chemical mechanisms that allow sharing of chemical energy. There still is discus-
sion whether hydrogen and formate are the primary compounds for interspecies
electron transfer, and it is still unclear what their relative importance is. Here, mainly
syntrophy in terms of interspecies hydrogen transfer is discussed, but where relevant
interspecies formate transfer will be discussed as well.

In syntrophic fatty acid-degrading communities, hydrogen has to diffuse from the
acetogen to the methanogen. Therefore, the specific flux of hydrogen can be derived
from the Fick’s diffusion law (8.1) (Ishii et al. 2006; Schink and Thauer 1988).

J = DHz X {[H2 ]acelogen - [H2 ]methanogen }/ day (8 1)

J: specific interspecies hydrogen flux (umol/pm?s).

D,,: diffusion constant for hydrogen (4.9 x 10~ m?/s at 298 K).
[H,], e hydrogen concentration at the outside surface of the acetogen
(umol/pm?).

[H,] chanogen:  hYdrogen concentration at the outside surface of the methanogen
cell (umol/pum?).

D: average distance between the acetogen and the methanogen (um).

The flux of hydrogen between the two species can be calculated by multiplying
the J value by the total surface area of hydrogen-releasing acetogens.

The total hydrogen flux is directly dependent on the surface area of the acetogen,
the diffusion constant of hydrogen, the concentration difference of hydrogen
between the acetogens and the methanogens, and the distance between the two
microorganisms The maximum difference in concentration between the acetogens
and the methanogens is determined by the thermodynamical borders of the conver-
sions carried out by these microorganisms. These thermodynamical borders refer to
nongrowing conditions; if the microorganisms have to conserve metabolic energy
for growth, the difference in concentration is smaller. The highest concentration that
can be formed by the acetogen and the lowest concentration that can be reached by
the methanogen can be calculated from data in Table 8.1, provided that the concen-
trations of other compounds are known.

Such calculations were made for the degradation of a number of compounds in
different anoxic environments (Conrad et al. 1986). Cord-Ruwisch et al. (1988)
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showed that the measured threshold values for hydrogen of the different types of
hydrogen-utilizing microorganisms correlated with the values expected from the
AG®’s. The threshold value for hydrogen of growing methanogens and sulfate
reducers are 3—10 and 1-2 Pa, respectively. These differences explain why the
growth rate of acetogenic bacteria depends on the type of hydrogenotrophic
microorganism. The maximum specific growth rates of propionate- and butyrate-
degrading acetogenic bacteria in coculture with methanogens were 0.10, and 0.19/
day, respectively, while in coculture with sulfate reducers these values were 0.19
and 0.31/day, respectively (Boone and Bryant 1980; Mclnerney et al. 1979;
Mountfort and Bryant 1982).

The diffusion distance between the acetogens and methanogens is determined by
the biomass density. Clustering of cells will lead to increased fluxes (Schink and
Thauer 1988). Assuming that bacteria have a diameter of 2 um, it can be calculated
that in cultures containing 108, 10, 10'°, and 10" cells/ml the average intermicrobial
distances are about 25, 10, 4, and 0.5 pm, respectively. Therefore, in syntrophic
conversion the activity per cell, and consequently the specific growth rate, will
increase with decreasing intermicrobial distances. This effect may explain the
apparent long lag-phases often observed during subcultivation of syntrophic cul-
tures. In methanogenic granular sludge the cell densities are extremely high: up to
10"2 CFU/ml wet sludge (Grotenhuis et al. 1991; Dolfing et al. 1985). Such high cell
densities are favorable for interspecies hydrogen transfer, resulting in very high
methanogenic activities with fatty acids as substrates. In propionate-adapted metha-
nogenic granules, microbial structures were observed in which the distances between
propionate-oxidizing bacteria and methanogens were in the micrometer range
(Grotenhuis et al. 1991). Disrupture of the structure led to a reduction of the propi-
onate degradation rate by 90%, while the acetate degradation rate by methanogens
was largely unaffected. Moreover, shortening of intermicrobial distances by the cre-
ation of artificial precipitates (Stams et al. 1992) or by the addition of extra metha-
nogens (Dwyer et al. 1988; Schmidt and Ahring 1993) led to increased methane
formation rates with propionate and butyrate.

Using the van’t Hoff equation, Gibbs free energy changes at different tempera-
tures can be calculated. AG and AH values have been listed by Thauer et al. (1977)
and Chang (1977), respectively. A change in temperature has an effect on the reac-
tion-dependent part and on the concentration-dependent part of the AG’ values.
Calculations of AG’ values at different temperatures show that hydrogen formation
becomes energetically more favorable at higher temperatures, whereas hydrogen-
consuming reactions become less favorable. Consequently, lower hydrogen partial
pressures can be reached by the methanogens at lower temperatures. The opposite
is true for the highest hydrogen concentrations that can be formed by the acetogens.
These calculations fit with the lowest and highest hydrogen partial pressures which
have been measured with mesophilic and thermophilic methanogens and acetogens.
An increase in temperature affects the flux of hydrogen in two ways: the diffusion
coefficient becomes higher and the concentration gradient between the methanogen
and the acetogen becomes steeper.
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8.3 Syntrophic Propionate-Degrading Bacteria

Boone and Bryant (1980) described Syntrophobacter wolinii a bacterium that grows
in syntrophic association with methanogens or sulfate-reducing bacteria. Since
then, several other mesophilic and thermophilic bacteria that grow in syntrophy
with methanogens have been described (Table 8.2). These include Gram-negative
bacteria(Syntrophobacterand Smithella) and Gram-positive bacteria (Pelotomaculum
and Desulfotomaculum) (Mclnerney et al. 2008). Phylogenetically, both groups are
related to sulfate-reducing bacteria and some indeed grow by sulfate reduction
(Table 8.2). Syntrophobacter and Desulfotomaculum species are able to reduce sul-
fate, but Smithella and Pelotomaculum are not. Most syntrophic propionate-degrading
bacteria are able to grow in pure culture by fermentation of fumarate or pyruvate.
Fermentative growth or sulfate-dependent growth has been used to successfully
obtain the bacteria in pure culture. The only exceptions are Pelotomaculum schinkii
(de Bok et al. 2005) and Pelotomaculum propionicicum (Imachi et al. 2007), which
seem to be true propionate-degrading syntrophs. Pure cultures of these strains are
not available: P. thermopropionicum and Desulfotomaculum thermobenzoicum
(subsp. thermopropionicum) are moderately thermophilic and grow in syntrophy
with thermophilic methanogens (Imachi et al. 2002; Plugge et al. 2002). A marine
propionate-degrading syntrophic community has been described, but the identity of
the propionate-degrading bacterium is not known (Kendall et al. 2006).

Two pathways for propionate metabolism are known, the methylmalonyl-CoA
pathway (Fig. 8.2b) and a dismutation pathway. In the latter pathway two propi-
onate molecules are converted to acetate and butyrate, the butyrate being degraded
to acetate and hydrogen as described below. Thus far, this pathway is only found in
Smithella propionica (Liu et al. 1999; de Bok et al. 2001). The methylmalonyl-CoA
pathway is found in the other syntrophic propionate-oxidizing bacteria (MclInerney
et al. 2008). In the methylmalonyl-CoA pathway, propionate is first activated to
propionyl-CoA and then carboxylated to methylmalonyl-CoA. Methylmalonyl-
CoA is rearranged to form succinyl-CoA, which is converted to succinate. Succinate
is oxidized to fumarate, which is then hydrated to malate and oxidized to oxaloac-
etate. Pyruvate is formed by decarboxylation, and is further oxidized in a HS-CoA-
dependent decarboxylation to acetyl-CoA and finally to acetate.

8.4 Syntrophic Butyrate- and LCFA-Degrading Bacteria

Mclnerney et al. (1981) enriched and characterized Syntrophomonas wolfei, a bac-
terium that degrades butyrate and some other short-chain fatty acids in syntrophic
association with methanogens. Several other bacteria since then have been described
that grow with butyrate or higher fatty acids in syntrophy with hydrogenotrophic
methanogens or sulfate reducers (Table 8.3). Thus far, Algorimarina butyrica is the
only psychrophilic bacterium that is known to degrade butyrate in syntrophy with
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Fig. 8.2 Pathways of propionate (a) and butyrate (b) degradation by acetogenic bacteria growing
in syntrophic association with methanogens. ATP production by substrate-level phosphorylation

methanogens (Kendall et al. 2006). This marine bacterium is not able to grow on
medium-chain fatty acids like valerate or caproate or longer fatty acids such as
palmitate. Mesophilic bacteria capable of syntrophic fatty acid metabolism are
mainly species of Syntrophomonas, though Syntrophomonas bryantii was previ-
ously named Syntrophospora bryantii and Clostridium bryantii (Mclnerney et al.
2008; Sousa et al. 2009; Wu et al. 2006a). The only exception is Syntrophus acid-
itrophicus, a syntrophic benzoate-degrading bacteria that it is also able to degrade
medium- and long-chain fatty acids in coculture with a methanogen (Jackson et al.
1999). Thermophilic syntrophic butyrate-degrading bacteria are Thermosyntropha
lipolytica (Svetlitshnyi et al. 1996) and Syntrophothermus lipocalidus (Sekiguchi
et al. 2000). None of the fatty acid-degrading bacteria that grow syntrophically with
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methanogens has been described to be able to reduce sulfate. Most fatty acid degraders
are able to ferment crotonate, which was used to obtain pure cultures. However,
Synthrophomonas sapovorans and Syntrophomonas zehnderi are not able to ferment
crotonate, and are only available in syntrophic methanogenic cocultures (Roy et al.
1986; Sousa et al. 2007).

Butyrate and longer chain fatty acids are degraded via so-called B-oxidation
(MclInerney et al. 2008; Schink and Stams 2006). In a series of reactions acetyl
groups are cleaved off yielding acetate and hydrogen. To metabolize fatty acids,
first activation to a HS-CoA derivative takes place. The HS-CoA-derivative is then
dehydrogenated to form an enoyl-CoA. After water addition, a second dehydroge-
nation takes place to form a ketoacylacetyl-CoA. After hydrolysis acetyl-CoA and
an acyl-CoA are formed, which enters another cycle of dehydrogenation and the
cleaving off of acetyl-CoA. Figure 8.2b shows the pathway of syntrophic butyrate
degradation.

8.5 Energetics of Syntrophic Degradation

Based on the energy released by the hydrolysis of ATP and the concentrations of
adenylate molecules in growing bacteria, it is estimated that a free energy change of
—60 to —70 kJ is required for the synthesis of 1 mol of ATP under physiological
conditions. This amount of energy does not need to be supplied in one single step,
as is the case in substrate-level phosphorylation, but can be accomplished in smaller
amounts, for example, by proton or sodium translocation across the cytoplasmic
membrane. If a ratio of three protons translocated per ATP is assumed, about 20 kJ
energy difference is the smallest energy quantum that may allow energy conserva-
tion and growth. It can be calculated that under in situ conditions about 20 kJ energy
difference (the equivalent of 1/3 ATP) is available for bacteria that grow syntrophi-
cally on propionate or butyrate. Following the pathway of propionate and butyrate
degradation (Fig. 8.2a, b), seemingly one ATP can be formed from the conversion
of the energy rich HS-CoA esters. However, syntrophic bacteria encounter an ener-
getic barrier in the formation of hydrogen from intracellular redox mediators. In the
propionate oxidation pathway three oxidation steps are involved, succinate oxida-
tion to fumarate, malate oxidation to oxaloacetate and pyruvate oxidation to acetyl-
CoA. In these oxidation steps electrons are released at the energetic level of FADH,,
NADH, and reduced ferredoxin, respectively, and need to be coupled to hydrogen
formation (Table 8.1). Similarly, in butyrate oxidation electrons are released at the
energetic level of FADH, and NADH, in the oxidation of butyryl-CoA to crotonyl-
CoA and of hydoxybutyryl-CoA to acetoacetyl-CoA, respectively.

Methanogens are able to bring the hydrogen level down to about 1 Pa under
nongrowing conditions. At this hydrogen level, NADH oxidation and reduced ferre-
doxin oxidation coupled to hydrogen formation is energetically feasible for the fatty
acid degraders. However, at a hydrogen partial pressure of 1 Pa FADH, oxidation



8 Syntrophic Degradation of Fatty Acids by Methanogenic Communities 137

still is not feasible. Therefore, propionate- and butyrate-oxidizing bacteria have to
invest metabolic energy to push this reaction. The biochemical mechanism that is
used for this is not completely clear. The complete genome sequences of S. acid-
itrophicus, S. wolfei, Syntrophobacter fumaroxidans, and P. thermopropionicum
have been reported. From the predicted localization of key enzymes involved a
speculation of the biochemical mechanisms of reversed electron flow can be made.
The mechanism to drive succinate oxidation to fumarate (E°'=+33 mV) during
syntrophic growth is possibly similar to the mechanism of energy conservation dur-
ing fumarate respiration in Wolinella succinogenes, but operating in reversed mode
(Miiller et al. 2010). Bacillus subtilis also uses reversed electron transfer in succi-
nate oxidation by coupling it to menaquinonereduction (E°' =—80mV). Menaquinone
binds cytochrome b close to the outside of the cell membrane. When reduced
menaquinone is oxidized at the cytoplasmic side of the membrane and inward move-
ment of protons is achieved (Schirawski and Unden 1998). In syntrophic propionate
metabolism, menaquinone oxidation is linked to a membrane-bound hydrogenase
or formate dehydrogenase. Genome and biochemical analysis of S. fumaroxidans
revealed the presence of a membrane integrated succinate dehydogenase gene clus-
ter containing menaquinone (Sfum_1998, 1999, and 2000) and several periplasmic
and cytoplasmic hydrogenases and formate dehydrogenases (Table 8.4a) (Miiller
et al. 2010; Worm et al. 2010). A requirement of 2/3 ATP for reversed electron
transport was determined. This is schematically presented in Fig. 8.3. A similar and
phylogenetically related succinate dehydrogenase gene cluster was found in P. ther-
mopropionicum (Kosaka et al. 2006, 2008). This indicates that succinate oxidation
to fumarate requires a proton gradient over the membrane and the investment of
ATP to form hydrogen at the outside of the cytoplasmic membrane. In syntrophic
communities the methanogens directly scavenge the hydrogen formed. Menaquinone
found in S. wolfei possibly functions as the electron carrier between a membrane-
associated butyryl-CoA dehydrogenase and a cytoplasmically oriented hydrogenase
(Miiller et al. 2010). Inward movement of protons by the quinone loop is compen-
sated by proton extrusion by a membrane-bound ATPase, similar to succinate oxi-
dation in syntrophic propionate oxidation, though in S. aciditrophicus hydrogenases
seem to be located at the inner aspect of the cell (Table 8.4). An alternative mecha-
nism to produce H, from thermodynamically difficult substrates comes from recent
studies with Clostridium kluyveri (Herrmann et al. 2008). C. kluyveri ferments etha-
nol and acetate to butyrate and some hydrogen. A soluble enzyme complex in C.
kluyveri couples the energetically favorable reduction of crotonyl-CoA to butyryl-
CoA by NADH with the unfavorable reduction of ferredoxin (Fd) by NADH:
+2NAD".

Crotonyl - CoA +Fd,_ . +2NADH+2H" — butyryl - CoA +Fd

(0x) (red)

The reverse mechanism may be involved in syntrophic butyrate degradation,
though in that case it remains unclear how the bacteria form reduced ferredoxin
needed for that conversion.
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Table 8.4 Genes annotated as formate dehydrogenase and hydrogenase in the genomes of
Syntrophobacter fumaroxidans (a) and Syntrophus aciditrophicus (b) (http://img.jgi.doe.gov).
Periplasmic localization of these cofactor binding enzymes is indicated by the presence of a twin

arginine translocation motif in the N-terminal amino acid sequence

Enzyme

Locus tag

Localization

Metal content

(a) Genes annotated as formate dehydrogenase or hydrogenase in the genome

of S. fumaroxidans

Formate dehydrogenase Sfum_2706, Sfum_2705° Cytoplasm W, Se
Formate dehydrogenase Sfum_1274, Sfum_1273* Periplasm W, Se
Formate dehydrogenase Sfum_3509 Periplasm W/Mo
Formate dehydrogenase Sfum_0031, Sfum_0030? Periplasm ‘W/Mo, Se
Hydrogenase Sfum_0844 Periplasm Fe
Hydrogenase Sfum_2952 Periplasm Ni, Fe
Hydrogenase Sfum_2221 Cytoplasm Ni, Fe
Hydrogenase Sfum_2716 Cytoplasm Ni, Fe
Hydrogenase Sfum_3537¢ Cytoplasm Ni, Fe, Se
Hydrogenase Sfum_39542 Periplasm Ni, Fe, Se
(b) Genes annotated as formate dehydrogenase or hydrogenase in the genome

of S. aciditrophicus
Formate dehydrogenase Syn_00635, Sfum_00634* Periplasm W/Mo, Se
Formate dehydrogenase Syn_00630, Syn_00629* Cytoplasm W/Mo, Se
Formate dehydrogenase Syn_02137, Syn_002138* Cytoplasm W/Mo, Se
Formate dehydrogenase Syn_00602, Sfum_00603* Periplasm W/Mo, Se
Hydrogenase Syn_01370 Cytoplasm Fe
Hydrogenase Syn_02222 Cytoplasm Ni, Fe

*Selenocysteine residues were predicted by recognition of a TGA with a downstream sequence
containing a ribonuclear fold that comply with the consensus bSECIS structural model as described
by Zhang and Gladyshev (2005)

Fig. 8.3 Hypothetical )
mechanism of membrane 2/3 ADP + 2/3 Pi
integrated, ATP-dependent . .
succinate oxidation in 2H = ——p === m e m - 2H
propionate-degrading
acetogenic bacteria ‘ 2/3 ATP
succinate
fumarate + 2H*
2e
2H*
H2

out
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A special mechanism of propionate and butyrate activation exists in syntrophic
bacteria. In general, carboxylic acids are activated by kinases or thiokinases and
require one ATP. S. fumaroxidans and P. thermopropionicum activate propionate
through HS-CoA-transferase (Kosaka et al. 2006, 2008; Plugge et al. 1993).
Sequence analysis of these genes reveals a very high homology between the HS-CoA
transferase of both microorganisms (79% sequence identity, Sfum_1163 and
Pth_1771). In butyrate-oxidizing syntrophs, the initial activation of butyrate also
occurs by HS-CoA transferase (Wofford et al. 1986). However, no clear sequence
similarity exists between the HS-CoA transferases of propionate oxidizers and
butyrate oxidizers.

8.6 Conclusions and Perspectives

Syntrophic communities operate in conditions that are close to thermodynamical
equilibrium. This implies that changes in environmental conditions affect conver-
sion rates and growth of the syntrophic communities. In anaerobic waste and waste-
water treatment disturbances in operation of the process results in the accumulation
of fatty acids, coinciding with a pH decrease that may be detrimental for the whole
process. On the other hand, the characteristics of syntrophic degradation may also
be used to optimize degradation, as was done to develop a process for efficient
anaerobic conversion of wastewaters that contain large amounts of lipids and long-
chain fatty acids (Alves et al. 2009).

Several bacteria have been isolated and characterized that have the ability to
degrade fatty acids in syntrophy with hydrogen-consuming methanogens. The bio-
chemical pathways that these bacteria employ and the energetic barriers that these
bacteria have to overcome are known. However, the exact biochemical mechanisms
by which these bacteria overcome the energetic barriers are not yet fully under-
stood. Genome sequence information can be used to unravel how these fatty acid-
degrading bacteria regulate their metabolism in changing environmental
conditions.

Degradation of organic waste to biogas, which consists mainly of methane and
carbon dioxide, is a unique process. Irrespectively of the microorganisms involved
and the pathways that they employ, a variety of organic compounds can be easily
and completely degraded to biogas. The substrate conversion rates and growth rates
of fatty acid-degrading communities determine the overall efficiency of the metha-
nogenic process. However, to make anaerobic digestion unfailing and to increase
the overall rates of methanogenesis, the metabolic interactions between bacteria and
archaea deserve to be further explored.
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9.1 Introduction

A revival of interest in anaerobic digestion is manifestly palpable. From having been
technology-pushed, it is becoming market-pulled, owing to societal concerns regarding
to carbon pollution, greenhouse gas (GHG), and renewable energy. A variety of feed-
stocks, either solids or slurries, can be converted into methane. Solid wastes or residues
include organic municipal solid wastes (OFMSW) (e.g., organics sorted mechanically
at the central plant, gray waste, source-sorted household waste, separately collected
fruit and vegetable, leaves and grass cuttings), agricultural wastes (e.g., manure, animal
mortalities, crop residues, stover, silage), and industrial wastes (e.g., paper waste,
distiller’s grain...). Slurries include primary and secondary wastewater sludge, either
municipal or industrial, liquid manure, agro-food industry wastes (slaughterhouses,
meat- or fish-processing...). Those sources are presently largely untapped, while they
would constitute an abundant source of bioenergy at the scale of a country, as illustrated
in Table 9.1. The uniqueness of anaerobic digestion is indeed that it reduces carbon
pollution, provides peat-type organic amendment and “clean” fertilizers and generates
a “green” energy carrier at the same time, thereby turning environmental liabilities into
economic opportunities. It is, thus, not surprising that life cycle analysis of the tech-
niques used for municipal solid waste management has shown that anaerobic digestion
is the preferred approach in terms of energy balance and GHG reduction, compared to
incineration, aerobic composting, pyrolysis, and landfilling with or without methane
collection (Environment Canada 1995).

Table 9.1 A variety of sources of secondary biomass and their potential in methane-energy gen-
eration and CO,-equivalent abatement, based on a 50% digestion efficiency. Data for Canada

Annual amount Portion considered Methane potential GHG reduction

Source (milliondry t)  for AD (%) (million GJ/year) (million t eCO,/year)
Pulp and paper, 1.3 61* 7 6
primary and
secondary
sludges
Municipal 1 46° 4 4
biosolids
OMSW 3.4¢ 80¢ 24 14
Nonwoody 24¢ 85° 176 n/a
residues

GHG greenhouse gas, eCO, CO,-equivalent (or CO, credit), OFMSW organic fraction of munici-
pal solid waste

“Portion which is not incinerated (as 52% landfilled, 5% landspread, 4% composted) (Reid 1998)
Portion which is landfilled (Recyc-Québec 2003), data extrapolated to entire Canada

‘Based on an annual generation of 30 M tonnes of municipal wastes, of which about 40% are
organic, with a moisture content of 72% (Statistics Canada 2002)

dUrban-to-rural population ratio (Statistics Canada 2001)

‘Based on 30 M tonnes (Pande 1998), with an average moisture content of 20%

fAssuming 15% of the nonwoody stalks are recycled into the soil (Pande 1998)
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However, anaerobic digestion still hardly competes with landfilling or composting.
One of the reasons put forward is that the revenue generated from the biogas utiliza-
tion does not compensate the cost for anaerobic digestion infrastructure and operation,
as illustrated in the following estimations. One dry tonne (t) of organic municipal
solid waste (OMSW) would generate 250 Nm* CH ,» if one assumes a degradation
efficiency of 50% and a stoichiometric CH, yield of 0.5 Nm® STP/kg volatile solids
(VS) completely degraded. If the biogas is combusted to generate electricity, at an
efficiency of 28%, one can expect an electricity potential of 670 kWh per dry t OMSW
(considering lower calorific value of 34.6 MJ/Nm® CH,). With electricity price rang-
ing between 0.06 and 0.12 US$/kWh, turning biogas into electricity would insure a
revenue ranging between 35 and 75 US$/dry t OMSW. If the biogas is purified to be
compatible with natural gas, at an efficiency of 92%, one can expect a natural gas
potential of 8 GJ per dry t OMSW. This would represent the same revenue range as
with electricity, for natural gas to be traded between 5.4 and 10.4 US$/GJ. If the
anaerobic digestion was processed with a conversion efficiency of 80%, the revenue
would increase accordingly (but so would the capital and operation costs, due to the
addition of a pretreatment stage). While the natural gas thread might be more interest-
ing in regions where electricity is cheap, depending of the plant capacity and its prox-
imity to natural gas grid, it is unlikely that the energy revenue as above estimated is
sufficient to make anaerobic digestion profitable in either case, even if tipping fees
and fertilizer or peat revenues are added.

9.2 Current Technologies for Anaerobic Digestion
of Solid Feedstock

The rate and efficiency of anaerobic digestion are influenced by a number of factors
including: feed characteristics (e.g., composition, solid content), organic loading rate
(OLR, the mass of VS fed to the digester volume daily), hydraulic and solid retention
time (HRT, SRT), temperature, pH, mixing, and presence of inhibitory substances.
Wastes high in carbohydrates are easier to digest than those high in lipids, proteins
or cellulose. For the latter, hydrolysis is usually the limiting step (Pavlostathis and
Giraldo-Gomez 1991). Furthermore, long-chain fatty acids (LCFA) and unionized
ammonia resulting from lipid hydrolysis and protein degradation, respectively, can
be inhibitory to methanogenesis (McCarty 1964; Alves et al. 2001). In general thus,
the latter wastes require longer HRTs. The HRT must be longer than the time for both
the complex organics to be hydrolyzed and the limiting anaerobic bacteria popula-
tion (usually methanogens) to double to prevent them from being washed out of the
digester. It varies between 5 and over 50 days, depending on temperature, OLR, and
waste characteristics. When the process is operated at low OLR and high HRT, the
methane yield (Nm® CH /kg VS fed) is constant and maximal. On the contrary when
the maximal OLR or minimum HRT is reached, a decrease of the yield occurs
(Speece 1996). Anaerobic digestion may operate over a wide temperature range:
psychrophilic (7-25°C), mesophilic (27-37°C) and thermophilic (55-60°C).
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Digestion rates increase at higher temperatures, thus, higher waste loads can be
treated, reducing the HRT and digester volume. The optimal pH range for anaerobic
digestion is 6.8—7.5. Acidic conditions due to high volatile fatty acids (VFA) concen-
trations are therefore inhibitory.

The different anaerobic digestion technologies available for solid wastes have
been described in detail in previous comprehensive reviews (Vandevivere et al.
2002; Meulepas et al. 2005; Braun 2007). In brief, the anaerobic digestion systems
can be divided into two large categories: “wet” and “dry” systems. To be processed
in “wet” systems, solid wastes are pulped and slurried to 12% total solids (TS) or
less, with process water. In “wet” systems, solids are kept in suspension by mechan-
ical stirring (vertical impellers, propellers), hydraulic mixing (e.g., turbines, recy-
cling pumps), or pneumatic mixing (gas reinjection into the reactor). The continuous
stirred tank reactor (CSTR) is the most used reactor type to digest slurries. Pneumatic
mixing is used in loop reactor designs where a circular movement between the cen-
tral and the peripheral compartments is created by injection of recirculated biogas
at the central base of the reactor. Mixing modes using a combination of propellers
and gas recirculation are also sometimes used (Bolzonella et al. 2003). Mixing also
reduces scum and sediment formation, releases biogas bubbles from the waste sol-
ids, and distributes heat to achieve an even temperature throughout the digester.
Typical OLR values vary from 0.5 to 8 kg VS/m? per day in “wet” systems.

“Dry” systems are operated on the plug-flow mode, with solid content in the
range of 20-40%, so most wastes do not need to be diluted with process water. This
makes the pretreatment of “dry” systems somewhat simpler. Different reactor con-
figurations are available: vertical cylindrical vessels with high pressure piston
pumps or with circulation of the biogas to achieve mixing; horizontal vessels with
slow moving blade or screw stiners used for mixing and moving the waste. In some
processes, a recycle stream of the digested paste is applied to inoculate the feed. In
“dry” systems, considerable energy input has to be provided for efficient mixing,
proper mass transfer and sufficient degassing, although slow moving blades or
screw stiners in horizontal vessels require less energy. On the other side, “wet” sys-
tem require also high energy consumption for large volume heating, since they con-
sume about 1 m? fresh water per tonne of treated waste, whereas “dry” processes
require about tenfold less (Lissens et al. 2001).

The “dry” and “wet” designs seem to perform similarly, with yields of 210-
300 Nm’ CH /tonne VS and 50-70% VS destruction. A slightly greater biogas yield
can, however, be expected with “dry” systems compared to “wet” systems since
there are no VS loss during pretreatment alike in “wet” systems. Moreover opti-
mized “dry” systems may sustain OLR about twice as high as “wet” systems, with
values up to 15 kg VS/m? per day with 35% TS inside the reactor (De Baere 2000).
As a consequence, at equal capacity, the volume of a “dry” reactor can be two- to
fourfold smaller than that of a “wet” system. This smaller size cheaper pretreatment
compensate for more robust and expensive waste handling equipment. Hence, the
economical differences between the “wet” and “dry” systems are therefore small,
both in terms of investment and operational costs. However, the use of a “dry” sys-
tem could have an advantage for anaerobic digestion of crops as it would resolve
some problems like addition of process water and flotation of the crops on the top
of the digester (Svensson et al. 2006; De Baere 2007).
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Two-stage digestion also exists under various combinations of “dry” and “wet”
reactors. Solid material is continuously fed into one reactor, from which percolating
liquid or leachate is recycled to and treated in the other bioreactor. Other two-stage
systems extract the liquid fraction from solid materials by means of press devices.
The extracted liquid fraction can easily be used in high rate anaerobic processes as
for wastewater treatment. After complete extraction, the solid residues from perco-
lation or from separation processes are usually brought to composting. In principle,
optimizing separately in different stages these biochemical reactions, which do not
necessarily share the same optimal environmental conditions, should lead to a larger
overall reaction rate and methane yield (Ghosh et al. 2000). In practice, however,
two-phase digestion has not been able to substantiate its claimed advantages in the
market place, since the added investment cost and operating complexity were not
compensated by higher rates and yields as expected (De Baere 2000).

9.3 Theoretical Versus Actual Energy Yield

Anaerobic digestion of biomass has an inherent advantage, as compared to typical
pathways to biodiesel or bioethanol, as it can be performed using many different
input streams, carrying the majority of the “electron freight” into methane indepen-
dent of the chemistry of the substrate (Buckley and Wall 2006). This means the
energy yield can be high, in theory. Biogas typically contains (v/v) 50-75% meth-
ane, 25-50% carbon dioxide, 1-5% water vapor, 0-5% nitrogen, smaller amounts
of hydrogen sulfide (0-5,000 ppm) and ammonia (0-500 ppm), and trace concentra-
tions of hydrogen and carbon monoxide (Braun 2007).

Provided the elemental composition of a substrate is known, theoretical biogas
composition and methane yield can be calculated from the stoichiometry of the net
reaction, as follows (Nyns 1986; Braun 2007):

C,H,ON,S +wH,0 -y CH, +(c—y)CO, +n NH, +sH,S
Where
y=c/2+h/8-0/4-3n/8—5/4and

w=c—hl4—-0/2+3n/4+5/2

From the above coefficients, the methane yield (Y, in Nm*kg VS) can be formu-

lated as follows:

H4?

Yeps =224y /(12c +h+160+14n+32s)

with 22.4 as the molar volume of any ideal gas (Ly/mol) and 12, 1, 16, 14, and 32
being the atomic weights of carbon, hydrogen, oxygen, nitrogen, and sulfur elements,
respectively. The theoretical biogas composition would be 100-y/c% methane and
100-(c=y)/c% CO,.
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Table 9.2 Theoretical methane yield for each biochemical polymer class and biomass

Theoretical
Substrate Y e Nm’/kg methane
elemental substrate percentage
Substrate formula converted in biogas References
Carbohydrates CH, Oy 0.415 50 (Angelidaki and Sanders
2004)
Proteins CoeH 16503, N,S 0.51 52 (Hedges et al. 2002)
Lipids C,H,,,0, 1.01 70 (Angelidaki and Sanders
2004)
Primary sludge C H,O0N 0.70 63 (Parkin and Owen 1986)
Microbial biomass C/H,0, NS 0.48 52 (Roels 1983)
Sewage sludge C,, H.O, NS 0.52 55 (Vassilev et al. 2010)
Grass C, Hy,, 0, NS . 047 51 (Vassilev et al. 2010)
Straw C,H, 0, NS .. 047 51 (Vassilev et al. 2010)
Microalgae C,  H,,,ON, 0.55 57 (Heaven et al. 2011)

References refer to the elemental formula. Yields and CH, percentages are obtained using formulas
introduced in Sect. 9.3

By applying the above equations to average elemental formulas of sugars, pro-
teins, fats, and biomass, one can estimate the theoretical yield of methane for each
of those organics’ categories, as displayed in Table 9.2. The higher the fat content of
a waste, the higher is the methane yield. This is relatively reflected by measured
values on real wastes such as slaughterhouse waste (550 Nm’ CH,/dry t, Salminen
and Rintala (2002); kitchen waste (80-85% conversion, Ortega et al. (2008); FOG
(fat, oil, and grease) trap (over 700 Nm*® CH /dry t fed, Kabouris et al. (2008).
However, for most of other wastes, currently anaerobic degradation efficiency
hardly exceeds 60%: bovine manure, 33-46% conversion and 160-230 Nm? CH,/
dry t fed (Nielsen et al. 2004; Frigon et al. 2009); fresh garden waste, 50-70% VS
destruction and 210-300 Nm?* CH JtVS fed (Fruteau de Laclos et al. 1997; De Baere
2000); secondary sludge, 30-60% conversion and 320 Nm® CH /dry t fed (Elliott
and Mahmood 2007); MSW-OF, 50-70% and 350 Nm® CH /dry t fed (Frigon and
Guiot 2005). This is depending on the content in hardly or not biodegradable com-
pounds (e.g., lignin, peptidoglycan, certain proteins...) or in compounds where the
solubilization might be limited by an hydrolytic deficiency of the actual populations
(lignocellulose, cellulose, hemicellulose, proteins). Those values could be improved
by alleviating the hydrolysis limitation of anaerobic digestion, regardless to the
technology type.

9.4 Biomethane Production from Energy Crops

The pioneering work on the anaerobic digestion of crops dates from the late 1970s
(Klass et al. 1976; Badger et al. 1979; Clausen et al. 1979). These authors believed
that the bioconversion of crops to methane gas was economically attractive at the
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fossil fuel prices of that time. However, multiple factors resulted in a sharp decrease
in fossil oil prices and increase in availability during the same years. Nevertheless,
the generation of biofuels from energy crops has been revived these recent years in
part for the same reasons as 30 years ago: an expected energy shortage, or at least
significant fossil fuel price increase. Today’s incentive to produce biofuels is also
derived from the need to reduce the pollution from fossil fuels consumption, and the
related increase in atmospheric CO,), to decrease its impact on global climate change.
As a result, anaerobic digestion has evolved in the past years from a pollution con-
trol technology (agro-food and pulp and paper wastewaters treatment, sludge stabi-
lization) to a renewable energy-producing technology. Although the concept of
biorefinery is mostly applied to the production of ethanol and biodiesel as of now,
an anaerobic digestion-based biorefinery would deserve to be more carefully evalu-
ated for the conversion of crops, as it would generate potentially more renewable
energy, as methane. For instance, ca. 60% of the energy from sugar cane that has
been used for the production of bioethanol for decades in Brazil can be converted to
biogas while only 38% of the cane energy is converted into alcohol (van Haandel
2005). With wheat or maize, up to three times more net energy yield can be obtained
per hectare by making methane instead of biodiesel or bioethanol (De Baere 2007,
Borjesson and Mattiasson 2008). Anaerobic digesters can be built more locally, and
a variety of feedstock can be used for biomethanation (more versatile). Also, there
is a flexibility on the type of energy produced, where feedstock can be transformed
into heat, combined heat and power (electricity), or purified and used as compressed
natural gas for use as vehicle fuel for example. In effect, anaerobic digestion is one
of the most energy-efficient, as well as environmentally benign ways to produce
vehicle biofuel (LBS 2002). Biogas production from energy crops represents a more
thermodynamically efficient option than converting plant matter into liquid fuels
(Samson et al. 2008). Moreover, biomethane obtained from anaerobic digestion is
the most efficient and clean burning biofuel which is available today (Rutz and
Janssen 2007). Although biogas may contain siloxanes (0-50 mg/m?®) and dust par-
ticles, the combustion of methane reduces emissions of NOx, CO, particulate matter
and unburned hydrocarbons, by 80, 50, 98, and 80%, respectively, as compared to
petroleum derived diesel (Braun 2007).

A number of studies on the methane potential of different categories of energy
crops have been made for the past 30 years and summarized in several review
papers (Gunaseelan 1997; Chynoweth et al. 2001; Braun 2007; Murphy and Power
2009; Frigon and Guiot 2010). The focus in this chapter will be made on two large
categories of energy crops: sugar and starch crops for their high methane potential
and lignocellulosic crops as the second generation of biofuel crops. The sugar and
starch crops are relatively efficient converters of solar energy that will produce
either fermentable sugars (sugarcane, sugarbeet), or starch (corn, potatoes). Sugar
and starch crops are the only energy crops currently used at a commercial scale for
the production of biomethane. Although these crops generate high yield of methane,
they also have other uses as food and/or feed, which may often compete with bio-
fuel production. Because of this, a second generation of biorefineries is underway,
with the production of biofuels from lignocellulosic material, crops, agricultural
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wastes, or forestry feedstocks (Rittmann 2008). Cellulosic or lignocellulosic crops
are represented by different grasses containing small percentage of lignin (hay,
clover, reed canary grass), while other crops such as Miscanthus or switchgrass are
containing higher levels of lignin (12-20%).

9.4.1 Methane Yield from Sugar and Starch Crops

The preparation of the sugar and starch crops prior to anaerobic digestion remains
relatively simple and generally does not go further than a size reduction. The meth-
ane yield obtained from these crops is generally high, at around 0.40-0.45, 0.25—
0.41, and 0.31-0.43 Nm® CH Jkg VS fed for sugar beets, corn, and potatoes,
respectively (Frigon and Guiot 2010). There was quite a large variation in the
obtained methane yield for corn, while results were more consistent for potatoes,
although lower by around 15-20%. Sugar beets showed consistent high methane
yield in the available literature. The volatile solids degradation levels were in accor-
dance with the methane produced from the crops at 67-92%, 40—-65%, and up to
96% for corn, potatoes, and sugar beets, respectively.

The vast majority of the literature reports on experiments performed at meso-
philic temperature, and very few experiments conducted at thermophilic tempera-
ture, if any (Richards et al. 1991a, b), possibly since the methane production process
is efficient enough at 35°C and little gain is made when increasing the operation
temperature compared with the associated increased costs. Codigestion of different
crops and two-stage digestion can lead to improved methanization. For instance, a
methane yield of 0.42-0.52 Nm’ CH,/kg V'S can be reached by codigestion of potato
wastes and sugar beets, compared to average yields of 0.32 for potatoes and 0.40 Nm?
CH,/k VS for sugar beets only (Parawira et al. 2004). A combination of a 7.6 m’
leach bed and a 2.6 m’ UASB generated 0.38-0.39 Nm® CH,/kg VS fed at an overall
retention time of 55 days when digesting sugar beets and grass silage, with a nearly
complete VS reduction at 96% (Lehtomiki and Bjornsson 2006).

9.4.2 Methane Yield from Cellulosic and Lignocellulosic Crops

The cultivation and use of cellulosic and lignocellulosic crops is arguably a more
environmentally sound and sustainable option for renewable energy production than
using sugar and starch crops, even though sugar and starch crops may show the best
methane yield per hectare, such as 5,300-12,400, 6,600 and 5,400 Nm? CH,/ha
for corn, triticale and sugar beets, respectively (Frigon and Guiot 2010). These
crops can generally be cultivated on marginal lands, e.g., it will not displace
the production of food or feed crops. Lignocellulosic material is composed of struc-
tural polymers (cellulose, hemicellulose and lignin), nonstructural carbohydrates
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Table 9.3 Methane potential from a few lignocellulosic crops (taken from Frigon and Guiot
(2010))

Crops Yield (Nm? CH Jkg VS fed)  References

Alfalfa 0.24 (Zauner and Kuntzel 1986)

Barley, straw 0.29+0.05 (Stewart et al. 1984)

Clover 0.29-0.39 (Amon et al. 2007)

Cocksfoot 0.33-0.34 (Seppiilé et al. 2007)

Festlolium 0.33-0.36 (Seppili et al. 2007)

Giant knotweed 0.17 (Lehtomadki et al. 2008)

Grass 0.13-0.39 (Lehtomiki 2006; Lehtoméki and Bjornsson
2006)

Hemp 0.23-0.41 (Braun 2007; Kreuger et al. 2007)

Napiergrass 0.19-0.34 (Chynoweth et al. 2001)

Oats, straw 0.32+0.02 (Lehtomadki et al. 2008)

Rapeseed 0.24+0.02 (Lehtomaki et al. 2008)

Reed canary grass  0.34 (Lehtomiki et al. 2008)

Ryegrass, straw 0.18+0.06 (Stewart et al. 1984)

Switchgrass 0.125 (Frigon et al. 2011)

Tall fescue 0.33-0.34 (Seppili et al. 2007)

Timothy 0.33-0.39 (Seppila et al. 2007; Lehtomiki et al. 2008)

Vetch 0.32 (Zauner and Kuntzel 1986)

(glucose, fructose, sucrose, and fructans), proteins, lipids, extractives, and pectins
(Fengel and Wegener 1984; McDonald et al. 1991). One presumes that cellulosic
feedstock would refer to plant material containing very little or no lignin, such as
grass or alfalfa at 5-7% lignin content (Canale et al. 1992), while lignocellulosic
material would refer to plants containing a fairly high (over 15%) concentration of
lignin (Lee et al. 2007).

The use of energy crops, mainly corn silage, is already widely spread especially
in Germany where crops are added to more than 90% of the on-farm digesters
(Weiland 2003). Nevertheless, a vast selection of cellulosic and lignocellulosic crops
have been under study in the past recent years (Lehtoméki 2006; Seppili et al. 2007)
and showed a wider diversity of potential candidates than the sugar and starch crops
(Table 9.3). Most crop potential reached 0.3-0.4 Nm* CH /kg VS fed. Feedstock
with a higher percentage of lignin, such as straw and switchgrass, showed in general
lower methane potential (0.18-0.32 and 0.125 Nm® CH,/kg VS, respectively). An
exceptionally high yield (0.46-0.49 Nm’ CH /kg TS) was obtained when digesting
lucerne, ryegrass, and clover in a CSTR at a loading rate of 2.5 kg TS/m? per day
(Stewart et al. 1984). The methane yield on a VS basis is important to identify the
promising crops, but solid content and crop yield on the field are what will matter in
the end when selecting a crop for biomethane production. For instance, timothy and
festlolium have similar methane potential (ca. 0.33 Nm’ CH,/kg VS). But their yield
per hectare ended up making a difference, from 1,840 Nm’ CH,/ha per year for timo-
thy to 2,800 Nm® CH,/ha per year for festlolium (Seppili et al. 2007).
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9.4.3 Strategies for Improving the Net Energy Yield from Crops

In most of the above reported literature, there are no specific pretreatment of crop
prior to its anaerobic digestion, excepted particle size reduction (cutting, chopping,
shredding, mulching) and ensiling. Mechanical pretreatment such as milling reduces
the particle size of the lignocellulosic biomass and can increase the hydrolysis yield
and reduce the digestion time (Gharpuray et al. 1983; Delgenes et al. 2003; Jorgensen
et al. 2007). The benefit of size reduction was generally lower for sugar and starch
crops than for lignocellulosic feedstock (straw) with 0—19 and 21-65% more meth-
ane produced, respectively (Lehtoméki 2006). Ensiling has been shown to have a
positive impact most of the time, and would result in up to 31% more methane pro-
duction (Lehtomiki 2006). However, it can be presumed that an ensiled lignocel-
lulosic crop would still retain a structure that would require a more intense
pretreatment to obtain methane production closer to the maximal theoretical yield.
In this sense, some additional pretreatment needs to be applied to the crop to obtain
the best net energy gain possible.

The rate-limiting step in anaerobic digestion of lignocellulosic solids is the
hydrolysis of complex polymeric substances (Noike et al. 1985; Boone et al. 1993;
Mata-Alvarez et al. 2000; Lynd et al. 2002) and in particular, the cross-linking of
lignin which is nonbiodegradable with the cellulose and hemicellulose (Lehtoméki
and Bjornsson 2006). Moreover, the crystalline structure of cellulose prevents pen-
etration by microorganisms or extracellular enzymes (Fan et al. 1981). An ideal
pretreatment would then aim at the partial or complete decomposition of the feed-
stock into soluble fermentable products. Pretreatments directed more specifically to
enhanced methane production from lignocellulosic biomass were critically reviewed
recently (Hendrick and Zeeman 2009). The study concluded that steam, lime, liquid
hot water, and ammonia based pretreatments showed high potentials. Other physi-
cal pretreatments offering potential for improving methane yields from lignocellu-
losic materials are, for example, steam explosion, thermal hydrolysis, wet oxidation,
preincubation in water, and treatment with ultrasound or radiation (Hashimoto
1986; Sharma et al. 1989; Sun and Cheng 2002; Fox and Noike 2004; Petersson
et al. 2007). Biological treatments, either with hydrolytic microrganisms or with
enzymes, are simple and do not require major capital investments, although the
increase in biogas yield have been low so far (Lehtomiki 2006). Energy intensive
pretreatments including steam explosion, wet explosion and ammonia fiber explo-
sion (AFEX) have the advantage of practically solubilizing the whole substrate and
achieve high yield of methane. However, their energy cost has also to be taken into
consideration, and the net energy gain of using these pretreatments has yet to be
clearly demonstrated. Nevertheless, an economical evaluation showed that an
energy gain could be obtained from wet oxidation pretreatment of corn, Miscanthus,
and willow (Uellendahl et al. 2009). The Miscanthus and willow methane yield
increase (from 0.20 to 0.36 Nm’ CH /kg VS) resulted into 39.6 and 35.4 MWh/ha,
respectively, compared with 31 MWh/ha for corn. An economic balance concluded
that the anaerobic digestion of untreated crops was not profitable, even for corn
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(=5 €/ha), but that wet oxidation could make it profitable with 547 and 502 €/ha for
Miscanthus and willow.

The increase in methane production should not be the only benefit evaluated
when applying pretreatment to lignocellulosic crops. In effect, pretreatments can
also allow for a reduction in the reaction time to obtain methane, from 30 to 18 days
when digesting grass hay and wheat straw (Badger et al. 1979). An alkali pretreat-
ment of potatoes resulted in a significant improvement of the methane produced,
from 0.33 to 0.44 Nm’ CH /kg VS. Besides the 32% methane yield increase, an
additional benefit was the reduction of the incubation time, from 4 weeks to 9 days,
which would significantly impact the sizing of the digester and the associated costs
(Frigon et al. 2008). Similarly grinding and sonication of corn grain resulted in a
reduction in the incubation time, with 70% of the total methane yield obtained in
48 h. Thus, pretreatments of crops can have a significant impact on both the final
volume of methane and the time required to extract it from the crops.

Further to the integration of low-energy and cost-effective thermochemical or/
and enzymatic pretreatments, the production of methane from biomass may also be
improved by the adjustment of the carbon to nitrogen ratio with nutrients addition
or codigestion (Wilkie et al. 1986; Parawira et al. 2008), the addition of trace metals
(Richards et al. 1991a,b; Jarvis et al. 1997; Nordberg et al. 2007; Hinken et al.
2008), the improvement of the hydrolytic functions of the in situ microbial popula-
tions, either by enrichment of naturally present hydrolytic microorganisms, or addi-
tion and retention of de novo hydrolytic capabilities (Lynd et al. 2005).

9.4.4 Cost-Effectiveness of Anaerobic Digestion of Crops:
Case Studies at Large Scale

Although there are many large-scale anaerobic digesters including energy crops in
their feeding (namely over 5,000 anaerobic digesters in Germany) (Lindorfer et al.
20006), there is actually little literature on the use of dedicated sugar or starch crops
for methane production as a biofuel. One example is a full-scale system generating
500 m? per day of biogas and able to generate 100 kWh of electricity per day, at an
OLR of 1.67 kg VS/m? per day and an HRT of 52.5 days from ensiled sugar beets
(Scherer and Lehmann 2004). Another case is the first continuous full-scale “dry”
anaerobic digester (1,200 m?) for crops producing 500 kW, at a total investment of €3
millions as described by De Baere (2007). One more case of large scale cellulosic
crops-dedicated anaerobic digestion is a digester in Eugendorf, Austria, where 150 ha
of grass silage are transformed into biomethane at a yield of 0.3 Nm?*kg VS fed for a
loading of 1.4 kg VS/m? reactor per day, and used as transport fuel (Smyth et al.
2009). Nordberg and Edstrom (2005) have proceeded with a cost analysis for a
1.6 MW plant, giving 14 GWh of biofuel annually from 6,000 tonnes of crops (ensiled
grass and clover) and 6,000 tonnes of source-sorted municipal solid waste. The capi-
tal cost reached €8.2 millions, splitted between the plant itself (€6.3 millions) and
the biogas purification and compression system (€1.8 million). The operational costs
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were €1.04, 0.14, and 0.40 million per year for the biogas plant, ley crop (farmer
compensation of 0.034 €/kg TS), and upgrading of the biogas, respectively. In order
to have revenues that match these costs, the selling price for the purified methane
should be at least 22 €/GJ, for revenues of €0.37, 1.08, and 0.13 million for the gate
fees (fixed at €47 per tonne of waste), the vehicle fuel, and the digestate (sold as a
fertilizer), respectively.

9.5 Biomethane from Algal Biomass

Another alternative to energy crops of first generation is microalgae, and they are
increasingly receiving attention. Microalgae offer several advantages over tradi-
tional agricultural crops (McGinn et al. 2011; Zamalloa et al. 2011): many species
of microalgae produce significant quantities of energy-dense lipids; microalgae are
grown in an aquatic medium obtaining nutrients from the water and so are not
dependent on soil fertility; many species can grow in seawater or otherwise nonpo-
table water, such as the effluent discharged from municipal wastewater treatment
plants; they do not require herbicides or pesticides; finally they have greater rates of
areal biomass productivity. In raceway ponds, which is the mass culture system
most commonly used for commercial applications, the peak productivities can range
from 44 to 146 dry t/ha per year and a well-managed pond may achieve average
productivities between 70 and 90 dry t/ha per year (Zamalloa et al. 2011). However,
the cultivation of microalgal biomass requires highly expensive infrastructure and
considerable energy for harvesting and dewatering the relatively diluted algal cul-
tures (Uduman et al. 2010).

9.5.1 Biomethane Potential of Microalgae

Microalgae are a feedstock well suited to anaerobic digestion due to their relatively
high lipid, starch, and protein contents and the lack of lignin (Sialve et al. 2009;
Zamalloa et al. 2011). Practical methane yields are within the range of 0.09-
0.34 Nm’ CH,/kg VS fed to digestion (De Schamphelaire and Verstraete 2009;
Sialve et al. 2009). Outstanding yields have been observed in two cases: 0.45 Nm?
CH /kg VS, with a Dunaliella strain (Sialve et al. 2009) and 0.39 Nm® CH Jkg VS
with Chlamydomonas reinhardtii (Mussgnug et al. 2010). The maximal CH, yield
would be 0.55 Nm* CH,/kg VS, based on average elemental formula of microalgae
such as C, | H,, ,ON_, (Table 9.2). Hence, the Dunaliella digestion represented a
CH, potential over 80% of stoichiometric yield, while the above practical yield
range corresponded to 16-62% of stoichiometric yield. Those data also confirm that
algal biomass compares well with terrestrial biomass or biowaste in terms of diges-
tion efficiency, although the literature reports that algal biomass is not always easy
to digest, because of their cell wall and lipid content (De Schamphelaire and
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Verstraete 2009; Sialve et al. 2009; Zamalloa et al. 2011). Lipids are an interesting
methanogenic substrate, with a CH, yield of 1 Nm® CH,/kg VS. Notably, based on the
specific CH, potential of carbohydrates, proteins, and lipids as stated in Table 9.2, a
lipid-rich alga containing for instance 40% lipids, 20% carbohydrates, and 28%
proteins, would have a theoretical yield as high as 0.68 Nm* CH,/kg VS. However,
lipid hydrolysis may be slower than protein and carbohydrate hydrolysis, and the
LCFA resulting from the lipid hydrolysis can be inhibitory to methanogenesis (Cirne
et al. 2007). As well, the ammonia that is estimated to be released from degradation
of algal protein is in a range often considered inhibitory to methanogenesis (McCarty
1964; Nyns 1986). On the contrary, this increases the alkalinity of the medium, thus
more CO, is dissolved and retained in liquid phase. As a result, the biogas has a
higher methane content (from 60 to 76%) (Sialve et al. 2009).

Accordingly, the HRTs required to achieve an optimal degree of digestion are in
the order of 20-30 days, which brings significant costs at large-scale application.
Improvement of the anaerobic digestion efficiency has to be expected with appro-
priate conditioning and pretreatment. Directly using fresh algal biomass can increase
the digestibility, hence the methane productivity, by 20% compared to drying the
algal harvest (Asinari Di San Marzano et al. 1981; Mussgnug et al. 2010). Different
pretreatments have been tested on various algal biomasses, from simple mechanical
to thermal (100-150°C) to chemical (NaOH addition, up to pH 11) pretreatment
(Samson and LeDuy 1983b; Briand and Morand 1997; Chen and Oswald 1998). In
some cases, this resulted in increased methane production of up to one third.
Obviously, however, the methane gain should not be offset by additional cost of
pretreatment.

9.5.2 Technoeconomical Prospects

Integrating microalgal cultivation with municipal wastewater treatment and indus-
trial CO, emissions is an opportunity to produce large quantities of biomass at no
cost for N and P nutrients and other micronutrients (such as trace metals). An added
benefit of cultivating microalgae for bioenergy at a wastewater treatment plant is the
ready availability of large anaerobic digesters employed to stabilize primary and
excess secondary sludge. It is conceivable that the nutrient-containing effluent nor-
mally discharged to the environment could be processed through a large microalgal
cultivation system and the biomass produced could be fed directly to anaerobic
digestion for methane production (McGinn et al. 2011). One positive aspect of such
an integration is the fact that codigestion of algae with sewage sludge increases the
C/N ratio which was found to both decrease the specific ammonia release and
enhance methane productivity (Samson and LeDuy 1983a). Another positive aspect
is that mesophilic temperature (35°C), which is commonly used in municipal sludge
digesters, was also found preferable for the digestion of the algal biomass (Samson
and LeDuy 1986). Finally the biogas can be readily upgraded to up to 88-97% CH,
by using the algal culture to remove the CO, from the biogas (Sialve et al. 2009).
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The potential of microalgal biomass for biomethane production and cogeneration
was recently evaluated from a technoeconomical point of view (Zamalloa et al.
2011). The approach presupposes that the mixed algal culture is performed in race-
way ponds with annual productivities of minimum 90 dry t/ha and that the algal
harvest can be concentrated 100 times (from 0.2 to 0.6 to 20 to 60 dry kg/m?), which
is estimated to represent a feedstock cost of €86—€124/dry t. The scenario also pro-
vides that the algal concentrate can be processed into a high-rate reactor (for instance,
of the UASB type) at an OLR of 20 kg VS/m? per day with a conversion efficiency
of 75%. Under such conditions, the operation would become profitable from a feed-
in tariff of €0.133/kWh for both heat and electricity on an equal basis and a carbon
credit of €30/t eCO,, although the latter would only represent 4% of the revenue.

9.6 Conclusions

Biogas production can become a key technology for the production of renewable
energy source. The key factor is methane yield per hectare. Yet, sustainability of the
whole system has to be addressed. Regarding this concern, a clear advantage of
lignocellulosic crop cultivation is the use of a crop rotation system in marginal or set
aside lands and harvesting for more than 10-12 years without jeopardizing the soil
quality, with minimal or no fertilizer supplementation, while the cost and energy
related to transportation (transport system, distance to storage, size of field), crop
preparation (chopping, ensiling) has also to be accounted for (Amon et al. 2007;
Gunnarsson et al. 2009). Yet, lignocellulosic crops must compete successfully both
as crops and as fuels. Hence, owners of cropland will produce these crops, only if
they provide an economic return that is at least equivalent to returns from the most
profitable conventional crops, and entrepreneurs will implement such large-scale
biorefinery concept for methane production from crops, only if they see a potential
for profits. This will probably require some form of subsidies or incentives, to allow
for the energy crops to be competitive with other source of fuel. For instance, the
break-even cost for Miscanthus varied between 41 and 58 US$/t compared with
US$ 20-22/t for coal, therefore needing incentive for the power plant to buy energy
crops instead of coal for electricity production (Khanna et al. 2008).

Anaerobic digestion of microalgal cultures might offer more advantages over
lignocellulosic crops as they have higher areal biomass productivity. Furthermore,
most microalgae have the capacity, under nitrogen deficiency, to accumulate impor-
tant quantities of carbon in the form of lipids. It is, thus, a potent source of biodiesel.
However, Sialve et al. (2009) estimated that if the algal cell lipid content does not
exceed 40%, the anaerobic digestion of the whole algae appears to generate a higher
energy balance than the biodiesel production coupled to anaerobic digestion of the
defatted residue. Moreover, nitrogen limitation also induces a strong decrease in the
algae growth rate. This strongly reduces the energy balance even with algal lipid
contents higher than 40%. This reinforces the potential of anaerobic digestion as a
key and instrumental unit in an algal biorefinery concept.
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Overall, anaerobic digestion can address a variety of feedstock sources, including
waste streams, agricultural residues, terrestrial crops or algal biomass. Anaerobic
digestion is thus potentially a high-yield energy producer, as it can tackle a broad
spectrum of organic chemicals. Besides, anaerobic digestion maximizes the resource
recovery, as it releases a solid digestate that can be used as a peat-type organic
amendment for soil as well as an effluent that can be concentrated into a nutrient-
rich liquid that is easy to spray as fertilizer on agricultural fields. Another interesting
asset is that anaerobic digestion, as a microbial community-based process, requires
neither substrate sterilization, nor special measures for culture inoculation. And, in
contrast to liquid biofuel chain, a step for product separation is unnecessary, as the
biogas distillates off by itself from the liquid phase. The combustion of methane
reduces polluting emissions, as compared to fossil diesel. Additionally, biogas
recovery allows for odor control and avoids methane, a potent GHG, to diffuse from
wastes directly to the atmosphere. The contribution of anaerobic digestion of organic
wastes to the reduction of GHG is significant with respect to a baseline such as
landfills with gas collected and flared: in the range of 4-7 CO, credits per dry t
OFMSW, at digestion efficiency from 50 to 80%, respectively.

Despite the great potential of the anaerobic digestion approach with regards to
energy and GHG reduction issues, it is still hardly cost-effective, as seen in the
above sections. This may change in the next few years, if energy prices increase, if
governments grant premiums to promote green power initiatives, and if CO, credits
can be traded on a carbon exchange market.
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10.1 Introduction

Bioethanol was seen as a promising clean renewable biofuel, principally as a fuel
additive which could improve engine performance and reduce air pollution, and was
the first biofuel produced on a large scale. US production of ethanol from corn, a
first-generation biofuel, reached 50.3 billion litres in 2010 and is projected to rise to
54.3 billion litres in 2011. Thus, the USA has become by far the world’s leading
bioethanol producer, far surpassing Brazil, which produced 25.3 billion litres from
sugarcane in 2010, and is now importing ethanol from the USA. Despite the devel-
opment of this huge industry, which converted at least 25% of the 2009 US corn crop
to bioethanol, many have questioned this as a short sighted, ultimately unsustainable
approach to biofuels production. Certainly, some reduction in GWI (global warming
impact) is probably achieved through the use of corn-based bioethanol, probably of
the order of 33% (61 g CO,e/MJ versus 92.1 g CO_e/MJ for gasoline), although
there is continuing disagreement over details of the LCA (life cycle analyses) to be
used (Plevin 2009). However, there can be little doubt that there is little future for
corn-based ethanol production moving forward since even at the enormous levels of
production now occurring in the USA, it only supplied 4.6% of transportation energy
needs. In terms of first-generation biofuels, bioethanol from sugarcane is a much
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better bet, with 84% GWI reduction compared to gasoline and a NER (net energy
ratio) of 8.1-10 compared to 1.24 for grain-based ethanol (Goldemberg 2008).
Ethanol production in Brazil has been under development for decades and, conse-
quently, has developed into a mature industry which was able to achieve price parity
with gasoline by 2004 without government subsidies (Goldemberg et al. 2004).

Nevertheless, to expand to an appreciably larger scale, it is obvious that other
substrates, substrates which are potentially much more abundant and which do not
compete with food production, must be developed. Thus, a great deal of effort is
presently being devoted to making the use of lignocellulosic feedstocks practical.
Lignocellulosics form a large class of renewable feedstocks, including agricultural
residues (leftover material from crop production, such as the stalks, leaves and
husks of corn plants), forestry wastes (chips and sawdust from lumber mills, dead
trees and tree branches), municipal solid waste (household garbage and paper prod-
ucts), food processing and other industrial wastes (black liquor, a paper manufactur-
ing by-product) and even purpose grown energy crops (fast-growing trees and
grasses). Lignocellulosic based bioethanol is predicted to have much lower GWI
and much better NER than corn-based ethanol, and probably significantly better
than sugarcane based ethanol, but, given that lignocellulosic bioethanol is still in its
infancy, the numbers are based on a number of unproven assumptions.

Bioethanol derived from lignocellulosic materials obviously has an advantage
over bioethanol derived from starchy crops such as corn, since it would not compete
with human food demands. Other advantages include the fact that it could use cheap
by-products from farms and municipal wastes. However, these are complex sub-
strates and after extraction of fermentable compounds around 30% of the feedstock
weight remains as the lignin fraction. Lignin could form the basis of a speciality
chemical industry (Lignol Energy, BC), but otherwise lignin can be burned in boilers
to generate the steam and energy required to run a bioethanol plant. Since production
of grain-derived bioethanol does not produce lignin residues, many corn-based bio-
ethanol plants presently generate the required heat for distillation from natural gas.

Although bioethanol is now under widespread production, ethanol as a fuel has
some disadvantages as well as some advantages. The energy content of ethanol is
much lower than existing liquid fossil fuels; on a per litre basis its combustion gives
34% less energy than the same amount of gasoline. On the contrary, the octane
number of bioethanol is around 105, enabling it to be used in engines with much
high compression ratios. Ethanol, when blended (10%) with gasoline acts as an
oxygenate, replacing the toxic MBTE. However, some of its chemical properties
can cause infrastructure issues. It is a solvent and can cause compatibility problems
with older equipment, causing rubber, urethane seals and fibreglass coatings to fail,
as well as dissolving sludge, etc. causing the accumulation of particulates in the
fuel. Ethanol is highly hygroscopic, making it potentially corrosive and hence can-
not be carried by conventional pipelines and must be transported by truck or rail. In
the presence of enough water, phase separation can occur, effectively removing it
from the blended gasoline.

Nonetheless, efforts are underway to develop lignocellulosic bioethanol produc-
tion on a large scale, supported by the US DOE, with more than a dozen plants
capable of converting cellulosic materials to ethanol scheduled to open in the USA
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Table 10.1 Comparison of strategies for lignocellulosic degradation

Process Possible advantages Possible disadvantages
Separate hydrolysis — Reactor size and operating — Enzyme production costly
and fermentation conditions easily optimized — Enzymes may need to be
— Enzyme specificity and efficiency cloned from different sources
can be adjusted to substrate — Two stage system required

— Newly discovered or engineered
enzymes easily incorporated

Native consolidated - Direct conversion of cellulose to — Optimal temperatures for
bioprocessing biofuel possible cellulose degradation and
— Single stage process; simpler fermentation may be different
facility, ease of operation — Low rates and yields of useful
— Avoidance of glucose inhibition products by native organism
of cellulose degradation — Low titres of active enzymes
— Uses existing metabolic machinery due to inefficient anaerobic
growth
Engineered — Optimal cellulose degradation — Need for complex metabolic
consolidated capacity in efficient fermenter engineering, expression of
bioprocessing — Single stage process multiple components
— Cost-effective production of — May lack synergy factors
cellulases found in native organism
— Designer cellulosomes can be
constructed

by 2012. In large part this is because ethanol technology is well understood and a
great deal of bioethanol infrastructure is already in place. After all, mankind has been
using yeast to produce ethanol since before recorded time! However, efficient and
economical production of bioethanol from abundant lignocellulosic raw materials cur-
rently suffers from several bottlenecks. Although lignocelluloses could be a very
energy-rich substrate, unlocking its potential has been difficult due to the almost
crystalline state of the cellulose component and the intractability of the lignin.
Different strategies have been developed in response to this problem (Table 10.1)
(Lynd et al. 2002). Biomass availability issues aside, there are two major hurdles;
effective deconstruction of the nearly crystalline lignocellulosic matrix, and high
yielding conversion of all the fermentable sugars once they have been released. As
detailed below, there are two main approaches for conversion of lignocellulosic
material to fermentable substrates. In one approach, a cocktail of hydrolytic enzymes
are added, and in the second, consolidated bioprocessing (CBP), a naturally occur-
ring or engineered organism is used that expresses the suite of enzymes required for
the necessary deconstruction of the lignocellulosic matrix. Once the complex sub-
strate has been depolymerized, complete conversion requires the capacity to ferment
the pentose sugars, principally xylose and arabinose, which are present in the
hemicelluloses fraction, as well as the hexose constituents of the cellulose fraction.
In common with first-generation bioethanol production, several factors limit the
process of fermentation itself and improvements here are also being sought. Substrate
inhibition of different micro-organisms at high sugar (pentoses or hexoses) concentra-
tions poses a potential problem, particularly as high sugar concentrations in the feed-
stock make for more efficient bioethanol production due to reduction in feedstock
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handling costs and the size of reactors that are required. Another major problem area
is the inhibitory effects of ethanol and other metabolic end products, mainly organic
acids, on cell viability and specific growth rate. An additional potential problem with
the fermentation of lignocellulosic hydrolysates is inhibition caused by compounds,
principally furfurals, released during degradation of lignocellulose. These are all areas
in which further improvement can be sought as second-generation bioethanol from
lignocellulosic materials moves towards commercial production.

10.2 Pretreatment and Hydrolysis of Lignocellulosic
Feedstocks

First-generation bioethanol is produced from substrates that are either directly fer-
mentable, sugarcane (sucrose as major carbon substrate), or converted relatively
easily to fermentable sugar, glucose, corn grain (starch as carbon source). Starch
processing technology, employing enzymatic liquefaction and saccharification, is a
fairly mature technology and well developed, advanced, techniques followed pro-
duce a relatively clean and accessible glucose stream that is then fermentated to
bioethanol. Bioethanol productivity and yield in this process has been improved
through the development of new techniques, so-called “low pH a-amylases saccha-
rification” (Richardson et al. 2002) and major improvements in the enzymes that
function on raw, uncooked starch, thereby accelerating the overall bioethanol pro-
cess (Shetty et al. 2005).

However, as discussed above, the supply of these feedstocks will become limited
in the near future as bioethanol production expands and these feedstocks are more
properly reserved to satisfy growing demands for food. Bioethanol production will
be gradually shifted towards utilization of lignocellulosic feedstocks. Lignocellulose,
the structural component of most plants, is composed of a matrix formed of several
organic polymers. It consists of cellulose (~45% dry weight), hemicellulose (~30%
dry weight) and lignin (~25% of dry weight) (Wiselogel et al. 1996). However, most
native lignocellulosic materials are inherently resistant to degradation to simple
sugars. The characteristics that make it recalcitrant to degradation have evolved
over aeons to protect the plant from attack by insects and microbes, and include the
following: crystallinity, low accessible surface area, a high percentage of lignin
(a natural hard cement for cellulose and hemicellulose) and hemicellulose (physical
protector of cellulose fibres) (Fig. 10.1).

10.2.1 Physical/Chemical Pretreatment

In practice, several types of pretreatment processes may be necessary to reduce
raw biomass stock to a state where fermentable sugars can be extracted and
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Fig. 10.1 Process stream for bioethanol from lignocellulosics. The various conceptual steps
required for the conversion of lignocellulosic substrates to bioethanol are shown along with pos-
sible areas of improvement. In the Substrate conversion stage, depolymerization reactions are
driven either by added enzymes, whose production costs and efficacy need to be improved, or by
CBP, consolidated bioprocessing, where more effective organisms are required. Effective utiliza-
tion of all the fermentable sugars present in a hydrolysate requires the development of organisms
that can equally use pentoses and hexoses at high rates. In the Fuel production stage, organisms
with higher tolerances to inhibitors and to the end product, alcohol, need to be developed. As well,
manipulation of central metabolism to channel nearly all the carbon flow of intermediates to etha-
nol is required. Side reactions can be eliminated and highly active pathways for the conversion of
pyruvate to ethanol can be incorporated
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converted to ethanol. The most appropriate pretreatment process could vary with
the feedstock since different feedstocks will differ in their content of the different
components (cellulose, hemicelluloses and lignin) and even these, especially lignin
(i.e. softwood versus hardwood, etc.), may be of sufficiently different chemical
composition and structure to require a specific process. To begin with, mechanical
treatment may necessary to reduce to the particle size, allowing access to agents to
be applied in downstream processing. A variety of pretreatment techniques have
been applied including; physical pretreatments (milling, irradiation, hydrothermal
high pressure and pyrolysis), physico-chemical treatments (explosion, alkali lysis,
acid hydrolysis, oxidizing agents, gaseous agents and solvent extraction of lignin)
and finally biological pretreatment (using fungi and actinomycetes) (Taherzadeh
and Karimi 2008) (Fig. 10.2). The extent of chemical and mechanical pretreatments
will cause different degrees of structural and chemical alterations, ultimately affect-
ing the conversion efficiency of lignocellulose to glucose.
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Fig. 10.2 Pretreatment strategies for lignocellulosic biomass. Various physical, physic-chemical,
and biological pretreatment procedures that have been proposed or are under development are
shown along with how these are involved in the total path from biomass, containing complex,
crude lignocellulosic material to ethanol

Present lignocellulosic ethanol production capacity ranges from 10* to 7x10*
tonnes dry biomass per year with estimated production costs ranging from 0.4 to 0.8
$,005- L' (Margeot et al. 2009). This industry is in its infancy and obviously is
far below what will be needed to fill projected future demands for bioethanol.
Scaling up will require major advances in productivity and substantial savings
in costs. One of the major impediments has been in developing lower cost and more
efficient pretreatment processes than those presently available (Fig. 10.2). One of
the main concerns in practical lignocellulosic pretreatment is the requirement to
effectively remove lignin without appreciable loses in the sugar content, substrate
for bioethanol production. Lignin is a highly polymerized hydrophobic high molec-
ular weight molecule containing principally phenylpropanoids derived from mono-
lignol monomers: p-coumaryl alcohol, coniferyl alcohol and sinapyl alcohol, all
with varying amounts of methoxylation. This component serves as a binder in the
biomass and prevents enzymatic attack of the entwined cellulose and hemicellulo-
ses fibres. One of the major stumbling blocks has been that treatments that are effec-
tive in removing lignin cause the generation of inhibitors, principally furfurals. In
fact, as a general principal, pretreatments should not introduce toxic or inhibitory
compounds for subsequent enzymatic or microbial steps.
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Recently, several chemical pretreatments have been shown to be quite promising,
as they offer fairly complete substrate liberation with a reduced production of inhib-
itors compared to the previously used sulphuric acid treatment (Geddes et al. 2011).
These include the use of phosphoric acid with sugarcane bagasse (Geddes et al.
2010), sulphite permeation (the so-called SPORL process) with softwoods (Tian
et al. 2010) and the ammonia-based AFEX process for grasses (Lau et al. 2009).
Nonetheless, some inhibitory compounds are produced, and even at reduced levels,
these present challenges for downstream processing steps.

10.2.2 Saccharification Through the Addition of Cellulases

Once the polymers containing the usable substrates have been liberated from the
complex lignocellulosic matrix, they have to be rendered into simple sugars for
fermentation to ethanol. One solution is to add a cocktail of enzymes, cellulases,
xylanases and endoglucanases produced from a suitable host or hosts. Obviously,
this requires very inexpensive enzymes as they are added in large amounts consider-
ing the volumes to be treated and there are no effective measures for their recovery.
Presently used cellulose-degrading enzymes are costly (Margeot et al. 2009), and
even with recent cost reductions represent one of the major cost inputs into the pro-
duction of ethanol from lignocellulosics (Geddes et al. 2011). The best sources cur-
rently available for the commercial production of cellulases are several different
fungi which can excrete high levels of cellulases into the external medium (~100 g/L).
These are of course targets for metabolic engineering to increase even more cellu-
lose production, or to engineer more robust catalysts (Christian et al. 2009). Viewed
as one of the major road blocks to accessing abundant biomass resources, enzyme
production is under very active development by international enzyme companies,
Genencor and Novozymes in collaboration with major ethanol producers, for exam-
ple, Poet and Dupont Danisco Cellulosic Ethanol.

10.2.3 Consolidated Bioprocessing

Recently, a single process which could potentially dramatically reduce the cost of
biofuels production a new method for biofuels production from lignocellulosics has
been proposed — consolidated bioprocessing (CBP) (Lynd et al. 2002). CBP com-
bines enzyme production, cellulose saccharification and fermentation, and thus pres-
ents a number of advantages. In its original conception, this process would be carried
out by anaerobic bacteria (Clostridia) which are naturally capable of expressing the
cellulosome at their cell surface. This complex molecular assembly is an elaborate
molecular machine dedicated specifically to cellulose degradation which contains
dozens of enzymes with differing specificities. They are physically organized through
a series of protein—protein interactions via different domains and also carry CBDs
(carbohydrate binding domain), enabling binding to cellulose.
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However, although some organisms can naturally carryout CBP, the native
fermentation rates and yields are too low for practical application in conversion of
lignocellulose to ethanol. Thus, research is being directed to either ameliorating
native organisms carrying out CBP, or using metabolic engineering to endow natu-
rally proficient fermenters with the ability to degrade cellulose or hemicellulose.
In one approach, strains are created that express and secrete heterologous soluble
cellulases (Lynd et al. 2002). However, at least in some cases only relatively small
amounts of heterologously expressed cellulases may be secreted due to energy limi-
tations under production conditions. A more promising alternative approach is to
display different kinds of cellulolytic enzymes on the cell surface, essentially creat-
ing artificial minicellulosomes. One of the advantages of this approach is that it taps
into the synergistic effect of the physical organization of the degradative enzymes
on the catalytic efficiency of cellulose hydrolysis. For example, three different cel-
lulases (endoglucanase, exoglucanase and B-glucosidase) from Clostridium ther-
mocellum and Clostridium cellulolyticum have been assembled as a functional
minicellulosome on the cell surface of Saccharomyces cerevisiae, achieving a final
ethanol titre which was 2.6-fold higher than that obtained by using the same amounts
of added purified cellulases (Tsai et al. 2009). The successful of display of a func-
tional minicellulosome on the surface of an organism that is already capable of
producing high titres of ethanol could lay the foundation for the achievement of an
industrially relevant CBP micro-organism.

10.3 Microbial Platforms and Metabolic Engineering

Regardless of the pretreatment method used, or if saccharification and fermentation
are carried out sequentially or simultaneously, a mixture of sugars, hexoses (mainly
glucose) and pentoses (mainly xylose) will be produced. One problem in bioethanol
from lignocellulosic feedstock process development has been that pentose sugars,
such as xylose, are not normally fermented by the micro-organisms conventionally
used in ethanol fermentations. (Of course, no micro-organism is currently available
which can utilize lignin for bioethanol production, so other uses must be found for
this co-product). Therefore, much effort is currently being directed developing
micro-organisms that have been suitably metabolically engineered to effectively
utilize the sugars present in lignocellulosic hydrolysates.

The organisms that have been widely used to ferment hexose sugars to bioetha-
nol, S. cerevisiae and Zymomonas mobilis, both lack the metabolic capacity to uti-
lize pentose (C5) sugars. Thus one approach has been to import the appropriate
pathways for pentose utilization. On the contrary, Escherichia coli has a wide range
of catabolic capabilities and can ferment both the hexoses and pentoses (xylose,
arabinose), which are the major hydrolysis products of lignocellulosics. However,
normally this organism only produces ethanol at low yields. Thus efforts have been
made to augment the ethanol producing pathways of E. coli strains. Thus, the lack
of efficient, industrially suitable micro-organisms capable of converting lignocel-
lulosics to bioethanol has been a major roadblock in developing a second-generation
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bioethanol industry. Metabolic engineering would could provide an avenue by
which to not only introduce the necessary essential metabolic pathways but also to
eliminate unnecessary pathways, thereby improving ethanol yields and productivity
by maintaining proper metabolic flux and redox balance.

10.3.1 Altering S. cerevisiae for Ethanol from Lignocellulosics

The microbe of choice for industrial bioethanol production has been S. cerevisiae
due to its ability to generate relatively high concentrations of ethanol from hexoses
and its relatively high tolerance to ethanol. However, S. cerevisiae is not naturally
capable of metabolizing pentose sugars such as xylose and arabinose. Only a few
yeast, such as Pichia stipitis, are known which are able to ferment xylose sugars and
they use a pathway consisting of xylose reductase (XR), which converts xylose to
xylitol, and xylitol dehydrogenase (XDH), which converts xylitol to xylulose
(Jeffries et al. 2007). The resulting xylulose can be converted to xylulose-5-phos-
phate by xylulose kinase (XK), possessed by S. cerevisiae. Xylulose-5-phosphate
can enter the pentose phosphate pathway and thus ultimately generate bioethanol.
In a first approach to creating a pentose fermenting S. cerevisiae, XR and XDH of
P. stipitis was heterologously expressed in S. cerevisiae (Jeffries and Jin 2004).
However, such a strain is not useful in a practical bioprocess due to the accumula-
tion and excretion of xylitol brought about by an imbalance in intracellular redox
due to different coenzyme specificities between XR (NADPH) and XDH (NAD*)
(Kotter and Ciriacy 1993). This problem could be circumvented by simultaneous
co-expression in S. cerevisiae of P. stipitis xylose reductase, xylitol dehydrogenase
and xylulose kinase, which decreased xylitol excretion by 23% and increased etha-
nol production by 40% (Matsushika et al. 2008) (Fig. 10.3a).

Intracellular redox is also influenced by the ammonia assimilation, and therefore
a metabolically engineered S. cerevisiae strain carrying P. stipitis XR and XDH and
over-expressing endogenous XK was modified by deletion of NADPH-dependent
glutamate dehydrogenase (GDH1) and over-expression of NADH-dependent gluta-
mate dehydrogenase (GDH?2) (Eliasson et al. 2000). This caused a 44% reduction in
xylitol excretion and a 16% increase in ethanol yield (Roca et al. 2003).

Full utilization of the engineered capacity to ferment xylose requires manipula-
tion of xylose transport since in S. cerevisiae this sugar is normally taken up by low
affinity non-specific hexose transport systems which are not properly regulated to
facilitate xylose uptake (Saloheimo et al. 2007; Rintala et al. 2008). Thus, various
metabolic engineering efforts directed at improvements in the xylose uptake have
been attempted to obtain commercially relevant ethanol yields and productivities
under high xylose concentrations. Heterologous expression of two xylose transport-
ers from Arabidopsis thaliana in S. cerevisiae increased xylose consumption
40-46%, while increasing the xylose uptake rate approximately 2.5-fold (Hector
et al. 2008).
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Glycerol is one of the other major metabolites during ethanol fermentation by
S. cerevisiae, and its production consumes up to 5% of the substrate. Glycerol
production is mainly produced by the action of two enzymes, NAD+-dependent
glycerol-3-phospate dehydrogenase (GPD) and glycerol-3-phosphate phosphatase
(GPP) (Nissen et al. 2000). In an attempt to improve ethanol production at elevated
temperatures, GPDI and GPD2 were deleted and GLT] (glutamate synthase), GLNI
(glutamine synthase) and the heat shock gene SYM were over-expressed, resulting
in ~14% greater ethanol production and ~40% lower glycerol production (Cao et al.
2010).

10.3.2 Altering Z. mobilis for Ethanol from Lignocellulosics

Z. mobilis is another micro-organism of potential interest for bioethanol production
on an industrial scale. It has several advantageous properties including a good toler-
ance to ethanol (120 g/L ethanol), and, compared to S. cerevisiae, higher ethanol
yield (~10% more ethanol per fermentable glucose) and much higher specific etha-
nol productivity than (Rogers et al. 1982). Z. mobilis is GRAS (generally regarded
as safe) and uses the Entner—Doudoroff pathway instead of EMP glycolysis; conse-
quently, due to the lower ATP yields, there is maximum funnelling of carbon sub-
strates towards ethanol and less biomass production. However, this organism cannot
naturally metabolize the xylose and arabinose present in the lignocellulosic hemi-
cellulose fraction. To endow it with this capacity, Z. mobilis was metabolically engi-
neered strain by introduction of the xylose utilizing genes from E. coli: xylose
isomerase (xyl/A), xylulose kinase (xy/B), transketolase (tktA) and transaldolase
(talB) (Zhang et al. 1995). Nonetheless, performance was poor as Z. mobilis does
not have an active xylose transport system and hence xylose must enter through
glucose permeases (Parker et al. 1995). A similar approach was used for conferring
the ability to ferment arabinose to Z. mobilis. E. coli genes for L-arabinose isomerase
(araA), L-ribulose kinase (araB), L-ribulose-5-phosphate-4-epimerase (araD),
trans-ketolase (tk#A) and transaldolase (fa/B) genes were introduced on an expres-
sion (Deanda et al. 1996). This strain of Z. mobilis was able to convert arabinose
(25 g/L) to ethanol at very high yields (~98%). However, again, arabinose fermenta-
tion was even slower than xylose fermentation due to very low affinity of the
Z. mobilis glucose permeases for arabinose. Obviously, more metabolic engineering
could profitably be done to improve bioethanol production by this organism.
Recently, the complete genome sequence of Z. mobilis ZM4 strain was completed.
As well, transcriptomic and metabolomic profiling has also been carried out on this
organism during aerobic and anaerobic fermentations (Seo et al. 2005; Yang et al.
2009). Information gained in these molecular approaches should go a long way
towards enabling the engineering of a new ethanologenic Z. mobilis strain with
industrial potential in near future (Fig. 10.3b).
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10.3.3 Altering E. coli for Ethanol from Lignocellulosics

E. coli was the first micro-organism where application of metabolic engineering
successfully improved bioethanol yield (Ingram et al. 1987). As a potential fermen-
tative bioethanol producer E. coli has several advantages, including; the ability to
ferment a broad range of sugars (hexoses and pentoses), the ability to grow well in
minimal salts media without a requirement for complex growth factors, ad prior
industrial application (i.e. for production of recombinant proteins) (Alterthum and
Ingram 1989). On the contrary, E. coli suffers from a narrow growth range around
neutral pH (pH 6-8) and its inherent alcohol dehydrogenase (AdhE) activity is
insufficient for high yields of ethanol. In an initial attempt at improvement, pyruvate
decarboxylase (pdc) of Z. mobilis was expressed in E. coli to maintain the redox
balance of the NADH pool, this approach was not successful because the native
alcohol dehydrogenase activity of E. coli was insufficient to achieve high ethanol
yields (Fig. 10.3c). Subsequently, a E. coli FMJ39 was transformed with plasmid
pLOI0297 bearing the PET operons, Z. mobilis alcohol dehydrogenase (adhB) and
pyruvate decarboxylase (pdc) under the control of the E. coli lac promoter. E. coli
FMJ39 was chosen due to its carrying deletions in lactate dehydrogenase (Idh) and
pyruvate formate lyase (pfl); consequently, this strain is unable to grow anaerobi-
cally, since it is incapable of fermenting pyruvate to regenerate the NAD* needed for
glycolysis. As an added feature, this indirectly selects for E. coli FMJ39 carrying
pLOI0297 as this restores anaerobic growth on glucose. In this strain, most of the
pyruvate is funnelled to ethanol production (Beall et al. 1991). However, plasmid
bearing strains are too genetically unstable for industrial applications, so E. coli
KO11 was engineered with Z. mobilis pyruvate decarboxylase (pdc) and alcohol
dehydrogenase (adhB) integrated into its chromosome behind the pfiB promoter
(Ohta et al. 1991). E. coli FBRS strain which carries pLOI297 (PET operon) and
mutations in pfl and /dh has a high ethanol yield of ~0.51 g ethanol per g pentose.

Introduction of additional mutations can also improve the yields of E. coli strains.
Deleting frd (fumarate reductase) blocks the succinate pathway and increases the
ethanol yield (Dien et al. 2000). E. coli strains mutated in their phosphoenolpyru-
vate-glucose phosphotransferase system (pzsG) show an increased ability to utilize
arabinose, xylose and glucose simultaneously (Nicholas et al. 2001). Two more
effective approaches have been attempted to correct possible metabolic imbalances.
In one approach, citrate synthase (citZ) from Bacillus subtilis was expressed in
E. coli KO11. Unlike that of E. coli, the gram positive citrate synthase is not
repressed by elevated concentrations of NADH and expression of this citrate syn-
thase in E. coli KO11 increased growth as well as ethanol yield by ~75% in corn
steep liquor medium (Underwood et al. 2002). Very recently an ethanol tolerant
E. coli ET1bc carrying Z. mobilis pdc and adhB was shown to have an enhanced
ethanol yield (~1.3-fold compared to ethanol sensitive strain E. coli JMbc) from
xylose as sole carbon source (Wang et al. 2008).

Increasing biodiesel production is generating large amounts of crude glycerol
waste since 1 kg of glycerol is generated for every 3 L of biodiesel produced.
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Therefore, crude glycerol conversion into a biofuel could potentially maximize the
full economic value of biodiesel production (Yazdani and Gonlzalez 2007). E. coli,
amember of the Enterobacteriaceae, cannot normally ferment glycerol. Introduction
of the dha operons encoding glycerol dehydratase (dhaB) and 1,3-propanediol oxi-
doreductase (dhaT) pathways from K. pneumoniae into E. coli can activate glycerol
fermentation (Tong et al. 1991). Another feasible approach is induction of the silent,
native 1,2-propanediol fermentative pathway (Dharmadi et al. 2006; Murarka et al.
2008). Thus, a metabolically engineered E. coli strain has been developed which
can effectively convert glycerol to bioethanol with a theoretical yield of 0.50 g
ethanol/g glycerol under well-defined micro aerobic growth conditions where trace
amounts oxygen act as an electron acceptor and some metabolic pathways are
deleted to maintain intracellular redox balance (Trinh and Srienc 2009).

Of course, the great advantage of working with E. coli is the wide range of
genetic and metabolic engineering tools that are available. Thus, a number of inter-
esting traits can be selected for or created, and the potential practical usefulness of
modified E. coli continues to improve as strains with increased adaptations to the
conditions necessary for bioethanol production are added (Yomano et al. 2008).
Thus, strains with increased tolerance to ethanol have been evolved, and strains with
increased resistance to furfural, the inhibitor released during lignocellulose pretreat-
ment, have been engineered (Miller et al. 2010). Laboratory “evolution” of this ver-
satile workhorse will surely continue in the future, perhaps leading to a truly
high-performing biocatalyst.

10.3.4 Other Microbial Candidates for Ethanol
Jrom Lignocellulosics

A Klebsiella oxytoca strain has been metabolically engineered to improve bioetha-
nol production from cellulose using a simultaneous saccharification and fermenta-
tive process. K. oxytoca P2 bears chromosomally integrated pyruvate decarboxylase
(pdc) and alcohol dehydrogenase (adhB) genes from Z. mobilis. Using simultaneous
saccharification and fermentation, this engineered strain produced up to about 33 g/L
ethanol using microcrystalline cellulose (100 g/L) as substrate, impressive, but less
than practical for industrial use (Wood and Ingram 1992; Golias et al. 2002).
Several decades of research have produced different metabolically engineered
strains, mostly S. cerevisiae, Z. mobilis, E. coli and K. oxytoca. However, industry
has yet to adopt these to any great extent (there are a few plants using Z. mobilis),
even for bioethanol production from corn starch. Another interesting alternative
approach would be to use thermophilic bacteria, some of which are amenable to
metabolic engineering for enhanced bioethanol yield from lignocellulosic biomass,
namely, Geobacillus thermoglucosidasius, Thermoanaerobacter ethanolicus,
Thermoanaerobacter mathranii and Thermoanaerobacterium saccharolyticum.
Thermophilic micro-organisms would have a number of potential advantages over
mesophilic micro-organisms. The high temperatures required for growth would
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promote higher rates of feedstock conversion, and facilitate ethanol removal and
recovery, while at the same time reducing process cooling costs. Moreover, many
glycolytic thermophiles are capable of using polymeric or short oligomeric carbo-
hydrates (i.e. cellobiose). Thermophiles commonly utilize not only the pentose and
hexose sugar fractions of biomass, but also more complex hydrolysates. At the same
time, operation at high temperatures would help avoid problems with contamina-
tion, often encountered during mesophilic ethanol production (Taylor et al. 2009).
Some thermophiles are quite adept at tolerating fluctuations in pH, temperature and
other environmental changes. Metabolically engineered G. thermoglucosidasius
(TM242), with a deletion of lactate dehydrogenase (Idh), pyruvate formate lyase
(pfl) and up-regulated expression of pyruvate dehydrogenase, was developed for
ethanol production from cellobiose and xylose and produced yields of 0.35 g
ethanol/g xylose and 0.47 g ethanol/g cellobiose (Cripps et al. 2009). Thermophilic
Thermoanaerobacter species have mainly been reported to be involved in ethanol
and lactic acid production (Lamed and Zeikus 1980). However, metabolically engi-
neered 7. mathranii BGIL1, carrying a mutation in /dh, gave an ethanol yield of
0.42 g ethanol/g xylose (Geogieves and Ahring 2007). Another metabolically engi-
neered thermophilic strain, T. saccharolyticum JW/SH-Y S485, bearing mutations in
1dh, pfl and phosphotransacetylase (pfa) to redirect the metabolic flux toward bio-
ethanol, gave an ethanol yield of 0.38 g ethanol/g of mixed sugars, mainly glucose,
xylose, galactose and mannose. G. thermoglucosidasius TM24?2 bearing deletions
in lactate dehydrogenase, pyruvate formate lyase and with an up-regulated pyruvate
dehydrogenase (pdh), produced 0.41-0.44 g ethanol/g substrate, which consisted of
mostly D-xylose, D-glucose and L-arabinose (Shaw et al. 2008) (Fig. 10.3d).

10.4 The Future of Second-Generation Bioethanol

As discussed in this chapter, there is a major research effort going into developing
bioethanol production from second-generation feedstocks, the lignocellulosics.
This is especially true in the USA, where there is a concerted effort on the federal
level to fund both basic research into this area and to subsidize the construction of
pilot plants. True success in this area, bringing about effective conversion and the
production of a cost competitive fuel, will require further advancement in several
areas. For one, pretreatment and depolymerization to simple sugars will need to
become more efficient. Different pretreatment processes are probably required for
different classes of substrates, and this will need to be fine-tuned. At any stage,
process simplification is desirable. Thus, for example, carrying out simultaneous
saccharification and fermentation reduces process steps and equipment require-
ments. Cheaper enzymes are needed here and organisms that can function well
under the conditions required for optimal catalyst activity. CBP, consolidated bio-
processing, remains an attractive alternative, but further development is needed here
to increase rates and yields before this can be incorporated into an effective path to
second-generation bioethanol.
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There is obviously continued need to further develop organisms, to take full
advantage of the spectrum of fermentable substrates that are released upon hydroly-
sis. Further beneficial improvements would include resistance to inhibitors (furfurals)
and increased tolerance to ethanol would permit higher titres to be obtained, reducing
downstream processing costs. Ethanol has a number of drawbacks as a fuel, as
discussed earlier. However, the public has accepted this as a fuel, and performance
in existing vehicles is adequate when blended with gasoline, and there is a great deal
of industrial experience with alcohol fermentations. These factors suggest that bio-
ethanol will continue to be an important biofuel in the future, produced in significant
quantities from lignocellulosics.
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11.1 Introduction

Fermentation-derived ethanol is currently widely used as transport fuel, both as
such or as a blending component in gasoline (Antoni et al. 2007; Mielenz 2001).
However, longer chain alcohols have higher energy densities and are less soluble in
water than ethanol, which are important advantages for their use as liquid transport
fuels (Zhang et al. 2008). Butanol, a linear four-carbon-long alcohol, is one of the
longest chain alcohols (together with 2,3-butanediol) found as natural major end
product of microbial fermentation. It represents an important bulk chemical widely
used in industry as solvent (e.g., in lacquers and paints), or as intermediate in chem-
ical syntheses (see Sect. 11.2). The annual production of butanol has been esti-
mated at approximately 2.8 million tons in 2006, with increasing demand and
capacity in the coming years (Shao et al. 2007). In China, a relatively small amount
of butanol is produced by fermentation (Ni and Sun 2009), the majority is chemi-
cally synthesized from fossil oil. The good properties of butanol as fuel extender
for the replacement of fossil-derived transport fuels, together with the versatility of
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the production organisms to ferment most sugars present in nature, have recently
renewed interest in its fermentative production from renewable biomass resources
(Diirre 2007, 2008).

Butanol is produced anaerobically by fermentation of sugars by several species
of Clostridium, concomitantly with acetone and ethanol, and therefore, this process
is generally known as the ABE fermentation. Alternatively, some strains performing
the ABE fermentation reduce the acetone directly to isopropanol, resulting in the
IBE fermentation process (Jones and Woods 1986). The ABE fermentation has a
long industrial history, being the second largest commercial fermentation after the
ethanol fermentation during the first half of the twentieth century, and has been in
operation almost uninterruptedly from the 1910s on, when the first plants were built
in the UK (Jones and Woods 1986). It was the first process for the production of
butanol at industrial scale, and started to be replaced by the emerging petrochemical
industry from the 1960s onward due to economical considerations. However, large-
scale ABE plants continued to be in operation in Russia and China until the mid
1990s (Chiao and Sun 2007; Zverlov et al. 2006). Presently, the process is being
reintroduced in China and other countries.

During recent years, several research groups have dedicated many efforts to
develop biological processes for the production of longer chain alcohols (C>5).
The production of amyl alcohols (natural flavor compounds produced during the
ethanol fermentation by yeasts) by engineered E. coli strains has been reported
(Cann and Liao 2008; Connor and Liao 2008). The cloning of synthetic pathways
for the production of isopentenol (Withers et al. 2007) and of the linear alcohol
pentanol (Zhang et al. 2008) in E. coli has been described as well. Strategies for the
production of C6—C8 nonnatural alcohols in host organisms have been described by
Zhang et al. (2008). Although in all cases the yields and production rates reached
are too low to have direct industrial application, these new approaches represent
promising steps toward extending the range of transport fuels that can be produced
biologically.

The current fermentative process for the production of butanol, acetone and iso-
propanol and the recent developments in the research on the biological production
of longer alcohols to be used as transport fuels are described in this chapter.

11.2 Butanol and Isopropanol as Biofuels

The addition of oxygenated additives, primarily alcohols and ethers, is common
practice in the production of gasoline. These so-called oxygenates enhance the
octane rating of the gasoline and contribute to a cleaner combustion of the fuel in
the motor by reducing formation of ozone-forming smog, carbon monoxide and
other pollutants such as particulate matter. Methyl tertiary-butyl ether (MTBE)
derived mainly from natural gas is widely used; however, this compound has shown
to have a negative environmental impact, and its use is decreasing in the USA
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(Fayolle et al. 2001). Ethanol derived from fermentation of corn or grains can be
used directly as oxygenate or as feedstock for the production of the oxygenated
ether ethyl tertiary-butyl ether (ETBE). Because for specific applications as oxygen-
ates, either an alcohol or an ether could be preferred, some chemical characteristics
of relevant alcohols and derived ethers are shown in Table 11.1.

Butanol (1-butanol, n-butanol) is a widely used bulk chemical with a broad range
of industrial applications. Currently, butanol is mainly synthesized by reduction of
butyraldehyde or from ethylene oxide produced in oil refineries (O’Neil et al. 2001;
Yuan 2007). Butanol is primarily a chemical intermediate in the production of butyl
acrylate, for the manufacture of for example polymeric coatings, adhesives, elasto-
mers, and plastics and of butyl methacrylate, for resins or dental products. Other
products derived from butanol are butyl glycol for application as an industrial sol-
vent, butyl acetate for paints and as flavoring agent in the food industry, and butylam-
ine for the production of thiocarbazides and butylbenzenesulfonamide, which is
used as a plasticizer for nylon (Diirre 2008).

Besides its uses as bulk chemical, there is increasing interest for the application
of butanol as oxygenated additive to be blended with liquid fossil fuels, in a simi-
lar way as ethanol in gasoline. As already mentioned earlier in this chapter, butanol
has a number of advantages over ethanol, which makes it a better fuel component.
These advantages stem from the physicochemical properties of butanol (see
Table 11.1) and include the following: (1) higher energy density, (2) lower vapor
pressure, and (3) lower solubility in water (and better with liquid fuels), prevent-
ing phase separation of the mix alcohol-gasoline. Furthermore, butanol is less
corrosive than ethanol. Butanol and its blends can be transported in existing pipe-
lines (this is not the case for ethanol) and applied in current engines without modi-
fications (Anonymous 2006; Diirre 2007, 2008; Ladisch 1991). The use of pure
butanol to fuel a car has been reported by David Ramey, from ButylFuel LLC,
during two long trips in the USA in 2005 and 2007 (www.butanol.com, accessed
on 7th May 2010). The multinationals British Petroleum and Dupont have started
a joint venture (Butamax Advanced Biofuels LLC, http://www.butamax.com/) to
further develop and commercialize fermentation-derived butanol (biobutanol) as
biofuel. On their Web site, Butamax Advanced Biofuels LLC has announced the
construction of a commercial plant in Hull (UK) to be operational by 2013.
Furthermore, 11 large-scale butanol fermentation facilities were in operation in
China by mid 2008 (Ni and Sun 2009).

Isopropanol (2-propanol) is currently manufactured from propylene, a by-product
of oil refining, either by an indirect or by a catalytic hydration process. Isopropanol
is an inexpensive alcohol with a large number of applications. Besides being an
important chemical intermediate in many processes, it is used in antifreeze solutions
(dry gas) for fuel tanks, as a solvent in products such as oils, inks, and cosmetics, as
antiseptic and disinfectant agent, and in the pharmaceutical industry (O’Neil et al.
2001). Isopropanol also has good properties as oxygenated blending component for
gasoline (Rogers et al. 2006). A mix of 99.5% (v/v) of isopropanol-butanol—ethanol
(3:6:1 volume ratio) and 0.5% (v/v) water has been tested as motor fuel replacing



A.M. Lopez-Contreras et al.

186

I9qUINU 9UB)D0 I0J0UW ‘NOJA ‘Tequinu due}o0

YoIRaSAI ‘NOY SUONBIAAIQQY (100T T8 19 [PN.0)s PUE (£00T WIZH PU® 1Y) (800Z 9PYD; (600T MO Pue £8qz0) ¢ ‘(4661 SN “(800T “I2 19 SSOIN) |

QUBIO 4 ([€] JOI wOLy punoy (,"H'V) UOnRWLIO JO JBAY JO AN[BA Y} UO PISe .. ‘sourydoy jo soniadord oy uo paseg,

woiy ved (Z/(NOW+NOY)) Joqunu

- oSt €vES 'l 0.00€0 O'HD 196yl (FAQ) YR [Kinqiq

S8 1S6 #9'9€ +L18% #S'EF (06SD) #:01XP'T - - aurjosen
(ad1Q)

$6 <801 1'Te 0107 €6¢ oDe61) L1 O"HD  €-0T-801 1oy1a [Adoadosnq

96 121 v'Sy 900¢C vee PAPSIN  O'HD 0-€9-L9 [ouedoidosy

e300 - L6y 8997 1'9¢ (0.5088  0"HD 1-€8-8L [oueIngosy

8L 196 v'Ts 9/97 79¢ (D.5008 0O"HD €-9¢-1L [oueng-u
(A9.18) 2y

01 811 T ##E10Y €'6€ 000021  O"HD  €T6LEY 1Aing-Arenio) [Ayyg

201 621 €T L9ET L'6T PAPSIN  O'HD S-L1-¥9 [oueyg
(A4LN) 1oy

J0T  GLTT 6'6T 69€€ €8¢ (0.00 %7  O“HD  ++0v£91  1KIng-Krenio) [Kyn

2 B vLE 9zL LT PIQISTA O'HD 1-95-29 [ouByON

NOW NO¥ (0w ("H""'V) J(ow/y) (GHV) NETTI) A(T/8) M UL pNWIO] #SVD aureN

uonezuodea JoJeo  UONSNQUIOd JOJBOH  JUAIUOD ATIoug Aniqnios

qurjoses 0] paredwod s[ony se s pue sjoyoofe jo senredord “TIT dqelL



11 Novel Strategies for Production of Medium and High Chain Length Alcohols 187

gasoline satisfactorily (Groot and Luyben 1986). Diisopropyl ether (DIPE), which
can be derived from isopropanol by a dehydration reaction, has been identified as a
possible alternative to MTBE as oxygenated blending additive to gasoline (Huang
et al. 1990).

11.3 Production of Butanol, Acetone, and Isopropanol
by Fermentation

The discovery of butanol, acetone, and isopropanol, alone or in combination, as end
products of the fermentation of sugars by anaerobic bacteria dates back to the end
of the nineteenth century and the early years of the twentieth century (Beijerinck
1893; Diirre and Bahl 1996; Pasteur 1862; Pringsheim 1906; Schardinger 1905).
The work of Chaim Weizmann in 1912 on the conversion of starchy materials to
butanol and acetone formed the basis for the industrial ABE fermentation process
that started in the UK and expanded worldwide during the first half of the twentieth
century. The development, expansion, and decline of the industrial ABE process
represent an extraordinary example of the entanglement of industrial development
and political implications, with Weizmann becoming the first president of the state
of Israel in 1948. This exciting history has been exhaustively described in several
excellent reviews (Diirre 1998; Diirre and Bahl 1996; Jones 2001; Jones and Woods
1986; Rogers et al. 2006; Rose 1961; Walton and Martin 1979).

11.3.1 Microbiology and Genetics of Butanol
and Isopropanol Production

The anaerobic bacteria that perform the ABE fermentation of carbohydrates pro-
duce amix of alcohols and acetone through a common metabolic pathway (Fig. 11.1).
Butanol is the main product of this fermentation, also known as “solvent fermenta-
tion”, with acetone or isopropanol as major coproduct. Therefore, the biological
production of these important chemicals is studied together.

During the development of the industrial process, many strains able to pro-
duce neutral solvents (acetone, butanol, ethanol, isopropanol) from different
substrates have been isolated and used in patent applications (Jones and Keis
1995). All these strains are anaerobic, mesophilic, spore-forming bacteria, and
have been classified as members of the Cluster I of the Clostridium genus.
Detailed DNA and 16S rDNA similarity studies between strains belonging to
different culture collections resulted in the distribution of the strains into four
groups: (1) C. acetobutylicum (type strain ATCC 824), (2) C. beijerinckii (type
strain NCIMB 9362), (3) C. saccharoacetobutylicum (type strain NCP 262), and (4)
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Fig. 11.1 Biochemical pathways in C. acetobutylicum and C. beijerinckii (Lépez-Contreras et al.
2010) (with permission). Enzymes catalyzing the different reactions are indicated by abbreviation
of their name: Ldh lactate dehydrogenase, Als acetolactate synthase, Ald acetolactate decarboxy-
lase, HydA hydrogenase, Pta phosphate acetyltransferase (phosphotransacetylase), Ack acetate
kinase, ThlIA thiolase, Hbd 3-hydroxybutyryl-CoA dehydrogenase, Crt crotonase, Bcd butyryl-
CoA dehydrogenase, Ptb phosphate butyryltransferase (phosphotransbutyrylase), Bukl, Buk2
butyrate kinase 1 and 2, respectively, AdhE, AdhE?2 aldehyde-alcohol dehydrogenase 1 and 2,
BdhA, BdhB butanol dehydrogenase A and B, respectively, CifAB acetoacetyl-CoA:acetate/
butyrate:CoA transferase subunits A and B, Adc acetoacetate decarboxylase, Adh primary and
secondary alcohol dehydrogenase (in C. beijerinckii NRRL B593) (Hiu et al. 1987). Other abbre-
viations: CoA coenzyme A, P, phosphate, Fd ferredoxin, Etf electron transfer flavoprotein
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C. saccharoperbutylacetonicum (type strain N1-4) (Johnson and Chen 1995;
Johnson et al. 1997; Jones and Keis 1995; Keis et al. 2001).

The metabolic pathways for the conversion of carbohydrates into hydrogen, car-
bon dioxide, volatile organic acids, ethanol, butanol, acetone, and isopropanol by
clostridial species have been extensively studied (Jones and Woods 1986; Rogers
et al. 2006). Hexose sugars are metabolized via the Embden—Meyerhof pathway,
while pentoses are metabolized via de pentose phosphate pathway (Jones and Woods
1986). The pyruvate resulting from the glycolysis is cleaved by pyruvate ferredoxin
oxidoreductase in the presence of coenzyme A to yield CO,, acetyl-CoA and reduced
ferredoxin. Acetyl-CoA is the central intermediate in the branched pathways lead-
ing to acid or solvent production (Fig. 11.1).

During the exponential growth phase (acidogenic phase) mainly acids are pro-
duced, and after reaching the early stationary phase the production of solvents starts
(solventogenic phase), a phenomenon known as “metabolic switch”. Several factors
affecting the initiation of solvent formation have been identified, such as the require-
ment of a low pH in the medium, threshold concentrations of acetate and butyrate,
and a suitable growth-limiting factor such as phosphate or sulfate (Andreesen et al.
1989; Roos et al. 1985). Solvent formation appears to be associated with the avail-
ability of ATP and NAD(P)H (Meyer and Papoutsakis 1989) and can be controlled,
in continuous culture, by varying the pH in the bioreactor (Bahl et al. 1986). The
reported role of a DNA-binding protein, SpoOA, on the expression of genes that are
jointly involved in solvent production and sporulation in C. beijerinckii (Ravagnani
etal. 2000), suggests that these two phenomena may be connected. However, despite
many efforts, the regulation of the metabolic switch at molecular level is still not
completely characterized.

The genetics and enzymology of the primary metabolism in solventogenic spe-
cies have been widely characterized (Girbal and Soucaille 1998; Woods 1995). The
best studied strain at the genetic level is C. acetobutylicum ATCC 824. In this strain,
most of the genes involved in solvent production are located on a megaplasmid of
210 kb (pSOLI1). The loss of this megaplasmid results in asporogeneus strains
unable to make solvents (Cornillot et al. 1997). The whole genome of C. acetobu-
tylicum ATCC 824 is sequenced and publicly available (http://www.ncbi.nlm.nih.
gov) (Nolling et al. 2001). The genomes of solvent-producing strains C. beijerinckii
NCIMB 8052 (Milne et al. 2011), C. acetobutylicurn DSM1731 (Bao et al. 2011)
and C. acetobutylium EA2018 (Hu et al. 2011) have been sequenced and described
recently.

A characteristic of these strains which negatively affects the stability of the cultures
is their gradual loss of solvent production when they are kept at vegetative stage for
long periods of time (i.e., during repeated transfers or long periods of continuous
cultivation), a phenomenon known as “degeneration” (Jones and Woods 1986).
In addition to their lack of solvent production, degenerated strains show different
morphological and physiological characteristics compared to the parent strain; larger
and translucent colonies with irregular shapes (Woolley and Morris 1990), a longer or
thinner cell shape and a characteristic infrared spectrum (Schuster et al. 2001). The
loss of solvent production seems to be linked to the loss of the ability to sporulate,



190 A.M. Lopez-Contreras et al.

since several asporogenous degenerated mutants have been isolated during prolonged
continuous cultures (Stephens et al. 1985; Woolley and Morris 1990) however, a
solvent-producing asporogenous mutant has been described, and used in the devel-
opment of a continuous ABE process (Marlatt and Datta 1986).

As earlier mentioned, the loss of the pSOL1 plasmid in C. acetobutylicum ATCC
824 results in degenerated strains (Cornillot et al. 1997), but in other solvent-pro-
ducing strains, a different mechanism for degeneration is expected, since they do
not contain such a plasmid and the genes involved in solvent production are still
present in the degenerated mutant (Chen and Blaschek 1999; Kosaka et al. 2007).
Recently, a cell density-dependent regulatory mechanism (quorum sensing) has
been proposed to be involved in the degeneration of strain C. saccharoperbutylac-
etonicum N1-4, since solvent production in a degenerated mutant could be restored
after the addition to the cultivation medium of concentrated broth extract from a
wild-type fermentation (Kosaka et al. 2007).

Genetic techniques such as random mutagenesis (Bowring and Morris 1985) and
transformation (Young 1993; Young et al. 1989), developed during the 1980s, have
made it possible to engineer strains with altered properties. Integration-vectors have
been used to specifically disrupt genes in C. beijerinckii (Wilkinson et al. 1995) and
C. acetobutylicum (Green and Bennett 1996, 1998). In C. acetobutylicum ATCC
824, inactivation of a gene coding for an aldehyde/alcohol dehydrogenase elimi-
nates acetone formation and reduces butanol production by 85% (Green and Bennett
1996). On the contrary, inactivation of the buk gene coding for butyrate kinase (see
Fig. 11.1) reduces butyrate production but increases butanol production by 15%
(Green and Bennett 1996). Complementation of the first mutant with a functional
gene restored butanol production but not acetone production and complementation
of the buk mutant with a functional buk gene restored the production of butyrate in
acidogenic cultures (Green and Bennett 1998). In addition, a mutant strain with an
inactivated solR gene, located on the megaplasmid, produced higher amounts of
solvents compared to the wild type (Harris et al. 2001). Antisense RNA techniques
have also been successfully used for the study of regulation of product formation
(Desai et al. 1999). Recently, Sillers et al. (2009) have reported the construction of
a mutant strain with a downregulated acetone pathway using antisense RNA com-
bined with overexpression of the main aldehyde alcohol dehydrogenase enzyme.
This resulted in production of solvents up to 30 g/L, with ethanol being the major
product.

Two different methodologies for stable and selective gene-disruption and/or the
insertion of additional DNA sequences into the clostridial genome have been
recently developed (Heap et al. 2007, 2009; Shao et al. 2007; Soucaille et al. 2008),
representing an important addition to the genetic tools already available. The first
methodology is based on the use of the mobile group II intron LLItrB from
Lactoccocus lactis, firstly reported by Karberg et al. (2001). This system can be
applied to create targeted insertions in a wide range of bacterial hosts and has been
commercialized [TargeTron, Sigma-Adrich; (Zhong et al. 2003)]. The Targetron has
been adjusted to be used in C. acetobutylicum (Heap et al. 2007; Shao et al. 2007) and
further optimized to generate mutants without antibiotic markers (Heap et al. 2009).
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The second method is based on homologous recombination using a negative
selection marker reported for B. subtilis (Fabret et al. 2002) and adjusted for
C. acetobutylicum (Soucaille et al. 2008). Using this technique, a mutant has been
created in which a native hydrogenase gene has been replaced by an algal one with
no antibiotic resistance gene left in the genome (von Abendroth et al. 2008).

A chemically induced mutant of the strain C. beijerinckii NCIMB 8052, strain
BAI101, that produces significantly increased amounts of butanol (Parekh and
Blaschek 1999; Qureshi and Blaschek 1999, 2000, 2001), constitutes one of the
most interesting strains developed so far. This strain consistently produced double
amounts of butanol and showed increased butanol tolerance when grown in batch
cultures on glucose compared to the wild-type strain. The final butanol concentra-
tions reached at the end of batch cultures carried out in a 200 L bioreactor were
240 mM and 171 mM by the BA101 and wild-type strains, respectively (Qureshi
and Blaschek 2001). An economic assessment of butanol production from corn
using this mutant strain resulted in a price for butanol below the price of petro-
chemically produced butanol at that time (Qureshi and Blaschek 2000).

Genetic tools have also been applied to create strains with increased butanol
tolerance, since the toxicity of butanol is one of the factors limiting the productivity
of the ABE fermentation. Due to its hydrophobic chain and polar group, butanol
distorts the cell membranes, causing severe cell damage. The mechanisms involved
in butanol tolerance are very complex, since the composition of cell membranes
depends on multiple highly regulated mechanisms. Both chemical mutagenesis
(Allcock et al. 1981; Hermann et al. 1985; Westhuizen et al. 1982) and adaptation
strategies (Baer et al. 1987; Lin and Blaschek 1983; Soucaille et al. 1987) have been
used to isolate mutants with increased butanol resistance. In some cases this resulted
in slight to moderate increases in butanol production levels, while in some cases
solvent production was lost (Baer et al. 1987).

Using a genetic approach, the overexpression in C. acetobutylicum ATCC 824 of
two heat-shock related proteins, GroES and GroEL, (Tomas et al. 2003a), and in a
different study, an endogenous putative transcriptional regulator, CAC1869, (Borden
and Papoutsakis 2007), resulted in mutants with increased butanol tolerance. Only in
the first study by Tomas et al. (2003b), the mutant strain showed increased butanol
production (17 g/L) compared to the wild-type strain, which produced 13 g/L. of
butanol under the same cultivation conditions. Borden et al. (2010) have recently
described the generation of acid-tolerant transformants of C. acetobutylicum.
A C. acetobutylicum genomic library was transformed back in to C. acetobutylicum
and transformants were then subjected to increasing levels of butyric acid, resulting in
enrichment of a DNA fragment of the 16S-rRNA promoter region expressed from the
plasmid in the antisense orientation. The way in which the antisense DNA fragment
modulates acid resistance still needs to be clarified, but could possibly involve the
regulation of the ffi gene of the putative signal recognition particle (SRP) system.

Recently, several studies and patent applications have been published which
describe approaches to produce butanol using microorganisms other than clostridial
strains. In this way, it is expected to prevent some of the drawbacks inherent to the
traditional butanol fermentation by clostridia, such as the formation of coproducts
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(acetone, isopropanol, ethanol), degeneration and sensitivity to phage infection.
Both Atsumi et al. (2008a) and Inui et al. (2008) described the successful cloning of
part of the genes of the metabolic route of C. acetobutylicum into E. coli. Atsumi
etal. (2008a) introduced the genes adhE?2, crt, bed, etfA, etfB, and hbd (see Fig. 11.1)
from C. acetobutylicum plus the E. coli gene atoB (encoding an acetyl-CoA acetyl-
transferase) into E. coli. After combination with several gene deletions in the host,
a strain was obtained that produced 5 mM butanol when grown under semi-aerobic
conditions on mineral medium with glucose as sole carbon source. Inui et al. (2008)
introduced the C. acetobutylicum genes adhE, crt, bed, etfA, etfB, hbd, and thiA in
E. coli and found formation of 16 mM butanol with highly concentrated cells under
anaerobic conditions in glucose medium. Examples of patent applications in which
the introduction of the C. acetobutylicum butanol pathway in alternative microor-
ganisms is claimed are those filed by Dupont (WO 2007/041269), DSM (WO
2008/05991), and Arbor Fuels Inc (Khramtsov et al. 2010). In these patent applica-
tions, the results described for fermentations in batch cultures by recombinant yeast
strains show butanol production at very low concentrations (<1 mM).

Alternative routes for the production of alcohols (butanol, propanol, isobutanol
and branched chain alcohols) have been described by Atsumi et al. (2008b) and
Shen and Liao (2008). These alcohols are derived from keto-acid intermediates
found in the native amino acid pathways of E. coli. Atsumi and coworkers reported
E. coli strains able to produce 0.2 mM butanol on medium with glucose and 3.9 mM
butanol when 2-ketovalerate was added to the medium. Shen and Liao (2008)
describe metabolic engineering of the amino acid biosynthesis and competing path-
ways resulting in production titers of 2 g/L for butanol and propanol jointly in a 1:1
ratio. In addition, Atsumi and Liao (2008a) have shown the possibility to bypass
threonine biosynthesis in the 2-keto acid approach by introducing a citramalate
pathway in E. coli. The key element in this approach is the cimA gene encoding a
citramalate synthase enzyme from the thermophilic archaeon Methanococcus jan-
naschii. The cimA gene is engineered into E. coli after directed evolution to enhance
the specific activity of the enzyme over a wide temperature range and to decrease its
sensitivity to feed back inhibition. The recombinant strains expressing this gene
produced 1-propanol up to 37.8 mM plus butanol up to 5.3 mM.

The genes involved in the pathway for isopropanol production have been cloned
and expressed in E. coli. Introduction of four genes from C. acetobutylicum (ctfA,
ctfB, adc, and thlA) into E. coli generated a strain capable of producing 93 mM
acetone (Bermejo et al. 1998). Additional introduction of a secondary alcohol
dehydrogenase gene (adh from C. beijerinckii) led to isopropanol synthesis. After
optimization, the combination of C. acetobutylicum thiA, E. coli atoAD (ace-
toacetyl-CoA transferase), C. acetobutylicum adc and C. beijerinckii adh achieved
the highest titer of 82 mM isopropanol with a production rate of 0.4 g/L h in fed-
batch cultures (Hanai et al. 2007). Jojima et al. (2008), in a similar approach,
employed the four C. acetobutylicum genes mentioned and the adh gene from C.
beijerinckii for construction of a synthetic isopropanol pathway in E. coli.
Expression of these genes resulted in the production of 227 mM isopropanol under
aerobic conditions in fed-batch cultures. The engineered E. coli surpassed the best
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reported strain of C. beijerinckii, which produced isopropanol at end concentra-
tions of 67 mM (Groot and Luyben 1986) and of C. isopropylicum, which produced
isopropanol at 77 mM (Matsumura et al. 1992).

11.3.2 Use of Lignocellulosics and Noncellulosic
Waste Streams as Feedstock

An important characteristic of most solvent-producing strains is their ability to
utilize a wide range of different carbohydrates, including both hexose and pentose
monosaccharides and sugar polymers such as starch or xylan (Mitchell 1998). The
yields of solvents (ABE and/or IBE) produced in a typical batch fermentation vary
between 0.3 and 0.4 g of total solvents per gram of sugar equivalents consumed.
The relative concentration of products resulting from the fermentation depends
both on the strain used and on the growth conditions (substrate, nutrient concentra-
tion, etc). The typical solvent ratio for strains of C. acetobutylicum grown on glu-
cose is 6:3:1 (B:A:E), although it can significantly vary between different strains
(Jones and Woods 1986). The end concentration of total solvents produced in batch
fermentations varies between 14 and 22 g/L, with maximum butanol concentra-
tions of approximately 15 g/L (Shaheen et al. 2000). Higher concentrations of
butanol have important toxic effects on the culture, limiting the amount of sub-
strate that can be fermented. Therefore, in large-scale processes, the start concen-
tration of sugars used in the broth was kept to a maximum of approximately 6-8%
in weight to ensure a high utilization of the sugars (Beesch 1953; Walton and
Martin 1979).

The traditional large-scale ABE fermentations use feedstocks that are rich in
sugars and easily fermentable, such as grains, corn, or molasses. The original bac-
teria isolated by Weizmann (now classified as C. acetobutylicum) had the capacity
to ferment starches directly to butanol and acetone. The strains used in starch-based
processes were able to degrade the starch polymer without addition of exogenous
amylases, which represented an important advantage (Beesch 1953). Examples of
starchy substrates used in large-scale processes are mashed corn, wheat starch,
sweet potato, and cassava (Zverlov et al. 2006). Molasses from the sugar cane indus-
try have been also widely used in the industrial processes replacing in some cases
starchy substrates, and for this purpose, new strains with better performances on this
substrate were isolated. Two types of molasses were used, blackstrap molasses and
high test molasses. Blackstrap molasses refers to the concentrated syrup remaining
after the crystallization of sucrose from sugar cane juice containing an average of
52% total sugars, consisting of approximately 30% sucrose and 22% invert sugar
(glucose and fructose). High-test molasses (also called invert molasses) is the con-
centrate of the sugar cane juice and contains mainly glucose and fructose (Beesch
1952; Walton and Martin 1979).

The high market price of traditional substrates and issues related to potential
competition with the food industry makes necessary to search for cheaper alternatives
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with no major application as human or animal nutrient, to develop a sustainable and
economical process for the production of butanol and isopropanol from biomass.
Many different feedstocks, such as (by-products from) agricultural crops or low-
value streams from dairy industry, have been tested as substrates for acetone,
butanol, and ethanol production (Ezeji et al. 2004b; Jones and Woods 1986; Maddox
et al. 1993; Schoutens and Groot 1985).

One of the best studied noncellulosic feedstocks for ABE production is whey
permeate, a waste stream from the manufacturing of cheese and casein, which con-
tains mostly lactose at concentrations of 4-5% (w/w) and approximately 1% (w/w)
of protein. Fermentation of whey permeate supplemented with yeast extract by
clostridia species resulted in an altered end product ratio of butanol to acetone, i.e.,
10:1 compared to those found using starch or molasses (2:1, ratio B:A) (Maddox
et al. 1993). Economical evaluations dating from the 1980s for the production of
butanol and acetone (Linden et al. 1986) and butanol and isopropanol (Schoutens
and Groot 1985) from this substrate showed that these processes were hardly eco-
nomically viable due mainly to the high transportation and/or concentration costs of
whey and to the costs of the extra nutrients needed (for example, yeast extract) for
the process.

With the development and expansion of the biodiesel industry, large amounts of
crude glycerol are being produced which cannot be accommodated in the current
glycerol market. Therefore, crude glycerol (also called low-grade glycerol) is nowa-
days considered a waste, and since it contains traces of methanol it has relatively
high disposal costs that contribute negatively to the economics of biofuel production
(Taconi et al. 2009; Yazdani and Gonzélez 2007). A number of clostridial strains,
including some belonging to the C. butyricum species, ferment glycerol to 1,3-pro-
panediol and organic acids (acetic and butyric acids). In these organisms, glycerol is
first dehydrated by the enzyme glycerol dehydratase to 3-hydroxypropionaldehyde,
which is further reduced to 1,3-propanediol by 1,3-propanediol dehydrogenase.
Since the pathway from glycerol to 1,3-propanediol consumes reducing equivalents,
it provides a means for anaerobic microorganisms to achieve redox balance in
absence of electron acceptors (Yazdani and Gonzdlez 2007). Strains of Clostridium
pasteurianum convert glycerol into butanol and ethanol, in addition to 1,3-propanediol
and organic acids (Biebl 2001; Taconi et al. 2009). In batch cultures with glycerol as
sole carbon source with no nutrient limitations, butanol is the major end product,
followed by 1,3-propanediol and ethanol (Biebl 2001). However, in the same study,
it is described that the ratio of end products depends on the cultivation conditions
(source of nutrients, pH of the cultures, etc), and it is shown that in pH auxostat cul-
tures operated at glycerol excess, 1,3 propanediol was the major product. In a recent
study, Taconi et al. (2009) studied the utilization of both crude glycerol (obtained
from a biodiesel production facility) and purified glycerol as sole carbon sources by
C. pasteurianum for butanol production. The fermentation of crude glycerol resulted
in longer fermentation times (i.e., 24 and 10 days for cultures grown on 25 g/L crude
glycerol or purified glycerol, respectively) and different product distribution, being
butanol the major product on 25 g/L crude glycerol (average yield of 1,3-propanediol
was 0.038 g/g and that of butanol was 0.22 g/g), while on the same concentration of
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purified glycerol almost equal yields of butanol and 1,3-propanediol were observed.
The fermentation of glycerol by C. acetobutylicum has been studied using continu-
ous cultures in a chemostat (Vasconcelos et al. 1994). This species utilizes glycerol
only when it is mixed with a more oxidized substrate (such as glucose) when grown
in continuous mode (Vasconcelos et al. 1994). Cultures of C. acetobutylicum on
mixtures of glucose with glycerol (molar ratio approx. 2:1, glucose—glycerol) did not
produce acetone, resulting in higher yields of butanol per gram substrate consumed.
Stable continuous cultures on glucose mixed with purified or crude glycerol were
established by Andrade et al. (Andrade and Vasconcelos 2003), resulting in butanol
yields of 0.31-0.34 mol/mol substrate and productivities of 0.38—0.42 grams butanol
per liter per hour on both substrates mixes. An interesting approach to genetically
modify C. acetobutylicum to convert it into a 1,3-propanediol producer has been
described (Gonzalez-Pajuelo et al. 2005). The genes involved in the 1,3-propanediol
pathway from C. butyricum were cloned into strains of C. acetobutylicum resulting
in transformant strains able to grow on glycerol (both purified and crude glycerol) as
sole carbon source. The transformant strains produced 1,3-propanediol at higher
titers and productivities than the natural producer, constituting an example of the
great metabolic versatility of C. acetobutylicum and its potential as producer of
industrially interesting chemicals.

Other noncellulosic feedstock’s studied as substrates for the ABE fermentation
are the tubers of the Jerusalem artichoke plant (Helianthus tuberosus) (Hermann
et al. 1985; Marchal et al. 1986), which contain inulin as storage polysaccharide,
low-grade potatoes, which were used successfully for fermentation at pilot scale in
continuous mode (Gapes 2000; Nimcevic and Gapes 2000), and soy molasses, con-
taining dextrose, sucrose, and fructose as fermentable carbohydrates (Qureshi et al.
2001a).

As it is the case for the ethanol fermentation process, lignocellulose-derived mate-
rials are considered as those with the highest potential for a sustainable ABE produc-
tion. Although some solvent-producing strains have been reported to produce
cellulolytic enzymes (Lépez-Contreras et al. 2004; Zappe et al. 1988), none of them
are able to degrade cellulose. Attempts to improve the cellulolytic properties of
C. beijerinckii by cloning heterologous cellulase genes into it have not succeed in
creating a cellolulytic transformant (Lépez-Contreras et al. 2001) Therefore, pretreat-
ment of these substrates to make them more accessible followed by hydrolysis using
externally added enzymes (mostly cellulases, hemicellulases, and B-glucosidades) is
needed to efficiently solubilize the sugars before fermentation.

As already mentioned, most solvent-producing strains utilize a variety of
carbohydrates, including most sugars (both C5 and C6) present in lignocellulosic
materials. This makes possible to use existing wild-type strains for the conversion
of these materials to butanol, which represent an advantage compared to the classi-
cal glucose-fermenting yeast strains used in the ethanol process. Hemicellulose is
composed of sugar polymers containing xylose, glucose, arabinose, and other
monomers, and accounts normally up to 40% (w/w) of the total sugars in lignocel-
lulose, depending on the source. Metabolic engineering has been recently applied to
improve xylose utilization by C. acetobutylicum, since this strain has a strong
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preference for glucose and shows biphasic utilization when grown on a mix of these
sugars (for example in lignocellulosic hydrolysates). Recombinant strains able to
simultaneously utilize glucose and xylose were constructed by disruption of the
ccpA gene in C. acetobutylicum, which codes for the Catabolite control protein A
(CcpA), a pleiotropic regulator of substrate utilization mechanisms (Ren et al.
2010). Hydrolysates from lignocellulosic waste materials, hemp waste, corn cobs,
and sunflower shells, prepared by diluted acid treatment were successfully used at
large scale in Russia for the partial replacement of grains as substrate in industrial
ABE plants (Zverlov et al. 2006).

Since the use of corn and cereals (barley, wheat) for the production of bioethanol
is widely extended, (lignocellulose-containing) by-products from the production of
these crops constitute interesting alternative feedstocks for sustainable fuel produc-
tion. Several by-products from the corn production and processing have been used
as substrates for ABE production. The pretreatment, hydrolysis, and fermentation to
acetone, butanol, and ethanol of corncobs at pilot scale (50 m?) has been described
by Marchal et al. (1992). This study constitutes the largest-scale example of an ABE
fermentation run on hydrolysate from lignocellulose-containing corn residues
reported so far. The yield of solvents per gram of sugar consumed, productivity and
end concentration of ABE in the broth obtained during fermentation of corncobs
hydrolysate at pilot scale were higher than those at lower scales (2 m?, 4 L), indicat-
ing the potential of these kind of substrates as feedstock for an industrial process.
Corn stover, consisting of leaves, cob, husks and stalks of the maize plants left in the
field after corn (grains) harvest, was acid-pretreated and enzymatically hydrolyzed
to obtain a hydrolysate (CSH) (Qureshi et al. 2010b). The original CSH was not
fermentable, but after diluting it with water or wheat straw hydrolysate or after
detoxification by overliming, good ABE production was realized, with utilization of
most of the sugars (glucose, xylose and arabinose) present. In similar approaches,
corn fiber and corn fiber xylan, by-products from corn processing, have been stud-
ied by the same research group at USDA and the University of Illinois (Qureshi
et al. 2006, 2008). In the study using corn fiber, the hydrolysate obtained from sul-
furic acid-pretreated corn fiber needed detoxification before it was fermented, and
in this case, a resin-mediated method to remove furfurals was applied with positive
results (Qureshi et al. 2008). The fermentation of corn fiber xylan was studied using
an integrated process approach; a batch process with simultaneous saccharification
of the substrate, fermentation (SSF) and “in-situ” ABE removal by gas-stripping,
resulted in a total of 24.7 g ABE/L produced with yields of 0.44 g ABE/g sugar
fermented. For efficient SSF, corn fiber xylan-based medium needed supplementa-
tion with xylose, nutrients and xylanase enzymes (Qureshi et al. 2006). On a differ-
ent approach, products from the corn industry have been used, not as a source of
fermentable sugars as in the previous examples, but as a nutrient source replacing
expensive components in the medium (Parekh and Blaschek 1999). In their study,
Parekh et al. (1998) used corn steep liquor as a replacement for nutrients in semi-
synthetic medium based on glucose for ABE production, resulting in a reduction in
process costs (Parekh and Blaschek 1999). Indirect corn-derived products are dried
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distillers grains and solubles (DDGS) produced in corn-based ethanol facilities.
Hydrolysates from DDGS were prepared by different methods and fermented to
ABE by five different strains. Best results were obtained with hot-water pretreated
DDGS, with end concentrations of total solvents between 10 and 13 g/L for all
strains tested and yields of solvents above 0.30 g ABE/g sugar consumed (Ezeji and
Blaschek 2008).

Straw from barley or from wheat have been also used as substrates for ABE
production in several studies. The fermentation of wheat straw hydrolysate has
been described recently (Qureshi et al. 2007). After acid-pretreatment, wheat straw
was hydrolyzed with commercial cellulases, xylanases and B-glucosidases, to
obtain hydrolysates with concentrations of total sugars between 50 and 60 g/L,
where glucose, xylose and mannose the most abundant ones. C. beijerinckii grown
on wheat straw hydrolysate supplemented with nutrient produced end concentra-
tions of acetone and butanol of 11.9 g/L and 12.0 g/L, respectively, with yields of
0.40 g ABE/g sugar consumed. Interestingly, this hydrolysate was fermentable
without detoxification steps, in contrast to other lignocellulosic hydrolysates pre-
viously described. The fermentation of barley straw hydrolysates has been
described by the same research group, and were prepared and fermented in a simi-
lar manner as the previous ones. In this case, the hydrolysates were detoxified by
overliming to obtain best fermentation performance (Qureshi et al. 2010a). Wheat
bran, a by-product from flour industry which contains hemicellulose, starch and
protein as major components, represents another interesting feedstock tested
recently (Liu et al. 2010).

Other lignocellulosic materials that have been also tested as potential feedstocks
for ABE fermentation, normally after pretreatment and/or enzymatic hydrolysis to
make the sugars available for the microorganism, are wood (Maddox and Anne
1983; Yu et al. 1984), switch grass (Qureshi et al. 2010b) or domestic organic waste
(Claassen et al. 1998).

11.3.3 Fermentation Processes

The traditional solvent fermentation is a batch process operated under sterile condi-
tions to prevent contaminations (Jones and Woods 1986), although continuous fermen-
tation at large scale has been reported to be conducted in China (Chiao and Sun 2007).
The growth conditions for the solvent-producing bacteria (temperature between 30
and 37°C, pH of the medium between 6 and 7) are also suitable for other microor-
ganisms (such as lactic acid bacteria). Therefore, the fermentation equipment needs
to be kept sterile at all times during operation. The fermentation medium was steril-
ized by cooking using conditions specific for the substrate. Corn starch was usually
cooked for approximately 1 h at 121-127°C to gelatinize the starch and sterilize the
mash, while molasses media were treated using milder conditions (Beesch 1952,
1953). After sterilization, filling, and inoculation of the bioreactor, the fermentation
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took between 50 and 60 h to be completed. The fermented liquor was then subjected
to a multistage distillation process to separate and purify the solvents (Walton and
Martin 1979). In some cases, part of the still residue (containing residual nutrients)
was reused for the preparation of the mash, a practice known as “slopback”, with
positive effects on the fermentation (higher yields, less water consumption) (Rogers
et al. 2006; Walton and Martin 1979).

The operation costs of the distillation and fractionation units needed in a full-
scale facility are relatively high. The low concentrations of mixed solvents in the
broth (approximately 2% (v/v) total solvents) make of the distillation the most
energy-demanding part of process. Because of this, many efforts have been devoted
to find alternative, more energy efficient recovery techniques (Diirre 1998; Ennis
et al. 1986; Groot et al. 1989, 1992; Qureshi and Blaschek 2000). Recently,
Oudshoorn et al. (2009) have presented a detail study and evaluation of several
techniques for separation of butanol from aqueous solutions including membrane-
based methods (reverse osmosis, perstraction, and pervaporation), crystallization,
liquid-liquid extraction, adsorption, distillation, and gas-stripping. Based on the
assessments of lower energy consumption and good selectivity for butanol, the
most attractive recovery methods were adsorption- and pervaporation-based
operations.

Recovery methods that can be applied during the fermentation prevent accumu-
lation of products and therefore toxicity effects, allowing the use of concentrated
feed solutions and facilitating the downstream processing. Integrated fermentation
and “in situ” product removal processes for ABE or IBE production have been stud-
ied using different techniques which are compatible with the fermentation condi-
tions. In Table 11.2, examples of fermentation parameters of different integrated
processes are shown.

Several extraction solvents have been used successfully for the removal of
butanol during fermentation; some examples are oleyl alcohol (Roffler et al. 1987)
(see Table 11.2), decanol (Evans and Wang 1988), and polypropylene glycol (Barton
and Daugulis 1992). In their study, Roffler et al. (1987) show a twofold increase of
the productivity of butanol in fed-batch extractive fermentation compared to a batch
fermentation, in addition to higher product yields and the utilization of highly
concentrated glucose solutions (500 g/L). In addition, these authors compare their
results with those from previous examples of integrated ABE fermentation pro-
cesses. An interesting approach in extractive fermentations is the use of methylated
fatty acids (MFAs) as extractants, since these are relatively cheap and can be used
directly as biodiesel without a butanol recovery step. In this context, methylated
crude palm oil has been used as extractant for ABE fermentation successfully, and
the resulting biodiesel-ABE mix showed good properties as fuel (Crabbe et al. 2001;
Ishizaki et al. 1999).

Pervaporation has been applied to the separation of ABE from aqueous systems
using different conditions (Ennis et al. 1986; Vane 2005). Best results in terms of
selectivity have been obtained using silicone-based membranes (Huang and Meagher
2001; Qureshi and Blaschek 1999). Integration of pervaporation using silicone/sili-
calite and polypropylene membranes with continuous fermentation resulted in
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higher productivities compared to batch processes, even though some practical
problems such as fouling of the pumps were encountered (Friedl et al. 1991; Groot
et al. 1991, 1992; Huang and Meagher 2001). Batch fermentations with high sub-
strate concentrations integrated with in-situ pervaporation using a silicone mem-
brane produced 51 g/L of solvents (Qureshi and Blaschek 1999) (Table 11.2). Due
to the high costs of the membranes, and typical operational problems (i.e., fouling)
that need to be solved, further developments are necessary for the application of
pervaporation at large-scale.

During gas-stripping, anoxic nitrogen or fermentation gas is sparged through the
medium, capturing volatile products. The gas containing the products is led to a
cooling unit where products condense resulting in concentrated solvent solutions
(Qureshi and Blaschek 2001). In Table 11.2, some examples of the application of
gas-stripping in ABE fermentation processes are given. In all cases, gas-stripping
has a very positive effect on the fermentation. For application at large scale, several
important aspects need still to be solved, including (1) excessive foaming of the
broth, (2) need for large volumes of fermentors, (3) high capital costs and energy
demand of the equipment (compressors), and (4) high energy costs for the separa-
tion of the volatiles from the gas-stream.

The adsorption of butanol, coproducts, and nutrients in fermentation broth has
been studied by several authors and reviewed by Qureshi et al. (2005). Different
adsorbents have been studied, such as silicalite, resins (Amberlite), bonopore and
polyvinylpyridine. This latter adsorbent was used for the “in situ” removal of
butanol, resulting in increased ABE productivity, 0.91 g/L h compared to 0.40 g/L h
of the control experiment, in batch cultures. When repeated fed-batch cultivation
with adsorption was applied, the ABE productivity increased to 1.69 g/L h (Yang
and Tsao 1995).

11.4 Branched Chain and Long-Chain Alcohol Production

Compared to the traditional biofuel, ethanol, higher alcohols have the advantage of
being less hygroscopic and of having a higher energy density. In addition, branched
chain alcohols have higher octane numbers compared to their straight chain iso-
mers. In Sect. 11.3.1 of this chapter, we have already mentioned that Atsumi and
coworkers have described alternative routes for the production of alcohols (butanol,
propanol, isobutanol, and branched chain alcohols). These alcohols are produced
via keto-acid intermediates found in the native amino acid pathways of E. coli
(Atsumi and Liao 2008b). An improvement of 3-methyl-1-butanol production by
E. coli using this approach was published by Connor and Liao in 2008. The same
research group also reported the extension of the branched-chain amino acid path-
ways to produce nonnatural longer chain keto acids and alcohols by engineering the
chain elongation activity of 2-isopropylmalate synthase and altering the substrate
specificity of downstream enzymes through rational protein design. When introduced
into E. coli, this constructed biosynthetic pathway produces various long-chain
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Fig. 11.2 Alternatives for production of pentanol isomers by yeast and bacteria, adapted from
(Cann and Liao 2010). (a) Example of the Ehrlich degradation pathway described by (Cann and
Liao 2010). Yeast can degrade amino acids like isoleucine and leucine to 3-methyl-1-butanol or to
2-methyl-1-butanol (not shown) respectively. (b) Isopentanol production via pathways involving
intermediates of the terpenoid synthesis pathways in E. coli. White arrows indicate natural bio-
synthetic pathways, Grey arrows indicate an introduced heterologous gene (nudF from Bacillus
subtilis) encoding an ADP-ribose phosphatase. Arrows may indicate more than one enzymatic step

alcohols with carbon number ranging from 5 to 8. Although the levels of new prod-
ucts obtained were very low (in the range of uM), this study demonstrated that it is
possible to engineer strains with a broader product range than the known natural
products (Zhang et al. 2008).

In a recent review Cann and Liao (2010) summarize different routes for the bio-
logical production of pentanol isomers. They describe the use of the Ehrlich degra-
dation pathway to produce 3-methyl-1-butanol, the production of 2-methyl-1-butanol
or 3-methyl-1-butanol from the amino acid biosynthetic pathways of isoleucine and
leucine, respectively. In addition they describe the possibility for production of iso-
pentenol via parallel pathways involving either the intermediate mevanolate or
methylerythritol and finally the production of 1-pentanol via reactions catalyzed by
enzymes encoded by the leucine biosynthetic operon. Figures 11.2 and 11.3 give an
overview of the pathways leading to production of branched and long chain alcohols,
and their relation to the natural existing pathways in E. coli. A summary of recently
reported branched and long chain alcohols produced by engineered microorganisms
is given in Table 11.3.

Recently, the production of high end concentrations of isobutanol in the fermen-
tation broth (105 g/L) by a recombinant yeast has been reported by Gevo (Glassner
2009) (patent nr WO 2009/086423). The engineering of this particular recombinant
yeast is based on the strategy earlier described by Atsumi and Liao (2008b). The
fermentation conditions employed to reach these high levels of isobutanol have not
been described in a scientific publication yet. Therefore, it is difficult to compare
these results with other similar studies in this field.
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Table 11.3 Longer chain alcohols that have recently been produced by engineered E. coli from
glucose

Alcohol Route Product Levels References
Isobutanol C4 valine/leucine 22.2 g/L* (Atsumi et al. 2008b)
Isobutanol C4 valine/leucine 74 ¢g/L (Atsumi et al. 2010)
2-methyl-1-butanol C5 isoleucine 1.25 g/ (Cann and Liao 2008)
3-methyl-1-butanol C5 valine/leucine 1.28 g/LL (Connor and Liao 2008)
1-pentanol C5 isoleucine 0.75 g/ (Zhang et al. 2008)
Isopentenol C5 terpenoid 0.11 g/lL (Withers et al. 2007)
3-methyl-1-pentanol Co6 isoleucine 0.79 g/lL (Zhang et al. 2008)
4-methyl-1-pentanol Cc6 valine/leucine 0.20 g/L (Zhang et al. 2008)
4-methyl-1-hexanol C7 isoleucine 0.06 g/L. (Zhang et al. 2008)
5-methyl-1-heptanol C8 isoleucine 0.02 g/ (Zhang et al. 2008)
1-hexanol C6 isoleucine 0.02 g/ (Zhang et al. 2008)

*after fed-batch cultivation in rich medium and using an adapted recombinant strain

11.5 Conclusions

If butanol derived from biomass (also referred to as biobutanol) needs to compete
with other biofuels or petrochemicals, improvements in the traditional process are
needed with respect to substrate use, by replacement with cheaper substrates not
competing with food industry, product yields, and titers, by increase of tolerance,
and by development of efficient and economical separation technologies to replace
distillation. As shown in Sect. 11.3, important advances in different aspects of the
fermentation process have been achieved, including innovative setups for integrated
fermentation and product removal. In the particular case of the butanol fermenta-
tion, improvements of strain performance by increasing product yields and resis-
tance to higher butanol concentrations, or eradicating production of coproducts, will
have dramatic effects on the downstream costs. Therefore, much effort is currently
devoted to the metabolic engineering of solvent-producing clostridia and to the
development of tailor-made strains of other species. Data and expertise are available
concerning the large-scale operation of improved processes using lignocellulosic
substrates (Zverlov et al. 2006) and continuous fermentations (Ni and Sun 2009).
These and the existence of currently operating ABE production plants are foreseen
to allow the rapid application of new developments with improved strains and inte-
grated processes into an economical ABE or IBE process within a reasonable period
of time. A major role in this transition toward improved processes could be fulfilled
by one or several of the dedicated start-up companies that have emerged during the
last years. The partnership of the multinationals BP and Dupont to develop and
commercialize butanol, mentioned in Sect. 11.2, is one of the most advanced initia-
tives at the moment. Other examples, namely, Green Biologics (www.greenbiolog-
ics.com) established in the UK, the Swiss/German Butalco (www.butalco.com),
focusing on butanol production with yeasts, and in the USA, Cobalt Biofuels
(www.cobaltbiofuels.com), Tetravitae Bioscience (www.tetravitae.com), and Gevo
(www.gevo.com, see Sect. 11.4) are to be mentioned.
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The recent advances toward the production of longer chain alcohols, described in
Sect. 11.4, represent an interesting expansion of the biofuel precursors that can be
produced biologically. The new metabolic routes designed for the production of C4
to C7-long alcohols need to be further optimized (higher yields and production
rates) before they would be industrially applicable, with the exception, perhaps, of
the developments toward the production of isobutanol as reported by Gevo. The new
routes based on 2-keto-acid precursors could be, in addition to alcohols, useful for
the expansion of the range of nonnatural aminoacids (Zhang et al. 2008). Research
on nonnatural amino acids is growing fast, driven by the need for new ways of prob-
ing protein structure and interactions, focused especially on therapeutic applications
(de Graaf et al. 2009).
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Fig. 12.1 Naturally existing or metabolically engineered pathways allow the production of a variety
of biofuels. Sugars derived from biomass or wastes are converted by heterotrophic metabolism to
pyruvate and then to acetyl-CoA, the basic building block in fatty acid (FA) biosynthesis. Alternate
fates for pyruvate or acetyl-CoA (acetate, ethanol, etc.) are not shown. (1) The natural route to
biodiesel. FAs serve to make either phospholipids, which are incorporated into the membrane, or,
with the addition of glycerol, TAGs (triacylglycerols), which serve to store carbon reserves under
nutrient limiting conditions. These can be extracted and the fatty acid methyl ester (FAME) or fatty
acid ethyl ester (FAEE) formed by transesterification with methanol or ethanol, making biodiesel.
(2) Addition of ethanol, generated internally, to the FA enables the direct in vivo production of
FAEE. (3) Reduction of fatty acyl-ACP to fatty aldehyde by acyl-ACP reductase followed by decar-
bonylation gives alkanes and alkenes. (4) Fatty acyl-ACP is reduced to fatty aldehyde by acyl-ACP
reductase as in (3) followed by reduction to a fatty alcohol by another reductase

Microbial fatty acid metabolism can potentially be used to produce biofuels that
could meet both criteria for more acceptable next-generation biofuels (Fig. 12.1).
First, many microorganisms; bacteria, algae, fungi, are already known that are capa-
ble of accumulating large quantities (20-70% on a dry weight basis) of lipids that
could be directly converted into biodiesel. The carbon for these lipids can either be
supplied by organic compounds found in wastes or lignocellulosic materials
(heterotrophic organisms), or can even be directly derived from newly fixed carbon
dioxide (autotrophic organisms). Second, metabolic engineering can be used to
co-opt the metabolic machinery involved in fatty acid biosynthesis to create novel
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pathways capable of the synthesis of a large number of fatty alcohols, alkanes, and
alkenes with many of the properties of the compounds found in petroleum distillates
used as liquid fuels. The availability of a variety of tools in metabolic engineering
and synthetic biology suggests that their application could lead to the development
of robust catalysts capable of the production of a variety of biofuels from renewable
resources in the near future (Connor and Atsumi 2010; Jarboe et al. 2010; Keasling
2010; Koutinas et al. 2007; Lee et al. 2008; Peralta- Yahya and Keasling 2010; Rude
and Schirmer 2009; Stephanopoulos and Abidi 2010).

12.2 Naturally Occurring Oleaginous Microorganisms

Of course, most living organisms are capable of fatty acid biosynthesis since these
components are necessary for membrane formation and structure. However, these
are usually available in only very limited quantities on a dry weight basis, since
synthesis is strictly regulated in consequence of the demand for maintaining mem-
brane composition and function. Some microorganisms make significant quantities
of very high-valued oils in demand in the health care market, y-linolenic acid,
arachidonic acid (ARA), eicosapentaenoic acid (EPA), and docosahexaenoic acid
(DHA), and the economics are such that production of these on a commercial level
using heterotrophic organisms and pure substrates is already feasible even though
production levels may not be extraordinarily high. Many other organisms make
large quantities of fatty acids as precursors for the carbon storage polymer
B-hydroxybutyrate. Although this particular pathway is of little interest for biofuels
production, there is a great deal of interest and research into the development of this
class of compounds, polyhydroxyalkonates, for the formulation of bioplastics.
Different manipulations allow the redirection of the chemical composition and
structure potentially enabling the production of bioplastics with different properties,
often mimicking those of petroleum-based plastics. Finally, some organisms appear
to be capable, under the right conditions, of accumulating prodigious amounts of
triglycerides (TAGs), presumably as a carbon storage reserve. By convention,
hyperlipid accumulating organisms are called oleaginous if they contain 20% or
more TAG by dry weight.

12.2.1 Phylogenetic Distribution of Hyperlipid Accumulation

The capacity to accumulate large quantities of lipids appears to be widespread, but
with little relationship to phylogeny. Examples of oleaginous organisms can be
found among the bacteria, microalgae, fungi, and yeasts. A diverse set of the eukary-
otic microalgae are known to be hyperlipid accumulators under the right conditions
(see below for more details). The fact that they can produce lipids while carrying
out the photosynthetic fixation of carbon at areal productivities that are much greater
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Table le.l hMolﬁs 1nd.1yeast Species % (Dry wt)

reported to have high oi

COII)IICIltS" ¢ Molds
Aspergillus oryzae 57
Cunninghamella echinulata 35
Humicola lanuginose 75
Mortierella alpina 40
Mortierella isabellina 86
Mortierella vinacea 66
Mucor mucedo 62
Rhizopus stolonifer 28
Zygorhychus moelleri 23
Yeast
Candida curvata 58
Cryptococcus albidus 65
Lipomyces starkeyi 64
Rhodotorula glutinis 72
Rhodotorula mucilaginosa 53
Trichosporon capitatum 44
Trichosporon fermentans 62
Trichosporon pullulans 33
Yarrowia lipolytica 52

*Data taken from Subramaniam et al. (2010), Kosa and Ragauskas
(2011), Meng et al. (2009), and Shi et al. (2011)

than higher plants has spawned a craze over “algae oil.” Thus, a great deal of
research has gone into examining the autotrophic production of biodiesel, or more
specifically, of TAGs that can be converted in vitro to biodiesel through transesteri-
fication reactions with alcohols, most commonly methanol. This work is reviewed
in another chapter. In what follows the production of microbial oil by heterotrophs
will be reviewed.

A variety of eukaryotic molds (filamentous fungi) and yeast have been found to
accumulate, under the right conditions, typically nitrogen limitation, a large per-
centage of their dry weight as lipids (Table 12.1). Of course, what really counts here
for biodiesel production is the TAG (triacylglycerol) content. Many of the species
listed can achieve TAG levels close to 90% of total lipid when hyperaccumulation
is induced. In practice, SCO (single cell oil) production would probably use yeast
and not fungi given their appreciably higher growth rates and less demanding cul-
turing requirements.

In addition, for practical purposes, rates of lipid production as well as the fatty
acid profile of the produced TAGs, which greatly affects the useful properties of the
resultant biodiesel, are also important considerations. TAG biosynthesis can be
divided into two main pathways, fatty acid (FA) biosynthesis and then addition of
the FAs to glycerol to form TAG. Yeast FA synthesis differs in some ways from
bacterial FA synthesis, and there are even slight differences in FA synthesis between
Gram-negative and Gram-positive bacteria (Kosa and Ragauskas 2011). In general,
bacteria do not accumulate large intracellular concentrations of fatty acids, but rather
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Table 12.2 Bacteria reported Species % (Dry wt)
to have high oil contents®

Gram negative

Acinetobacter sp. 25
Alkanivorax borkumensis 23
Pseudomonas aeruginosa 38
Pseudomonas sp. 43
Gram positive

Arthrobacter AK 19 78
Bacillus subtilis 33
Gordonia sp. 71
Nocardia corallina 24
Rhodococcus erythropolis 21-57
Rhodococcus opacus 52-87

“Data taken from Subramaniam et al. (2010), Kosa and
Ragauskas (2011), Meng et al. (2009), and Shi et al. (2011)

make other types of carbon storage compounds, such as polyhydroxyalkanoates
(a prime example is polyhydroxybutyrate) or glycogen, when fixed carbon is in
excess. However, some exceptions are known and can be found among both Gram-
negative and Gram-positive bacteria (Table 12.2). In addition, many microalgae,
better known perhaps for their ability to produce TAGs photoautrophically, can also
do so mixotrophically, or heterotrophically (Gao et al. 2010; Miao and Wu 2006;
O’Grady and Morgan 2011; Shen et al. 2010; Xu et al. 2006). These additional
growth modes for the microalgae are under active investigation and represent a
short-term means for producing TAGs from these organisms without the necessity
of solving the technical problems inherent in either developing closed photobioreac-
tors at sufficiently low cost, or devising means of operating open systems without
being overrun by competing species. Finally, environmental metagenomic analysis
suggests that there is a wealth of organisms with yet to be described fatty acid bio-
synthetic pathways and unknown end products waiting to be discovered (Shulse and
Allen 2011), and although the vast majority of organisms appear to use the classical
FA synthesis route to produce FAs and TAGs, a few use a novel PKS (polyketide
synthase) system (Metz et al. 2001).

Of course, a variety of substrates can be used, any carbon source normally used
by the organism in question will generate sufficient acetyl-CoA to feed the FA bio-
synthetic machinery. Obviously, for biofuels production, it would be more cost
effective to use wastes or low-value substrates and a few studies have examined
TAG production from different wastewaters including MSG (monosodium gluta-
mate) manufacture (Xue et al. 2006) and sewage sludge (Angerbauer et al. 2008)
with encouraging results. Otherwise, heterotrophic biodiesel production, as the
majority of other biofuels, requires the input of low-cost sugars. It would be too
expensive to produce TAGs from any kind of refined sugar, unless this is to make
some high-value fatty acid (Ratledge and Cohen 2008). Low-cost impure sugars
would be obtained from carbohydrate-rich waste streams at small to medium scale,
and at large scale would have to be obtained from deconstructed lignocellulosic
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biomass (Elkins et al. 2010; Nigam and Singh 2011). A wide variety of agro-industrial
wastes, including molasses, apple pomice, sweat whey, etc., have been shown to
support high levels of TAG production (60-90% dry wt) by Gordonia sp. (Gouda
et al. 2008). Molasses also supports high levels of lipid accumulation by Candida
and Rhodotorula (Karatay and Donmez 2010) as well as Trichosporon capitatum
(Wu et al. 2011a, b). A study with pure glycerol showed that this compound could
support high levels of growth and significant TAG production (25% dry wt) by the
yeast Cryptococcus curvatus (Meesters et al. 1996), suggesting that this process
could be used to recover additional biodiesel from the waste glycerol produced dur-
ing the transesterification reaction used to produce biodiesel [fatty acid methyl
esters (FAMESs)] from TAGs. In fact, a recent study showed that PUFAs could be
produced from the raw glycerol fraction (Scott et al. 2011). In addition, a 300-1
pilot-scale production of TAGs from unsterilized corn starch waste water has been
carried out with Rhodotorula glutinis (Xue et al. 2010).

12.2.2 Fatty Acid Biosynthesis and Properties

Fatty acid biosynthesis in lipid hyper-accumulating yeasts and fungi involves a tight
coupling between mitochondrial and cytosolic metabolism, for which an elegant
model has been proposed by Ratledge (2002, 2004) as shown in Fig. 12.2. The basic
requirements for fatty acid synthesis, acetyl-CoA and NADPH, are met by the func-
tioning of two cycles and two key enzymes. The requisite acetyl-CoA, the basic two
carbon building block of FA synthesis (this is why natural FAs are always an even
number of carbons long), is made from precursors generated by the TCA (tricar-
boxylic acid cycle), which functions in the mitochondrion. Under nitrogen limita-
tion, isocitrate dehydrogenase becomes inactive as its activity uniquely depends
upon AMP and AMP is degraded by an upregulated AMP deaminase:

AMP — inosine 5' - monophosphate + NH,

Thus, citrate accumulates and is exported to the cytosol by a citrate:malate anti-
porter. In the cytosol, the key enzyme acyl-CoA ligase (ACL) produces acetyl-CoA,
consuming ATP.

ACL (ATP:citrate lyase):

Citrate + CoA + ATP — acetyl - CoA + oxaloacetate + ADP + Pi

The oxaloacetate that is produced is converted to malate which enters the mito-
chondrion via a malate/citrate antiporter where it is converted into another molecule
of citrate, permitting continued acetyl-CoA production and thus fatty acid synthesis.

Fatty acid synthesis also requires prodigious quantities of reducing power in the
form of NADPH since two moles are required for reduction of each 3-keto-fattyacyl
group created by condensation of acetyl-CoA with malonyl-CoA. Thus, 1 mol of a
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Fig. 12.2 Ratledge model for fatty acid synthesis in oleaginous yeast. Most, if not all, oleaginous
yeast are thought to have a specialized pathway for LCFA synthesis which involves reactions in
both the cytosol and the mitochondrion to supply the necessary acetyl-CoA and NADPH. Two key
processes, each with a unique enzyme, are required. Acetyl-CoA is formed in the cytosol from
citrate that is exported from the mitochondrion. The key enzyme here is ATP:citrate lyase (ACL)
which also forms oxaloacetate which in turn gives malate. The malate is exchanged into the mito-
chondrion for another citrate molecule. Thus, there is a citrate—malate cycle that generates acetyl-
CoA. NADPH is formed by a transhydrogenase cycle where the key enzyme is malic enzyme
(ME). This cycle essentially uses ATP to drive the reduction of NADP* from NADH. Note, these
cycles function independently, thus allowing the production of variable amounts of NADPH as
required for elongation and desaturation reactions. (Adapted from Ratledge 2004)

oxaloacetate

C18 saturated fatty acid requires 16 mol of NADPH. The key enzyme required for
the production of NADPH is malic enzyme:
ME (Malic enzyme)

Malate + NADP* — NADPH + Pyruvate + CO,

Malic enzyme participates in a cytosolic transhydrogenase cycle in which reduc-
ing power is transferred from NADH to NADPH with the hydrolysis of ATP. Thus,
ATP is required for both acetyl-CoA synthesis and for provision of reducing power
in the form of NADPH, leading to a total ATP requirement of 25 mol of ATP per
C18 saturated FA produced (16 ATP to produce the NADPH, 9 ATP to produce the
needed acetyl-CoA). In these aerobic organisms, the necessary NADH and ATP are
produced by the combined action of the TCA cycle and oxidative phosphorylation.
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Table 12.3 Fatty acid composition of some oleaginous yeast*
Major fatty acids

16:0 18:0 18:1 18:2

Yeast or plant Max lipid Palmitic Stearic Oleic Linoleic
Candida diddensiae 37 19 5 45 17
Cyrptococcus albidus 65 12 3 73 12
Cryptpcoccus curvatus 60 32 15 44 8
Lipomyces starkeyi 65 34 5 51 3
Rhodosporidium toruloides 66 18 3 66

Rhodotorula glutinis 72 37 3 47 8
Trichosporon pullulans 45 12 2 57 24
Waltomyces lipofer 64 37 7 48 3
Yarrowia lipolytica 36 11 1 28 51
Rape seed 5 2 33 20
Soy bean 11 4 25 53
Palm 37 7 46 9

“Based on Ratledge and Cohen (2008), and Ramos et al. (2009)

Of course, a variety of saturated and unsaturated fatty acids can be made depend-
ing upon the organism and growth conditions. Some PUFAs (polyunsaturated fatty
acids) are high-value products for which there is an appreciable demand in the health
product sector, and some of these are already commercially produced by processes
employing microorganisms (Wynn and Ratledge 2005). These include EPA (20:5
w-3), DHA (22:6 @-3), and ARA (20:4 @w-6) and some organisms can make signifi-
cant quantities of these. However, in general PUFAs are not suitable for making into
biodiesel since the corresponding FAME:s or fatty acid ethyl esters (FAEEs) score
low on the scales of desirable characteristics. To be acceptable as a transportation
fuel (i.e., diesel replacement or diesel adulterant), the FAMEs or FAEEs that are
produced from microbial (or plant) oils must be of sufficient quality and therefore
must have a minimum rating in a number of properties, Table 12.4 (Ramos et al.
2009; Gopinath et al. 2009). These include several critical parameters related to
combustion performance, and fuel stability to oxygen and cold. Obviously, these
different properties are a function of chain length, and, more importantly, degree of
saturation. In general, cetane number, a measure of diesel fuel combustion proper-
ties and therefore analogous to the use of octane in rating gasolines, increases with
chain length, but for a given chain length, decreases with unsaturation. Therefore,
some plant oils, such as sunflower, or olive, give unacceptably low cetane numbers
due to their high content of PUFAs. Obviously, the same would be true of microbi-
ally produced oils. Similarly, the iodine value is a direct measure of the degree of
saturation of a mixture of FAMEs. As well, cold filter plugging point is directly
related to the methyl ester composition and thus the degree of unsaturation and long
chain saturated length. Thus, a single chain length fatty acid will not make a biodie-
sel possessing all the desired characteristics in adequate amounts and therefore an
ideal biodiesel is actually a mixture of chain lengths and degree of saturation.
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Table 12.4 Some important biodiesel properties
Property European standard Definition/importance

Cetane number 51 (min) Directly related to fuel quality in terms of ignition
delay and combustion quality. Determined by
standard tests with cetane (hexadecane (C16H34))
scoring 100

Todine value 120 (max) A measure of the total degree of unsaturation in a
mixture of fatty acids. This must be limited as
highly unsaturated mixtures form deposits or lose
lubricating capacity upon heating

Cold filter plugging Seasonal, country  Related to the low temperature induced precipitation

point (CFPP) specific of FAME:s. Directly related to the saturated chain
length
Oxidation stability 6 (min) Stability in the presence of a stream of air. Decreases

with the degree of unsaturation and impurities. In
practice, antioxidants need to be added to biodiesels

12.2.3 Factors Affecting Lipid Accumulation

It is well known that growth and high level accumulation of TAGs are essentially
incompatible. Under conditions favorable for growth, carbon is channeled into the
production of all the cellular components necessary for cellular multiplication, and
only low levels of fatty acids, those necessary for membrane formation, will be
formed. Some form of growth arrest, usually due to a limitation in a noncarbon
nutrient, leaving the cell in a condition of carbon excess, is necessary to trigger TAG
accumulation in oleaginous organisms. Usually, the limiting nutrient is nitrogen,
and conditions are chosen that permit appreciable biomass accumulation before
growth arrest and entrance into the oil accumulation phase (Mainul et al. 1996;
Ratledge 2002; Ratledge and Wynn 2002). Typically, C/N ratios of around 50:1 are
most effective (Kosa and Ragauskas 2011). The effect of N limitation is rationalized
by its effect on AMP deaminase, which, as noted above, becomes activated under
these conditions, lowering AMP levels, thereby reducing isocitrate dehydrogenase
activity and thus increasing carbon flux into citrate production. Given the conditions
required for TAG accumulation, maximum titer is achieved under batch or fed-batch
conditions (Hassan et al. 1996). Recently, it has been reported that high levels of
TAG can also be accumulated under S limitation, suggesting that AMP deaminase
activation may be a general signal of nutrient stress although an indirect effect of
sulfate limitation, i.e., induction of intracellular N limitation, was not ruled out (Wu
etal. 2011a, b). Interestingly, O, limitation can be apparently be used to control the
degree of saturation, with a greater saturation under microaerobic conditions
(Jakobsen et al. 2008). This can be rationalized by the oxygen requirement for desat-
urase activity.

One of the drawbacks to the use of naturally oleaginous yeast and fungi is the
relative lack in general of genetic tools to enable improvements, either in yields or
in TAG composition. Nevertheless, some progress has been made recently in the
genetic engineering of some yeast, both oleaginous and nonoleaginous strains
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(Kosa and Ragauskas 2011). Carbon flux into FA synthesis can be increased in a
number of ways and lipid degradation can be prevented by elimination of the -oxi-
dation pathway. Both approaches have been used with Yarrowia lipolytica by delet-
ing one of the isoforms of glyceraldehyde-3-phosphate dehydrogenase and enzymes
of the P-oxidation pathway which gave greatly increased TAG accumulation
(Beopoulos et al. 2008). Likewise, given the importance of malic enzyme in FA
synthesis and consistent with it representing a rate limiting step, overexpression of
malic enzyme in Mucor circinelloides gave a 2.5-fold increase in lipid accumula-
tion (Zhang et al. 2007). Finally, the nonoleaginous yeast Saccharomyces cerevi-
siae can be rendered oleaginous, accumulating up to 30% lipid, by overexpression
of acyl-CoA synthase in a mutant-deleted snf2, a potential regulator of TAG
biosynthesis (Kamisaka et al. 2007).

12.2.4 Extraction and Transesterification

It is all well and good to have strains and systems accumulating high levels of TAGs
on a per cell level, but to make biodiesel, it is necessary to convert the FAs present
in the TAGs to methyl or ethyl esters (FAMEs or FAEEs) free of water. A number
of methods have been proposed. One important consideration is that the TAGs are
present inside the organisms growing in an aqueous phase. Normal biodiesel pro-
duction processes require that the organisms be harvested, dewatered, the lipids
extracted with a suitable solvent, and then the TAGs be transesterified. Thus, this
can be an energy-intensive process, and cell harvest and dewatering is one of the
major challenges in realizing biodiesel production from algae. At least with yeast
and fungi, relatively high biomass densities can be obtained with heterotrophic cul-
tures, and this is therefore one of the operational parameters that needs to be consid-
ered. Under optimal conditions, TAG concentrations of up to 100 g/l can be obtained.
In addition, even after biomass harvest, the traditional route to FAME production is
quite energy intensive, 0.35 MJ of electricity and 1.75 MJ of fossil fuel per kg of oil
(Sheehan et al. 1998).

A variety of options are available for TAG processing to biodiesel. Present manu-
facturing procedures, although well established, are rather costly and a number of
improvements could possibly be made. Lipids can be extracted using a nonpolar
organic solvent such as n-hexane and any number of processes such as Soxhlet,
Bligh and Dyer, Folch, supercritical fluid extraction, and pressurized liquid extrac-
tion. The extracted TAGs are then transesterified, usually in a base catalyzed reac-
tion, although other options are available (Vyas et al. 2010). Transesterification
could possibly be improved by using an enzymatic process employing a lipase,
although a lipase with the requisite properties has yet to be found and a process, i.e.,
immobilization, would need to be developed that would reduce the need for costly
enzyme addition. Such processes are under active development (Adamczak et al.
2009; Parawira 2009; Schorken and Kempers 2009; Uthoff et al. 2009). Another
process that may afford some energy savings is in situ transesterification where the
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ester formation reaction occurs simultaneously with extraction (Liu and Zhao 2007;
Vicente et al. 2010; Xu and Mi 2011). One analysis suggests that a process requiring
only 30% w/v biomass instead of 85% w/v would be significantly more energy
efficient (Xu et al. 2011).

12.3 Engineering Novel Biofuels from Fatty Acid Metabolism

Recent work has shown that metabolic engineering may provide a means to
improved biodiesel production from renewable feedstocks, or even to allow produc-
tion of alkanes and alkenes by manipulation of existing fatty acid biosynthetic path-
ways. Establishing the ability to direct the synthesis of desired products could have
a number of advantages. As mentioned earlier, for a FAME or FAEE to be useful as
a fuel, a number of criteria need to be satisfied. Metabolic engineering has the
potential to tailor synthesis such that an ideal mix of compounds is produced, a
“designer biodiesel” (Knothe 2008) or biojet fuel. Much of this work is based on the
well-known fatty acid biosynthetic pathways of Escherichia coli (Fig. 12.3).

12.3.1 Microbial Production of FAEEs

One obvious modification would be to enable organisms to directly produce the
desired product by carrying out in vivo an esterification reaction simultaneously
with fatty acid biosynthesis, thus bypassing TAG production and avoiding transes-
terification reactions after TAG extraction. In this case, since in general organisms
are capable of producing ethanol, but not methanol, it would be the FAEE that would
be produced. This in fact could be an advantage since FAEEs have better low tem-
perature characteristics than the corresponding FAME (Knothe 2008). In an initial
proof of principle report, E. coli was modified to produce the FAEE ethyl oleate
when supplied with glucose and oleic acid, by incorporating a nonspecific acyltrans-
ferase from Acinetobacter and, to produce the required ethanol in large quantities,
pyruvate decarboxylase and alcohol dehydrogenase from Zymomonas mobilis
(Kalscheuer et al. 2006). Although this process has even been demonstrated at pilot
scale (Elbahloul and Steinbuchel 2010), a more practical process would involve
in vivo esterification with ethanol using organisms naturally capable of producing
high quantities of fatty acids from renewable feedstocks, or with organisms that have
been modified to produce sufficient quantities of fatty acids (Uthoff et al. 2009).

In fact, although E. coli only naturally makes modest amounts of lipids (5-10%
dry wt basis), there are a number of reasons to develop it as a platform for the pro-
duction of fatty acids suitable as a feedstock for biodiesel production. Its fatty acid
metabolism has been well studied and much is known about the enzymes and regu-
latory factors involved. Moreover, it possesses a number of properties that make it
attractive as a biofuels platform in general. It can consume a wide range of C6 and
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Fig. 12.3 Fatty acid biosynthesis in Escherichia coli and many other bacteria. Organic compounds
are degraded to pyruvate by central metabolic pathways. Pyruvate is split to acetyl-CoA and CO,
and NAD is reduced to NADH under aerobic conditions by pyruvate dehydrogenase, acetyl-CoA,
and formate under anaerobic conditions by pyruvate:formate lyase. Acetyl-CoA is the basic build-
ing block of LCFA synthesis, but can also be used to make other compounds including acetate and
ethanol. Pathways that divert carbon flux from LCFA synthesis are shown by broken arrows with
potential products shown by dashed boxes. Blocking these pathways by mutational inactivation
should increase fatty acid synthesis. The first step in FA synthesis is an initial condensation reac-
tion to give malonyl-CoA bound to acyl-carrier protein (ACP). The necessary enzymes are encoded
by accABCD and fabD. Further rounds of addition of acetyl-CoA build the LCFA, two carbon
units at a time. Thus, all LCFAs are an even number of carbons long. Cells also possess machinery
for degradation of LCFAs, encoded by fad genes. Blocking this pathway may increase net yields
of LCFAs

C5 compounds, has a rapid growth rate and simple nutrient requirements, and there
is an extremely well-developed metabolic engineering toolbox available (Clarke
2010; Clomburg and Gonzalez 2010; Liu and Khosla 2010). Much of this informa-
tion has been recently reviewed, and several strategies laid out for promoting hyper
fatty acid production (Handke et al. 2011). Recent work, guided by cell-free studies,
has led to the development of E. coli strains that can produce higher levels of free
fatty acids than wild-type strains (Cao et al. 2010; Lu et al. 2008; Liu et al. 2010).
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Recently, an E. coli system was developed which combined the two properties
described above, the ability to overproduce fatty acids and to carryout in vivo esteri-
fication with an enhanced ethanol production pathway (Steen et al. 2010). Thus, the
engineered strains allow the production of FAEEs directly from glucose, or other
sugars, necessary as the use of a fatty acid, such as oleic acid, is too expensive as a
feedstock. The necessary ethanol production was engineered by introducing pdc
(pyruvate decarboxylase) and adhB (alcohol dehydrogenase) from Zymomonas
mobilis, and fatty acid production was ramped up by overexpressing thioesterases
(TES) and ACL and by eliminating fatty acid degradation through the -oxidation
pathway (fadE knockout). “Designer biodiesel” (FAEEs of different chain lengths)
can be made by expressing different thioesterases with different specificities.
Production of FAEEs on a commercial scale is currently under development by
LS9. How E. coli might be engineered to produce a variety of interesting biofuel
compounds, principally alkanes and alkenes are detailed below in Sect. 12.3.3.

12.3.2 Hybrid Technologies for Producing Alkanes and Alkenes

For many fuel purposes, alkanes are more desirable than FAMEs or FAEEs. For
example, jet fuel that must meet Jet-A or JP-8 standards requires a fuel with a higher
energy density, better viscosity, lower freezing point, and better compatibility than
that available from standard FAMESs or FAEEs. One way around this of course is to
first produce the FAMEs (standard biodiesel or microbial biodiesel) or FAEEs (bio-
logical route as outlined above) and then chemically convert them to alkanes
(Lennen et al. 2010; Westfall and Gardner 2011). This is the route currently being
taken by companies such as UOP, Nesta, and Virent, largely using the industrial
scale hydrotreatment process developed by UOP. Essentially, FAMEs or FAEEs are
decarboxylated by hydrogenation over a suitable catalyst such as Pd (Lennen et al.
2010). It should be mentioned that there are other routes to the production of
biologically derived alkanes that do not depend upon the fatty acid biosynthetic
pathway. Several of these options are under commercial development. In the
MixAlco™ process, commercialized by Terrabon (http://www.terrabon.com/mix-
alco_technology.html), conventional fermentation with mixed cultures is used to
produce a mixture of carboxylate salt which then undergo a series of catalytic reac-
tions including thermal conversion to ketones, hydrogenation, condensation, and
distillation to produce the desired fuels, including alkanes (Agler et al. 2011;
Holtzapple and Granda 2009). A direct route to molecules suitable for the produc-
tion of either diesel or jet fuel, even though they are not alkanes, is through manipu-
lation of the isoprenoid pathway (Christianson 2008; Pitera et al. 2007; Renninger
and McPhee 2008; Renninger et al. 2011; Shiba et al. 2007; Wang et al. 2011).
Amyris (http://www.amyrisbiotech.com/en/science/production-process) is develop-
ing the production of farnesane, for example, produced through a relatively simple
process of distillation and hydrogenation of farnesol.
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12.3.3 Direct Routes for Production of Alkanes and Alkenes

Of course, there are probably a variety of routes to directly producing alkanes from
intermediates or products of the fatty acid biosynthetic pathway. A biofuels produc-
tion process based on the direct in vivo generation of alkanes has a number of obvi-
ous advantages, most notably that the additional steps of extraction, dewatering, and
catalytic hydrogenation would be avoided. Thus, alkanes could be produced without
the need of noble or semiprecious catalysts or a requirement for the energy intensive
use of hydrogen, a fuel in its own right. The molecular details of three different
biosynthetic routes to alkanes/alkenes have been recently described. In one, the
alkane biosynthetic pathway from a cyanobacterium was expressed in a fatty acid
overproducing strain of E. coli (Schirmer et al. 2010). The alkane pathway consisted
of a acyl-carrier protein reductase, which produces a fatty aldehyde and an aldehyde
decarbonylase. Together they allowed the production and secretion of a variety of
C13 to C17 alkanes and alkenes.

Another possible route to alkene synthesis is through the head to head condensation
of two fatty acids. The required genes have been characterized from Micrococcus luteus
(Beller et al. 2010) and Shewanella oneidensis (Sukovich et al. 2010b). The presence
of homologs appears to be widespread among the bacteria (Sukovich et al. 2010a). The
key enzyme, OleA, is thought to catalyze a thiolase-type reaction mechanism. Finally,
yet a third route has been very recently described, based on bacteria of the genus
Jeotgalicoccus to produce terminal olefins (Rude et al. 2011). The key enzyme here is
OleT,;,, a member of the P450 family. It belongs to the cyp152 subfamily, which
includes bacterial fatty acid hydroxylases. It would be interesting to examine the effect
of the expression of this enzyme in a fatty acid overproducing strain of E. coli.

12.4 Conclusion

As can be seen from the brief overview presented here, a variety of possibilities
exist for the production of different biofuels based on fatty acid biosynthesis; biod-
iesel (FAMEs and FAEEs), alkanes, alkenes, olefins. Approaches have been
described that range from physiological manipulation of naturally oleaginous
microbes to the use of synthetic biology to create novel biofuel molecules never
before seen in nature. The challenge will be to develop a scalable industrial process
based on widely available, abundant renewable resources (deconstructed lignocel-
lulosic materials). Nevertheless, the payoff here would be great, as these biofuels
are “drop in” fuels, able to directly substitute for presently used petroleum-based
fuels. Thus, the biofuels described would use existing infrastructure and would
require no engine modification, etc. The market demand for diesel, more or less
easily met by fatty acid derived biofuels, is growing at a much faster rate than for
gasoline. Moreover, these biofuels are perhaps the only ones that can reasonably be
expected to serve as biojet fuels, desperately being sought by the aviation industry.
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Chapter 13
Algae Oil
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13.1 The Hope and the Hype

Over the past 5 years or so, there has been a tremendous interest in developing
microalgae as a novel, renewable source of biodiesel. This subject has captured the
public interest, with frequent headlines seeming to suggest that cheap renewable
“green” oil is just around the corner, as well as attracting significant interest in the
investment world, with well over one billion dollars of venture and big oil capital
(Mascarelli 2009) being invested in more than one hundred algal biofuels start-ups
(Waltz 2009b). In this chapter, we examine some of the promising results that have
emerged from research on microalgae (Box 13.1) that have encouraged hope in this
approach. Unfortunately, an uncritical listing of the proposed advantages of microal-
gae for biodiesel production, with encouraging numbers extrapolated from labora-
tory experiments carried out under specific, idealized conditions, has sometimes led
to extravagant claims. In some cases, these have even been extended to the level of
hype, with claims that go beyond theoretical limits, making algae oil the “snake o0il”
of the twenty-first century. Some of the proposed advantages of using microalgae
for biofuels production rather than more conventional plants are listed in Table 13.1,
and discussed in detail in what follows. However, realizing the (realistically stated)
hopes of fuels from microalgae will require that a number of very challenging
barriers to overcome. In reality, each potential advantage is counterbalanced by a
potential limiting downside, or even downright dismissal (Table 13.1). Thus, before

G.B. Leite ¢ P.C. Hallenbeck (<)

Département de microbiologie et immunologie, Université de Montréal,
CP 6128, Succursale Centre-ville, Montréal, Québec H3C 3J7, Canada
e-mail: patrick.hallenbeck @umontreal.ca

P.C. Hallenbeck (ed.), Microbial Technologies in Advanced Biofuels Production, 231
DOI 10.1007/978-1-4614-1208-3_13, © Springer Science+Business Media, LLC 2012



232 G.B. Leite and P.C. Hallenbeck

Box 13.1 Microalgae, cyanobacteria and biofuel production

Microalgae as discussed in this review are simple microscopic, nonvascular
eukaryotic plants. Therefore, their photosynthetic capacities are contained in
chloroplasts. In the past, other microorganisms capable of water-splitting
photosynthesis, the prokaryotic cyanobacteria, were included by botanists in
the algae and called blue-green algae. They have been excluded from the main
part of this review mostly because no known example of a hyper lipid accu-
mulating strain exists, but also since, apart from the fact that they also carry-
out plant type photosynthesis, they are quite different genetically and
physiologically. They could become important autotrophic (CO -fixing) pro-
ducers of liquid biofuels in the future due to the relative ease with which they
can be manipulated genetically.

Table 13.1 Advantages and downsides to microalgae for oil production

Putative Advantages Cautionary notes

— Can be grown on marginal lands, urban areas or — cultivation much more technologically
industrial parks: no competition with food challenging than traditional crops
production

— Rapid growth under optimal conditions — optimal conditions, pH, temp, pCO,,

light intensity difficult to maintain
— relatively easily over-run by “weeds”
— subjet to plagues of “pests”

— High lipid content — only a few species and under stringent
conditions
— High diversity of fuel quality/
characteristics
— Sequester or mitigate CO, emissions from fossil — “Enron style” repo 101 accounting, CO,
fuel power plants immediately released when

fuel combusted
— Production possible throughout the year — Low productivity during winter months,
heating may be necessary

algal biofuel production becomes a practical reality, if indeed it ever does, a large
number of algal biofuels start-ups are predicted to fail (NY Times, 2011), just as in
nature algae often bloom in the spring, only to die off as the season progresses.
There has been a great deal of debate over food versus fuels in contemplating
future large-scale expansion of biofuels production. Microalgae offer the advantage
of not competing, either directly or indirectly, with food production since they can
be cultivated on marginal, nonarable lands, or perhaps even urban areas and indus-
trial parks. Thus, microalgae would appear to be more suitable than more traditional
plants, especially food crops (corn, wheat, and soybean). However, humans have
tens of thousands of years of experience in cultivating and harvesting vascular plants
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and highly efficient mechanized agricultural systems have been developed. As will
be seen in more detail below, cultivation and harvesting of microalgae on a large
scale is technologically much more challenging than traditional agriculture. Another
potential advantage of microalgae is that they have a much more rapid growth rate
than plants, doubling their biomass in as little as 24 h, and can, under the proper
conditions, be grown year round. Thus, algae would seem once again preferable to
vascular plants. However, as opposed to traditional plants, microalgal cultivation
requires the strict maintenance of a number of environmental parameters, pH, tem-
perature, pCO,, and light intensity, to achieve high productivities. Moreover, at least
in open ponds, microalgae are much more susceptible to being overrun by “weeds”
(unwanted alien algal species) and to being decimated by plagues of zooplankton,
with an exploding population capable of quickly “crashing” a high-rate pond opera-
tion. Although microalgae can potentially be grown year round, thus increasing
overall productivity growth will be diminished at reduced winter light intensities and
cultivation systems may need to be heated, indeed even covered, in cold climates.

Another potential advantage of microalgae over traditional plant sources for
biodiesel production is their sometimes very high content of lipids. Typical seeds
from plants that are grown for their oil have between 18 (soybean) and 41 (canola)
oil % dry weight (Mata et al. 2010), thus these figures do not count the total plant
weight (stem, leaves, stalk, and roots). On the other hand, some microalgae can be
manipulated to contain as much as 90% oil on a total dry weight basis. However,
only select species are capable of reaching such high yields, these are basically
under nongrowing conditions and not all algae oil may be suitable for biodiesel due
to the quality and/or characteristics of the lipids that are produced.

Finally, as discussed in more detail below, microalgal growth is stimulated at
higher than atmospheric levels of CO, and thus many scenarios site future microal-
gal growth facilities near industries emitting high levels of carbon dioxide, either
power generating plants burning fossil fuels, or fermentation facilities, etc. Some
claim that this is an additional benefit; that the microalgae are thus carrying out CO,
mitigation. However, as detailed in Sect. 13.7, this is in fact spurious accounting
and, although beneficial in the sense that algal growth will not require the import of
carbon dioxide compressed elsewhere, this could have no rational place in any
carbon trading scheme.

13.2 Microalgae

Microalgae form a wide and heterogenous group with species spread among differ-
ent phyla. Although there are many exceptions, they are commonly defined as
oxygen producing photosynthetic microorganisms containing chlorophyll “a.” They
are mainly found as solitary cells, showing little or no cellular differentiation. Most
species occur in aquatic habitats and can be isolated from fresh, brackish or saline
waters, although some species can be found in the soil or rocks, in moist or even
relatively dry environments. The simplest example of these organisms would be a
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single cell floating in a water column producing and storing its own sugar using
sunlight and reproducing itself by simple binary cell division. This example would
describe thousands of prokaryotic (cyanobacterial) and eukaryotic species that,
being capable of using dissolved carbon dioxide as sole carbon source, have rela-
tively simple nutritional demands.

Of course, the actual metabolic diversity is large, not surprising given the hetero-
geneity of distribution of these organisms in the tree of life and their long history of
evolutionary adaptation. Thus, obligatory heterotrophic species are known, most of
which contain a defective plastid (chloroplast) incapable of carrying out photosyn-
thesis and thus making the cells dependent on external carbon sources. In some
cases, the obligatory heterotrophs live as parasites. However, many species are met-
abolically versatile and can either grow autotrophically or heterotrophically, depend-
ing upon the environmental conditions.

13.2.1 Distribution and Phylogeny

Microalgae can be isolated from virtually any aquatic environment, from fresh to
hypersaline waters. Some species are even found in nonaquatic environments such
as rocks or soil. Many microalgae can survive in very dry or cold habitats, entering
into a metabolically dormant state until enough moisture becomes available to
resume metabolism (Graham et al. 2009). They are, together with the seaweeds and
cyanobacteria, the only primary producers in the oceans, supporting directly or indi-
rectly most of the life on 71% of the Earth’s surface (Andersen 2005). In addition to
the marine environment, they also play a crucial role in fresh or brackish water
lakes, rivers, and soil, either directly supporting the food chain with their biomass
created by photosynthetically drive carbon fixation or by recycling nutrients.

The term “algae” is an artificial attempt to group organisms with an incredible
variety of morphologic and physiologic characteristic. There are over 30 thousand
species already described, whereas some authors estimate that this number could
easily reach a million (Bell and Hemsley 2004). Detailed analysis using new tech-
niques and more recently the advent of phylogenetic studies using rDNA data (Box 13.2),
have shown that many species derive from critical differentiation events occurring
prior to the common ancestor of plants, thus they are now wide spread in five
Kingdoms among the domains Prokaryota and Eukaryota (Fig. 13.1).

Of course most of the species described are capable of autotrophic growth, using
photosynthesis to provide the energy necessary for carbon fixation and the formation of
sugars and other cellular components, including lipids. However, the ability to hyper-
produce lipids as an energy reserve is not taxon specific and is present “randomly” in
species of distant groups (Table 13.2). Three kingdoms group most of the lipid produc-
ers known and will be described further: Protozoa, Chromista, and Plantae.

Protozoa: One species of Dinoflagellate is already being used for the industrial
production of a nutritional supplement for infant formulas, a PUFA (polyunsaturated
fatty acid) containing DHA (docosahexaenoic acid). However, this group is more likely
to be associated with the production of high market value products than with biofuels.



13 Algae Oil 235

Box 13.2 The use of phylogenetics for the taxonomic classification of
microalgae

Traditional taxonomy uses the morphological and physiological characteristics
of an organism to classify it in an ordered scheme. For example, the presence
of a notochord during the embryonic phase characterizes the organism as a
member of the Phylum Chordate. These phenotypes are associated with its
probable order in natural evolution, allowing the construction of a Tree of Life.
The development of molecular techniques allows the use of gene sequences for
this type of analysis. However, as noted by Carl Woese, a pioneer in this field,
the selection of different genes to make such an evolutionary comparison could
radically change the results (Woese et al. 1980), especially for bacteria since
microbial evolution is affected by both the vertical inheritance of genes (paren-
tal) and the lateral transfer of genetic material. Thus, some phenotypes present
in a lineage for several or many generations could in fact have originated from
a very distant species. Therefore, in phylogenetic studies it is important to
focus on very conserved genes, such as the small subunit of ribosomal RNA
(SSU rRNA) and its sequence is widely used. This approach provided a strong
argument for changing the Tree of Life from one with five kingdoms as origi-
nally proposed by Whittaker (Whittaker 1959) to one with three main divi-
sions. Based on SSU rRNA sequences, many microorganisms have been
repositioned to more appropriate clades, and algae have been found to have
differentiated prior to the common ancestor of plants (Kingdom Plantae).

Prokaryota : Eukaryota

Kingdom
Protozoa
3,243 species
. Phylum
: Euglenozoa
. Phylum

:  Dinoflagellata

Kingdom
Fungi
2 spedies

Family '

Fig. 13.1 Distribution of algae among groups in the Tree of Life as recognized by the ITIS and
Species 2000 (http://www.itis.gov and http://www.catalogoflife.org) in 2011. The deep classifica-
tion of algae is the subject of great debate and even the higher clades have been discussed and
revised recently (Woese et al. 1990; Cavalier-Smith 2009; Cavalier-Smith 2004; Cavalier-Smith
and Chao 2006)
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Table 13.2 Some groups of microalgae with hyperlipid producing members. This characteristic is
not shared with all members of the group, and therefore is not considered a clade factor [Bisby
etal. 2011, Guiry and Guiry 2011, Graham et al. 2009, Bell and Hemsley 2004]

Taxon Rank  Kingdom Habitat Reserves Examples

Bacillariophyceae Class Chromista Marine, fresh Fat, Diatoms Navicula
water, chrysolaminarin Sp.
terrestrial

Chlorophyta Phylum Plantae Marine, fresh Starch, inulin, fat ~ Green algae
water, Chlorella sp.
terrestrial

Dinophyceae Class  Protozoa  Marine and  Starch, fat Dinoflagelates
fresh Crypthe-
water codinium

sp.

Haptophyta Phylum Chromista Mostly Fat, Golden brown
Marine chrysolaminarin Pavlova lutheri

Chrysophyceae ~ Class  Chromista Marine and  Fat, Golden algae
fresh chrysolaminarin Chrysocapsa
water sp.

Xanthophyceae  Class  Chromista Mostly fresh Fat, Yellow-green
water, chrysolaminarin Pleurochloris
damp soil sp.

Chromista: Among the organisms in this kingdom, the diatoms (Bacillariophyceae)
are the most popular in studies of production of biodiesel. Among other character-
istics, they have a fast growth rate and are likely to out compete other species in
nutrient-rich and relatively cold systems. Some species were shown to accumulate
large quantities of lipids. Some haptophytes have also shown to be good prospects
for oil production, like Pavlova lutheri, which has a good balance between growth
rate and lipid production per dry weight (Griffiths and Harisson 2009).

Plantae: The green algae are the group where most efforts have been focused.
Much work has been done with well-defined species, some molecular tools are
already available, and some biotechnology companies claim that they were able to
enhance the production through metabolic engineering, with, however, no data to
this effect being shown yet. Organisms of this group can be found on moist soil and
from fresh to saline water environments. Under optimal conditions strains of
Chlorella sorokiniana, Ankistrodesmus falcatus, Ettlia oleoabundans, and
Botryococcus braunii have shown very promising results.

13.2.2 Growth Modes: Autotrophic and Heterotrophic

Many algae are capable of both autotrophic growth, where they obtain the necessary
reduced carbon compounds by actively fixing CO,, and heterotrophic growth, where
the necessary carbon compounds are synthesized by assimilating exogenously sup-
plied sugars. Thus, in principle, either growth mode could be used in a scheme using
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microalgae for biodiesel production. However, it should be noted that each algal
species, even if it is capable of heterotrophic growth, has its own specific capacity
for uptake and utilization of organic compounds, and thus this needs to be taken into
account when designing and operating a heterotrophic facility (Kroger and Miiller-
Langer 2011).

While it would perhaps seem counterintuitive to use standard fermenters fed
with plant-derived sugars to produce biodiesel with a normally photosynthetic
organism, this in fact at least leads to a technologically more simple process since
both sugar production and fermentation processes are well understood. Thus, there
are no apparent technical barriers to producing biodiesel in this way and, although
no detailed cost analyses are available, it should be feasible at moderate cost, prob-
ably only somewhat higher than producing ethanol from corn. Yields of conversion
of glucose to lipid are in the range of 19-31% with predicted energy efficiencies,
glucose to biodiesel, of 29-75% (not taking into account nutrient supply and the
energy required for operations) (Kroger and Miiller-Langer 2011). In fact, this is the
basis for the process being developed by the highly rated biofuels company,
Solazyme, which has received over $100 million in funding. It should be pointed
out however that producing algal biodiesel heterotrophically does not benefit from
many of the proposed advantages of algal biofuels (Table 13.1) since the actual
substrate is produced using traditional agricultural methods. In fact, at present, this
would make biodiesel produced by microalgae using heterotrophic metabolism, a
first-generation biofuel, no better than biodiesel from soy or ethanol from corn.

Nonetheless, most schemes for producing biodiesel from microalgae are based
on the ability of these organisms to capture sunlight and carryout photosynthesis
with water as the substrate, using the metabolic energy that is generated to fix carbon
dioxide. Of course, carbon fixation proceeds by the well-known Calvin—Benson—
Bassham cycle using the key enzyme Rubisco. This enzyme has a relatively low
turnover rate, as well as a low affinity for CO,, and consequently, synthesis of large
amounts are necessary, making Rubisco the most abundant protein on earth. In fact,
the cellular content of this enzyme is so high that it is usually found in an almost
crystalline form, often sequestered in special organelles, carboxysomes in prokary-
otes such as cyanobacteria, or pyrenoids in some eukaryotic algae. The energy
requirement for CO, fixation by this pathway, both NADPH and ATP, is supplied by
photosynthesis; ATP by photophosphorylation and NADPH though the reduction of
NADP* by reduced ferredoxin. Three carbon intermediates are withdrawn and used
to produce hexose sugars, or broken down to form TAGs (Fig. 13.2). The energy
requirement for the formation of a six carbon sugar is shown in the following
formula which represents six successive turns of this cycle.

6CO, +18ATP + 12NADPH +24H" — Hexose + 18ADP + 16P, + 12NADP”

Thus, this is an energy intensive process. Since each two electron reduced ferre-
doxin is produced by two electrons which have been extracted from water and boosted
in energy through both photosystem II (PSII) and photosystem I (PSI), each of which
gained the energy to do this through absorbing a photon for each electron, the genera-
tion of the reducing power (12 NADPH) to fix six CO, to create one hexose requires
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the capture of 48 photons. Each electron passing from PSII to PSI drives the translo-
cation of 3H*. Current models of ATP synthase suggest that 12H* are required for the
synthesis of three ATP, so in total the passage of the 24 electrons involved in reducing
the required amount of NADP* could generate the necessary ATP (3 x(72/12)). Thus,
the fixation of enough carbon to form a six carbon sugar requires the capture of 48
photons or 8 photons per carbon fixed. This is one of the factors that helps to set an
absolute limit to the maximum theoretical photosynthetic efficiency attainable (see
Sect. 13.3). This quantum requirement is of course higher when biomass synthesis is
considered since the biosynthesis of constituents like lipids, proteins, and nucleic
acids requires additional energy. Thus, it can be estimated that the light requirement
for the fixation of one CO, into biomass is more likely 10 or 12 photons.

In a novel variation, a two-stage system has recently been proposed where the
microalgae are first grown autotrophically (in the light), expressing high levels of
Rubisco, fixing CO,, and increasing cell biomass. At the end of log phase (120 h), the
algal cells are collected by allowing them to settle overnight, and then resuspended
in a nitrogen limited medium that supports heterotrophic growth and favors lipid
production (45 g/L glucose, 2 g/L. glycine) (Xiong et al. 2010). Somewhat surpris-
ingly, these cells had a much (70%) higher lipid yield (0.3 g/g glucose) than cells
that had been incubated solely under heterotrophic conditions (0.18 g/g glucose).
Among possible reasons for this effect is the suggestion that autotrophically
pregrown cells are more efficient since they retain Rubisco and are thus able to refix
the CO, given off during glucose breakdown (pyruvate decarboxylation). A process
based on this concept has recently been patented: US 7,905,930 issued to Genifuel
(“A process for production of biofuels from algae, comprising: (a) cultivating an
oil-producing algae by promoting sequential photoautotrophic and heterotrophic
growth, (b) producing oil by heterotrophic growth of algae wherein the heterotrophic
algae growth is achieved by introducing a sugar feed to the oil-producing algae; and
(c) extracting an algal oil from the oil-producing algae.”)

13.3 Photosynthetic Efficiencies

One of the basic insurmountable constraints on algal production of biodiesel is the
maximum theoretical photosynthetic efficiency. Of course, this applies to the pro-
duction of any biofuel from a resource that is ultimately derived from the solar
driven biological fixation of CO,. This sets an absolute upper limit to the amount of
fuel that can be derived per square meter of collector area per year. A series of
physical and biological factors combine to reduce total possible energy recovery to
only a small fraction of the incident solar radiation (Table 13.3). These issues are
covered in great detail elsewhere (Tredici 2010).

First, only slightly less than half (45%) of the solar spectrum can be captured by
the photosynthetic pigments of living organisms. An additional amount, estimated as
105, is lost through reflection from the surface of the reactor (or leaf). The reaction
center, where the process of charge separation is initiated, leading to conversion of
the light energy to chemical energy, is composed of a special chlorophyll a, P700,
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Table 13.3 Photosynthetic efficiency train

Minimum energy loss Percent remaining
Radiation outside useable range (non-PAR) 55% 45%

Reflection 10% 41.5%

Transfer to reaction center 21% 32.8%
Conversion to chemical energy 65% 11.5%
Respiration 20% 9.2%
Photosaturation and photoinhibition 40% 5.5%

which absorbs at 700 nm. This creates a downhill gradient for efficient transfer of the
excitation energy captured by the antenna pigments which absorb light of shorter
wavelengths, but this also means that this fraction of the energy in photons of shorter
wavelength is lost (21%). The conversion of the energy which reaches the reaction
center to the chemical energy in the fixed carbon compounds that are formed (glu-
cose for example) is only 35% efficient. Some of the chemical energy that is made
must be used for respiration to supply the necessary energy to support vital functions
of the cell during darkness (20%). Finally, as much as 40% on the average of the
light energy that is captured by the photosynthetic apparatus cannot be used by the
cells since high light intensities saturate the process; photons are received faster than
they can be used and the energy is wasted as heat or fluorescence. Thus, maximum
photosynthetic efficiencies cannot be higher in theory than 5.5%, and in practice
achieving efficiencies of 1 or 1.5% are exceptional.

13.4 Oil Production

The dependence of photosynthetic organisms on sunlight as their primary energy
source necessitates that they have the capacity to synthesize energy-rich reserve com-
pounds to avoid starvation during the nighttime or prolonged periods in the shade.
Thus, accumulation of different fixed carbon compounds inside the cell is to be
expected, and microalgae are capable of producing many different molecules with
high energy content (Table 13.2), including fatty acids (FA) and TAGs which can be
converted into biodiesel. The profile of the FAs (and consequently TAGs) produced
by microalgae varies considerably between species and even strains and may also
vary according to specific culture conditions (Table 13.4) (Abou-Shanab et al. 2011).

The FA composition has a large impact on the potential production of biodiesel
since FA length and degree of saturation will greatly influence the resulting fuel prop-
erties. For example, the difference between various petroleum derived fuels is basically
the length of the hydrocarbon chain, with gasoline being a mixture of saturated chains
containing from 6 to 12 carbons, while diesel is basically composed of molecules with
chain lengths between 12 and 18 (Srivastava and Prasad 2000). Thus, the length and
degree of saturation contained in the FA profile of the microalgae will directly affect
the properties of the biodiesel (see Chap. 12 Table 12.4 for details). Although consid-
ered as high-value products by the nutraceutical industry, polyunsaturated fatty acids
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Table 13.4 Fatty acid composition of some microalgal species (Abou-Shanab et al. 2011)

Lauric  Palmitic Stearic Oleic  Linolenic

Lipid Content  acid acid acid acid acid

Specie (% dry wt) C12:0 Cl16:0 C18:0 C18:1 Cl18:3 Others
Scenedesmus 29% 11% 29% 17% 20% 23% 0%

obliquus
Chlamydomonas ~ 51% 10% 26% 20% 13% 23% 8%

pitschmannii
Chlorella vulgaris  26% 5% 22% 5% 53% 8% 7%
Chlamydomonas 29% 34% 50% 6% 0% 0% 10%

mexicana

Regular Diesel  Lauric acid Oleic acid
hydrocarbon  cHo, c12:0 CHO, C18:1
CIHZE
OH

OH
0=

Fig. 13.3 Three different fatty acids differing in chain length and degree of saturation are shown

(PUFASs) are not suitable for the production of biodiesel due to the great structural
divergence between these molecules and petrodiesel hydrocarbons (Fig. 13.3).

13.4.1 Biochemistry and Regulation of Lipid Biosynthesis

Of particular interest for the potential production of biodiesel from microalgae are
species that are capable of producing high levels of TAGs. TAGs are water insoluble
and therefore when they are hyperproduced they are accumulated in lipid bodies, cyto-
plasmic inclusions apparently surrounded by a membrane containing the normal com-
plement of glycolipids. When lipid bodies were purified from a cell wall-less strain of
Chlamydomonas reinhardtii, they were found to be about 10% FFAs (free fatty acids)
and 90% TAGs (principally C,, and C,,, 50% saturated and 50% unsaturated) (Wang
et al. 2009). Genetic engineering has also been successfully applied to increase oil
production in C. reinhardtii (Wang et al. 2009). Introduction of a mutation (sta6) that
prevents starch accumulation and thus channels more carbon into lipid (TAG) synthe-
sis resulted in a two-fold increase in lipid body content over the wild-type strain.
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A major drawback in strategies to improve algal TAG production is the fact that
relatively little is known about the details of TAG biosynthesis in microalgae
(Hu et al. 2008). Based on sequence homologies among the genes examined, or the
enzymatic properties of the few enzymes which have been isolated and character-
ized, it is believed that FA and TAG synthesis in microalgae follow the same meta-
bolic pathways established for higher plants or for fungi for that matter. Details on
TAG synthesis in fungi are given in Chap. 12. The total lipid content of the cell can
change drastically under the influence of a number of factors. Understanding the
molecular mechanism(s) behind this effect is obviously of great importance in using
naturally occurring oleaginous strains or in designing new ones. However, in reality
no details are known yet. A number of mechanisms could be at play, either separately
or together. Increased enzyme synthesis could lead to higher levels of TAG produc-
tion. Alternatively, metabolic control processes might exist that would partition
carbon flux differently depending upon environmental and physiological factors.

What is known is that, although some species seem to have naturally higher
levels of TAGs, most microalgae capable of TAG hyperproduction do not do so
during exponential growth, a factor that needs to be taken into consideration when
considering the biomass productivity versus oil content question (see below).
A number of factors appear to influence TAG content with the best studied being
nutrient deprivation. Absence of a required growth factor, most noticeably fixed
nitrogen (or silica for diatoms), causes premature growth arrest and diversion of bio-
synthetic capacities to TAG production (Hu et al. 2008). Phosphate or sulfate limita-
tion has also been shown to increase the lipid content of some microalgal species.

Other environmental factors can affect lipid content and/or composition, but their
effects are probably indirect. For example, temperature has a major impact on the cel-
lular fatty acid composition with the degree of saturation increasing with increasing
temperature. This is most likely an effect on the polar membrane lipids. Likewise,
light levels can affect lipid composition, with low light increasing the synthesis of
polar levels. Both these effects are likely due to modulation of the membrane lipids,
increasing saturation of the normal complement of membrane lipids with temperature,
and stimulation of chloroplast membrane synthesis as the photosynthetic apparatus
enlarges to adapt to low light intensity. Obviously, a more thorough understanding of
the regulation of lipid biosynthesis on the physiological and molecular level would
have a great impact on the ability to control overall oil content and productivity for
maximum algal biodiesel production.

13.4.2 Productivity Versus Oil Content

Industrial production systems using microalgae will probably need to be specifi-
cally tailored on a case by case basis. Several variables play key roles in microalgal
processes and some will likely be project specific, for example, the geographical
site and local climate which directly affect annual variations in humidity, tempera-
ture and solar radiation may change the optimum for certain variables. Other factors
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Table 13.5 Some of the desirable characteristics for an algal strain for large scale culture

Characteristics Advantages

High growth rate Higher biomass productivity, reduced area
requirement, resistant to invasion

High lipid content Higher value of biomass, higher
productivity

High value by-products Decrease in production cost

Large cells, colonial or filamentous Ease of harvest

Planktonic Less growth on surfaces, easier to harvest
and maintain

Tolerance to variations in culture conditions Lower requirement for control of pH,
temperature and others

CO, uptake efficiency Lower cost required to supplement CO,

Tolerance to contaminants Potential growth on very eutrophic waters
or flue gases

Tolerance of shear force Allows cheaper pumping and mixing
methods to be used

No excretion of autoinhibitors Higher cell density expected: higher
biomass productivity.

Naturally competitive Harder to be overcome by invading species

Adapted from [Griffiths and Harisson 2009]

to be considered include desired products and/or by-products, outdoor or indoor
culture, species to be cultivated, harvesting approach, and others. Strict optimiza-
tion may not be required for high-value products where the production scale is low.
However, biodiesel is a high-volume low-value product with high demand, and
under current carbon trading schemes (or the lack of them) the production cost must
be low enough so it can compete with petrodiesel.

The best microalgal species to be cultivated in a given system strongly depends
on those variables, thus selecting the proper strain might be a challenge in itself.
Until now, there is no consensus about which group of algae would be the most
appropriate for large scale/low cost TAG production. Considering known algal
diversity, very few strains are currently under study for biodiesel production.
Moreover, although a strain from a culture collection might be well characterized
and present characteristics favoring its laboratory study, it is very questionable if
these strains could adapt to different local climates or would be able to compete
with indigenous strains. Thus, although time consuming and labor intensive, bio-
prospecting for local microalgal species capable of high levels of lipid production
might be advisable. Some of the properties considered desirable in an algal strain
for mass culture are given in Table 13.5. A database containing the characteristic of
local microalgal species would have extreme utility for different projects for algal
biodiesel production, such as their use in tertiary treatment in municipal sewage
treatment plants or for treatment and biofuels production from local industrial
wastewater (Fig. 13.4).
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Fig. 13.4 Schematic of an Open Pond System built in conjunction with a wastewater treatment plant

High overall TAG productivity is obviously one of the major keys to the success-
ful production of biodiesel from algae. Overall TAG production is the result of three
interacting variables: growth rate, lipid content, and metabolic yield. Obviously, for
the strict photosynthetic production of TAGs, cellular metabolism is directly con-
strained by the availability solar radiation and the efficiency of its conversion.
Restriction at this level limits the availability of fixed carbon and the cell must
prioritize its use according to current needs (e.g., “house keeping,” secondary
metabolite production, cell division, carbon reserves). Thus, fast growth (i.e., high
cell division rates) does not necessarily translate to high level lipid productivity. In
fact, with respect to growth versus lipid content in a specific strain, three basic sce-
narios are expected:

A. Faster growth, but lower lipid content
B. Medium growth with medium lipid content
C. Slower growth with higher lipid content

Figure 13.5 exemplifies the different behavior of four species when grown in
nutrient replete medium (Griffiths and Harisson 2009). Chlorella sorokiniana and
Chaetoceros calcitrans show opposite metabolic strategies, while C. sorokiniana
invests heavily in growth rate, C. calcitrans is “preoccupied” with storing energy.
Both, P. lutheri and Chlorella vulgaris showed average to slightly high growth rates
and lipid content. Thus, different species have their own metabolic particularities
and often their response may be different depending upon culture conditions. The
three scenarios mentioned will have different set points for each strain which there-
fore be analyzed individually. Of course, lipid productivity is a function of both
growth rate and lipid content, and the best strain may not be the one with the highest
lipid content. For example, as shown in Fig. 13.4, although having the highest oil
content, C. calcitrans was shown to have the lowest lipid productivity.

Although it is not possible to overcome the natural limitation on lipid productivity
due to the inverse relationship between growth rate and lipid accumulation, several
strategies can be used to improve lipid yields. Growth can be carried out in two
stages with improved cellular oil content after a first stage of fast growth. The idea
here is to use strains with natural fast growth under nutrient-rich conditions until
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Growth rate and lipid content

Chlorella sorokiniana Pavlova lutheri
Chaetoceros calcitrans Chlorella vulgaris

M Growth (g/L/day) M Lipid Content (% of dry weight)

Fig. 13.5 Growth rate and lipid content of four different species under optimal conditions. The
best lipid productivity is not always found in the species with higher lipid content

Table 13.6 Enhancement of lipid production in different microalgae

Species Rich media Nitrogen deficient ~ Reference
Chlamydomonas applanata 18% 33% Shifrin and Chisholm 1981
Chorella emersonii 29% 63% Illman et al. 2000
Chorella minutissima 31% 57% Illman et al. 2000

Chorella vulgaris 18% 40% Illman et al. 2000

Ettlia oleoabundans 36% 42% Gatenby et al. 2003
Scenedesmus obliquos 12% 27% Ho et al. 2010
Selenastrum gracile 21% 28% Shifrin and Chisholm 1981

they reach the appropriate density, whereupon they are induced to accumulate lipids.
Lipid induction has been achieved in many species through nitrogen deprivation
(Table 13.6), and is thought to lower the costs of harvesting considerably. This is the
simplest way so far found to artificially induce the production of fatty acids. In fact,
many unnecessary secondary metabolites, at least from the point of view of biodie-
sel production, are normally made, and nitrogen deprivation shuts down their syn-
thesis, driving metabolism toward the synthesis of fatty acids. New molecular tools
for algae are being developed and it is thought that through manipulating cell signals
and rerouting carbon flux it should be possible to enhance lipid production.
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Massive production of biodiesel will be required to make a significant impact on
the use of fossil fuels. In 2010, the USA alone consumed 220 billions of liters of
diesel (http://www.eia.gov). To reach the level of production necessary to satisfy the
current blend limit of biodiesel in petrodiesel, 20%, would require 44 billion liters,
while only 1.3 billion are currently produced annually. Of course it is impractical, if
not impossible, to supply this quantity using biodiesel derived from oil seeds and
waste oil, and attention is turning to oil from microalgae as a possible solution.

One of the problems in this field is the highly exaggerated lipid productivity
projections that are sometimes made. These are based on the dubious extrapolation
of the best case scenario results obtained under highly controlled, optimized labora-
tory conditions and projected values as high as 137,000 L/ha/year (137 tons/ha/
year) have been proposed (Chisti 2007). However, in reality, practical yields for any
kind of large-scale outdoor production will be much lower. A number of relatively
large-scale production studies under optimal conditions with raceway ponds indi-
cate that biomass productivities of around 20-30 g/m?/day are probably achievable
(Sheehan et al. 1998). If this could be sustained year round, 73 tons biomass/ha/year
would be produced. If the microalgal biomass were 30% lipid, a high value consid-
ering that these productivities are obtained under nutrient sufficient conditions, only
20 tons of biodiesel/ha/year would be produced. While this is higher than oil crops,
about three times that of palm oil (6 tons/ha/year), it is a far cry from the numbers
that originally sparked a “green gold rush.”

Confirmation of this more realistic view is given by a recent pilot-scale project,
which used outdoor photobioreactors (PBRs) and achieved an extrapolated annual
production of 20 tons of oil per hectare (Rodolfi et al. 2009). However, if this
extrapolation can be confirmed in any future very large algae farm is quite uncer-
tain. There are many known and unknown risks involved in massive algal cultures
and there is in reality no data available about large-scale production at this level. At
any rate, it is evident that the reproduction of laboratory results on such a mac-
roscale is just not possible.

Nevertheless, as pointed out above, algae oil productivity per hectare is still
very attractive when compared to regular oil crops. However, a largely answerable
question is what the actual delivered cost of algal biodiesel would be. In fact, a
thorough economic analysis is quite difficult at present given the many unknown
variables in ultimate achievable biomass productivity, the scale of production that
is feasible, and suitable technologies for harvesting and oil refining that have yet to
be developed. Thus, many studies have tried to estimate the putative price of algae
oil under different production circumstances, but the disparity between the values
found highlight the lack of data from large-scale cultures. In general, realistic pro-
jected prices are too high to make biodiesel competitive with petrodiesel under
current market conditions. For example, one study predicted bringing in algal
biodiesel at a projected price of between $25.00/gallon ($6.60/L) and $2.50/gallon
($0.66/L), with the major factor driving the price differential being the difference
between low and high productivities (Pienkos and Darzins 2009). The challenges
to be met in this respect can be seen by comparing current (July 2011) pump prices
for diesel, $1.03/L3 with crude oil selling at $95 per barrel (http://www.eia.gov/)
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with the market price of palm oil, $1.15/kg=$1.08/L. Thus, despite the promise
(sometimes overblown), developing practical systems for biodiesel production
from algae faces many formidable challenges.

13.5 Cultivation

Of course, achieving anywhere near realistic photosynthetic conversion efficiencies
and productivities depends critically on the geometry and physical properties of the
cultivation system used. This is not as straight forward as one might naively think
since the important nutrient here, sunlight, is used differently with respect to dilu-
tion rate than a nutrient that is dissolved in the liquid phase. Thus, there is a discon-
nect between growth rate and productivity (Tredici 2010). Maximum specific growth
rates (i.e., doubling time of cell biomass) are obtained under conditions of photo-
saturation, obtained only with very dilute cultures. In practice, mass algal cultures
need to be run under conditions of photolimitation to maximize areal productivity.
Under these conditions, the increased density of the culture ensures that all the
impinging photons are captured, but consequently self-shading is increased with
negative effects on growth rate. Two basic types of cultivation systems have been
proposed and studied: photobioreactors and open ponds, each with their own advan-
tages and disadvantages (Table 13.7). First, these are briefly reviewed, and then they
are compared for used in biofuels production.

Table 13.7 Algae Cultivation with Open Ponds Versus photobioreactors

Advantages Disadvantages
Open pond
— Low cost construction — Easily contaminated

e Overun by alien algae
* Grazing by zooplankton

— Easily scaled — Lower productivity

— Low cost maintenance — Evaporative water loss

— Relatively low energy inputs — Process control difficult, suboptimal culture
conditions

— Easy maintenance — Large areal requirement

— Poor mixing, CO, and light utilization
Enclosed photobioreactor

— Higher level of process control possible — Expensive

— More resistant to contamination — Scale up difficult

— Little evaporative water loss —  Wall growth

— Higher yield of biomass — Cooling may be required
— Outdoor and indoor capability (winter) — Energy intensive

— Sophisticated construction
- pH, dissolved CO, and CO, gradient within
the tubes, depending on the model
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13.5.1 Photobioreactors

Photobioreactors are enclosed, and not necessarily sterilized, culture vessels that
are transparent and usually designed to maximize surface to volume ratio in order
to maximize volumetric productivity. Being enclosed allows tighter process control
and prevents gas exchange with the environment and contamination by alien
microbes. Obviously, they reduce evaporative water losses and, depending upon
the design, can be oriented with respect to the incoming solar radiation to maxi-
mize light capture while at the same time maximizing productivity (Carvalho et al.
2006; Lehr and Posten 2009; Weissman et al. 1988). A wide variety of designs of
differing levels of sophistication and widely variable costs have been developed
over the years.

These are the type of systems of choice for laboratory scale studies and small-
scale operations where high-value products are being made. However, there are a
number of disadvantages with these systems that make their potential applicability
to large-scale micoalgal culture for biofuels production doubtful (see also below).
In natural sulight, they would be prone to overheating in most situations, necessitat-
ing further system control, and addition of some type of cooling system which
could add appreciably to the costs and energy requirements of the system. The
energy requirements for adequate mixing could well be ten times that for open
ponds (Weissman et al. 1988), and, since they are enclosed carbonation becomes
easier but at the price of greatly increased risk of photo-oxidation caused by the
buildup of oxygen produced by photosynthesis to toxic levels. Wall growth could
be problematic, necessitating either shutdown and extensive cleaning, or sophisti-
cated cleaning equipment. They are obviously more expensive to construct and
operate than open ponds, and scale-up would be required to ascertain if the increase
in productivity, yet to be demonstrated on any even moderate scale, could ever
justify the cost.

13.5.2 Open Ponds

Open ponds are relatively easily constructed as long as the land area to be used is
relatively level. Liners can be installed to prevent water loss through seepage, or
alternatively, some soils contain enough clay to negate this need. Effective mixing
can be provided by relatively low energy paddle wheels, and oxygen build up is
much less of a problem due to the greater volume and the ease of gas exchange with
the environment. Overall, the energy and maintenance requirements are relatively
low, and there is already some experience with large-scale outdoor ponds, either
operated as part of government funded programs or in some places as part of the
wastewater treatment process.

However, some features of open ponds suggest that their use for biofuels
production from microalgae could also be problematic. It is thought that they could
be relatively easily contaminated and over rum, especially if a noncompetitive
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species is being grown (Sheehan et al. 1998). In general, process control is more
difficult than with photobioreactors and there would be greater evaporative losses
and perhaps more difficulty in efficient carbonation. Their biggest advantage is,
however, the relatively low cost with which large-scale systems can be built and
managed.

13.5.3 PBRs Versus Open Ponds

There is presently a great deal of discussion as to whether future micoalgal biofuels
facilities will consist of open ponds or closed photobioreactors. One practical view
on the open system versus photobioreactor debate is provided by a look at how
industries currently producing microalgae and cyanobacteria for the nutraceutical
market are cultivating their microorganisms. This is a relatively high-value product
compared to the value of algae grown for biofuel production; ~$5,000/ton
versus ~ $875/ton. However, even at approximately ten times the anticipated value
of algae for oil, presently operating plants (Cyanotech, Earthrise Nutritionals, etc.)
are all invariably open pond systems.

This is a real indication of the difficulty of making the economics of photobio-
reactors work for the large-scale production of very low-value products. “Anyone
working on closed photobioreactors has got a problem,” says Benemann. “And
there are dozens of these companies out there,” he says. “Just like in agriculture,
you have to keep it as simple as possible and as cheap as possible. You can’t grow
commodities in greenhouses and you can’t grow algae in bioreactors.” (Waltz
2009a). A number of companies are presently producing photobioreactors and
touting them for use in making biodiesel. Unfortunately, some of these companies
use as their selling points productivity numbers that are so high that they are not
even theoretically possible (Tredici 2010). There are serious obstacles to develop-
ing photobioreactors for use in biofuels production, problems that will rear their
ugly head sooner or later and are ignored at one’s peril, as the following quote
shows. “The old algae world has produced some old-timers who are negative.
We’re trying not to listen to them, Bob Metcalf, Polaris Venture Partners, investor
in Greenfuel Technology.” (Waltz 2009a). Greenfuel Technology, a photobioreactor
provider, went bankrupt 5 months later.

13.6 Harvesting and Downstream Processing

In a typical culture of microalgae grown to produce a product, cells are evenly
dispersed in the medium and highly dilute with biomass concentrations (dry weight/
liter) usually varying between 0.3% and 1.0% (3—10 g/L) when grown autotrophi-
cally and 11.6% (116 g/L) when grown heterotrophically (Gouveia and Oliveira
2009; Wu and Shi 2007). Since the lipids or other products are confined inside the



250 G.B. Leite and P.C. Hallenbeck

cells, it is usually necessary to concentrate the algae prior to product extraction.
Different harvesting techniques are currently applied and although some are already
in place as industrial processes, they have a substantial cost which greatly impacts
the final value of the product and thus are only justified if this product has a high
market value. However, since biodiesel is a low-value product, use of these pro-
cesses could represent 30—57% of the final price (Grima et al. 2003; Hende et al.
2011). Therefore, in addition to increasing biomass/lipids production, significant
advances in harvesting and lipid processing are necessary if algal biodiesel is to
become economically viable.

Therefore, just as with other crucial points in a microalgal biodiesel production
system, the selection of the appropriate harvesting method is crucial. One or more
steps of solid—liquid separation might be necessary to recover the microalgal
biomass, and a systematic analysis of the methods already applied in other systems
followed by a careful adaptation will be necessary to lower the cost of production
(Brennan and Owende 2010). Usually, when separating the biomass from the aque-
ous solution, a bulk harvesting process, effecting most of the dewatering is made
first, forming an algal slurry. If needed, a second step is made to form an algal paste
(Uduman et al. 2010). These steps can be made by a combination of flotation, floc-
culation, filtration, and centrifugal sedimentation methods.

Flotation harvesting consists of collecting the cells at the surface of a tank and is
based on the natural tendency of some species to float, especially when they have a
high lipid content. Flotation can be enhanced through the use of dispersed micro-air
bubbles. The major advantage of this techniques that there is no addition of chemi-
cals; however, it is limited to a few species and might not be technically or economi-
cally viable on a large scale (Brennan and Owende 2010).

Flocculation is the formation of aggregates that precipitate. This happens due to
the reaction of a flocculating agent with a target compound. Microalgal biomass
flocculation can be done by adding different flocculating agents (chemical coagula-
tion), through an electrolytic process, or by auto-flocculation. Auto-flocculation is
based on the tendency of old microalgal cultures to precipitate. In this process, the
negatively charged cell membranes react with Ca*" ions present in the medium,
forming aggregates which precipitate. This reaction is due to the elevation of the pH
in the medium caused by photosynthetically driven CO, consumption and can be
enhanced artificially by elevating the pH of the solution (Sukenik and Shelef 1984).
In electrolytic flocculation, a flocculating agent is formed either by oxidation driven
by an electrode (electrocoagulation), or simply by attracting the cells toward the
electrode, which neutralizes the charge carried on the cell membrane allowing
aggregates to form. Chemical flocculation can be achieved through the addition of
organic or inorganic salts that acts as flocculating agents. Ferric and aluminum salts
are the most commonly used inorganic salts, and successful harvesting of
Scenedesmus and Chlorella has been achieved using this method (Grima et al.
2003). However, chemical flocculation has several major drawbacks as it is highly
sensitive to pH, its efficiency can vary depending on the species, and large amounts
of iron or aluminum salts have to be used, which consequently contaminates the end
product and the solution. Multistep flocculation can be performed, combining
different types of flocculating agents (Chena et al. 2011).
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Gravity sedimentation can be used for certain species, depending of course on the
cell density. Filtration, on the other hand, depends on cell size, which with small cells
is a crucial limiting factor. It can be energy intensive and sensitive to the algal con-
centrations, high biomass densities might block the filter (Chena et al. 2011).
Centrifugation is the most reliable harvesting method, feasible for most of the
species, with high biomass recoveries, but very energy intensive. Differences in
equipment and species to be harvested mean that different guidelines may be required,
and may result in harvested biomass with varying water content. In addition, cells
may be damaged or even disrupted due to the gravitational force which is required.
High biomass recovery efficiencies are observed only above 13,000 x g (Grima et al.
2003). Different species require different harvesting strategies and therefore a com-
mon protocol for different species grown in different systems can probably not be
established. Some species characteristics that may be desirable for ease of harvest
include cell size, cell density, and the capacity to perform auto-flocculation.

Once the biomass has been recovered in a concentrated form, the lipid content
must be extracted relatively soon to avoid spoilage (Grima et al. 2003). Several
methods are available for lipid extraction, from the traditional and simple press to
the use of high intensity ultrasound assisted by microwave (Cravotto et al. 2008).
However, for biodiesel production, it is always important to keep it simple and cost
effective, thus solvent extraction is usually the method of choice. Although this
requires a relatively dry biomass, and if the harvesting process did not include a
centrifugation step, the concentration of the recovered slurry might be too low
(around 15% dry solid content is necessary) an additional drying step might be
required (Brennan and Owende 2010). Among the methods currently in use in
microalgal culture are sun drying, low-pressure shelf drying, spray drying, drum
drying, fluidized bed drying, freeze drying, and others (Prakash et al. 1997,
Desmorieux and Decaen 2006; Leach et al. 1998; Grima et al. 1994). The least
expensive, sun drying has several limitation, such as large area needed, possibility of
loss of material and extensive time required, while the most effective, spray drying
and freeze drying are quite expensive and therefore not suitable for mass biodiesel
production (Brennan and Owende 2010). Wet lipid extraction is under study and
could use the biomass just after the centrifugation step, which would represent an
interesting option to reduce operational costs (Converti et al. 2009; Widjaja et al.
2009; Levine et al. 2010; Leea et al. 2010). The method to convert algal lipids (TAGs)
into biodiesel is the same as that used in the production of first-generation biodiesel
from plant oils, using a short chain alcohol, usually methanol, in the presence of a
acid or alkali catalyst. The TAG is reacted with the alcohol to form glycerol and
three FAMES (fatty acid methyl esters), which can be used as biodiesel (Fig. 13.4).

13.7 CO, Sequestration?

When grown autotrophically, the ultimate source of the carbon in algae oil is derived
from the CO, which the microalgae have fixed using captured solar energy. The
Calvin—Benson—Bassham cycle is universally used for carbon fixation by microalgae.
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Here the key enzyme is Rubisco, which has a low affinity for CO,, and consequently,
for most species would only be half-saturated at normal atmospheric levels of CO.,.
In addition to its CO, reactivity (carboxylase activity), Rubisco can also act as an
oxygenase, interacting with O, and oxidizing a molecule of ribulose 1,5 bisphosphate
and therefore removing it from the CO, fixation process. Thus, oxygen reduction
competes with CO, reduction, an effect that becomes significant at low CO, concen-
trations. For these reasons, many microalgae have evolved CCMs (carbon concentrat-
ing mechanisms) giving them the capacity to create locally elevated levels of CO, in
the vicinity of Rubisco (Giordano et al. 2005). In fact, the only microalgae that appear
to lack some sort of CCM are almost all freshwater chrysophyte and synurophyte
(heterokont) algae.

Given the large degree of diversity in the microalgae, it is perhaps not surprising
that there are a number of different CCMs used, depending upon the species. A detailed
discussion of this subject is available (Giordano et al. 2005). Regardless of the
detailed mechanisms that differ in how substrate is delivered to Rubisco in the inte-
rior of the cell, all CCMs depend upon active transport of either HCO™ or CO, into
the cell. However, even though these organisms have thus adapted to relatively low
atmospheric concentrations of CO,, growth is enhanced by increasing the supply of
CO,, probably due to a number of factors. Rapid inorganic carbon uptake will cause
local depletion and hence an increased pCO, will help maintain levels above those
needed to saturate transporters. As well, at high enough levels, CO, diffusion
through the membrane could lessen the need to use transporters and expend energy
in the process. The energy savings would therefore translate into more energy avail-
able for cell growth and other processes, leading to growth enhancement.

Regardless of the exact mechanism, it can be empirically shown that supplementa-
tion with CO, greatly increases growth and productivity, sometimes by a factor of 5.
Thus, CO, enrichment is taken as a given when projecting algae oil productivities and
when planning growth facilities. This is perhaps one of the most important factors in
practical algal culturing as a fivefold increase in productivity directly translates into a
fivefold decrease in land footprint, water resource requirements, and operational costs
and energy demands. Obviously, the price of CO, becomes an issue, and thus most pro-
jections of future facilities call for the use of flue gas, an essentially free source of CO,.
Of course, one can question whether there is actually enough flue gas available at the
right locations to permit large-scale culture of algae using this source (Pate et al. 2011).

Unfortunately, this requirement has been turned by some into a selling point,
claiming that algal cultures thus carryout CO, mitigation, or even sequestration
(Possible Fix for Global Warming? Environmental Engineers Use Algae to Capture
Carbon Dioxide Science Daily April 7, 2007)! A little reflection will show that this
is a shady accounting practice, analogous to the deceptive repo101 used by the now
defunct and discredited Enron. In that case, liabilities were removed from the books
prior to issuing quarterly statements by selling them to dummy companies, and then
repurchased once the glowing reports had been issued. In this case, it is true that the
algae absorb CO, emitted by fossil fuel burning power plants, thus preventing
immediate release into the atmosphere. However, if the algae are used to produce
fuel, the residence time of the CO, in the fixed state will only be a matter of weeks
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or at most months before it is released by combustion. Thus, the CO, coming from
flue gases that is fixed by the algae cannot be taken off the books for enough time to
make any difference. This reasoning has recently been recognized by the Advertising
Standards Authority of the UK, which issued a judgment against ExxonMobil for an
advertisement in which they had a scientist claiming “In using algae to form biofuels,
we’re not competing with the food supply, and they absorb CO,, so they help solve
the greenhouse problem as well.” (March 9, 2011, ASA Adjudication on Exxon
Mobil UK Ltd. — Advertising Standards Authority http://www.asa.org.uk/ASA-
action/Adjudications/2011/3/).

13.8 Valuable Co-products?

Microalgae, depending upon the species, are capable of producing a large number
of high- and medium-value products; including various food supplements, princi-
pally polyunsaturated fatty acids (omega-3), also under study as possible pharma-
ceutical agents, various pigments (chlorophyll), and as livestock feed. When faced
with the severe challenges and dismal economics of large-scale production of a
high-volume, low-value product such as a biofuel, many propose improving the
economics by introducing a co-product generating scheme (Singh and Gu 2010). In
this type of scenario, often called a biorefinery, biofuel production is essentially
subsidized by profits derived from the sale of the much higher valued product.

However, the problem with this approach is that at the production scale, needed
to generate a significant amount of biofuel as a replacement fuel, so much co-prod-
uct is produced that its price plummets. A now classic example of this is the glycerol
produced as a side product of biodiesel manufacture. In the early days of biodiesel
production, the glycerol was a value-added product. As biodiesel production has
grown significantly, a glut on the glycerol market was created and the bottom has
dropped out of the market with the price of glycerol falling over tenfold. Biodiesel
manufacturers are now basically forced to burn it as it has changed from a valuable
byproduct to a nuisance hazardous waste. Of course, the petrochemical industry
survives through the numerous revenue streams generated by its refineries, but in
this case hundreds, even thousands, of different medium- and high-value products
are generated which help the economics of the production of relatively low-value
fuels. Thus, if the biorefinery concept is to work, multiple products must be made,
something more difficult given the chemical composition of microalgae than the
panoply of compounds available in crude oil.

13.9 Challenges for the Development of Practical Systems

Development of practical biofuels porduction from microalgae faces a number of
significant challenges, although there are some possible worarounds (Table 13.8).
In One LCA (life cycle analysis) study, based on projecting current laboratory
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Table 13.8 Challenges and Workarounds in Cultivation of Microalgae for Biofuels

Challenges Workarounds

— Large amounts of water needed for growth — Use wastewater or brackish water

— Small size, difficult to harvest — Develop novel harvesting
technologies

* Screens (large species)

* Natural sedimentation

* Add flocculating agents
— High water content, dewatering challenging — Develop novel downstream

processing

* In situ transesterification

* wet oil extraction

* Engineered strains
— Require high levels of nutrient input — Use waste water, agricultural run-off
— Expensive production costs — Production of byproducts

— Wastewater treatment credit

observations and current practices in the first-generation biodiesel production
industry, open raceway ponds were conceptualized for the cultivation facility, pho-
tobioreactors were considered too expensive even considering the possible increased
productivity (Lardon et al. 2009). Even using optimistic assumptions, it was con-
cluded that only wet extraction of low-N grown microalgae had a positive energy
balance, a reflection of the preponderance of total energy consumption taken up by
lipid extraction (90% dry extraction, 70% wet). It was concluded that the develop-
ment of a sustainable, net energy producing system will require minimizing the
energetic demands of the production, harvesting and extraction steps, minimizing
nitrogen fertilizer use, and extraction of the energy and recycling of the minerals in
the oil cakes through efficient anaerobic digestion.

One of the potentially cost intensive inputs to an algal cultivation system is the
supply of macro- and micronutrients. Lowering the cost and increasing the sustain-
ability of such a process requires that cheap, or even “free” sources of fixed nitrogen
and phosphate be found. An obvious solution, one which can even at least also par-
tially satisfy the appreciable water requirement, is to use some kind of waste stream,
probably domestic wastewater. In essence, if operated as a pond, which in all likeli-
hood it would be, this would be a high-rate algal treatment pond operated for biofuel
production (Craggs et al. 2011; Park et al. 2011; Pittman et al. 2011; Rawat et al. 2011).
This would appear to be a much more environmentally sound and economically
attractive option than a dedicated algal biofuels production unit using large amounts
of freshwater with the addition of fertilizers. However, a number of challenges
would have to be met; provision of CO, for maximum productivity, control of the
species which are grown to assure high lipid content and suitability for downstream
processing, control of grazers, and suitable harvesting strategies, possibly biofloc-
culation (Park et al. 2011). Some at least partial solutions to these potential limiting
factors are on the table. As noted above, CO, could potentially be supplied through
the use of flue gas, or alternatively, from the CO, remaining after use of the biogas
stream coming from anaerobic digestion of the residual algal biomass.
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Stable operation of high-rate treatment ponds for biofuels production would
require the establishment of a regime capable of maintaining the desired strain (one
with naturally high lipid content) as the dominant species over a reasonably long
period of time, i.e., several months at least. However, at present, the factors that
enable one species to dominate are not well understood and are probably a combina-
tion of a wide range of environmental (temperature, light, water quality), opera-
tional (pH, HRT), and biological (preadaptation, resistance to predators, etc.)
variables. Attempts to grow introduced species invariably fail due to the cultures
becoming overrun by native algae or being decimated by zooplankton. This is the
major challenge for effective use of high-rate treatment ponds, or indeed any open
pond system, for biofuels production. One possible strategy would be to use some
form of biomass recycle where a fraction of the desired algae are collected and
reintroduced into the system, thus effectively increasing their apparent growth rate
over that of other species. Of course for this to work the desired species has to have
some easily used specific characteristic, for example, filamentous species could be
selectively retained over unicellular forms by screening with nylon mesh and a frac-
tion reintroduced (Weissman and Benemann 1978).

One of the greatest challenges in producing biodiesel from microalgae is the
need to develop low cost, effective harvesting. Most of the microalgae so far known
showing promise for either biodiesel production or wastewater treatment are small,
highly negatively charged (self-repelling) and have a similar buoyant density,
making their harvesting problematic. Both centrifugation and chemical flocculation
are highly effective but too energy or cost intensive to be used in any large-scale
practical process. One promising avenue that requires further research to determine
if a practical application is possible is to select strains which, under proper condi-
tions, are capable of auto- or bio-floculation. Cells capable of forming large aggre-
gates could then be harvested by gravity sedimentation and final dewatering could
potentially use centrifugation, cost effective if the solids concentration obtained
through gravity sedimentation is high enough and therefore only small volumes
need to be treated.

Although we are perhaps a long way from large-scale deployment of combined
waste treatment and biodiesel production processes, some initial laboratory scale
research has given promising results. Cultivation of a freshwater alga, Chlorella
ellipsoidea on actual effluent from several different secondary treatment processes
has shown that high biomass yields are possible (425 mg/L in the secondary effluent
with the highest phosphate concentration) with high levels of lipid accumulation
(35-40%) in stationary phase while at the same time removal of nitrogen and phos-
phorous was above 95% (Yang et al. 2011).

Although the biomass residue after oil extraction could be used as a feedstock for
a “biorefinery,” as noted above the potential for deriving value by making high cost
by-products is limited, and the use of residual material as animal feed is questionable
given the need to transport it, a costly option considering its value. Nevertheless,
something needs to be done with the residual material as otherwise it becomes an
immense waste disposal problem. Probably, the best option is to develop anaerobic
digestion methods suitable for converting much of the mass into biogas. The produced
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methane could be used to power plant operations, and, at the same time, this would
allow recovery of some of the fixed nitrogen, phosphate, and trace elements necessary
to continue algal growth operations. Some initial studies have shown the feasibility of
this approach, with yields, 0.2-0.3 m¥kg VS, on the lower end of the range for what
is typical of standard anaerobic digestors (Ehimen et al. 2011; Wiley et al. 2011).

13.10 Future Developments in Photosynthetic Biodiesel
Production

A number of possible advances could be made in the future through the application
of genetic engineering technologies. Use of genetic engineering to improve strains
useful in biodiesel production has been severely hampered by the dearth of methods
that work with productive microalgae and to a lack of genomic information. The
near future should see appreciable genomic sequence information become avail-
able, and there is even a dedicated Web site now established as a repository for
information pertaining to algae potentially useful in biofuels production, Energy
algae DB which has already collected 18 completed sequences (http://www.
bioenergychina.org:8989/about.html). Recently, what is already known about the
genomes of dinoflagellates and Mamiellophyceae (phylum Chlorophyta) have been
published (Lin 2011; Piganeau et al. 2011; Radakovits et al. 2010). Of course, an
attractive alternative is to take an organism for which the genetic tools are already
well developed and turn it into a biodiesel producer. Thus, a cyanobacterium has
recently been engineered for fatty acid biosynthesis (Liu et al. 2011).
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Roles for Metabolic Engineering in Biofuels Production
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Fig. 14.1 Metabolic Engineering can be used to expand biofuels production in a number of ways.
First, in substrate conversion, metabolic engineering makes it possible to create organisms with the
newly acquired ability to degrade complex lignocellulosic substrates, by far the largest substrate
pool available from non-food biomass. As well, organisms with strong downstream capabilities
can have their substrate range extended to include the capacity to use the pentoses and hexoses
derived from lignocellulosic substrates. Secondly, the conversion of key metabolic intermediates
to biofuels can be increased in two ways. Changes in existing pathways can increase the produc-
tion of a biofuel that is normally made by that organism. New enzymes and pathways can be added
to enable the organism to produce novel biofuels

14.1.1 Mutated Microbes

While modern microbiological alchemists cannot of course answer all these ques-
tions, a series of recently developed tools are permitting the rapid development of
solutions to effective substrate conversions and the very active development of many
different biofuels with individually interesting properties.

The techniques of metabolic engineering and synthetic biology can be usefully
employed at various stages of the transformation of substrates to biofuels (Fig. 14.1).
Biofuels production (other than hydrogen from water) can be divided into two
stages: the conversion of raw substrate into key metabolic intermediates and the
conversion of these intermediates into the desired biofuel. Substrate conversion to
usable monomers (here lignocellulosic conversion to hexoses and pentoses) is one
target for improvement by these techniques, endowing organisms with the ability to
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Fig. 14.2 A variety of different biofuels are accessible using microbial metabolic capabilities.
Some products can be made through traditional fermentation, with suitable modifications to
increase yields and rates (solid outlines). In addition, existing biosynthetic pathways can be sub-
verted to make a variety of biofuels (dashed outlines). Pathways and products shown have already
been experimentally demonstrated with Escherchia coli

effectively use the mix of monomers created is another. Once key intermediates have
been generated from the assimilated monomers (sugars) by microbial metabolism,
various alterations can be made to either introduce the capacity to make a novel
biofuel or to increase production levels of a native biofuel (Hallenbeck et al. 2011;
Liu and Khosla 2010). In this way, strains of Escherichia coli can be made which are
capable of the synthesis of a very wide range of potentially useful biofuels
(Fig. 14.2).

The move away from first-generation biofuels and the microbial production of
advanced biofuels is only possible through the application of modern techniques of
genetic manipulation, as shown by some specific examples in the various chapters.
Progress in this field has been rapid and will continue to be so. As well, the science
of the genetic technology which can be brought to bear on the biofuels problem is
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growing quickly with the introduction of new methods for synthetic biology, includ-
ing the synthesis of entire bacterial genomes. A variety of tools make different
applications possible. For one thing, it is no longer clear that the organism of choice
is the native strain traditionally used in industry. Although it is possible to introduce
changes that would make it a better biofuels producer, i.e., engineering natural func-
tion, it is now possible to import entire novel biosynthetic capabilities (Alper and
Stephanopoulos 2009). On the other hand, suitable methods are now available to
envisage taking a more robust strain with a variety of desirable characteristics;
higher product tolerance, greater stress tolerance, and therefore more likely to pro-
duce biofuels at higher yields and titers, and endow it with the metabolic capacity to
produce the biofuel of interest (Fischer et al. 2008). It is widely believed that appli-
cation of these new technologies will allow the realization of practical advanced
biofuels production in the next 10-20 years (Stephanopoulos 2007).

14.2 Future Biofuels

The future should see the introduction of new pathways greatly expanding the
possible biofuels that can be produced by microbes. In addition, the ability to use
novel substrates or to use existing substrates in new ways should become possible.
Some of the possible emerging technologies have been recently described, and with
the great deal of work going on in this area at present, more should be put forth in
the coming months and years.

14.2.1 The Carboxylate Platform

The recently described carboxylate platform approach (Agler et al. 2011; Holtzapple
and Granda 2009) relies on the power of mixed microbial communities to degrade
complex waste streams. In essence, what is being attempted is to subvert the anaero-
bic digestion process so that intermediates can be trapped and used before they are
completely converted to methane. Thus, the idea is to allow normal fermentative
metabolism to generate fermentation products, predominately carboxylates. These
can be extracted using one of the several processes and then converted to fuel mol-
ecules using chemical processes. For example, in the MixAlco® process, calcium
carboxylate salts are obtained which are then thermally decomposed to ketones,
which upon hydrogenation give alcohols. Another possibility is to steer the fermen-
tation in the direction of a desired product by manipulating the culture conditions,
although proven reliable methods for doing this with mixed cultures are not yet
available. Selected carboxylates could then be converted to different biofuels by
various biological processes. In its embryonic stages, further development of this
technology for biofuels production will depend upon the development of effective
means of controlling the ecology of the fermenting community toward the desired
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products, efficient carboxylate extraction methods, and cost-effective means of
inhibiting methanogenic activity (Agler et al. 2011).

14.2.2 Engineering Cyanobacteria

Cyanobacteria are quite interesting for future advanced biofuels production because
they can fix carbon dioxide using captured solar energy and at the same time are
very amenable to genetic manipulation (Robertson et al. 2011). After the initial
report of engineering a cyanobacterium to produce ethanol (Deng and Coleman
1999), this area remained dormant until recently when several reports of the engi-
neering of cyanobacteria for the conversion of CO, into liquid biofuels, including
butanol, fatty acids, isoprenoids, fatty alcohols and hydrocarbons, appeared (Lan
and Liao 2011; Lindberg et al. 2010; Liu et al. 2011a, b; Tan et al. 2011). These
novel routes to the autotrophic production of biofuels are in their infancy and much
further work is needed to improve yields and operating conditions. For example,
1-butanol production is interesting since its production has the same photon require-
ment (48) as the production of glucose (Lan and Liao 2011), however, 1-butanol is
only made under anaerobic conditions, problematic with an oxygen-evolving organ-
ism. Regardless, given their potential, it may be possible to more easily overcome
some of the barriers that afflict biofuel production with other organisms. For exam-
ple, a low cost-effective harvesting strategy is lacking in biodiesel production by
microalgae (Chap. 13), yet cyanobacteria can be used in a number of ways that
potentially avoid this bottleneck. Filamentous forms that are easily harvested by
nylon mesh are amenable to genetic manipulation. As well, cyanobacteria can be
made to excrete fatty acids (Liu et al. 2011b) or can be engineered to lyse and
release product under the proper conditions; addition of nickel (Liu and Curtiss
2009), or merely CO, limitation (Liu et al. 2011a).

14.2.3 Novel Substrates, Novel Products

Until now, almost all microbial biofuel production schemes, other than those few
using water-splitting photosynthesis, have been based on using plant-derived sug-
ars. Recently, an E. coli strain capable of converting amino acids into biofuel mol-
ecules; principally C4 and C5 alcohols, was created by several rounds of chemical
mutagenesis and metabolic engineering (Huo et al. 2011). High yields were obtained
through the introduction of a metabolic driving force, irreversible deamination.
Thus, in principle, this novel pathway allows the production of biofuels from sources
previously unavailable; high protein wastes, or even purpose grown microbes, even
microalgae. An additional benefit is derived from the fact that the ammonia that is
released could be captured and used as fertilizer, a co-product for which there is a
high demand.
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Although an impressive variety of biofuel molecules can be made using naturally
found microbial metabolic intermediates and pathways (Fig. 14.2), recent work has
shown that it is possible to construct strains capable of the production of nonnatural
metabolites by combining metabolic engineering and protein engineering through
directed evolution (Zhang et al. 2008; Koffas 2009). This approach allows the syn-
thesis of high (5-8) carbon number branched chain alcohols from simple sugars,
otherwise not accessible through the normal repertoire of metabolic reactions. These
molecules are of interest since they have low water miscibility and high energy
density. Key to this work was the directed evolution (rational redesign) of three
critical enzyme activities; 2-ketoisovalerate decarboxylase, alcohol dehydrogenase
and LeuA (Zhang et al. 2008). Although both rates of production and yields would
have to be increased to approach a practical process, this initial study provides a
nice proof of principle of the power of using protein engineering in conjunction
with metabolic engineering to enlarge the molecular space for biofuels production
by microbes.

14.2.4 Microbial Electrosynthesis

Although the interaction of microbes with electricity has been known for decades,
it is not until recently that this area has come under intensive study. Mixed cultures
as well as some isolated strains have been shown to be capable of interacting with
electrodes (Lovely 2011; Lovely and Nevin 2011). Interaction can take a number of
forms from the use of extracellular electron carriers to the direct interaction with the
electrode surface with what appear to be specialized pili that form nanowires. In
doing so, the electrode is incorporated as an integral part of the microbial metabolic
process, either supplying electrons for an otherwise difficult reduction, or taking up
electrons to permit a normally prohibited reductive reaction.

In addition to using these principles for microbial fuel cells, producing electricity
while degrading wastes, and microbial electrolysis cells, using a small amount of
electricity to drive the complete conversion of substrates to hydrogen, some recent
studies have shown that the microbial electrosynthesis of interesting molecules is
possible (Rabaey and Rozendal 2010; Rabaey et al. 2011). This novel area has
already been demonstrated to have a number of applications in the microbial produc-
tion of advanced biofuels, and this area should greatly expand in the near future.

In one variation, exogenously supplied electrons can be used to drive an “unbal-
anced” fermentation. Often the fermentative production of a desired product is con-
strained by the need to maintain cellular redox equilibrium. The need to recycle
internal redox carriers, such as NADH, often means that a significant proportion of
the substrate must be used to produce an undesired side product. This can be avoided
by supplying or removing the necessary electrons exogenously (i.e., from an elec-
trode); thus permitting higher conversion yields than possible with a “normal” fer-
mentation. A proof of principle of this concept was shown using an engineered
Shewanella strain which could convert glycerol to ethanol with a much greater yield
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than engineered E. coli when the reaction was coupled to an oxidizing electrode
(Flynn et al. 2010).

Finally, it has also been shown that microbial electrosynthesis can be used to fix
CO, into useful products. Biofilms of Sporomusa ovata were shown to reduce
carbon dioxide (using the acetogenic carbon fixation pathway) with over 85% of the
electrons going into acetate production (Nevin et al. 2010). While not directly
useable as a biofuel of course, this demonstrates that electricity-driven CO, fixation
into organic compounds is possible. Of course, for biofuels production, it would be
more useful to drive CO, fixation through the Calvin-Benson-Bassham cycle, from
which either fermentable sugars or direct biofuel molecules could easily be pro-
duced. In addition, it obviously would be necessary to supply electricity from a
renewable source (solar, wind). However, this opens up a number of possibilities.
First, it could provide a means both of storing renewable energy, by making energy-
rich compounds, a problematic area for electricity that is generated either with solar
panels or wind generators. In addition, it could provide the easy conversion of elec-
trical power to liquid fuels, much more useful for transportation.

14.3 The Future

As demonstrated by the work laid out in this book, the production of a panoply of
biofuels is possible from a wide variety of substrates using microbes as the catalysts.
This work, by researchers worldwide, has drawn on the natural power and diversity of
microbial metabolism, augmented by the powerful modern biological tools of genetic
engineering, metabolic engineering, protein engineering, and synthetic biology.
Further advances in the processes described here will surely come with more research
and testing. As well, application of the tools and already established principles to
known, but not yet used systems, as well as the discovery of new metabolic pathways
and enzymes through genome sequencing and metagenomics, should lead to an ever
expanding choice of biofuels available as future replacements for fossil fuels.
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