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Recognition Imaging Using Atomic
Force Microscopy

Andreas Ebner, Lilia Chtcheglova, Jilin Tang, David Alsteens,
Vincent Dupres, Yves F. Dufrêne, and Peter Hinterdorfer

Abstract Recognition imaging using atomic force microscopy (AFM) offers a wealth of new
opportunities in biophysical research, such as its ability to localize specific chemical groups
and biological receptors on biosurfaces and to measure their molecular-scale interactions. By
attaching well-defined chemical groups on tips, it is possible to map chemical properties and
interactions on cell surfaces on a scale of a few functional groups. Single-molecule force
spectroscopy with tips functionalized with relevant bioligands provides a means of localizing
individual receptors and measuring their specific binding forces. Alternatively, recognition
sites may also be mapped with unprecedented temporal resolution using dynamic recog-
nition imaging, in which molecular recognition signals are detected during dynamic force
microscopy imaging. These AFM modalities, which all have functionalization of the tips with
specific molecules in common, provide new avenues for understanding the structure–function
of cell surfaces in connection with medical and physiological issues.

18.1. Introduction

Molecular recognition involving the specific interaction between receptors and their
cognitive ligands plays a pivotal role in life sciences. Signalling cascades, enzymatic activity,
genome replication and transcription, cohesion of cellular structures, interaction of antigens
and antibodies, and metabolic pathways are just some examples of processes which critically
rely on specific recognition. In addition to these specific interactions, nonspecific intermolec-
ular interactions, such as hydrophobic and electrostatic forces, also play essential roles in bio-
logical events, such as protein folding and cell adhesion. Force-measuring techniques such as
the surface forces apparatus and the optical and magnetic tweezers have been developed to
measure these noncovalent intermolecular forces. Although very powerful, these approaches
are limited by their poor lateral resolution, meaning that they cannot resolve the spatial distri-
bution of (bio)chemical sites or their interactions. Accordingly, localizing specific chemical
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groups and receptor sites on biological samples and measuring their molecular-scale interac-
tions represents a major challenge in current biophysical research.

In recent years, atomic force microscopy (AFM) has become a powerful tool for prob-
ing biosurfaces on the nanoscale [1–5]. Whereas AFM imaging provides three-dimensional
views of specimens with (sub)molecular resolution and with minimal sample preparation,
AFM force spectroscopy measures the forces within or between single molecules, thereby
providing new insights into the molecular basis of crucial biological events such as protein
folding and cell adhesion. The AFM works by scanning a sharp tip over the surface of the sam-
ple while sensing near-field physical interactions between the tip and the sample. This allows
three-dimensional images to be directly generated, even in aqueous solution. The sample
is mounted on a piezoelectric scanner that ensures three-dimensional positioning with high
accuracy. While the tip (or sample) is being scanned in the (x, y) directions, the force inter-
acting between tip and specimen is monitored with a sensitivity on the order of piconewtons.
This force is measured by the deflection of a soft cantilever that is detected by a laser beam
focused on the free end of the cantilever and reflected into a photodiode. AFM cantilevers
and tips are typically made of silicon or silicon nitride using microfabrication techniques.
The most widely used imaging mode is contact mode, in which sample topography can be
measured in two ways. In constant-height mode, the cantilever deflection is recorded while
the sample is scanned at constant height. It is often necessary to minimize large deflections
to reduce the forces applied to the sample and thus prevent damage. This is achieved in the
constant-force mode, in which the sample height is adjusted to keep the deflection of the
cantilever constant; thus, the force applied to the tip is maintained at a constant level using a
feedback loop. In dynamic or intermittent mode, also known as tapping mode, a tip is oscil-
lated near its resonance frequency and scanned over the surface. The amplitude and phase of
the cantilever are monitored and taken as signals for imaging.

In force spectroscopy modalities, such as chemical force microscopy (CFM) and single-
molecule force spectroscopy (SMFS), the cantilever deflection is recorded as a function of
the vertical displacement of the scanner, that is, as the sample is pushed toward the tip and
retracted. This results in a cantilever deflection versus scanner displacement curve, which
can be transformed into a force–distance curve by using the appropriate corrections. To gain
accurate knowledge about the measured forces, it is important to experimentally determine
cantilever spring constants because they may substantially differ from values quoted by the
manufacturer [6]. The characteristic adhesion (or unbinding) force between tip and sample
observed during retraction may then be used to detect chemical groups (CFM) and recep-
tor sites (SMFS). A few years ago, a novel molecular recognition imaging mode was intro-
duced in which molecular recognition signals were detected during dynamic force microscopy
imaging (topography and recognition imaging). This chapter focuses on available molecu-
lar recognition AFM modalities, emphasizing methodologies and applications in biophysical
research.

18.2. Chemical Force Microscopy

Noncovalent interactions, such as hydrophobic and electrostatic interactions, play
essential roles in nature because they mediate crucial events such as protein folding and cel-
lular interactions. For the first time, CFM enables researchers to measure these interactions
on biosurfaces with nanoscale lateral resolution.
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18.2.1. Methods

The principle of CFM, which was introduced in 1994, is to use AFM tips with well-
defined chemistry for measuring adhesion (or friction) and for imaging surfaces [7,8]. The
surface chemistry of commercial tips is poorly controlled and often contaminated with gold
and other materials. Therefore, reliable CFM measurements require functionalizing tips with
organic monolayers terminated by specific functional groups (e.g., OH or CH3). A common
method is based on the formation of self-assembled monolayers (SAMs) of alkanethiols on
gold surfaces [9]. This procedure involves coating microfabricated cantilevers with a thin
adhesive layer (Cr or Ti) via thermal evaporation, followed by a 15- to 100-nm-thick Au layer.
The coated cantilevers are immersed in dilute (0.1–1 mM) ethanol solutions of the selected
alkanethiol, followed by a rinse with ethanol, and dried using a gentle nitrogen flow. Although
the protocol is fairly simple, it is important to validate the quality of the surface modification,
which can be accomplished by treating model supports (glass, mica) in the same way as
the tips and by characterizing them by means of surface analysis techniques (e.g., contact-
angle measurements or X-ray photoelectron spectroscopy). To minimize surface contamina-
tion and alteration it is important to use the functionalized tips immediately after they are
prepared.

A CFM experiment typically involves measuring the adhesion strength between chem-
ical groups via force spectroscopy. The cantilever deflection is recorded as a function of the
vertical displacement of the piezoelectric scanner, yielding a raw “voltage–displacement”
curve that can be converted into a “force–distance” curve. Using the slope of the curves in
the region where tip and sample are in contact, one can convert the voltage into a cantilever
deflection. The cantilever deflection is then converted into a force F using Hooke’s law: F =
– k × d, where k is the cantilever spring constant. The curve can be corrected by plotting F
as a function of (z – d). The zero separation distance is then determined as the position of
the vertical linear parts of the curve in the contact region. The hysteresis or “pull-off” force
observed during retraction is used to estimate the adhesion (unbinding) force between tip and
sample. Adhesion force maps can be obtained by recording spatially resolved force–distance
curves in the (x, y) plane.

Although hydrophobic forces have been known for 70 years and are of prime impor-
tance in biology (e.g., in protein folding and aggregation), their detailed mechanisms remain
poorly understood. Recently, CFM was shown to be a powerful tool for measuring hydropho-
bic forces at biological interfaces and for resolving their nanoscale distribution. Figure 18.1
shows the proof of such CFM measurements on model surfaces [10]. SAMs of CH3- and OH-
terminated alkanethiols mixed in different proportions were probed using water contact-angle
measurements and CFM with hydrophobic, CH3-terminated tips. Consistent with expecta-
tions (work of adhesion, Young equation), the contact angle and adhesion force values mea-
sured on mixed SAMs increased gradually with the molar fraction of CH3-terminated alka-
nethiols (Figure 18.1A, B), yielding a linear relationship between the adhesion force and the
cosine of the contact angle (Figure 18.1C). This excellent agreement demonstrates that the
measured adhesion forces reflect surface hydrophobicity. We point out that, interpretation
of the data in terms of interfacial thermodynamics indicated that the measured adhesion
forces do not originate from true, direct tip–sample interactions but rather reflect entropy
changes associated with the restructuration of water near hydrophobic surfaces. This work is
also of practical interest as it shows that CFM can be used for quality control of chemically
modified tips, which is not possible when using common analytical techniques. As we dis-
cuss later, further interpretation of cellular data requires expressing the measured adhesion
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Figure 18.1. Measuring hydrophobic forces using chemical force microscopy. A. Water contact angle (θ) values
measured for self-assembled mixed monolayers of CH3- and OH-terminated alkanethiols as a function of the molar
fraction of CH3-terminated alkanethiols. B. Histograms of adhesion forces measured on the mixed self-assembled
monolayers (SAMs) using hydrophobic CH3 tips. C. Variation of adhesion forces as a function of the cosine of the
water contact angle. D. Adhesion force as a function of the surface fraction of CH3-terminated alkanethiols computed
using Cassie’s law. (Reprinted with permission from Alsteens et al. [10].)

force as a function of the surface fraction of CH3-terminated alkanethiols, determined
using Cassie’s law and contact-angle values (Figure 18.1D). CFM with tips bearing charged
groups can likewise be used to probe surface charge and electrostatic forces in aqueous
solutions [11,12].
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18.2.2. Chemical Imaging of Live Cells

CFM was recently used in imaging hydrophobic groups on the surface of the human
opportunistic pathogen Aspergillus fumigatus (Figure 18.2) [9, 13]. Topographic images
revealed the presence of regularly arranged rodlets on dormant spores. These structures are
composed of hydrophobins, a family of small, moderately hydrophobic proteins that favour
spore dispersion by air currents and mediate adherence to host cells. Force curves recorded
across these surfaces with a hydrophobic tip showed large adhesion forces of ∼3,000 pN
magnitude. Comparing the data obtained on reference surfaces (Figure 18.1D) indicated that
the conidial surface has a marked hydrophobic character, corresponding to a surface com-
posed of ∼10 CH3 and ∼15 OH groups, which is fully consistent with the presence of an
outermost surface layer of hydrophobins and provides direct indications as to their putative
functions as dispersion and adherence structures. In agreement with the uniform surface struc-
ture, adhesion maps were rather homogeneous, supporting the notion that the conidial surface
is homogeneously hydrophobic.

Dramatic changes of hydrophobic properties can be tracked in real time [14].
A temperature-controlled AFM was used to obtain high-resolution images of the same
A. fumigatus spore during the course of germination (Figure 18.2). Significant structural
alterations were observed, and the rodlet layer changed into a layer of amorphous mate-
rial, presumably reflecting the underlying polysaccharides. In addition, adhesion maps with
hydrophobic tips revealed a dramatic loss of hydrophobicity over time. After 2-hr ger-
mination, heterogeneous hydrophobic contrast was observed, reflecting the coexistence of
hydrophobic rodlets and hydrophilic polysaccharides. The observed changes are likely to be
function related. Whereas the hydrophobic rodlets promote spore dispersion and adhesion
to surfaces, the very hydrophilic nature of the germ tube cell wall is likely to favour hyphal
growth in aqueous environment.

The impact of drug treatments on the chemical properties of microbes can also be
studied using this technique. For instance, the surface of mycobacteria was shown to be
uniformly hydrophobic, reflecting the presence of an outermost layer of hydrophobic mycolic
acids [10]. This finding is of biomedical relevance because these hydrophobic constituents
are thought to represent an important permeation barrier to common antibacterial agents. By
contrast, treatment of the cells with drugs targeting specific cell wall constituents lead to a
dramatic decrease of cell surface hydrophobicity, attributed to the removal of the mycolic
acid layer [15].

In addition to hydrophobicity, surface charge also plays an important role in controlling
antigen–antibody, cell adhesion, cell–virus, cell–drug, and cell–ion interactions. This trait can
be probed on the nanoscale by using tips functionalized with ionizable carboxyl groups. For
the yeast, Saccharomyces cerevisiae, force–distance curves were strongly influenced by pH
[12]: Whereas no adhesion was measured at neutral/alkaline pH, reflecting the electrostatic
repulsion between the negatively charged surfaces, multiple adhesion forces were recorded at
low pH values, which are attributed to hydrogen bonding between the protonated tip surface
and cell surface macromolecules. These changes were shown to be related to differences
in the ionization state of the cell-surface functional groups: The adhesion force versus pH
curve was correlated with microelectrophoresis data, with the pH of the largest adhesion
force corresponding to the cell isoelectric point.

Hence, CFM is a powerful tool for imaging and quantifying the local hydrophobic and
electrostatic properties of cells, thereby complementing the range of methods available for
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Figure 18.2. Chemical force microscopy of single live cells. Series of high-resolution deflection images (left)
and adhesion force maps (right) recorded with a hydrophobic tip on a single Aspergillus fumigatus spore during
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assessing cell surface properties. A unique feature of CFM is its ability to resolve nanoscale
chemical heterogeneities on single live cells.

18.3. Recognition Imaging Using Force Spectroscopy

Single-molecule force spectroscopy (SMFS) provides unique possibilities for localizing
individual receptors on biosurfaces. In addition, SMFS can measure molecular recognition
interactions at the level of single molecules, providing valuable information on molecular
dynamics within complexes.

18.3.1. Methods

Molecular recognition studies imply functionalizing the tips (and supports) with rel-
evant biomolecules. Several issues should be considered. The forces that immobilize the
molecules have to be stronger than the intermolecular force being studied. The attached
biomolecules should have enough mobility so that they can freely interact with comple-
mentary molecules. The contribution of nonspecific adhesion to the measured forces should
be minimized. Attaching biomolecules at a low surface density is recommended to ensure
single-molecule detection. Site-directed coupling may be desired to orientate all the interact-
ing molecules in the same way. Immobilization strategies commonly used for making such
biological tips are illustrated in Figure 18.3. Using the nonspecific adsorption of biotinylated
bovine serum albumin (BBSA), it is possible to measure the interaction between biotin and
avidin (or streptavidin) down to the single-molecule level [16,17]. The adsorbed BBSA layer
can actually further react with avidin/streptavidin to attach biotinylated molecules [18]. A
second approach relies on the strong binding of thiols on gold-coated tips. Whereby pro-
teins, oligonucleotides, and carbohydrates that bear thiol groups can directly be attached on
the gold surfaces [19,20], they can also be covalently attached onto SAMs of functionalized
alkanethiols on gold by using 1-ethyl-3-(3-dimethylaminopropyl)carbodiimide (EDC) and N-
hydroxysuccinimide (NHS) [21]. In this context, an interesting approach is to mix long-chain
alkanethiols with COOH-terminal functions in a matrix of shorter OH-terminated alkanethi-
ols, which ensures a certain mobility of the attached biomolecules and minimizes nonspecific
adsorption [22]. We would like to point out that, it is possible to orientate all biomolecules
in the same way by attaching recombinant histidine-tagged proteins onto an AFM tip coated
with nitrilotriacetate (NTA)-terminated alkanethiols [23]. This coupling approach offers the
advantage of allowing optimal exposure of the C-terminal or N-terminal domains, but it is
limited by the rather low binding strength of the NTA–His bond. A third approach is to
covalently anchor biomolecules on silicon tips by using various amine-functionalization pro-
cedures [24,25]. The amino-terminated surfaces are reacted with a cross-linker that provides
the ligands with motional freedom and prevents their denaturation. Cross-linkers typically

�
Figure 18.2. (continued) germination. Within less than 3 hr, the crystalline rodlet layer changed into a layer of amor-
phous material, presumably reflecting inner-cell-wall polysaccharides. After 2 hr, both rodlet and amorphous regions
were found to coexist (separated by dashed line). Consistent with this structural dynamics, substantial reduction of
adhesion contrast was noted with time (right images), reflecting a dramatic decrease of hydrophobicity. After 2 hr,
heterogeneous contrast was observed in the form of hydrophobic patches (dashed line), surrounded by a hydrophilic
sea. (Reprinted with permission from Dague et al. [14].)
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Figure 18.3. Strategies commonly used for modifying atomic force microscope tips with biomolecules. Left to
right. Physisorption of proteins such as biotinylated bovine serum albumin (BSA), chemisorption of alkanethiols on
gold, and covalent coupling of silanes on silicon oxide. NTA, nitrilotriacetate; PEG, poly(ethylene glycol). (Adapted
with permission from Hinterdorfer and Dufrene [4].)

carry two different functional ends. This can be, for instance, an amine-reactive NHS group
on one end for the coupling to tip surfaces and a 2-pyridyldithiopropionyl (PDP) or vinyl
sulfone group on the other end, which can be covalently bound to thiol groups contained in
ligands.

For cell adhesion studies, animal and microbial cells can be attached onto AFM can-
tilevers, allowing microscopists to probe various types of cellular interactions. Microbial cells
have been immobilized by using glutaraldehyde treatments to create covalent cross-linking
between cells and tips [26] or by attaching single cells with a small amount of glue [27].
However, these treatments are likely to affect the structure and properties of the cell surfaces.
Alternatively, bacteria can be physically adsorbed onto poly-L-lysine–coated glass beads fol-
lowed by attachment of the cell-coated beads to a cantilever by using a small amount of
epoxy resin [28]. Another elegant approach is to attach individual cells to an AFM cantilever
via lectins such as wheat germ agglutinin or concanavalin A, which then allows the measure-
ment of the specific adhesion forces between two adjacent cells [29] or between cells and
immobilized ligands [30].

18.3.2. Measuring Molecular Recognition Forces

Essentially, molecular recognition using SMFS implies recording force curves between
the modified tip and sample, assessing the unbinding force between complementary receptor
and ligand molecules from the adhesion “pull-off” force observed upon retraction, and dis-
playing the values either as a histogram or an adhesion map. A typical force curve obtained
by using a biotin-modified AFM tip and surface-attached avidin molecules is shown in
Figure 18.4A [31]. If the ligand on the tip does not form a specific bond with the receptor on
the cell surface, the recognition event is missing and the retrace (Figure 18.4B, blue line) looks
like the trace (Figure 18.4B, red line). In addition, the specificity of ligand–receptor binding
is usually demonstrated by blocking experiments with free ligands, which are injected into
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Figure 18.4. Typical molecular recognition force spectroscopy data using a biotinylated tip and an avidin-modified
surface. A. A force–distance circle exhibiting an unbinding event in the retraction period (blue line). B. This unbind-
ing event disappears when the tip is blocked by adding free streptavidin. C. The probability density function (pdf) of
the unbinding forces (blue line) shows a clear maximum and a high binding probability. In contrast, the streptavidin-
blocked tip has a significant lower and broader peak due to the hindered avidin–biotin complex formation. (Adapted
from Ebner et al. [31].)

the solution to block the receptor sites on the surface. As a consequence, almost all specific
recognition signals completely disappear and only occasional adhesion events are observed.

After acquiring hundreds of force curves, one can construct empirical probability den-
sity functions (pdf’s) from the detected unbinding forces (Figure 18.4C). The maximum of
the distribution reflects the most probable force on which a single ligand–receptor bond dis-
sociates under the force ramp used. An overall binding probability, which is the probability
to record an unbinding event, of 19% ± 6% (Figure 18.4C, blue line) was obtained. Block-
ing experiments performed by injecting free streptavidin molecules in solution reduced this
probability to 2% ± 1% (Figure 18.4C, red line). No binding was found at all when a bare tip
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was used instead of a ligand-coated tip. These results strongly support the specificity of the
binding events observed.

Based on such force spectroscopy experiments, a variety of ligand–receptor forces
have been measured at the single-molecule level, including those associated with
avidin/streptavidin [16,17] antibodies [24,32], DNA [19,33,34], cadherins [35], and bacte-
rial adhesins [23]. Knowledge of these forces contributes to the refinement of our under-
standing of the molecular basis of molecular recognition events such as those mediating
cell adhesion and immunological processes and offers promising prospects in nanobiotech-
nology for the rapid detection of bioanalytes. Several reports showed that unbinding forces
between receptors and ligands depend on the loading rate, that is, the rate at which the force
is applied to the bond. We want to point out that, the interaction time may also shift the
distribution of adhesion forces towards larger values. For VE-cadherins, this phenomenon
was ascribed to the time-dependent association of the protein into complexes with higher-
order adhesion strengths [35,36]. For the bacterial adhesin heparin-binding haemagglutinin
adhesin (HBHA), the prolonged contact time required to establish strong interaction with
heparin was suggested to reflect the time necessary for conformational changes within both
molecules to allow an optimal fitting between charged groups [23]. Hence, it is essential in
molecular recognition force measurements to vary the loading rate and interaction time to
provide reliable data and assess kinetic parameters of the unbinding process.

18.3.3. Molecular Recognition Imaging Using SMFS

Molecular recognition imaging using SMFS is comprised of recording arrays of force
curves in the x, y plane on an area of given size, assessing the unbinding force values for all
curves, and displaying them as grey pixels [37]. This method has been applied to different cell
types, including red blood cells [38], osteoclasts [39], and endothelial cells [40]. In microbi-
ology, molecular recognition imaging may be used to map adhesion proteins on live bacteria
(Figure 18.5) [23]. Bacterial infections are generally initiated by the interaction between
adhesins, that is, cell adhesion proteins, on the bacterial pathogen and specific receptors on
the host cell surface. A key example is Mycobacterium tuberculosis, which adheres to hep-
aran sulphates on epithelial cells via the HBHA. To shed new light on the molecular basis
of this interaction, Mycobacterium bovis bacillus Calmette-Guérin (BCG) cells expressing
HBHA were immobilized on a polycarbonate membrane, an approach that allows live cells to
be imaged without using any drying or fixation step (Figure 18.5A). High-resolution images
revealed a smooth and homogeneous surface (Figure 18.5B), consistent with earlier scan-
ning electron microscopy observations. Adhesion force histograms (Figure 18.5C) and maps
(Figure 18.5D) recorded on cells with a heparin-modified tip revealed adhesion events (bright
pixels on the maps) in about half of the locations. The adhesion force magnitude was very
close to the value expected for a single HBHA–heparin interaction, supporting the notion
that single HBHAs were detected. This was confirmed by showing that a mutant strain lack-
ing HBHA did not bind to the heparin tip. Of interest to, the HBHA distribution was not
homogeneous but apparently concentrated into nanodomains, which may promote adhesion
to target cells by inducing the recruitment of receptors within membrane rafts. In the future,
these molecular recognition studies may help in the development of new drugs capable of
blocking bacterial adhesion.

SMFS with antibiotic-modified tips may be used to gain insight into the architecture
of bacterial cell walls, as well as into the action mode of antibiotics. In the first such study,
AFM tips bearing vancomycin molecules were used to localize single D-Ala-D-Ala–binding
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Figure 18.5. Imaging single-cell adhesion proteins on live bacteria using spatially resolved single-molecule force
spectroscopy. A. Topographic image showing two living mycobacteria on a polymer support. B. Higher resolution
of the cell surface revealing a smooth morphology. C, D. Adhesion force histogram and adhesion force map, respec-
tively, recorded on a single cell with a heparin-modified tip. In localized regions, the map reveals adhesion events
(clear pixels) due to the presence of adhesion proteins, which seem to be concentrated into nanodomains. (Reprinted
with permission from Dupres et al. [23].)

sites up on dividing Lactococcus lactis cells [41]. Topographic images of the cells revealed
a smooth and elongated cell morphology, as well as a well-defined division septum. Please
note, that adhesion force maps recorded with vancomycin-terminated tips demonstrated that
the vancomycin-binding sites were essentially located in the septum region, suggesting that
newly formed peptidoglycan was inserted in these regions. This was in excellent agreement
with fluorescence microscopy images obtained using a fluorescent vancomycin probe.

SMFS also enables researchers to map the distribution of polysaccharides on cell sur-
faces and to probe their adhesion, elasticity, and conformational properties [42]. For instance,
lectin-modified tips were used to pick up and stretch single mannan polysaccharide chains on
the two brewing yeast strains, Saccharomyces carlsbergensis and S. cerevisiae (Figure 18.6)
[43]. Polysaccharides were clearly more extended on S. cerevisiae, suggesting that not only
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Figure 18.6. Localization and conformational analysis of single polysaccharide molecules on yeast using single-
molecule force spectroscopy (SMFS). A, D. Superimpositions of retraction force curves recorded on Saccharomyces
carlsbergensis (A) and Saccharomyces cerevisiae (D) yeast cells with an atomic force microscope tip functionalized
with the lectin concanavalin A. B, E. Three-dimensional maps of polymer properties for S. carlsbergensis (B) and
S. cerevisiae (E), showing very different spatial distributions of adhesion forces (false colors; yellow means more
adhesive) and of rupture distances (z levels). C, F. Schematics of the SMFS measurements: Whereas only the mannan
oligosaccharides (red) are stretched on S. carlsbergensis, both the oligosaccharide (red) and polypeptide (blue) chains
of mannoproteins are pulled on S. cerevisiae. This may explain why, unlike S. carlsbergensis (bottom-fermenting
brewing strain), S. cerevisiae tends to associate with CO2 bubbles (top-fermenting brewing strain). (Reprinted with
permission from Alsteens et al. [43].)

oligosaccharides, but also polypeptide chains of the mannoproteins were stretched. These
major differences in polymer properties could explain the very different aggregation proper-
ties of the two organisms. In another study, the method was used to reveal the coexistence
of polysaccharide chains of different nature on surface of the clinically important probi-
otic bacterium Lactobacillus rhamnosus GG [44]. These SMFS measurements offer exciting
prospects for understanding the molecular mechanisms of cell adhesion.

Molecular recognition imaging using SMFS is limited by its poor temporal resolution.
The time required to record a molecular recognition image is about a 10 minute segment,
depending on the acquisition parameters, which is much greater than the time scale at which
dynamic processes usually occur in biology. In the future, progress in developing faster adhe-
sion mapping modes, like the jumping mode [45], will help to circumvent this problem.

18.4. Topography and Recognition Imaging

In contrast to common recognition imaging using force spectroscopy, a recently devel-
oped imaging technique termed topography and recognition imaging (TREC) [46–52] over-
comes some of the limitations regarding lateral resolution and imaging speed by using
dynamic force microscopy with a functionalized sensor tip that is oscillated during scanning
across the surface.
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18.4.1. Methods

As a first step, the AFM tips must be upgraded into a molecular sensor by coupling
a ligand molecule to the outer end of the scanning tip, preferably through a flexible tether
such as poly(ethylene glycol) (PEG) [53]. Because it is an important parameter for adjusting
the optimal oscillation amplitude, the length of the PEG tether plays a critical role here. It
can range from 8 to 25 ethylene glycol units, corresponding to 3–10 nm of stretched tether
length. The immobilization of the sensor molecule via the PEG tether gives the ligand the
freedom to adopt the correct orientation so as to facilitate binding to the target molecule
on the surface, while the sensor tips scan across the surface. In this approach, the so-called
MacMode (Agilent, USA) is used. A magnetically coated cantilever is oscillated through an
alternating magnetic field. In contrast to “normal” MacMode imaging, in TREC only the
lower part of the oscillation is used to drive the feedback loop for obtaining the topography
image. The upper part of the oscillation is used for the generation of the recognition image.

One-dimensional linear scans [52] allow a clear investigation of the nature of the topog-
raphy and recognition signals. For this purpose, lysozyme molecules were immobilized onto
a sample surface at a concentration at which they were singly distributed. The surface was
scanned with a bare and with an antilysozyme (HyHel5) functionalized tip, respectively.
Figure 18.7A shows the raw signal of a 7-kHz oscillation over a time range of 4 ms. In a
presentation of significantly larger time spans of these traces (1 sec, corresponding to one
full scan line of 500 nm) the oscillations appeared highly compressed, and only the enve-
lope with the characteristic maxima and minima of each oscillation period remained visible
(Figure 18.7B, C). Figure 18.7B shows the result of a scan with a bare tip, that is, a tip con-
taining no antibody. The z positions of the minima varied significantly, and as a result singly
distributed bulges with 10–15 nm width and about 1 nm in apparent height appeared along
the scan axis. These bulges reflect single lysozyme molecules that resist the further down-
ward movement of the tip towards the mica surface. Their widths and heights are a measure
of the apparent molecule size (10–15 nm width, about 1 nm height), and their separation is
a measure of the distance between the molecules on the surface (about 35 nm on average).
In contrast, the positions of the oscillation maxima remained constant, aside from the minor,
randomly occurring variations caused by the thermal noise of the cantilever.

Apparently, the information of the surface topography measured with a bare tip is
solely contained in the minima of the cantilever oscillations, and cross-talk between min-
ima and maxima does not exist at the conditions used (Q factor of the cantilever ∼1) [54].
Distinct minima were also clearly detected with an AFM tip carrying a specific antibody
(Figure 18.7C), indicating that the topography information can also be obtained by using these
chemically modified tips. In addition, however, the maxima were also significantly affected
(Figure 18.7C). The antibody of the AFM tip binds to the specific antigenic sites on lysozyme
during scanning, and the physical connection temporarily established between tip and sub-
strate thereby reduces the upstroke of the cantilever oscillation. As a further consequence,
recognition of lysozyme by the tip-conjugated antibody results in reduction of the oscillation
maxima, which allows for detection of the lateral position of specific binding sites.

Topography and recognition images can be simultaneously obtained using a specially
designed electronic circuit (PicoTREC, Agilent, Chandler, Arizona). The principle of TREC
(Figure 18.8A) is hereafter explained. The time-resolved deflection signal of the oscillating
cantilever is low-pass filtered to remove the thermal noise, DC-offset levelled, and amplified
before it is split into the lower (Udown) and (Uup) upper parts of the oscillations. The signal
passes a trigger threshold on each path, and the lower and upper peak of each oscillation
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Figure 18.7. Deflection signals of magnetically oscillated cantilevers using disabled feedback. A. Oscillations sig-
nals over a time range of 4 sec with a peak-to-peak amplitude of ∼5 nm. B, C. Full line traces over 500 nm (in 1 sec)
with a bare tip and using a ligand-tethered tip, respectively. (Reprinted with permission from Stroh et al. [52].)
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period is determined by means of sample and hold analysis. Succeeding peaks result in a
staircase function, which is subsequently filtered and fed into the controller of the microscope,
with Udown driving the feedback loop to record the height (i.e., topography) image and Uup
providing the data for constructing the recognition image. If cantilevers with low Q factor
(∼1 in liquid) driven at frequencies below resonance are used, both types of information are
independent. In this way, topography and recognition images can be recorded simultaneously
and independently.

TREC imaging was applied to singly distributed avidin molecules by using a biotiny-
lated tip (Figure 18.8B, C). The tip oscillation amplitude (8 nm) was chosen to be slightly

Figure 18.8. Topography and recognition imaging (TREC) signal processing. A. The raw cantilever deflection sig-
nal is fed into the TREC box, where the maxima (Uup) and the minima (Udown) of each oscillation period are depicted
and used for the recognition and the topography image, respectively. AFM, atomic force microscope; MAC, mag-
netic alternating current mode. (Reprinted with permission from Stroh et al. [52].) B, C. Topographic and recognition
images, respectively, using a biotin-functionalized tip. In the topographic image, single avidin molecules electrostat-
ically adsorbed to mica are observable. In the simultaneously acquired recognition image, recognition events appear
as black spots, showing a good correlation to the corresponding topography. (Reprinted with permission from Ebner
et al. [66].)
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smaller than the extended PEG cross-linker length (10 nm) through which the biotin was cou-
pled to the AFM tip. Thus, both the biotin remained bound while passing a binding site and
the reduction of the upwards deflection was of sufficient significance compared to the ther-
mal noise. Because the spring constant of the polymeric cross-linker increases nonlinearly
with the tip–surface distance, the binding force is only sensed close to full extension of the
cross-linker (given at the maxima of the oscillation period). Therefore, the recognition signals
are well separated from the topographic signals arising from the surface both in space (�z ∼
5 nm) and time (half-oscillation period ∼0.1 ms).

The visible bright dots with 2–3 nm in height and 15–20 nm in diameter in the topog-
raphy image (Figure 18.8B) represent single avidin molecules stably adsorbed onto the flat
mica surface. The recognition image shows black dots at positions of avidin molecules
(Figure 18.8C) because the oscillation maxima are lowered due to the physical avidin–biotin
connection established during recognition. The lateral positions of the avidin molecules
obtained in the topography image are spatially correlated with the recognition signals of the
recognition image. (circles in the images (Figure 18.8B, C)). Recognition between the biotin
on the tip and the avidin on the surface took place for almost all avidin molecules (for excep-
tion, see dotted circle in Figure 18.8C). Thus, one would assume to have almost all binding
epitopes oriented away from the mica surface and accessible to the biotin on the tip, resulting
in a high binding efficiency.

In addition, the tether length (10 nm) via which the biotin was bound to the AFM tip
was greater than the oscillation amplitude (8 nm) so that the biotin on the tip always had a
chance to bind to the avidin when passing a binding site during lateral scans. Biotin–avidin
recognition resulted in a reduction of the oscillation amplitude, and, indeed, due to the close
proximity of the tip to the surface, the binding efficiency was high. It is important to note
that topography and recognition images can be recorded at speeds typical for standard AFM
imaging and are therefore considerably faster than conventional force mapping.

18.4.2. Applications of TREC Imaging

Chromatin

The fundamental particle of the chromatin structure—the nucleosome—is a self-
assembled complex of basic histone proteins wrapped by approximately two turns of DNA.
Using conventional AFM, it is challenging to identify and distinguish the single components
because this technique only yields the shape and volume of the structures, which does not
heavily depend on the molecular weight. In contrast, TREC allows recognition of a specific
type of molecule in a complex structure while simultaneously yielding high-resolution topo-
graphic images. This strategy recently localized, histones H3 in remodelled chromatin struc-
tures [48]. For this procedure, nucleosomal arrays containing the mouse mammary tumor
virus (MMTV) promoter region were salt-reconstituted and subsequently deposited on glu-
taraldehyde aminopropyltriethoxysilane (GD-APTES)–treated mica. Polyclonal anti–histone
H3 antibodies were thiolated and attached to a PEG tether on the end of an AFM tip. Topo-
graphic and recognition images of nucleosomal arrays were simultaneously recorded using
this tip. The dark recognition patches and the pattern in which they occur clearly coincided
with the positions of the nucleosomes in the topographic image because histone H3 is one of
the proteins that constitute the core of each nucleosome.

The specificity of the recognition process was tested by injecting exogenous proteins
into the liquid cell in which the sample was imaged. When a BSA solution was added, the
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recognition image remained unaffected. However, if a similar concentration of a peptide cor-
responding to amino acids 1–20 of the N-terminal tail of histone H3 was injected into this
sample, the recognition signal was completely abolished. Thus, the ability of the tip-tethered
antibody to produce a recognition signal was blocked by an excess of its specific antigen in
solution, demonstrating that the recognition signals came from specific interactions between
the antibody on the tip and its antigen on the surface. The major impact of TREC comes
from its ability to monitor specific components in heterogeneous samples while they undergo
biological processes. In such experiments, hSwi-Snf and chromatin were incubated together
and then deposited onto mica. In situ images of the same nucleosomal arrays were taken
before ATP was added (hSwi-Snf is inactive) and after ATP addition (hSwi-Snf is activated).
The progress of remodelling was therefore tracked on individual molecules. Comparison of
recognition images before and after ATP addition showed a variety of remodelling and com-
positional changes.

TREC on chromatin was also explored using another kind of recognition molecule, the
DNA aptamer [55]. These are small, stem-loop, single-stranded DNA molecules generated
via systematic evolution of ligands by exponential enrichment. Aptamers consist of a single
strand of DNA and are therefore easy to synthesize and store. They are easily folded by
thermal annealing in an appropriate buffer and can also be easily attached to an AFM tip by
using commercially available DNA that is chemically modified at one end. Aptamers may
be as specific as antibodies and have a high affinity for some small molecules. A proof-of-
principle TREC study using aptamers as ligands with immunoglobulin E as receptor was
performed [55] before histone H4 aptamers were investigated to elucidate their specificity to
different histone classes [56].

Using an in vitro selected aptamer for histone H4, a series of recognition imaging exper-
iments against recombinant histone H3, H2A, and H2B were performed. It was shown that the
H4 aptamer recognized the H4, H3, H2A, and H2B proteins with recognition efficiencies of
80%, 29%, 3%, and 5%, respectively. The low level of recognition to the H2A and H2B pro-
teins correlated with previous affinity measurements performed on the histone tail sequences.
Comparison of different tail sequences revealed a GGX motif that was present, twice in H4
tails and once in H3 tails, but was absent from the H2A and H2B tail sequences. It thus
appeared likely that this motif is important in aptamer binding. Because it was found that
DNA aptamers represent a viable alternative to traditional antibodies in recognition imag-
ing microscopy, it was suggested that this approach could be used to study key epigenetic
modifications involved in chromatin remodelling [56].

Bacterial Surface Layers

Crystalline bacterial surface layers (S-layers) represent a unique self-assembly system
optimized during billions of years of biological evolution [57–60]. The intrinsic ability of
S-layers to self-assemble allows for in vitro formation of isoporous two-dimensional (2D)
protein lattices in suspension, on lipid films, on liposomes, and on solid supports [57,61].
Strep-tagII, an eight–amino acid peptide and artificial ligand for Strep-Tactin (a genetically
engineered streptavidin variant with higher affinity towards Strep-tagII than streptavidin
[62]), was fused to a C-terminally truncated form of the S-layer protein SbpA of Lysinibacillus
sphaericus CCM 2177. SbpA is one of the most extensively studied S-layer proteins, with the
ability to self-assemble into a square (p4) lattice [57,61,63,64]. In previous studies, it was
found that the fused Strep-tagII did not interfere with the self-assembly properties of S-layer
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fusion protein SbpA–Strep-tagII and that the Strep-tagII was located on the exposed surface
of the S-layer lattice [65].

We applied TREC for lateral imaging of the recognition sites on the nanoarray, to
identify the location of Strep-tagII in the square S-layer lattice with nanoscale resolution.
The AFM tip was covalently functionalized with Strep-Tactin via a short, elastic linker.
The topography images of the nanoarrays with mixed S-layer proteins rSbpA–Strep-tagII
and SbpA were acquired with MAC mode AFM. The 2D nanoarrays of mixed S-layer pro-
teins with square lattice and with a center-to-center spacing of ∼14 nm, typical for the
S-layer protein SbpA [60,65], could be observed in the topography images (Figure 18.9A).
Figure 18.9B shows the simultaneously acquired recognition image generated by scanning
with a Strep-Tactin–coupled AFM tip over the surface of mixed rSbpA–Strep-tagII/wild-type
SbpA (1/7) lattice. When Strep-Tactin on the tip recognized Strep-tagII, the oscillating tip
response was altered, and this change was converted into a recognition signal [48,66] that dis-
played the location of Strep-tagII in the S-layer nanoarrays. The dark spots in the recognition
image (Figure 18.9B) indicate where recognition events between Strep-Tactin and Strep-tagII
occurred and reflect the distribution of the fusion protein rSbpA–Strep-tagII in the cocrys-
tallized S-layer lattice consisting of rSbpA–Strep-tagII/wild-type SbpA. Although the dark

Figure 18.9. Topography and recognition images of surface-layer in the absence and presence of blocking agents. A,
B. Topographic and recognition images, respectively, of the surface-layer proteins rSbpA–Strep-tagII and wild-type
SbpA cocrystallized (in a molar ratio of 1:7) on a silicon chip. C, D. Topographic and recognition images acquired
after Strep-Tactin on the atomic force microscope tip was blocked by adding free Strep-tagII.
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spots were located all scattered over the nanoarray surface of the cocrystallized S-layer pro-
teins, they were randomly located. The specificity of the recognition signals was proven by
acquiring topography and recognition images at the same place after blocking Strep-Tactin on
the tip (Figure 18.9C, D). The dark spots in the recognition image were completely abolished
after injection of free Strep-tagII into the AFM fluid cell during imaging (Figure 18.9D).
In this case, the ability of the tip-tethered Strep-Tactin to acquire a recognition signal was
blocked by the excess of Strep-tagII in solution. This proved that the recognition signals
shown in Figure 18.9B arose from specific interaction between Strep-Tactin coupled to the
AFM tip and Strep-tagII on the surface of the cocrystallized S-layer lattice.

Subsequently, a smaller scan area on the surface of the cocrystallization of rSbpA–
Strep-tagII and SbpA was imaged to increase the lateral resolution. Figure 18.10A, B show
the simultaneously acquired topography and recognition images, with a scan size of 216 nm.
To precisely localize the position of Strep-tagII, a “center-of-mass” approach was used. In
this case, the center-of-mass approach determined the position of the symmetry point, which
was identified as the recognition site. Even though the diameter of the recognition spot
was on the order of two times the length of PEG and protein (∼7 nm), the position of the
recognition spots was determined with accuracy of less than 1 nm. By overlaying the position
of Strep-tagII in recognition spots and the topography image (Figure 18.10C), 88% of the
position of Strep-tagII in recognition spots were found on the corner of the square lattice,
which indicated the location of Strep-tagII in the lattice of S-layer. Figure 18.10D shows a
schematic drawing of the cocrystallization of rSbpA–Strep-tagII and wild-type SbpA and

Figure 18.10. A, B. Topographic and recognition images, of the surface-layer proteins rSbpA–Strep-tagII and SbpA
(in a molar ratio of 1:7) cocrystallized on a silicon chip. C. Superimposition of a recognition map of Strep-tagII onto
the corresponding topographic image. D. Schematic drawing of cocrystallized rSbpA–Strep-tagII and wild-type
SbpA.
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represents the square area in Figure 18.10C. The red spot indicates where the Strep-tagII
was located in correspondence to the dark spots in the recognition image. These results
demonstrate that Strep-tagII was exposed on the surface of the S-layer lattice and located in
the corner of the square S-layer lattice.

Membranes

In a recent study, the distribution of cystic fibrosis transmembrane regulator (CFTR)
molecules in red blood cell membranes was investigated. CFTR is a chloride channel and a
regulator protein for several membrane conductases [67]. It maintains the salt and water bal-
ance on the epithelium and regulates processes such as cell volume regulation [68]. CFTR
dysfunction results in a severe disease, namely cystic fibrosis (CF). It is the most common
genetic disease in people and is characterized by impaired epithelial transport mainly in the
respiratory system, pancreas, and liver. The most typical mutation is the deletion of the amino
acid phenylalanine at position 508, resulting in the misfolded protein (F508del CFTR). This
leads to impaired trafficking to the plasma membrane. As a result, the number of CFTR
molecules in the plasma membrane is strongly reduced [69,70]. There is strong evidence
that CFTR is not only expressed in epithelia but also in human erythrocytes [71–76]. In this
context, TREC imaging was used to accurately map CFTR sites directly on erythrocyte mem-
branes.

Before starting with the TREC experiments the erythrocyte membrane preparation was
investigated by dynamic force mode imaging by using a bare cantilever. The membranes
appear as round, flat structures with a diameter of ∼10 μm and up to 25 nm in height.
For TREC imaging, an anti-CFTR antibody was covalently coupled to an AFM tip via
a lysine residue. The TREC measurements were performed on erythrocyte membranes of
healthy (non-CF) and CF-positive patients, respectively. Topographic images of both non-CF
(Figure 18.11A) and CF (Figure 18.11D) erythrocyte membranes revealed similar structures
protruding out of the membranes with 10–12 nm in height, representing membrane proteins.
These structures were comparable to the topographic measurements using an unmodified
AFM tip with similar specifications. Visualization at single-molecule level was achieved
without compromising its topographic imaging performance, despite the fact that the tip was
carrying a tethered antibody. The simultaneously acquired recognition images (Figure 18.11E)
showed dark spots, corresponding to interactions between the specific anti-CFTR antibody on
the tip and the CFTR membrane proteins. These binding sites can be assigned to particular
topographic structures, allowing the identification of CFTR among the abundance of different
proteins present in the membrane.

The size of recognition spots for CF and non-CF membranes was 32 ± 5 and 33.5 ±
8 nm, respectively. The lateral resolution of TREC is limited by PEG-antibody-ligand system,
which causes a lateral mobility of the antibody restricted by the linker length. The configu-
ration used allows an antigen–antibody binding in a distance of up to ∼12 nm (linker length
plus antibody) to the tip apex. Because the recognition signals were recorded relative to the tip
position, a single antigen could generate a recognition spot with a diameter of up to 24 nm.
The tip radius also contributes to the signal broadening, so that the overall diameter of a
recognition spot could be up to 30–35 nm. Taking this into account, we see that the observed
recognition spots with diameters of about 33 nm revealed the presence of at least one CFTR
molecule. Although the cluster formation plays an important role, the exact number of CFTR
molecules in one recognition spot cannot be given. Nevertheless, it could clearly be shown
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Figure 18.11. Topographic and recognition images of isolated erythrocyte membranes. Non–cystic fibrosis (CF)
(A) and CF-positive (D) erythrocyte membranes show molecular recognition events (B, E) when scanned with an
anti–cystic fibrosis transmembrane regulator (CFTR)–functionalized sensor tip. Specificity proof experiments using
free anti-CFTR antibodies in solution show no recognition events (C, F). Scale bar × nm.

that CF samples (Figure 18.11E) clearly revealed fewer recognition spots compared to non-
CF ones (Figure 18.11B). Quantification of the recognition events revealed values of 6.2 ±
1.29 (n = 4) and 1.9 ± 0.90 (n = 12) CFTR molecules per μm2 for non-CF and CF ery-
throcytes, respectively (mean± SD). By extrapolation to the total erythrocyte surface area of
130 μm2, one can estimate∼800 CFTR molecules/erythrocyte for non-CF samples and about
250 CFTR molecules/erythrocyte for CF samples (if multimeric clustering in one recognition
spot is neglected).

To test the specificity of recognition, an excess of free anti-CFTR antibodies was
injected into the measurement fluid chamber. This resulted in a hindering of tip–antibody
surface–antigen complex by forming a CFTR–anti-CFTR antibody complex. Thus the free
CFTR antibodies were bound to the membrane-embedded CFTRs, which hindered tip–
antibody surface–antigen complex formation. As a result, in the TREC measurements, the
recognition spots disappeared in the recognition image with an efficiency of more than 90%
due to abolishment of the reduction of the upper oscillation amplitude (Figures 18.11C, F),
whereas the sample topography was unaffected.

TREC recognition imaging allowed an accurate identification of CFTR within the
plasma membrane at the single-molecule level. This provides considerable advantages
because it removes the data-averaging drawback inherent in the conventional techniques that
record measurements over large ensembles of molecules. With further advances in the TREC
technique (increasing spatial resolution, improving sample preparation) this method provides
more detailed information on protein clustering in native membranes. Moreover, elucidat-
ing the distribution of single proteins and their organization within the plasma membrane
becomes feasible.
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Cells

Real-time visualization and quantification of receptor-binding sites on cell surfaces is
a fundamentally challenging task in molecular cell biology. The first TREC studies on cells
were performed on microvascular endothelial cells of mouse myocardium (MyEnd) to locally
identify vascular endothelial (VE)-cadherin binding sites and colocalize the receptor position
with membrane topographic features [50] (Figure 18.12A). White VE-cadherin belongs to the
widespread family of cadherins, transmembrane glycoproteins are known to play an impor-
tant role in calcium-dependent homophilic cell-to-cell adhesion. VE-cadherin is located at
intercellular junctions of essentially all types of endothelium, where VE-cadherin molecules
are clustered and linked through their cytoplasmic domain to the actin cytoskeleton. The
cadherin cis-dimer, which is formed by the association of two extracellular domains in physi-
ological Ca2+ concentration (1.8 mM), represents a basic structural functional unit to promote
a homophilic bond between cells [77].

To avoid lateral diffusion of VE-cadherin and increase the stability of the cell mem-
brane, cells were gently fixed with glutaraldehyde, which is not only suitable for prevent-
ing the lateral mobility of receptors on the cell surface, but also maintains cell volume and
generally preserves the filamentous structure on the cell cortex. TREC measurements were
conducted with magnetically coated AFM tips (MAC tips), which were functionalized with
a recombinant VE-cadherin–Fc cis-dimer via a soft and long (∼8 nm) PEG linker. Recog-
nition signals correspond to the amplitude reduction due to a binding between VE-cadherin
molecules on the AFM tip and the cell surface when specific trans-interaction occurs (seen
as dark spots in recognition image). These dark spots are distributed nonuniformly and rep-
resent microdomains with dimensions from ∼10 to ∼100 nm (Figure 18.12B). Figure 18.12B
illustrates high recognition efficiency, which remains practically unalterable on subsequent
rescans. The addition of 5 mM ethylenediaminetetraacetic acid (Ca2+-free conditions) leads
to the disappearance of almost all binding events in the recognition image, whereas no change
in the topography image is observed. A closer look at some recognition spots reveals that they
consist of one to two large domains (50–80 nm) surrounded by smaller domains (10–20 nm) or
even single-molecule spots (typically 1–4 pixels long; 1 pixel∼4 nm) (Figure 18.12B). Given
the size of the VE-cadherin cis-dimer (diameter 3 nm) and the free orientation of PEG linkers
leading to specific binding even before/after (8 nm) the binding-site position, the dimensions
of the single sites reflect the expectation. More than 600 single events were recognized and
∼6,000 active cis-dimers were estimated over the scanned area (4 μm2). The shapes and the
positions of VE-cadherin domains were correlated with topographic features of MyEnd cell
surfaces. The topography of a scanned MyEnd cell surface area represents a complex picture
of linear and branched filamentous structures, likely representing filaments of the peripheral
actin belt and some globular features as well. We point out that, a few VE-cadherin domains
were found directly on top of filaments. Nevertheless, most domains were located near and
between filaments, indicating that at this stage of cell maturation (day 1 or 2 after seeding),
clustering of VE-cadherin was incomplete.

In another study, TREC was used to visualize vascular endothelial growth factor recep-
tors (VEGFRs) [78] on vascular endothelial cells. VEGFR is a transmembrane receptor tyro-
sine kinase, which is primarily expressed in vascular endothelial cells and plays an important
role in mechanosensory functions such as focal adhesion turnover, actin cytoskeletal remod-
elling, and angiogenesis. Intermittent blocking of VEGFR2 in vascular endothelial cells pro-
motes rapid blood vessel regression in animal models, but new strategies to inhibit/promote
this signalling require enhanced understanding of VEGFR2 distribution and binding kinet-
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Figure 18.12. A. Scheme of dynamic recognition imaging for visualizing VE-cadherin–binding sites (here single
cis-dimers and/or clusters) on a gently fixed MyEnd cell surface. B. Simultaneously recorded topography and recog-
nition (TREC) images of a MyEnd cell surface obtained with VE-cadherin-Fc–functionalized tip. The addition of
5 mM ethylenediaminetetraacetic acid led to the disappearance of recognition clusters as the active VE-cadherin-
Fc cis-dimers on the atomic force microscope (AFM) tip dissociated into inactive monomers, thereby abolishing
specific VE-cadherin trans-interaction. After blocking experiments, topography remains unchanged, indicating that
blocking does not affect membrane topography. Red stars in the topographic images show the AFM scanner lateral
drift of ∼5 nm/min. +, ++, Examples of recognition spots magnified from recognition image. Recognition areas are
depicted by threshold analysis (threshold = – 1.7 nm) and bordered by white lines. Single VE-cadherin cis-dimers
can be clearly detected (arrows). PEG, poly(ethylene glycol).



548 Andreas Ebner et al.

ics with biological or synthetic molecules. To identify VEGFR2 receptors, TREC imag-
ing was performed on chemically fixed human umbilical vein endothelial cells (HUVEC)
that endogenously express VEGFR2. By scanning the cell surface with a MAC tip tethered
with monoclonal anti-VEGFR2 antibodies, dark regions with a diameter of 45.9 ± 8.9 nm
were observed. These domains were assumed to be putative receptor locations that were
consequently confirmed through the demonstration of binding specificity. The introduction
of soluble anti-VEGFR2 to the imaging solution lead to a significant decrease in the number
of recognitions sites over 60 min postblocking.

In addition, this nanoscale imaging showed that available VEGRFR2 receptors are
nonuniformly distributed over 2-μm2 regions, with a close spatial association to the underly-
ing cortical cytoskeleton. This finding supports the current hypothesis that VEGRFR2 func-
tion is closely related to that of transmembrane integrin complexes transmitting force from the
extracellular matrix to the actin cytoskeleton. Analysis of recognition images (1.5 × 1.5 μm2)
indicated about 9.8 sites per μm2 and hence about 1.5 × 105 VEGRFR2 receptors per cell.
This determination of receptors among individual cells is in reasonable agreement with cell
population–averaged measurements through radiolabelled ligands.

TREC images were also acquired with MAC tips coated with antibody anti-Kv11.1
(against epitope tags present on the human ether-á-go-go-related gene [hERG] subunits) via
PEG linker (Figure 18.13A). The recognition map represents an amplitude reduction due to
specific binding between anti-Kv11.1 on the tip and epitope tags on the cell surface (dark
spots) (Figure 18.13B). These dark spots (amplitude reduction up to 2 nm) were distributed
nonuniformly and reflect microdomains with dimensions from ∼30 up to ∼350 nm, with a
mean ± SD of 99 ± 81 nm (n= 25) for the long domain axis. During several subsequent res-
cans recognition maps of hERG channels remained unchanged. Hereafter, ErgTx1 was very
slowly (50 μL/min) injected in the fluid cell while scanning the same sample. After the first
and second injection of ErgTx1 (concentration of∼400 nM), no visual change in the recogni-
tion maps was observed. However, the recognition clusters partly disappeared after the third
injection of ErgTx1 (∼1 μM), whereas no change in the topography image was observed. The
specific binding between anti-Kv11.1 and cellular surface was abolished when free ErgTx1
molecules bound to the hERG channels and thus blocked the antibody access to interact with
epitope tags on hERG subunits. The topography of a scanned cell surface areas shows a
complex picture of linear and branched filamentous structures with some globular features.
Most domains are found to be located near and between filaments. TREC results suggest that
ErgTx1 not only interacts with the extracellular surface of the pore domain (S5–S6), but also
might interact with the voltage-sensing domains (S1–S4) of the hERG K+ channel. These
findings indicate a possibly new binding site of ErgTx1 in the voltage-sensing domain of the
hERG K+ channel. TREC is a suitable method for obtaining information about the structure
and function of hERG K+ channels on the cellar surface. The outcome of this study reveals
that voltage-sensing domains (S1–S4) of hERG K+ channel might be one of the binding sites
of ErgTx1.

18.5. Immunogold Imaging

Immunogold labels, well known in electron and optical microscopy, may also be useful
for discriminating specific molecules on a biological sample. The idea is to first incubate the
sample with monoclonal antibodies directed against specific constituents, then further incu-
bate it with the corresponding gold-conjugated secondary antibodies, and finally image the
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Figure 18.13. A. Schematic representation of recognition imaging to visualize human ether-á-go-go-related gene
(hERG) K+ channels (here binding sites at extracellular epitope between the S1 and S2 domains of hERG subunit
[light grey]) on a gently fixed hERG HEK-293 cell surface. B. Topography and recognition imaging maps obtained
on a hERG HEK-293 cell surface with anti-Kv11.1–functionalized tip. The most-pronounced recognition clusters
are indicated by white lines. The presence of 400 nM ErgTx1 had practically no effect on the recognition map
(data not shown), whereas the recognition clusters partly disappeared after the third injection of ErgTx1 (∼1 μM).
Blocking experiments do not affect membrane topography. Scale bars on all images are 170 nm. AFM, atomic force
microscope; PEG, poly(ethylene glycol).
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gold particles using AFM topographic imaging. The feasibility of using immunogold labels
as cell-surface markers in AFM studies was first demonstrated on human lymphocytes [79].
Individual immunogold particles were clearly made visible on the cell surface, thus deter-
mining the location of antigens. More recently, a similar AFM-based immunogold technique
revealed types I and II collagen fibers on rat fibroblasts and human chondrosarcoma cells
[80]. Although well designed, these studies were performed in the dried state, which shows
no clear benefit in using AFM over conventional immunogold electron microscopy.

Recently, this method was applied to hydrated bacteria, with the aim of localizing spe-
cific cell wall constituents (Figure 18.14) [15]. M. bovis BCG cells were treated with drugs to
expose lipoarabinomannan (LAM) on the cell surface, then incubated with monoclonal anti-
LAM antibodies, and further incubated with the corresponding gold-conjugated secondary
antibodies. Images were obtained for native and treated cells, comparing contact and tapping
(phase) modes. Gold particles were never seen in contact mode, emphasizing the need to use
tapping (phase) mode for such in situ immunogold studies. With tapping mode, the surface

Figure 18.14. Localizing specific cell surface constituents by using immunogold atomic force microscopy. Contact
mode (deflection) images (A, C) and tapping mode (phase) images (B, D) of immunogold-labelled Mycobacterium
bovis bacillus Calmette-Guérin (BCG) cells. A, B. Native cells. C, D. Cells treated for 24 hr with isoniazid. All cells
were incubated with monoclonal anti-lipoarabinomannan (LAM) antibodies, followed by another incubation with
the corresponding gold-conjugated secondary antibodies. (Reprinted with permission from Alsteens et al. [15].)
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of native cells showed essentially no labelling, indicating that LAM was not exposed at the
surface. This finding was consistent with the uniform distribution of hydrophobic mycolic
acids measured on native cells. By contrast, drug-treated cells revealed a substantial coverage
of gold particles, indicating that LAM was exposed. Particles were poorly resolved and rather
fuzzy in tapping mode, presumably reflecting energy dissipation of the oscillating tip. These
observations, which correlate with topographic and CFM data, demonstrate that antimycobac-
terial drugs lead to the massive exposure of LAM at the cell surface, thereby contributing to
our understanding of their action modes. Hence, tapping mode imaging of immunogold labels
is a valuable approach for localizing specific antigens on biosurfaces.
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