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Abstract

One of the fascinating areas of hydrocarbon microbiology biology is the quest for an ultratstructural
understanding of (macro)-molecular mechanisms underlying the degradation, synthesis, and intracellular
storage of hydrocarbons, which due to their hydrophobic characteristics continuously threaten the integrity
of biological membranes. Here we review classical and novel advanced electron microscopy approaches,
including correlative light and electron microscopy that in combination with genetics and biochemical
experimentation can be utilized to study such hydrocarbon–cell interactions.
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1 Introduction

1.1 Significance All life on Earth relies on the unique properties of water, and thus to
carry out biochemical reactions efficiently, evolution has created
lipid-enclosed membranes compartments, which allow (bio)chemi-
cal reactions to take place in a defined chemical environment. For this
reason any lipophilic solvents, such as hydrocarbons, are of great
danger to the integrity of these membranous compartments and
thus to the integrity of its metabolism. It is therefore surprising
that certain microorganism not only can exist in the presence of
hydrocarbon but also can grow and strive under such conditions,
using the high energy density stored in hydrocarbon to fuel their
metabolism. Hydrocarbons are the Earth’s most important natural
energy resources, being the main constituents of petroleum and
natural gas reserves. They are formed abiotically through pressure
and appropriate temperature condition-mediated reduction of fossi-
lized organic material such as zooplankton and algae in sediments.
Petroleum and natural gas are critical to all human economic activ-
ities, including transportation, and energy and are therefore of high
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geostrategic significance, and thus, any biotic mechanisms (e.g.,
caused by microorganisms residing in oil wells), by which such
petroleum reservoirs may be affected, are of great importance to
the petroleum industry. The very question by which mechanisms
microorganisms can exist and even strive in hydrocarbon-rich envi-
ronment is fascinating, as it touches on tolerance toward presumably
toxic chemical conditions and the microbial strategies employed to
deal with the destabilizing effect of a lipophilic solvent. This question
not only concerns the biodegradation of hydrocarbons but also the
effective synthesis and storage of lipid moieties such as triacylglycer-
ols (TAGs) and wax esters, which are used as storage reservoirs for
energy, leading to the recognition of an entirely new branch of
science called as “hydrocarbon microbiology.”

1.2 Hydrocarbon

Microbiology

Certain systematic groups of microorganisms are characterized by
specific composition of the hydrocarbon fractions; for instance,
cyanobacteria are unique in their ability to produce 7- and
8-methylheptadecanes; photosynthetic bacteria are distinguished
by the synthesis of cyclic hydrocarbons (pristane and phytane),
whereas in fungi, long-chain hydrocarbons are predominant. It
was assumed that the hydrocarbon composition of microorganisms
could be used as a chemotaxonomic criterion. Microbial hydrocar-
bons appear to regulate the cell development; act as causative agents
in the plant–microorganism, predator–prey, and interspecies inter-
actions; and play an important ecological and physiological role [1].

There are at least four different aspects of hydrocarbon micro-
biology that go beyond an academic curiosity in hydrocarbon
microbiology and thus are of industrial interest:

1. Biodegradation of petroleum reserves: Degradation of oil
results in a decrease in its hydrocarbon content and an increase
in oil density, sulfur content, acidity, and viscosity. These
changes have negative economic consequences for oil produc-
tion and refinery operations. Recent studies [2, 3] have
concluded that in addition to aerobic bacteria in the shallow
on-shore oil fields, a variety of anaerobic bacteria, including
sulfate-reducing bacteria, iron oxide-reducing bacteria, and
bicarbonate-reducing bacteria are capable of biodegrading
oils. Most biodegrading organisms negatively impact the eco-
nomics of the oil drilling process by generating carbon dioxide
as a by-product when they degrade the hydrocarbons [4]. The
knowledge of the microbiology of hydrocarbon degradation in
petroleum reservoirs and of the microorganisms involved and
the pathways by which these microbes utilize oil components as
well as the conditions under which they thrive is critical and can
save time for the exploration of new oil reserves [5].

2. Bioremediation: Oil spills that occur during drilling opera-
tions or other accidental oil spills are catastrophic for the fragile
marine life in the affected areas. Microbes have long been
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known to naturally degrade oil and its constituents [6]. The
literature is filled with numerous reports and reviews, high-
lighting the exploitation of microorganisms for bioremediation
[7–12]. Emergency response guidelines from the Environmen-
tal Protection Agency (EPA) for cleanup of oil spills consider
biological agents (microorganisms) crucial for successful biore-
mediation approaches [13]. However, recently, Kostka and
colleagues have highlighted the fact that despite the available
advances in technologies for oil drilling, strategies to respond
to oil spills and to assess environmental impacts of oil contami-
nation have lagged behind. It is imperative that we develop a
detailed understanding of the impacts of oil on indigenous
microbial communities and pave the way for identification of
oil-degrading microbial groups that are prerequisite for direct-
ing the management and cleanup of oil contaminated beach
ecosystems [14].

3. Biosynthesis of hydrocarbons: Traditionally, hydrocarbon
biomarkers have been used to constrain the age of the ancient
bacteria, archaea, and eukaryotes owing to their long-term
stability [1]. Gas and liquid chromatography as well as ultra-
structural visualization by electron microscopy [15] has led to
the discovery of intracellular hydrocarbons in microbes, which
given the fact that microorganisms can be efficiently cultivated
in bioreactors has led to a growing interest in using biotechnol-
ogy for the production of fuels and chemicals, which to this date
are largely derived from petroleum hydrocarbon reservoirs that
are becoming scarcer and more expensive to exploit. Thus, it
comes as no surprise that one goal of commodity biotechnology
is to produce hydrocarbons via bacterial metabolism [16].
The major polymeric lipids produced by prokaryotes are poly
(3-hydroxybutyrate) (PHB) or other polyhydroxyalkanoates
(PHAs), whereas accumulation of triacylglycerols (TAGs) and
wax esters (WEs) in intracellular lipid bodies is a property of
only a few prokaryotes. The formation of PHAs, TAGs, and
WEs is also promoted in response to stress imposed on the cells
and during imbalanced growth, for example, by nitrogen limi-
tation, if an abundant carbon source is present at the same time.
All these lipids act as storage compounds for energy and carbon
needed for maintenance of metabolism and synthesis of cellular
metabolites during starvation [17–19]. The literature has since
been growing on the studies conducted on the formation and
mechanisms of hydrocarbon biosynthesis, accumulation, and
transport in microbial cells [15, 16, 20, 21].

4. Biofuels: Ever-growing demands for crude oil and concerns
about carbon emissions from fossil fuels contributing to the
climate change and alternative renewable resources for trans-
port fuel are urgently needed. Biofuels, in particular biodiesel,
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which is produced from renewable biomass by transesterifica-
tion of triacylglycerols, yielding monoalkyl esters of long-chain
fatty acids with short-chain alcohols, for example, fatty acid
methyl esters (FAMEs) and fatty acid ethyl esters (FAEEs),
has gained considerable attention in this regard, even more
so as it contributes no net carbon dioxide or sulfur to the
atmosphere and emits less gaseous pollutants than normal
diesel [22]. Plant oils and animal fats have been used to
generate biodiesel worldwide. Ethanol, made mostly from
corn starch from kernels, today is by far the most significant
biofuel in the United States, accounting for 94% of all biofuel
production in 2012. Most of the remainder is biodiesel, which
is made from vegetable oils (chiefly soy oil) as well as animal
fats, waste oils, and greases [23]. However, considering the
economics of the production of biofuels and the amount of
area required for cultivation of plants, researchers are now
looking for other viable options. Oleaginous microorganisms
such as yeasts, fungi, microalgae, and some bacteria are known
to accumulate intracellular lipids, mainly triacylglycerols and
some wax esters, which may prove to be become promising
alternatives [24]. Developing “high lipid content” microor-
ganisms or engineered strains for biodiesel production would
be becoming a potential and promising way in the future [22].

All the aspects of hydrocarbon microbiology discussed above
highlight the need to understand microbial oil/lipid catabolism
and anabolism and strategies for withstanding the solvent proper-
ties of these substances, threatening the integrity of cell mem-
branes. Specifically, we would like to understand the exact
mechanisms of biodegradation of oil and the microbial commu-
nities that are involved in this process and the synergistic behavior
of community members. Also, we know very little about how the
lipid inclusions/bodies accumulate inside the cell, their ultrastruc-
ture (shape and size), and how this process is controlled, as well as
the transport mechanisms to and from the cell to extracellular
medium. A combination of genetic, cell biological, biochemical,
and biophysical (including ultrastructural) studies will yield insight
on the cellular and molecular base of lipid bodies and the regulation
of their accumulation and mobilization and thus could lead to the
use of these organisms as a renewable energy resource [19, 25].

Direct imaging of hydrocarbons and lipids inside (or in the
presence of) microorganism by light and electronmicroscopy allows
the study of heterogeneous processes, where not all microorganism
will contain the same amount of hydrocarbon and lipids, or where
the hydrocarbons and lipids are found in (or are associated with)
particular intracellular compartments. A few examples from our
own research will illustrate the various approaches that are further
detailed below. For example a variety of commercially available
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lipophilic dyes can be used to visualize such hydrocarbon and lipid
distributions, e.g., when screening biodiesel-producing bacteria
(Fig. 1a). Such biodiesel-producing bacteria can also be visualized
for unusualmorphology using scanning electronmicroscopy (SEM)
revealing ball-like objects emerging typically at the poles of the
bacterial cells (Fig. 1b) or transmission electron microscopy
(TEM), where the pole regions are often found depleted of material
due to hydrocarbon extraction during lengthy sample preparation
(Fig. 1c). Hydrocarbon deposits can be visualized also in biofilms
using 2D (Fig. 1d) and 3D TEM (Fig. 1e,f) as the absence of
material in resin-embedded samples that have been faithfully pre-
served by ultrarapid freezing and freeze substitution (see below).
A close-up look reveals that such “empty” compartments that
contained hydrocarbons prior to freezing are not bound by a mem-
brane but appear like an oil-drop in a watery emulsion, sometimes

Fig. 1 Hydrocarbon/lipid storage in bacteria. Biodiesel producing Escherichia coli imaged by (a) fluorescence
microscopy, revealing polar distribution of biodiesel, (b) scanning electron microscopy, showing ball-like
structure most likely enclosing biodiesel, and (c) ultrathin-section transmission electron microscopy, revealing
extracted polar regions. (d)–(f) High-pressure frozen, freeze-substituted Myxococcus xanthus biofilms as
imaged by transmission electron microscopy of 100 nm ultrathin sections (d). Upon 3D imaging by electron
tomography, single or merged drop-like empty compartments and their ultrastructural relationship to the
bacterial cytoplasm can be studied in 1 nm slices of the 3D tomograms in exquisite detail. Scale bars:
a ¼ 5 μm; b ¼ 1 μm; c ¼ 1 μm; d ¼ 500 nm; e ¼ 500 nm; f ¼ 250 nm
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with several of such droplets partially merging, resulting in devia-
tions from a simple ball-like geometry (Fig. 1f). Ultrastructural
characterization of yeast cells producing different amounts of
hydrocarbon (Fig. 2) not only reveals an increased amount of
hydrocarbon production but also reveals the effect such increased
hydrocarbon production has on cellular morphology and architec-
tural organization. Cells that produce a high titer are often found
to be abnormally shaped and appear highly stressed (Fig. 2d),
compared to cells with moderate (Fig. 2c), low (Fig. 2b), and no
(Fig. 2a) hydrocarbon production.

Resin section electron microscopy yields high-resolution ultra-
structural information not visible by other means, leading to the
discovery of intracellular lipid bodies [15, 26], which are formed in
methane-utilizing bacteria and other hydrocarbon-utilizing bacte-
ria and have been found in a variety of microbial species: Only
hydrocarbon-grown Acinetobacter sp. cultures possessed intracel-
lular lipid inclusion bodies [27]. Hydrocarbon-degrading Rhodo-
coccus opacus strain PD630 possesses electron-transparent inclusions,
the fatty acid composition of which depended on the substrate
used [28]. Ultrathin sections of the strain DE2007 grown in the

Fig. 2 Hydrocarbon-producing yeast (Saccaromyces cerevisiae). (a) Wild-type yeast strain prepared by
high-pressure freezing and freeze substitution. (b)–(d) Yeast strain producing increasing amounts of hydro-
carbons. Note the increasing number and size of droplet-like compartments, indicating the location of
hydrocarbon prior to extraction. Scale bars: 5 μm
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presence of crude oil showed highly electro-dense (HE) inclusions of
different sizes distributed throughout the cytoplasm of the bacte-
rium [29]. Similarly, microbodies that have a homogeneous matrix
and are surrounded by single unit membranes appeared profusely in
various strains of Candida yeasts grown in n-alkanes. For a detailed
review of the electron microscopic methods used for visualization of
hydrocarbon-utilizing yeasts, see [30].

Traditionally, osmium tetroxide (OsO4) is used as the major
contrasting agent as it reacts with the carbon–carbon double
bonds of unsaturated polymers, therefore staining the polymer
and also fixing it in place, chemically cross-linking the sample, and
causing hardening and increased density [31]. Wigglesworth as
early as 1957 showed that tissues fixed with osmium tetroxide and
then treated with ethyl gallate aided essentially in visualization of
lipids since un-denatured proteins take up relatively little osmium,
and nucleic acids and carbohydrates are completely unreactive [32].
Contrast of lipid-rich structures can be further enhanced by a
saturated solution of monoterpene hydrocarbon myrcene, with or
without the addition of 0.1% ethyl gallate in 70% ethanol, followed
by osmium tetroxide, which allowed the visualization of both
saturated and unsaturated lipids, including waxes [32]. Since
osmium tetroxide will react predominantly with unsaturated lipids,
Trent introduced ruthenium tetroxide (RuO4) as a far more vigor-
ous oxidant than OsO4 to stain both aromatic and unconjugated
unsaturated organic compounds, as well as some unsaturated poly-
mers [33], which allowed visualization of microphase-separated
saturated hydrocarbon diblock copolymers [34]. After this
contrast-generating step, samples are typically dehydrated in either
a graded ethanol or acetone series, with less lipid loss typically being
observed when acetone was used instead of ethanol.

Freeze-fracture electron microscopy is powerful technique that
has revolutionized our understanding of lipid structures, although
it is rarely used these days. The hydrophobic fats and oils are non-
etchable unlike water-containing materials, and therefore in freeze-
fractured specimens, they can be readily recognized after etching.
Frequently one encounters non-crystallized, lipid droplet-like fats
in biological samples, which appear amorphous, e.g., droplets of
olive oil [35] or lipid droplets (chylomicrons) in the human blood
[36] in contrast to lipid granules (fat droplets) in yeast cells, which
appear as laminated structures [37, 38].

Freeze etching, a variant of the freeze-fracture approach, has
enabled the viewing of cells without prior chemical treatment,
thereby avoiding the potential artifacts encountered in processing
specimens for resin embedding and ultrathin sectioning, and has
provided evidence for the presence of a smooth-surfaced limiting
membrane for the hydrocarbon inclusions [39]. In another study,
freeze-fracture studies demonstrated the presence of the rectangu-
lar intracellular inclusions and intracytoplasmic membranes in
hexadecanol-grown cells of Acinetobacter sp. [17].
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Quick-freezing replica microscopy was employed as a tool to
study the structure of the disk-shaped inclusion bodies in Acineto-
bacter sp. strain M-1 cells, which had a smooth surface, and grew to
almost the same diameter as the cells. However, in this case no
intracytoplasmic membrane structures or limiting membranes
surrounding these inclusions were observed [40]. It is worth not-
ing that although this approach offers a complementary perspective
to thin-section analysis, one does not image the native structure but
a metal replica of the fractured surface, with metal decoration
artifacts having been described, making freeze-fracture images not
always easy to interpret [41]. Another limitation of the freeze-
fracture technique is the need to identify the chemical nature of
the structural components visualized. Thus the combination of
cytochemistry with freeze fracture led to the introduction of a
new method called as freeze-fracture replica immunolabeling tech-
nique (FRIL) [42]. In this technique, samples are frozen, fractured,
and replicated with platinum carbon as in standard freeze fracture
and then carefully treated with sodium dodecylsulfate to remove all
the biological materials except a fine layer of molecules attached to
the replica itself. Immunogold labeling of these molecules permits
their distribution to be seen superimposed on high-resolution pla-
nar views of membrane structure, leading an improved understand-
ing of lipid droplet biogenesis and function [43, 44].

Negative-stain electron microscopy employing phosphotungstic
acid as a rapid and simple technique allows the visualization
of hydrocarbon inclusions in bacterial cells and their membrane
fractions [27, 45], permitting the study of morphology of these
particles albeit the danger of artifacts such as a rouleau forms in
lipid-bound forms of apoE4 persists.

1.2.1 Water-Compatible

Durcupan Resin Infiltration

Conventional electron microscopy sample preparation methods can
lead to the loss of osmicated hydrocarbon bodies during organic
solvent-based dehydration and epoxy resin embedding, leaving
behind electron-lucent halo [27, 41, 46]. However, hydrocarbon
inclusions, e.g., in alk-1-ene grown bacteria, were retained by
employing water-compatible infiltration (water-Durcupan graded
series) procedures [27]. Durcupan infiltration of hexadecane-
grown cells has been shown to minimize extraction of the hydro-
carbon, whereas the remainder of the cellular ultrastructure
appeared similar to ethanol-dehydrated cells, with the interesting
finding that hexadecane inclusions often appeared membrane
bound in the Durcupan-infiltrated cells [39].

1.2.2 Advanced EM

Imaging Approaches

Apart from the more traditional imaging approaches, some less
commonly used and/or newer and thus more advanced imaging
approaches have been applied to hydrocarbon microbiology,
including cryogenic sample preparation and correlative light and
electron microscopy approaches:
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1.2.3 High-Pressure

Freezing–Freeze

Substitution (HPF–FS)

Ultra-rapid freezing followed by low-temperature dehydration has
long been recognized as resulting in significantly improved cellular
ultrastructure [47–49] by immobilizing within milliseconds the
cellular scenery and subsequently gently replacing the cellular
water ice by an organic solvent, thus circumventing a variety of
macromolecular aggregation and extraction artifacts typically
encountered during conventional sample processing. After vitrifica-
tion, the sample can either be freeze-substituted, resin embedded
prior to room-temperature ultrathin sectioning, or sectioned (cryo-
ultramicrotomed) directly in its frozen-hydrated state [50], an
approach (CEMOVIS) that is technically extremely challenging and
thus not well suited for most investigators not specialized in this
technique. Using freeze substitution, Paul and Beveridge [51]
demonstrated that OsO4 provides strong covalent interaction with
the lipids preventing their leaching during the solvent washes.

1.2.4 Cryo-Electron

Microscopy of Vitreous

Sections (CEMOVIS)

In this approach that is only mastered in a handful or two of labs in
the world and is technically quite challenging, sample are often
vitrified by high-pressure freezing and cryo-sectioned in their
frozen-hydrated state instead of freeze substitution and resin
embedding [52]. Apart from the technical challenge to cut ultra-
thin sections from a frozen block surface at liquid-nitrogen tem-
perature and to effectively transfer the frozen section to an electron
microscope grid with an eyelash in the absence of a solvent onto
which the section could be floated and to make the sections stick to
the grid without melting and/or drying out of the section, there
are a variety of issues such as compression artifacts that render this
approach somewhat limited to a more general set of scientists.

1.2.5 Tokuyasu

Sectioning

In this approach the sample is typically infiltrated by comparatively
high concentrations of sugar, which acts like a cryoprotectant and
also as an agent to mitigate any effects from drying by providing a
hydration shell and possibly the retention of small amounts of water
during the drying out of the sections. The advantage over CEMO-
VIS is that this approach is relatively easy and robust and allows
(together with the HPF–FS approaches) immuno-affinity labeling.

A systematic study was carried out where different protocols,
including (1) conventional, (2) Tokuyasu cryo-sectioning, (3)
HPF–FS with room-temperature epoxy resin embedding, (4)
HPF–FS with low-temperature Lowicryl HM20 embedding and
ultraviolet (UV) polymerization, as well as (5) cryo-electron
microscopy of vitreous sections (CEMOVIS), were tested for the
visualization ofMycobacterium smegmatis cell structures along with
lipid bodies [41]. HPF–FS avoided the artifacts encountered by
conventional protocols, but displayed difficulties to visualize the
monolayer boundary of the lipid bodies, which could be detected
by CEMOVIS and which are thought to exist (see [19]).
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1.2.6 Whole-Mount

Cryo-Electron Microscopy

(Cryo-EM)

Cells smaller than about 0.5–1 μm in diameter can be vitrified by
plunge freezing into liquid ethane and studied as whole-mount
samples, circumventing the need for organic solvents, resin, and
ultrathin sectioning, thus allowing the entire cells to be imaged in
their native frozen-hydrated state. This approach is widely consid-
ered as the gold standard for transmission electron microscopy
imaging and upon 3D tomographic imaging can yield unprece-
dented insight into the bacterial large macromolecular complexes
and organelles, such as PHA and polyphosphate inclusions in Cau-
lobacter crescentus [53]. However, cryo-EM is technically demand-
ing, including rapid plunge-freezing sample vitrification to avoid
freeze-damage, liquid-nitrogen temperature grid handling to avoid
contamination, as well as low-dose cryo-EM imaging, rendering
this technique beyond the scope of this chapter.

1.2.7 Wet Scanning

Transmission Electron

Microscopy

A rather new and somewhat exotic approach is the use “wet
scanning transmission electron microscopy” (STEM) to study
polyhydroxyalkanoate and triacylglycerol carbon storage inclu-
sions in bacterial cells [54]. Sample preparation is relatively fast
and uncomplicated as only cooling to ~1�C during imaging is
required. Given their lower density compared to the cytoplasm,
hydrocarbon inclusions (PHA and TAG) are readily observed as
relatively electron-lucent inclusions within cells, demonstrating
the utility of wet STEM for imaging such structures without
staining albeit at somewhat poor resolution compared to tradi-
tional TEM methods.

1.2.8 Correlative Light

and Electron Microsocpy

(CLEM)

While the approaches above mostly rely on direct ultrastructural
detection of the inclusions, correlative light and electron micros-
copy approaches allow the visualization of the dynamics of cellular
hydrocarbon inclusions followed by ultrastructural analysis, either
through image registration or via photoconversion, where the
fluorescence signal is turned into a osmiophilic precipitate. Both
Nile Red and BODIPY FL have been employed as lipophilic fluor-
ophores. Nile Red, a phenoxazine dye, is almost nonfluorescent in
water and other polar solvents but undergoes fluorescence
enhancement and large absorption and emission blue shifts in
nonpolar environments [55]. Nile Red has previously been used
to screen bacteria, cyanobacteria, and microalgae for those produc-
ing fatty acids and esters [56]. A high-throughput method for
detection of bacterial hydrocarbons in the form of PHA inclusions
using Nile Red fluorescence was described recently [16]. BODIPY
505/515 (4,4-difluro-1,3,5,7-tetramethyl-4-bora-3a,4adiaza-s-
indacene) is a highly lipophilic neutral fluorophore used to label a
wide range of hydrophobic compounds such as fatty acids, phos-
pholipids, cholesterol, cholesteryl esters, and ceramides [57] and
has been used to evaluate lipid droplets in microalgae [58]
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determine cellular localization of bacterial lipids [21]. Fluoro-
phores that can be bleached are well suited for correlative light
and electron microscopy through photooxidation of diaminobenzi-
dine (DAB) that results in the formation of brown DAB precipitate
that is osmiophilic and thus readily visible at the electron micro-
scopic level [59, 60]. Lipid prebodies of R. opacus PD630 were
found after DAB photoconversion of BODIPY FL C12-stained cells
to correspond to the observed peripheral lipid domains observed in
fluorescence microscopy [21].

1.2.9 Possible Future

Directions

Not currently exploited very much, but potentially very interesting,
is the correlative optical spectral data imaging (Fourier transform
infrared spectroscopy or Raman microspectroscopy) with ultra-
structural imaging, as the former is nondestructive and sensitive
to chemical nature of the hydrophobic compounds and thus can be
applied prior to the somewhat destructive electron microscopy
imaging. This combination of chemical specificity with ultrastruc-
tural architectural sensitivity could prove to be of high value to the
increasingly interesting and important field of hydrocarbon micro-
bial research, but their synergy has yet to be demonstrated.

2 Materials

2.1 Preparation of

Hydrocarbon-Grown

Microbial Cells for

Standard Trans-

mission Electron

Microscopy (TEM)

2.1.1 Primary Fixation

(Use Electron Microscopy

or Analytical-Grade

Reagents)

1. Electron microscopy grade glutaraldehyde, 2.5%:

CAUTION: Fixatives are poisonous irritants; work in a fume
hood and wear gloves.

Glutaraldehyde fixatives are easily prepared from 25% solu-
tions of electron microscopy grade glutaraldehyde in sealed glass
ampoules by making a 1:10 dilution in the buffer of choice.

To make 100 mL of 2.5% glutaraldehyde with 0.1 M CaCl2:

50 mL 0.2 M buffer stock solution at proper pH

10 mL 25% glutaraldehyde (electron microscopy grade)

2 mL 0.1 M CaCl2 (IMPORTANT: do not use CaCl2 with
phosphate buffer as a precipitate will form)

40 mL distilled water

2. Sodium cacodylate ((NaCH3)2AsO2.3H2O) buffer (0.2 M):

CAUTION: Cacodylate buffer contains arsenic and poison-
ous, carcinogenic substances that can be absorbed through the
skin; wear gloves.

Cacodylate buffer consists of a 0.2 M stock solution of
sodium cacodylate in distilled water (4.28 g/100 mL) and
the pH is adjusted by adding the appropriate volume of
0.2 M HCl (1.7 mL concentrated HCl/100 mL distilled
water) to the 100 mL stock as shown in Table 1.
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To 100 mL of 0.2 M cacodylate solution (4.28 g/100 mL
distilled water), add the appropriate amount of 0.2 N HCl
(1.7 mL concentrated HCl/100 mL distilled water) to obtain
the desired pH.

3. Phosphate-buffered saline (PBS):

Dissolve the chemicals listed in Table 2 in 800 mL of distilled
water by stirring in a beaker.

Adjust pH to 7.3 with 1 N HCl.
Transfer to a graduated cylinder and adjust volume to 1 L with

distilled water.
Sterilize by filtering through a 0.2-μmfilter flask or autoclaving.

2.1.2 Washing 1. 5% w/v sucrose: Dissolve 5 g per 1 L of the buffer used. Adjust
the weight of sucrose required accordingly, such as, for 100 mL
of buffer used, dissolve 0.5 g of sucrose.

2.1.3 Postfixation 1. Osmium tetroxide (OsO4), 1%:

CAUTION: Osmium tetroxide is toxic, and the volatile fumes
are very corrosive, especially to mucous membranes. It is essen-
tial that osmium solutions are handled in a fume hood and used
osmium solutions be disposed of properly.

Prepare a 2% aqueous solution (1 g of osmium tetroxide in
50 mL of distilled water). A working fixative of 1% is prepared

Table 2
Preparation of PBS (0.1 M, pH 7.3)

Reagent
Formula
weight Quantity

Final
concentration

Sodium chloride (NaCl) 58.44 80 g 1.37 M

Potassium chloride (KCl) 74.56 2 g 26.8 mM

Sodium phosphate
(Na2HPO4)

142 14.2 g 0.1 M

Potassium phosphate
(KHPO4)

136.1 2.4 g 17.6 mM

Hydrochloric acid (HCl), 1 N NA NA 1 N

Table 1
Preparation of cacodylate buffer (0.2 M)

pH 6.2 6.4 6.6 6.8 7.0 7.2 7.4

0.2 M HCl, mL 47.6 36.6 26.6 18.6 12.6 8.4 5.5

16 Kamna Jhamb and Manfred Auer



just before use by mixing equal parts of 2% aqueous stock
osmium tetroxide solution with an equal part of 0.2 M buffer.

2.1.4 Embedding of Cells

in Agar Blocks (Optional)

1. Noble agar, 2%: Noble agar is the highest purity agar available.
It is obtained after being washed in accordance with the Noble
and Tonney method which removes trace impurities, ash,
and minerals that interfere with many sensitive applications.
To prepare, weigh 2 g of agar in 100 mL of distilled water
or buffer. Bring to a boil and heat until it completely dissolves.
Bring down the temperature to about 45�C and then pour
desired amount over the bacterial cells. Allow to solidify with-
out disturbing the tube.

2.1.5 Dehydration Series 1. Ethanol–water series:

CAUTION: flammable

Prepare 30, 50, 70, 90, 96% v/v ethanol in distilled water
according to Table 3.
Keep 100% (absolute) ethanol in sealed pint containers.

2. Durcupan–water series:

CAUTION: Take great care when working with Durcupan, as
this substance may cause skin irritation and allergic reactions.
Work always with rubber gloves.

Durcupan, a water-soluble epoxy resin produced by the Fluka
subsidiary of Sigma-Aldrich, is commonly used for embedding
electron microscope samples. However, from the perspective of
this paper, the employment of Durcupan dehydration has been
shown to minimize extraction of the hydrocarbon in the prepa-
ration of specimens for thin sectioning [39]. The recipe for
dehydration series containing component A (a water-soluble
aliphatic polyepoxide) with water can be prepared as mentioned
in Table 4.

Table 3
Preparation of ethanol–water dehydration series for 100 mL final volume

Volume of ethanol (mL) Volume of water (mL) Final % of ethanol

30 70 30

50 50 50

70 30 70

90 10 90

96 4 96
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2.1.6 Embedding Resins CAUTION: Both are hyper-allergenic and VCHD is carcinogenic.

1. Epoxy resin 812: Epoxy resin 812 consists of epoxy resin (origi-
nally designated Epon 812), the hardeners dodecenylsuccinic
anhydride and methyl nadic anhydride, and an accelerant such
as benzyldimethylamine (BDMA) or 2,4,6-tris(dimethylamino-
methyl) phenol. Prepare epoxy resin 812 embeddingmedium by
pouring measured amounts (usually volumes) into a graduated,
disposable polypropylene tube such as a 50 mL centrifuge tube
with a tight-sealing cap. A mixture of medium hardness consists
of the following components:

Epoxy resin 812 20 mL (24.0 g)

Dodecenylsuccinic anhydride 16 mL (16.0 g)

NMA 8 mL (10.0 g)

BDMA 1.3 mL (1.5 g)

Mix the resins thoroughly to obtain satisfactory results by
inverting the tube end over end for 5–10 min.

2. Spurr’s resin: The classical formulation of Spurr’s resin consists
of vinylcyclohexene dioxide (VCHD) or another cycloaliphatic
epoxide ERL-4221, diglycidyl ether of polypropylene glycol
(DER 736, Dow Epoxy Resin 736), nonenylsuccinic anhy-
dride, and an accelerant such as BDMA or dimethylaminoetha-
nol. Spurr’s embedding medium is prepared by weighing
components in a 50 mL graduated centrifuge tube on a top-
loading balance. Prepare Spurr’s resin of firm hardness resin as
follows:

VCHD (or ERL-4221) resin 10.0 g

DER 736 6.0 g

Nonenylsuccinic anhydride 26.0 g

Dimethylaminoethanol 0.4 g

In order to prepare the mixtures of resin–water, mix thor-
oughly the appropriate volume of resin and water in 50 mL
polypropylene tubes, and keep them capped until needed.

Table 4
Preparation of Durcupan–water dehydration series for 100 mL final
volume

Volume of Durcupan
(component A) (mL)

Volume of
water (mL)

Final % of
Durcupan

50 50 50

70 30 70

90 10 90
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2.1.7 Staining CAUTION: Uranium compounds are toxic and radioactive. Con-
tact your safety officer or local authorities for appropriate handling
and disposal protocols.

1. Uranyl acetate, 1%: Weigh 0.1 g uranyl acetate and dissolve in
10 mL of pre-warmed distilled water in a polypropylene tube
and mix until all the crystals dissolve. Make aliquots by filtering
through a 0.22 μ syringe filter and store them in dark at 4�C.

2. Lead citrate:
Place 1.33 g lead nitrate and 1.76 g sodium citrate into a 50 mL
volumetric flask and add 30 mL water. Shake vigorously for
1 min. Allow to stand at room temperature for 30 min with
intermittent shaking. Solution will be a milky white color. Add
8.0 mL of 1 N sodium hydroxide and mix. Solution will turn
clear.Make up to50mLwith boiled, cooled, and filtered double-
deionized water. Store in a tightly sealed volumetric flask. Seal
stopper with Parafilm. Do not use until the following day.

2.2 Preparation of

Microbial Cells for

Visualization by

Negative Staining

1. Phosphotungstic acid, 1.5%:
Dissolve 1.5 g phosphotungstic acid in 100 mL distilled water.
Adjust the pH to 7.0 with KOH. Store at 2–8�C.

2.3 Preparation of

Microbial Cell Samples

for High-Pressure

Freezing–Freeze

Substitution (HPF–FS)

1. Microbial cells resuspended in hexadecane

2. Membrane carriers (100 μm deep, Leica) coated with
100 mg/mL lecithin (dissolved in chloroform), dried

3. High-pressure freezer (Leica EMPACT2-RTS, Leica Microsys-
tems, Vienna, Austria)

4. Freeze-substitution medium: 1–2% osmium tetroxide (OsO4)
plus 0.5% uranyl acetate (UA) in acetone

5. Cryovials with o-ring seal (Genesee Scientific)

2.3.1 Quick Freeze

Substitution Method:

Preparation of Microbial

Cell Samples for High-

Pressure Freezing–Quick

Freeze Substitution

(HPF–QFS)

1. A modular heating block with 13 mm holes (VWR Interna-
tional, PA).

2. A foam box of dimensions (15 cm W � 11 cm D � 8 cm H,
approx.) filled with liquid nitrogen. Walls of the box were
around 2.5 cm thick.

3. A type T thermocouple temperature probe wrapped around a
cryovial filled with 1.5 mL acetone and connected to a data-
logger. Place it in one of the holes of the heating block.

2.4

Diaminobenzidine

(DAB) Photoconversion

1. Fluorescent staining solution:

Prepare DMSO stock solution of 0.5 mg/mL Bodipy FL C12
(Molecular Probes, United States).

2. Primary fixative:
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2% (w/v) paraformaldehyde and 0.5% (w/v) glutaraldehyde in
PBS.

3. Chilled 0.5 mg/mL DAB solution in PBS

4. Conventional fluorescence microscope with a fluorescein filter
setting (BP530-560), a 50 W mercury lamp, and a 10X
objective.

5. Postfixative:
1% (w/v) OsO4 in PBS (use caution while using osmium
tetroxide)

3 Methods

3.1 Preparation of

Hydrocarbon-Grown

Microbial Cells for

Standard Trans-

mission Electron

Microscopy (TEM)

The protocol described below is a general method for visualization
of lipid bodies in microbial cells in particular, bacteria. Hydrocar-
bon microbiology has been gaining importance from the point of
view of biofuel production or exploitation of microorganisms for
bioremediation. In either scenario, visualization of accumulated
lipids can provide an insight into the mechanisms of hydrocarbon
metabolism, the pathways to its degradation, or the complex trans-
port mechanisms involved. This protocol is a compilation of several
protocols and should be optimized for best conditions.

3.1.1 Primary Fixation Exponential-phase hydrocarbon-grown microbial cells are fixed in
glutaraldehyde alone (2.5–6.25%) or containing calcium chloride
(see Note 1) in a suitable buffer for 45 min to 1 h at room
temperature. The buffer employed is generally sodium cacodylate
(0.01–0.2 M, pH 7.2) or PBS (0.1 M, pH 7.3).

1. Pellet the cells by centrifuging at 7,000–10,000 rcf (seeNote 2)
for 5–10 min and remove most of the culture medium using a
pipette.

2. Fix the cells by adding an excess volume (5–10 times the cell
volume) of fixative and resuspend the cells in the fixative. A
wide-bore pipette can be employed to gently resuspend the
cells.

3. Incubate at room temperature for 45 min to 1 h with gentle
shaking on a rotary shaker.

4. The cells are then pelleted in a microfuge tube (3–5 min at max
rpm). Fixative removed. Leave a few drops in the cells so that
they do not dry up.

3.1.2 Washing Fixed cells should be washed in distilled water or more preferably in
the same buffer that was used in the primary fixation step. Washing
should be as thorough as possible, at least three times, each step for
20 min. Five percent wt/vol sucrose can also be added to the buffer
in this step.

20 Kamna Jhamb and Manfred Auer



1. For the first washing step, resuspend the cells in ten times the
cell volume of washing buffer or distilled water and shake
gently on a rotary shaker for 20 min.

2. Pellet the cells by centrifugation at max speed for 5 min.

3. Resuspend the cells in the washing buffer and shake gently for
20 min.

4. Repeat the centrifugation and rinsing with the buffer at least
one more time.

5. Finally pellet the cells for addition of postfixative.

3.1.3 Postfixation The cells are then postfixed with 1.0% osmium tetroxide in the
same buffer that was used in first fixation step (i.e., either PBS or
cacodylate) for 90 min.

1. To the cell pellet, add 1% buffered osmium fixative and incu-
bate for 90 min at room temperature, in the dark.

2. Carefully collect the cells by centrifugation.

3.1.4 Washing The cells are again washed at least three times in the appropriate
buffer (0.1 M cacodylate or PBS) by following the steps listed in
Sect. 3.1.2.

3.1.5 Embedding of Cells

in Agar Blocks (Optional)

The fixed cells are suspended in 2.0% (wt/vol) noble agar. Agar
blocks (1 mm3) containing fixed cells are then further processed. It
is important that the cell pellet is loose for this step.

1. Using a warmed plastic pipette (see Note 3), quickly transfer a
few μL of warm agar onto the loose cells and gently stir the cells
with the tip of the plastic pipette to suspend the cells in the
warm agar. Do not dilute the cells in the agar.

2. Let the agar solidify. Do not touch or disturb the tube during
the solidification process, or it will not harden properly.

3. Very carefully cut open the tube using a sharp razor blade to
remove the agar plug containing cells.

4. Transfer them in a petri dish containing buffer and trim the
agar into 1 mm cubes using a sharp razor blade.

3.1.6 Staining (Optional) En bloc stain with 1% aqueous uranyl acetate (UA) for ~2 h at 4�C
IN DARK (must be carried out in the dark as UA is photoreductive
and will precipitate).

3.1.7 Dehydration From the perspective of hydrocarbon visualization, Durcupan
dehydration of hexadecane-grown cells has been shown to mini-
mize extraction of the hydrocarbon in the preparation of specimens
for thin sectioning [39]. The routine followed by Staubli (1963)
was Durcupan–water series (50, 70, and 90% Durcupan, each step
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for 15–30 min; two changes of 100% Durcupan, each step for
30–60 min) [61].

However, ethanol–water dehydration has also been routinely
employed.

1. Dehydrate the cell pellet/cubes in graded water – ethanol series
(30, 50, 70, 90, 96, and 100% ethanol) each step for 15 min.

2. Follow up with three changes of absolute ethanol, 10 min each.
In case embedding medium to be used is epoxy resin 812,
further perform three changes of propylene oxide (see Note 4),
each for 15 min.

3. Remove most of the propylene oxide from the specimen cubes
but leave a trace to prevent the cells from drying out.

3.1.8 Resin Embedding A number of resins have been employed in the literature such as
Spurr [21], Vestopal [26], Epon Araldite [17], epoxy resin 812,
and Maraglas [27]. However, the most commonly used resins have
been Spurr and epoxy resin 812, the methods for which have been
described below. Spurr’s embedding medium is recommended for
bacterial cells since it infiltrates the bacterial cells better than epoxy
resin 812. It has been suggested that to extend the times in the
propylene oxide: Spurr’s resin mixtures to 2 h each and the pure
Spurr’s resin mixture to overnight. Keep the capsules capped since
this resin will absorb moisture and give an improper
polymerization.

1. Prepare three mixtures of absolute ethanol: epoxy resin 812
embedding medium consisting of 3:1, 1:1, and 1:3 parts, each
in 10 mL of graduated, disposable polypropylene tubes with
tight fitting lids. Care should be taken to avoid air bubbles
while mixing (see Note 5).

2. After the final change of absolute ethanol, gently pour on the
3:1 mixture of absolute ethanol/epoxy resin 812 embedding
medium. Gently swirl the culture vessel five to six times over a
period of 60 min to assist infiltration of the mixture into the
cells. Similarly, repeat this procedure with the 1:1 and 1:3
mixtures.

3. Finally add pure epoxy resin 812 embedding medium and let it
infiltrate for 60 min. Repeat this step one more time.

4. Replace the second epoxy resin 812 embedding medium with
one final change and leave overnight, uncovered to facilitate
evaporation of any residual ethanol.

A suggested infiltration schedule for Spurr resin in case of
Durcupan–water dehydration method is Durcupan–Spurr (50:50,
v/v), 5 h; Durcupan–Spurr (25:75, v/v), 8 h; and 100% Spurr, 5 h
(twice) [39].
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3.1.9 Polymerization Polymerize epoxy resin 812 embedding medium for 48 h at 60�C.

Polymerization of Spurr can be performed at 70�C for 48 h.

3.1.10 Sectioning and

Post-staining

1. Cut thin sections (70–80 nm) with an ultramicrotome using a
diamond knife and place them on a 200 mesh copper grid.

2. Stain the sections with aqueous uranyl acetate (20 min) fol-
lowed by lead citrate (2 min) (see Note 6) [63].

3. The sections are now ready for imaging in an electron
microscope.

3.2 Preparation of

Microbial Cells for

Visualization by

Negative Staining

Negative staining has been employed to visualize electron-
transparent hydrocarbon inclusions in hydrocarbon-grown bacte-
ria. A general protocol using staining with phosphotungstic acid by
the drop-by-drop method has been described here:

1. Obtain formvar carbon film-coated copper EM grids with
medical tweezers with clamping ring, putting the carbon film
side up on a clean glass microscope slide, and place the slide on
a clean filter paper in a petri dish and cover it.

2. Place ~3 μL of the cell sample on the EM grid carbon film side
and incubate for 3–5 min.

3. Remove excess solution by gently touching the edge of the grid
with filter paper wicks.

4. Wash the grid by briefly placing the surface of the grid with a
drop (~35 μL) of deionized water on Parafilm and then blot
with filter paper to remove the excess solution. The touching
and blotting steps are to be performed quickly three times, each
with a clean drop of deionized water.

5. Stain the grid immediately with 1.5% (w/v) phosphotungstic
acid for 1 min and blot the extra solution from the edge of the
grid using filter paper.

6. Subsequently, a thin film of this mixture is allowed to air-dry.
Image the grid in EM or store it in a grid storage box for future
imaging.

3.3 Preparation of

Microbial Cell Samples

for High-Pressure

Freezing–Freeze

Substitution (HPF–FS)

1. For high-pressure freezing, resuspend the microbial cells in
hexadecane or 2% agarose as filler and introduce the mixture
in 100 μm deep membrane carriers. Freeze the cells in a Leica
EMPACT2-RTS high-pressure freezer.

2. Transfer the rapidly frozen samples, under liquid nitrogen, to
cryotubes containing the freeze substitution medium.

3. Place the cryotubes in the freeze substitution apparatus (auto-
matic FS system 1, AFS-1, Leica) with a temperature main-
tained at �90�C.
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4. Let the samples sit at this temperature for 48 h, and during this
time, the solvent mixture slowly replaces the cellular water.

5. Slowly warm up the temperature of the samples (5�C per hour)
until it reaches �30�C. Hold at this point for 3 h followed by
increase to 0�C (in increments of 5�C per hour.

6. Wash the samples three times with pure acetone on ice and
incubate with increasing epoxy/acetone mixture, each step for
2 h.

7. Infiltrate with pure epon overnight, followed by
polymerization.

3.3.1 Quick Freeze

Substitution Method:

Preparation of Microbial

Cell Samples for High-

Pressure Freezing–Quick

Freeze Substitution

(HPF–QFS) (see Notes

7–10)

This protocol is an improvement over the traditional time-
consuming protocol and requires only basic laboratory tools. The
results with this method have been found to be similar to those
with traditional method [62]:

1. Place a modular heating block (with holes) in a foam box filled
with liquid nitrogen.

2. Place a Type T thermocouple temperature probe connected to
a data logger in one of the holes.

3. Then add the frozen samples at the liquid-nitrogen tempera-
ture. Start the datalogger.

4. Next, pour out the liquid nitrogen from the foam box and
rotate the dry block heater with the samples at 100 rpm so
that the cryotubes are horizontal. In around 2 h, the samples
should have reached 0�C.

5. Remove the samples from the foam box and allow to warm to
room temperature on a rocker. Stop the datalogger at this point.

6. Rinse out the fixative with pure acetone and continue with resin
infiltration and embedding.

3.4

Diaminobenzidine

(DAB) Photoconversion

[21, 59]

1. Harvest the cell suspension by centrifugation at 13,000 rpm for
5 min and resuspend in the same volume of the fluorescent
staining buffer (Bodipy FL C12).

2. Incubate in the dark, on ice for 30 min.

3. After staining, wash the cells three times in PBS buffer.

4. Fix the washed cells in primary fixative at 4�C for 3 days. Rinse
again three times in PBS for 10 min.

5. At this stage, the cells can be embedded in 3.5% (w/v) agarose,
sections of about 200 nm cut with a razor blade, followed by
overnight fixation in 2% (w/v) paraformaldehyde in PBS or cell
suspension can be used as such.

6. Preincubate the washed sections or the cell suspensions in
prechilled 0.5 mg/mL DAB solution for 30 min (seeNote 11).

24 Kamna Jhamb and Manfred Auer



7. Photoconvert the microbial cells for 1.5 h using a conventional
fluorescence microscope with a fluorescein filter setting, a 50 W
mercury lamp, and a 10 X objective.

8. Add fresh DAB solution every 15 min.

9. Monitor the development of the brown DAB reaction product.
Excise those agarose sections and rinse three times in PBS for
10 min.

10. Postfix for 30 min in 1% (w/v) OsO4 in PBS. Wash the fixed
sections/cells in PBS again and use for TEM preparation
(dehydration, resin infiltration, embedding, and polymeriza-
tion) as described in Sects. 3.1.7, 3.1.8, 3.1.9, and 3.1.10.

4 Notes

1. Addition of calcium chloride (1–3 mM) to the glutaraldehyde
fixation can minimize lipid loss during dehydration steps.

2. The formula for relative centrifugal force is RCF ¼ 11.2r
(RPM/1,000)2, where r ¼ radius in centimeters and RPM ¼
revolutions per minute.

3. Glass pipettes can be used but they should be fire-polished to
prevent the release of small chips of glass in the specimen. Such
glass chips will damage the knives used in ultramicrotomy.

4. Acetonitrile can be used instead of propylene oxide due to
carcinogenic nature of propylene oxide.

5. Do not shake the tube containing the resin components too
vigorously or bubbles will be introduced that will interfere with
the embedding. The few bubbles that form during the inver-
sion process will rise to the surface and not pose a problem.

6. The Reynolds’ lead citrate will react with carbon dioxide in the
air to form a lead carbonate precipitate, so it must be stored in a
tightly sealed volumetric flask.

7. It is important to note that for high-pressure freezing methods
to work most effectively, the high-pressure frozen material
should be removed from the freezer specimen cups before
resin infiltration.

8. While using cryotubes with O-ring seal, it is a good idea to do a
test run on the cryovials filled with acetone only to make sure
they do not leak before using them with fixatives.

9. Liquid nitrogen expands about 700-fold in going from the
liquid to gaseous state. Even a small amount of liquid sealed
in a cryotube could cause it to explode. It is imperative that
liquid nitrogen is not sealed in a cryotube.
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10. It is best to have the lids of the cryotubes at room temperature
just before putting them on, so the O-ring is pliable and gives a
good seal.

11. The DAB solution must be made fresh and should be pre-
chilled. The low temperature maintains high oxygen con-
tent and supports effective and specific DAB
polymerization.
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